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ABSTRACT

Enrichment cultures of microorganisms separated

from soil contaminated with pentachlorophenol and creosote

were able to grow on and degrade phenol (300 mg

2-chlorophenol (100 mg L-1 ), or 4-chlorophenol (100 mg L -1 )

when added as the sole carbon source, but were unable to

degrade 3-chlorophenol (100 mg L-1 ) even after more than

127 days of incubation. Phenol biodegradation by

enrichment cultures was completely inhibited by

temperatures at or above 37 °C or phenol concentrations

greater than 1,200 mg L -1 . Phenol degradation rates were

reduced in the absence of an inorganic nitrogen source.

Two species of gram-negative bacterial isolates

from this soil degraded 300 mg L -1 phenol in three to

twelve days. A yeast isolate degraded 300 mg L-1 phenol

more quickly, in one to three days. No isolates were found

that degraded any of the chlorinated compounds. Phenol

biodegradation by the yeast was completely inhibited by

substrate concentrations greater than 1,000 mg L-1 ; it was

partly inhibited by low dissolved-oxygen concentrations,

substrate concentrations greater than 500 mg L -1 , and the

presence of alternative carbon sources such as acetate or

glucose. Acetate also inhibited yeast growth in the

presence of phenol, while glucose stimulated it. The

addition of yeast extract or thiamin stimulated yeast
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growth and phenol degradation by the yeast. In enrichment

cultures, growth factors were provided to yeast by other

microorganisms.

Maximum rates of phenol degradation by yeast and

enrichment cultures were comparable, often greater than 300

mg L -1 phenol per day. Doubling times for yeast growing on

phenol were generally from three to five hours. The rapid

rates of growth and phenol degradation by isolates and

enrichments suggest that biodegradation of phenol in the

subsurface should not be substrate limited. Rather the

transport of dissolved oxygen by advection/dispersion or

vertical diffusion should limit phenol degradation by

aerobic metabolic pathways in groundwater.
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CHAPTER 1

INTRODUCTION

Problem Statement 

In the United States, over 40 percent of all

households use groundwater as their supply of drinking

water, while approximately 25 percent of fresh water for

all purposes consists of groundwater (Council on

Environmental Quality, 1984). It has been estimated that

one to two percent of the nation's groundwater has been

contaminated, much of which is concentrated in heavily

populated areas. Yet, nearly every case of groundwater

contamination reported has resulted from the detection of

contaminated water in a water-supply well. The actual

extent of groundwater contamination is probably much

larger.

The recommended concentration limit of phenol

for drinking water is 1 pg L -1 . Although enacted primarily

for considerations of taste and aesthetics, phenol and its

chlorinated derivatives are highly toxic to humans and

other forms of life. Symptoms of human phenol toxicity

include nausea, vomiting, circulatory collapse, tachypnea,

paralysis, convulsions, coma, greenish or smokey colored

urine, necrosis of the mouth and gastrointestinal tract,

icterus, death from respiratory failure or from cardiac
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arrest (Windholz et al., 1983). Phenol is also rapidly

absorbed through the skin.

Aromatic compounds are common in nature

(Gibson, 1984) and they result from the decomposition of

compounds such as lignin, amino acids, pigments and

specialized electron carriers (Horowitz et al., 1982).

Phenols are an important class of these aromatic compounds,

and are produced naturally by fermentation of the amino

acid, tyrosine (Tarvin and Buswell, 1934), and the

biologically mediated monooxygenation of benzene (Patel et

al., 1982; Haber et al., 1983).	 However, the

concentration of such naturally-occurring phenols is

generally at concentrations much smaller than 10 mg L -1

(Stratton et al., 1983).

The principal source of water pollution by phenol

and monochlorophenols is industrial-waste discharge

(Krijgsheld and van der Gen, 1986), and it has been stated

that the most common aromatic compound in industrial wastes

is phenol (McKinney et al., 1956). Numerous chlorinated

aromatic compounds are released into the environment as

lubricants, solvents, insulation and hydraulic fluids,

biocides and synthetic waste products (Dorn and Knackmuss,

1978). Phenols constitute a major fraction of coal tar

(Godsy et al., 1983), and instances of groundwater

contamination with up to 30 mg/1 total phenols resulting

from the activities of coal-tar distillation and wood
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treatment plants have been reported (Ehrlich et al., 1982).

Phenols and their chlorinated products have been reported

as constituents of bleaching effluent of paper mills and

textile plants (Krijgsheld and van der Gen, 1986).

Chlorinated aromatic compounds have been widely

used as biocides in agriculture, and phenols may occur as

constituents, impurities, or degradation products of these

compounds. For example, phenols and catechols occur as

intermediates in the degradation of phenoxyacetates (Loos

et al., 1967), which have been applied widely as biocides.

In numerous cases microbiological processes have

been found to convert toxic organic compounds to more

harmless forms, biomass, or methane, carbon dioxide and

water. The biological removal of toxic organics from the

subsurface is not unknown. Microbial activity has been

implicated in the reduction of groundwater contamination by

phenolics and creosote resulting from the activities of a

coal-tar distillation plant in Minnesota (Ehrlich et al.,

1982). This points to the possibility of cleaning up

phenol- and chlorophenol-contaminated aquifers by

stimulating the biodegradation of contaminants by

indigenous microorganisms or by introducing microorganisms

capable of degrading these compounds. It is this

possibility that provided the motivation for this study.
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Research Objectives 

The purpose of this research is to increase our

understanding of phenol and chlorinated-phenol

biodegradation. A first step is to determine rates and

extent of microbial degradation of these compounds. The

relative importance of biotic versus abiotic (sorption,

volatilization, degradation, etc.) processes in controlling

the fate of phenols can then be assessed. Specific

objectives for this study are:

1. Using soil samples from sites contaminated with

phenols, enrich for and isolate microorganisms capable of

degrading phenol and chlorophenols.

2. Characterize growth and substrate-use kinetics

for isolates and mixed cultures.

3. Determine nutrient and environmental

requirements for phenol degraders in pure and mixed

cultures.

4. Describe the ecology of phenol-degrading mixed

cultures.

Three basic approaches have generally been used in

determining the biodegradability of xenobiotic compounds

(Payne et al., 1970): 1) use of commonly stocked

microorganisms, 2) addition of the compounds to soil in

columns or flasks, and 3) enrichment of environmental

samples and isolation of microorganisms capable of

degrading the compounds of interest.
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The second approach was chosen for use in this

study because it allows the use of simple, well-

characterized and easily manipulated systems. It also uses

microorganisms and experimental conditions taken from the

environment of interest. Further, this approach is

commonly reported in the literature, thus providing a means

of comparing results with the work of others (Kramer and

Doetsch, 1950; Tabak et al., 1964; Hashimoto, 1970;

Chambers et al., 1963; Varga and Neujahr, 1970).

It was decided to use mixed cultures as well as

pure cultures because pure-culture work cannot be as easily

related to events in the environment (Atlas and Bartha,

1981). Mixed cultures often differ from pure cultures in

having higher degradation rates, greater resistance to

toxicity, and crossfeeding (Bull, 1980).

Batch rather than continuous cultures were chosen

to permit studying a larger range of conditions. Also,

batch systems model microbial ecosystems that receive high

inputs of organic matter, such as will occur in a

contamination event (Atlas and Bartha, 1981).

Single rather than multiple substrates were used

because: 1) multiple degradation products would interfere

with analyses for compound disappearance, and 2) population

growth and substrate disappearance can easily be correlated

only when single substrates are used.
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Relatively high substrate concentrations,

approximately 300 mg L -1 phenol and 100 mg L -1

chlorophenols, were chosen to mimic conditions near a

contaminant source; studies using similar concentrations

of those compounds are also available in the literature

(Pawlowsky and Howel, 1973b; Chambers et al., 1963;

Hashimoto, 1970; Hashimoto, 1973; Tabak et al., 1964;

Kramer and Doetsch, 1950; Czekalowski and Skarzinski,

1948). High substrate concentrations also provide a high

degree of selection pressure for microorganisms able to

tolerate and/or metabolize phenols.

Properties of Phenol and Chlorophenols 

All four compounds of interest (phenol, 2-, 3-, and

4-chlorophenols) are water soluble (Table 1). The high pK a

values of these phenols indicate that the undissociated

compounds are the dominant form in most natural waters.

Octanol/water partition coefficients (Kow ) suggest that

these compounds should partition out of the aqueous phase

and into the organic phase of soil.

Processes affecting the fate of phenol and

chlorophenols in groundwater, are sorption/desorption,

volatilization/dissolution, and biotic and abiotic

transformations. Sorption of hydrophobic organics

(including phenols) is controlled by the organic fraction

of an aquifer or soil when the organic-matter content



Table 1. Physical Properties of Phenol and
Monochlorophenols

Parameter	 Phenol 2-chloro-
phenol

3-chloro-
phenol

4-chloro-
phenol

Molecular Wt	 94.1 128.6 128.6 128.6

Physical State	 (25 °C)	 Solid Liquid Solid Solid

Color b 	White Colorless White White

Melting Point	 (oc)b 	43 9.3 33 43

Boiling Point	 (oc)b 	181.9 175 214 217

Density g cm-3 b 	1.071 1.257 1.245 1.306

Vapor Pressure	 (mm Hg)	 0.569c 1.42d 0.12c 0.10c
(25 °C)

KH	 (M atm-1 ) f 	1160 120 1280 1600

Water Solubility e 	82.0
(at	 20 0C,	 g L -1- )

28.5 26 27.1

Log Octanol-Water	 1.46 2.15 2.50 2.39
Partition Coefficients a

pKab 	10.0 8.48 9.02 9.38

	

a Ref:	 (Banerjee et al., 1984)

	Ref:	 (Krijgsheld and van der Gen, 1986)

	

Ref:	 (Cain, 1982) Method 1

	d Ref:	 (Cain, 1982) Method 2

	Ref:	 (Verschueren, 1983)

Calculated as aqueous solubility/vapor pressure.

21
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exceeds 0.1 percent (Chiou et al., 1983; Chiou et al.,

1979; Karickhoff, 1981; Karickhoff et al., 1979; Means et

al., 1980; Schwarzenbach and Westall, 1981). The dominant

sorption process is then partitioning, analogous to

partitioning of an organic compound between two bulk phases

such as octanol and water. A strong linear correlation

between log K ow 's and log K p 's (normalized for mass

fraction organic carbon in the sorbent) has been observed

and used in sorption models for a wide variety of

hydrophobic organic compounds (Table 2).

For example, the partitioning of five chlorophenols

and three chlorophenoxyphenols in groundwater at a waste-

disposal site in Oregon (Johnson et al.,1985) was described

using a model like that of Table 2.

In another study, phenol sorption onto a fine-

textured soil with a low organic matter content was

described by a Freundlich isotherm (S=KCa , where K and a

are parameters) for concentrations from a few mg L -1 to

-1approximately 100 mg L	 (Artiola-Fortuny and Fuller,

1982a). Soil pH and percent iron oxides were the most

important predictors of phenol sorption, with sorption

increasing with increasing values of those parameters.

In some cases, sorption was not found to be

significant for phenols. Rapid breakthrough of phenols was

observed in 10-cm columns of clay-rich soils, particularly

at low pH's and high total-organic-carbon contents (TOC)
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Table 2. Model Describing Sorption of Phenols to Aquifer
Mater i a l s a

Model:

S = Kp C	 (1)

log Kp = a log K ow + b + log(2)foc

Notation:

S: Sorbed concentration of phenol, ug g -1

C: Aqueous concentration of phenol, ug cm -3

Kp: Partition coefficient, cm3 g -1

foc: Mass fraction of organic carbon in sorbent

b,a: Empirical coefficients

Assumptions 

I < 10 -3 M; I = ionic strength of solution.

foc > 0.001

pH < pKa; le, phenolate sorption not important b

a ref: (Karickhoff et al., 1979; Karickhoff, 1981; Means et
al., 1980; Schwarzenbach and Westall, 1981).

b ref: (Schellenberg et al., 1984)
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(Artiola-Fortuny and Fuller, 1982b). The latter two

parameters refer to values measured in the mobile liquid

phase. In a sand aquifer underlying a wood-treatment-plant

site near Pensacola, Florida, sorption of phenols was also

not significant (Goerlitz et al., 1985). Similarly,

sorption was found to be unimportant for phenolic compounds

in groundwater beneath a coal-tar-distillation plant in

Minnesota (Ehrlich et al., 1982). In general, however,

field data describing the fate of phenols in the subsurface

are scarce.

Although photooxidation of phenols has been

reported, it is not likely to be important in the

subsurface, where light does not penetrate. The auto-

oxidation of phenols is a well-known phenomenon, however

(Baker and Mayfield, 1980), and it has been demonstrated

that its occurrence is catalyzed by silica and clay

surfaces, as well as by the presence of various metal ions

(Krijgsheld and van der Gen, 1986). The rapid non-

biological oxidation of phenol and ortho-substituted

chlorophenols has been reported for sterile silica sand

(Baker and Mayfield, 1980). However, no reports of

nonbiological chlorophenol oxidation in the environment are

available, so its significance is as yet undetermined.

There is almost no information in the literature

dealing with the volatilization and subsequent gaseous

transport of phenol and its chlorinated isomers in the
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subsurface. However, examination of the Henry's Law

coefficients for phenol and the chlorophenols (Table 1)

shows that partitioning into the aqueous phase is favored.

Estimated nondimensional liquid/gas partitioning

coefficients vary from approximately 3 x 10 3 (2-

chloropheno1) to 4 x 10 4 (4-chlorophenol). This indicates

that, at a soil-water content of 1 percent of saturation,

greater than 95 percent of the phenols remain in the liquid

phase, suggesting that vapor transport is generally

unimportant in the vadose zone relative to aqueous

transport. Under near-saturated to saturated conditions,

where most pores are water filled, gaseous transport is

even less important.

Microbial Degradation of Phenols 

General Observations

The major process for eliminating chlorophenols

from the environment is biotransformation by microorganisms

in soil and water (Krijgsheld and van der Gen, 1986).

Since the discovery in 1903 and 1908 that bacteria degrade

aromatic compounds (Rogoff, 1961; McKinney et al., 1956),

there has been a proliferation of biodegradation studies.

The majority involved work with pure cultures of bacteria,

with fewer studies dealing with yeasts and mycelial fungi.

Early work (Mohlman, 1929) documented the

degradation of up to 30-40 mg L -1 phenol in industrial-
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waste effluent in an activated-sludge process. Organisms

involved were thought to be obligate aerobes. Bacteria in

phenol-acclimated sludges were found to be capable of using

a variety of substrates, including pentose and hexose

sugars, simple aliphatic compounds, at least 13 amino

acids, cresols, several dimethylphenols, benzoic acid and

benzyl alcohol (McKinney et al., 1956). The total removal

-1of 212 mg L	 phenol by a trickling-filter process in 3 to

5 days after acclimation was also reported (Hamdy et al.,

1954). A species of Pseudomonas from this trickling

filter was isolated on 0.01 M phenol as the sole source of

carbon and energy; it was also able to use resorcinol,

cyclohexanol, benzoic acid, phenylacetic acid, salicylic

acid and glucose at concentrations of 0.01 M (Hamdy et al.,

1955).

The ability of microorganisms in soil to degrade

phenol was documented in 1921 (Sen-Gupta, 1921). Microbial

communities in 100-g soil samples could degrade

approximately 48 mg phenol in four days. Two unidentified

bacteria able to degrade the compound were isolated on a

liquid medium containing mineral salts and phenol.

Five strains of Achromobacter from a heavily

composted garden soil were able to grow on phenol at 1,000

mg L -1 (Czekalowski and Skarzinski, 1948); degradation

rates were not reported. In another study, mixed cultures

of bacteria from soil and compost that rapidly degraded
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phenol were dominated by pseudomonads (Chambers et al.,

1963). Their cultures also degraded mono-, di- and

trichlorophenols. In another study, bacteria isolated from

garden soil, compost, river mud and sediment from a waste

petroleum-refinery lagoon could degrade phenol, hydroxy

phenols, nitrophenols, chlorophenols, and methylphenols at

concentrations up to 500 mg L-1 (Tabak et al., 1964). In

another instance, 14 gram-negative bacteria were isolated

from soils on phenol (Kramer and Doetsch, 1950), and were

able to use 18 compounds for growth, most of which were

aromatic. More recently, a total of 13 microorganisms --

including six bacteria, three yeasts and four mycelial

fungi -- were isolated from soil and found capable of

growing on phenol (Varga and Neujahr, 1970). Washed cells

of most of the strains accumulated unidentified colored

metabolic products when incubated with phenol or catechol.

According to an extensive review by Kobayashi and

Rittmann (1982), bacteria capable of degrading phenol

include species of Pseudomonas, Vibrio, Spirillum, 

Flavobacterium, Chromobacter, Bacillus, and

Corynebacterium. Species of Achromobacter (Lynn and

Powers, 1955), Alcaligenes (Knackmuss and Hellwig, 1978)

and Xanthomonas (Chambers and Kabler, 1964) have also been

shown to degrade various phenolic compounds. Members of

the actinomycete genus, Nocardia, have also been found to
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degrade phenol (Kobayashi and Rittman, 1982; Pelczar and

Reid, 1972).

Table 3 lists bacteria and actinomycetes,

identified at least to the genus level, capable of

degrading phenol or one or more chlorophenols. Pseudomonas 

species are clearly the most versatile of phenol degraders

in terms of their ability to use a wide variety of

substrates. Although Table 3 does not provide a complete

list of substrates used by individual microorganisms, it

does indicate the wide variety of phenolic compounds used

by various species of Pseudomonas. 

Chu and Kirsch (1973) reported that an unidentified

gram-variable bacillus isolated on pentachlorophenol was

found to degrade several multi-halogenated phenols; it was

unable to degrade phenol, and it degraded monochlorophenols

only to a limited extent.

The majority of studies concerned with the

metabolism of phenols and related compounds were conducted

under aerobic conditions. It was stated that aromatic-

compound biodegradation requires either the presence of

oxygen or an oxygen-containing substituent on the substrate

(Bouwer and McCarty, 1983). This assumption was based on

what was known concerning the mechanism of ring cleavage in

aromatic compounds, which generally requires the presence

of two oxygen atoms on the aromatic ring ortho to each

other.



phenol; 2-,3-,4-	 (Knackmuss and
chlorophenols, several	 Hellwig,
dichlorophenols	 1978)

phenol, benzoate

phenol

(Schwein and
Schmidt,
1972)

(Jones et al.,
1973)
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Table 3. Bacteria and Actinomycetes Degrading Phenol or
One or More Chlorophenols

Microorganism
	

Compounds
	

Ref.

(Chambers and
Kabler,
1964;
Czekalowski
and
Skarzinski,
1948)

Achromobacter spp. 	phenol, cresols,
methyl phenols

Alcaligenes spp.

Bacterium sp.

Brevibacterium sp. 	phenol;
p-,m- o-cresols,
p-,m-,o-chlorophenols
p-,m-,o-aminophenols

(Nakagawa and
Takeda,
1962)

Flavobacterium spp. phenol,	 (Chambers and
dihydriciphenols,	 Kabler,
cresols, methylphenols 	 1964)

Nocardia sp. 

Pseudomonas 
cepacia 

pentachlorophenol

phenol

pentachlorophenol,
tetra-, tri-, and
dichlorophenols

(Brown et al.,
1986)

(Pelczar and
Reid, 1972)

(Ghosal et al.,
1985)
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Table 3. Bacteria and actinomycetes degrading phenol or
one or more chlorophenols (Continued)

Microorganism
	

Compounds	 Ref.

Pseudomonas 
cepacia 

pentachlorophenol,	 (Karns et al.,
tetra-, di-, and	 1983)
dichlorophenols
2,4,5-trichloro-
phenoxyacetic acid,
bromo- and fluorophenols

Pseudomonas 
putida 

Pseudomonas spp.

phenol, toluene,
cresols, benzene,
3-, 4-methylcatechol

(Gibson et al.,
1968)

phenol, resorcinol,	 (Hamdy et al.,
m-cresol, benzoic acid,	 1955)
cyclohexanol

phenol, 2-,3-,	 (Knackmuss and
4-chlorophenols	 Hellwig,
several dichlorophenols	 1978)

4-chlorophenol,	 (Schwein and
3-chlorobenzoate
	

Schmidt,
1972)

pentachlorophenol	 (Trevors, 1982)

2-,4-dichlorophenol,	 (Tyler and Finn
2-,4-dichloro-	 1974)
phenoxyacetic acid

Streptomyces sp. 	phenol	 (Antai and
Crawford,
1983)

Vibrio sp. 	phenol	 (Kramer and
Doetsch,
1950)

Xanthomonas sp. 	phenol, cresols,	 (Chambers and
methylphenols	 Kabler,

1964)
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Only recently has significant effort been expended

on the study of anaerobic decomposition of aromatic

compounds. Healy and Young (1979) reported the complete

mineralization of phenol and ten simple aromatic compounds

to carbon dioxide and methane under strict anaerobic

conditions. Catechol was the most persistent of the

compounds, requiring 21 days before degradation began. The

stoichiometric conversion of phenol, benzoate and p-cresol

to carbon dioxide and methane was also reported (Dwyer et

al., 1986). These workers found that three types of

bacteria dominated their phenol-degrading, methanogenic

consortium, including a Methanothrix-like bacterium, a

hydrogen-gas-using, fluorescing, rod-shaped methanogen, and

an oval-shaped, gram-negative phenol metabolizer. Complete

inhibition of phenol degradation by this consortium did not

occur at phenol concentrations below approximately 2,000 mg

L - 1 , although degradation rates decreased above 500 mg L -1 .

Gibson and Suflita (1986) reported on the anoxic

degradation of phenol and benzoate by microorganisms

obtained from sewage sludge from an anaerobic digester,

pond sediment and a shallow aquifer. They also reported

the dehalogenation of all three monochlorophenols, 2,4-,

2,5-, and 3,4-dichlorophenols and 2,4,5-trichlorophenol

under methanogenic and sulfate-reducing conditions in

aquifers. Their pond-sediment cultures degraded nearly 300

to 500 pM of these seven compounds after incubation for
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three months. Degradation appeared to be complete,

although metabolic products containing fewer attached

chlorines than original substrates, including phenol and

chlorinated phenols, were initially detected.

Yeasts capable of degrading phenol(s) have also

been isolated and identified (Table 4). Members of Oospora 

and Pullularia have been reported to use phenols, though

slowly (Neujahr and Varga, 1970).

A yeast isolated from activated sludge, Candida 

tropicalis, was capable of growing to cell densities of 9 x

10 6 cells mL -1 after four days incubation with phenol as

the sole source of carbon and energy (Hashimoto, 1970). It

was found to metabolize catechol, and 3- and

4-methylcatechols as sole carbon sources. The yeast was

unable to use any of the cresols, and it grew more

extensively on phenol than it did on glucose (Hashimoto,

1973).

The two yeasts, Candida tropicalis and Trichosporon 

cutaneum, have been isolated both from sewage sludges

adapted to phenol and catechol (Rao and Bhat, 1971) and

from soil (Neujahr et al., 1974; Neujahr and Varga, 1970).

Both species were able to use a variety of aromatic

compounds (Table 4).

There are few data available pertaining to

biodegradation of phenols in groundwater. The

disappearance of phenolic compounds contaminating a shallow
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Table 4. Yeasts Degrading Phenol or One or More
Chlorophenols

Microorganism	 Compounds
	 Ref.

Saccharomyces 
cerevisiae 

phenol ,catechol

phenol, catechol
3-,4-methylcatechols,
cresols

13 phenols including
o-,m-,p-chlorophenols

phenol, fluoro-,
nitro-,short-chained
alkylphenols

phenol, catechol

phenol, catechol

phenol, catechol,
monofluorophenols

(Harris and
Ricketts,
1962)

(Hashimoto,
1973)

(Krug and
Straube,
1986)

(Neujahr et
al., 1974)

(Harris and
Ricketts,
1962; Wase
and Hough,
1966)

(Harris and
Ricketts,
1962)

(Harrris and
Ricketts,
1962)

(Gaal and
Neu jahr,
1979)

Candida 
tropicalis 

Debaromyces sp. 

Trichosporon 
cutaneum

Pichia	phenol, catechol
membranaefaciens 

phenol, catechol,	 (Rao and Bhat,
cresols, o-aminophenol,	 1971)
p-nitrophenol
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aquifer at St. Louis Park, Minnesota, was highly correlated

with the occurrence of methane in the field (Ehrlich et

al., 1982; Godsy et al., 1983). These workers were able to

isolate 36 species of bacteria from groundwater sampled

from three wells at the site. All 36 were able to use

phenol as a sole source of carbon and energy under aerobic

conditions, while only one bacterium, a Pseudomonas 

stutzeri strain, was able to degrade that compound under

denitrifying conditions. The methanogenic degradation of

phenols was not investigated in this study, even though

phenol disappearance correlated with high methane

concentrations (Ehrlich et al., 1982).

Biotransformation appeared to be responsible for

the disappearance of phenol, ethyl- and methylphenols in a

sandy aquifer contaminated with wood-treatment chemicals at

Pensacola, Florida (Goerlitz et al., 1985). Up to 39 mg

L-1 methane was found dissolved in groundwater, indicating

methanogenic conditions.

Aerobic Catabolic Pathways

In general, oxygen is required for aromatic ring

cleavage (Evans, 1963; Rogoff, 1961). This process,

oxygenative ring cleavage, appears to be a capability of

all aerobic microorganisms (Evans, 1977). Aromatic

substrates are converted to ortho or para dihydroxy

derivatives prior to ring cleavage. The ortho
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hydroxylating step for phenols results in the production of

corresponding catechols. In an early work, catechol was

isolated from a culture of Vibrio growing on phenol (Evans

and Smith, 1951).

A bacterial phenol-hydroxylase enzyme was obtained

and purified from a soil-isolated bacterium, Brevibacterium

fuscum (Nakagawa and Takeda, 1962). This enzyme has a

broad substrate specificity, as it could also hydroxylate

the three cresols, all three aminophenols, orcinol,

phloroglucinol, 2-amino-m-cresol and P-napthol. Such

broad substrate specificity is not an unusual property of

phenol-hydroxylase enzymes. This particular phenol

hydroxylase requires the presence of cupric ions and two

atoms of oxygen per molecule of phenol hydroxylated. In

general, hydroxylating enzymes are inducible (Evans, 1963).

Similar phenol-hydroxylase activity has been

reported for the actinomycete, Streptomyces setonii (Antai

and Crawford, 1983), and the yeasts Trichosporon cutaneum

(Gaal and Neujahr, 1979; Neujahr and Varga, 1970; Neujahr

and Kjellen, 1978) and Candida tropicalis (Krug and

Straube, 1986; Neujahr and Kjellen, 1978). Yeast-phenol-

hydroxylase enzymes from both Trichosporon and Candida 

species also have broad substrate specificity, including

activity with respect to phenol, catechol, resorcinol, the

three monofluorophenols, m- and p-chlorophenols, and the

three methylphenols (Neujahr and Kjellen, 1978). The
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enzyme from Candida tropicalis was found to hydroxylate 16

out of 24 phenols tested (Krug and Straube, 1986).

The next step in phenol degradation following the

formation of the corresponding catechol is ring cleavage to

form cis,cis-muconate (Evans and Smith, 1951; Rogoff,

1961). This intermediate was produced as a result of

phenol metabolism in 12 out of 13 microorganisms isolated

from soil, including five bacteria, three yeasts and four

mycelial fungi (Varga and Nejuahr, 1970).

In the yeast Candida tropicalis, it was found that

the enzyme catalyzing the ring-cleavage step from catechol

to muconate, catechol-1,2-oxygenase, had a narrow substrate

specificity. It was able to cleave only catechol,

4-methylcatechol, and 3- and 4-chlorocatechols (Krug and

Straube, 1986). This finding suggests that degradation of

many phenols will stop after the hydroxylation stage, and

that products of the initial step in the pathway will build

up in culture media or in the environment unless other

organisms are present that can degrade them.

Several microorganisms, such as the yeast

Rhodotorula mucilaginosa, are unable to degrade catechol or

its usual precedessors (Cook and Cain, 1974). In these

cases, biodegradation of aromatic compounds proceeds

through protocatechuate, rather than through catechol. The

protocatechuate pathway is used by both bacteria and fungi

(Cain et al., 1968).
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Following the formation of cis,cis-muconic acid in

the major catabolic pathway for phenol is the production of

-ketoadipate, primarily through a muconolactone (Evans and

Smith, 1951). The lactonization step involving

protocatechuate differs between the bacteria and the fungi

studied thus far (Cain et al., 1968). Bacteria use 'ortho'

cleavage lactonization to form a g-carboxymuconolactone,

while yeast produce the 7-isomer.

The set of metabolic steps in going from cis,cis-

muconic acid to g-ketoadipate does not require additional

oxygen. Two moles of oxygen are required to produce one

mole of ketoadipate from one mole of phenol or resorcinol

(Gaal and Neujahr, 1979). The oxygen is required for the

initial hydroxylation steps mentioned earlier.

The final step in phenolic metabolism involves the

cleavage of g-ketoadipate to form succinate and acetate

(Rogoff, 1961). Formate may also be a product of

g-ketoadipate metabolism (Evans and Smith, 1951). All

three of these compounds rapidly enter the major metabolic

pathways.

Reports of the fate of aryl halides in chlorinated-

aromatic metabolism under aerobic conditions have not been

consistent. Some workers have indicated that halides are

always eliminated after rings are cleaved, probably by a

nonenzymatic reaction (Dorn and Knackmuss, 1978). Data

supporting this observation include the production of



38

chlorocatechols from chlorophenols (Knackmus and Hellwig,

1978). Evans (1963) observed that chloro substituents are

removed only when required for the introduction of

hydroxyls necessary for subsequent ring fission; this

suggests a removal of aryl halides prior to loss of

aromaticity. The loss has been confirmed with the

observation that 3-hydroxybenzoic and 2,5-dihydroxybenzoic

acids are produced in the metabolism of 3-chlorobenzoic

acid by a Pseudomonad (Johnston et al., 1972).

Anaerobic Catabolic Pathways

Much less is known about anaerobic breakdown of

aromatic compounds than about aerobic pathways. Anaerobic

metabolism of aromatics can occur as a result of

photometabolism (Arthiorhodaceae), nitrate respiration

(Pseudomonas and Moraxella sp.) methanogenic fermentation

(Evans, 1977) and sulfate reduction (Gibson and Suflita,

1986).

A strain of Pseudomonas stutzeri isolated from

contaminated groundwater used phenol as an electron donor

in the respiration of nitrate (Ehrlich et al., 1983). The

degradation pathway was not worked out in that case. In

another study, a mixed culture involving a gram-negative

bacterium and a spirillum degraded phenol by way of

cyclohexanone and n-caproate, followed by 0-oxidation to
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cell metabolites, with the concomitant reduction of nitrate

(Evans, 1977).

There is more information dealing with the

methanogenic degradation of phenol, which in general

requires more than one bacterial species (Dwyer et al.,

1986; Godsy et al., 1983). The stoichiometric conversion

of phenol to CH 4 and CO 2 by a consortium involving three

bacterial morphotypes has been reported (Dwyer et al.,

1986). Specific intermediates in the methanogenic

degradation of phenol apparently have not been identified.

Under anaerobic conditions, halogenated aromatic

compounds may undergo reductive dehalogenation (Suflita et

al., 1982), with the concomitant release of halide ions

into solution. This anaerobic process apparently does not

occur in the absence of microbial activity (Boyd, 1987).

For example, phenol and less-chlorinated phenols were

detected as transient degradation products for di- and

trichlorophenols (Gibson and Suflita, 1986). In the

reductive dechlorination of pentachlorophenol (PCP),

phenols with fewer attached chlorines accumulate

temporarily. After most of the PCP is dechlorinated, the

accumulated phenols undergo dechlorination until all

chlorinated phenols disappear (Mikesell and Boyd, 1986).
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Effect of Chemical Structure

The chemical structure of aromatic substrates is a

major determinant of biodegradability. Degrees and rates

of aromatic-compound biodegradation have been correlated

with the position of substituents on the benzene ring,

multiples of same or different substitutents, and size and

complexity of substituents (Chambers and Kabler., 1964).

The degradability of aromatic compounds by phenol-

using bacteria was decreased by the occurrence of saturated

rings, diphenyls, phenolic compounds with chloro-, nitro-,

or amino- groups attached to rings, and increasing number

of substituents (Kramer and Doetsch, 1950).

Among 104 different compounds tested for their

relative biodegradability by bacterial cultures,

halophenols were among the most resistant (Chambers and

Kabler, 1964). The most-easily degraded compounds in the

group were dihydricyphenols, benzoic acids, benzaldehydes,

cresols and methylphenols.

Among halogenated phenols, it has been reported

that iodinated compounds are more resistant to

biodegradation than are brominated and chlorinated ones

under aerobic conditions (Karns et al., 1983). One study

found that there was no significant difference between

brominated- and chlorinated-phenol degradation under

aerobic conditions by a pentachlorophenol-isolated bacillus

(Chu and Kirsch, 1973), while another study indicated that
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pentabromophenol was more-rapidly degraded than its

chlorinated analogue under anaerobic conditions (Mikesell

and Boyd, 1986). These two authors also found that their

bacteria grew to a greater extent on dihydroxy phenols

substituted at the ortho position as opposed to the meta

and para positions.

The effect of chloro-substituent position on the

relative ease of aerobic biodegradability of

monochlorinated phenols has been studied. The ortho-

subtituted chlorophenol is often considered the most easily

degraded, while meta-chlorophenol is the least readily

metabolized isomer (Krijgsheld and van der Gen, 1986).

Another study found that the ortho and para substituted

phenols were easily degraded, while meta substituted

compounds were more resistant (Chu and Kirsch, 1973). A

third study, however, found that degradation rates were

independent of substituent position (Banerjee et al.,

1984).

The effect of number of aryl halogens on ease of

phenol degradation depended on whether the environment was

aerobic or anaerobic. Under aerobic conditions, increasing

the number of chlorines on the ring decreased

biodegradation rates (Banerjee et al., 1984). More highly

chlorinated compounds were more easily degraded

(dechlorinated) under anoxic conditions (Boyd, 1987).
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It was also found that relative lipophilicity or

polarity of compounds had opposite effects, depending on

whether the environment or culture was aerobic or anoxic.

Under aerobic conditions, more polar compounds were more

easily degraded (Banerjee et al., 1984) while more

lipophilic compounds were more easily dechlorinated under

anaerobic conditions (Boyd, 1987). However, lipophilicity

may not have been the property responsible for the observed

relative ease or difficulty of biodegradation for

particular compounds. Rather, properties such as the

number and positions of aryl chlorines may have been more

important, as well as the occurrence or absence of

substituent groups (hydroxyl, carboxyl) that render

compounds more susceptible to the action of particular

degradative enzymes.

In developing a rule of thumb for predicting the

ability of a particular microbial culture to degrade a

given compound, consideration of its substrate-exposure

history is important. A high degree of similarity appears

to exist among the chemical structures of substrates to

which microorganisms are simultaneously adapted.

Simultaneous adaptation refers to the phenomenon by which

microorganisms develop the ability to use more than one

compound of similar structure, even though they were

exposed to only one. For example, microorganisms

acclimated to p-hydroxybenzoic acid were also able to use
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the similar compounds, benzoic acid and phenol (Healy and

Young, 1979). In another example, Pseudomonas cepacia 

exposed to 214,5-trichlorophenoxyacetic acid were able to

degrade nine chlorinated phenols, as well as various bromo-

and fluorophenols.

Nutrient Effect

Nutrient status, for the purpose of this section,

refers to the concentrations of all compounds that may

serve as nutrients for one or more microorganisms in a

culture or envrionment, except the compound of interest.

Examples of nutrients include alternative sources of carbon

and energy; compounds supplying such inorganic

macronutrients as nitrogen, phosphorous or calcium;

compounds supplying nutrients required in only trace

amounts such as copper, iron, or molybdenum, and growth

factors.

Growth factors are compounds that are required by

certain microorganisms for growth, but which cannot be

produced by them. Vitamins constitute a class of compounds

which are often growth factors, as are some amino acids

(Mandelstam and McQuillen, 1968). A growth factor may be

an absolute requirement for growth of a particular

organism, or it may stimulate growth, even though growth

may occur in its absence. Growth factors are not used as

sources of carbon and energy, and thus are not substrates.
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Yeast extract addition stimulated dechlorination of

chlorinated phenols under anaerobic conditions (Boyd,

1987). It also stimulated growth and phenol degradation in

cultures of the yeast Trichosporon cutaneum (Neujahr and

Varga, 1970).

In some cases the presence of alternative, easily

used carbon sources stimulated degradation, while in others

the opposite effect was observed. One percent lactose

almost completely prevented the destruction of 212 mg L -1

phenol by a mixed phenol-degrading culture on a trickling

filter (Hamdy et al., 1954). Similarly, Mateles and Chian

(1969) observed triphasic growth when three substrates

(glucose, lactose and acetate) were added together in a

mixed culture containing Pseudomonas sp. and Escherichia 

cou. Glucose was used first, lactose was second and

acetate last. The relative numbers of Pseudomonas and

coliforms changed in response to changing substrate

concentrations.

Mixed cultures, obtained from North Carolina lake

water, were grown in chemostats adapted to increasing

concentrations of amino acids, carbohydrates, or fatty

acids, with a resulting enhancement of their ability to

degrade m-cresol, m-aminophenol and p-chlorophenol at

concentrations at or below 500 pg L-1 (Shimp and Pfaender,

1985). This stimulation of compound degradation was not

strongly correlated with increases in acridine-orange
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direct-microscopic counts, amino-acid-turnover time, most-

probable numbers of degraders or plate counts; no

explanation was offered.

Mixed cultures derived from lake water degraded

phenol more rapidly at higher concentrations of total

organic carbon (TOC), for a given initial phenol

concentration (Rubin and Alexander, 1983). TOC refers to

measured concentrations of naturally-occurring organic

carbon in lake water samples. Individual compounds added

as alternative-carbon sources differed in their effect on

phenol-mineralization rates, however. Arginine stimulated

phenol degradation; adenine and glucose slowed its

disappearance; while propionate totally suppressed it. The

addition of yeast extract also stimulated phenol

metabolism. This suggests that the amino acid arginine may

have served as a growth factor rather than as a source of

carbon and energy, because amino acids are present in yeast

extract in small amounts.

The nature, concentration and availability of

inorganic nutrients also affect degradation rates of

xenobiotic compounds, as they do growth rates and

bioactivity in general (Bunnel et al., 1977; Law et al.,

1976). However, little detailed information specific to

the biodegradation of phenol and chlorinated phenols exists

in the literature.
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Oxygen is an essential nutrient when a biochemical

reaction in a dissimilative biochemical pathway is

obligately aerobic. For example, a mixed culture on a

trickling filter exposed to phenolic wastes was unable to

degrade phenol to a significant extent under anaerobic

conditions, (Hamdy et al., 1954).

Nitrogen is a common limiting nutrient for

microbial growth in natural waters and soil. It was not

surprising, then, when it was observed that reducing the

nitrogen supply in eutrophic-lake-water samples reduced the

measured rate of phenol degradation (Rubin and Alexander,

1983). These authors also observed that mineralization

rates increased when inorganic nutrient solutions

containing several inorganic salts were added to eutrophic-

lake water.

Effect of Solid Surfaces

Mineral surfaces exert an important influence on

subsurface microbiology. It has been assumed that most

subsurface microorganisms are associated with surfaces,

particularly considering the oligotrophic nature of most

groundwaters (Wilson et al., 1986). In such nutrient-poor

environments, microorganisms develop means to more

efficiently scavenge nutrients, and locate themselves near

zones where limiting nutrients accumulate. Surfaces often

provide such zones of accumulation. The presence of solid
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surfaces in dilute aqueous solutions has been observed to

enhance bacterial growth, respiration and oxygen uptake

(Zobell, 1943). A major explanation was that organic

matter sorbed to surfaces, bringing a source of carbon and

energy in close proximity to attached bacteria.

However, the association of subsurface

microorganisms with surfaces does not necessarily indicate

that the microorganisms are immobile. For example, enteric

bacteria were detected at greater than 100 ft below the

surface in an exploratory drilling project (U.S. Department

of Energy, 1986). It was assumed that the bacteria

migrated to the subsurface from a recharge zone that was

laterally separated from the well site. The highest

concentrations of these bacteria were found in the more

transmissive sandy aquifer zones than in clay-rich zones;

and their numbers were greater at intermediate depths than

near the surface.

Significant growth of Escherichia coli on low

concentrations of peptone and glucose (0.5 mg L-1 ) occurred

in the presence but not absence of 4-mm diameter glass

beads (Heukelekian and Heller, 1940). Microbial activity

was correlated with the presence of clays in soils

(Stotzky, 1987), perhaps due to their ability to retain

water. It is known that in unsaturated media, the moisture

content also influences biodegradation (Duffy et al., 1975;

Bunnel et al., 1977). Another explanation for clay
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stimulation was that sorption of extracellular enzymes was

responsible for the metabolism of a xenobiotic (Martin and

Haider, 1971; Bollag and Sarkar, 1987).

In one study, it was found that clay minerals in

suspension may either stimulate or slow the rate of

degradation of benzylamine, depending on the concentration

of the compound in solution (Subba-Rao and Alexander,

1982). In most cases mineralization was inversely related

to the amount of chemical sorbed onto clays. However,

mineralization was observed to increase at the highest

benzylamine concentration used in the experiments,

presumably due to decreased toxicity of the benzylamine

dissolved in the medium by sorption to clays; i.e.,

dissolved concentrations of benzylamine were lower than

' they would have been in the absence of sorption. Ogram et

al. (1985) also found that sorption of pesticides to soils

could either stimulate or inhibit their degradation.

Studies pertaining to the effect of solid surfaces on the

degradation of phenol and chlorophenols have not been

reported.

Microbial Ecology of Aquifers 

In the past it was assumed that microbiological

activity was insignificant in the deeper subsurface

because: 1) a sharp drop in numbers was generally detected

vertically downward through soils; 2) the concentration of
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organic substances in groundwaters was typically low (<1 mg

L -1 ) and thus thought unable to support life; and 3)

groundwater quality was considered to be protected by the

overlying soil profile (Wilson et al., 1983).

Recent information, however, suggests that the

subsurface environment is host to a vital and diverse

microbial community. Diverse microbial communities

described from subsurface environments include sulfate

reducers, denitrifiers, hydrogen bacteria, methane bacteria

and hydrocarbon metabolizers. In a shallow (10 m) aquifer

in northern Germany, a total of 90 morphotypes were found,

including 72 bacteria, ten protozoa and eight fungi.

Flagellates and yeasts were common (Hirsch and Rades-

Rohkol, 1983). Morphotypes were distinguished by features

visible under a phase-contrast microscope, including

microorganism shape, size, surface structures, storage

granules, pigmentation, mode of replication, motility and

aggregation.

A diverse community of microorganisms was also

described in the saturated and unsaturated zones beneath a

rapid-infiltration wastewater system near Fort Polk,

Louisiana (Ghiorse and Balkwill, 1983). The community was

dominated by gram-positive bacteria, but also included a

significant proportion of gram-negative ones. Major

morphologies seen under a transmission electron microscope

included rods, cocci, tapered rods, ovoid and filamentous
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forms, and bacteria with extensive internal membrane

systems. Microorganisms that may have been eukaryotes were

also observed. Such a high diversity of microbes in the

subsurface suggests the existence of a variety of widely

different microhabitats (Hirsch and Rades-Rohkol, 1983).

In a shallow aquifer in Oklahoma, the aquifer

matrix appeared to be dominated by gram-positive cocci,

although other forms were observed. No eukaryotic forms

were observed in samples under an optical microscope.

Microcolonies of bacteria were also observed (Wilson et

al., 1983).

Microbial communities in aquifers appear to be

generally enriched in anaerobic or facultative anaerobic

microorganisms (Hirsch and Rades-Rohkol, 1983; White et

al., 1983; Willis et al., 1975). Many early studies have

reported the culture and subsequent isolation of obligate

aerobes and facultative anaerobes, but this appears to be

at least partly a function of sampling and culturing

methods. Most studies did not make use of anaerobic

culturing techniques. In some wells dissolved oxygen

concentrations were relatively high, as high as 7.4 mg L -1 ,

which may lead to the assumption that aerobic

microorganisms dominate the community (Hirsch and Rades-

Rohkol, 1983); however, it has been held that anaerobic

processes may be important even in generally aerobic

environments (Bull, 1980). Anaerobic microenvironments
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such as the interior of moist soil aggregates occur in

soils even when conditions are generally aerobic.

Total numbers of microorganisms in subsurface

sediment and groundwater samples vary considerably, and are

influenced by sampling, culturing and enumerating methods.

Yet there appears to be a remarkable degree of consistency

among studies using similar enumeration methods. Samples

taken at three depths, including one below the water table

in floodplain deposits of a small stream in Oklahoma

contained similar numbers (3-9 x 10 6 per g dry wt) of total

microbial forms, as counted using epifluorescent microscopy

(Wilson et al., 1983). Approximately 10 6 total microbial

forms per g of sediment were also reported for a shallow

aquifer near Fort Polk, Louisiana (Ghiorse and Balkwill,

1983), using epifluorescent microscopy. Estimates of 10 7

bacteria per g of saturated clay sediment 410 in below the

land surface near Pensacola, Florida, were based on

biochemical analyses (White et al., 1983). At St. Louis

Park, Minnesota, total microbial numbers were similar in

uncontaminated and creosote-contaminated portions of an

aquifer, 10 6 to 10 7 per mL. Aerobes dominated the

populations, although anaerobes, including denitrifiers and

iron reducers, were common (Ehrlich et al., 1983).

In general, numbers of viable microorganisms based

on plate counts are much smaller than total numbers. For

example, the Fort Polk, Louisiana study yielded
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approximately 100 colony-forming units (cfu) per g as

opposed to the 10 6 per g observed microscopically (Ghiorse

and Balkwill, 1983). The workers in that study, however,

believed that actual viable numbers were much higher than

those observed due to the difficulty in creating or

selecting growth media suitable for all types of

microorganisms.

In a study of a deep saline aquifer in Florida, the

range of viable plate counts was small, varying from 60 to

141 cfu L -1 of groundwater. Trypticase agar was the medium

used to enumerate microorganisms in that study, and it was

believed that many viable bacteria in the groundwater,

particularly attached forms, were unable to grow on that

medium (Willis et al., 1975).
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CHAPTER 2

MATERIALS AND METHODS

Soil Samples 

Characteristics

Soil samples were obtained from Dr. Gary D.

McGinnis of the Forest Products Utilization Laboratory,

Mississippi State University, Mississippi. The samples

were taken from a 100-acre wood-treatment plant at Wiggins,

Mississippi. The site has been in use for 15 years, and

the wood preservative used consisted of creosote (40

percent) and pentachlorophenol (60 percent). This site was

selected for use in this study because of the associated

exposure of soils to these compounds over the years.

Samples were sealed and shipped in double plastic bags, and

were stored at 4 °C on arrival. The samples were composites
of Wiggins Mississippi soil from depths of 0 to 6 inches

and 6 to 12 inches below the surface.

Samples of soil were characterized chemically,

physically and microbiologically (Appendix A) by the

Mississippi Forest Products Utilization Laboratory,

Mississippi State University, (G. D. McGinnis, personal

communication).
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Soil Extract

Soil extract (SE) was prepared by combining equal

portions by weight of Wiggins soil and reverse-osmosis

water; and allowing the slurry to settle overnight in a 1L

glass column. Supernatant was then either filtered through

a succession of 0.45 and 0.22 pm Millipore filters or

gently centrifuged (119 x g, 15 min) followed by filtration

through 0.22 pm Millipore filters to remove particles and

to sterilize the medium. Resulting soil extract was

refrigerated at 4 °C until use. Soil extract was diluted
1:10 when added to cultures.

Phenol Degradation -- Confirmation of Biological Activity

Four 250-mL Erlenmeyer flasks containing 45-mL

sterile mineral salts (MS) medium (500 mg L-1 MgSO 4 .7H 2 0;

50 mg L -1 CaC1 2 ; 100 mg L 	and 1000 mg L -1

(NH 4 ) 2 SO 4 in distilled water) and 45-mL sterile water were

inoculated with 10 g Wiggins soil. One culture was gently

boiled for a period of 5 min. A second culture was

autoclaved at 125 °C for 15 min. The third culture was
placed in a water bath and heated at 64 °C for 30 min. The
fourth culture served as an unheated control. Samples were

removed and viable plate counts were made by spreading 0.6

mL from each flask on duplicate R2A plates (Difco). Plates

were incubated at 25 °C for two days and colonies were
counted.
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Phenol was added aseptically to each flask (500 mg

L-1 ). Cultures were aerated by shaking (low speed) at
25 °C. Samples (1 mL) were taken at 0, 1, 3, 17, 46.5, 66,
90 and 119 hr and analyzed for phenol. Blanks contained MS

in 1:10 dilutions of autoclaved Wiggins soil:water.

Media and Cultural Conditions 

Enrichments

Primary enrichment cultures were established in 2-L

Erlenmeyer flasks by adding 30 g wet weight of Wiggin's

soil to 310 mL of MS. Phenol was added, giving a final

concentration of 300 mg L -1 (MSP), unless otherwise stated.
An autoclaved (121 °C, 15 psi, 20 min.) control was also
included. Cultures were aerated by shaking (85 to 100 rpm)

at approximately 25 °C. Phenol was monitored daily and was
added to the initial concentration as needed.

After five phenol additions over a seven-day

incubation period, a 300-mL secondary enrichment was

established by diluting the primary enrichment 1:2 with MSP

and 10 percent SE (MSPSE). Cultures were aerated by

shaking and phenol was analyzed and replenished as

described. A total of 21 serial enrichments were

established over a 160-day period (Appendix B). For

enrichments 7 through 21, the culture volume was reduced to

50 mL and a ratio of inoculum size to medium volume of 1:10

was used.
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Enrichments for the degradation of chlorinated

phenols were similar, except that initial chlorophenol (CP)

concentrations were 100 mg L -1 rather than 300 mg L -1 , due

to the greater toxicity of chlorinated isomers. During the

last six weeks of incubation, 0.01 percent weight to volume

yeast extract (YE) was added in order to stimulate

microbial activity.

Enumeration of phenol degraders and heterotrophs by 

the MPN method. Three replicates of successive 10-fold

dilutions were prepared using 4.5 mL of MSPSE containing

324 mg L -1 phenol (final concentration). Each tube in the

first triplicate set was inoculated with 0.5 mL of growth

from a 6 d secondary enrichment. Each successive

triplicate set of tubes was serially inoculated with 0.5 mL

of material derived from the previous set of tubes. All

tubes were incubated at room temperature. After 1, 2, and

6 days, percent transmittance at 510 nm (Baush and Lomb,

Spectronic 20) was measured. Uninoculated MSPSE was used

as a blank. Phenol concentration was analyzed initially

and after 6 days.

Tubes with percent transmittance readings of less

than 90 at the end of the experiment were scored positive

for total viable heterotrophs. Those tubes containing less

than 275 mg L -1 of phenol at the end of the experiment were

scored positive for phenol degraders. MPN estimates of

total viable heterotrophs and phenol degraders were
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obtained from this data using an MPN table for three-tube

tests by J.C. de Man (1977).

Phenol use and growth rates. A flask containing

48-mL MSP was inoculated with 2.0 mL of phenol enrichment

19, and was aerated by shaking (100 rpm) at 26 °C. Twenty-
two samples were taken during a 75-hr incubation period and

were analyzed for phenol. Growth was analyzed by optical

density (510 nm) and by viable plate counts using the

spread-plate technique with R2A agar (Difco) as the plating

medium. Cultures were incubated at room temperature for at

least 48 hr prior to counting colonies.

Factors affecting phenol degradation. To determine

the effect of aeration on phenol degradation, 5-mL MSPSE

was added to each of four 60-ml glass-stoppered bottles.

Two of the bottles served as uninoculated controls and two

were inoculated with 0.5 mL of a 72-hr tertiary enrichment.

One bottle from each pair was incubated aerobically.

Nitrogen gas was aseptically bubbled through the second

bottle of each pair for three minutes at 1.5 psi. The

bottles were then placed in a one-gallon candle jar and

sealed. All bottles were incubated at room temperature.

After 122 hours, phenol concentrations were determined.

To determine the effect of phenol concentrations on

phenol degradation, MSSE medium (50 mL) and phenol stock

solution were added to each of six sterile 250-ml
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Erlenmeyer flasks to give initial phenol concentrations of

approximately 300, 500, 1000, 2000, and 4700 mg L -1 . Five
flasks were inoculated with 5 mL of a 48-hr quaternary

enrichment culture. The sixth flask, a duplicate 500 mg

L	 initial phenol concentration, served as an uninoculated

control. All six flasks were aerated by shaking (85 rpm)

at room temperature (25 °C) and samples were assayed for
phenol after 0, 5.5, 10.5, 20, 26, and 51 hours. A final

12-day sample was assayed for each of those cultures

-1containing 1000, 2000, and 4700 mg L	 phenol. After 51

hr, R2A plates and MSP plates solidified with 2 percent

agar were streaked with material from each flask and

incubated at room temperature for 6 days.

To determine the effect of temperature on phenol

degradation, twelve 250-mL Erlenmeyer flasks each

containing 25 mL MSP with 275 mg L -1 phenol were
inoculated with 2.5 mL from an enrichment culture. Four of

the flasks, including two uninoculated controls, were

incubated at room temperature, four were incubated at 37 °C,
and four were incubated at 49 °C. Samples (1 mL) were taken
at 0, 24, 48, and 72 hours and assayed for phenol. Air and

water-bath temperatures were measured and did not vary by

more than 1 °C.
To determine the effect of inorganic nutrient

limitation on phenol degradation, ten 250-mL Erlenmeyer

flasks containing 25 mL modified MS medium with 355 mg L-1
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phenol (final concentration) were inoculated with 2.5 mL of

a washed inoculum from enrichment 9 (3-day). The inoculum

was prepared by centrifuging enrichment cultures at 7650 g

for 15 min. The pellet was resuspended in an equal volume

of sterile water. This process was repeated. The MS

medium was modified by deleting one of the four mineral

salts in each of duplicate flasks. A duplicate control

containing all four mineral salts was included. Samples (1

mL) were removed and analyzed for phenol. On two occasions

phenol was replenished to initial concentrations in three

of the flasks. A mineral salt was considered limiting only

if phenol disappearance was significantly slower than for

the control that contained all four mineral salts.

A second, nearly identical experiment was performed

in which equimolar concentrations of potassium and

phosphate were added as potassium chloride and sodium

phosphate, instead of potassium phosphate (dibasic). A

control contained both of thes former salts. Samples were

analyzed as above.

The ability of enrichment cultures to use nitrate

was studied by adding equimolar (7.6 mM) amounts of

potassium nitrate to two sets of duplicate 250-ml

Erlenmeyer flasks containing the mineral salts and 300 mg

L-1 phenol. For comparative purposes ammonium sulfate was

also added to two sets of duplicate flasks. Each flask was

inoculated with 2.5 mL of twice-washed growth from a 9-day
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enrichment culture to a final volume of 25 mL. Samples

were taken daily and phenol concentrations measured.

Phenol was replenished as needed.

To determine the effect of trace-metal amendment on

phenol degradation, MSP (50 ml) was added to three 250-mL

Erlenmeyer flasks and inoculated with 5 mL of growth from

enrichment 11 (8 day). A filter-sterilized (0.22 pm)

trace- element solution was added to one flask to give

-1final concentrations of 0.1 mg L -1 ZnSO 4 .7H 20, 0.03 mg L

MnC1 2 .4H 20, 0.3 mg L -1 H 3B0 3 , 0.2 mg L -1 CoC1 2 .6H 20, 0.01

-1	 -1	 .mg L	 CuC12.2H20, 0.02 mg L	 NiC12.6H20, and 0.03 mg L-1

Na 2Mo 4 .2H 20. Filter-sterilized SE (5 mL) was added to a

second flask. The third flask served as an unamended

control. Samples were analyzed for phenol.

In a similar experiment, both the nitrogen source

and the trace metals were varied. Ammonium sulfate (1,000

mg L -1 ) was added to two flasks and an equimolar amount of

potassium nitrate was added to another two. Trace-element

solution was added to one flask in each set. An

uninoculated control was also included.

Microorganisms

Isolaton of Pure Cultures. Two bacteria (B1 and

B2) were isolated from enrichment 7 as follows. A sample

was diluted 10 -3 , 10 -4 , 10-5 and 10-6 and 0.1-mL volumes

were aseptically spread in duplicate onto MSPSE agar
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plates. After three days incubation at room temperature,

isolated colonies were picked and streaked in duplicate

onto R2A agar. After three transfers, pure cultures were

transferred to and maintained on R2A slants. Purity of the

cultures was verified by observing wet mounts and gram- or

methylene-blue-stained preparations microscopically.

Four bacteria were also isolated from the fourth

and fifth 2-chlorophenol (2CP) enrichments by streaking R2A

plates. After approximately 20 days incubation at room

temperature, colonies were picked and purified by two

subsequent transfers to R2A agar. Pure cultures were

verified and maintained on R2A agar slants. Bacteria were

identified using the Vitek Diagnostic System for gram-

negative bacteria (Vitek Systems, Hazelwood, MO.).

A yeast was isolated by streaking a sample of the

secondary phenol enrichment onto R2A agar previously

treated by spreading 0.1-mL 50,000 mg L -1 phenol over the

agar surface. After 4 days, colonies were streaked from

pure culture onto MSSE agar pretreated with 0.1-mL 50,000

mg L -1 phenol. After 11 days incubation at room

temperature, colonies were picked and streaked onto R2A

agar. This was repeated at least twice before transfer to

R2A-agar slants. Microscopic examination revealed that

bacterial cells were attached to the yeast cells. In order

to purify the yeast, growth from a 48-hr R2A slant was

suspended in 1 mL sterile water and streaked in duplicate
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onto malt-extract (ME) agar in five parallel 5 mm streaks

crossing the agar surface. Two to three methanol-flamed

and cooled standard 22-mm glass cover slips (Corning) were

placed over the streaks. After eight days incubation at

room temperature, pseudohyphal material from the edge of a

colony growing under a cover slip was picked and restreaked

to ME agar. Pure cultures were obtained after two serial

transfers and stored on R2A agar slants. Purity was

verified by direct microscopic observation of wet mounts

and stained slides.

Phenol use. The ability of the bacterial and yeast

isolates to degrade phenol was investigated as follows.

Growth from 48 hr R2A slants was suspended in 1 mL sterile

water. Eight 250-mL Erlenmeyer flasks containing 50 mL of

MSP (300 mg L -1 phenol) were inoculated in duplicate with

0.1 mL of suspensions of Bi, B2 and the yeast. For

comparative purposes, two flasks were inoculated with 5 mL

from enrichment 12. An uninoculated control was included.

Cultures were aerated by shaking (100 rpm) at 26 °C.

Samples were withdrawn at various time intervals and

analyzed for phenol. In a similar experiment, flasks

containing MSP were inoculated with bacterial isolates Bi,

B2 and MW, the yeast isolate and phenol enrichment 18.

Phenol was analyzed daily and was replenished when the

concentration dropped below detection limits, i.e. 1 mg



63

L -1 . Viable counts were determined by the spread plate
technique using R2A agar at various time intervals.

Degradation of phenol by resting (non-growing)

yeast cells was determined as follows. Yeast were grown on

MSP containing 0.02 percent YE for 24 hr at 26 °C. Cells
were harvested by centrifugation (15 min, 1465 g, 4 °C).
Cells were resuspended in 400 mL of 0.067 M KH 2PO 4 buffer

and recentrifuged. The resulting pellet was resuspended in

80 mL of buffer. Yeast cells were starved by aerating the

suspension by shaking for 2 hr at 26 °C. Starved cells were
washed by centrifugation and resuspended in an equal volume

of buffer. A 60-mil volume was added to a 250-mil Erlenmeyer

flask, phenol (300 mg L -1 ) was added, and the flask was
incubated with shaking at 26 °C. A control lacking phenol
was also included. Samples (10 mL) were withdrawn at

various time intervals. A 5-mL portion was assayed for

optical density (510 nm) and cell dry weight. The

remaining 5-mL portion was assayed for phenol and protein

concentration. To obtain cell dry weight data, two 1.5-mil

samples were filtered onto preweighed Gelman glass filters

(0.45 pm). Filters were dried overnight at 85 °C and
weighed. Samples (5 mL) were centrifuged (15 min at

7710 g), the pellet was resuspended in 10 percent

trichloroacetic acid, and heated at 95 °C for 40 to 60
minutes. The suspension was centrifuged, the supernatant

was discarded, and protein was solubilized with 1 N NaOH
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for 50 min at room temperature. The Na0H-protein solutions

were vacuum filtered (Gelman glass filters) and protein was

analyzed using a standard Bio-Rad assay procedure (Bio-Rad

Technical Literature). Protein standards were prepared by

diluting a stock solution of bovine serum albumin (BSA) in

1N NaOH. Optical densities of both samples and standards

were read at 595 nm. Sample concentrations were obtained

by linear correlation with a standard calibration curve

(r 2 = 0.9998).

Factors affecting growth and phenol degradation 12./

yeast. To determine the effect of aeration, two 250-mL

Erlenmeyer flasks containing approximately 50 mL sterile

MSYE were inoculated with 0.1 mL of a yeast suspension

prepared by resuspending cells from a 24-hr R2A slant

culture in 1 mL sterile water. One flask was incubated

aerobically and one flask was incubated under oxygen-

limited conditions produced by vigorously and aseptically

bubbling nitrogen gas through the medium for 11.5 minutes.

Phenol (300 mg L -1 ) was added to both flasks and 2 mL

immediately withdrawn for measurement of initial optical

density (510 nm) and phenol concentration. After 53 hr

incubation at 26 °C, optical density (510 nm) and phenol

were measured.

Yeast were also cultured anaerobically on MSYE agar

plates pretreated by spreading 0.1 mL of 50,000 mg L-1

phenol over the agar surface. Two of four plates were
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incubated anaerobically in a Brewer jar (BBL GasPak

Anaerobic Systems) and two were incubated aerobically at

26 °C. The plates were observed for growth daily for 13

days. After the thirteenth day, the Brewer jar was opened

and the plates were incubated aerobically for an additional

six days and observed for growth.

To determine the effect of phenol concentration,

six 250-mL Erlenmeyer flasks containing 50 mL MSYE were

amended with phenol to give final concentrations of 300,

600, 800, 1000, 1200, and 1400 mg L -1 , respectively. Each

flask was inoculated with 2.5 mL of a washed cell

suspension. The inoculum was prepared by centrifuging (15

min, 7650 g) a 29-hr MSP yeast culture containing 0.01

percent yeast extract (MSPYE). The pellet was resuspended

in an equal volume of sterile water. Cultures were aerated

by shaking at 26 °C. Samples were removed at 24-hr

intervals for four successive days and a final sample taken

after seven days. Growth was determined by optical density

(0.D. 510 nm, 1 cm) and phenol was analyzed.

In a similar experiment phenol was added to give

final concentrations of 100, 200, 400, or 800 mg L -1 .

Samples were removed and analyzed for optical density (510

nm), phenol, and viable plate counts as determined by the

spread-plate technique using R2A agar.

To determine the effect of yeast extract on

stimulation of growth of yeast and degradation of phenol,
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MS and MSP were amended with varying concentrations of

yeast extract from 0 to 200 mg L -1 . Media were inoculated

with cell suspensions washed as described. Samples were

removed at various time intervals and optical density and

phenol were measured.

In a similar experiment, stimulation of yeast

growth by 10 percent soil extract (SE), 0.01 percent

vitamin-free casamino acids, 0.067 percent of a vitamin

mixture (yeast nitrogen base), and 10 percent filtrate from

enrichment 18 were determined. Stock solutions of YE and

vitamin-free casamino acids were autoclaved, while the

remaining amendments were sterilized by filtration through

0.22 pm Millipore filters. Enrichment filtrate was

prepared by filtering enrichment culture 18 through 0.2 pm

' filters (Millipore). Media were inoculated with 2.5 mL of

twice-washed growth from a 24-hr yeast culture grown in

MSPYE. Samples were analyzed for optical density (510 nm).

To identify the yeast growth factor, MSP medium was

amended with vitamins in a single serial deletion sequence.

The vitamins used included 0.001 mg L -1 biotin, 0.2 mg L -1

calcium pantothenate, 0.001 mg L-1 folic acid, 1.0 mg L -1

inositol, 0.2 mg L-1 niacinamide, 0.1 mg L -1

p-aminobenzoate, 0.2 mg L -1 pyrodoxine hydrochloride, 0.1

mg L 1 riboflavin, and 0.2 mg L -1 thiamin. For example,

the first triplicate set contained all nine vitamins; the

second contained all vitamins except biotin; and the ninth
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set contained only thiamin. For comparative purposes,

additional sets of tubes contained MSPYE and MS amended

with 576 mg L -1 D-glucose. Each tube was inoculated with

0.1 mL of a twice-washed cell suspension from a 48-hr yeast

culture grown in MSP, and all tubes were aerated at 26 °C by

shaking (100 rpm). Optical density (510 nm) was measured

after 24 hr.

To confirm the stimulatory effect of thiamin,

phenol (300 mg L -1 ) was added to three 250-Erlenmeyer

flasks containing MS and glucose (576 mg L -1 ) was added to

another three. Thiamin (0.4 mg L-1 ) was added to one from

each set of three; YE (100 mg L-1 ) was added to a second

pair; and no amendments were added to the third pair. All

six flasks were inoculated with washed growth from a 4-day

' yeast culture grown in MSP. Optical density (510 nm) was

measured at various intervals.

To study the effect of acetate and glucose on

growth on and degradation of phenol, MS was amended

individually and in combination with 300 mg L -1 phenol, 260

mg L -1 sodium acetate, and 576 mg L -1 glucose. Media were

inoculated with 2.0 mL of a 24 hr MSPYE yeast culture.

Samples were removed at various time intervals and analyzed

for optical density (510 nui), phenol and glucose.
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Analytical Methods 

Phenols and Glucose

Phenol and chlorophenol were measured using a

Beckman DU-6 UV-visible spectrophotometer (Beckman

Instruments, Irvine, Ca.). Samples were diluted with

reverse-osmosis water (generally 1:10) in 10 cm by 15 mL

pyrex centrifuge tubes, mixed by vortexing, and centrifuged

at 7650 g for 15 minutes (4 °C). Further dilution was
occasionally required at higher phenol concentrations. The

supernatant was placed into 8-mL plastic screw-capped glass

tubes and refrigerated (4 °C) until analyzed. Scans were
done in a 1-cm, 5-mL prismatic cuvette over wavelengths of

360 to 220 nm, at a speed of 300 nm min -1 , with a distilled

water blank. In those few cases where a constituent of the

liquid medium absorbed significantly in the vicinity of the

phenolic peak (270 nm), the blank consisted of medium with

all constituents present at initial concentrations minus

phenol. Percent transmittance values at the phenol peak

were recorded. Phenol and chlorophenol concentrations were

determined from minimum transmittance data by linear

regression against external standard curves.

Glucose was measured enzymatically using a

diagnostic kit (Sigma Chemical Company, St. Louis,

Missouri).
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Scanning Electron Microscopy

Suspensions (approximately 1 mL) of mixed

enrichment cultures and yeast isolates were filtered onto

0.2 pm filters (Nuclepore, Pleasanton, Ca.). Immediately

after filtration, a second filter was placed over the top

of the first, and both filters were sealed together by

melting polyethylene rings together. The rings plus

filters were placed into a mixture of 4 percent

formaldehyde, 1 percent gluteraldehyde in 0.1 M phosphate

buffer solution. After overnight fixation, the filters

were rinsed 5 min each through a standard ethanol series

consisting of 30, 50, 70 and 95 percent ethanol, and thrice

rinsed in 100 percent ethanol. Filters were then rinsed in

50 percent TF Freon and 50 percent ethanol followed by

twice rinsing in 100 percent TF Freon. Finally they were

critical-point dried through four changes of CO 2 in a

Polaron 3100 E (Watford, England) critical-point dryer.

Fixed and dried samples were mounted onto stubs and

coated with 30 nm of a 60:40 gold-palladium alloy (Polaron

5100). Samples were viewed with a scanning electron

microscope (International Scientific Instrument DS 130 from

Santa Clara, Ca.) at an accelerating voltage of 20 Key with

a tilt angle of zero degrees. The methods used were

similar to those reported by Stetzenbauch (1986).
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CHAPTER 3

RESULTS

Enrichments 

Miscroscopic Observations

Microorganisms observed microscopically in phenol

enrichment cultures included yeasts, gram-negative

nonmotile rods, gram-negative motile rods (many containing

metachromatic granules), gram-negative coccobacilli,

spirilli, gram-positive cocci, and globular flagellate

protozoa. Most of these forms were also seen in electron

micrographs (Figure 1). A single morphological form

(morphotype) could represent several species of

microorganisms, so that the above seven forms provided a

minimum indication of culture diversity. In later

enrichments, yeast and gram-negative coccobacilli and rods

were dominant in terms of numbers.

Rarely were more than three protozoa visible in a

single field of vision in wet mounts at 1,000x

magnification (immersion oil). In many cases, these

flagellates were not observed on stained preparations,

probably because heat fixing disrupted the cells. The

disruption of protozoa by heat fixation was confirmed when

glass slides prepared from a single enrichment were heat

fixed to varying degrees prior to methylene-blue staining.



Figure 1: Scanning Electron Micrograph of Enrichment Culture
Showing Yeast, Coccobacilli and Rods

71
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Intact cells were observed on non-heat fixed slides and on

those passed once or twice over a flame.

Bacterial forms, particularly coccobacilli,

generally were attached to yeast cells (Figures 2 and 3).

This close association caused difficulties in obtaining

pure yeast cultures, and it appeared to be a stable

characteristic of enrichment cultures. Clumps of bacteria

were held together and to yeast cells by a fibrous material

(glycocalyx) in many cases (Figures 3 and 4).

Phenol Degradation -- Confirmation of Biological Activity

Three heat treatments (pasteurizing boiling, or

autoclaving) eliminated degradation of phenol for at least

120 hour, while the untreated control completely degraded

the substrate. R2A spread plates prepared from the heat

treated cultures and the untreated control showed

decreasing viability from untreated to pasteurized to

boiled to autoclaved cultures, as was expected. Results

confirm the biological nature of compound disappearance in

enrichment cultures.

Enumeration of Microorganisms

In the secondary enrichment, approximately 2.8 x

10 5 viable cells mL -1 of heterotrophs and 1.5 x 10 5 cells

-1mL	 of phenol degraders were present after 6 days and five

additions of phenol (1640 mg L-1 ). This suggests that



Figure 2: Scanning Electron Micrograph of Enrichment
Culture Showing Several Budding Yeast and
Associated Bacteria
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Figure 3: Scanning Electron Micrograph of a Clump of
Bacteria Dominated by Coccobacilli Associated
with Yeast Cells
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Figure 4: Scanning Electrom Micrograph of Enrichment
Culture Showing Tendrils Attaching Bacteria
to Each Other and to Yeast
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approximately half of the viable organisms in enrichment

cultures were able to use phenol.

Phenol Use and Growth Rates

In the primary enrichment, 300 mg L -1 phenol was

degraded within 48 hr. In subsequent enrichments (i.e. 2-

21), degradation generally occurred within 24 hr. The

histories of enrichments on phenol, 2-, 3-, and

4-chlorophenols are given in Appendix B. Phenol-enrichment

cultures were transferred a total of 21 times with a total

of 142 additions of approximately 300 mg L -1 phenol.

2-chlorophenol enrichments were passed through five

transfers with 30 additions, while 4-chlorophenol passed

through one enrichment and seven additions. Attempts to

transfer 4-chlorophenol-degrading microbial communities to

fresh enrichment cultures failed. Chlorinated compounds

were added at approximately 100 mg L-1 .

Growth and phenol use in enrichment cultures

closely paralleled each other, i.e., when growth was slow,

phenol use was slow (Figure 5). As shown, a lag period of

approximately 20 hr preceded growth and the maximum viable

cell density was 2.3 x 10 8 cfu mL -1 , approximately two

orders of magnitude higher than the mitai cell density of

2.4 x 10 6 cfu mL -1 . Logarithmic growth proceeded for

approximately 40 hours with a generation time of 6 hours,
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Figure 5: Growth on and Use of Phenol by Enrichment 19
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corresponding to a specific growth rate of 0.11 hr -1 .

Phenol was consumed in 59 hr and growth ceased.

Factors Affecting Phenol Degradation

Oxygen. Under both aerobic and oxygen-limited

conditions, 288 mg L -1 phenol was used within 122 hr.

Phenol concentrations did not change significantly in

uninoculated controls.

Phenol concentration. Enrichment cultures degraded

phenol at initial concentrations of 300 and 500 mg L -1 in

10.5 to 26 hr, respectively (Figure 6). At concentrations

of 1000 mg L -1 and higher, phenol was not degraded. The

inhibitory effect of phenol appeared to be biostatic, since

viable cells were recovered on R2A from all cultures.

Temperature. Enrichment cultures degraded phenol

at 26 but not 37 or 49 °C, even after incubation for 72 hr

(Figure 7). No viable cells were recovered on R2A plates

inoculated with material from 37 and 49 °C cultures.

Inorganic nutrients. Of the four mineral nutrients

in MS medium, ammonium sulfate was the most important for

supporting growth and phenol degradation. When deleted

from the culture medium, only 45 percent of the phenol

added initially was degraded (Table 5). Deletion of

phosphate also limited phenol degradation, but to a much

lesser degree than the deletion of ammonium sulfate.

Deletion of magnesium sulfate and calcium chloride had no
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Table 5: Effect of Deletion of Mineral Salts on Phenol
Degradation by an Enrichment Culture

Phenol	 (mg L-1 )
with stated mineral salt deleted

Time
(hr)

(NH4)2SO4 MgSO4 K2HPO4 CaCl2 Control

0.5

23

28

52

53

104

356a

322

NDb

269

ND

162

358

118

170(Add)

0

403(Add)

0

358

173

256(Add)

14

403(Add)

64

355

50

156(Add)

0

400(Add)

0

357

154

219(Add)

0

397(Add)

0

a Each number (concentration) represents the average of
duplicate measurements.

b ND-- Not done.



82

effect on phenol degradation. Ammonium sulfate also

supported better phenol degradation than potassium nitrate

(Table 6).

Trace elements did not stimulate phenol degradation

in enrichment cultures. Indeed, in trace-element-amended

cultures, phenol-degradation rates were less than 50

percent of rates in untreated controls (Figure 8),

suggesting that one or more components of the trace element

solution was inhibitory to phenol degradation. Soil

extract stimulated phenol degradation.

Microorganisms 

Isolation of Pure Cultures

Although seven bacterial isolates were obtained

from enrichment cultures with phenol or one of the three

chlorinated compounds as the sole added carbon source, only

two degraded phenol. None were found that degraded any of

the chlorophenols.

One phenol-degrading bacterial isolate was a gram-

negative, non-motile rod growing singly or in pairs in

pure-liquid cultures. The other isolate was a small, gram-

negative motile coccobacillus that generally occurred

singly or in pairs. The rod-shaped isolate was identified

as Pseudomonas cepacia by the Vitek Diagnostic System

(Vitek Systems, Hazelwood, MO.). The second bacterial
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Table 6. Effect of Different Nitrogen Source on Phenol
Degradation by Enrichments

Phenol concentration (mg L-1 )
in presence of stated nutrient

Time (hr) NH4 + NO 3 -

0

23

24 Add a

47

48 Add

71

72 Add

95.5

97 Add

121

a

b

302.6b

24.9

251.5

0

330.1

0

350.4

0

470.2

0

288

152.8

20.4

353.9

276.0

119.4

42.3

Addition made where numbers shown in row.

Phenol concentration in mg L.
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isolate, described in Appendix C, could not be identified

using the Vitek system.

A dominant microorganism in phenol enrichment

cultures was a yeast. Although bacteria were attached to

yeast cells, it was confirmed in MSP that the yeast, not

the attached bacteria, were responsible for most of the

phenol degradation. Subsequent experiments indicated that

this yeast was the most rapid phenol degrader isolated from

enrichment cultures.

Yeast cells were ovoid, generally 3 to 5 pm in

size, and reproduced by polar budding (Figure 9).

Pseudohyphal elements (greatly elongated yeast cells) were

common. Yeast occurred singly or in clumps. This yeast

was identified as Cryptococcus laurenti by the Vitek

Diagnostic System. However, the isolate produced

pseudohyphae on malt extract agar, which is not a

characteristic of Cryptococcus sp. (Pelczar and Reid,

1972). Biochemical characteristics of the yeast isolate

are presented in Appendix C.

Growth and Phenol-Use Rates

One bacterial isolate required greater than 98

hours to degrade 300 mg L -1 of phenol (53 mg L-1 d-1 ),

while the other did not use up the substrate after 121 hr

(46 mg L -1 d-1 ).	 However, the average phenol-use rates

for these isolates were similar (Figure 10). The yeast



Figure 9: Scanning Electron Micrograph of Pure Yeast
Culture Grown on MSPYE Illustrating Velvety
Structure of Membrane Surfaces
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isolate and enrichment cultures degraded the phenol at

least three times more rapidly than the bacterial isolates,

with average use rates of 150 mg L -1 d 	 yeast and 206

mg L-1 d-1 for the enrichment. The bacterial isolates

degraded phenol at significantly slower rates even though

viable-cell densities in bacterial cultures after 12 days

were 30 times greater than for yeast, i.e. 9.6 x 10 8 and

-1	 -11.02 x 109 cfu mL	 and 3.5 x 10 7 cfu mL , respectively.

The generation time for yeast cultures grown in

MSPYE containing 300 mg L -1 phenol was approximately 4 hr

(Figure 11), which corresponds to a specific growth rate of

0.17 hr.

AverageAverage specific phenol-use rates obtained by

comparing growth (Figure 12) and phenol-use (Figure 13)

data varied from 3.0 x 10 -6 pg phenol cell 	 hr 1 for 800

mg L -1 phenol to 4.0 x 10 -6 pg phenol cell 	 hr 1 for 200

mg L -1 . Because this range of phenol use rates is not

large, an average rate of 3.5 x 10 -6 pg cell -1 hr-1 was

considered representative of phenol use over this range of

substrate concentrations. Maximum growth attained as

indicated by optical density (Figure 14) was directly

proportional to initial phenol concentration.

Phenol use by a resting cell suspension of starved

yeast is shown in (Figure 15). Changes in optical density,

cell dry weight and protein are shown in Figures 16 A,B,

and C. Increases in these parameters corresponded to
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phenol use. A specific phenol use rate of 5.3 x 10 -6 pg

phenol cell -1 hr 	 obtained by correlating optical

density with viable plate count data (Figure 17). This use

rate corresponded to 0.19 mg phenol mg -1 cell dry weight

hr -1 or 0.78 mg phenol mg -1 protein hr -1 .

Approximate specific phenol-use rates were

calculated for growing yeast cultures in MSPYE (300 mg L-1 )

by correlating optical densities with viable-cell

concentrations to estimate viable-cell populations in a

growth curve on phenol versus phenol use. Values were

5.9 x 10 -6 pg phenol cell 	as compared with

5.3 x 10 -6 pg cell -1 hr-1 for resting cell cultures.

Factors Affecting Growth and Phenol Degradation by Yeast

Oxygen. All 283 mg L -1 phenol disappeared in 24 hr

under aerobic conditions, while only 172 mg L-1 (61

percent) disappeared in the oxygen-limited MSPYE culture

after 48 hr. The peak optical density was also higher in

the aerobic culture than in the oxygen-limited culture,

i.e. 0.37 and 0.17 respectively. Yeast did not grow on

MSPYE agar in a Brewer anaerobic jar after 13 days of

incubation at 26 °C, although growth was visible on aerobic

plates after 24 hour. When plates were removed from the

Brewer jar and incubated aerobically, growth did not occur,

suggesting that the lack of oxygen was lethal to the yeast.
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Phenol concentration. Yeast grew and degraded

phenol at concentrations of 1000 mg L-1 , but not at 1200 mg

-1L	 or higher concentrations even after 19 days of

incubation (Figure 18). Maximum optical densities above

800 mg L -1 also did not show a linear increase with initial

concentration (Figure 19). These results indicate

substrate inhibition by phenol at and above 800 mg L -1 .

In experiments with five different initial phenol

concentrations at and below 800 mg L -1 , peak optical

densities were directly related to initial phenol

concentrations (Figure 14), while doubling times remained

within the range of 3 to 5 hours (Figure 20) for phenol-

containing cultures. The corresponding specific growth

-1rates are 0.23 to 0.14 hr. A general, though slight,

• decrease in growth rate with increasing phenol

concentration, along with an observed lag period of

approximately 12 hours (Figure 12) for the culture with 800

mg L -1 phenol suggests slight growth-inhibition at

concentrations above 200 mg L -1 .

Growth factors. Yeast extract stimulated growth

and degradation of phenol by yeast (Figure 21). With the

amendment, the yeast degraded 292 mg L-1 of phenol in 32.5

hr, while they degraded 266 mg L-1 in 54 hr in its absence.

In the presence of yeast extract, the yeast grew on phenol

with a doubling time of approximately 3 hr, while the

corresponding value in the absence of yeast extract was 10
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hr. Yeast extract, by itself, did not support growth of

the yeast isolate, suggesting that it contains a growth

factor(s) for the yeast. Growth was stimulated down to a

concentration of 1 mg L -1 (Table 7). Below 1 mg L -1 , peak

optical densities dropped sharply. For example, the peak

optical density observed with 1 mg L-1 YE was 0.25 after

69.5 hr incubation, while the corresponding value for 0.2

mg L -1 was only 0.05. There was some phenol degraded in

those cultures containing no YE, even though yeast did not

grow significantly in its absence. For example, 42 to 46

mg L -1 phenol disappeared in approximately 70 hr in two

separate cultures containing no yeast extract. The major

effect of higher YE concentrations was to decrease the

amount of time required for peak growth and total phenol

disappearance. For example, phenol peaks disappeared

within 24 hr above 100 mg L -1 YE, and within 48 hr above 1

mg L. Times to peak optical density corresponded to

substrate disappearance. In addition to YE, SE, casamino

acids, yeast nitrogen base, and enrichment filtrate also

stimulated growth relative to the unamended culture (MSP).

The effect was most dramatic after 22 hr (Table 8). Yeast

nitrogen base, which contains most of the nutrients in

yeast extract except for carbohydrates, provided the

greatest stimulation. The least stimulatory was vitamin-

free casamino acids, suggesting that the component in yeast
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Table 7: Effect of Different Yeast Extract Concentrations on
Yeast Growth on Phenol.

YE Conc.

(mg L -1 )

Maximum Growth

(OD	 510)

Time to Maximum

(hr)

200 0.408 23

100 0.300 23

50 0.303 23

20 0.251 44

10 0.253 44

6 0.240 44

2 0.285 44

1 0.252 70

0.2 0.049 70

0 0.015 70



Table 8: Effect of Different Growth Factor Amendments on
Growth of Yeast on Phenol.

Amendment Time
(hr)

Optical Density
OD 510

None 0

22

42

0.009

0.028

0.231

Yeast Extract 0 0.011
(0.01 percent)

22 0.286

42 0.265

Casamino acids
(vitamin-free)

0 0.009

(0.01 percent) 22 0.136

42 0.295

Yeast nitrogen
base

0 0.013

(0.01 percent) 22 0.320

42 0.292

Enrichment
filtrate

0 0.012

(10 percent V:V) 22 0.296

42 0.263

Soil extract 0 0.012
(10 percent V:V)

22 0.180

42 0.273

104
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extract most responsible for growth stimulation was

probably a vitamin.

Of all the vitamins tested, only thiamin stimulated

growth and accounted for at least 85 percent of the growth

stimulation by yeast extract (Table 9). Little growth was

observed in cultures lacking thiamin or yeast extract

during a 22-hr incubation (Figure 22). The greater

magnitude of growth stimulation afforded by the addition of

100 mg L -1 YE relative to that afforded by 0.2 mg L -1

thiamin (Figure 22) could be due to either a higher

concentration of thiamin in the YE (and a demand for more

than 0.2 mg L -1 by the yeast) or an unidentified growth

factor in the YE.

Even though intial cell densities were low

(0.D.=0.002), growth did eventually occur on the MS plus

glucose medium without the addition of growth factor

(Figure 23), indicating that the requirement for thiamin

was not absolute for growth on glucose. No such growth

occurred on MSP after 187 hours incubation, however,

indicating that an absolute requirement for thiamin may

exist for growth on phenol at low initial cell densities

(Figure 22). In support of this, evaluation of the effect

of inoculum size on yeast growth on MSP (Table 10)

indicated that significant growth did not occur after 148

hr, even at a high initial optical density of 0.045. The

inoculum in this case consisted of washed yeast cells grown
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Table 9: Effect of Differçnt Additives on Yeast Growth on
MS and 300 mg L - ' Phenol After 24 Hr.

Substance Added Optical dens ity
(OD	 510)

ave.	 of three sdev.

Vitamins a

Thiamin 0.392 0.006

Riboflavin 0.371 0.020

Pyrodoxine 0.355 0.017

p-aminobenzoic acid 0.372 0.005

Niacin 0.359 0.007

Inositol 0.358 0.010

Folic acid 0.362 0.010

Calcium pantothenate 0.360 0.017

Biotin 0.386 0.014

Yeast Extractb 0.461 0.025

Glucoseb 0.029 0.008

a Each vitamin added constituted a serial addition to those
vitamins above it in the list. Biotin indicates that
all vitamins were added.

b The last two items refer to MSPYE and MS-Glucose media,
respectively. No vitamins were added.



Figure 22: Effect of Thiamin and YE on Growth of Yeast on
Phenol

107



1.0

0.8

0.6

0.4

0.2

0.0

108

----0...........e......0

50	 100
TIME Or)

150 200

• MS (glucose)

• MS (glucose, thiamin)

AL MSYE (glucose)

Figure 23: Effect of Thiamin and YE on Growth of Yeast on
Glucose



0.029

0.036

0.025

0.031

0.018

0.050

0.038

0.030

0.040

0.056

0.012

0.014

0.019

0.027

0.045

Initial
Optical Density

Peak
Optical Density

Final
Optical Density

109

Table 10: Effect of Inoculum Size on Growth of Starved and
Washed Yeast Cells on MSP After 148 Hr.

0.013
(control;
0.01% YE)

0.432        



110

for 48 hr on MSP. A control with 0.01 percent YE with an

initial optical density of 0.013 grew to a peak optical

density of 0.43 versus 0.06 for the highest initial optical

density (0.045) culture lacking YE.

Alternative carbon sources. Acetate did not

stimulate either the use of phenol (Figure 24) or yeast

growth (Figure 25). Generation times with acetate plus

phenol were slightly higher than with phenol alone (7 hr

versus 5 hr). Also, more than 33 hours were required to

degrade 300 mg L -1 phenol with both carbon sources present,

versus a little more than 27 hr in the culture containing

only phenol. Acetate by itself was not as suitable a

carbon source as phenol, because the generation time with

acetate was approximately 12 hr and with phenol

approximately 5 hr, and the peak optical density was

approximately 25 percent of that obtained by phenol-grown

cells in 43 hr.

Glucose stimulated the growth of yeast in the

presence of phenol (Figure 26). Generation times were 1.75

hr for glucose alone and with both compounds and was 2.3 hr

for phenol alone.	 The presence of glucose did not

stimulate phenol degradation, however. Fewer than 14 hours

were required to degrade 290 mg L -1 phenol without glucose

and more than 17.5 hr was required with both compounds

(Figure 27). Similarly, glucose was metabolized at a

slower rate in the presence of phenol than in its absence
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(Figure 28). Glucose and phenol were used concurrently by

the yeast, although a lag period of over 4 hr was required

before phenol use was initiated when glucose was available.

No such lag period was observed for phenol use in the

absence of glucose.
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Figure 28: Effect of Phenol on the Use of Glucose by Yeast
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CHAPTER 4

DISCUSSION

Culture Adaptation and Growth 

Acclimation Times

The acclimation of soil microorganisms from a wood-

treatment site to degrade a large initial concentration of

phenol was rapid, requiring only 48 hours before complete

disappearance of 300 mg L -1 of the substrate from time of

first exposure in the laboratory. This is consistent with

similar short acclimation periods for phenol degradation

reported for soil under aerobic conditions (Sen-Gupta,

1921; Neujahr and Varga, 1970; Chambers et al., 1963). The

anaerobic degradation of phenol appears to require longer

acclimation times, with 2.0 to 2.5 weeks being reported

(Healy and Young, 1978)

The acclimation period of enrichment cultures to 2-

and 4-chlorophenol were consistent with those reported by

Krijgsheld and van der Gen (1986). However, Baker and

Mayfield (1980) reported that no lag period was required

before 2- and 4-chlorophenol were degraded in moist soil at

an initial concentration of 100 ug g -1 . The persistence of

3-chlorophenol was also reported by Krijgsheld and van der

Gen (1986) and by Baker and Mayfield (1980), consistent

also with the current results.
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The observation that 3-chlorophenol was not

degraded in enrichment cultures does not necessarily

indicate that microorganisms degrading this compound were

not present in soil samples or enrichments. Such

microorganisms may require acclimation periods longer than

the duration of the study, or they may not have been

favored by incubation conditions used in establishing

enrichments.

There are a number of reports pertaining to phenol

degradation by mixed cultures and isolates obtained from

environmental samples (Czekalowski and Skarzynski, 1948;

Tabak et al., 1964; Varga and Neujahr, 1970; Chambers et

al., 1963; Nakagawa and Takeda, 1962; Neujahr et al., 1974;

Pawlowsky and Howell, 1973). The existence of these

reports, along with that of studies in which 10 or more

microorganisms capable of degrading phenol were isolated

from single sites (Ehrlich et al., 1983; Kramer and

Doetsch, 1950; Tabak et al., 1964) indicate that phenol is

not likely to persist in environments with adequate

nutrients.

In general, the subsequent phenol addition to

enrichment cultures were more rapidly degraded than was the

first addition, a finding often reported in the literature

(Healy and Young, 1979; Krijgsheld and van der Gen, 1986;

Sen-Gupta, 1921). This observation can be explained in
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terms of an increase in the population of degraders as

earlier substrate additions are used up.

Acclimation times for the degradation of phenols in

the field may differ from those reported here. For

example, concentrations of the compounds of interest during

contamination events may differ significantly from those

used in this study. No studies are available that relate

acclimation periods to phenols versus input concentrations.

It is possible that higher initial phenol concentrations

exert a greater selection pressure on microbial

communities, so that the selection of phenol degraders

occurs more rapidly, making acclimation times shorter.

Microbial Ecology

Mateles and Chian (1969) observed that population

dynamics is an important determinant of fate of many

organic compounds in the environment. They observed that

relative numbers of Pseudomonas sp. versus coliforms

changed in response to the changing substrate composition

of their liquid media in batch cultures.

In waste-treatment systems exposed to large

concentrations of phenol, the diversity of microbial

communities has been observed to drop significantly (Hamdy

et al., 1954; Sheets et al., 1954). This phenomenon is

characteristic of enrichment cultures in general, where a

researcher adjusts environmental and/or nutrient conditions
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in order to select for a particular group of microorganisms

initially present in a community.

In the current study, it was observed that although

several isolates were obtained from enrichment cultures,

not all microorganisms present were isolated. For example,

the spirilli and flagellate protozoa were never isolated,

although they were important constituents in wet-mount

preparations from enrichment cultures. Other species that

were morphologically similar to isolated forms may have

been present in abundance, but were not isolated. The

roles that these non-isolates played in mixed cultures was

not an object of this study.

The protozoan seen in many wet-mount preparations

from enrichment cultures was absent or rare in those wet

mounts from cultures that degraded phenol at slow rates.

Huang et al. (1981) observed that the protozoan,

Tetrahymena pyriformis, limited the degradation of

p-aminobenzoate of one strain of Alcilagenes while it

stimulated that by another strain. This protozoan limited

biodegradation by the prototrophic strain by grazing on the

population of bacteria and limiting the number of

degraders. It stimulated degradation by a strain

auxotrophic for amino acids and biotin by secreting those

compounds, thus providing needed growth factors to the

bacteria.
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Another way in which protozoa in this study may

have stimulated biodegradation in enrichments is by

consuming nondegraders or slow degraders that may otherwise

compete with major phenol users. That this may be the case

was supported by microscopic observations in which protozoa

appear to be engulfing bacteria (phagocytosis) that may

compete with yeasts for substrate and other nutrients.

In early attempts to isolate the yeast from mixed

cultures, it was observed that bacteria were attached to

the yeast. This attachment was visible under the optical

microscope in both stained and wet-mount preparations, as

well as in electron micrographs. Microscopic examination

of material from individual colonies grown on R2A plates

also contained both types of microorganisms attached to

' each other. All this evidence points to a close

interrelationship between these two microorganisms. A

similar interrelationship has not been reported for mixed

cultures degrading phenolic compounds under aerobic

conditions. Because the bacteria were not grown in

isolation from the yeast, it was not determined whether

they were able to degrade phenol.

Stable mixed cultures requiring the presence of

three species of bacteria have been reported in the

degradation of phenol under methanogenic conditions (Dwyer

et al., 1986). Constituents identified from such a

methanogenic consortium include two methanogens and a
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phenol user. A methanogenic consortium obtained from a

contaminated aquifer in Minnesota was found to degrade

phenolic compounds (Godsy et al., 1983).

The role of yeasts and other fungi has generally

been neglected in most studies involving biodegradation of

xenobiotics. Yet, large numbers of yeast grow in sludges

acclimated to compounds such as phenol (Rao and Bhat,

1971). In soil, fungi were reported to account for

thirteen percent of hydrocarbon degradation (Song et al.,

1986).

Tabak et al. (1964) reported that non-bacterial

microorganisms rapidly disappeared on subculturing from

enrichments. The vast majority of phenol-degrading

isolates reported in the literature are bacteria. However,

this may have as much to do with enrichment and culturing

techniques as it has to do with actual contributions of

eukaryotes versus prokaryotes in the metabolism of

xenobiotics.

Enrichment techniques favor those microorganisms

capable of growing most rapidly under the conditions

imposed on cultures. Bacteria generally grow more rapidly

than eukaryotes, so that a bias in favor of bacteria is

introduced. Future studies should take into account the

potential importance of yeast in the biodegradation of

phenols in aquatic ecosystems, including groundwater.



123

After all, yeast are considered to be ubiquitous in aquatic

ecosystems (Kwasniewska and Kaiser, 1983).

Isolation of Phenol Degraders

All of the phenol-degrading bacterial isolates used

in this study were gram-negative. Only a single gram-

positive coccus was isolated from phenol-enrichment

cultures; but it was unable to degrade the compound. The

dominance of gram-negative bacteria among microorganisms

capable of degrading phenolic compounds is not unusual

(Kramer and Doetsch, 1950; Kobayashi and Rittmann, 1982).

Members of the genus Pseudomonas are common isolates that

degrade phenols (Chambers et al., 1963; Kobayashi and

Rittmann, 1982; Gibson et al., 1968). A strain of

Pseudomonas cepacia, similar to one of the phenol-degrading

isolates identified in the present study, was found to

degrade a variety of halogenated phenols (Karns et al.,

1983).

Only two of seven bacterial isolates from phenol-

enrichment cultures demonstrated a significant ability to

degrade the substrates. Varga and Neujahr (1970) reported

the isolation of two bacteria in a phenol-enrichment

culture unable to use the substrate, which was added as the

sole source of carbon and energy. These two isolates were

able to oxidize catechol. Catechol is a metabolic

intermediate in the biochemical oxidation of phenol (Evans
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and Smith, 1951), which suggests that the catechol users

were able to obtain sufficient quantities of catechol for

growth from phenol degraders in mixed cultures. This

phenomenon, in which metabolic intermediates of one group

of microorganisms can be used by another group, is

crossfeeding (Atlas and Bartha, 1981). Crossfeeding may

also account for the observation in this study that the

majority of bacterial isolates were unable to use the

phenol, but were still able to thrive in mixed cultures in

which phenol was the sole added source of carbon and

energy.

Early attempts to isolate the yeast in the current

work did not succeed because the yeast cells were always

closely associated with bacteria. This constitutes the

first known reported instance of a close, stable

relationship between yeast and bacteria cells in phenol-

acclimated cultures. The nature of this relationship was

not examined in detail, but it does not appear to

constitute true symbiosis with respect to the yeast because

pure cultures of yeast were isolated that grew quite well

in the absence of the attached bacteria. Symbiosis

indicates that a relationship is necessary for the survival

of at least one participant (Atlas and Bartha, 1981). The

finding that a growth factor was involved in the ability of

yeast to grow on and rapidly use phenol suggests that the
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attached bacteria may constitute a source of this growth

factor for the yeast.

Few studies have reported the isolation of yeasts

from enrichment culture with one or more phenols as the

sole or primary substrate. Trichosporon cutaneum (Rao and

Bhat, 1971; Neujahr and Varga, 1970) and Candida tropicalis 

(Rao and Bhat, 1970; Neujahr et al., 1974) are two species

of yeast that appear in the literature as isolates obtained

from phenol-acclimated cultures. The identity of the yeast

isolate obtained in this study has not been determined.

The rapid disappearance of non-bacterial forms as a result

of subculturing on compounds of interest has been reported

(Chambers et al., 1963; Tabak et al., 1964). This is

inconsistent with results obtained in the current study, in

which yeast constituted a dominant, persistent member of

phenol-enrichment cultures. Yeasts are important

components of most natural ecosystems, particularly aquatic

ecosystems (Kwasniewska and Kaiser, 1983; Rhao and Bhat,

1971). Although they tend to grow slower than bacteria,

yeasts possess a wide tolerance to various environmental

conditions, including moisture content, temperature, pH

range and high osmotic pressure (Kwasniewska and Kaiser,

1983). Not only are yeasts an important constituent of

most natural ecosystems, they have also been found in large

numbers in phenol- and catechol-adapted sludges (Rao and
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Bhat, 1971). Thus isolation of yeasts from contaminated

environments is not unexpected.

Growth and Substrate-Use Rates

The rapid degradation of phenol typically observed

in enrichment cultures (approximately 300 mg L-1 day -1 ) is

by no means unusual for mixed cultures (Tabak et al., 1964;

Baker and Mayfield, 1980); and phenol-disappearance rates

significantly higher than those obtained in the present

study have been reported for pure cultures of yeast (Rao

and Bhat, 1971). Degradation of phenol under methanogenic

conditions appears to be several times slower than for

aerobic conditions (Healy and Young, 1978).

The slower disappearance of 2- and 4-chlorophenols

relative to that of phenol observed in the current study is

also well documented elsewhere. Rates of disappearance on

the order of 100 to 300 mg L -1 in a few days have been

reported for chlorinated phenols (Krijgsheld and van der

Gen, 1986; Tabak et al., 1964). However, degradation rates

of monochlorinated phenols similar to those for phenol in

soil have been reported (Baker and Mayfield, 1980).

The absence of 3-chlorophenol degradation after

more than 127 days of enrichment suggests that the

substrate specificity of enzymes responsible for the

degradation of other chlorophenols was not sufficiently

broad to handle that compound. More time may have been
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required for the evolution of enzymes capable of degrading

3-chlorophenol.

Phenol-degradation rates in enrichments varied from

-1	 -18 mg L -1 day-1 to greater than 400 mg L	 day	 (Appendix

B). In some cases this variation in degradation rates

seems to be related to differences in the amount of

substrate added back to a culture and differences in the

time period between subsequent addition of substrates.

Culture age, along with associated changes in microbial

communities may have also been important factors in

biodegradation in enrichments. Microscopic observations

made on samples taken from enrichment cultures indicate

wide variations in the makeup of microbial communities from

time to time. For example, relative numbers of different

' bacterial morphotypes differed widely from sample to

sample, although rigorous microscopic counts of each type

were not made.

The specific growth rate for yeast on MSPYE broth

averaged 0.17 hr -1 , which is on the order of rates reported

for another yeast, Debaromyces sp. (Wase and Hough, 1966),

growing on phenol (0.11 hr -1 ); dilution rates for washout

of this yeast in continuous culture with input

concentrations of phenol ranging from 3 to 12 mM varied

-1	 -1from 0.33 hr	 to 0.36 hr	 (Wase and Hough, 1966).

Specific growth rates on phenols have been reported in the

literature for Flavobacter sp. (Brown et al., 1985) and
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Pseudomonas sp. (Knackmuss and Hellwig, 1978; Tyler and

Finn, 1974), and most values ranged from 0.10 hr -1 to 0.4

hr -1 . These values are consistent with growth rates

observed in this study for yeast in the presence of phenol

which varied from a low of 0.10 hr -1 on phenol plus acetate

to 0.40 hr-1 on phenol plus glucose.

The specific growth rate on phenol for an

enrichment culture in this study was approximately 0.12

hr -1 , based on viable plate counts on R2A agar. However,

this number may be low, as several species of

microorganisms present in enrichments may not have grown on

the solid media, or their growth may have been too slow to

develop distinguishable colonies when plates were counted.

Jones et al. (1973) reported a phenol-maintenance

requirement of a Bacterium sp. to be high, 0.24 to 0.28

hr-1 on a cell-dry-weight basis. A similar phenol-use rate

by the yeast isolate in resting-cell culture of 0.19 hr -1

was obtained in the present study. An approximate phenol-

use rate for a growing culture of yeast in this study was

0.17 hr -1 . These results are contrary to a common

assumption that maintenance energy consumes only a small

fraction of the energy used by cells grown aerobically

(Simkins and Alexander, 1985).

By assuming that yeasts consist of approximately 13

percent carbon, a value typical for bacteria (Nester et

al., 1973), and by using dry weight versus optical density
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data for the resting cell experiment, it can be shown that

slightly less than 30 percent of the phenol carbon is

incorporated into biomass by growing yeast cultures in the

present study. This estimate is consistent with the amount

of phenol incorporated by mixed aerobic cultures from

lentic sources (Chesney et al., 1985; Jones and Alexander,

1986). A mixed culture derived from a lotic source was

found to incorporate less than 10 percent of the phenol

added as the sole carbon source (Boethling and Alexander,

1979). Phenol incorporation values exceeding 30 percent of

input concentrations have not been reported.

Factors Affecting Phenol Degradation

Oxygen. There was no difference between the amount

of phenol degraded under aerobic conditions and that

degraded under oxygen-limiting conditions in 122 hr by

enrichment cultures. The observed phenol degradation under

oxygen-limited conditions can also be aerobic, using

residual oxygen in the head space of enrichment flasks. A

calculated minimum oxygen requirement for the complete

oxidation of phenol is 171 pL micromole -1 of phenol

oxidized, which is similar to the corresponding value of

157 pL micromole -1 reported by Hamdy et al. (1955).

Considering that the 60 mL glass-stoppered bottles used in

the experiment provided 55 mL of headspace, in order to

account for the 15.3 micromoles of phenol observed to
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disappear, the headspace would have to consist of 4.8

percent oxygen versus 20 percent oxygen in the atmosphere.

Even less oxygen would have been required if the phenol

that disappeared was not completely mineralized, but only

partially degraded or incorporated as biomass. Even though

the oxygen-containing air was evacuated with nitrogen gas,

anaerobic conditions were not confirmed in the bottles.

Therefore, it is possible that sufficient oxygen remained

in oxygen-limited cultures to account for the observed

degradation of phenol.

Results in the current study indicated that yeast

isolates absolutely required oxygen in order to grow on

solid media. Two observations suggest that phenol

degradation was inhibited by low oxygen contents: 1) a

colored metabolic byproduct accumulated in the oxygen-

limited culture suggesting that degradation was not

complete, and 2) less phenol disappeared under oxygen-

limited conditions than in aerobic cultures. If oxygen was

required for phenol degradation by pure cultures of yeast,

then the amount of phenol disappearance observed in oxygen-

limited cultures should be due to residual oxygen in the

flasks. Using the calculations described above, 250-mL

flasks containing 50 mL liquid with an initial phenol

concentration of 283 mg L -1 requires that the headspace air

contain about 7.8 percent oxygen in order to account for

the 171 mg L -1 observed to be completely mineralized.
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Sufficient oxygen may have remained in the 200 mL of

headspace after evacuation with nitrogen gas to account for

the observed phenol disappearance, especially if not all of

the phenol was mineralized.

However, the results can also be explained by the

dissimilation of phenol by some process that does not

require the presence of oxygen, such as anaerobic

respiration in the presence of nitrate or fermentation. A

first step in the anaerobic respiration of phenol with

nitrate as the terminal electron acceptor is oxidation of

phenol to cyclohexanone. Such a reaction may also

constitute the substrate-oxidizing first step in a

fermentative pathway. Nitrate respiration requires

anaerobic conditions, while fermentative pathways may occur

in the presence of oxygen. Both processes are known to

occur when phenol is added as the sole source of carbon and

energy (Evans, 1977), but neither has been reported for

yeasts.

The yellow metabolic byproduct that accumulated in

oxygen-limited culture was not degraded by the yeast even

after incubation under aerobic conditions, and neither did

the yeast resume growth after exposure to the air. The

production of a yellow compound under aerobic conditions

was reported by Wase and Hough (1966) for phenol

degradation by the yeast Debaromyces subglobosus. They
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identified the compound as riboflavin using

spectrophotometric methods. Varga and Neujahr (1970)

reported the accumulation of colored products when washed

cells of soil-isolated bacteria and fungi were incubated

with catechol or phenol, also under aerobic conditions.

They indicated that these products may be quinones, though

no attempt was made to identify them.

Aerobic biodegradation of phenols may be more

efficient than anaerobic degradation in subsurface waters.

In this study biodegradation occurred more rapidly in

aerobic cultures than in oxygen-limited cultures. However,

this may in part be due to the fact that enrichments and

isolates were developed under aerobic conditions. If

oxygen-limited conditions were used in developing

enrichments and isolate cultures, the opposite result may

have been obtained.

Consistent with past observations, no persistent

metabolic by-products were detected in aerobic cultures in

the current study, indicating that phenol biodegradation

was more complete under aerobic conditions than under

oxygen-limited conditions, where metabolic byproducts were

detected. Thus, removal of phenols from groundwater under

aerobic conditions may be more complete than under

anaerobic conditions. The observation that no persistent

metabolic byproducts were detected by UV-spectrophotometry

in mixed cultures or oxygenated yeast cultures does not



133

prove that they were not produced. Such compounds may not

have been detected by UV-spectrophotometry, or they were

produced in such small concentrations that other dissolved

constituents in the cultures, such as those in yeast

extract, masked their appearance.

More-complete phenol biodegradation may have

occurred in enrichment cultures than in pure yeast cultures

under similar oxygen-limited conditions, as no metabolic

byproducts were detected in mixed cultures. An important

potential consequence of this is that metabolic byproducts

that accumulate in pure cultures may be degraded by other

microorganisms in groundwater microbial communities under

oxygen-limited conditions.

More is known about aerobic dissimilation pathways

' of phenols than about anaerobic pathways (Bouwer and

McCarty, 1983b). This indicates a higher degree of ability

to predict the fate of phenols in the presence of dissolved

oxygen than in its absence. This greater predictability of

aerobic systems is another reason to favor their use in the

decontamination of subsurface waters.

Phenol concentrations. In mixed cultures, phenol

completely inhibited its own degradation at concentrations

between 700 and 1,000 mg L -1 . Corresponding values for

pure yeast cultures occurred between 1,000 and 1,200 mg L -1

phenol. Phenol degradation or growth inhibition as

indicated by slower growth and phenol-disappearance rates
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or increased lag periods began at approximately 500 and 700

mg L -1 for mixed and yeast cultures, respectively.

Little information is available in the literature

on degradation thresholds of phenol in mixed cultures.

Pawlowsky and Howell (1973) reported that a phenol-

acclimated mixed population from soil or activated sludge

exhibited inhibition of growth at less than 200 mg L -1 ,

which is less than one third the inhibitory concentrations

for the substrate reported for this study. Mohlman (1929)

indicated that an aerobic-activated-sludge process can

handle up to 40 mg L -1 phenol from ammonia-still wastes

before serious impairment of effluent quality occurs.

For two yeast isolated from soil, Trichosporon 

cutaneum and Candida tropicalis, phenol inhibition occurred

at phenol concentrations similar to those that were

inhibitory in the current study -- 500 and 600 mg L -1 ,

respectively (Neujahr and Varga, 1970; Neujahr et al.,

1974).	 Three bacteria of different genera isolated from

sewage sludge were able to tolerate 900 mg L -1 of phenol in

one study under aerobic conditions (Sheets et al., 1954);

while in another study, Achromobacter isolated from soil

were completely inhibited at 1,500 mg L -1 (Czekalowski and

Skarzynski, 1954).

Microorganisms appear to be better able to tolerate

phenol under anaerobic conditions than under aerobic

conditions. Sheets et al., (1954) reported the anaerobic
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growth of mixed cultures in sludge at phenol concentrations

as high as 4,800 mg L -1. Also, Dwyer et al., (1986) found

that complete inhibition of their methanogens occurred at

2,000 mg L -1 .

There are limited data available pertaining to

toxicity limits for chlorophenols, but those reported are

significantly lower than those reported for phenol.

Kwasniewska and Kaiser (1983) reported that 62.5 mg L-1 of

monochlorophenols diminished the growth rate of the yeast

Rhodotorula rubria by half, as opposed to 1,000 mg L -1 for

phenol. A Pseudomonas sp. was reported to be partially

inhibited by chlorophenols at 19.3 mg L -1 , while complete

inhibition occurred at 129 mg L -1 (Knackmuss and Hellwig,

1978).

Based on observations in this study and those

reported in the literature, it is not expected that phenols

at the concentrations likely to be encountered in

groundwater are inhibitory to biodegradation by reason of

toxicity. No instances of phenolic concentrations in

excess of 100 mg L -1 in subsurface waters have been

reported in the literature, though concentrations may be

higher beneath contaminated lagoons -- up to several

hundred mg L -1 .

Temperature. Temperature is considered one of the

most important environmental factors influencing the

growth, activity and survival of microorganisms (Atlas and
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Bartha, 1981). It is not surprising that phenol

degradation in this study by enrichment cultures was

completely inhibited and viability was sharply reduced at

37 °C.

Studies detailing the influence of temperature on

phenol degradation are lacking in the literature. It has

often been assumed that a rise of 10 °C results in a
doubling of the activity of a given enzyme, including

enzymes responsible for the dissimilation of organic

compounds, according to the van t'Hoff equation (Atlas and

Bartha, 1981). However, results inconsistent with the van

t'Hoff equation have been reported. For example, Marinucci

and Bartha (1979) reported that the mineralization of

trichlorobenzene did not significantly increase in rate

when the temperature was increased from 12 °C to 22 °C, but
it approximately doubled when it was increased from 20 °C
and 28 °C. Temperature also influences microbial growth
rates, nutritional requirements, and chemical and enzymatic

composition of cells (Rheinheimer, 1980; Gerhardt et al.

1981).

At depths greater than 10 m below the ground

surface, diurnal and seasonal fluctuations in temperature

are for the most part absent (Freeze and Cherry, 1979).

Below this depth, it is logical to assume that indigenous

microflora are adapted to the ambient temperature, so that

considerations of temperature are probably not as important
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for predicting the fate of phenols at depth as opposed to

near the surface. At shallower depths, temperature

fluctuations may affect degradation rates and should be

accounted for in predicting contaminant fate.

Inorganic-nutrient requirements. Inorganic

nutrient requirements for microorganisms have been

extensively studied (Gerhardt et al., 1981), yet little is

reported in the literature pertaining to inorganic-nutrient

requirements for microorganisms degrading phenol and

monochlorophenols, and the effect of nutrient

concentrations on their degradation rates.

Rubin and Alexander (1983) reported that the

addition of a solution of inorganic salts stimulated the

mineralization of phenol and p-nitrophenol in eutrophic

lake water. In contrast, Jones (1970) indicated that media

containing higher concentrations of inorganic nutrients

inhibited the growth of bacteria from lake waters. He

demonstrated that this inhibition was reversed by diluting

the more concentrated media with distilled water, but

offered no explanation for the phenomenon.

No reports from the literature concerned the effect

of varying the concentrations of individual inorganic

nutrients on phenol biodegradation. However, two nutrients

that often limit primary productivity in microbial

ecosystems include nitrogen and phosphorous (Atlas and

Bartha, 1981). For this reason it was expected that one or
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both of these nutrients will limit growth or degradation if

omitted from cultures. This expectation was confirmed in

the current study by the observation that elimination of

nitrogen in enrichment cultures caused a sharp drop in the

amount of phenol degraded in 104 hr relative to a control

containing all inorganic nutrients; less decrease in

degradation was observed in the culture with phosphate

omitted.

Many microorganisms exhibit optimal carbon-to-

nitrogen and carbon-to-phosphorous ratios of 10:1 and 30:1

respectively (Atlas and Bartha, 1981). The carbon-to-

nitrogen ratio for a typical MSPYE medium with an initial

phenol concentration of 300 mg L -1 in this study was

approximately 4:3, while the corresponding carbon-to-

phosphorous ratio was 48:1. This indicates that, barring

any unusual nutrient requirements, severe inorganic-

nutrient limitations were not likely to occur in the

enrichments.

Even in those cultures from which essential

nutrients such as nitrogen and phosphorous were excluded,

phenol degradation continued at detectable levels. This

probably occurred because microbial communities are able to

recycle nutrients as some microorganisms loose viability

and others reproduce (Atlas and Bartha, 1981). Degradation

rates under these conditions are probably controlled by the

rate of nutrient cycling.
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Results of this study suggest that biodegradation

of high concentrations of contaminants in the subsurface

may be enhanced by addition of nitrogen, and to a smaller

extent, phosphorous. The suitability of such an approach

can be determined if carbon-to-nitrogen and carbon-to-

phosphorous ratios can be estimated for particular sites.

If the ratios are much higher than the optimum ratios

indicated previously, the addition of one or more compounds

containing these nutrients may stimulate the biodegradation

of contaminants.

Because nitrogen and phosphorous are universally

required by all microorganisms, their addition would

stimulate the growth of many indigenous microbes in

addition to those responsible for degrading contaminants.

In contaminated aquifers where the dissolved organic

fraction is dominated by the compounds of interest, it is

likely that selective pressure favoring microorganisms

degrading contaminants or their metabolic byproducts will

alleviate potential competition from those microorganisms

not involved in contaminant dissimilation.

Growth factors. Growth factors are specific

organic compounds required for growth which but cannot be

synthesized by those microorganisms that exhibit the

requirement (Stanier et al., 1963; Burrows, 1955; Brock,

1974). Such compounds include vitamins, certain amino

acids and pyridines. The requirement for a growth factor
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may be absolute, in which case no growth takes place in its

absence, or it may be stimulatory, in which case growth is

greatly increased in the presence of the factor (Burrows,

1955).

The addition of yeast extract has been found to

stimulate the degradation of organic compounds in mixed and

pure cultures (Boyd, 1987; Neujahr and Varga, 1970; Rubin

and Alexander, 1983). For example, in one study it was

found that growth of a pseudomonad on 3-chlorobenzoic acid

did not occur in the absence of yeast extract (Johnson et

al., 1972). In a large number of studies, yeast extract

was routinely added to growth media to supply required

growth factors. Yeast extract is an undefined medium

consisting of the water-soluble portion of hydrolyzed yeast

containing a variety of growth factors including members of

the B-complex of vitamins (Difco Laboratories, 1953).

In the present study, yeast extract stimulated the

growth on and use of phenol by both mixed and pure

cultures. However, an absolute requirement for yeast

extract was not observed in mixed cultures, as growth and

degradation were rapid in its absence. An absolute

requirement for growth factors was not conclusively

demonstrated for yeast isolates, though in several cultures

lacking YE, the yeast failed to grow, and growth was always

slow when growth factors were not added. Growth occurred
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in yeast cultures in the absence of YE only when inocula

were not washed.

The required growth factors for yeast were provided

in mixed cultures as a result of crossfeeding; i.e., the

yeast obtained part of their nutrient requirements from

other microorganisms in the culture. This result was

confirmed by the observation that yeast growth on phenol

was greatly stimulated by the addition of sterile

enrichment filtrate to yeast in MSP. This indicates that

microorganisms other than those directly responsible for

the transformation of phenols may be essential for

biodegradation to proceed in situ in some cases.

The identity of the growth factor was determined to

be thiamin. This is not unexpected because two phenol-

metabolizing yeasts isolated by others, Candida tropicalis 

and Trichosporon cutaneum, were also found to require

vitamins (Rao and Bhat, 1971). The former microorganism

required biotin, while the latter one required both biotin

and thiamin. Biotin did not appear to be a requirement of

the yeast isolated in this study. In most biodegradation

work, exact nutrient requirements of degraders are rarely

known to investigators because there were few studies

investigating these requirements.

The determination of growth-factor requirements for

those microorganisms degrading compounds of interest is

useful for at least two reasons. Identification of
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required growth factors may provide a means of selectively

stimulating degrader activity. This is advantageous

because the likelihood of competition from nondegraders is

less than with a more-general stimulation of microbial

activity by the addition of macronutrients such as nitrogen

or phosphorous. Another advantage of using growth factors

to stimulate in situ biodegradation is that they are

generally required in very small (catalytic) amounts

(Stanier et al., 1963), possibly providing a cost-effective

means of stimulating the microbiological restoration of

contaminated aquifers.

Alternative carbon sources. The addition of

glucose to pure cultures of yeast stimulated and acetate

addition inhibited growth in the presence of phenol.

Czekalowski and Skarzynski (1948) observed that the

addition of phenol and glucose together stimulated the

growth of an Achromobacter sp. relative to growth with

phenol alone, a result consistent with the current study.

However, this finding indicates little about the rate of

phenol use in the presence of glucose versus in its

absence. Rubin and Alexander (1983) showed that the

presence of glucose slowed the mineralization of phenol by

mixed cultures derived from lake water, a result also

consistent with that obtained in this study. These authors

also found that arginine stimulated phenol mineralization,

adenine slowed it, and propionate totally suppressed it.
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The presence of acetate was found to suppress phenol

mineralization in pure cultures of Pseudomonas acidovorans 

(Schmidt and Alexander, 1985), a result observed in the

current study for the yeast isolate.

Growth curves from yeast cultures indicate that

acetate alone constituted a poor growth substrate, while

glucose alone was a more-effective growth substrate than

phenol. Mateles and Chian (1969) observed that glucose was

a more suitable substrate for growth of a mixed culture of

Pseudomonas sp. and coliforms than acetate or lactate. In

fact, they observed that acetate was excreted into the

culture fluid by sugar-metabolizing microorganisms prior to

its use after the supply of sugars was nearly exhausted.

Naturally occurring organic compounds that have

- been observed to stimulate phenol degradation in mixed

microbial communities include amino acids, carbohydrates

and fatty acids (Shimp and Pfaender, 1985). The sum total

of organic compounds may be designated as total organic

carbon (TOC), and its concentration in potable or raw

waters typically ranges from 1-10 mg L -1 (Stratton et al.,

1983). Individual compounds occur at much lower

concentrations. This indicates that individual components

of subsurface TOC probably occur at concentrations too low

to affect the biodegradation of compounds of interest in

contaminated aquifers.
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Schmidt and Alexander (1985) observed that phenol

was degraded by a pure culture of Pseudomonas acidovorans 

at phenol concentrations below those required for growth,

presumably because the bacteria were using uncharacterized

dissolved organic carbon (DOC) in distilled water in the

liquid culture medium. This uncharacterized dissolved

organic matter can be treated as the primary substrate,

i.e., the substrate supporting growth, while individual

compounds of interest such as phenol can be treated as

secondary substrates.

In applying a biofilm kinetic model to the

degradation of selected organic compounds, the aggregate

organic component was characterized in terms of its

chemical oxygen demand (COD), and individual contaminants

were treated as secondary substrates (Rittmann et al.,

1980). It was found that secondary substrates were used

more slowly than when the same compounds were used as

primary substrates (Stratton et al., 1983), and that the

degradation of these secondary substrates produced final-

effluent concentrations lower than those theoretically

possible in a steady-state biofilm if the compounds were

used as primary substrates.

An approach similar to that outlined above may be

valid where the dissolved organic carbon in groundwater or

vadose-zone water is dominated by anthropogenic compounds

versus natural organic matter. Most contaminated waters
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are polluted with several compounds of anthropogenic

origin, so that any one compound occurs at a concentration

that is low relative to the total. The aggregate chemical

oxygen demand exerted by all contaminants together can be

treated as the primary substrate, while each contaminant,

taken separately, can be treated as a secondary substrate.

Cultures of Pseudomonas sp. growing on phenol as

the primary substrate while simultaneously degrading

halogenated phenols accumulated halogenated catechols in

the culture fluid (Dorn and Knackmuss, 1978). Horvath

(1972) also mentioned the accumulation of chlorinated

catechols as a result of what he calls cometabolism.

Cometabolism is defined as the oxidation of organic

compounds without the use of the energy derived from the

reaction to support microbial growth.

The possible production and accumulation of toxic

metabolic byproducts from chlorinated phenols is of

environmental concern, but has not been studied

extensively. In some cases the identities of toxic

byproducts can be predicted when the primary metabolic

pathways for catabolism of a particular compound or similar

compounds are known. However, whether these byproducts

accumulate or are further metabolized by indigenous

microbial populations cannot be known a priori. For

example, it is well known that in mixed populations some

substrates are degraded part way by one species of
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microorganisms, while others degrade byproducts even

further (Atlas and Bartha, 1981).

Application to Natural Systems 

Kinetics of Biodegradation

Few kinetic models for the biodegradation of

organic contaminants have been applied directly to the

subsurface environment. Six general kinetic models have

been derived from Monod kinetics, 1.) integrated Monod, 2.)

first order, 3.) zero order, 4.) integrated Monod without

growth, 5.) logistic growth, and 6.) logarithmic growth

(Simkins and Alexander, 1984). These six derived models

were obtained by making assumptions with respect to

substrate and microorganism concentrations relative to each

other and to Monod kinetic parameters. It was observed

that, as substrate concentrations of benzoate increased,

the best fit models for substrate use by cultures of

Pseudomonas sp. went from first order to integrated Monod

without growth, integrated Monod, then finally to

logarithmic growth.

Phenols are inhibitory substrates at high

concentrations, and to account for this an inhibition term

is often incorporated into the Monod equation, resulting in

the Haldane modification of Monod kinetics (Jones et al.,

1973; Beltrame et al., 1985). This inhibition term has a

similar interpretation as the half-saturation constant,
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except that it represents the substrate concentration at

which the reaction rate is inhibited to a value half that

of the maximum rate. An inhibition constant reported for

phenol use by a bacterial pure culture was 110 mg L -1 ,

versus a half-saturation constant of less than 1 mg L -1

(Jones et al., 1973). Significant inhibition of growth or

phenol degradation was not observed below 500 mg L -1 in the

present study. Substrate inhibition by phenol is not

probable in the subsurface when it is considered that few

instances of contamination with such high concentrations

have been reported.

Enfield et al. (1982) evaluated three models for

the fate of organic pollutants in groundwater: 1.) linear

sorption/desorption with first-order degradation in the

liquid phase without considering dispersion; 2.) similar to

the first model but considers dispersion; 3.) non-linear

sorption following a Freundlich equation and first-order

degradation without dispersion. They found that all three

models underestimated the environmental mobility of the

pesticide DDT. In their models the first-order degradation

equation lumps together biodegradation, chemical

transformation and volatilization. The two non-biological

degradation processes were considered to be unimportant

fate processes relative to biodegradation.

Biofilm-kinetics models have been applied to the

problem of xenobiotic degradation in the subsurface
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(Rittmann et al., 1980; McCarty et al., 1981). Biofilms

are continuous layers of sorbed microorganisms along with

extracellular polymers such as glycocalyx. Biofilm systems

are used in civil engineering applications for BOD

oxidation, nitrification and denitrification, and

methanogenesis (Rittmann and Dovantzis, 1983).

Biofilm models have been solved for a number of

conditions including steady and non-steady state biofilms,

growth with one substrate or more than one substrate, and

dual limitation. In all cases substrate use rates are

described by Monod kinetics. In one application to a

groundwater recharge problem in which a steady state

biofilm model was incorporated into a one-dimensional

transport model, it was found that biofilm activity was not

expected to extend as much as 1 m from a well injecting

treated wastewater used as aquifer recharge (Rittmann et

al., 1980), suggesting that biofilms are not likely to be

important constituents of aquifer microbial communities

because the dilute nutrient status of aquifers will not

support their growth.

Rao and Jessup (1982) provided a review of

simulation models for describing pesticide dynamics in

soils. Processes included in their review include

retention, chemical and/or biological transformations, and

convective-dispersive transport with soil-water. They

indicated that a large number of models with varying
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degrees of complexity were available, while only limited

amounts of field data are available to verify even the

simplest of process-oriented models.

Convection-Dispersion-Biodegradation Model

A conceptual model for phenol degradation in a

near- surface, water-table aquifer is presented, with

assumptions that: 1) biodegradation requires oxygen, 2)

phenol is the primary substrate, 3) substrate

concentrations are below the toxic threshold, 4) inorganic

nutrients and growth factors are in abundance, 5) oxygen

and organic carbon are the only possible limiting

nutrients, 6) only dissolved compounds are available to the

microbiota, and 7) oxygen is consumed only to metabolize

the substrate of interest.

Phenol is distributed from the source via

advection/dispersion, retarded by sorption, and consumed by

biodegradation. Biodegradation is assumed to follow Monod

kinetics; and sorption (equilibrium) is expressed via the

retardation factor R. The fate and transport of phenol

follows the equation:

SC	 6 2C	 6C	 6 2C
R -- = D x --- - v -- + D ---2

St	 6x	 6x	 Y Sx 2
(1)
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where C is the phenol concentration (mM), t is time (sec),

M is the concentration of degrader biomass (mg g -1 ), D x is

the dispersion coefficient for phenol in the direction of

groundwater flow (cm2 sec-1 ), D is the diffusionY

coefficient for phenol in the vertical direction (cm 2

sec -1 ), v is the groundwater flow rate (cm sec -1 ), g is

the inverse of the yield coefficient for phenol (mg mg -1 ),

Umax is the maximum specific growth rate (sec
-1 ), 0 2 is the

dissolved oxygen concentration (mM), Ko is the Monod half-

saturation constant for phenol (mM), and K o is the Monod

half-saturation constant for oxygen. The direction of

groundwater flow is indicated by x and the vertical

direction is indicated by y.

Oxygen enters the plume both by

advection/dispersion (x direction) and diffusion (y

direction) from the overlying vadose zone; and is consumed

via aerobic respiration. Aerobic respiration is assumed to

follow Monod kinetics as was observed by Longmuir (1954).

Reported oxygen half-saturation constants were 10 -3 to 10 -5

mM; a reported value for yeast was 6.5 x 10 -4 .	 Half-

saturation constants were not measured in this study. The

transport and fate of dissolved oxygen in this model is

given by:
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SO 2	 S 20 2	 SO2
--- = D	 ---- - v --- + D0oy
St	 Sx2	 Sx

(2)

C	 0 2
-q8UmaxM ( 	 ) ( 	 )

Kc+C

where D o is the oxygen dispersion coefficient in thex

direction of flow (cm2 sec -1 ),D oy is the vertical

diffusion coefficient (cm2 sec-1 ), and B is a non-

dimensional proportionality coefficient relating moles of

oxygen consumed to substrate degraded. The remaining terms

have their previous meanings.

At the low microorganism population densities

typical for aquifers, degraders are assumed to be initially

uniformly distributed as microcolonies containing a few to

several hundred cells, as has frequently been observed

(Wilson et al., 1983). Changes in degrader population

follow Monod growth kinetics (Monod, 1947) and first-order

decay, according to the equation:

6M	 C	 0 2
-- = U

max
M ( 	 )( 	 ) -kdM ;	 (3)

St	 Kc+C	 Ko+0 2

where kd is the specific death rate (sec-1 ), and all other

symbols have their previous meanings.

Phenol should be most rapidly degraded near the

surface of the water table in a zone where oxygen

concentrations are relatively high. The resulting

concentration gradient (Figure 29) results in upward

Ko+02
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diffusion of phenol to the oxygen-rich zone, where

substrate concentrations limit the rate of biodegradation.

Deeper, oxygen is limiting and the biodegradation rate is

controlled by oxygen flux. In the transition will be a

dual limitation on rate. As phenol is degraded the upper

zone increases in thickness. The scale of the model is

macroscopic; it is assumed that pore-scale diffusion is not

rate limiting.

The equations described above can be solved

numerically for various initial and boundary conditions.

Four special cases that have simple solutions will be

considered below.

Diffusion of oxygen to a contaminant zone can be

neglected in the presence of large advective fluxes.

Advection increases in importance with rapid groundwater

flow, with compounds of interest that partition strongly to

aquifer organic matter. When contaminants are strongly

retained on aquifer solids their mean transport velocity is

slower than groundwater flow, i.e., divided by R. In this

case equation 2 reduces to:

60 2	 802	 C	 0 2
--- = - v ---	 - qBMU max ( 	 ) ( 	 )	 (4)
St	 8x	 Kc+C	 Ko+0 2

For example, consider a sandy aquifer (p= 1.9 g

cm-3 ; 0 = 0.4) with v = 5 m d -1 , 0 0 = 0.2 mM, and

Kp = 1.65; the Kp (soil-water partition coefficient)
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CONCENTRATION --->

Figure 29: Schematic of Concentration Versus Depth for
Oxygen and Phenol in a Phenol Contaminated
Aquifer
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assumes an organic-matter content of 0.1 percent, using the

Koc reported by Schellenberg et al. (1984) for phenol. The

advective flux for oxygen, calculated as the product of the

upgradient dissolved oxygen concentration and a relative

velocity, which is the difference between groundwater flow

velocity and the mean velocity for contaminant migration,

is 5 x 10-5 pmol cm-2 sec -1 at the contaminant zone

boundary. Applying a stoichiometric ratio of 5.5 pmol

oxygen consumed per umol of phenol (this research), it is

apparent that phenol can be used at a rate of 9 x 10 -6pmol

- sec-1cm 2 	at the contaminant-zone boundary, if the

degradation rate is equal to the oxygen supply rate. This

corresponds to a loss of 300 mg L -1 of phenol in 39 hr,

suggesting that the phenol-use rate in this case is large.

When substrates are not immobilized to a large

degree by aquifer organic matter, oxygen vertical diffusion

increases in importance. Compounds that are more polar,

aquifers with low organic-matter contents, and low

groundwater-flow velocities (cm d -1 or less), also tend to

increase the relative importance of diffusion.

Population growth can generally be neglected when

substrate concentrations (C) are much less than biomass

concentrations divided by the yield coefficient (M/Y).

Growth can also be neglected when nutrients such as

nitrogen or phosphorous are limiting, or available only as

a result of nutrient cycling within the community. In most
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contaminated aquifers it is doubtful that either of these

conditions applies. Most groundwaters are carbon limited

(McNabb and Dunlap, 1975), so that introduction of organic

contaminants should stimulate microbial growth. However,

because little is known about microbial-population changes

that occur in the subsurface, the assumption of a constant

population is a useful first approximation. When

population growth is neglected, equation (3) is eliminated

from the model.

Phenol (substrate) limitation is expected only at

low concentrations and relatively high dissolved-oxygen

concentrations. Such a situation is unlikely for phenol

above 3 mg L -1 , primarily because the dissolved oxygen

required to degrade greater phenol concentrations exceeds

oxygen solubility (using the 5.5:1 molar ratio). These

conditions are most likely to be found at contaminant zone

boundaries and near the water table. Substrate-limited

zones surrounding plumes increase in size as the

contaminant is degraded, as oxygen diffuses into the plume

and as contaminants disperse. In the case where

degradation is substrate limited, terms (0/Ko + 0 2 ) drop

out of equations (1) and (2).

Oxygen concentrations limit phenol-biodegradation

rates in oxygen-poor groundwaters and at phenol

concentrations greater than about 3 mg L -1. That is,

within a contaminant plume oxygen transport is the most
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likely control on aerobic biodegradation of phenols. The

(C/Kc + C) terms drop out of equations (1) and (2). There

are no analytical solutions for the general case where

oxygen dispersion and vertical diffusion are both taken

into account, however.

When groundwater flow is blocked by some artificial

barrier such as a slurry trench, or when groundwater

velocities are slow, advection of oxygen and substrate can

be ignored, so that oxygen transport is controlled by

vertical diffusion. The net effect is to greatly slow

aerobic biodegradation of contaminants. The terms

(-v 6C/ 6x) and (-v 60/6x) drop out of equations (1) and

(2), in this case.

Time Scale of Processes

Rather than solve equations for the above cases

numerically, time scales are illustrated by extrapolating

laboratory biodegradation rates to subsurface conditions.

In the laboratory, it was seen that enrichment cultures

were able to degrade 300 mg L -1 of phenol within 24 hr.

Biodegradation times are calculated for: 1) Monod kinetics

with phenol limiting, 2) degradation limited by oxygen

advection to the contaminant zone, and 3) phenol

degradation limited by vertical diffusion of oxygen to the

contaminant zone.
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In the calculation of the following examples,

aquifer conditions of the previous example are assumed.

Additional assumptions are: fraction organic matter = 0.1

percent, and M = 10 phenol degraders per gram aquifer

material (low), D Øy = 1.5 x 10 -6 cm 2 sec -1 , the maximum

specific phenol use rate (Umax) is 1.5 x 10 -8 pmol cell -1

sec -1 (based on this research), Kc = 10 mg L -1 , contaminant

plume thickness (Y) is 1 m, and the contaminant plume

length (L) is 100 m. The initial phenol concentrations are

0.05 mM (4.7 mg L-1 ), 0.5 mM (47mg L -1 ), or 5 mM (470 mg

L -1). Times required to degrade 50 percent (t 50 ) and 90

percent (t 90 ) of the phenol at each of those concentrations

were calculated for each example.

For phenol degradation following Monod kinetics

limited by the substrate and with no growth direct

integration of the equation:

dC
R -- = - MUmax

dt

C

Kc + C

gives the following:

R
t - 	  {Kc * [ln C - ln C o ] + [C - C on

MUmax

The t 90 for the highest concentration, 470 mg L -1 , is less

than 25 years. However, previous discussion indicated that

phenol limitation is likely to occur only at low substrate

concentrations (less than 3 mg L-1 ). Thus, the example

calculated for C o = 0.05 mM (4.7 mg L-1 ) is closer to
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reality, and it is seen that less than 0.5 mg L -1 phenol

remains after approximately two years. Thus, for most

contaminated groundwaters, the time scale for the

remediation of contamination by Monod kinetics limited by

the substrate is years to decades. Shorter time scales are

possible for larger degrader populations.

Times for biodegradation controlled by oxygen

advection to the plume can be calculated using a procedure

described in the first example. An important assumption

here is that the substrate is degraded as rapidly as oxygen

is supplied. The time required to degrade phenol is given

by:

t = (5.5 C o ) x (L x F.R.) / (v r x 0 20 )	 ;

where C 0 is the initial phenol concentration (mM), F.R. is

the fraction by which the phenol is to be reduced (0.5 or

0.9), v r is the groundwater velocity divided by R, and 0 20

is the initial and upgradient oxygen concentration. The

resulting time scales for degradation are from less than a

year to over 90 years for the removal of 90 percent of 470

mg L -1. Time scales are higher at the two higher substrate

concentrations than for Monod kinetics with phenol limiting

(5.1-91.3 yr versus 2.8-24.3 yr), suggesting that phenol

degradation is limited by oxygen transport at higher

concentrations (>50 mg L-1).
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For phenol degradation limited by the vertical

diffusion of oxygen, calculations were based on a modified

equation in Hill (1928), given as:

t.-- (5.5C0) * (Y * F.R.) 2 / 2 * Doy * 0 20 •

Hill (1928) indicated that this equation is best for high

oxygen demands and/or low dissolved oxygen contents.

Time scales for phenol degradation limited by

oxygen diffusion are on the order of decades to more than

10 millenia (37-11,772 yr), one to three orders of

magnitude greater than for the other two examples. This

indicates that diffusion can be neglected in most cases

involving the aerobic biodegradation of phenolic

contaminants in aquifers.

The above examples suggest that remedial techniques

that increase oxygen-transport rates in the subsurface will

increase aerobic-biodegradation rates for phenol. For

sorbing contaminants, increasing groundwater flow

velocities by pumping and/or injecting groundwater will

increase the oxygen flux by advection, thus increasing

biodegradation rates. Schemes that mix contaminated

groundwater with aerated fresh water are expected to be

most effective. The introduction of oxygen to contaminant

zones by sparging or injecting a compound such as hydrogen

peroxide should also increase bioremediation rates.
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CHAPTER 5

CONCLUSIONS

A dominant fate process in aquifers for phenol and

chlorophenols is expected to be biodegradation. Phenol is

expected to degrade rapidly in groundwater, while 2- and

4-chlorophenols will degrade slower, but at environmentally

significant rates. None of these compounds persisted in

enrichment cultures derived from soil samples in this

study. The compound 3-chlorophenol may persist for several

months or longer based on the observation that it was not

degraded in enrichment culture in 127 days.

Yeasts may constitute important microorganisms in

the fate of phenols in the subsurface. They are capable of

degrading phenol at high rates (> 300 mg L -1 d -1 ) under

aerobic conditions, and they appear to be more effective

phenol degraders than many bacterial species.

Interactions among microorganisms in mixed

populations are important in the biodegradation of phenols.

Crossfeeding occurs, and it has been shown that growth

factors such as thiamin are provided to phenol degraders by

other microorganisms, most likely bacteria. Other

important interactions may include the predation of

microorganisms competing with degraders by protozoa, based

on thr observation that flagellate protozoa were seen

engulfing bacteria in slide preparations of enrichment

cultures.
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The elimination of an inorganic source of nitrogen

inhibits the degradation of phenol as compared to cultures

containing the source. Mixed cultures are able to use

either ammonium ions or nitrate as nitrogen sources for

growth.

Phenols undergo rapid biodegradation under aerobic

conditions; slower substrate disappearance occurs under

oxygen-limited conditions, which can be accounted for in

terms of small quantities of residual oxygen. Persistent,

colored metabolic byproducts may be produced under

anaerobic conditions.

The aerobic biodegradation of phenols in the

saturated zone is likely to be controlled by the transport

of oxygen to contaminant zones. For phenols that are

immobilized by aquifer organic matter, advection is

expected to be the most important oxygen transport process

over a broad range of groundwater-flow velocities. In the

absence of significant groundwater-flow velocities (< 1 cm

d -1 ), diffusion of oxygen down from the water table is a

relatively important process. Where vertical diffusion

controls the rate of oxygen transport, phenol contamination

may persist for millenia. The persistence of phenol

contamination of groundwater where biodegradation is

controlled by oxygen transport should be on the order of

years to decades for groundwater flow rates on the order of

meters per day or higher, depending on the level of
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contamination, degree of contaminant immobilization, and

concentration of oxygen in the surrounding groundwater.

Based on rates observed in this research, acclimation

periods are expected to be on the order of days to weeks,

and are thus short relative to biodegradation times under

oxygen limited conditions.

In the biological oxidation of phenol, less than 30

percent of the substrate is likely to be incorporated by

yeast who use it as a sole source of carbon and energy.

Remaining phenol is mineralized or converted to organic

metabolic byproducts.

For microorganisms degrading phenol as a source of

carbon and energy, upper toxicity thresholds for phenol are

high, on the order of 1,000 mg L -1. It is not likely that

' the concentrations of phenols in groundwater are so high as

to inhibit their biodegradation due to toxicity effects.

Degraders were able to tolerate more than 500 mg L -1 phenol

before inhibition increased lag periods or slower growth

and degradation rates were observed.

The presence of other organic compounds influences

biodegradation rates for phenols. The most likely effect

is to inhibit biodegradation, whether the alternative

substrates are used preferentially or concurrently with the

phenols.
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CHAPTER 6

FUTURE RESEARCH NEEDS

More work needs to be done to obtain isolates

capable of degrading the chlorophenols from enrichment

cultures. Future isolates should also be characterized in

a manner similar to the phenol-degrading yeast.

Modification of growth media composition and incubation

conditions may be required to successfully isolate

chlorophenol-degrading microorganisms.

The present study has shown that microbial

interactions are potentially important in the

biodegradation of phenols in mixed populations. Yet, few

studies investigating the effect of microbial interactions

on biodegradation are available. It is suggested that more

work be performed to investigate the specific roles of

different microorganisms in enrichment cultures degrading

phenols. Changes in diversity and species makeup of

enrichment cultures over time and in response to different

substrate concentrations and culture media should be

investigated. Particular attention should be given to

identifying and characterizing those microorganisms

responsible for crossfeeding phenol degraders.

Only two alternative carbon sources have been

evaluated in terms of their effect on phenol biodegradation

in this study. It is of interest to investigate several
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other compounds representative of different classes, such

as amino acids, lipids, and aromatics, in a similar

fashion. Also, contaminant mixtures can be added to

enrichment and pure cultures to determine relative

degradation rates in mixture versus alone.

The identification of the metabolic byproduct(s)

produced in oxygen-limited phenol degradation by pure-yeast

cultures may be of interest. Its persistence even after

aerobic conditions were restored to the culture suggests

that this compound may be of environmental concern in

aquifers contaminated with phenol. Identification of this

and other anaerobically produced metabolic byproducts may

suggest metabolic pathways for phenol degradation under

oxygen-limited conditions.

The anaerobic degradation of phenol and

chlorophenols needs to be investigated in more detail.

Specific growth and substrate-use rates should be

determined for a more quantitative comparison with aerobic

rates. Also, it would be of interest to enrich for phenol

degraders under anaerobic or oxygen-limiting conditions,

taking note of acclimation times as well as degradation

rates.
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APPENDIX A: PROPERTIES OF WIGGIN'S SOIL

Characteristics of Wiggin's wood treatmant plant 

site. The plant site occupies 100 acres and has been in

operation for 16 years as of 1987. The preservative used

at the site consists of 40 percent creosote and 60 percent

pentachlorophenol. Wastewater was treated by flocculation

and carbon column clean-up. Wastes were stored in three

lagoons, one of pentachlorophenol, a second of

pentachlorophenol in heavy oil, and a third of creosote.

Summary of chemical analyses for organic 

contaminants performed on soil samples from the Wiggin's 

site. Pentachlorophenol (PCP) was detected in the upper 20

inches of soil collected at the site, but not at a depth

between 20 and 60 inches. In the first 10 inches, PCP

averaged 0.389 ppm, while the corresponding value for the

second 10 inches was 0.017 ppm. Polycyclic aromatic

hydrocarbons were detected only in the upper 10 inches at

approximately 0.33 ppm. Octachlorodibenzi-p-dioxin was

detected in the upper 6 inches in the range of 0.096 to

0.122 ppm.

Microbiological characteristics of soil samples 

from the Wiggin's site. Table Al presents results of

viable plate counts using the spread plate technique with

different media. The media used include Potato dextrose
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agar (PDA) for estimating the number of viable bacteria per

gram of soil, potato dextrose agar containing

chlorotetracycline (50 mg L -1 ) and streptomycic sulfate

(150 mg L-1 )	 (PDAA) for estimating the number of viable

fungi per gram of soil, PDA containing 10 mg L -1 creosote

(PDA-CR), PDA containing 5 mg L-1 PCP (PDA-PCP), and PDA

containing 5mg L-1 pcp and 10 mg L -1 creosote (PDA-PCP,CR).

Table Al. Viable plate counts of microorganisms
growing on selected solid media from
soil samples from the upper six inches
at the Wiggin's site.

Media Viablp plate fou nt
(10' cfu g -J- )

PDA	 12

PDAA	 8

PDA-CR	 5

PDA-PCP	 0.8

PDA-PCP,CR	 0.8
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Description of soil at the Wiggin's site. The

following descriptive material was obtained from a soil

survey for Stone County, Wiggin's, Mississippi, and was

provided by G.D. McGinnis (personal communication) as a

portion of a progress report for a project with which he

was involved titled, On Site Treatment of Creosote and

Pentachlorophenol Sludges and Contaminated Soil:

Location: Stone County, Mississippi on the western

edge of the Town of Wiggins.

Elevation: About 270-300 feet.

Geomorphic Position: Upland ridge, 5 percent

slope.

Parent Materials: Coastal Plain sediments of loamy

marine nature.

Soil: McLaurin sandy loam.

Classification: Coarse-loamy, siliceous, thermic

Typic Paleudults.

The McLaurin series consists of deep, well drained

moderately permeable soils which occur on ridgetops and

upped slopes of ridges dividing major streams. The climate

is warm and humid. The mean annual temperature is about 64



168

degrees F, and the mean annual precipitation about 61

inches.

Pedon
(Colors are for moist soil)

A -- 0 to 3 inches; dark grayish brown (10YR 4/2) sandy

loam; weak fine granular structure; very friable, many

fine and medium roots; very strongly acid; granular

wavy boundary.

E	 3-10 inches; light yellowish brown (10 YR 6/4) sandy

loam; weak fine granular structure; slightly firm in

place, friable when disturbed; common fine and medium

roots; few flecks of black (10 YR 2/0) charcoal; few

fine rounded quartz coarse fragments ranging from 2 to

12mm in diameter and comprising 0-5 percent of the

volume; very strongly acid; clear wavy boundary.

BT1 -- 10-20 inches; yellowish red (5 YR 5/6) sandy loam;

weak fine subangular blocky structure; slightly

firm in place, friable when disturbed; clay films

on ped faces and lining voids, clay bridging on

sand grains; very strongly acid; abrupt, clear

boundary.

B/E -- 20-30 inches; yellowish red (5 YR 5/6); sandy loam

(B) with many fine faint mottles of reddish yellow
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(7 YR 7/6), yellow (10 YR 7/6) and very pale brown

(10 YR 7/3) sandy loam (E); weak coarse subangular

and weak fine granular structure; very friable; few

fine rounded quartz coarse fragments; few fine

roots; strongly acid; clear wavy boundary.

Bitl	 30-39 inches; yellowish red (5 YR 5/8) and red (2.5

YR 5/8) sandy loam with 10 percent volume of Be

bodies of pale brown (10 YR 6/3) in upper part of

horizon; weak fine subangular structure; slightly

firm; clay skins on ped faces; common fine and

medium vesicular pores; strongly acid; clear wavy

boundary.

B't2 -- 39-60 inches; red (2.5 YR 4/6) sandy clay; moderate

medium subangular blocky structure; slightly firm;

thick clay skins on ped faces; strongly acid.

Soil analyses. Bulk densities and hydraulic

conductivity values of soil samples are presented in Table

A2. Table A3 presents results of a particle size analysis

while Table A4 presents basic chemical data. The nitrogen

content of the soil was 1150 ppm and that of phosphorous

was 225 ppm on a dry weight basis.



Table A2. Particle size analysis of Wiggins soil
samples.

Horizon Depth	 Sand
(inches)

Silt Clay Textural
Class

A 0-3	 72.6 24.2 3.3 S1

E 3-10	 68.2 26.3 5.5 Si

Btl 10-20	 57.5 26.5 16.0 51

BE 20-30	 72.3 21.9 5.8 Si

Bitl 30-39	 69.2 18.2 12.6 Si

B't2 39-60	 51.2 12.1 36.7 Sc

Sand (2 to 0.05 mm)

Silt (0.5	 to	 0.02 mm)

Clay (<0.02 mm)

Data are percent of total particles in sample.

Analysis was performed by the Mississippi State
University Soil Genesis Laboratory, Aug. 12, 1985.
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Table A3. Chemical analysis of soil samples.

Horizon Depth
(in.)

pH	 Organic Matter
(percent)

Base Saturation
(percent)

A 0-3 4.8 1.89 6.93

E 3-10 4.7 0.34 8.40

Btl 10-20 4.9 0.41 8.60

BE 20-30 5.1 0.11 15.90

B't1 30-39 5.1 0.05 12.38

B't2 39-60 5.1 0.08 6.78

Table A4. Exchangeable Cations
(milliequivalents/100 gm soil)

Horizon	 Ca	 Mg	 K	 Na	 H	 *Al	 Total

A 0.29 0.06 0.07 0.02 5.91 1.45 6.35

E 0.11 0.03 0.05 0.02 2.29 0.74 2.50

Btl 0.23 0.11 0.16 0.02 5.53 2.53 6.05

BE 0.17 0.13 0.07 0.01 2.01 0.90 2.39

B't1 0.23 0.04 0.10 0.01 2.69 1.22 3.07

B,t2 0.12 0.10 0.28 0.03 7.29 3.44 7.82
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APPENDIX B: HISTORY OF ENRICHMENT CULTURES

Part 1: Phenol Enrichments

Primary enrichment 

Days
since inoc.

Add?
Y/N

Concentrtion
(mg L -i )

-Change in yonc.
(mg L - ')

1 Y 306 0
2 N 158 148
3 N 0 158
3 Y 279
4 N 0 279

4 Y 226
5 N 0 226
5 Y 110
6 N 0 110
6 Y 386

7 N 21 365
7 Y 366

*	 8 N 248 118
9 N 153 95

10 N 59 94

11 N 0 59
12 N 0 0

* Mixing terminated, i.e., flask taken off shaker table.
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Secondary enrichment 

Days
since inoc.

Add?	 Concentrqtion	 -Change in yonc.
Y/N	 (mg L-L )	 (mg L-L )

	0	 Y	 212

	

1	 N	 0	 212

	

1	 Y	 240

	

2	 N	 0	 240

	

2	 Y	 374

	

3	 N	 0	 374

	

3	 Y	 391

	

4	 N	 0	 391

	

4	 Y	 423

	

5	 N	 0	 423

	

10	 Y	 336

	

11	 N	 0	 336

	

14	 Y	 431

	

15	 N	 138	 293

	

* 15	 Y	 258

	

16	 N	 238	 20

	

17	 N	 224	 12

	

18	 N	 216	 8

	

20	 N	 184	 32

	

21	 N	 204	 -20

	

22	 N	 187	 17

	

25	 N	 98	 89

	

26	 N	 110	 -12

	

29	 N	 90	 20

* Chlorophenol and 2,4-dichlorophenol added.
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Tertiary enrichment 

Days
since inoc.

Add?
Y/N

Concentrati.on
(mg L- ')

-Change in gonc.
(mg L-i )

0 Y 323
1 N 0 323
1 Y 360
2 N 0 360
2 Y 401

3 N 0 401
3 Y 417
4 N 0 417
4 Y 429 ---
5 N 0 429

5 Y 385
6 N 0 385
6 Y 415
7 N 99 316
7 Y 389

8 N 0 389
8 Y 435 ---
9 N 288 147

10 N 0 288
10 Y 341

11 N 154 187
12 N 0 154
12 Y 448
13 N 197 251
14 N 124 73
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Quaternary enrichment 

Days
since inoc.

Add?
Y/N

Concentration
(mg L - )

-Change in i conc.
(mg L -i )

0 Y 282
1 N 0 282
1 Y 322
2 N 0 322
2 Y 332

3 N 27 305
3 Y 304
4 N 0 304
4 Y 336
5 N 0 336

Fifth enrichment 

Days
since inoc.

Add?	Concentration	-Change in i conc.
Y/N	 (mg L - )	 (mg L-i )

0	 Y	 321
3	 N	 0
	

321
3	 Y	 358
4	 N	 0
	

358
4	 Y	 363
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Sixth enrichment 

Days	 Add?	Concentration	-Change in,conc.
since inoc.	 Y/N	 (mg L- )	 (mg L -i )

0
	

Y	 298
1	 N	 0	 298

Seventh enrichment 

Days	 Add?	Concentration	-Change in i conc.
since inoc.	 Y/N	 (mg L - )	 (mg L- ')

0 Y 295
1 N 0 295
1 Y 475 ---
2 N 112 363
3 Y 262

4 N 0 262
4 Y 280
5 N 0 280
5 Y 355
6 N 0 355

8 Y 342
9 N 0 342
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Eighth enrichment 

Days
since	 inoc.

Add?
Y/N

Concentration	 -Chang
(mg L -J )	 (mg

in conc.
L-1 )

0 Y 256
1 N 0 256
2 N 0 0
2 Y 250
3 N 0 250

3 Y 321
4 N 0 321
4 Y 227

Ninth enrichment 

Days
since inoc.

Add?	 Concentration	 -Change in i conc.
Y/N	 (mg L - ')	 (mg L -J )

0	 Y	 258
1	 N	 0
	

258
1	 Y	 321
2	 N	 0
	

321
2	 Y	 333
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Tenth enrichment 

Days	 Add?	 Concentratl.on	 -Change in yonc.
since inoc.	 Y/N	 (mg L--")	 (mg L -i )

0	 Y	 416
1	 N	 300	 116
2	 N	 0	 300
2	 Y	 290
5	 N	 0	 290

Eleventh enrichment 

Days	 Add?	 Concentrqtion	 -Change in i conc.
since inoc.	 Y/N	 (mg L-L )	 (mg L-J-)

0	 Y	 214
2	 N	 0	 214
2	 Y	 158
7	 N	 0	 158
8	 Y	 226

9	 N	 0	 226
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Twelfth enrichment 

Days
since inoc.

Add?
Y/N

Concentrtion
(mg L-i )

-Change in,conc.
(mg L-I )

0 Y 300
1 N 224 76
2 N 0 224
2 Y 306
3 N 126 180

4 N 0 126
4 Y 327
5 N 180 147
6 N 0 180
6 Y 343

7 N 82 261
7 Y 372
8 N 327 47
9 N 166 161

10 N 0 166

10 Y 356
11 N 197 159
12 N 0 197
12 Y 479
13 N 296 183

14 N 94 102
14 Y 303
15 N 81 222
15 Y 301
16 N 98 203

17 N 0 98
17 Y 440
18 N 322 118
19 N 195 127
21 N 126 69
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Twelfth enrichment (cont.) 

Days
since inoc.

Add?
Y/N

Concentrqtion
(mg L-L )

-Change in,conc.
(mg L - ')

22 N 0 126
22 Y 523
23 N 0 523
23 Y 320 ---
24 N 0 320

24 Y 519
25 N 0 519
25 Y 320
26 N 0 320
26 Y 408

27 N 0 408
27 Y 339
28 N 0 339
28 Y 361 ---
29 N 0 361

29 Y 342
30 N 183 159
31 N 0 183
31 Y 327
33 N 0 327
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Thirteenth enrichment 

Days
since inoc.

Add?
Y/N

Concentrqtion
(mg L-I )

-Change in yonc.
(mg	 L -I. )

0 Y 294
1 N 245 49
2 N 131 114
3 N 22 109
3 Y 297

4 N 270 27
5 N 227 43
6 N 171 56
7 N 107 64
8 N 95 12

9 N 40 55
9 Y 142 ---

11 N 109 33
12 N 82 27
13 N 22 60

13 Y 240
14 N 241 -1
15 N 234 7
16 N 208 26
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Fourteenth enrichment 

Days
since inoc.

Add?
Y/N

Concentration
(mg L - )

-Change in gonc.
(mg L-I )

0 Y 289
1 N 230 59
2 N 107 23
3 N 40 67
4 N 0 40

4 Y 129
6 N 104 25
7 N 47 57
8 N 0 47
8 Y 302

9 N 282 20
10 N 245 37
11 N 207 38

Note: This culture was inoculated from an experimental flask
due to the slow degradation rates of the previous
enrichment.
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Fifteenth enrichment 

Days
since inoc.

Add?
Y/N

Concentrqtion
(mg L-L )

-Change in yonc.
(mg L-i )

0 Y 268
2 N 74 194
2 Y 285
3 N 0 285
3 Y 261

4 N 0 261
5 Y 287
6 N 0 287
6 Y 290
7 N 0 290

Note: Wiggin's soil extract (10 percent) added at initial
time to stimulate phenol biodegradation.
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Sixteenth enrichment 

Days
since inoc.

Add?
Y/N

Concentrqtion
(mg L-J1

-Change in yonc.
(mg L-J1

0 Y 282
1 N 0 282
1 Y 298
2 N 0 298
2 Y 304

3 N 0 304
3 Y 328
4 N 0 328
4 Y 328
5 N 48 280

6 Y 316
7 N 0 316

10 N 0 0
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Seventeenth enrichment 

Days
since	 inoc.

Add?
Y/N

Concentrtion
(mg L-i )

-Change in gonc.
(mg L -1 )

0 Y 273
1 N 134 139
2 N 0 134
2 Y 309
4 N 0 309

4 Y 302
5 N 0 302
5 Y 327
7 N 0 327
7 Y 342

8 N 65 277
10 N 0 65
10 Y 302
11 N 0 302
11 Y 291

12 N 0 291
13 Y 264
14 N 0 264
14 Y 256
15 N 0 256

17 N 0 0
17 Y 242
18 N 0 242
18 Y 258
19 N 0 258

19 Y 352
20 N 0 352
20 Y 268 ---
21 N 0 268
21 Y 264

22 N 0 264
22 Y 284
23 N 0 284
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Eighteenth enrichment, duplicate  #1

Days
since inoc.

Add?
Y/N

Concentration
(mg	 L--'. )

-Change in gonc.
(mg L -I )

0 Y 286
1 N 56 230
1 Y 281
2 N 0 281
2 Y 309

3 N 0 309
3 Y 318
4 N 0 318
4 Y 322
5 N 0 322

5 Y 315
6 N 132 183
7 Y 360
8 N 130 230
9 N 0 130

9 Y 330
10 N 71 259
11 N 0 71
11 Y 328
12 N 0 328

12 Y 281
14 N 0 281
14 Y 325
16 N 0 325

Note: This data corresponds to one of a duplicate set of
flasks labelled enrichment 18.
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Eighteenth enrichment, duplicate  #2

Days	 Add?	 Concentrtion	 -Change in gonc.
since inoc.	 Y/N	 (mg L -J- )	 (mg L-i )

0	 Y	 275

	

1	 N	 46	 229

	

1	 Y	 289

	

2	 N	 0	 289

	

2	 Y	 290

	

3	 N	 31	 259

	

3	 Y	 318	 ---

	

4	 N	 123	 195

	

5	 N	 0	 123

	

5	 Y	 331

	

6	 N	 254	 77

	

7	 Y	 380	 ---

	

8	 N	 235	 145

	

9	 N	 0	 235

	

9	 Y	 313

	

10	 N	 136	 177

	

11	 N	 0	 136

	

11	 Y	 329

	

12	 N	 226	 103

	

14	 N	 0	 226

	

14	 Y	 346

	

16	 N	 268	 78

Note: This data consists of that obtained from the second
of a set of duplicate flasks.
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Nineteenth enrichment 

Days
since inoc.

Add?
Y/N

Concentration
(mg L-i )

-Change in,conc.
(mg L-i )

0 Y 290
1 N 0 290
4 N 0 0
5 Y 232
8 Y 259

10 N 0 259
10 Y 263 ---
11 N 0 263
11 Y 256 ---
12 N 0 256

12 Y 274
13 N 0 274
13 Y 302
14 N 0 302
14 Y 347

15 N 169 178
18 Y 313
19 N 158 155
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Twentieth enrichment 

Days
since	 inoc.

Add?
Y/N

Concentrqtion
(mg L-I )

-Change in,conc.
(mg L-1 )

0 Y 279
1 N 200 79
2 N 0 200
3 Y 322
6 N 0 322

6 Y 320
8 N 0 320
8 Y 341
9 N 0 341
9 Y 354

10 N 150 204
10 Y 294
11 N 116 178
12 N 0 116
12 Y 226

16 Y 199
17 N 60 139

Twenty first enrichment 

Days	 Add? 	Concentration 	-Change in,conc.
since inoc.	 Y/N	 (mg L - ')	 (mg L -J.. )

0	 Y	 282
1	 N	 82
	

200
1	 Y	 288
2	 N	 109
	

179



190

PART 2: Chlorophenol Enrichments

2-Chlorophenol: Primary and secondary enrichments 

Addition #	 Time for peak to
disappear (days)

P1	 20

Si	 6

S2	 4

S3	 6

S4	 8

Notes: Approximatel 100 mg/1 2-chlorophenol added at each
addition.

P= Primary enrichment

S= Secondary enrichment

Concentration data not available due to interference
from dissolved constituents in the original soil.
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2-Chlorophenol: Tertiary enrichment 

Days
since	 inoc.

Add?
Y/N

Concentration
(mg L -J1

-Change in i conc.
(mg L-J )

0 Y 94
2 N 97 -3
5 N 89 8
8 N 70 19

12 N 39 31

16 N 0 39
16 Y 84
19 N 51 33
24 N 0 51
24 Y 85

28 N 0 85
28 Y 88
33 N 0 88
33 Y 78
35 N 0 78

35 Y 81
36 N 75 6
37 N 25 50
38 Y 92
40 N 89 3

42 N 81 8
44 N 84 -3
47 N 60 24
49 N 57 3
53 N 52 5

57 N 13 39
57 Y 113
60 N 101 12
63 N 76 25

(to be continued
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2-Chlorophenol: Tertiary enrichment (cont.) 

Days	 Add?
since inoc.	 Y/N

Concentrgtion
(mg L -J- )

-Change in i conc.
(mg L-i )

* 66 N 76 0
71 N 58 18
71 Y 143
74 N 121 22
77 N 94 27

81 N 88 6
85 N 87 1
91 N 82 5

* Approximately 0.01 percent yeast extract added to
stimulate enrichment culture.
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2-Chlorophenol: Quaternary enrichment 

Days
since inoc.

Add?
Y/N

Concentration
(mg L-i )

-Change in conc.
(mg L-1 )

0 Y 102
2 N 86 16
3 N 83 3
5 N 76 7
7 N 81 -5

9 N 83 -2
12 N 67 16
14 N 73 -6
18 N 71 2
22 N 53 18

25 N 56 -3
28 N 0 56
28 Y 92

* 31 N 85 8
36 N 0 85

36 Y 119
39 N 98 21
42 N 67 31
46 N 0 67
46 Y 101

50 N 29 72
56 N 0 29
56 Y 86
59 N 2 84
59 Y 79

63 N 55 24
66 N 43 12
73 N 38 5
79 N 31 7

(to be continued)

* 0.01 percent yeast extract added.
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2-Chlorophenol: Quaternary enrichment (cont.) 

Days
since inoc.

Add?
Y/N

Concentrqtion
(mg L-I )

-Change in,conc.
(mg L-L )

79 Y 116
80 N 114 2
81 N 105 9
82 N 110 -5
83 N 106 4

84 N 102 4
85 N 108 -6
86 N 102 6
87 N 102 0
88 N 100 2

89 N 100 0
91 N 99 1
93 N 90 9
94 N 86 4
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2-Chlorophenol: Fifth enrichment 

Days
since inoc.

Add?
Y/N

Concentration
(mg L - i )

-Change in i conc.
(mg L -L )

0 Y 80
3 N 85 -5
7 N 82 3

10 N 86 -4
13 N 80 6

16 N 47 33
* 16 Y 92

20 N 79 13
24 N 62 17
27 N 47 15

31 N 12 35
31 Y 96
35 N 20 76
37 Y 89
41 N 2 87

41 Y 93
44 N 6 87
44 Y 72
48 N 0 72
49 Y 71

51 N 0 71
54 Y 69
58 N 19 50
64 N 0 19

* 0.01 percent yeast axtract added.



4-Chlorophenol: Primary enrichment 

Addition # Time for peak
to disappear	 (days)

1 16

2 20

3 25

4 10

5 10

6 20

7 24

Note: Concentration data not available. Input
concentrations were approximately 100 mg/l.
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3-Chlorophenol: Primary enrichment 

Days	 Add?
	

Percent
since inoc.	 Y/N
	

transmittance

1 Y 58
3 N 58
6 N 55
9 N 52

12 N 56

17 N 53
20 N 53
28 N 54
31 N 54
40 N 50

61 N 52
62 N 61
65 N 56
69 N 60
72 N 55

75 N 50
78 N 52
83 N 53
86 N 52
89 N 53

93 N 51
97 N 51

103 N 54
106 N 50
110 N 50

121 N 51
127 N 48

Note: Percent transmittance was measured at absorbance
peaks for the substrate. Percent transmittance is
inversely proportional to concentration. Standard
curve data were not available due to interfering
substances.
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Table Cl. Characteristics of Unidentified Phenol-
Degrading Bacterial Isolate

199

Test	 Test

DP-300	 -	 Raffinose	 +

Glucose (Oxidative)	 +	 Sorbitol	 +

Growth Control	 +	 Sucrose	 -

Acetamide	 +	 Inositol	 -

Esculin	 -	 Adonitol	 +

Plant Indican	 -	 p-Coumaric	 -

Urea	 -	 H2S	 -

Citrate	 +	 ONPG	 -

Malonenate	 +	 Rhamnose	 -

TDA	 +	 Arabinose	 +

Polymyxn B	 +	 Glucose (Ferm.)	 -

Lactose/10% Fructose	 +	 Arginine	 -

Maltose	 +	 Lysine	 +

Mannitol	 +	 Ornithine	 +

Xylose	 -	 Oxidase Rxn.	 +



Table C2. Biochemical Characteristics of the Yeast
Isolate

Test	 Result	 Test	 Result

Galactose	 +	 Lactose	 +

Sucrose	 +	 Maltose	 +

Cellobiose	 +	 Methyl-D-glucoside	 +

Xylose	 +	 Arabinose	 -

Trehalose	 +	 Melezitose	 _

Raffinose	 -	 N-acetyl-D-glocosamine +

Erythritol	 +	 Melibiose	 -

Cycloheximide	 -	 Palatinose	 +

Glycerol	 -	 Sorbitol	 +

2-Keto-D-gluconate + 	 Urea	 +

48H	 -	 Glucose	 +

Inositol	 +	 Nitrate	 -

Xylitol	 +	 Dulcitol	 +

Adonitol	 +
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Figure Dl: Aerobic Degradation Pathway for Phenol
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Figure D3: Anaerobic Phenol Degradative Pathway in the
Presence of Nitrate or Methanogenesis
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