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CHAPTER 1:ROLE OF HEDGEHOG SIGNALING ON ENDOTHELIAL

                        VASCULAR PATTERNING

1.1. INTRODUCTION.

1.1.1. Embryonic vascular development

The mature cardiovascular system consists of the heart, blood cells and a closed circuit of

blood vessels. During embryonic development the cardiovascular system is the first

functional unit to arise with the heart as the first functional organ. The correct

arrangement of the vasculature is essential for the transport of oxygen and metabolites to

other developing organs and the removal of waste products from embryonic tissues.

Aberrant cardiovascular development results in early lethality in mouse and avian

embryos. For example, mouse and avian embryos that fail to establish a functional

cardiovascular system die at E10.5 and 10HH respectively(Carmeliet et al., 1996). This

introduction attempts to offer a general description of vascular development in the

amniote embryo and will also address the role of several growth factors in this process,

with a special emphasis on the role of Hedgehog signaling in avian vascular

development.

The development of blood vessels is a multi-step process.   The formation of primary

embryonic blood vessels (for example the dorsal aortae and cardinal veins) and the

embryonic vascular plexus occurs by a process called vasculogenesis.  Vasculogenesis is

the de novo formation of a vessel from individual endothelial precursor cells.

Subsequent growth of the vascular network occurs through the process of angiogenesis,

which is the formation of blood vessels from preexisting vessels, usually by the process

of branching outgrowth into avascular tissues.  Since all endothelial cells arise from

mesoderm, vascularization of endodermal organs and neural tissues must occur by

angiogenic branching of blood vessels from adjacent tissues.  The first detailed

description of these processes dates from 1917 by Sabin on chick and pig embryos(Sabin,

1917; Sabin, 1920).  With the development of new microscopy techniques, other
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investigators were able to provide detailed descriptions of the cellular morphology of the

blood vessels during development (Arciniegas et al., 1989; Gonzalez-Crussi, 1971;

Hirakow and Hiruma, 1981; Hirakow and Hiruma, 1983).

1.1.2. Vasculogenesis

The initial step of vasculogenesis involves the appearance of endothelial cell precursors,

called angioblasts from mesodermal tissue.  In the amniote embryo, this process happens

in two distinct locations. The first is in the extra-embryonic portion of the embryo. In

mammals and birds this corresponds to the yolk sack and the area opaca respectively.

This initial vascular specification is closely associated with the hematopoietic lineage in

structures called "blood islands"(Ferkowicz and Yoder, 2005; Minko et al., 2003; Risau

and Flamme, 1995).  The close association between the angiogenic and hematopoietic

lineages suggested the existence of a common progenitor cell named the hemangioblast

(Sabin, 2002).  While it is clear from studies of cells in culture that single precursor cells

can give rise to both hematopoietic and endothelial progeny (Bielinska et al., 1996;

Flamme and Risau, 1992), the importance of the hemangioblast for normal development

has been quite difficult to assess. Recent experiments involving single cell resolution

lineage tracing in zebrafish embryos have shown that hemangioblasts are likely to

contribute only a very small fraction of the endothelial lineage and that the large majority

of endothelial cells derive from endothelial specific progenitors (angioblasts)(Vogeli et

al., 2006).  The second place where initial endothelial cell specification occurs is in the

rostral region of the splanchnic mesoderm adjacent to the head fold regions of the

forming embryo(Eichmann et al., 1993; Pardanaud et al., 1987). These cells are not

closely associated with any cells of the hematopoietic lineage(Pardanaud et al., 1996).

As development proceeds individual angioblasts arise along the entire length of the

splanchnic mesoderm tissue adjacent to the embryo.

Once angioblasts have arisen as single cells within the mesodermal layer, the cells

proliferate and migrate to form the initial vascular plexus.  This involves homotypic

contacts between angioblasts and alignment into rough linear aggregates called vascular
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cords.  Work done in avian embryos shows that these cells express angioblast marker

genes such as SCL/Tal and VEGFR2 (Flk1) but not differentiation markers such as

Integrin αVβ3 or PECAM(Coffin et al., 1991; Drake et al., 1997; Nimmagadda et al.,

2004).  After this initial aggregation into cords, the angioblasts establish polarity by

sorting the apical membrane to the luminal side and by the assembly of tight junctions

with adjacent cells(Hirakow and Hiruma, 1981).  The next critical step in vascular

development is the formation of the tubular vessel by the process called tubulogenesis or

lumenization.  The cellular and molecular mechanisms underlying in vivo lumenization of

the vascular cord are not well understood.  In one model, data from mouse and avian

embryos suggest that the canalization of the vascular cord is achieved by the formation

and fusion of specialized vacuoles, creating an initial lumen in a portion of the vascular

cord(Ulmasov et al., 2009).  This initial lumen may then fuse with intracellular vacuoles

of adjacent cells to form a continuous lumen.  An alternative model (Kucera et al., 2009;

Nelson, 2003; Strilic et al., 2009), suggests that cell-cell contacts are first established

between adjacent angioblasts and that the lumen is formed by movement of extracellular

fluid into the space between cells.

1.1.3. Angiogenesis and vascular remodeling.

The process of vasculogenesis results in formation of a primitive network of embryonic

vascular tubes, corresponding to the paired dorsal aortae (ventral to and flanking the

somites), the posterior cardinal veins (dorsal to the somites) and the primary vascular

plexus, which consists of a network of primitive vessels of uniform diameter, surrounding

the developing embryo. Subsequent growth and remodeling of the primary vasculature

occurs by a process called angiogenesis, which is defined as the formation or remodeling

of blood vessels from a pre-existing vessel(Karamysheva, 2008; Risau and Flamme,

1995).  The most important form of angiogenesis for creating blood vessels in the embryo

proper is vessel sprouting.  This type of angiogenic growth is characterized by the local

destruction of the wall of pre-existing vessel, activation of endothelial cell proliferation

and migration. The first step of branching angiogenesis requires the activation of a

particular endothelial cell, a "tip-cell". The tip-cell responds to a gradient of vascular
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endothelial growth factor (VEGF), perhaps another angiogenic growth factor, and

migrates at the leading edge of the vascular branch(Gerhardt et al., 2003).  Tip cells

express secreted or cell bound proteases for the destruction of the basal membrane of the

pre-existing vessel and for digestion of extracellular matrix(Risau and Lemmon, 1988).

In response to VEGF stimulus, the tip-cell is characterized by major changes in cellular

behavior, including formation of filopodia and reduction or cessation of proliferation.

The endothelial cells behind the tip-cell are often referred to as stalk-cells or phalanx

cells.  Proliferation of the stalk cells is thought to drive the growth of the newly-formed

vessel sprout.  Vessel outgrowth is considered complete when it has sufficiently invaded

a formerly avascular space, or when it forms a junction with another existing vessel

(Bentley et al., 2009).

A maturation process is initiated once sprout outgrowth is complete.  The first step in

maturation is lumenization of the newly formed vessel as described above.  Once the

lumen is formed blood can begin to flow through the vessel, contributing to the stability

of the new branch(Lucitti et al., 2007).  Following the initiation of blood flow, the newly

formed vessel will recruit mural cells which will further contribute to the long term

stability of the vessel, since mural cells are critical for maintenance of structural integrity

under the shear stress generated by circulation(Gerhardt and Betsholtz, 2003).  In general

terms, mural cells consist of pericytes and smooth muscle cells. The smallest vessels,

capillaries, are generally surrounded by an incomplete layer of pericytes, that allow ready

diffusion of oxygen and metabolites between the vessel and the surrounding tissue.

Larger vessels are surrounded by multiple layers of smooth muscle cells and associated

ECM material.  In most cases, mural cells are recruited to the vessels from adjacent

mesenchyme, but the precise cellular and molecular mechanisms regulating recruitment

remain unclear.

Two other forms of angiogenic remodeling are known to occur.  In the first, called

intussusception, a single large vessel may be split into two smaller parallel

vessels(Djonov and Makanya, 2005; Djonov et al., 2000; Makanya et al., 2009).  In the

second, a vessel may undergo regression, either by collapse of the endothelial tube and
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subsequent recruitment of the endothelial cells into the walls of adjacent vessels (Ashton,

1966), or by programmed cell death(Meeson et al., 1996). In both cases, the new vessels

become stabilized by recruitment of mural cells or stabilization of the mural cell layer.

1.1.4. Growth factor regulation of vascular endothelial development.

1.1.4.1.  Specification of the endothelial lineage.

Embryonic vascular development is coordinated by several growth factors that control

endothelial cell specification, proliferation and behavior.  Studies of avian and amphibian

embryos have demonstrated that basic fibroblast growth factor (FGF2) plays an important

role in induction of the mesoderm and possibly exerts a subsequent function in directing

development of a proportion of mesodermal cells towards an endothelial fate(Amaya et

al., 1991). Addition of exogenous FGF to the lateral mesoderm of chick embryos

stimulated strong expression of endothelial markers in the vicinity of the FGF source,

while inhibition of FGF signaling resulted in reduction in the number of endothelial cells

(Nakazawa et al., 2006; Nimmagadda et al., 2007). While it will be important to replicate

these results in other organisms, these studies strongly support a model in which FGF

signaling plays a role in endothelial cell specification.

1.1.4.2. Vascular endothelial growth factor (VEGF) signaling.

Without question the most important regulator of angioblast and endothelial cell

proliferation and behavior is Vascular Endothelial Growth Factor (VEGF).  In mammals,

there are five different VEGF family members (VEGF-A to D and placental growth

factor), 3 receptors (VEGFR1/Flt1, VEGFR2/Flk1/KDR, and VEGF3/Flt4), and 2 co-

receptors, Neuropilin 1 and 2.  While VEGF ligands are expressed by a large number of

tissues from all germ layers, the receptors are expressed almost exclusively by the

endothelial lineage(Eichmann et al., 1993; Finkelstein and Poole, 2003; Wilting et al.,

1997).  Gene ablation studies in mouse indicate that of the different VEGF proteins, only

VEGF-A has an essential role in early vascular development. Mouse embryos
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heterozygous mutant for VEGF-A (i.e. lacking a single copy of the VEGF-A gene)

exhibit abnormal vascular development and die at embryonic day 11 (E11)(Carmeliet et

al., 1996; Ferrara et al., 1996).  VEGF knockout embryos do show the presence of

angioblasts, although very reduced in number compared to wild type embryos.  This

observation indicates that VEGF signaling is not strictly required for initial specification

of the endothelial lineage, but is essential for normal proliferation of angioblasts.  A huge

number of studies have examined the role of VEGF signaling in multiple different

organisms and at numerous different stages of development.  The overall conclusion is

that VEGF signaling is required for all aspects of endothelial biology and function, from

primary vessel formation by vasculogenesis to angiogenic branching and maintenance of

mature vessels.

1.1.4.3.  Angiopoietin signaling regulates vessel stability.

Other important growth factors regulating embryonic vessel development are the

Angiopoietins (Ang), signaling through Tie receptors. Tie2 is a protein-tyrosine kinase

receptor that is expressed exclusively in endothelial cells. Tie2 is activated by its ligand,

Ang-1, and signals mainly through the PI3K-Akt pathway to mediate endothelial cell

migration, maturation, survival, and barrier function. The importance of Angiopoetin

signaling is evident from mouse knockout studies as loss of Ang-1 or its primary receptor,

Tie2, leads to early embryonic lethality (E9.5-12.5) due to hemorrhaging(Song et al.,

2009; Suri et al., 1996).  These studies suggest that the normal function of Ang-1 is to

enhance vessel stabilization by recruitment of mural cells and encouraging interactions

between endothelial cells and the extracellular matrix.  In contrast, Angiopoetin-2

functions as an antagonist of Ang-1, competing for binding to Tie2 and causing

destabilization of vessels (perhaps so that they can undergo remodeling)(Holash et al.,

1999).



17

1.1.4.4.  Eph-ephrin signaling.

Not all growth factors required for a proper vascular development are secreted.  For

example, growth factors of the Eph-ephrin family are membrane bound.  Eph receptors

are transmembrane receptor tyrosine kinases that are activated by ephrin ligands, which

are also membrane bound. EphrinB2 is an endothelial-expressed high affinity ligand for

the EphB receptors. Loss of EphrinB2 in endothelial cells causes severe defects in

angiogenic remodeling, most notably in the yolk sac vasculature where the vascular

plexus persists as a homogenous capillary bed(Gerety and Anderson, 2002).  In

Amphibian and fish embryos expression of a dominant negative EphB receptor resulted

in misguided growth of intersomitic vessels into the somites(Helbling et al., 2000).

These results demonstrate an essential role for Eph-ephrin signaling in regulating

angiogenic remodeling(Hogan and Bautch, 2004; Wang et al.).  In addition to regulation

of vascular remodeling, Eph-ephrin signaling is also important for proper recruitment of

mural cells, vessel maturation and for artery/vein specification.  To present just a single

example, tissue-specific knockout of EphrinB2 in mural cells of mice causes extensive

hemorrhaging from small vessels, leading to perinatal lethality(Hirashima and Suda,

2006).

1.1.4.5. Notch signaling

Similar to Eph-ephrin signaling, Notch signaling is mediated through cell-cell contacts.

During vascular development the Notch signaling pathway plays essential roles in

regulation of endothelial proliferation, cell adhesion and arterial versus venous

specification(Phng and Gerhardt, 2009).  Upon ligand binding, the Notch receptor

undergoes proteolytic cleavage that releases an intracellular domain of Notch from the

membrane.  The intracellular domain translocates to the nucleus where it can associate

with CREB-binding proteins (transcriptional coactivators) and act as a transcription

factor.  Amongst the target genes of Notch regulation are hairy and enhancer of split

(hes) and hes-related (hesr)(Fischer et al., 2004; Iso et al., 2003; Kokubo et al., 1999).  In

mammals, there are four Notch receptors (Notch 1-4) and five ligands (Jagged1 and 2 and
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Delta-like 1, 3, and 4).  All of these genes are expressed in the vasculature, although with

different expression patterns(Kokubo et al., 2005; Taylor et al., 2002).  For example,

Notch1, Notch4, Jagged1, Jagged2, and Dll4 are expressed in arteries but are not

expressed in veins(Iso et al., 2006; Kim et al., 2008; Leslie et al., 2007; Liu et al., 2003).

Notch1 knockout mice show a reduction in vessel size and fail to properly remodel the

homogeneous vascular plexus, leading to death at E9.5-10(Kim et al., 2008; Limbourg et

al., 2005).  Mice heterozygous for Dll4 have a similar disorganized and malformed

vascular phenotype to the Notch1 knockout(Duarte et al., 2004).  Dll4 deficient animals

also exhibit reduced ephrinB2 expression and increased EphB4 expression, consistent

with a loss of arterial differentiation(Iso et al., 2006; Liu et al., 2003; Yamanda et al.,

2009).  Recent studies have shown that Dll4-Notch signaling (in association with VEGF

signaling) is involved in the process of angiogenic sprouting by negatively regulating the

selection of endothelial tip cells(Bentley et al., 2009; Gerhardt, 2008; Hellstrom et al.,

2007).  In the absence of Dll4, too many cells become tip cells and subsequent vascular

branching is disorganized.

1.1.4.6. Hedgehog signaling

The hedgehog pathway.  Recent evidence shows that hedgehog (Hh) signaling is required

for correct vascular development. Hedgehog is a paracrine growth factor that acts as

morphogen, regulating numerous aspects of development. Hedgehog was first identified

in Drosophila and was named by the short and “spiked” phenotype of the cuticle of the

Hh mutant Drosophila larvae(Nusslein-Volhard and Wieschaus, 1980).  Vertebrate

genomes contain three Hh paralogues called Sonic Hedgehog (Shh), Desert Hedgehog

(Dhh) and Indian Hedgehog (Ihh).  The zebrafish genome contains multiple copies of

some Hh genes and so far, Dhh has not been identified in chicken(Burglin, 2008).  The

Hh precursor protein (about 400-460 aa long) is composed of two distinct  domains, the

N-terminal ‘Hedge’ domain (HhN) and the C-terminal ‘Hog’ domain. The Hedge domain

act as the signaling module and possesses all of the bioactivity of Hh, while the Hog has

auto-proteolytic activity.  Hh processing and secretion mechanisms are evolutionarily

conserved.  Within the secretory pathway, the Hh protein undergoes a cleavage event in
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which a peptide bond is converted to a thioester.  This thioester is then modified by

addition of a cholesterol moiety.  As a result we get a processed Hh growth factor,

approximately 19kDa is size, that contains cholesterol at its C-terminal. This protein is

further modified by the acyltransferase Skinny hedgehog(Ski), which adds a palmitate

residue at the amino-terminal.  The resulting bi-modified Hh protein exhibits full

bioactivity(Kohtz et al., 2001).  It appears that these modifications may be involved in

regulating the range of action of Hh from the secreting cell.  In general, Hh is thought to

function quite close to its source of secretion, but under certain circumstances, for

example in the developing limb bud, its range of action can be as great as 300 µm(Lee et

al., 2001).

The mechanism of Hh signaling differs from most other growth factors, because the key

function of Hh as an extracellular signal is to inhibit the activity of the receptor protein

Patched (Ptc). Ptc is a 12-span transmembrane protein.  In the absence of Hh, Ptc

represses the activity of Smoothened (Smo), a seven-pass G-protein coupled co-receptor.

Is not clear how Ptc interferes with the function of Smo.  Some evidence suggests that Ptc

could release an endogenous inhibitor such as pro-vitamin D3 or a related molecule into

the vicinity of the cell, thereby inhibiting Smo activity. Another possible mechanism for

the Smo inhibition involves subcellular localization of Smo. When Hh binds to Ptc, the

complex is internalized and degraded and Smo relocates to the plasma membrane,

especially into the primary cilia(Rohatgi et al., 2007; Wilson et al., 2009).  Localization

of Smo to the primary cilia is a fundamental requirement for the pathway to be

active(Clement et al., 2009; Wong and Reiter, 2008).

Regulation of the Hh signal transduction pathway downstream of Smo differs

significantly between Drosophila and vertebrates and for simplicity, we will only provide

an overview of the vertebrate pathway.  In vertebrates, the primary cilium functions as a

Hh “signaling center” where the biochemical event of signal transduction takes

place(Rohatgi et al., 2007; Wilson et al., 2009; Wong and Reiter, 2008).  For example,

Hh signal transduction components such as Suppressor of Fused (Sufu) and Cos2 and the

essential Hh downstream transcription factors (Gli1-3) are localized to the primary cilium
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prior to Hh stimulation.  Gli1 and Gli2 generally function as transcriptional activator

proteins, whereas Gli3 functions primarily as a repressor.  In the absence of Hh ligand,

Gli1 and Gli2 are sequestered in a complex with Sufu and Cos2 and are also targeted for

degradation.  On the other hand, the repressor factor, Gli3, translocates to the nucleus and

suppresses transcription of Hh target genes.  When Hh is bound to Ptc, the Sufu/Cos2

complex is disrupted and the transcriptional factors Gli1/2 translocate to the nucleus

where they activate expression of Hh target genes(Varjosalo and Taipale, 2008).

Hh signaling during embryonic development.  As we mentioned above, Hh is a potent

morphogen that is essential for correct regulation of numerous developmental processes.

In mammals, Hh regulates left-right axis formation, neural patterning along the dorso-

ventral axis, limb development, primary gut patterning, testis development, tooth

development, eye development and cardiovascular development(Bitgood et al., 1996;

Butterfield et al., 2009; Chang et al., 2001; Iseki et al., 1996; Komada et al., 2008; Mao et

al., ; Nagase et al., 2008; Schilling et al., 1999; Vokes et al., 2004).  During different

developmental events, Hh signaling regulates cell growth and self-renewal,

differentiation and migration(Wallace, 2008).  This diversity of cellular responses is

possible for several reasons.  First, the cellular response to Hh may be dependent on the

type of responding cell, the dose of Hh received and the time at which the cell is exposed

to Hh(Scherz et al., 2007).  Second, Hh is able to induce a great variety of different target

genes, depending on the target cells.  Many of the downstream targets are transcription

factors, that will in turn initiate downstream expression programs.  Also among the Hh

target genes are several secreted growth factors, including BMP4, FGF4 and VEGF and

these may have differential downstream effects on target tissues(Astorga and Carlsson,

2007; Coultas et al., ; Pola et al., 2001; White et al., 2007).

It appears that all vertebrate Hh proteins have equivalent biochemical/functional activities

and that the differences in their developmental roles are due to the time and location of

expression(Pathi et al., 2001).  For example Dhh is expressed exclusively in the gonads,

mainly in the Sertoli cells in the testis and granulose cells of the ovaries(Bitgood et al.,

1996).  Dhh deficient mice do not show obvious developmental defects and are viable.
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However, males are infertile due to the complete absence of mature sperm(Clark et al.,

2000).  Similarly, Ihh expression is restricted to a limited number of tissues, including

primitive endoderm and chondrocytes in the growth plate of bones(Maye et al., 2000).

Ihh null mice usually die early in development due a poor development of the yolk-sac

vasculature and the surviving mice shows aberrant chondrogenesis in the long

bones(Byrd et al., 2002; Colnot et al., 2005; St-Jacques et al., 1999).  Shh is the most

widely expressed Hh protein in the developing embryo. During early embryonic

development, Shh is expressed in midline tissues such as the node, notochord, and floor

plate of the neural tube, regulating the patterning of the left-right axis as well the dorso-

ventral axis in the embryo.  Ihh and Shh ligands are often expressed in the same tissue

during development permitting a high degree of functional redundancy.  While knockout

of either Ihh of Shh alone results in relatively minor developmental defects, deletion of

both genes (i.e.  Shh-/-/Ihh-/-), phenocopies the Smo knockout mouse, and results in early

embryonic lethality(Zhang et al., 2001).

Hh signaling in vascular development.  Hh signaling plays an important role during

embryonic vascular development. This was initially observed independently for the Shh

and Ihh null mice(Byrd et al., 2002).  In the case of the Shh, approximately half of the

embryos reached term and these animals exhibited defects in neural tube and lung blood

vessels(Nagase et al., 2005; White et al., 2007).  The Ihh knockout mice were embryonic

lethal, due to failure of the primary vascular plexus of the yolk sac to remodel and

mature.  The rather localized vascular malformations observed in the Shh and Ihh single

mutant animals is apparently due to overlapping expression patterns and functional

redundancy.  In contrast, double Shh/Ihh knockout mice and Smo null mice show severe

vascular defects. These embryos have small and/or disorganized dorsal aortae, an

aberrant cephalic plexus and missing aortic arches.  In many cases these vessels lack a

lumen, resembling the immature vascular aggregates or cords(Vokes et al., 2004). This

piece of data suggested that Hh is required for vascular tube formation.

The requirement of Hh signaling during vascular development has also been

demonstrated using avian and fish embryos.  Quail embryos treated with a Hh specific
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inhibitor, cyclopamine, show vascular defects(Vokes et al., 2004).  When Hh signaling

was inhibited from the earliest stages of vascular development, the embryos showed

failure of vascular plexus formation and the absence of vascular lumens.  Zebrafish

mutant for Shh, (the sonic you or syu mutant), fail to form a functional vasculature in the

trunk(Brown et al., 2000). These embryos do not show obvious defects during the initial

steps of embryonic vascular development but ultimately fail to form a functional dorsal

aorta and posterior cardinal veins.

Taken together, these experiments make a number of consistent observations about the

function of Hh signaling during vascular development. First, Hh is not required for

angioblast specification.  The number of Flk positive cells is unaltered in the Smo

knockout mice and the syu mutant fish during the initial steps on embryonic vascular

development.  Second, Hh appears to be important for vascular remodeling and/or

tubulogenesis.

How does Hh regulate vascular development?  The mechanisms by which Hh signaling

regulates vascular development remain unclear.  One of the central questions is whether

Hh acts on endothelial cells directly (autonomous mechanism) or indirectly via other

growth/regulatory factors (non-autonomous mechanism).  The majority of evidence

supports the second model. For example, the Ptc-LacZ mice shows that endothelial cells

do not respond to hedgehog signaling by the lack of LacZ expression in endothelial cells,

however the vessel mural cells shows a strong LacZ expression, suggesting the mural

cells and not the endothelial cells are targets of hedgehog(Pola et al., 2001). Also,

targeted inhibition of hedgehog signaling by the tissue specific Smo-/- knockout mouse

shows that the Flk-Cre Smo-/- lack of any vascular abnormalities(White et al., 2007). In

addition, it has been observed that Hh signaling is capable of upregulating expression of a

number of pro-angiogenic signaling pathways, including VEGF, Ang1, Notch, BMP4

and.  Similarly, Shh null embryos show a reduction in Notch1 and Dll4 in endothelial

cells(Lawson et al., 2002).  Shh null embryos also fail to undergo correct arterial

specification, possibly due to down-regulation of ephrin-B2a, which is in turn regulated

by Notch1.  Perhaps most importantly, VEGF expression is regulated by Hh. For
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example, hedgehog is able to induce VEGF expression on ocular stroma cells (Pola et al.,

2001),while inhibition of the hedgehog pathway by genetic or pharmacological

approaches causes a downregulation of VEGF in the somites(Lawson et al., 2002; Nagase

et al., 2006).  In the indirect model, Shh secreted by the axial tissues induces VEGF

expression in the tissues adjacent to the developing blood vessel, particularly in the

lateral mesoderm and in the somites. VEGF then regulates vessel growth and morphology

and ultimately arterial specification through Notch and Eph.  In some tissues, for

example, the yolk sac, Hh may induce vascular remodeling through BMP4

signaling(Astorga and Carlsson, 2007; Nagase et al., 2006).

Despite the body of evidence supporting an indirect role of Hh signaling on endothelial

cell behavior, other studies, primarily involving in vitro culture of endothelial cells

suggests that Hh can directly mediate cell migration and capillary formation. For

example, the mouse endothelial cell line (Bend3) and primary human endothelial cells

(HUVECs) fail to remodel into a vascular network or form lumens in the presence of the

Hh inhibitor, cyclopamine (Geng et al., 2007; Kanda et al., 2003; Vokes et al., 2004;

Yamazaki et al., 2008).  To further complicate the issue, recent observations suggest that

endothelial cell behavior, especially cell migration and lumen formation, can be

influenced by a non-canonical Hh signaling pathway, independent of the Gli transcription

factors.  Activation of expression of pro-angiogenic genes such as matrix

metalloproteinase (MMP-9) and osteopontin (OPN) was observed in these studies, but

controls showed that neither Gli transcription factors, nor the VEGF signaling pathway

were required (Chinchilla et al., ; Renault et al.).  Instead, it is possible that the observed

effects were mediated by the RhoA pathway(Bijlsma et al., 2007).  It will be very

interesting to learn whether the non-canonical Hh signaling pathway functions during

normal embryonic vascular development.
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Fig1. Hedgehog Signaling Pathway. A simplified Hh signaling pathway constructed from

mammalian data. In vertebrates, the primary cilium functions as a Hh “signaling center”

where the biochemical event of signal transduction take place(Rohatgi et al., 2007;

Wilson et al., 2009; Wong and Reiter, 2008).  For example, Hh signal transduction

components such as Suppressor of Fused (Sufu) and Cos2 and the essential Hh

downstream transcription factors (Gli1-3) are localized to the primary cilium prior to Hh

stimulation.  Gli1 and Gli2 generally function as transcriptional activator proteins,

whereas Gli3 functions primarily as a repressor.  In the absence of Hh ligand, Gli1 and

Gli2 are sequestered in a complex with Sufu and Cos2 and are also targeted for

degradation.  On the other hand, the repressor factor, Gli3, translocates to the nucleus and

suppresses transcription of Hh target genes.  When Hh is bound to Ptc, the Sufu/Cos2

complex is disrupted and the transcriptional factors Gli1/2 translocate to the nucleus

where the activate expression of Hh target genes(Varjosalo and Taipale, 2008).
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CHAPTER 2: EXPRESSION OF THE FAST TWITCH TROPONIN COMPLEX,
                         FTNT, FTNI AND FTNC, IN VASCULAR SMOOTH MUSCLE

2.1. ABSTRACT

It is generally believed that proteins of the troponin complex are not expressed in smooth

muscle.  We have directly assayed for expression of troponin transcripts in mouse

vascular smooth muscle and found that troponin sequences normally associated with fast

twitch skeletal muscle (fTnT, fTnI, fTnC) were present at significant levels in the

thoracic aorta. In situ hybridization experiments demonstrated that fTnT, fTnI and fTnC

transcripts were expressed in the smooth muscle layer of mouse blood vessels of all sizes.

Protein blot analysis using rat tissue showed that at least two members of the troponin

complex, Troponin T and Troponin I, were translated in vascular smooth muscle of the

aorta.  Finally, immuno-fluorescence microscopy of rat aortic smooth muscle revealed

that TnT and TnI are localized in a unique pattern, coincident with the distribution of

tropomyosin.  It seems likely therefore, that a complete troponin complex is expressed in

vascular smooth muscle and is associated with the contractile machinery of the cell.

These observations raise the possibility that troponins play a role in regulation of smooth

muscle function.
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2.2. INTRODUCTION

The mechanism of activation of smooth muscle contraction is fundamentally different

from that of skeletal and cardiac (striated) muscle, although both are triggered by an

increase in cytosolic free calcium concentration,[Ca2+].  In striated muscles, [Ca2+] binds

to troponin C, leading to conformational changes in thin filament components and

allowing actin-myosin interactions and cross-bridge cycling.  In contrast, regulation of

smooth muscle contraction is primarily through calcium-calmodulin-dependent

phosphorylation of the 20 kDa regulatory light chain of myosin (MLC).  Stimulation of

smooth muscle cells, by either receptor binding or membrane depolarization, leads to

elevated [Ca2+].  This increase activates the calmodulin dependent MLC kinase (MLCK),

which catalyzes MLC phosphorylation, driving crossbridge formation.  Relaxation of

smooth muscle cells is due to dephosphorylation of MLC by the MLC phosphatase

following the return of [Ca2+] to basal levels and subsequent release of the actin filaments

(reviewed in Ito and Hartshorne, 1990; Arner and Pfitzer, 1999).  Although it is clear that

MLC phosphorylation is the primary regulatory pathway for the initiation of smooth

muscle contraction, numerous biochemical and physiological studies over the last two

decades indicate that additional regulatory mechanisms are likely to exist.  For example,

during the well-established latch state, high levels of force are maintained by slowly

cycling dephosphorylated crossbridges as well as low levels of [Ca2+].  In fact, cross-

bridge cycling rates can differ without detectable alterations in MLC phosphorylation

(Siegman et al., 1984; Rembold and Murphy, 1986; Moreland et al., 1987; Hai and

Murphy, 1988).  These properties cannot be adequately explained by MLC

phosphorylation acting as a simple switch.  In addition, mutations in the heavy chain of
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myosin that are spatially distant from the MLC phosphorylation site, lead to activation of

the MgATPase activity in the absence of MLC phosphorylation, and phorbol dibutyrate-

induced contractions of smooth muscle occur in the absence of an increase in either

[Ca2+] or serine-MLC phosphorylation.  Once again, these studies are not consistent with

the simple switch hypothesis (Fulginiti et al, 1993; Walsh et al., 1996; Rovner et al.,

1995; Throckmorton et al, 1998).  Thus, additional mechanisms appear to be required to

account for smooth muscle contractile force generation and maintenance.  Several

pathways have been proposed to account for the apparent disparities between calcium

levels, MLC phosphorylation and smooth muscle contractile force.  In particular, a thin

filament-based regulatory system for regulating smooth muscle actomyosin interactions

as well as contractile force and maintenance has been suggested, principally involving the

proteins caldesmon and calponin.  However, no consensus has been reached on the

specific roles of these proteins, that can adequately account for the contractile behavior of

smooth muscle (reviewed in Ebashi and Kuwayama, 1994; Sellers, 1999. Facemire et al.,

2000; Morgan and Gangopadhyay, 2001; Hai and Kim, 2005; Ogut et al., 2008).

The Troponin (Tn) complex is the sarcomeric [Ca2+] sensor for activation of striated

(skeletal and cardiac) muscle contraction.  The Tns are a cooperative complex of three

proteins comprised of TnT (Tropomyosin interacting subunit), Troponin C ([Ca2+]

interacting subunit) and Troponin I (Inhibitory subunit) that function with tropomyosin

(Tm) in modulating the interaction of myosin-thick filaments and actin-thin filaments

during force generation.  Although the issue has not been definitively studied, the

absence of a troponin complex from smooth muscle tissues is generally assumed and is
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widely stated in the primary literature and in reviews of smooth muscle structure and

function (Johansson, 1987; Walsh, 1994; Jiang and Stephens, 1994; Owens, 1995; Endo

et al., 1997; Morgan and Gangopadhyay, 2001; Stephens, 2001; Darland and D'Amore,

2001; Watanabe et al., 2003).  In this report however, we provide several distinct lines of

evidence showing that all Tn genes required to assemble a functional fast-twitch troponin

complex are expressed in vascular tissue and immunofluorescence microscopy showed

that Tn proteins are associated with tropomyosin-actin filaments.  The existence of a

complete troponin complex in vascular smooth muscle may suggest a role in regulation

of smooth muscle function.

2.3. MATERIALS AND METHODS

2.3.1. RT-PCR analysis of troponin gene expression in vascular smooth muscle.

For transcript analysis, the heart, thoracic aorta (dissected from the arch to diaphragm)

and femoral muscle were dissected from adult mice (P6H/+ X P6H/+), taking great care

to prevent contamination with adjacent tissues. Tissues were snap-frozen in liquid

nitrogen, ground using a mortar and pestle, and RNA was extracted using Trizol reagent

(Invitrogen Life Technologies) according to the manufacturers recommendations.  cDNA

was prepared using standard methods and primer pairs specific for each of the known

mouse troponin transcripts were used in RT-PCR experiments, together with control

sequences.  Primers were chosen to avoid regions of the transcripts subject to alternative

splicing.  All RT-PCR products were radioactively labeled during synthesis, separated on

denaturing polyacrylamide gels and detected using autoradiography.
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Forward (F) and reverse (R) primers used for RT-PCR analysis of mouse transcripts:

GAPDH, F- GGTGTGAACGGATTTGG, R- CATGGACTGTGGTCATG;

MyoD, F- CGACTGCCTGTCCAGCATAGT, R-CCTGTTACACCTGAGACCT;

SM22, F-AGCTACTCTCCTTCCAG, R- TGACACCTCAGAGCTGTC;

a-tropomyosin, F- TCTCTGAACAGACGCATCC, R-CAGAGAGAACCTTGATCTCC;

fTnT, F-GCAAGCCTCTGAACAT, R- CCAGCATCTCCACTCT;

fTnC, F- ACCATGACGGACCAACAG, R- CTCTTCTGTCACATGCTCC;

fTnI, F- GCTTGAGATCTCAGGATG, R- TCCATGCCAGACTTCTCC;

sTnT, F- GTTCTGTCCAACATGG, R- ACACAGCAGGTCATGTC;

sTnI, F- AGAGCTCCATGCCAAGG, R- AGAAAGATAGGTGAGTGG;

cTnT, F- CCACCTGAATGAAGACCAAC, R- ACTGGCTTCTAGCTAAGC;

cTnC, F- CACAGTGGACTTCGATGAG, R- CTCAGAGTCTAGAGAGC;

cTnI, F- TGATGAAAGCAGCGATGC, R- TTCCATGCCACTCAGTG.

2.3.2. In situ hybridization of sectioned muscle tissues.

Probes for all in situ hybridizations were generated from linearized plasmid templates for

IMAGE mouse EST clones: SM22, (IMAGE: 5056116); fTnT, (IMAGE: 1092865);

fTnI, (IMAGE: 521075); and fTnC, (IMAGE: 963956). T3 or T7 RNA polymerase

transcriptional synthesis (Megascript, Ambion) incorporated digoxigenin-UTP as a label

for detection (Roche). Mouse tissues were fixed overnight in 3.7% Formaldehyde in PBS,

cleared in xylene and embedded in Paraplast.  Ten micrometer sections were mounted on

Superfrost plus charged slides (VWR), dewaxed in xylene and rehydrated from ethanol
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into PBS.  In situ hybridization to sections was carried out using standard methods

adapted from Schaeren-Wiemers and Gerfin-Moser (1993).   Briefly, sections were

digested in proteinase K (Ambion), refixed in 4% Paraformaldehyde in PBS, hybridized

to probe at 65oC, incubated with alkaline phosphatase-conjugated anti- digoxigenin

antibody (Roche) and developed in NBT + BCIP (Roche) in the presence of levamisole

(Sigma).  Slides were dehydrated, mounted with Cytoseal (VWR) and photographed.

2.3.3. Protein blot analysis of TnT expression in vascular smooth muscle.

Tissues were dissected from Sprague-Dawley rats, lysed with 2X SDS Sample Buffer

(0.25M Tris-HCl pH 6.8, 10% SDS, 25% glycerol), boiled and centrifuged.  Protein

concentrations were measured using the BCA assay procedure (Pierce Chemical Co.,

Rockford, IL), with bovine serum albumin as a standard.  Appropriate amounts of protein

were separated by 10% SDS-PAGE and electrophoretically transferred to nitrocellulose.

Antigens were detected by primary antibodies (1:5,000 and 1:1,000 dilutions of TnT and

TnI respectively) followed by peroxidase-conjugated anti-mouse IgG (1:15,000 dilution).

Protein bands were identified using chemiluminescent substrate (NEN, Boston, MA)

exposed on X-OMAT AR film (Kodak, Rochester, NY).

2.3.4. Immunoprecipitation and LC-MS/MS Analysis

Snap-frozen rat aorta was ground in liquid nitrogen into a fine powder using a mortar and

pestle and immunoprecipitated using a protocol modified from Fowler and Adam (1992).

In brief, the aorta powder was solubilized in SDS-immunoprecipitation buffer (300 mM
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NaCl, 10 mM NaHPO4 pH 7.5, 5 mM EGTA, 0.2 mM EDTA, 1 mM MgCl2, 0.4% SDS,

0.02% azide plus a protease inhibitor cocktail), and boiled for 2 minutes.  Next, the

samples were sonicated, Triton X-100 was added (final concentration 2%), and the

samples were spun in an ultracentrifuge for 30 minutes at 40,000 rpm.  The supernatant

was transferred to GammaBind Plus Sepharose beads (Amersham Biosciences) coated

with 25 µg monoclonal anti-TnT (Sigma JLT-12) antibodies and incubated end-over-end

overnight at 4oC. After subsequent washes, bound protein (and anti-troponin antibodies)

was eluted from the beads in SDS sample buffer and fractionated on a 10%

polyacrylamide gel.  The gel was stained in silver stain and a single band, migrating at a

position consistent with TnT (arrow, Figure 3E) was excised and subjected to LC-

MS/MS Analysis by the Arizona Mass Spectrometry Consortium (University of

Arizona).

2.3.5. Immunofluoresence Microscopy and Antibodies

Frozen sections of rat aorta were fixed in 3% paraformaldehyde, permeabilized in 0.2%

Triton-X 100, and incubated in 2% BSA/1% normal donkey serum to minimize non-

specific binding.  Sections were then incubated with anti-TnT monoclonal antibodies at a

1:40 dilution (Clone JLT-12, Sigma), anti-TnT monoclonal antibodies (clone T-59; a

generous gift from Dr. Stefano Schiaffino, University of Padova, Padua, Italy – Saggin et

al., 1990) or anti-TnI monoclonal antibodies (10µg/ml, Spectrum, Clone FI-23) followed

by AlexaFluor 594 conjugated-goat anti-mouse IgG antibodies (1:800, Molecular Probes,

Eugene, OR).  Sections were co-stained using rabbit polyclonal anti-chicken gizzard
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tropomyosin antibodies (1:40, T3651 Sigma) followed by Cy2 conjugated-goat anti-

rabbit IgG antibodies (1:600, Jackson ImmunoResearch Labs).  In each experiment,

secondary only controls were performed: negligible background staining was observed

(data not shown).  Stained sections were analyzed on an Olympus IX70 microscope using

a 100X (1.35 NA) objective.  Micrographs were recorded as digital images (with Z-series

containing 0.15 mm sections) using a Series 300 CCD camera (Photometrics, Tucson,

AZ) and deconvolved using DeltaVision software (Applied Precision, LLC, Issaquah,

WA).

2.4. RESULTS

2.4.1. Sequences encoding the fast twitch skeletal muscle troponin complex are

          expressed in the thoracic aorta of the adult mouse.

Examination of mouse and human EST sequences in the GenBank database revealed Tn

transcripts in numerous highly vascularized tissues, including mammary gland, kidney

and lung, which do not contain striated muscle.  To specifically assay for Tn transcripts

in vascular smooth muscle, RNA was prepared from carefully dissected skeletal, cardiac

and vascular smooth muscle tissues from adult mice and RT-PCR methods were used to

assay for the presence of all eight different troponin transcripts.  The results are presented

in Figure 1.  As initial controls, we used RT-PCR detection of skeletal muscle specific

myoD, and smooth muscle specific SM22 transcripts, to demonstrate that there was no

detectable cross contamination of muscle types in the tissue samples.  We then proceeded

to assay for expression of Tn genes in the different muscle tissues.  As expected,

transcripts encoding the cardiac muscle troponin genes, cTnI and cTnT were heart



34

specific, while cTnC transcripts were present in both cardiac and skeletal muscle.

Significantly , the RT-PCR results clearly show that transcripts encoding the fast twitch

Tn complex, fTnI, fTnC and fTnT are expressed at significant levels in mouse thoracic

aorta tissue.  In addition, expression of slow-twitch TnT (sTnT) was detected in the aorta

sample.  The identity of each of these PCR products was confirmed by DNA sequencing

(data not shown).  GAPDH was used as a loading control to indicate equal amounts of

total template in the different samples.  In order to provide an estimate of the relative

levels of transcripts encoding troponin interacting proteins in the different tissue isolates,

we also detected tropomyosin sequences in the skeletal, heart and smooth muscle

samples, using primers designed to recognize all tropomyosin isoforms (Fig. 1, panel

labeled Tm).

2.4.2. In situ hybridization analysis of troponin expression in adult blood vessels.

To further characterize expression of troponin transcripts in vascular tissues, we carried

out in situ hybridization studies using adult mouse tissues.  When assayed with a probe

directed against fTnC, strong expression was detected in the smooth muscle layer of the

aorta (Fig. 2B).  Identical results were obtained using probes directed against the fTnT

and fTnI sequences (Fig. 2C, D).  In control experiments, the definitive smooth muscle

marker, SM22 showed the same expression pattern (Fig. 2A), while no staining was

observed in negative control experiments (Fig. 2E).  In situ hybridization analysis also

facilitated detection of Tn sequences within the smooth muscle layer of smaller arteries

and veins that could not be easily dissected for RT-PCR analysis.  For example, in situ
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hybridization of cross sections through the quadricep muscle of the thigh, revealed

expression of fTnI mRNA in the smooth muscle layer of a small vessel located within the

skeletal muscle tissue (Fig. 2G).  In this panel fTnI transcripts are also detected, at

significantly higher levels, within adjacent skeletal muscle tissues.  This is to be

expected, since skeletal muscles of the rodent predominantly express fast twitch troponin

sequences (Jin et al., 1998).  Note that the skeletal muscle tissues are negative for the

smooth muscle marker, SM22 (Fig. 2F).  In Fig. 2H, fTnI expression is visible in the

thick smooth muscle of the femoral artery and at lower levels in the thinner smooth

muscle layer of the adjacent femoral vein.  Overall, these results indicate that troponin

expression is not limited to major arteries and veins but appears to be a general feature of

vascular smooth muscle tissue.

2.4.3. Troponin T and I proteins are expressed in thoracic aorta vascular smooth

          muscle.

The results presented above indicate the presence of troponin mRNA in smooth muscle

of the tunica media of blood vessels.  However, it is possible that these troponin mRNAs

are translationally regulated and that no troponin proteins are synthesized.  Experiments

to demonstrate the presence of the fTnI, fTnC and fTnT proteins in smooth muscle were

complicated by the lack of commercial antibodies specific for each of the different

troponin isoforms.  However, several monoclonal antibodies are available that are

specific to troponin isoforms of the same general class (i.e. that will detect all of the

troponin Ts).  Western blotting experiments were performed to determine whether
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troponin protein is indeed expressed in vascular smooth muscle (Fig. 3).  The blots

included a dilution series of skeletal muscle samples, so that an estimate of the relative

abundance of troponin in skeletal muscle and aorta could be obtained.  Rat tissues were

used in these experiments to facilitate dissection of the larger amounts of thoracic aorta

tissue required for protein detection.  As shown in Fig, 3A, probing of protein blots with

an anti-TnT monoclonal antibody (clone JLT-12) detected TnT protein in skeletal

muscle, as expected, and also in thoracic aorta vascular smooth muscle.  Densitometry

and quantitation of the dilution series indicated that, as a proportion of total protein, the

aorta contains approximately 5% of the amount of total TnT present in skeletal muscle.

The migration of the protein band at 38 kDa is identical to that previously reported for the

fTnT isoforms (Siedner et al., 2003).  As shown in Fig. 3B, identical results were

obtained when protein blots were probed using a second anti-TnT monoclonal antibody

(clone T-59) (Saggin et al., 1990).  The fact that the same size band is detected using two

different monoclonal antibodies, each recognizing distinct epitopes, strongly suggests

that the protein detected is TnT.  It has been reported that anti-TnT antibodies may cross

react with caldesmon (Shirinsky et al., 1989) but no bands were detected at the expected

position for this protein (60.5 kDa).  To establish the precise position of migration of

bona fide fTnT, we prepared a marker control by translating mouse fTnT (B3e16

isoform), in the Xenopus embryo and fractionated this protein adjacent to the thoracic

aorta sample (Fig. 3D).  Note that the fTnT marker precisely co-migrated with the protein

detected by the JLT-12 antibody in thoracic aorta, increasing confidence that the

antibodies specifically  detected  TnT.  Additional Western blot experiments were

performed using an anti-TnI monoclonal antibody (clone FI-23).  Once again, the
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antibody detects a single protein band in the aorta sample that co-migrates with the

troponin I band in the skeletal muscle sample (Fig. 3C).  The migration of this band

relative to MW standards is identical to that previously reported for fTnI (Siedner et al.,

2003).  To the best of our knowledge, no commercial antibodies specific for TnC are

available and so we were unable to evaluate the presence of TnC protein in aorta smooth

muscle.

Previous reports have indicated that anti-TnT antibodies may also cross react with

caldesmon and glyceraldehyde–3-phosphate dehydrogenase (Sanders et al., 1987;

Shirinsky et al., 1989).  To confirm the identity of the proteins detected by the anti-

troponin T antibody we carried out immunoprecipitation isolation of protein from rat

thoracic aorta followed by mass spectroscopic analysis.  As shown in Fig 3E,

immunoprecipitation using JLT-12 antibody resulted in isolation of a single prominent

protein band.  Analysis of this material by mass spectroscopy provided the sequences of

three independent peptides that corresponded exactly to troponin T sequences.  No non-

troponin sequences were detected.  We conclude that troponin T protein is expressed in

smooth muscle of the thoracic aorta.

2.4.4. Troponin genes are expressed in mouse intestinal smooth muscle.

Are troponin sequences expressed in other smooth muscle tissue?  Using the same PCR

primers employed to analyze vascular smooth muscle, we characterized troponin

expression in mouse intestine (Fig. 4).  The results show that fTnC, fTnI, sTnT and sTnI
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are expressed in gut muscle.  The first three sequences are equivalent to the troponin

isoforms detected in vascular smooth muscle.  However, gut muscle expresses sTnI but

not fTnT detected in thoracic aorta.  While confirming the presence of troponin

sequences in other smooth muscle tissues, these results raise the possibility that different

tissues express different complements of troponin isoforms.

2.4.5. In thoracic aorta smooth muscle, TnT and TnI are localized in a pattern

          consistent with association with actin filaments.

To determine the intracellular distribution of the Tn proteins in rat aorta, frozen sections

were co-stained with antibodies specific for troponin I or T and smooth muscle

tropomyosin.  Deconvolution immunofluorescence analysis of the stained tissue revealed

that all anti-Tn antibodies used (two different anti-TnT antibodies and one anti-TnI

antibody) localized in a nonrandom pattern that co-localized with a portion of filaments

that stain for tropomyosin (data shown for anti-TnT JLT-12 antibodies and anti-TnI FI-23

antibodies;  Fig. 5A-C and D-F respectively).  The observation that not all tropomyosin-

stained filaments appear to contain troponin is consistent with the apparent lower levels

of troponin detected in smooth muscle in comparison to skeletal muscle as predicted from

Western blot analysis described above.
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2.5. DISCUSSION

2.5.1. Troponins are expressed in adult vascular smooth muscle.

Using a combination of RT-PCR and in situ hybridization methods, we examined

vascular smooth muscle tissue for the presence of specific troponin transcripts.  Of the

eight known troponin genes, we found that mRNAs encoding four different troponin

proteins, fTnI, fTnC, fTnT and sTnT, are present in vascular tissue.  We note that, unlike

protein detection methods, the use of oligonucleotide primers allows gene detection by

PCR to be absolutely specific, since even closely related proteins are encoded by variable

nucleotide sequences.  The presence of isoforms of each of the TnI, C and T subclasses

raises the possibility that a complete Tn complex is expressed in vascular smooth muscle.

In situ hybridization confirms that Tn transcripts are expressed in the smooth muscle

layer of the aorta, in a pattern indistinguishable from that of SM22, a definitive smooth

muscle marker (Fig. 2).  The in situ results also indicate that expression of Tn transcripts

is not limited to the larger vessels but can also be observed in the smooth muscle walls of

arterioles and veins (Fig. 2G, H).  In protein blot experiments, two independent anti-TnT

monoclonal antibodies each recognize a single band in vascular smooth muscle tissue.

The predicted size of the protein is appropriate for fTnT and is indistinguishable from in

vitro translated fTnT (Fig. 3C). Similarly, anti-TnI monoclonal antibody, FS-13, detects a

clear band at the correct size in rat aortic smooth muscle samples.  Most convincingly,

immunoprecipitation followed by mass spectroscopy demonstrated the presence of TnT

in the rat thoracic aorta tissue.  Overall, these results strongly suggest that Tn genes are

transcribed and Tn proteins are translated in vascular smooth muscle tissue of the adult

rodent.  To determine whether troponin sequences are expressed in other smooth muscle
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tissue we analyzed mouse intestinal smooth muscle (Fig. 4).  Although preliminary, these

results demonstrated that fTnC, fTnI, sTnI and sTnT are present in gut muscle.

Additional experiments will be required to determine the diversity of troponin expression

in different smooth muscle tissues.  Finally, immunofluorescent deconvolution studies of

dorsal aorta tissue showed significant co-localization of TnT and TnI with tropomyosin

(Fig. 5).  This observation indicates that the troponin proteins are associated with actin

filaments within smooth muscle tissues and places them in a position to play a functional

role in regulation of smooth muscle contraction.  Our experimental results are limited to

tissues isolated from rat and mouse, however, we note that many different ESTs

corresponding to fast twitch Tn sequences are present in human cDNA libraries prepared

from tissues that do not contain striated muscle, including placenta, lung, prostate, testes

and liver.  Taking fTnI as an example, approximately 20% of all human EST entries for

fTnI are derived from non-striated muscle tissues.

2.5.2. Previous studies suggested that troponin sequences are expressed in smooth

muscle.

Several previous studies have reported that proteins with properties similar to Tn are

present in non-striated muscle tissues.  For example, a protein reacting with an anti-TnT

monoclonal antibody was detected in chicken gizzard tissue by Western blot analysis and

immuno-fluorescence staining (Lim et al., 1983; Lim et al., 1985).  In another study,

monoclonal antibodies directed against cardiac troponin T detected Tn-like proteins in

bovine aortic smooth muscle (Zanellato et al., 1991). This same research showed that two
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different antibodies against cardiac TnI also detected bands of the predicted size for TnI

in protein blots of bovine aorta.  In order to determine which troponins are expressed in

bovine aorta, we used RT-PCR to detect troponin transcripts.  This is only possible for

six troponins, since the nucleotide sequences for sTnI and fTnI are not present in current

databases.  Our analysis showed that bovine aorta contains transcripts for cTnC, fTnC,

sTnT and fTnT (Supplemental Fig. S1).  Despite the fact that Zanellato et al (1991) used

antibodies specific for cTnT and cTnI, we did not detect transcripts encoding these

sequences in bovine thoracic aorta.  At present, the reason for the discrepancy in results

between the protein and nucleic acid methods is unclear.  More recently, in situ

hybridization experiments detected expression of cTnT transcripts in bladder smooth

muscle in the mouse embryo (Wang et al., 2001) and 2D-gels showed TnT protein in

renal arterioles (Pinet et al., 2004).  None of the previous studies detected sequences

consistent with a complete troponin complex in the respective smooth muscle tissues.

2.5.3. Does the troponin complex function in smooth muscle contractility?

Our results provide evidence for the presence of fast twitch troponin complex transcripts,

and the corresponding proteins, in vascular smooth muscle.  At present there is no

evidence to suggest that such a troponin complex actually functions in regulating

maintenance of smooth muscle contraction.  We considered the possibility that the

troponin complex might contribute to the latch mechanism that maintains contractility

during conditions of low [Ca2+] and low phosphorylation of regulatory myosin light

chain (Hai and Kim, 2005; Ogut et al., 2008).  However, in skeletal muscle, the troponin
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complex blocks myosin in a weakly bound state (Jin et al., 2008; Kad et al., 2005) and it

therefore seems unlikely that troponins would meet the requirements for the latch

mechanism in smooth muscle .

The influence of Tns on striated muscle contractility has received increasing attention due

to substantial clinical evidence correlating changes in Tn levels and Tn mutations with

alternations in cardiac function and more recently in striated muscle myopathies and

muscular dystrophies (Hernandez et al, 2001; Tubridy et al., 2001; Clark et al., 2002;

Clarkson et al., 2004).  Despite the absence of mechanism, the findings in this report

suggest that the contributions of vascular smooth muscle troponins might also be taken

into account when considering the etiology of skeletal myopathies.  Further studies will

be required to directly test whether the troponin complex does indeed play a role in

regulating vascular smooth muscle contractile activity and to determine its mode of

action.
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Fig. 1.  Troponin expression in mouse vascular smooth muscle.  RNA preparations from

thoracic aorta, heart and skeletal muscle (quadriceps) were assayed using RT-PCR for the

presence of muscle markers and different troponin transcripts.  Each panel is an

autoradiograph from an individual polyacrylamide gel.  The ubiquitously expressed

GAPDH sequence acts as a loading control.  Lane marked –RT is the minus reverse

transcriptase control reaction.
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Fig. S1.  Troponin expression in bovine thoracic aorta smooth muscle.  RT-PCR analysis

using primer pairs optimized for each troponin sequence and 40 cycles of amplification.

PCR products were fractionated on a 7% acrylamide gel.  The following primer pairs

were used:

sTnT - forward 5' AAACTGCGTATCCTGTCTGAGCGT 3', reverse 5'

TATTTCTGCTGCTTCAGCTTCGCC 3';

cTnT - forward 5' TCCTTCTCCAGGACCTACTCCTCA 3', reverse 5'

AGTGTGGCTTCCAGCCAGT 3';

sTnC – forward 5' TGGCCGCATCGACTATGATGAGTT, reverse 5'

AGGACACACCCAAGTTCACATCCT 3';

fTnC - forward 5' AGTGTTTCCGCATCTTCGACAGGA 3', reverse 5'

TTCTTACTGCACGCCCTCCATCAT 3';

cTnI – forward 5' TCAAGCAGGTGAAGAAGGAGGACA 3', reverse 5'

AGTCAGCTCAGCCCTCAAACTTCT 3';

fTnT – forward 5' AAGGAGAGAATCGAGAAACGCCGA 3', reverse 5'

ACAGGGCCTTCTTCTTCTTCAGGT 3'.  Sequences for bovine cTnC and sTnT are not

available in nucleotide databases.
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Fig. 2.  In situ hybridization analysis of troponin gene expression in vascular smooth

muscle cells. Transverse sections of mouse tissues: dorsal aorta, (A-E); quadricep muscle,

(F,G); and femoral artery and vein, (H).  (A) In the thoracic aorta, the vascular smooth

muscle cells (VMSC) of the vessel wall are specifically marked by SM22.  In separate

thoracic aorta sections, (B) fTnC, (C) fTnT and (D) fTnI stain VSMC however, staining

is not observed in the collagen bundles within the vessel wall or the connective tissue of

the adventica.  (E) Control sections of thoracic aorta are not stained with either the

alkaline phosophatase-conjugated antibody or endogenous sources.  (F) SM22 transcripts

mark VSMCs of a smaller vessel (red arrow) that penetrates the skeletal muscle of the

quadricep, but does not stain the skeletal muscle fibers (yellow arrow).  (G) In similar

sections of quadriceps muscle, fTnI marks a small vessel (red arrow) and skeletal muscle

fibers (yellow arrow). (H) fTnI is also expressed in smooth muscle of the femoral artery

(FA) and femoral vein (FV) and a nearby small vessel (red arrow).
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Fig. 3.  Protein blot analysis shows troponin T and I expression in aortic smooth muscle.

(A).  Western blot of thoracic aorta protein extract (left lane) and quadricep skeletal

muscle dilution series, probed with anti-TnT (JLT-12) antibody.  The amount of protein

extract loaded in each lane is indicated at the top of the figure.  Position of molecular

weight markers is indicated at the right of the panel. Streaks visible above and below the

darkest bands were caused by movement of the film between chemi-luminescent

exposures.  (B) Identical to (A) except probed with anti-TnT (T-59) antibody.  (C).

Identical to (A) except probed with anti-TnI (FS-13) antibody. (D). Western blot of

dorsal aorta protein sample (5 micrograms) showing co-migration with fTnT reference

protein translated in Xenopus embryo.  Lane labeled blank is embryo extract without

added TnT mRNA. (E).  Silver stained gel showing proteins recovered following

immunoprecipitation of aortic smooth muscle samples with anti-TnT (JLT-12) antibody.

Samples with and without added antibody are indicated.  Mass spectroscopic analysis of

the protein band indicated by the arrow yielded peptide sequences corresponding to TnT.
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Fig. 4.  Detection of troponin transcripts in mouse intestinal smooth muscle.  PCR

primers were the same as used for detection of troponin in vascular smooth muscle.  After

40 cycles of amplification, products were fractionated on a 7% acrylamide gel.
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Fig. 5.  Immunofluorescence microscopy reveals that TnI and TnT colocalize with

tropomyosin in the tunica media of the rat thoracic aorta.  Frozen sections of rat aorta

were immunostained for TnT (A) or TnI (D) and costained for smooth muscle

tropomyosin (B, E).  Merged images demonstrate co-localization of TnT (C, green) or

TnI (F, green) with tropomyosin (C and F, red). Insets show a magnified view.

Bar=10mm.
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CHAPTER 3: HEDGEHOG SIGNALING REGULATES SIZE OF THE DORSAL
                        AORTAE AND DENSITY OF THE PLEXUS DURING AVIAN
                        VASCULAR DEVELOPMENT

3.1. ABSTRACT

During embryonic vasculogenesis, endothelial cells form in the mesoderm , assemble into

cord-like structures and then undergo tube formation.  Previous studies have shown that

signaling by members of the hedgehog  family of secreted growth factors is essential for

normal development of embryonic blood vessels.  Embryos lacking hedgehog function

show the presence of abundant endothelial cells but the cells fail to assemble into

vascular cords and lumenized endothelial tubes do not form.  At present it is not known

whether active hedgehog signaling is required for both cord and tube formation or only

for the initial step.  To address this question, we have used small molecule inhibitors and

agonists to the alter activity of the hedgehog signaling pathway in the chick embryo.  If

development is allowed to proceed until endothelial cells of the future dorsal aortae have

assembled into cords, subsequent inhibition of hedgehog signaling, using cyclopamine,

does not prevent aortal cells from forming endothelial tubes, however, it does lead to a

reduction in cross sectional area of the aorta and to a loss of density of the adjacent

vascular plexus.  In contrast, activation of the hedgehog pathway with SAG leads to

formation of enlarged aortae and increased density of the plexus.  Very little, if any, of

the observed effects are due to differences in number of endothelial cells in the treated

embryos.  Examination of endothelial cells during vascular plexus formation shows that

inhibition of hedgehog signaling with cyclopamine inhibits formation of filopodia  while

treatment with SAG increases the number of filopodial extensions.  These studies show

that hedgehog signaling levels must be tightly regulated for normal vascular patterning to

be achieved.
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3.2. INTRODUCTION

The major events underlying formation of embryonic blood vessels are conserved

between all vertebrates (reviewed in Cleaver and Krieg, 2010).  Endothelial precursor

cells, called angioblasts, arise within the mesodermal germ layer.  The angioblasts

undergo proliferation and migration and assemble into loosely organized structures called

vascular cords (Coffin and Poole, 1988; 1991).  The location of cords within the embryo

closely resembles the pattern of the initial network of blood vessels.  Angioblasts within

the cords make cell contacts and tubulogenesis occurs to generate patent blood vessels.

The formation of tubes proceeds in an anterior to posterior wave through the embryo,

with fully formed tubes present in the head at the same time that angioblasts are still

forming into cords in the tail regions (Coffin and Poole, 1988; 1991).  After formation of

the initial endothelial network, primitive blood vessels undergo extensive remodeling to

form the mature vascular pattern.

Several families of growth factors are important during early formation of the vascular

system.  The most important is vascular endothelial growth factor, VEGF.  Mouse

embryos lacking either VEGF or its high affinity receptor, KDR (also called VEGFR2 or

FLK1), form very few angioblasts and subsequent formation of the vasculature is

completely eliminated (Carmeliet et al., 1996; Ferrara et al., 1996; Shalaby et al., 1997).

A vast number of in vivo and in vitro studies have shown that VEGF signaling is required

at almost every stage of early blood vessel development including proliferation of

angioblasts, directed migration of angioblasts and for assembly, morphogenesis and

maintenance of endothelial tubes.  Signaling by members of the BMP family of growth

factors is also important for vascular development.  Analysis of this pathway is somewhat

complicated due to the presence of multiple BMP ligands and multiple receptors, which

may function redundantly, however, loss of function of several signaling components

leads to vascular defects.  Genetic ablation of BMP4 function in mouse causes most

embryos to die at between E7.5 and E9.5 due to lack of mesoderm formation, but the few

embryos that survive to the later developmental stages exhibit severe deficiencies in yolk

sac vascular development (Winnier et al., 1995).  The BMP receptor, ACVRL1 (also
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called ALK1) is expressed strongly in endothelial cells and knockout of gene function in

the mouse results in defects in embryonic vascular development (Oh et al., 2000).

Similarly, endothelial specific knockout of the BMPR1A receptor results in embryonic

vascular defects (Park et al., 2006). Genetic ablation of Smad5, which encodes one of the

regulatory Smads downstream of BMP signaling, results in embryonic death due to

highly aberrant formation of blood vessels (Yang et al., 1999).

Signaling through the Hedgehog pathway is also essential for early vascular

development.  Knockout of the Indian hedgehog gene, Ihh, in the mouse results in defects

in yolk sac vascular development and approximately half of embryos die at midgestation

(Byrd et al., 2002).  Most of the other Ihh mutant animals die around birth and these also

exhibit vascular defects (Colnot et al., 2005). Similarly, Shh mutant mice also exhibit

defects in vascular development, although these are relatively minor and are restricted

mostly to the lung and neural tissues (Nagase et al., 2005; Pepicelli et al., 1998). The

rather minor defects in vascular development appear to be due to functional redundancy

between Ihh and Shh, because animals lacking function of both Ihh and Shh exhibit

severe vascular defects resulting in early embryonic lethality (Zhang et al., 2001).  This

result is confirmed by studies in which function of the non-redundant hedgehog receptor

protein, smoothened (Smo), was ablated.  Mouse Smo mutants showed the presence of a

normal number of angioblasts, but formation of endothelial cords and tubes was severely

disrupted (Vokes et al., 2004).  In contrast, when the patched gene, which normally

functions to limit Hh signaling, was mutated in mouse, embryos showed the presence of

enlarged blood vessels and severe disruption of vascular patterning (Ellis et al., 2003;

Coultas et al, 2010).  Despite some controversy, the majority of evidence currently

suggests that hedgehog ligands do not interact directly with endothelial cells, but rather

produce their effects indirectly via intermediary growth factors.  For example, is well

established that both VEGF and BMP signaling can be activated by Hh in certain

developmental contexts (Pola et al 2001, Lawson et al 2002; Astorga and Carlsson,

2007).
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Here we report that inhibition or activation of hedgehog signaling at later developmental

stages, after assembly of endothelial cords, alters normal vascular development.  When

Hh signaling is inhibited, the vascular plexus occupies less area and the dorsal aortae are

mis-shapen and generally smaller in size.   However, all vascular structures undergo

tubulogenesis when hedgehog signaling is inhibited, including isolated groups of

endothelial cells, which forms hollow spheres.  Activation of Hh signaling results in a

more complex vascular plexus and the dorsal aortae are larger.  Examination of cell

behavior shows that Hh signaling plays a major role in regulating the number of filopodia

extending from endothelial cells. These filopodia are likely to be important for assembly

of the initial vascular network and for establishing the density of the plexus.  We

conclude from these studies that hedgehog signaling is required for correct regulation of

the size of the dorsal aortae and for regulation of the density of the vascular plexus.

3.3. MATERIALS AND METHODS

3.3.1. Treatment of embryos

Fertilized chick eggs were obtained from Hy-Line Inc. and quail eggs from Strickland

Game and Bird Farm.  At the 7-somite stage (HH stage 9, Hamburger and Hamilton,

1951) embryos were removed from the egg and maintained in New culture.  Cyclopamine

(Calbiochem) was dissolved in DMSO and mixed with the carrier, 5- hydroxy-beta-

cyclodextran (HBC).  Cyclopamine in HBC or HBC alone, as a control, was applied to

the top of the embryo in a final volume of 150 µl.  After 4 hours in culture the overlying

fluid was removed and another 150 µl of cyclopamine solution was applied.  Total

incubation in cyclopamine was 8 hours at which time embryos were harvested for

analysis.  SAG (Enzo Life Sciences) was dissolved in DMSO and applied to the embryos

exactly as described for cyclopamine.  After characterization of dose curves, all further

studies were carried out using cyclopamine at 100 µM and SAG at 20 µM.
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3.3.2. In situ hybridization and antibody analysis.

The chick Patched-1 probe construction has been described previously (Pearse et al.,

2001).  Whole-mount in situ hybridization was carried out using digoxigenin-labeled

probes and standard conditions.  QH1 antibody was obtained from the Developmental

Studies Hybridoma Bank and staining was carried out as described previously (Vokes et

al., 2004).  For qPCR analysis of chick transcripts, primers were as follows:

Ptch1 forward primer: GTGTCAGGCATCAGTGAGGA; Ptch1 reverse primer:

TGCAATCTGGGACTTGACTG; RNA pol2 forward primer:

TTTGGACTGTGGTCACGTAGC; RNA pol2 reverse primer:

AGGTTTGAGGGAGGACTGAAC.  Real time PCR was performed in a Corbett

Rotogene 6000 using standard methods. Measurement of the area of the QH1-stained

vascular plexus, dorsal aorta perimeter and dorsal aorta cross-sectional area were all

determined using NIH Image J.

3.3.3. Quantitation and Cell counts.

For determination of relative width of the dorsal aortae, photographs of embryos stained

with QH1 were measured using Image J and arbitrary units.  Measurements were taken at

the level of the 3rd, 6th and 10th somite for each dorsal aortae and included at least 3

embryos for each treatment.  For determination of dorsal aortae area and perimeter,

digital photographs of sections obtained using a compound microscope were analyzed

using Image J.  In this case, real dimensions of the vessels were determined using a

reference micrometer.

For measurement of endothelial cell numbers, embryos were whole mount stained with

QH1 and DAPI and then sectioned.  EC cell numbers were determined by counting

number of nuclei contained within QH1 positive cells at the level of the 3rd, 6th and 10th

somite.  Numbers were determined for at least 5 embryos for each treatment.  Identical

methods were used to determine the number of ECs composing the dorsal aortae for each

treatment.
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3.4. RESULTS

3.4.1 Modulation of hedgehog signaling using cyclopamine and SAG.

Although the Hh pathway inhibitor, cyclopamine, has previously been used in chick

embryo studies, the concentration varied widely depending on the stage of development

and the culture method (Britto et al., 2002; Franz-Odendaal, 2008; Hutson et al., 2009;

Incardona et al., 1998; Kim and Melton, 1998; Kolpak et al., 2007; Scherz et al., 2007).

On the other hand, use of the Hh agonist, SAG, has not previously been reported for

chick. Using the New culture protocol, we have carried out dose studies to determine the

amounts of cyclopamine and SAG sufficient to influence hedgehog signaling levels but

that do not cause non-specific embryonic defects.  Transcription of the Hh co-receptor,

Patched-1 (Ptch1), is a direct target of Hh regulation and so we have carried out in situ

hybridization analysis to determine the location and levels of Hh signaling in response to

cyclopamine and SAG (Fig. 1).  Treatment of chick embryos for 8 hours with a range of

cyclopamine concentrations from 25-200 µM, resulted in dose dependent reduction in

Ptch1 expression levels.  Even at the lowest dose of cyclopamine (25 µM), expression in

the somites was noticeably reduced compared to controls (compare Figs. 1A and 1Fig.

1B), but a concentration of 100 µM was required to produce a major reduction in Ptch1

transcript levels in the notochord and ventral neural tube (Fig. 1D).  At 200 µM

cyclopamine, some embryonic death was observed, although overall development of

surviving embryos appeared normal. For agonist studies, treatment of chick embryos with

SAG at concentrations from 1-20 µM, resulted in a dose dependent increase in levels of

Ptch1 signal detected by in situ hybridization (Fig. 1F-J) although the increase appeared

to plateau at approximately 10 µM (compare Fig. 1I and 1J).  No reduction in embryonic

viability was observed, even at the highest doses of SAG.  Agonist treatment not only

increased Ptch1 expression in the normal domains, such as the somites and neural tube,

but also activated ectopic expression in the endoderm, lateral to the somites (arrowheads

in Figs. 1H,I,J). Expression also increased in the dorsal region of somites (compare Fig.

1K and 1M).  Based on these experiments we settled on concentrations of cyclopamine of

100 mM for inhibitor studies and SAG at 20 µM for agonist studies.  To quantitate the
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alterations in Ptch1 transcript levels in response to cyclopamine and SAG treatment, we

carried out qPCR analysis (Fig. 1N).  In this experiment, Ptch1 transcript levels were

altered to approximately 60% and 180% of wild type levels in response to 100 µM

cyclopamine and 20 µM SAG treatment respectively.  This experiment determines an

average, and it is likely that some individuals showed greater reduction in Hh signaling

levels.  The alterations in transcript level determined by qPCR seem rather modest

compared to the very obvious changes in signal strength revealed by in situ analysis.

However, we note that studies of Hh signaling in vitro, where cells can be exposed to

constant levels of cyclopamine inhibitor, report reduction in Ptch1 expression to only

about 30% of untreated levels (Shiroyanagi et al., 2007).

3.4.2. Modulation of hedgehog signaling alters dorsal aortae size, but not endothelial

          tube formation.

Previous studies have shown that the vascular endothelial tubes fail to form, or form very

poorly, in the absence of hedgehog signaling (Dyer et al, 2002; Vokes et al, 2004;

Coultas et al., 2010).  In all of these studies, hedgehog signaling was disrupted from the

earliest stages of endothelial development.  Since tubes did not form, it was not possible

to determine whether levels of Hh signaling might influence tube size or morphology.

We have specifically addressed this question by inhibiting Hh signaling in the quail

embryo after formation of the initial vascular network (Fig. 2).  Cyclopamine was added

at the 7 somite stage (HH9), at which time numerous endothelial cells were present and

an elaborate network of endothelial cell contacts had formed (Fig. 2B, C).  At the 7-

somite stage, tube formation had been initiated in the anterior-most regions of the

forming dorsal aortae, at about the level of the first somite, but the remainder of the

aortae consisted of non-lumenated vascular cords.  Cross sections at the level of the 5th

somite show an accumulation of QH1 positive cells ventral to the forming somite, but no

lumen is visible (Fig. 2D).  Treatment with 100 µM cyclopamine was continued for

approximately 8 hours, until the 10-somite stage, when endothelial cell patterning was

assayed.  Not all embryos showed altered vascular patterning of response to cyclopamine

treatment (Table 1), and it seems likely that the normal embryos were those in which Hh
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signaling levels remained relatively unchanged.  In the results presented below, only

embryos showing at least some detectable alteration in vascular patterning where

subjected to further analysis.

In control embryos, it was clear that maturation of the dorsal aortae (DA) had occurred

between 7 and 10 somite stages.  The thin somewhat irregular cords present at the 7

somite stage had developed into continuous patent vessels (Fig 2F-H) and the adjacent

vascular plexus had made further connections to form a highly structured sinus.  In

contrast, inhibition of Hh signaling resulted in an obvious disruption of dorsal aortae

structure relative to controls, with the vessels appearing highly irregular, generally

narrower and at some positions, discontinuous (Fig. 2I-K). Despite the disorganized

structure however, the DA in the cyclopamine-treated embryos formed distinct lumens

and the vessels were patent, even in those regions where they were extremely narrow

(Fig. 2L).  Treatment with the Hh agonist, SAG, resulted in increased density of the

vascular plexus plus an apparent increase in size of the dorsal aortae (Fig. 2N-P and

below).  In many cases, SAG treatment expanded the aortae so that they occupied a space

equivalent to the entire ventral surface of the somite.

In previous studies we showed that blocking Hh signaling during early vascular

development strongly interfered with assembly of the vascular plexus (Vokes et al, 2004).

For the experiments in Fig. 2, treatment with cyclopamine commenced at the 7somite

stage, but even at this late stage, significant disruption of plexus formation was observed

in many embryos (Fig. 2J,K).  To determine whether inhibition of Hh signaling inhibited

lumen formation, we identified embryos with extreme defects in network formation

(compare Fig. 2Q and 2R), and then used confocal imaging to determine whether

endothelial cell tubes or hollow spheres were formed.  As shown in Fig. 2S, these

discontinuous cellular aggregates contained lumens, even though structure of the

surrounding plexus was highly abnormal.
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3.4.3. Dimensions of the dorsal aortae and density of the vascular plexus correlate

          with Hh signaling levels.

We carried out a series of measurements to quantitate the effects of inhibiting and

stimulating Hh signaling on blood vessel patterning and structure in the quail embryo.

First we determined the dimensions of the dorsal aortae (Figs 3A-C).  Because the dorsal

aortae were not circular in cross section, we carried out three distinct measurements,

which reflected different properties of the vascular tubes.  For example, while the cross

sectional area of the tube may be the most important for fluid flow and vessel function,

the measurement of the cross-section length of the vessel wall (approximately the

diameter) is the most relevant from a structural point of view, because it is dependent on

either the number of cells contributing to the vessel wall or to the shape of those cells.

For all three measurements, width, area and perimeter, we observed a statistically

significant reduction in tube dimensions following cyclopamine treatment and a

statistically significant increase in tube dimensions after SAG treatment (p < 0.5 using

Student's T-test).  Inhibition of Hh decreased the DA perimeter to approximately 63% of

wild type, whereas stimulation of Hh signaling resulted in an increase to approximately

137% of wild type (Fig. 3C).

Next, we measured the total area of the endothelial plexus in response to each treatment.

As show in Fig. 3D, the area of the vascular network, measured by QH1 staining,

correlated with the levels of Hh signaling.  In control embryos (examples in Figs. 2F,G)

approximately 71% of the area of the lateral plate mesoderm stained positively with QH1

antibody.  Inhibition of Hh signaling with cyclopamine reduced the area of staining by

0.57-fold to 41% of the total area.  In contrast, SAG treatment increased the QH1 positive

area by 1.25-fold to 91% of the total area.  Both of these differences are statistically

distinct from the control (Students T test, P < 0.05).
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3.4.4. Changes in cell number are not sufficient to explain differences in vessel

           structure.

Alterations in area of the vascular plexus and the dimensions of the DA could be due to

several causes. Previous studies have indicated that Hh can function as a proliferative

factor for a range of different cell types (Elia et al., 2007; Fuccillo et al., 2006; Komada

et al., 2008; Mao et al., 2010) and so one reasonable explanation would be a decreased

number of endothelial cells (ECs) contributing to vascular structures in cyclopamine

treated embryos and an excess of ECs in SAG treated embryos. We determined whether

the total number of ECs in the quail embryo was altered in response to treatment with

cyclopamine or SAG for 8 hours.  The results show that inhibition of Hh signaling using

cyclopamine resulted in no significant reduction in total EC number during the course of

treatment (Fig. 4A).  In contrast, treatment with SAG resulted in an approximately 13%

increase in the number of ECs (Fig. 4A), which is just statistically significant, P=0.049

(Student's T-test). Overall however, increase or decrease in Hh signaling resulted in very

little change in the total number of ECs over the duration of the experiment. While

overall cell number may be little changed, it is possible that Hh signaling regulates the

number of ECs specifically composing the dorsal aortae.  To address this possibility, we

carried out detailed counts of the number of ECs forming the walls of the DA after the

different treatments.  Examples of confocal images of DAs co-stained with DAPI and

QH1 are shown for control, cyclopamine-treated and SAG-treated embryos in Figs. 4B-D

respectively.  Numbers were obtained by counting the number of cells contributing to

each of the paired dorsal aortae, in at least 5 sections per embryo, for at least 3 embryos

per treatment.  This quantitation revealed no statistically significant difference in the

number of cells comprising the walls of the DAs in response to the inhibition or

stimulation of Hh signaling.  Rather than regulating cell number, it therefore seems likely

that Hh controls structural aspects of vessel assembly, for example, thickness of the

vessel wall, interactions of ECs with the ECM or EC-EC adhesion, leading to changes in

the overall size and/or shape of the resulting blood vessel.
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Apart from the dimensions of the DA, the other major alteration we observed in vascular

patterning following modulation of Hh signaling, was the density of the endothelial

plexus (Fig. 3D).  Since the number of endothelial cells in the embryo hardly changed

following inhibition or stimulation of Hh signaling (Fig. 4A), it seemed likely that the

alteration in plexus density resulted from changes in EC morphology or behavior.  We

therefore used confocal imaging of QH1 stained quail embryos, to examine the

morphology of ECs while in the process of plexus formation.  For these studies we

focused on posterior regions of the embryo, where the process was still incomplete when

treatment was initiated at the 7 somite stage (for example, Fig. 2B).  As for previous

experiments, quail embryos were treated with cyclopamine or SAG for 8 hours prior to

fixation and antibody staining.  Confocal imaging revealed a quite dramatic difference in

the detailed appearance of ECs following different treatments.  Independent of the

density of the region of plexus examined, inhibition of Hh signaling resulted in reduced

presence of filopodia on ECs compared to controls (compare Fig. 5B, and D).  In

contrast, stimulation of the Hh pathway using SAG resulted in a conspicuous increase in

the total number of filopodia (Fig. 5F).  In order to quantitate this effect we calculated the

number of filopodia per length of vascular edge or perimeter (Fig. 5G).  These results

clearly demonstrated a significant reduction in relative number of filopodia when Hh

signaling was inhibited (0.57X control value) and an increase in filopodia number when

Hh signaling was stimulated (1.77X control value).

3.5. DISCUSSION

3.5.1. Inhibition and Stimulation of Hh signaling using cyclopamine and SAG.

Previous studies have described the use of cyclopamine to inhibit Hh signaling in the

avian embryo (Britto et al., 2002; Incardona et al., 1998; Kim and Melton, 1998; Vokes et

al., 2004).  We have confirmed the effectiveness of cyclopamine for inhibition of Hh

signaling in the avian embryo (Fig. 1) using expression of the Hh receptor protein, Ptch1,

as a direct molecular marker (Pearse et al., 2001).  We have also demonstrated the use of

the smoothened agonist, SAG, to up-regulate Hh signaling in the avian embryo (Fig. 1),

again using Ptch1 expression as an assay.  Quantitation of Ptch1 expression by qPCR,
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indicated that cyclopamine at 100 µM reduced Hh signaling to about 70% of wt levels

(Fig. 1).  This is an average figure, and measurements of individual embryos suggest that

it is possible to reduce Ptch1 expression to about 30% of wt levels (data not shown),

which is consistent with levels of inhibition reported in cell culture studies (Shiroyanagi

et al., 2007).  Treatment with SAG increased the intensity of Ptch1 transcript staining

when assayed by in situ hybridization (Figs. 1F-J) and also by qPCR (Fig. 1N).  In situ

analysis also showed changes in the localization of Ptch1 expression.  For example,

following SAG treatment, Ptch1 expression was detected in the lateral mesoderm ventral

and lateral to the somites (Figs. 1J, M).  This area shows extremely weak Ptch1 staining

in control embryos.  SAG treatment also resulted in strong expression of Ptch1 extending

into dorsal regions of the somites (Fig. 1M), a region that is only weakly stained in

controls (Fig. 1K).

3.5.2. Alterations in vascular morphology in response to altered Hh signaling

In previous studies we showed that inhibition of Hh signaling in avian embryos resulted

in severe disruption of vascular development (Vokes et al., 2004).  In these studies

cyclopamine at 100 µM was added at about the time that angioblasts first appeared in the

mesoderm.  Endothelial cells accumulated in discrete aggregates, the vascular plexus was

highly disrupted and no lumen formation was observed.  In this present work we have

followed up on the original studies by inhibiting Hh signaling after the initial vascular

plexus has formed, to determine whether Hh may play a role in regulating the size and

morphology of blood vessels.  Our results quite clearly demonstrate that either inhibition

or stimulation of Hh signaling results in quite dramatic changes in structure of the dorsal

aortae and the vascular plexus (Fig. 2).  Inhibition of Hh function caused the DA to be

smaller, more irregular in structure and in some cases discontinuous (Figs. 2E-H).

However, even at the places where the DA were narrowest, they retained a patent lumen.

These results are somewhat different from those previously reported for mouse embryos

completely deficient in Hh signaling due to ablation of the Smo gene (Vokes et al., 2004;

Coultas et al., 2010).  In the trunk region of mouse embryos, the DA completely failed to

undergo tubulogenesis, even though normal numbers of angioblasts were present (Vokes
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et al., 2004).  In other regions of the Smo mutant mouse embryo, particularly the head

and tail, limited formation of endothelial tubes did occur.  Several explanations can

account for the differences observed between the mouse results and the current studies

using quail.  First, cyclopamine treatment may not have achieved the same inhibition of

Hh function as the Smo knockout mouse.  It is possible therefore, that low levels of Hh

are sufficient to permit tubulogenesis, even though the resulting vessels may be

malformed.  Second, it is possible that other endothelial growth factors can compensate

for reduction in Hh signaling in the avian embryo, but not in the mouse embryo.  Third,

early inhibition of Hh signaling in the Smo knockout embryos, may have prevented

assembly of the vascular cords, which in turn prevented tube formation.  Later inhibition

of Hh in the avian studies may have bypassed this essential step.  In addition to

influencing DA development, cyclopamine also inhibited later development of the

vascular plexus.  Compared to controls, the vascular network occupied less area and in

was in many examples fragmented (compare Figs 2F,G and 2J,K).  However, even the

smallest endothelial aggregates contained lumens when examined at the 10-somite stage

(Fig. 2R,S).

Stimulation of Hh signaling using SAG caused precisely the opposite effects to

inhibition.  The paired DA were larger in size and the vascular plexus occupied a greater

area than controls.  On average, the length of the inner wall of the DA (perimeter)

increased by more than a third compared to controls (Fig. 3C), but in some extreme cases

(Fig. 2P) the length was almost doubled.  These results are broadly similar to those

observed in the Ptch1 null mouse (Coultas et al., 2010) in which Hh signaling is

upregulated.  Taken together, the inhibition and stimulation studies demonstrate that the

size of the DA and the density of the vascular plexus correlate with Hh signaling levels.

3.5.3. Changes in vascular pattern are due to alterations in morphology and cell

           behavior, not changes in cell number.

Previous studies have shown that Hh can act as a mitogen for numerous cell types (Elia et

al., 2007; Fuccillo et al., 2006; Mao et al., 2010; Komada et al., 2008).  These effects may
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be due to direct binding of Hh to responding cells, or may be achieved indirectly through

Hh activation of downstream growth factors.  In order to determine whether the vascular

defects observed when Hh signaling was either inhibited or activated were due to changes

in angioblast cell number, we carried out detailed cell counts (Fig. 4).  To our surprise we

found that the number of angioblasts was more or less unchanged when Hh activity was

altered.  The largest effect was observed in the presence of SAG, where the total number

of angioblasts was seen to increase approximately 13% relative to controls (Fig. 4A).

These results are still consistent with a role for Hh as a mitogen (either directly or

indirectly) for endothelial cells, but they do indicate that the 8 hour period of treatment

was too short for cell numbers to change dramatically.  Perhaps the most intriguing

observation is that the walls of the DAs in embryos treated with cyclopamine and SAG

contained apparently identical numbers of endothelial cells (Fig. 4E).  This indicates that

the rather major differences in DA structure in response to inhibition or activation of Hh

signaling must be due to alterations in cell behavior or structure, not due to differences in

the number of cells constituting the vessel.

The other major alteration in vascular structure in response to alteration of Hh activity

was the density or the area of the vascular plexus.  Again, the fact that EC numbers were

unchanged, suggests that alterations in cell properties must underlie the different plexus

structures.  Previous studies have shown that when Hh signaling is inhibited by

cyclopamine prior to plexus formation, angioblasts assemble into clumps of cells and fail

to construct the connecting bridges that generate the primitive vascular network (Vokes et

al., 2004).  It seems reasonable to speculate that formation of the primitive plexus might

involve the extension of filopodial processes as a precursor to establishment of adhesion

between angioblasts.  Similarly it is possible that up-regulation of filopodia activity might

partially explain increased interactions between angioblasts leading to greater density of

the vascular plexus. When we counted the number of EC filopodia in the 10-somite

embryo, we observed a correlation between the level of Hh signaling and the number of

filopodia (Fig. 5G).  Once again it is not clear whether the stimulation of filopodia

activity is a direct response of endothelial cells to Hh signaling or whether it may be

mediated through other growth factors.  Previous studies have shown the Hh can activate
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a number of signaling pathways relevant to endothelial cell patterning and behavior.  In

particular VEGF is known to regulate the density of filopodial extensions on ECs

(Ruhrberg et al., 2002; Gerhardt et al., 2003).  We plan to carry out additional studies to

determine which growth factor regulatory pathways lie downstream of Hh in regulating

patterning of the DA and the vascular plexus in the avian embryo.
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Fig. 1.  Characterization of cyclopamine inhibition and SAG activation of Hh signaling in

the chick embryo. In situ hybridization analysis for expression of the hedgehog receptor,

Ptch1, as a readout for Hh signaling.  (A-E) Embryos were treated with increasing doses

of cyclopamine (0-200 mM), commencing at the 7-somite stage, until the 10 somite stage

(about 8 hours).  Ptch1 expression was reduced as the concentration of cyclopamine

increased.  Expression was initially lost from the somites and lateral mesoderm and then

then more gradually from the notochord and the ventral neural tube.  (F-J).  Embryos

treated with increasing concentrations of SAG (0-20 mM), commencing at the 7- somites

stage, until the 10 somite stage.  Ptch1 expression increased in a concentration dependent

manner.  Regions of higher expression in the lateral plate mesoderm are indicated by

arrowheads.  (K, L, M)  Cross sections through embryos treated as indicated and assayed

for Ptch1 by in situ hybridization.   (K) Control embryo shows wild type expression

pattern of Ptch1 in the notochord, ventral neural tube, ventral somites and more weakly in

the lateral plate mesoderm.  These last two expression domains are directly adjacent to

the forming dorsal aortae (da).  (L) Embryo treated with 100 mM cyclopamine.

Expression of Ptch1 was almost completely absent, except for low levels in the ventral

neural tube.  (M)  Embryo treated with 20 mM SAG.  Expression of Ptch1 appeared more

intense in all regions compared to control.  Ptch1 expression was now prominent in more

dorsal regions of the somite and in the lateral plate mesoderm, which showed relatively

low expression in the control embryo (K).  Regions of increased Ptch1 expression in the

somite and lateral plate, adjacent to the da are indicated by the arrowhead.  (N)

Quantitative PCR analysis of Ptch1 expression levels.  Results represent the average

relative transcript levels from 3 embryos for each treatment.  Both cyclopamine and SAG

treatments are statistically different from controls (P<0.05, Student's T-test).
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Fig. 2.  Antibody analysis of vascular formation in quail embryos treated with

cyclopamine or SAG.  Vascular tissues were detected using QH1 antibody.  (A-P).  The

first column shows bright field images of embryos, the second column shows identical

embryos stained with QH1, the third column shows magnified images of the vascular

plexus region and the fourth column, shows cross sections through QH1-stained embryos

at the level of the 5th somite. (A-D).  Characterization of embryos at the 7-somite stage,

prior to initiation of treatment.  At this stage, a complex network of vascular cords has

assembled, but tubulogenesis has only commenced in the most anterior regions of the

paired DA.  Sections at the level of the 5th somite (D) show that angioblasts have

assembled at the region of the future DA (da), but tube formation has not started.  (E-H).

Characterization of control embryos at the 10 somite stage at the completion of treatment.

The DAs are prominent continuous structures and an elaborate sinusoidal plexus has

formed in the adjacent mesoderm.  The section image (H) shows the presence of the

tubular DA (da).  (I-L).  Characterization of 10-somite stage embryos treated with

cyclopamine.  Relative to controls, the DA are narrower and much more irregular in

appearance.  The vascular plexus in less dense and in some places discontinuous.  Despite

the general disruption of vascular patterning, the section image (L) reveals that tube

formation has occurred.  (M-P). Characterization of 10-somite stage embryos treated with

SAG.  Relative to controls the DA are wider and the vascular plexus is very dense.  The

section image at the level of the 5th somite shows the extremely large tubular DA (da).

(Q).  Typical area of QH1-stained vascular plexus from a control embryo at 10-somites.

(R). Equivalent region of the vascular plexus from an embryo treated with cyclopamine.

In this fairly extreme example, the plexus is very low density and many angioblasts exist

in isolated aggregates rather than assembled into cords.  (S).  Confocal image of an

isolated angioblast aggregate from a cyclopamine treated embryo, showing the presence

of a lumen.  QH1 is green, propidium iodide staining for nuclei is red.  In panels D,H,L,P,

the location of the notochord is indicated by the dotted circle.  Scale bar in the first

column is 0.5 mm, and in the last column is 150 micrometers.
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Fig. 3.  Quantitation of the structure of the dorsal aortae and the vascular plexus in quail

embryos with inhibited and activated Hh signaling.  (A).  Relative width of the DA in

control, cyclopamine and SAG-treated embryos.  Measurements were made from

photographs of QH1 stained whole mount embryos.  Measurements were made for each

DA at 5 positions along the AP axis, including at least 3 embryos for each treatment,  (B).

Measurements of DA area were made by analysis of digital photographs of QH1 stained

sections using Image J.  Measurements were made at 5 positions along the AP axis,

including at least 3 embryos for each treatment.  (C).  Measurements of DA perimeter

(the length of the inside of the DA vessel wall) were made by Image J analysis of the

same digital photographs used in (B). Measurements were made at 5 positions along the

AP axis, including at least 3 embryos for each treatment. (D). Area of the vascular plexus

was determined by Image J analysis of the same digital photographs used in (A).  At least

3 embryos were included for each treatment.  In all cases, the measurements for

cyclopamine and SAG treated embryos are significantly different from control values

(P<0.05, Student's T-test).
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Fig. 4. The number of cells comprising vascular structures is little changed after

inhibition or activation of Hh signaling.  After experimental treatment, quail embryos

were stained with QH1 to detect angioblasts and DAPI to mark nuclei.  (A). Endothelial

cell (EC) number was determined by counting number of nuclei corresponding to QH1

stained cells.  Five sections were counted for each embryo, with at least 3 embryos for

each treatment.  Number of ECs in SAG treated embryos is significantly different from

controls and cyclopamine-treated embryos.  (B-D).  Determination of number of ECs

comprising the DA.  Confocal images of sections at approximately the level of the 5th

somite.  From left to right the panels show DAPI stain, QH1 stain and the merged image.

Representative images are shown for a single DA in control (B), cyclopamine-treated (C)

and SAG-treated embryos (D).  Scale bar is 100 micrometers.  (E).  Number of cells

contributing to the wall of the DA.  DAPI stained nuclei contained in the wall of the

vessels (QH1 stained) were counted.  Cells in both DA were counted in at least 5 sections

per embryo, for at least 3 embryos for each treatment.  Despite differences in the size of

the vessels, the number of ECs comprising the walls was unchanged by the different

treatments.
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Fig. 5.  Relative number of EC filopodia correlates with Hh signaling levels.  After

experimental treatment, quail embryos were stained with QH1 to mark ECs and images

of the vascular plexus were obtained using confocal microscopy.  (A). Image of region of

vascular plexus from posterior of embryo, adjacent to dorsal aorta (just out of frame at

top), of control embryo.  (B).  Inverted image (ECs are black) of region outlined in box in

(A).  Filopodia extending from ECs are indicated by open arrowheads.  (C). Image of

vascular plexus of cyclopamine treated embryo.  Plexus region is equivalent to that in

control.  (D).  Inverted image of region outlined in box in (C) showing filopodia marked

with arrowheads.  (E). Image of vascular plexus of SAG-treated embryo.  Plexus region

is equivalent to that in control.  (F).  Inverted image of region outlined in box in (E)

showing filopodia marked with arrowheads.  (G). Quantitation of relative number of

filopodia following different treatments.  Total number of filopodia were counted and

then normalized against length of perimeter (edge).  Length of perimeter was calculated

using Image J.  Plexus on both sides of midline was counted for at least 3 embryos for

each treatment.  Results show that the relative number of filopodia correlates with the

level of Hh signaling.
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Table 1.  Inhibition or stimulation of Hh signaling resulted in altered development of
primary vascular structures.

Treatment Normal
vascular
structure

Total number of
embryos

Normal vascular
development

(%)

Control 42 45 94

Cyclopamine (100 mM) 14 50 28

SAG (20 mM) 4 11 36
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CHAPTER 4: CONCLUSION AND FUTURE DIRECTIONS

4.1. Conclusions.

Results presented in Chapter 3, make a strong case that Hh signaling plays an important

role in regulating the size the structure of the major blood vessels formed during

vasculogenesis.  Reduction in overall Hh signaling levels, achieved by use of the small

molecule inhibitor, cyclopamine, reduces the size of the dorsal aortae and decreases the

density of the vascular plexus.  In contrast, increased Hh signaling via the Smoothened

agonist SAG, results in increased size of the dorsal aortae and a denser vascular plexus.

Characterization at the cellular level shows that these major changes in morphology of

vascular structures are achieved without major changes in cell number, but instead must

be due to altered cellular behavior.  Using confocal imaging we have shown that levels of

Hh activity correlate with the number of filopodia on endothelial cells.  Decreased

numbers of filopodia may help to explain the reduction in vascular plexus density

observed following cyclopamine treatment, and the contrasting increase in plexus density

observed when Hh signaling is stimulated.

4.2. Future research.

4.2.1. Molecular mechanisms underlying Hh regulation of vascular development.

The work described in Chapter 3 does not attempt to examine the molecular mechanisms

lying downstream of Hh signaling during vascular development.  For example, it is
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extremely likely that Hh does not signal to endothelial cells directly but mediates its

effects via other downstream signaling molecules. These may include, but are not limited

to, the VEGF, Notch/Delta and BMP pathways.  Although the work is not yet ready for

publication, we have carried out a series of studies to determine the downstream

pathways mediating Hh effects on vascular patterning.  For these studies, we have

decided to examine a different aspect of early vascular development, namely the

formation of the intersegmental (or intersomitic) vessels in the avian embryo.  Formation

of these vessels is one of the first examples of angiogenesis during vascular development

(i.e. formation of new vessels from pre-existing vessels).  Mouse embryos either deficient

for Hh signaling (Smo null animals) or with activated Hh signaling (Ptch1 null animals)

die prior to formation of the intersomitic vessels and so this represents a unique

opportunity to use the avian embryo to explore the role of Hh signaling for this important

developmental process.

Hh downstream genes.  We have used qPCR and a candidate gene approach to identify

genes showing altered expression in response to cyclopamine treatment.  A total of 18

genes known to be involved in regulation vascular development were examined.  From

this list, only two genes were found to show a significant difference in expression - the

potent endothelial growth factor, VEGF, and the Notch ligand, Dll4.  By in situ

hybridization, embryos showed a reduction of VEGF expression in the floor plate and the

medial portion of the somite and a reduction in Dll4 expression throughout the

vasculature.
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Notch signaling and intersomitic development.  The Notch signaling pathway has been

implicated in regulation of angiogenic branching and of arterio-venous specification.

Ablation of the Dll4 gene in mice results in vascular defects, including aberrant

branching of the intersomitic vessels (Duarte et al., 2004).  To determine whether Notch

signaling was important for intersomitic vessel formation in the avian embryo, we

inhibited the Notch pathway using the gamma-secretase inhibitor, DAPT.  We

demonstrated that DAPT at 100µM was sufficient to inhibit expression of the Notch

downstream target, Hesr. However, inhibition of Notch signaling by DAPT resulted in no

defects in intersomitic vessel formation, and the embryos exhibited normal vasculature

and vascular remodeling. This result suggested that intersomitic abnormalities in Hh

deficient embryos were not due to mis-regulation of Notch signaling.

BMP signaling and intersomitic development.  Recent work has shown that BMPs can

function downstream of Hh in regulation of yolk sac vascular development (Astorga and

Carlsson, 2007).  BMP4 is expressed in the medial somites, a location that is consistent

with a role in regulation of intersomitic branching.  Using qPCR however, we did not

detect a significant reduction in BMP2 or BMP4 expression after cyclopamine treatment.

Similarly, levels of Phospho-Smad 1,5,8 protein (a readout of activated BMP signaling)

were unchanged when Hh signaling was inhibited. We conclude from these experiments,

that BMP signaling does not lie downstream of Hh in regulation of intersomitic vessel

formation.
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VEGF signaling and intersomitic development. VEGF transcript levels were reduced by

about 50% in cyclopamine treated embryos.  To determine whether addition of VEGF

could rescue intersomitic development, we implanted heparin beads coated with VEGF

into the somite region of cyclopamine-treated embryos.  We found that addition of VEGF

was sufficient to induce vessel growth into the somite regions of the embryo.

If reduction in VEGF signaling alone was the primary reason for elimination of

intersomitic vessel angiogenesis, then specific inhibition of VEGF signaling should

phenocopy treatment with cyclopamine.  To accomplish this we used the VEGF receptor

kinase inhibitor Ki8751. We observed that use of Ki8751 at 0.1µM inhibited growth of

intersomitic vessels, while leaving much of the remaining vasculature unchanged. This

results suggests that partial inhibition of VEGF expression by cyclopamine may be

responsible for blocking formation of intersomitic vessels. In future, we propose to

measure VEGF receptor activity, using antibodies directed against a critical phospho-

tyrosine, in embryos treated with cyclopamine and low levels of Ki8751.

4.2.2. Future Direction – Activation of Hh signaling.

All molecular assays carried out so far have involved inhibition of hedgehog signaling by

cyclopamine. However, we would also like to examine effects of stimulating Hh

signaling using SAG.  First we will determine whether SAG treatment alters the

patterning or timing of intersomitic vessel formation.  Second, we will use qPCR and in

situ hybridization to determine whether SAG alters the level or location of Dll4 and/or

VEGF expression.
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