
Evaluation of the Effects of Cyclic Ocular
Pulse on Conventional Outflow Tissues.

Item Type text; Electronic Dissertation

Authors Ramos, Renata Fortuna

Publisher The University of Arizona.

Rights Copyright © is held by the author. Digital access to this material
is made possible by the University Libraries, University of Arizona.
Further transmission, reproduction or presentation (such as
public display or performance) of protected items is prohibited
except with permission of the author.

Download date 24/05/2023 21:09:40

Link to Item http://hdl.handle.net/10150/194415

http://hdl.handle.net/10150/194415


EVALUATION OF THE EFFECTS OF CYCLIC OCULAR PULSE ON 

CONVENTIONAL OUTFLOW TISSUES. 

By 

Renata Fortuna Ramos 

 

 

____________________________________ 
Copyright  Renata Fortuna Ramos 2008 

 

 

 

A Dissertation Submitted to the Faculty of the  

DEPARTMENT OF BIOMEDICAL ENGINEERING 

In the Partial Fulfillment of the Requirements 
For the Degree of 

DOCTOR OF PHILOSOPHY 

In the Graduate College 

 THE UNIVERSITY OF ARIZONA 

 

2008



 

2 

THE UNIVERSITY OF ARIZONA 
GRADUATE COLLEGE 

 
As members of the Dissertation Committee, we certify that we have read the dissertation  
 
prepared by Renata Fortuna Ramos 
 
entitled (Evaluation of the Effects of Cyclic Ocular Pulse on Conventional Outflow 
Tissues) 
 
and recommend that it be accepted as fulfilling the dissertation requirement for the  
 
Degree of Doctor of Philosophy 
 
 

_______________________________________________________________________ Date: (02/26/2008) 

(W. Daniel Stamer)    
 
_______________________________________________________________________ Date: (02/26/2008) 

(Ann Baldwin)    
    
_______________________________________________________________________ Date: (02/26/2008) 

(Steven Barker)    
 
_______________________________________________________________________ Date: (02/26/2008) 

(Heddwen Brooks)    
    
 
 
Final approval and acceptance of this dissertation is contingent upon the candidate’s 
submission of the final copies of the dissertation to the Graduate College.   
 
I hereby certify that I have read this dissertation prepared under my direction and 
recommend that it be accepted as fulfilling the dissertation requirement. 
 
 
________________________________________________ Date: (02/26/2008) 
Dissertation Director:  (W. Daniel Stamer) 



 

3 

STATEMENT BY AUTHOR 
 

  
 This dissertation has been submitted in partial fulfillment of  

requirements for an advanced degree at the University of Arizona and is  

deposited in the University Library to be made available to borrowers  

under rules of the Library.  

   

Brief quotations from this dissertation are allowable without  

special permission, provided that accurate acknowledgment of source is  

made.  Requests for permission for extended quotation from or  

reproduction of this manuscript in whole or in part may be granted by  

the copyright holder.   

  
  
  
  

SIGNED:   Renata Fortuna Ramos 
 



 

4 

ACKNOWLEDGMENTS 

 

 There are many to whom I am greatly indebted for my academic training 

during my time at The University of Arizona.  For excellent academic guidance, 

stimulating scientific discussion and for helping my professional as well as my 

personal development, my deepest thanks are given to my mentor, Professor W. 

Daniel Stamer.  Equally important toward my biomedical engineering education 

have been Professor Heddwen Brooks for her teaching of fluid transport and 

human physiology, Professor Ann Baldwin for insightful comments regarding 

endothelial cell physiology, Professor James B. Hoying for providing excellent 

scientific guidance in the bioengineering and microcirculatory fields and 

Professor Steven J. Barker for his advice in the field of biomechanics and 

translational research. 

  

 Professor C. Ross Ethier of Imperial College contributed greatly to my 

doctoral training by kindly providing expert scientific and technical guidance in 

the development of this project.  Professor Darryl R. Overby of Tulane University 

for his helpful discussions on endothelial cell behavior in response to 

biomechanical stress.   

  

 I have a very special appreciation for all my fellow students and coworkers 

in the Glaucoma laboratory at the University of Arizona, who contributed to my 

development as a bioengineer with insightful scientific discussions and by 

making the laboratory a comfortable learning environment.  In addition, I would 

like to thank Dr. Maria Teresa Velez for her invaluable support.  My special 

thanks to the tissue distribution banks: Life Legacy Foundation, Sun Health 

Research Institute, National Disease Research Interchange, San Diego Eye 

Bank, and Donor Network of Arizona.  Finally, I would like to thank my family for 

all of their patience and support provided throughout these years.  

   

 This work was partially supported by the National Institute of Health (pre-

doctoral NRSA fellowship EY016887, EY12797, EY17007, and IMSD) and 

Research to Prevent Blindness.  



 

5 

TABLE OF CONTENTS 

 

LIST OF ILLUSTRATIONS …………………………………………………………..10 

ABSTRACT …………………………………………………………………………....11 

INTRODUCTION ……………………………………………………………………...13 

PRESENT STUDY ……………………………………………………………………20 

REFERENCES ……………………………………………………………………..…28 

APPENDIX A:  SCHLEMM’S CANAL ENDOTHELIA, LYMPHATIC,  
OR BLOOD VASCULATURE? ...........................................................................30 

I. Abstract ………………………………………………………..………….….32 

II. Developmental Origin …………………………………..……………….….34 

A. Blood Capillary Endothelia …………………………………………34 

B. Lymphatic Endothelia ………………………………………………35 

C. Inner Wall of Schlemm’s Canal Endothelia ………………………38 

III. Endothelial Cell Markers …………………………………………………...39 

A. Weibel-Palade Bodies/von Willebrand Factor …………………...40 

B. Transmembrane Cell-Cell Adhesion Molecules:  
PECAM-1 and VE-Cadherin ………………………………………....41 

C. Vascular Endothelial Growth Factor Receptors …………………42 

IV. Endothelial Cell Morpholgy and Basement Membranes ………….….…42 

A. Blood Capillary Endothelia …………………………………………44 

B. Lymphatic Endothelia ………………………………………………45 

C. Inner Wall of Schlemm’s Canal Endothelia …………….………...48 



 

6 

V. Cellular Junctions ………………………………………….………….….…50 

A. Homotypic Intercellular Junctions …………………………………51 

B. Heterotypic Intercellular Junctions ………………………………..53 

VI. Transport Across Endothelia …………………………...………………….55 

A. Blood Capillary Endothelia …………………………………………56 

B. Lymphatic Endothelia ………………………………………………57 

C. Inner Wall of Schlemm’s Canal Endothelia ………………………59 

VII. Biomechanical Stressors Influencing Endothelial Cells …………………63 

A. Blood Capillary Endothelia …………..…………………………….63 

B. Lymphatic Endothelia ………………………………………………64 

C. Inner Wall of Schlemm’s Canal Endothelia …….………………...67 

VIII. Summary and Future Research …………………………………………...69 

IX. References …………..………………………………………………………73 

APPENDIX B: EFFECTS OF CYCLIC INTRAOCULAR PRESSURE ON 
CONVENTIONAL OUTFLOW FACILITY….………………………………………..86 

I. Abstract …………..………………………………………………………..…88 

II. Introduction …….…………………………………………………………….89 

III. Materials and Methods ………..……………………………………………91 

A. Donor Eye Tissues ………………………………………………….91 

B. Anterior Segment Dissections ……………………………………..91 

C. Pulsatile System Design ……………………………………………92 

D. Anterior Segment Pulsatile Perfusions …….……………………..93 

E. Viability ……………………………………………………………….93 



 

7 

IV. Results ……………………………………………………………………….96 

A. Anterior Segment Perfusions ………………………………………98 

B. Viability ……………………………………………………………..101 

V. Discussion …..……………………………………………………………...103 

VI. References …..……………………………………………………………..107 

APPENDIX C:  CYCLIC MECHANICAL STRESS AND TRABECULAR 
MESHWORK CELL CONTRACTILITY..………………………………………..…111 

I. Abstract ……..………………………………………………………………111 

II. Introduction …………………………………………………………………113 

III. Materials and Methods …..………………………………………………..116 

A. Cell Culture ….……………………………………………………..116 

B. HTM Monolayer Perfusion …..……………………………………117 

C. Immunoblot Analysis …..………………………………………….119 

D. Drug Treatment …..………………………………………………..120 

E. Immunofluorescence …..………………………………………….120 

F. LDH Assay …………………………………………………………122 

IV. Results ….…………………………………………………………………..123 

A. HTM Monolayer Perfusions …….………………………………...123 

B. Immunoblot Analysis ……..……………………………………….128 

C. Immunofluorescence …..……………………………………….…130 

D. LDH Assay ……….………………………………………………...131 

V. Discussion …..……………………………………………………………...132 

VI. References …………………………………………………………………136 



 

8 

APPENDIX D:  AQUEOUS HUMOR DYNAMICS…..………………………...….142 

I. References …………………………………………………………………143 

APPENDIX E:  AVAILABLE MODELS USED IN CONVENTIONAL 
OUTFLOW RESEARCH....................................................................................145 

I. References ………..…………..……………………………………………147 

APPENDIX F:  ANTERIOR SEGMENT PERFUSION PROTOCOL…….……...148 

I. Tissue Criteria ….………………………………………………………….148 

II. List of Supplies for Dissection/Perfusion of Anterior Segments ……...149 

III. Anterior Segment Dissection …….……………………………………….151 

IV. Calibration of Anterior Segment Perfusion System …..……..…………152 

V. Media Preparation …………………………………………………………155 

VI. Mounting of Anterior Segments ………………………………………….156 

VII. Refilling the Syringe Pump ….……………………………………………159 

VIII. Introduction of Intraocular Pulse ….……………………………………...159 

IX. Tissue Fixation …..………………………………………………………...162 

X. Steel Eye Perfusion ….……………………………………………………163 

XI. References .……………………………………………….………………..164 

APPENDIX G:  MCHANICAL STRESS APPLIED TO CONVENTIONAL 
OUTFOW TISSUES IN VIVO.………………………………………………………165 

I. References …………………………………………………………………166 

APPENDIX H:  MODIFIED ANTERIOR SEGMENT PERFUSION 
SYSTEM.... ……………………….……………………….…………………………168 

I. Arrangement of Pressure Transducers ….……………………………...170 

II. Modification of the Syringe Pump ………………………………………..174 



 

9 

III. Additional Variables Tested in the Modified System …….…………….176 

APPENDIX I:  RELATION OF INTRAOCULAR PRESSURE AND 
CENTRAL CORNEAL THICKNESS………………………………………..…...…179 

I. References ….……………………………………………………………...182 

APPENDIX J:  PERFUSION OF TRABECULAR MESHWORK  
MONOLAYERS GROWN ON FILTERS…………………………………..……....183 

I. List of Supplies for Perfusion of TM Cell Monolayers ………..………..183 

II. Media Preparation ….……………………………………………………..184 

III. Mounting of Trabecular Meshwork Monolayers ………………………..185 

IV. DMEM Exchange …..………………………………………………...……186 

V. Introduction of Intraocular Pulse …..……………………………………..186 

VI. References …………………………………………………………………187 

APPENDIX K:  SUMMARY AND FUTURE DIRECTIONS.…………………..….188 

 

 
 
 
 
 
 
  
 



 

10 

LIST OF ILLUSTRATIONS 

 

FIGURE 1, Schematic representation of the conventional outflow 
pathway in cross section……………………………………………………………...16 



 

11 

ABSTRACT 

 

 In vivo, biomechanical stress plays an important role in tissue physiology 

and pathology, affecting cell and tissue behavior.  Even though conventional 

outflow tissues in the eye are constantly exposed to dynamic changes in 

intraocular pressure (IOP), the effects of such biomechanical stressors on 

outflow tissue function have not been analyzed.  In particular, changes in IOP 

with each heartbeat have been measured in human eyes approximating 2.7 

mmHg/sec.  The purpose of this dissertation is to determine the effect(s) of 

ocular pulse on conventional outflow tissue regulation and the effect that 

contractility plays in this mechanical stress-mediated response.  The central 

hypothesis directing this research is that cyclic intraocular pulsations (i.e. ocular 

pulse) play a significant role in conventional outflow facility. 

 

 In order to address our hypothesis we studied the effect of biomechanical 

stressors on conventional outflow physiology using three different strategies: (1) 

by comparing conventional outflow endothelial cells to blood and lymphatic 

capillary endothelia, we gained a better understanding of the effects of 

biomechanical stress on conventional outflow tissue physiology, (2) by modifying 

the anterior segment perfusion model, we were able to measure the effect of 

ocular pulse on conventional outflow facility, and (3) by exposing trabecular 

meshwork cell monolayers to cyclic biomechanical pressure oscillations in the 
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presence of compounds known to affect trabecular meshwork contractility, we 

were able to analyze the effect of rho-kinase mediated contractility on the ocular 

pulse-associated response.  

 

 Perfused human and porcine anterior segments showed a significant ocular 

pulse-mediated decrease in outflow facility; in addition, perfused trabecular 

meshwork monolayers showed an increase in intra-chamber pressure when 

exposed to cyclic pressure oscillations.  This effect was blocked by Y27632 

inhibition of rho-kinase-mediated contraction.   

 

 In conclusion, the work shown in this dissertation demonstrates for the first 

time that trabecular outflow tissues are capable of responding to a 

physiologically-relevant cyclic biomechanical stress.  This response can be 

observed as an increase in outflow resistance that translates to lower baselines 

in outflow facility of anterior segments and lower hydraulic conductivity of 

trabecular meshwork monolayers.  In addition, we concluded that the observed 

ocular pulse-mediated response of trabecular meshwork cells is regulated by 

rho-kinase-induced contractility.  
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INTRODUCTION 

 

 Glaucoma, the leading cause of irreversible blindness worldwide1, is a 

group of diseases characterized by progressive damage of retinal ganglion cells 

resulting in optic nerve damage.  Even though this cluster of diseases is 

commonly described as a single disease, the glaucomas differ from one another 

in their onset (open vs. closed), progression time (acute vs. chronic) and the 

main cause of the disease (primary vs. secondary).   

  

 Glaucoma can be classified in two major subtypes: (1) open-angle 

glaucoma, in which the outflow pathway appears unobstructed and the outflow 

tissues appear normal; and (2) closed-angle glaucoma, which results from a 

physical obstruction that prevents the aqueous humor from exiting the eye (i.e. 

pigment, pupil dilation, trauma, etc).    

 

 The most common type of glaucoma, Primary Open-Angle Glaucoma 

(POAG), is frequently associated with an increased resistance to aqueous humor 

outflow through the conventional pathway, resulting in elevated intraocular 

pressure (IOP).  POAG is a slow progressing disease in which the loss of vision 

develops gradually starting from the peripheral regions of the retina/visual field.  

The onset of this disease frequently goes undetected since intraocular pressure 

rises slowly over decades and the cornea adapts without swelling.  For this 
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reason, by the time POAG is diagnosed, most patients already suffer from 

significant vision loss.    

 

 Elevated IOP is the primary risk factor for optic nerve damage in 

glaucoma, and it is also the only one that can be modified.  However, the exact 

contribution of IOP to the onset and progression of the disease or the exact 

mechanism by which IOP can result in ocular damage leading to blindness are 

not well understood.   

 

 IOP is generated as a result of the balance between aqueous humor 

secretion (inflow) and aqueous humor drainage (outflow).  In human eyes, 

aqueous humor is constantly secreted by the ciliary processes of the ciliary body 

at an approximate rate of 2.5 µl/min2.  The constant turnover of the aqueous 

humor is necessary to provide nutrients and remove waste products from 

avascular visual structures (i.e. cornea, trabecular meshwork, and lens).  After 

nurturing ocular tissues, aqueous humor can exit the eye through two 

independent pathways: conventional and unconventional outflow pathways.  

  

 In the unconventional or uveoscleral outflow pathway, the aqueous humor 

exits the anterior chamber by passing through the ciliary muscle bundles into the 

supraciliary and suprachoroidal spaces and then leaving through the sclera.  This 

pathway accounts for only 10 to 30% of the total outflow and is pressure-
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insensitive.  In contrast, the majority of the aqueous humor (70-90%) in humans 

is thought to exit the eye via the conventional or trabecular outflow pathway3.  

The conventional outflow is a pressure sensitive pathway in which the aqueous 

humor leaves the eye by passive bulk flow through the trabecular meshwork 

tissue located in the irideocorneal angle.  The trabecular meshwork (TM) 

contains three differentiated layers (from inner to outer): the uveal meshwork, the 

corneoscleral meshwork, and the cribriform or juxtacanalicular tissue (JCT).  The 

uveal meshwork is the closest layer to the anterior chamber; this layer is 

composed of connective tissue extending from the iris and ciliary body, covered 

with endothelial cells.  The corneoscleral layer is characterized by trabecular 

lamellae composed of glycoproteins, collagen, elastic fibers and hyaluronic acid 

surrounded by endothelial cells.  Both, the uveal and corneoscleral meshworks 

function as a filter that intercepts cell debris, pigment and reactive oxygen 

species before they enter the resistive region of the conventional outflow 

pathway.   

 

 The majority of the outflow resistance is generated between the 

juxtacanalicular tissue (JCT) of the trabecular meshwork and the inner wall of 

Schlemm’s canal (SC); however the specific contribution of each one of these 

tissues and the mechanism of regulation are still unknown.  The JCT consists of 

TM cells with very narrow intracellular spaces filled with extracellular matrix 

material that are thought to contribute to the aqueous outflow resistance4-7.  In 
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addition, this tissue is thought to be an area of increased resistance in ocular 

hypertension.  Immediately beneath the JCT TM is the Schlemm’s canal, the 

vessel-like structure that carries aqueous humor back to the venous system 

(Figure 1).  To enter the venous system, aqueous humor must cross a monolayer 

of endothelial cells joined together by intercellular junctions that restrict 

paracellular flow of aqueous humor.  Between the endothelial cells that form the 

inner wall, are large pressure dependent dilations (vacuoles) and flow-sensitive 

openings (pores) that are thought to impact the total resistance to outflow. After 

aqueous humor enters the lumen of the Schlemm’s canal, it flows into the 

collector channel ostium.  This collector channel is connected to the aqueous 

veins that carry the aqueous humor to the episcleral veins on the eye surface 

and return it to the systemic circulation. 

 

Figure 1.  Schematic representation of the conventional outflow pathway in cross 
section.  Diagram shows the trabecular meshwork (TM), juxtacanalicular region 
(JCT) of the TM, the Schlemm’s canal and the  (CC) collector channels.  Arrows 

indicate the direction of flow of the aqueous humor.  
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 In brief, IOP is mainly determined by two factors: flow going into the 

system (aqueous humor secretion) and flow exiting the eye (conventional + 

unconventional outflow facility).  The equilibrium between these two factors 

maintains IOP within a physiological range and is necessary for non-vascular 

tissue physiology and for maintaining proper visual optics.   

 

 To date, there is no cure for POAG; instead, this disease is primarily 

treated using compounds that lower IOP, therefore slowing down the progression 

of the disease.  Although first-line pharmacological therapies that lower IOP 

target aqueous humor secretion or uveoscleral outflow, the main site of 

pathology for IOP regulation in glaucoma is the conventional outflow pathway8-11. 

 

 Current research in the field has paid great attention to the trabecular 

outflow tissues, in search for an understanding and better treatment for POAG.  

Specifically, the effect of elevated IOP on outflow facility has been widely studied 

in situ in enucleated human eyes, trying to gain a better understanding of the 

pathology behind this disease 12.  Even though the effects of elevated IOP on 

conventional outflow tissues has been widely studied, little is known about the 

effects of IOP variations13, 14. 

 

 As the name implies, aqueous humor dynamics is not static, but a series 

of physiologically dynamic processes in the human eye responsible for aqueous 
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humor circulation and the generation of intraocular pressure.  It is known that 

intraocular pressure in vivo can vary significantly during external daily activities 

(i.e squeezing the eyes produces an increase of approximately 80 mmHg above 

baseline, eye movement produces approximately 10 mmHg pressure spikes)15.   

 

 Besides external forces, other physiological stressors constantly alter 

steady state intraocular pressure.  For example, the secretion of aqueous humor 

by ciliary epithelia is not constant over time; instead it oscillates throughout the 

day and changes average intraocular pressure by about 1.5 to 3.5 mmHg 

through a 24-hour period (circadian rhythm)16.  Interestingly, although the rate of 

secretion is more than doubled, IOP only increases ~20%, suggesting dynamic 

regulation in the outflow pathways.   

 

 In addition to diurnal variations in aqueous secretion that impact steady 

state IOP, blood pulsations with each heartbeat (~1Hz) transmit waves that 

create transient changes in IOP of 1-4 mmHg in magnitude15, 17.  The effect that 

cyclic IOP oscillations, in particular ocular pulse, have on outflow facility and 

conventional outflow tissues is still not well understood.  For example, studies 

with models of conventional outflow (anterior segment perfusions, live monkeys) 

deliver a constant flow (resulting in constant pressure) of fluid to conventional 

outflow tissues, without pressure oscillations. 
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 Mechanical stress is known to be a critical regulator of homeostasis in 

different tissues.  In vascular endothelium, different types of stress (i.e. blood 

pressure, blood flow) have been shown to be responsible for the activation of 

several intracellular signaling pathways that regulate contractility, cytoskeleton 

rearrangement, transcription factors, etc18-21.   

 

 Tissue stress has been extensively studied in several tissues as a 

modulator of tissue physiology and pathology; however, little is known about the 

effect of different types of stress on ocular tissues, and in particular, in the 

conventional outflow pathway.  The effect that continuous physiological variations 

in IOP have on the tissues responsible for regulating conventional outflow facility 

still remains unknown.   The objective of this dissertation project was to gain a 

better understanding of conventional outflow regulation in response to cyclic 

biomechanical stressors. 
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PRESENT STUDY 
 

The methods, results, and conclusions of this study are presented in the 

three full-length manuscripts that constitute the majority of the dissertation work 

and are appended to this dissertation/thesis.  The following section summarizes 

the most important findings of these seminal reports. 

Central Hypothesis  

 The main hypothesis guiding this research is that cyclic intraocular 

pulsations (i.e. ocular pulse) play a significant role in conventional outflow facility.   

The results summarized in this section are divided in three different subtopics, 

each one of them representing a full manuscript with its individual working 

hypothesis.   

  

Schlemm's Canal Endothelia, Lymphatic, or Blood Vasculature? 

Our hypothesis is that by comparing three vascular-like monolayers, we 

can gain an insight on the physiology of the endothelial cells forming the 

conventional outflow pathways.  Endothelial cells from the lymphatic and blood 

vasculature have been widely researched with respect to their developmental 

origin, morphology, cellular junctions, and microenvironment.  In comparison, 

little is know about ocular conventional outflow tissues.  The goal of this study 

was to compare and contrast different aspects of these three endothelial 

monolayers (blood capillary, lymphatic capillary and inner wall of Schlemm’s 
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canal endothelial cells) described in the literature to get a better understanding of 

the normal physiology of the Schlemm’s canal endothelia. 

 

Previous studies of the conventional drainage tissues suggest the 

juxtacanalicular (JCT) region of the trabecular meshwork and/or the inner wall of 

Schlemm’s canal as the primary site(s) that generate resistance to aqueous 

humor drainage.  In Primary Open-Angle Glaucoma (POAG), outflow resistance 

is increased without an apparent damage to these tissues.  For this reason, 

special attention has been paid to this endothelial monolayer with the purpose of 

gaining a better understanding of the cause and/or progression of this disease. 

 

In brief, the Schlemm’s canal (SC) is a ring shaped vessel that 

circumscribes the anterior portion of the human eye, draining aqueous humor out 

of the eye interior, and into the systemic circulation.  It is elliptically shaped and 

often contains more than one lumen, with an internal diameter ranging between 

190 and 350 µm in human eyes.  The inner wall of Schlemm's canal is formed by 

elongated, flattened, spindle-shaped (thickness ≤1 µm) endothelial cells aligned 

parallel to the longitudinal axis of the canal.  Endothelial cells lining this 

monolayer are variable in appearance, ranging from extremely flat to highly 

irregular shapes, forming a continuous endothelium that lies on a variable and 

discontinuous basement membrane.   
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Schlemm’s canal endothelium is exposed to an unusual biomechanical 

microenvironment, in which the pressure gradient across these endothelial cells 

leads to large deformations in the surface area of the monolayer.  Flow across 

occurs in the basal-to-apical direction and results in large pressure-dependent 

dilations known as giant vacuoles (cellular outpouchings), which are formed by 

deformations of the endothelial cells and are known to increase in number and 

size in the presence of elevated intraocular pressure.  

Because Schlemm’s canal endothelia is not identical to any, but 

resembles different aspects of both blood and lymphatic capillaries; I conducted 

a review of the literature to directly contrast these endothelial monolayers.  This 

comparison helps us gain a better understanding of how related fields can 

redirect future research, where SC belonged in the spectrum of the tight 

endothelia.  In addition, this literature review allows to better understand how 

unique external factors (i.e biomechanical forces) can play a role in the 

physiology and pathology of this tissue, by comparing it to other endothelial 

monolayers and their microenvironments.   

This manuscript strongly suggests that, similar to blood and lymphatic 

capillaries, biomechanical factors could play an important role in regulating 

endothelial cell physiology (i.e cytoskeletal contractility, cellular junctions) of 

conventional outflow tissues and therefore alter trabecular outflow facility.  Based 
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on this review, we proposed the experimental design that followed, focusing on 

how a long-term repetitive biomechanical factor (ocular pulse) affects trabecular 

outflow tissues in situ and in vitro.   

 

Effects of Cyclic Intraocular Pressure on Conventional Outflow Facility. 

 Our working hypothesis is that ocular pulse regulates conventional outflow 

facility of perfused anterior segments.  In vivo, intraocular pressure is not 

constant; instead, variations from baseline can be detected throughout the day.  

Blood pulsations associated with each heartbeat can be measured in human 

eyes in vivo, averaging 2.7 mmHg/sec.  The effect that ocular pulse has on 

trabecular outflow facility is not well understood. The goal of this paper was to 

examine the effect of cyclic biomechanical stress on outflow facility through the 

conventional outflow pathway. 

 

Since the anatomy and physiology of the conventional outflow pathway of 

the human eye are significantly different from other mammals, the experiments 

were performed using a physiologically relevant model, the anterior segment 

perfusion model, which uses post-mortem human eyes.  In this system, the 

anterior segments are commonly perfused at a constant flow rate of 2.5 µl/min to 

imitate the average flow rate in humans.  In order to introduce cyclic IOP 

oscillations similar in magnitude and frequency to the ocular pulse found in 
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human eyes in vivo, the anterior segment perfusion system was modified.  Using 

a constant flow syringe pump, post-mortem anterior segments were perfused at a 

constant rate until reaching a stable baseline within a physiological range (0.15-

0.40 µl/min/mmHg).  Intraocular pulsations were then introduced to the system 

using a pulsatile blood pump in tandem with the syringe pump.  Magnitude and 

frequency of pressure oscillations were monitored and adjusted using a real-time 

pressure transducer.   

Central corneal thickness (CCT) was monitored over time of perfusion as 

a real time viability indicator.  Saggital sections through conventional outflow 

tissues in four quadrants of each perfused anterior segment were processed by 

standard histology and evaluated in a masked fashion using a standard scoring 

system.  Frozen sections were DAPI stained and used to analyze tissues for TM 

cellularity.  Both real time (CCT) and post-perfusion (histological scoring) 

methods of viability evaluation show no significant differences between segments 

exposed to pressure oscillations and their paired controls.  Outflow tissue 

cellularity was significantly increased in anterior segments exposed to intraocular 

pressure oscillations when compared to their paired controls. 

Results show that the decrease in outflow facility observed in response to 

cyclic intraocular pressure oscillations is not a function of damage to cells or 

structures in the conventional outflow pathway, but rather an active cellular 
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response to the mechanical stimulus.  Thus, for the first time I demonstrated that 

outflow facility responds to a mechanical stress of physiologically relevant 

magnitude.   

 

Cyclic Mechanical Stress and Trabecular Meshwork Cell Contractility 

 Our working hypothesis is that trabecular meshwork cell monolayers are 

capable of responding to cyclic oscillations in pressure, and that this response 

can be altered by modifying cell contractility.  In this study, we “zoomed” into 

trabecular meshwork cell monolayers to get a better understanding of how this 

tissue regulates the response observed in anterior segments as a result of cyclic 

intraocular pressure oscillations.  To obtain an insight on the mechanisms that 

regulate trabecular meshwork response to biomechanical stress we modified an 

Ussing chamber perfusion system in order to maintain a constant flow infusion 

rate (30 µl/min) at the same time that we record intra-chamber pressure.  After 

reaching a stable baseline, a chamber exchange using mock DMEM (control) or 

drug-treated DMEM (isoproterenol, nifedipine, pilocarpine or Y27632) was 

performed.  Changes in intra-chamber pressure in response to these compounds 

were recorded as an inverse measurement of hydraulic conductivity.  After the 

exchange, human TM monolayers were continued to be perfused with the same 

DMEM (mock or treated, respectively) that was used to replace the chamber 

contents.  Using a pulsatile blood pump located in parallel with the constant flow 
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syringe pump, cyclic pressure oscillations were introduced to the system with a 

magnitude and frequency that represent ocular pulse found in vivo (2.7 

mmHg/sec).  Mean intrachamber pressure was monitored during the two-hour 

period in which the monolayer was exposed to intra-chamber pressure 

oscillations.  Following this, pressure  oscillations were stopped and monolayers 

were perfused for two more hours at a constant flow rate.  Results show that TM 

cells respond to cyclic pressure oscillations by increasing intra-chamber pressure 

(decreasing hydraulic conductivity) and that this response is completely blocked 

in the presence of Y27632, a rho-kinase inhibitor.  Rho-kinase is a pivotal 

enzyme that has been shown to be involved in regulated trabecular meshwork 

cell contractility.  

  

 In addition, immunobloting and immunostaining techniques were used to 

determine the downstream effect of Y27632 in TM monolayers.  Western blots 

showed a decrease in phosphorylated myosin light chain (p-MLC) in the 

presence of Y27632; while visualization of filamentous actin (F-actin) staining 

using confocal microscopy revealed a decrease in stress fiber formation after 

treating TM monolayes with Y27632 for one hour.  

  

 The data presented in this paper shows that rho-kinase inhibiton via 

Y27632 causes a decrease in p-MLC that ultimately causes a reduction in F-actin 

stress fiber formation in trabecular meshwork cells.  Our results strongly suggest 
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that the activation of this pathway is neccesary for trabecular meshwork 

response to cyclic pressure oscillations, and is consistent with mounting 

evidence showing a critical role of TM cell contractility in the regulation of 

aqueous humor outflow. 
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Abstract 

 

In the human eye, the final barrier for aqueous humor to cross before 

returning to systemic circulation is the inner wall of Schlemm's canal. 

Unfortunately, the specific contribution of the inner wall to total outflow resistance 

in the conventional pathway is unknown in both normal and glaucomatous eyes. 

To better understand inner wall physiology, we contrasted it with 2 specialized 

continuous endothelia, initial lymphatic, and blood capillary endothelia. 

Specifically, we compare their developmental origin, morphology, junctional 

complexes, microenvironment, and physiologic responses to different 

biomechanical factors. Our evaluation concludes that the inner wall of Schlemm's 

canal is unique, sharing extraordinary characteristics with both types of 

specialized endothelia in addition to having distinctive features of its own. 

Resistance to the bulk drainage of aqueous humor out of the human eye 

is a dynamic process, maintaining intraocular pressure (IOP) within a couple of 

mm Hg over a lifetime. Dysfunction in IOP regulation results in ocular 

hypertension that often leads to primary open angle glaucoma, a group of 

diseases affecting 70 million people worldwide.1 Previous studies of the 

conventional drainage tissues suggest the juxtacanalicular (JCT) region of the 

trabecular meshwork (TM) and/or the inner wall of Schlemm's canal are the 

primary site(s) that generate resistance to aqueous humor drainage.2–5 Even 
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though conventional drainage tissues/cell monolayers have been widely studied, 

their specific functional relationships, the contribution of each component to 

overall resistance, and the mechanisms that underlie outflow regulation are still 

unclear. 

The present review focuses on Schlemm's canal and more specifically the 

endothelial monolayer that forms the inner wall, the final barrier that the aqueous 

humor must cross before returning to systemic circulation. The inner wall of 

Schlemm's canal consists of a continuous endothelial monolayer that lies on a 

discontinuous basal lamina.6,7 The cells of this monolayer are subjected to an 

unusual biomechanical microenvironment, a unique basal-to-apical direction of 

flow, and undergo morphologic changes associated with changes in IOP.8–10 

Interestingly, some unusual features that distinguish the inner wall of Schlemm's 

canal from other vascular endothelia (ie, blood capillaries) are characteristic of 

vascular-derived endothelial cells (ECs) lining lymphatic capillaries. 

The present review is different than recent reviews 11–13 in that a broader 

understanding of the inner wall of Schlemm's canal is sought by contrasting it 

with 2 specialized endothelia, lymphatic capillary endothelial cells (LECs) and 

blood capillary endothelial cells (BECs). Specifically, we will compare their 

developmental origin, morphology, junctional complexes, microenvironment, and 

physiologic responses to different biomechanical factors. 
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Develomental Origin 

 

The differentiation process of ECs from their progenitors has been a topic 

of debate for several years. In this section, we will describe some of the most 

accepted theories that have been proposed for the embryonic development of 

each EC type; and we will discuss the presence of common vascular EC markers 

in blood capillaries, lymphatic capillaries, and Schlemm's canal ECs (SCECs). 

Blood Capillary Endothelia 

New blood vessels originate, during embryonic development, from 

mesodermally derived EC precursors in a process known as vasculogenesis. 

The mesoderm is produced by the invagination of epiblastic cells during 

gastrulation. The lateral and posterior mesoderm cells give rise to 

hemangioblasts, the suggested common progenitor of ECs and blood cells. It is 

thought that during embryonic development, hemangioblastic aggregates give 

rise to blood islands in which the EC progenitors, or angioblasts, surround the 

primitive hematopoietic cells (Fig. 1). These blood islands are considered to be 

the initial vascular and hematopoietic structure.14–19 During the development of 

the blood vasculature, endothelial progenitor cells arise from migrating 

mesodermal cells and have the ability to proliferate and differentiate into diverse 

endothelial lineages.20 
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Figure 1.  Representation of the development of blood islands. Used with 
permission from Mary Ann Liebert, Inc; J Hematother Stem Cell Res. 

2002;11:207–214.17 
 

After the formation of the embryonic vasculature, ECs can undergo tissue-

specific morphologic changes that originate many types of functionally distinct 

vessels. This differentiation process results in diverse EC lineages with distinct 

morphologic properties.14,16,21,22 

Lymphatic Endothelia 

The study of the development of the lymphatic system has advanced very 

slowly mainly because of the lack of specific lymphatic markers until recently 

(Table 1). The lymphatic system develops in parallel, but secondary to the blood 

vascular system; however, the exact mechanism by which this system develops 

is still unclear.23 To date, 2 main mechanisms (centrifugal and centripetal) have 

been proposed to describe the development of the lymphatic system.24,25 The 
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first theory, centrifugal sprouting, is the most accepted model and it was first 

proposed in 1902 by Sabin.26 This model suggests that the primary lymph sacs 

develop from ECs of veins, and that there is a gradual growth of the lymphatic 

system from the primary lymphatic sacs to the peripheral lymphatics, which are 

centrifugally formed by the sprouting of ECs (lymphangiogenesis) forming the 

capillaries that surround tissues and organs. The alternative theory, centripetal 

sprouting, proposes that the LEC precursors are developed in the mesenchyme, 

close to but independently from the blood ECs, giving rise to the lymphatic 

network and subsequently establishing venous connections.27,28 It has been 

suggested that both of these mechanisms contribute to a degree in the 

development of the lymphatic vasculature (see Refs. 29,30 for review). 
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TABLE 1. Expression of Different EC Markers.6,31–49 
 
 

Recently, Oliver and colleagues 25,50 have proposed a more detailed 

model for lymphatic development that supports Sabin's centrifugal sprouting 

theory. This model divides the development of the lymphatic system into 4 

stages: competence, bias, differentiation, and maturation. LEC competence is 

the first proposed step, where venous ECs acquire the capacity to respond to a 

lymphatic-inducing signal. The next proposed step, EC bias, consists of acquiring 

the capability to produce a particular cell type. This step is considered to be 

dependent on tissue interactions, and it has been suggested that the 

transcription factor prospero-related homeobox 1 (Prox1) is required and 
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sufficient for competent venous ECs to acquire a lymphatic cell phenotype (LEC 

bias).51 The third stage is EC specification and differentiation; in which EC 

acquire the lymphatic phenotype. In this step, the expression of LEC markers 

increases, while the BEC markers gradually decrease. The last step proposed is 

the maturation of lymphatic vessels and lymphangiogenesis. During this step, the 

lymphatic vasculature develops by budding and sprouting from the primary lymph 

sacs into the periphery. As this stage progresses, additional lymphatic markers 

are expressed. 

Inner Wall of Schlemm's Canal Endothelia 

Schlemm's canal is a ring-shaped vessel that drains aqueous humor from 

the eye, returning it to systemic circulation. This tissue is formed by a single layer 

of ECs that is thought to be an important factor in regulating the aqueous humor 

outflow through the conventional or trabecular pathway. Even though the 

vascular origin of this tissue has been questioned,52 suggesting that the canal 

might be derived from the neural crest; its vascular origin is now widely accepted. 

Hamanaka et al 6 have shown evidence suggesting that the canal develops from 

intrascleral venous plexus present in the developing human eye. These deep 

scleral vessels can be seen in the Schlemm's canal region around week 17 of 

gestation, and by week E28 a complete Schlemm's canal can be seen in some 

regions of the eye. Around week 29 of gestation, some characteristic 

invaginations found in the developed inner wall cells can already be observed. 
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Preceding the formation of Schlemm's canal, the TM area can be seen 

developing from the neural crest. The TM cells start populating the regions 

contiguous to the Schlemm's canal by week E16 and by week E23, these cells 

start interacting with the branching scleral vessels that will develop into the 

Schlemm's canal around week E28. 

The development of the Schlemm's canal endothelium resembles that of 

terminal lymphatics in that it develops secondary to the venous vascular system 

and it is thought to be formed by the differentiation of preexisting blood vascular 

ECs. 

 

Endothelial Cell Markers 

 

Even though the 3 endothelia mentioned above are described as 

“vascular-derived,” different characteristics have been observed in each cell type, 

suggesting a distinct pathway of differentiation and the involvement of 

characteristic molecular regulatory components. The expression of vascular EC 

markers has been very helpful in the study of the development of the LEC and 

SCEC. In this section, we discuss vascular EC markers as a method to 

differentiate these 3 EC types. A summary of the expression of different EC 

markers between EC types is shown in Table 1. 
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Weibel-Palade Bodies/von Willebrand Factor 

Weibel-Palade bodies are intracellular secretory granules highly 

expressed in BEC that have been described as elongated organelles about 0.1-

µm wide and up to 4-µm long.31 These storage vesicles contain several proteins 

that can be released upon regulated exocytosis. One of the components of these 

vesicles is von Willebrand factor,32 which is a multimeric glycoprotein involved in 

platelet aggregation and clotting.53 This glycoprotein is weakly expressed in 

BECs.54 

Even though some studies have reported the absence of Weibel-Palade 

bodies in the lymphatics,33 other investigators have shown that these EC markers 

are also found in the LECs. This expression of Weibel-Palade bodies and von 

Willebrand factor is similar to that in BEC; however in some cases, the 

expression levels have shown to be weaker or less frequent in LEC.34,35,55 

Weibel-Palade bodies have also been identified in the inner wall of 

Schlemm's canal endothelia, but they tend to be scarce when compared with 

BECs.6 Immunohistochemical studies staining for von Willebrand factor showed 

either no reaction or a weak nonuniform staining in some of the regions of the 

inner wall endothelia of Schlemm's canal.6,36 
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Weibel-Palade bodies and von Willebrand factor are one of the most 

common vascular EC markers; therefore, their expression in both LECs and 

SCECs is strongly supportive of the vascular origin of these 2 tissues. 

Transmembrane Cell-Cell Adhesion Molecules: PECAM-1 and VE-cadherin 

Platelet endothelial cell adhesion molecule-1 (PECAM-1), also known as 

CD31, is a 130 kd glycoprotein that belongs to the immunoglobulin super family 

of cell adhesion molecules. This molecule is known to be present in cells of the 

blood vascular system in the cell-cell borders of confluent endothelial monolayers 

and in the lumen-facing areas of blood vessels.56 

Vascular endothelial-cadherin (VE-cadherin, CD144, cadherin-5) is a 

member of the endothelial-specific cadherin family adhesion molecules. VE-

cadherin mediates homotypic calcium-dependent attachments and it also 

functions as a plasma membrane attachment site for the cytoskeleton, having an 

important function mediating “outside/in” signaling.57,58 

Both of these VE markers have been found to be expressed (although in 

lower levels than those seen in the blood vasculature) in the LECs and 

SCECs.33,34,37 Similar to LEC and BEC, these transmembrane cell-cell adhesion 

molecules can be observed in the SCEC participating in adherens junctions at 

cell border, which suggests their role in paracellular flow across the inner wall.38 
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Vascular Endothelial Growth Factor Receptors 

Vascular endothelial growth factor receptors (VEGFR) are endothelial-

specific receptors necessary for the embryonic vascular development.21,59 

VEGFR-1 (Flt1) and VEGFR-2 (Flk1/KDR) are involved in EC proliferation and 

survival. VEGFR-1 is thought to be a negative regulator of hemangiogenesis, by 

binding with a higher affinity to and sequestering VEGF, preventing the activation 

of VEGFR-2. VEGFR-2 is thought to play a crucial role in vasculogenesis; 

consequently VEGFR-2 knockout mice fail to develop blood vasculature and 

have a drastically decrease in embryonic endothelial and hematopoietic cells.17 

VEGFR-3 (Flt4) is essential in the development and growth of the primary 

cardiovascular network and the lymphatic system. This receptor is expressed at 

similar levels in BEC and LEC during development; although later on, its 

expression is down-regulated in the BEC, restricted mainly to lymphatic 

vessels.60,61 Even though these receptors are necessary for the development of 

embryonic vasculature, at present no one has examined the expression of 

VEGFR in the Schlemm's canal.38–40 

 

Endothelial Cell Morphology and Basement Membranes 

 

Despite the fact that ECs from blood capillaries, lymphatic capillaries and 

Schlemm's canal are thought to have a common embryologic origin, the 
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morphology and basement membrane of each of these endothelia are not 

identical, suggesting distinct environments and functional properties. 

Blood capillaries and lymphatic capillaries carry out complementary 

functions; the lymphatic system returns solutes and macromolecules that exit the 

blood capillaries to circulation fluid. Even though these systems rely on each 

other for the maintenance of tissue homeostasis, they are structurally different 

(Fig. 2). Lymphatic capillaries are normally found in a partially collapsed state, 

having a wider and more irregular lumen (20 to 70 µm in lymphatic capillaries 

compared with 5 to 10 µm in blood capillaries) than blood capillaries and 

generally a smaller vessel wall thickness. 55,62–64 

 

 

Figure 2.  Endothelial cell morphology and basement membrane (arrows) of 
continuous blood capillary (B) and Lymphatic capillary (L), panels A and B, 

respectively. Used with permission from Experimental Biology of the Lymphatic 
Circulation. Amsterdam: Elsevier Science Publisher Biomedical Division: 

Elsevier; 1985:312–313.65 
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It is important to notice that the morphology of these endothelial 

monolayers can be correlated to their physiology and functional properties in 

vivo. The following section reviews the characteristic morphology of each 

endothelium, discussing the similarities and differences observed within the 3 

different cell types. 

Blood Capillary Endothelia 

BECs (0.2 to 0.3-µm height) can be classified according to their 

morphologic characteristics into 3 different phenotypes: continuous, 

discontinuous, and fenestrated endothelium (Fig. 3). Continuous ECs are the 

most common type of EC observed in blood capillaries. These capillaries present 

a continuous basement membrane (approximately 50-nm thick) and a continuous 

endothelial cytoplasm where the luminal and abluminal plasma membranes 

come together only at cell junctions.16,66–68 
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Figure 3.  Heterogeneity of blood capillary endothelium. Used with permission 
from American Physiological Society; Physiol Rev. 2005;85:979–1000.68 

 
 

Discontinuous ECs are characterized by holes or gaps of 80 to 200 nm in 

diameter localized at the narrowing edges of the cell. This EC type comprises an 

incomplete basement membrane and is therefore highly permeable to proteins.16 

Fenestrated capillaries present “fenestrae” or specialized intracellular pores 

approximately 60 to 80 nm in diameter. They contain either regions covered by 

thin endothelial “diaphragms” or areas completely devoid of endothelium; while 

they rest on a continuous basement membrane.16,66,69 

Lymphatic Endothelia 

The initial lymphatics or lymphatic capillaries are lined by a continuous, 

nonfenestrated endothelial monolayer that ranges from 0.1 to 0.6 µm in 

thickness.63 These ECs show a highly attenuated cytoplasm (with the exception 
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of the perinuclear region), and a longitudinal nuclei that often protrudes into the 

capillary lumen, and are commonly described as spindle-shaped cells containing 

numerous invaginations and cytoplasmic vesicles in both luminal and abluminal 

surfaces. Capillaries that compose the initial lymphatics do not contain smooth 

muscle (except for the lymphatic capillaries present in the bat wing), and lack 

pericytes.41,70,71 

An important feature of the LEC is the presence of fine actin cytoplasmic 

filaments that measure 60 to 80 Å in diameter. These cytoplasmic filaments 

usually run parallel to the long axis of the cell and accumulate into dense regions 

within the periphery of the LEC.63,72 Similar cytoplasmic structures (~240 Å in 

diameter) have been previously found in BEC and are thought to be responsible 

for EC contractility; however, cytoplasmic filaments present in LECs are more 

numerous and widely dispersed.73,74 

ECs lining the initial lymphatics lie on an immature and discontinuous, but 

well preserved basement membrane (approximately 600 to 800 Å in width) that 

can be seen as extracellular accumulations of an electron-dense material by 

electron microscopy.68,75 Rather than the continuous uniform attachment that can 

be observed between BECs and their basement membrane, LECs are not 

uniformly attached to their substrate. In lymphatic capillaries, the ECs are directly 

connected to the interstitial collagen via filaments that extend between the 
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abluminal endothelial surface and the surrounding connective tissue (Fig. 4A). 

These filaments form local points of attachment that appear to originate from the 

ECs and extend into the connective tissue, between collagen bundles and 

connective tissue cells by coursing along the lymphatic wall (Fig. 4B). They have 

been described as fine elastic microfibrils composed of a structure similar to 

extracellular elastin, and are commonly referred to as anchoring 

filaments.63,64,72,76,77 Previous studies using electron microscopy have described 

these filaments as a light central core surrounded by an electron-dense cortex, 

suggesting either a tubular or a cortex-and-medulla type structure.75 

 

 
 

Figure 4.  A, Schematic representation of a lymphatic capillary reconstructed 
from electron micrographs. B, Anchoring filaments (af) extending from the 

lymphatic endothelial processes (ep) and continuing across the collagen bundles 
into the adjoining connective tissue. Section stained in lead, ×35,000. 

Reproduced from J Cell Biol. 1968;36:129–149. Copyright 1968 The Rockefeller 
University Press.72 
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Anchoring filaments commonly show a beaded appearance and have 

been subdivided into 2 different groups according to their size: the small 

filaments range between 40 and 60 Å in diameter, whereas the large ones 

measure approximately 100 to 110 Å in diameter. They can be found forming an 

irregular meshwork of fibrils between the abluminal surface of the EC and the 

surrounding connective tissue, or aggregated into bundles oriented parallel to the 

long axis of the cell and continue for long distances into the adjacent connective 

tissue.72,75 The presence of these anchoring filaments provides morphologic 

evidence of a solid structural connection between the lymphatic capillary wall and 

the adjoining connective tissue and it is thought to play a significant role in fluid 

movement from the interstitium into the lymphatic lumen.75 

Inner wall of Schlemm's Canal Endothelia 

Schlemm's canal is a circularly running canal. In cross section, the canal is 

elliptically-shaped which often contains more than one lumen, with an internal 

diameter that ranges between 190 and 350 µm in human eyes.78,79 This tissue 

has been previously studied not only for its importance in ocular pathologies but 

also because of the atypical microenvironment to which its inner wall is 

exposed.10,11 The inner wall of Schlemm's canal is characterized by 

predominantly elongated, flattened, spindle-shaped (thickness ≤1 µm) ECs 

aligned parallel to the longitudinal axis of the canal. These cells are variable in 

appearance, ranging from extremely flat to highly irregular shapes. SCECs are 
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approximately 100 to 150 µm in length and 8 to 10 µm in width. They are 

described as a continuous endothelium, but unlike the continuous endothelia 

seen in blood capillaries, the inner wall of Schlemm's canal lie on a variable and 

discontinuous basement membrane (approximately 400-nm thick) and are not 

enclosed by pericytes (Fig. 5A).80–83 

 

 
 

Figure 5.  A, Inner wall of Schelmm's canal endothelium. (SC) Schlemm's canal, 
(JCT) juxtacanalicular tissue of the TM. Contacts between SCEC and JCT can 
be observed (arrowheads). Used with permission from John Wiley & Sons, Inc.; 

Microsc Res Tech. 1996;33:336–367.80 B, Septae (arrows) transversing the 
Schlemm's Canal (SC). Adjacent and reproduced with permission of the BMJ 

Publishing Group; Br J Ophthalmol. 2000;84:1354–1359.84 
 
 

The inner wall ECs contain the usual complement of intracellular 

organelles and a large nuclei that often protrude into the lumen of the canal.7 In 

addition, cytoplasmic filaments are common in Schlemm's canal endothelium 

measuring 50 to 100 nm in diameter, generally oriented circumferentially around 

the cells.10,80 

Similar to the anchoring filaments found in the lymphatic capillaries, 

tendons extending from the ciliary muscle into the inner wall of SCEC can be 
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observed. These tendons mechanically transmit ciliary muscle contraction, and 

may be involved in preventing canal collapse and widening of the canal lumen 

which could result in changes in outflow resistance.85,86 In addition to tendons, 

structures connecting the inner and outer walls of the Schlemm's canal have 

been reported (Fig. 5B). These structures, termed septae, are commonly seen 

dividing or bridging the Schlemm's canal and are covered by an endothelial 

lining. Septae are preferentially found near the connector channels and are 

thought to function to prevent channel collapse during extreme increases in 

IOP.7,78,87 The morphology of the inner wall of Schlemm's canal endothelium 

resembles the lymphatic capillaries endothelium in that they are both lined by a 

continuous endothelial monolayer lying on a discontinuous basement membrane 

and stabilized by external support structures. 

 

Cellular Junctions 

 

ECs make intercellular junctions, not only by interacting with adjacent ECs 

to form a monolayer and lumen, but also with cells of a different type in their 

surrounding environment. The type of homotypic and heterotypic cell-cell 

interaction is an important determinant of the endothelial phenotype, influencing 

the functionality and permeability of the monolayer. 
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Homotypic Intercellular Interactions 

Interendothelial junctions connect adjacent ECs over the entire cell 

boundary in blood capillaries. The most common types of interendothelial 

junctions observed in blood capillaries are zonula occludens (tight junctions), 

adherens junctions, and gap junctions. The organization and frequency of these 

junctions varies across different tissues and organs, influencing paracellular flow 

across the monolayer. In tissues where permeability needs to be strictly 

controlled (ie, blood-brain-barrier), the intercellular junctions are more complex 

and organized.88–94 

LECs, in comparison with BECs, only rarely show tight or adherens 

junctions. Instead, these ECs generally have loose connections and confer 

continuity to the monolayer by forming, via cytoplasmic processes, solid 

adhesion points between neighboring LECs. These interendothelial junctions can 

be observed as interdigitating, overlapping, end-to-end, and patent junctions 

(open junctions) (Fig. 6). Overlapping junctions are formed by the extensive 

superimposition of adjacent ECs where their plasma membranes are held close 

together by one or several points of attachment, end-to-end junctions are formed 

by simple abutments of neighboring ECs, and the interdigitating junctions are 

formed by complex interactions of the margins of apposing cells.33,63,71,75,95,96 
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Figure 6.  Interendothelial cell junctions observed in lymphatic capillaries (A) 
overlapping junctions ×30,000 (B) end-to-end type junctions ×30,000, 

Reproduced with permission from J Histochem Cytochem. 1998;46:165–176.33 
(C) interdigitating junctions ×70,500 and (D) patent junctions ×39,000 in 

lymphatic capillaries. Reproduced from J Cell Biol. 1971;50:300–323. Copyright 
1971 The Rockefeller University Press.95 

 
 

Most of the points of attachment between apposing membranes in the 

LECs are formed by macula adherens (desmosomes).75,95,97 Lymphatic 

interendothelial junctions are normally scarce compared with those observed in 

blood capillaries; therefore, large gaps up to 2 to 5 µm in diameter can be often 

observed between LECs.33,95,98 

Three types of intercellular junctions can be found in the inner wall of 

Schlemm's canal endothelium: tight junctions, adherens junctions, and gap 

junctions. These interendothelial junctions work together forming a complex that 

contributes to stabilize cell-cell interactions.83,99–101 The inner wall of Schlemm's 

canal monolayer resembles BECs in that the ECs are joined mainly by tight 

junctions that are continuous around the circumference of the cells. However, 

inner wall tight junctions only rarely branch or anastomose, forming a loose 
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arrangement of parallel strands (generally less than 4 sealing strands). These 

structures are thought to respond to increased IOP by decreasing the number 

and/or complexity of these junctions.9 In the inner wall, tight junction strands are 

transversed by mazelike pathways,9,41 which go from the basal to the apical side 

of the cells and have been previously referred to as slit-pores or intrajunctional 

openings.80,83,102 

Interendothelial junctions found in blood capillaries and in the inner wall of 

Schlemm's canal are very similar to each other in that they form a tighter 

arrangement, limiting the paracellular permeability of the monolayer. On the other 

hand, junctions observed in the lymphatic capillaries are more loose and 

discontinuous and are thought to present less resistance to paracellular flow. 

Even though the SCEC presents tight intercellular junctions, the presence of 

interendothelial “pores” found in this monolayer suggests loose cell-cell 

connections. 

Heterotypic Intercellular Interactions 

Blood capillaries are unique in that they are bordered by pericytes. 

Pericytes are long, polymorphic perivascular cells located on the abluminal 

surface of BECs (Fig. 7). Their cell body consists of a prominent nucleus from 

which long, primary cytoplasmic processes extend parallel to the long axis of the 

microvessel; these primary processes terminate in smaller secondary processes 
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that run circumferentially to the capillary, encircling it.103 Pericytes have been 

found to be closely associated with the endothelium: pericytic processes contact 

the underlying endothelium by penetrating the capillary basement membrane 

and, reciprocally, endothelial processes have been found embedded in the 

pericytes. These contacts between endothelium and pericytes have been 

described as interdigitating contacts where adhesion plaques, gap junctions, and 

tight junctions can be seen at the contact points.103–106 

 
 

Figure 7.  Scanning electron micrograph showing a true capillary and pericytes 
(arrows) in the rat mammary gland ×4400. Used with permission from John Wiley 

& Sons, Inc.; Am J Anat. 1984;170:39–54.107 
 

The ECs forming the inner wall of Schlemm's canal are attached to their 

environment by forming junctions with their basement membrane and with the 

JCT trabecular cells (Fig. 5A). Cytoplasmic processes that connect these 

endothelial layers have been described as parachutelike structures and are 

thought to be important in attaching the inner wall endothelium to the TM and 

keeping the SCEC from lifting off their basement membrane during pressure-

dependent dilations (giant vacuoles) (Fig. 8).108,109 Thus, these junctions are 

likely complex in nature because of their apparent adhesive strength. To our 
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knowledge, no study has looked specifically at the type of junctions found 

between the ECs of the JCT and the Schlemm's canal. 

 
 

Figure 8.  A, Schematic of SCEC (ec) attachments to the trabecular lamella (tl) in 
the presence of low (left) and high (right) IOP. B, Scanning electron micrograph 
showing SCEC attachments to the trabecular lamella. (SC) Schlemm's canal, 

(SEC) subendothelial cell (JCT-TM cell), (CP) cytoplasmic processes. Used with 
permission from Association for Research in Vision and Ophthalmology: Invest 

Ophthalmol Vis Sci. 1979;18:44–51.109 
 

 

Transport Across Endothelia 

 

The morphology and junctional complexes of the endothelial monolayers 

are determined by the biomechanical microenvironment in which they 

reside.22,110 In blood capillaries, fluid predominantly flows in an apical to basal 

direction, where the primary direction of transport is from the lumen toward the 

interstitium. In contrast, flow across LEC or inner wall SCEC occurs in a basal-to-

apical direction. In lymphatic capillaries, flow from the connective tissue 
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interstitium crosses the endothelial monolayer to enter the capillary lumen. In 

Schlemm's canal, fluid coming from the TM enters its lumen by crossing the inner 

wall endothelium. The exact route by which fluid crosses LEC and SCEC and the 

physiologic response of these monolayers to biomechanical stressors remains 

unclear. 

Blood Capillary Endothelia 

The endothelial monolayer in blood capillaries has been previously 

described as a barrier that impedes trafficking of macromolecules, while allowing 

exchange of water, ions, and small hydrophilic molecules by convection and 

diffusion.111–113 Transport across this monolayer is thought to occur through 2 

different pathways: paracellular and transcellular. Paracellular is the main route 

for exchange and occurs through interendothelial clefts, whereas transcellular 

exchange takes place through pinocytotic or transport vesicles (Fig. 9).111,114,115 

 

 
Figure 9.  Schematic representation of a continuous capillary endothelium 

showing (a) paracellular transport, and (b) vesicular transport. BM indicates 
basement membrane. 
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Permeability of ECs lining continuous blood capillaries varies by several 

orders of magnitude from one vascular bed to another, and is thought to be 

closely related to their respective microenvironment. Capillaries forming the 

blood-brain-barrier are the least permeable owing to the complexity of their tight 

junctions and their low vesicle density; however, it has been suggested that when 

they are transplanted into a different tissue they could change their morphology 

and therefore increase permeability.116 

Lymphatic Endothelia 

Net movement of water in the lymphatic capillaries can be described by 2 

components: lymph formation and lymph propulsion. Lymph formation describes 

the basal-to-apical flow from the interstitium into the capillary lumen across the 

endothelial monolayer. The rate of formation depends on fluid pressure in the 

interstitium and on the extracellular matrix (ECM) tension; and can be affected by 

external mechanical factors such as skeletal movement, massage, and/or arterial 

pressure pulsations. The second component that influences net flow, lymph 

propulsion, describes the flow driving lymph from the initial lymphatics into the 

collecting vessels due to a pressure gradient. The collecting lymphatics then 

drain through lymph nodes and into the ducts, and eventually back to systemic 

circulation. These 2 events, lymph formation and lymph propulsion are coupled; 

therefore a blockage or malfunction of any one of them will impact net fluid 

transport in the lymphatic system.117 
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Previous studies using tracers have suggested paracellular flow as the 

major passageway for fluid in the lymphatic capillaries. These early studies 

showed that overlapping ECs are free to move in response to pressure gradients 

generated between the lumen and the interstitium and suggested that, because 

of this movement of neighboring cells an interendothelial cleft would result 

providing a passageway for fluids into the lumen of the capillary.95,118 Latter 

studies reported that these interendothelial clefts can reach dimensions of 

several micrometers, allowing unrestricted fluid motion into the lumen of the 

lymphatic capillaries.71 Unlike blood capillary endothelium, where neighboring 

cells are uniformly attached by tight junctions; the endothelium of the lymphatic 

capillaries are inconsistently attached by patent junctions. In addition, lymphatic 

anchoring filaments have been found to be highly sensitive to interstitial stress 

playing a major role in lymphatic flow. During extracellular matrix strain and/or 

pressure gradients, anchoring filaments are thought to respond by applying a 

radial tension in the endothelia, being responsible for the increment in luminal 

volume of the lymphatic capillary.55,62,117 The distention of the lymphatic capillary 

gives rise to numerous interendothelial openings, suggesting that unrestricted 

flow into the lumen can take place through the unattached borders. These 

mechanisms have been referred to as microvalves (Fig. 10).71,95,119 
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Figure 10.  Schematic representation of the effect of anchoring filaments (af) and 
interendothelial junctions in lymphatic flow. During increased interstitial pressure 

(c>b>a), anchoring filaments are thought to exert tension on ECs, opening 
interendothelial clefts, and allowing fluid transport into the capillary (arrows). 

Reprinted from Microvasc Res. 1970;2:361–391.75 
 

 

Inner wall of Schlemm's Canal Endothelia 

Different groups have isolated and characterized SCECs trying to asses 

its role in resistance to drainage, but its exact in vivo behavior still remains 

unclear.120–123 Fluid transport across this monolayer does not resemble the 

typical flow observed across other blood vascular endothelium. In Schlemm's 

canal, the basal-to-apical directionality of flow pushes the ECs away from their 

basement membrane, resembling the flow across the lymphatic endothelium. 

Similar to lymphatic capillaries returning fluid to circulation, the Schlemm's 

canal endothelium is the only continuous cell barrier crossed by the aqueous 

humor before it is returned to the systemic circulation.124 In the human eye, 

aqueous humor is produced by the ciliary processes at rate of ~2.5 µL/min and it 

returns to systemic circulation through 2 outflow pathways. The trabecular or 
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conventional pathway accounts for 70% to 90% of the total outflow and is 

pressure dependent, and the uveoscleral or unconventional pressure-

independent pathway, accounts for 10% to 30% of the outflow. In the 

conventional outflow pathway, aqueous humor traveling through the TM exits the 

JCT tissue and enters the Schlemm's canal, crossing the inner wall endothelial 

monolayer in a basal-to-apical direction. Once in Schlemm's canal, the aqueous 

humor flows through the collector channels to the episcleral veins on the eye 

surface, and it is eventually carried back to the systemic circulation (Fig. 

11).102,125,126 

 

 
 

Figure 11.  Schematic representation of the conventional outflow pathway in 
cross section. (JCT) Juxtacanalicuar region of the TM, (CC) collector channels. 

 

Results show that the region including the JCT-TM and the inner wall of 

Schlemm's canal is responsible for generating the major resistance to aqueous 

humor outflow, therefore having a great effect on IOP.2,87,127,128 In Schlemm's 
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canal, the net flow of aqueous humor moving across this endothelial monolayer 

is affected by both, IOP and episcleral venous pressure. These driving forces are 

similar in concept to lymph propulsion and lymph formation and in how they 

contribute to the regulation of lymph flow across the initial lymphatic endothelium. 

Similar to the way lymphatic capillaries respond to strain or pressure gradients by 

opening interendothelial clefts via anchoring filaments; the inner wall of 

Schlemm's canal responds to changes in IOP by reducing complexity of 

intracellular junctions, and decreasing EC overlap.9,120 

The exact route that the aqueous humor follows to exit the conventional 

pathway has been, for several years, a matter of debate. Two complementary 

theories, transcellular and paracellular pathways, have been proposed describing 

aqueous humor outflow; however, the exact contribution of each one of these 

pathways still remains uncertain.80,129,130 

It is hypothesized that a major way for aqueous humor to cross the inner 

wall endothelium is through pores present in the monolayer.128 A correlation 

between the density of pores per surface area and outflow facility has been 

found, suggesting these pores as an important factor influencing fluid transport 

across the endothelium.131 Two different pore types have been found in the inner 

wall of Schlemm's canal, representing transcellular or paracellular openings with 

a mean diameter of approximately 1 µm. Intercellular pores, also referred to as 
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border pores, describes opening of approximately 1.64 µm between ECs. The 

presence of this pore type supports the paracellular pathway hypothesis. On the 

other hand, the intracellular pores, passing through the ECs, were found more 

frequently than the border pores with an approximate size of 0.97 µm.132 The 

exact number of pores in vivo is still undetermined. Recent studies have shown a 

correlation between the volume of fixative and the number of pores seen, 

suggesting that these structures might be in part an artifact of fixation.133,134 

Giant vacuoles (outpouchings) are frequently associated with pores in the 

inner wall of Schlemm's canal endothelium. These structures are formed by 

deformations of the ECs creating a potential space between the extracellular 

material of the JCT and the inner wall of Schlemm's canal.135 Giant vacuole 

density and size depends on IOP, suggesting that these structures can be a 

passive but rapid response to the transendothelial pressure gradient.8 In cell 

culture, giant vacuoles have been observed to be unidirectional; in other words, 

these structures were only seen when flow was induced in a basal-to-apical 

direction.121 Other studies have shown that more vacuoles can be seen near the 

collector channel ostium where the flow is maximum, suggesting a greater 

pressure gradient in this area.136 

The ability to respond to transendothelial pressure gradients by adjusting 

flow permeability is an important characteristic of endothelial monolayers. Both 
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lymphatics and inner wall of Schlemm's canal endothelia show significant 

morphologic changes in response to pressure or tension variations. While 

permeability is increased in LECs via microvalves, the SCECs respond to an 

increase in IOP by increasing number and size of giant vacuoles and by reducing 

junctional complexity and subsequently, number of paracellular openings. 

 

Biomechanical Stressors Influencing Endothelial Cells 

 

ECs are exposed to a variety of biomechanical stressors in vivo. The 

microenvironment that surrounds an endothelial monolayer correspondingly 

influences its morphology and function. Here we explore the biomechanical 

stressors that impact BECs, LECs, and inner wall SCECs. 

Blood Capillary Endothelia 

Starling's equation is commonly used to describe the rate of capillary fluid 

exchange based on the presence of hydrostatic and oncotic pressure forces that 

regulate fluid flow. 

Jv = k(Pc – Pi) – σ( πc – πi) 

where k is the filtration coefficient, Pc is the capillary hydrostatic pressure (~15 to 

30 mm Hg), Pi is the interstitial fluid hydrostatic pressure (~0 mm Hg), σ is the 



 

64 

reflection coefficient, πc is the capillary plasma oncotic pressure (~25 to 30 mm 

Hg), and πi is the oncotic pressure of the interstitial fluid (~2 to 5 mm Hg). 

 

In blood capillaries, the magnitude and direction of fluid movement 

between the lumen and the interstitium depends on the additive effect of these 4 

different pressure forces: Pi and πc favor the movement of the fluid from the 

interstitium into the lumen, whereas Pc and πi favor the exit of fluid from the 

lumen. In other words, when the sum of Pc and πi is greater than the sum of Pi 

and πc net filtration will occur; whereas in the opposite case, net reabsorption will 

take place. 

BECs are exposed to a variety of biomechanical forces in vivo, which can 

affect their morphology and physiologic function. Two main forces are present on 

the endothelium of the blood capillary luminal side: tension and shear stress. 

Tensile stress or stretch is due to blood pressure, whereas shear stress occurs in 

response to blood flow. These forces, present in their microenvironment, are 

necessary for BECs to conserve their normal phenotype and can be translated 

into biologic functions.137 

Lymphatic Endothelia 

Unlike the well-characterized blood capillaries, the pressure gradients 

across lymphatic capillaries are not well understood. The driving force moving 
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fluid in and out of the initial lymphatics can be divided into 2 main components: 

the transmural pressure gradient required during filling of the initial lymphatics 

(lymph formation) and the force necessary to drive the fluid across the lymphatic 

ducts during compression (lymph transport).71 

The transport of fluid from the interstitium into the initial lymphatics is 

dependent on local driving forces. Lymph formation requires an energy potential 

difference between the interstitium and the capillary lumen (pressure ranges from 

-2 to 3 mm Hg)138–140 that can be due to a chemical gradient (oncotic or osmotic 

pressures) or a hydrostatic pressure gradient.141 Two mechanisms have been 

proposed by which interstitial fluid fills the initial lymphatics.71 The first one 

assumes a steady-state pump mechanism where lymph formation occurs at 

constant volume. This method relies on either a steady drop in fluid pressures or 

an active transport intrinsic to the lymphatic endothelium; however, evidence 

supporting this theory is scarce.71,141 

The second mechanism that has been proposed is more widely accepted, 

and describes an unsteady pumping system where the initial lymphatics are 

compressed and expanded periodically.138,139,142–144 More evidence has been 

found in support of this theory, where physiologic stress (ie, skeletal muscle 

activity, blood capillary vasomotion, pressure pulsations) leads to elevated lymph 

flow.145 Skeletal muscle contractions (ie, limb motion, walking, skin massage) 



 

66 

adjacent to the lymphatic capillaries may enhance lymph flow, which immediately 

ceases with rest. Pressure pulsations transmitted from the contiguous arteries 

have been associated with lymphatic flow as shown in a study where steady-

state perfusion of rabbit ear lymphatics resulted in swelling, and elevation of 

arterial pressure resulted in a flow increase into the lymphatic capillary. Also, it 

has been observed that contraction of the arterioles (by topical administration of 

norepinephrine) leads to expansion of the lymphatic lumen whereas expansion of 

the arterioles (by papaverine) causes compression of the nearby lymphatics. 

Other factors, including respiration and intestinal motility have been also 

associated with lymph flow variations, suggesting that contraction and expansion 

of the initial lymphatics result in changes in fluid transport that can be associated 

with their biomechanical environments.71 

The second component of pressure across the lymphatic capillaries is the 

driving force necessary to transport fluid across the lymphatic ducts, mainly 

determined by their resistance to flow due to viscosity. In these ducts, viscosity 

forces depend mainly on duct geometry, fluid viscosity, and flow rate. The degree 

of expansion and filling of the initial lymphatics depends on availability of 

interstitial fluid; therefore, capillary filtration, interstitial transport, lymph filling, and 

lymph transport are required for the proper movement of fluid across the 

lymphatic capillary wall. 
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Inner Wall of Schlemm's Canal Endothelia 

Aqueous humor is produced at an approximate rate of 2.5 µL/min. 

Production rate oscillates throughout the day and is independent of the rate at 

which the aqueous humor exits the eye returning to circulation. The resistance 

that opposes aqueous humor outflow contributes to the generation of an IOP that 

in the healthy human eye approximates 15 mm Hg.146 This pressure has been 

the interest of several studies because of its relationship with glaucoma 

pathologies. IOP is defined as 

IOP = [(AHF – Fu) / Ctrab] + Pe 

where AHF is the rate of aqueous humor formation, Fu is the uveoscleral outflow, 

Ctrab is the outflow facility of aqueous humor through the trabecular pathway, 

and Pe is the episcleral venous pressure. Episcleral pressure is normally around 

7 to 9 mm Hg and is defined as the pressure against which the fluid exiting the 

anterior chamber through the trabecular pathway must drain.5,147 Facility in 

normal human eyes ranges from 0.06 to 0.39 µL/min/mm Hg and varies in 

response to different factors like IOP, anterior chamber's depth, and patient's 

age.2,81,148 Early studies 148,149 have shown that resistance to outflow (R=1/C) 

increases linearly with pressure (Fig. 12). 

 



 

68 

 
 

Figure12.  Relationship between outflow resistance (mm Hg min/µL) and IOP 
(mm Hg) in enucleated human eyes. Used with permission from Association for 

Research in Vision and Ophthalmology; Invest Ophthalmol Vis Sci. 1975;14:286–
292.149 

 
The pressure drop due to the inner wall of Schlemm's canal endothelium 

and its contribution to outflow resistance is still not fully understood. 

Hydrodynamic calculations based on pore counting using the scanning electron 

microscopic images 150 have suggested that this endothelial monolayer presents 

very little resistance to outflow facility (<10% of total resistance through the 

outflow pathway). However, later experimental evidence has lead to the proposal 

of a funneling model, in which interactions between the SCEC monolayer and the 

JCT-TM have been suggested as an important site for outflow resistance 

128,129,151 (see Refs. 11,12 for detailed reviews). 

The environment to which these cells are exposed is important to 

understand their structure-function relation. The pressure gradient across the 

SCECs leads to large deformations in the surface area of the monolayer and 
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causes thinning and elongation of the nuclei, suggesting that the basal-to-apical 

orientation of the pressure gradient could have a great effect in their 

biomechanical environment.108,109 In addition to the basal-to-apical pressure 

gradient, the inner wall ECs are exposed to a shear force which magnitude is 

highly influenced by the separation of the inner wall from the outer wall or canal 

height (narrowing of the lumen).10 Thus, an increase in IOP progressively 

collapses the Schlemm's canal, affecting the canal dimensions and therefore the 

shear stress applied to the endothelia.127 

In vivo, physiologic factors affect the microenvironment of the inner wall 

ECs by altering the IOP. Diurnal oscillations in aqueous humor secretion can be 

observed with a sinusoidal behavior where the maximum rate is found at night (in 

the order of 3.4 µL/min) and the minimum is reported in the morning 

(approximately 1.5 µL/min).152,153 Pulsatile IOPs associated with each heart beat 

have also been reported with a magnitude of 1 to 4 mm Hg and a frequency of 

approximately 1 Hz.154 Also, other unavoidable activities (ie, ocular massage or 

postural variations) cause dramatic changes in IOP.155 

 

Summary and Future Research 

 

The inner wall of Schlemm's canal endothelium has been a topic of study 

for several years; however, its physiology and contribution to outflow facility (and 
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its involvement in glaucoma pathologies) are still unclear. Our comparison of this 

special cell monolayer to other vascular-derived endothelium (BECs and LECs) 

was carried out to provide a more in-depth understanding and a reference frame 

for future studies with SCECs (Table 2). 

 

TABLE 2. Comparison of BECs, LECs, and SCECsComparison of BECs, LECs, 
and SCECs. Highlighted sections indicate the EC type that is more similar to 

SCEC for each given feature. 
 

SCECs have been repeatedly compared with BECs, not only for their 

vascular-derived origin, but also because they express similar intracellular 

junctions; however, SCEC are exposed to a basal-to-apical flow across the 

continuous endothelial monolayer causing it to be “pushed away” from its 

basement membrane. These characteristics can be seen as unusual when 

comparing SCECs with BECs; however, LECs also form a continuous monolayer 

lying on a discontinuous basement membrane and are also exposed to basal-to-

apical flow. In other words, the forces experienced by the inner wall SCECs are 
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more analogous to the forces experienced by the LECs. Unfortunately, none of 

the “lymphatic EC markers” have been examined in Schlemm's canal (Table 1). 

The exact structure-function relationship of the inner wall of Schlemm's 

canal is still not well characterized. The precise pathway in which aqueous humor 

crosses this monolayer is unclear and the relative contribution of each pathway 

(paracellular and transcellular) has not been determined. Although the existence 

of pores has been a matter of debate, there is increasing evidence suggesting 

their physiologic relevance. However, we can only estimate about the actual 

number, cellular location, and size of pores in vivo and know nothing about the 

cellular mechanisms that may underlie pore formation and cytoskeleton 

remodeling in the inner wall. 

It is widely accepted that biomechanical forces affect endothelial 

phenotype, but the way in which Schlemm's canal endothelium responds to 

changes in pressure are not well understood. This monolayer undergoes very 

large deformations due to pressure changes, increasing its surface area by 

decreasing EC overlap and by forming giant vacuoles. There is a need for a 

better understanding of the molecular mechanisms that accommodate such large 

stressors and effects on cell-cell and cell-matrix junctions. In addition to static 

pressure changes, cyclic and spontaneous changes in IOP occur in the 

conventional drainage pathway. Biomechanical experiments to determine the 
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effects of cyclic pressure variations on regulation of outflow facility are needed. 

Experimental studies of the LEC monolayer might provide useful information, as 

these ECs also undergo large deformations in response to changes in tension, 

and it is known that cyclic contraction/expansion of the initial lymphatics occurs, 

resulting in flow variations. 

Still, the question of how much of the total resistance to outflow facility is 

generated by the SCEC remains unanswered. Although interactions between 

SCEC and JCT-TM are proposed as a possible site for outflow resistance 

(funneling model), studies that illustrate these interactions and their effect on 

facility are still required. The ability to respond to IOP by adjusting regulation of 

outflow facility is an important characteristic of the outflow tissues. Primary open 

angle glaucoma is associated with an increased resistance to aqueous outflow; 

therefore morphologic studies of the outflow tissues and how they change their 

ability to respond to biomechanical forces are important to gain a better 

understanding of the mechanisms of this blinding disease. 

ECs lining the inner wall of Schlemm's canal share morphologic and 

functional characteristics with both blood and LECs (Table 2). Significantly some 

of these characteristics are not found in both blood and lymphatic endothelia. 

Thus, given the currently available data, it is not possible to classify SCECs as 

either lymphatic or blood vasculature. As a result, we conclude that SCECs are 
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unique, and their classification falls somewhere in between blood capillary 

endothelium and lymphatic capillary endothelium. 
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Abstract 

 

PURPOSE. In vivo, biomechanical stress plays an important role in tissue 

physiology and pathology, affecting cell and tissue behavior. Even though 

conventional outflow tissues are constantly exposed to dynamic changes in 

intraocular pressure, effects of such biomechanical stressors on outflow function 

have not been analyzed. The purpose of the present study was to determine the 

effect(s) of ocular pulse on conventional outflow facility in perfused anterior 

segments. 

METHODS. The anterior segment perfusion model was used to investigate 

the impact of ocular pulsation on human and porcine outflow facility. To 

determine tissue viability of human anterior segments, three complementary 

techniques (postperfusion morphology and cell density of outflow tissues plus 

central corneal thickness measurements over time of perfusion) were used. 

RESULTS. A consistent decrease in outflow facility was observed in 

response to cyclic intraocular pressure in both porcine (–29.96% ± 6.56; P = 

0.009) and human (–27.65% ± 8.26; P = 0.010) perfused anterior segments. 

Viability data showed no significant difference between control and experimental 

anterior segments, with respect to postperfusion histologic evaluations (P = 

0.227) or change in central corneal thickness over time (P = 0.289). In contrast, 
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the cellularity of the trabecular meshwork in experimental (cyclically pulsed) 

anterior segments (333.86 ± 22.15 nuclei/field of view) was greater than in the 

control eyes (290.47 ± 17.60, P = 0.05). 

CONCLUSIONS. Decreased outflow facility in cyclically pulsed anterior 

segments is not a function of cell or tissue damage, but rather is an active 

response of the conventional outflow tissues to a biomechanical stimulus. In fact, 

the observation of increased cellularity in tissues exposed to cyclic stress 

suggests a physiological benefit of mechanical stress to outflow cells in organ 

culture. 

Introduction 

 

Intraocular pressure (IOP) is generated and maintained within a narrow 

range as a result of the balance between aqueous humor secretion and aqueous 

humor outflow. In humans, the majority of aqueous humor exits the eye via the 

conventional outflow pathway, composed of trabecular meshwork (TM) and 

Schlemm’s canal (SC). The conventional outflow pathway is pressure sensitive, 

actively responding to its microenvironment by regulating fluid flow.1 2 The exact 

mechanisms by which trabecular outflow structures sense and respond to 

biomechanical forces is not well understood. 
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In other tissues, mechanical stress is a critical regulator of cell behavior, 

altering functional and structural properties.3 4 5 6 For instance, endothelial cells 

respond differently to various types of stress and frequencies and are able to 

discern between static and dynamic stressors.7 In the conventional outflow 

pathway, studies have shown that resident cells respond to mechanical changes 

(i.e., increase in IOP) by altering their morphology.8 9 However, IOP is not a 

steady force but a dynamic stressor that continuously alters the biomechanical 

environment to which the conventional pathway tissues are exposed.10 For 

example, diurnal variations in IOP (circadian rhythm) are know to occur 

throughout the day with an approximate peak-to-peak magnitude of 5 mm Hg, 

with IOP reaching its highest point during the nocturnal period.11 12 In addition, 

blood pulsations with each heartbeat transmit waves that create transient, 

repetitive changes in IOP at a rate of approximately 2.7 mm Hg/s (ocular 

pulse).13 The effect that these cyclic changes in IOP have in regulating resistance 

to aqueous humor flow through the conventional pathway is unknown. The goal 

of the present study was to investigate the effect of cyclic biomechanical stress 

on outflow facility through the conventional outflow pathway. We hypothesized 

that anterior segments perfused in the presence of a dynamic stress (i.e., cyclic 

IOP) differ from those cultured under static conditions. 

 

 



 

91 

Materials and Methods 

 

Donor Eye Tissues 

Enucleated human eyes were obtained from the National Disease 

Research Interchange (Philadelphia, PA), the Life Legacy Foundation (Tucson, 

AZ), the Donor Network of Arizona (Phoenix, AZ), and Sun Health Research 

Institute (Sun City, AZ), in accordance with the guidelines of the Declaration of 

Helsinki for research involving human tissue. Enucleated eyes were free of any 

known ocular disease and were stored in a moist chamber at 4°C until dissection. 

Porcine anterior segments were obtained from the University of Arizona’s 

meat science laboratory within 5 hours of death. Enucleated eyes were stored in 

phosphate-buffered saline at 4°C and were used within 10 hours of death. 

Anterior Segment Dissections 

Dissections were performed as previously described.14 15 In brief, eyes 

were hemisected at the equator and vitreous and lens were removed. The iris 

was trimmed from the root, and the ciliary processes were excised, but the 

longitudinal ciliary muscle bundles and the conventional outflow tissues were left 

undisturbed. In porcine anterior segments, the pectinate ligaments were carefully 

detached. 
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Pulsatile System Design 

To isolate and study the resistance generated by the conventional outflow 

pathway in response to different biomechanical conditions, a modified version of 

the anterior segment perfusion model was custom built (Fig. 1) . In addition to a 

syringe pump (PHD 2000 Programmable Syringe Pump; Harvard Apparatus, 

Holliston, MA) generating a constant inflow rate of 2.5 µL/min, a positive piston 

displacement pump (Pulsatile Blood Pump; Harvard Apparatus) was used in 

tandem to generate IOP oscillations that simulated the ocular pulse found in vivo. 

An additional real-time pressure transducer (Research Grade Blood Pressure 

Transducer; Harvard Apparatus) was located in parallel to the original pressure 

transducer (Pressure Sensor 142PC01G; Honeywell, Golden Valley, MN) to 

monitor and adjust peak-to-peak magnitude of intraocular pulsations. 

 

 
 
 

Figure 1.  Simplified schematic diagram of the anterior perfusion model, modified 
to introduce IOP oscillations.16 
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Anterior Segment Pulsatile Perfusions 

Postmortem paired human eyes were perfused at a constant inflow rate 

(2.5 µL/min) until they reached a stable baseline facility within a physiological 

range. When outflow facility had been stable for ≥8 hours, the real-time pressure 

transducer and the pulsatile blood pump were connected to the system. After the 

outflow facility recovered to baseline, IOP pulsations were introduced with a 

peak-to-peak magnitude of 2.7 mm Hg at a frequency of 1 Hz. Peak-to-peak 

pressure was monitored and manually adjusted until the desired magnitude was 

obtained. In the meantime, average intrachamber pressure was kept undisturbed 

by means of a column reservoir. The pressure sensor (Honeywell), connected in 

series with the anterior segment, was used to record intrachamber pressure 

every 2 minutes throughout the experiment. Data were stored (Data Acquisition 

Logging Unit; Valitec, Dayton, OH) and later used to calculate outflow facility 

(inflow rate/pressure). During IOP oscillations, the transducer (Real-Time 

Transducer; Harvard Apparatus) was used to monitor pressure at a frequency of 

100 to 500 Hz. One eye of each pair received pulsation while the contralateral 

eye underwent a standard (steady) perfusion. 

Viability 

Human anterior segment viability was analyzed by three different 

methods: determination of the change in central corneal thickness (CCT) over 
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the time of experiments, postperfusion histology of outflow tissues, and cell 

density in outflow tissues by nuclear density counts. 

Central corneal thickness (CCT) was measured throughout the experiment 

with an ultrasound pachymetry system (Handy Pachymeter SP-100; Tomey, 

Waltham, MA). Every CCT measurement represented an average of three to five 

individual readings. The first CCT measurement was taken before tissue 

dissection, and consecutive measurements were taken every subsequent day 

(for 2 to 6 days) until IOP fluctuations were introduced into the system. CCT 

slopes from each individual anterior segment were later calculated over time of 

perfusion and pooled together to obtain an average ± SE measure of rate of 

change of CCT for both control and experimental groups. 

After perfusion, DMEM was quickly exchanged for 3% paraformaldehyde 

at 10 to 15 mm Hg. Anterior segments were perfusion fixed for 1 hour at a 

constant inflow rate of 2.5 µL/min. Wedges from each quadrant were processed 

by standard histology, and 0.5-µm radial sections were cut and stained with 

toluidine blue. Tissue was evaluated in a masked fashion according to a 

previously described standard scoring system. In brief, a score of 0 represented 

a nonviable tissue in which the inner wall has been disrupted and cells are not 

present anywhere in the TM; 1 indicated that few cells were present in the TM 

and that the inner wall was intact; 2 designated tissue with a well populated-
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juxtacanalicular tissue (JCT) and an intact inner wall; 3 indicated that the 

corneoscleral meshwork as well as the JCT were well-populated with cells; and 4 

corresponded to the tissue’s being in excellent condition with healthy-appearing 

cells present everywhere in the outflow pathway. 

To determine tissue cellularity, additional wedges were taken from each 

quadrant of previously perfusion-fixed tissue and stored in 2% paraformaldehyde 

solution. Tissue wedges were later embedded in optimal cutting temperature 

(OCT) compound and frozen sections were prepared (5 µm thick). Tissue 

sections were labeled using 4'-6-diamidino-2-phenylindole (DAPI) to stain nuclei. 

Sections were oriented so that the filtering region of the TM was visible in the 

field of view (FOV), using the scleral spur as a landmark. Two sequential tissue 

sections were analyzed for each quadrant (eight sections per eye) and nuclei 

were counted in a masked fashion at 400x magnification (IX70 microscope; 

Olympus, Tokyo, Japan). Microscopic FOVs represented an approximate TM 

area of 0.196 mm2. Results are expressed as the average number of nuclei of 

eight different FOVs per eye. 

Because of the freshness of the tissue, the viability of porcine anterior 

segments was determined solely by analyzing facility traces over time. Anterior 

segments that did not show a characteristic washout17 18 19 and/or did not reach a 
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stable baseline in the range of 0.3 to 0.5 µL/min/mm Hg within 5 days of 

perfusion were rejected. 

 

Results  

 

Twelve pairs of human eyes from donors of a mean ± SD age of 73 ± 13.3 

years were perfused in organ culture, averaging (5.14 ± 1.5 hours) from time of 

death to time of enucleation and (23.45 ± 11.0 hours) from time of death to time 

to receipt of tissue in our laboratory. A summary of the results of all human 

anterior segment perfusions (including donor information, time from death to 

enucleation, time from death to tissue receipt, and outflow facilities before and 

after pulsatile IOP) is contained in Table 1 . Outflow facility information for all 

porcine anterior segment perfusions is shown in Table 2 . 
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TABLE 1. Summary of Results from Human Anterior Segment Perfusions in 
Response to Intraocular Pressure Oscillations 
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TABLE 2. Summary of Results from Porcine Anterior Segment Perfusions in 
Response to Intraocular Pressure Oscillations 

 

 

Anterior Segment Perfusions 

A decrease in outflow facility over time in response to IOP oscillations was 

observed in both the human and the porcine anterior segments. Average outflow 

facilities before normalization showed no significant difference between the 

control (0.21 µL/min/mm Hg) and the experimental (0.19 µL/min/mm Hg; P = 

0.368) groups of human anterior segment perfusions. Data from the paired 

human anterior segments showed an average facility decrease of –27.7% ± 8.3% 

(mean ± SEM), whereas the control paired eyes showed no decrease in outflow 

facility (0.4% ± 1.3%). These results were remarkably similar to the average 
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decrease in outflow facility (–27.3% ± 6.5%) observed in data pooled from all 

paired and unpaired human anterior segment perfusions. 

Similarly, outflow facilities of porcine anterior segments showed no 

significant difference between the control (0.43 µL/min/mm Hg) and experimental 

(0.46 µL/min/mm Hg, P = 0.56) groups before normalization to their stable 

baselines. Like the human anterior segments, the porcine anterior segments 

showed an average decrease in outflow facility (–29.96% ± 6.56%) in the 

experimental group in response to IOP oscillations, whereas no significant 

change in outflow facility (–0.6% ± 4.87%) was observed in the paired control 

group. 

A biphasic decrease in normalized outflow facility was observed in both 

species of anterior segments in response to physiologically relevant cyclic 

mechanical stress (pulsatile IOP for durations of 8 to 10 hours). A significant 

difference between control and experimental groups was recorded 8 hours (P = 

0.048) after pulsatile pressure stopped (Fig. 2) in the human anterior segments 

and 19 hours (P = 0.025) after IOP oscillations in the porcine anterior segments 

(Fig. 3). 
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Figure 2.  Summary of facility data obtained from nine pairs of human anterior 
segments in organ culture. Experimental anterior segments received IOP 

pulsations for 8 to 10 hours (mean ± SEM). Dashed lines: the beginning and end 
of pressure oscillations (*P < 0.05). 

 

 

Figure 3.  Summary of facility data obtained from four porcine anterior segments 
receiving IOP pulsations for 8 to 10 hours (mean ± SEM). Dashed lines: the 

beginning and end of pressure oscillations (*P < 0.05, **P < 0.01). 
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Viability 

Studies20 from our laboratory have shown that a decrease in CCT over 

time correlates with an increase in viability of outflow tissues cultured using the 

anterior segment perfusion model. Based on these previous experiments, CCT 

was used as a real-time viability indicator from the beginning of perfusion until 

IOP oscillations were introduced to the system. The average slopes of the CCT 

versus time curves showed no significant difference between control (slope: –

1.37 µm/h) and experimental (slope: –1.13 µm/h, P = 0.289) human eyes (Fig. 4). 

 

Figure 4.  Comparison of average (±SEM) change in central corneal thickness 
(CCT) of human anterior segments in organ culture over time of perfusion. 

 

Second, tissue viability was assessed in the traditional manner by 

examining morphologic appearance of outflow tissues after perfusion. Figures 5B 
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and 5C illustrate representative histologic sections of an experimental and a 

control human anterior segment. There were no obvious differences in tissue 

structure or cellularity between tissues exposed to pulsatile IOP and the paired 

controls. After we examined all tissues, we found that the mean histologic scores 

were not significantly different between the control (2.03) and experimental (2.14, 

P = 0.227) human anterior segments (Fig. 5A) . 

 

Figure 5.  (A) Comparison of average histologic scores (±SEM) from human 
anterior segments in organ culture. Also shown are representative histologic 

sections from control segment 59 (B) and experimental segment 60 (C). (B, C) A 
low magnification image is shown on the left with a region delimited with a black 
box that is shown at higher magnification on the right. SC, Schlemm’s canal; TM, 

trabecular meshwork; CC, collector channel. 
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Last, outflow tissue cellularity was examined. The groups of anterior 

segments were pooled and averaged to give the mean (±SEM) of nuclei per FOV 

in each group (control and experimental). Altogether, anterior segments exposed 

to IOP oscillations showed an average nuclear count per FOV of 333.86, 

whereas their paired controls averaged 290.47 nuclei per FOV. Control and 

experimental groups were significantly different (P = 0.05) in the cellularity of the 

conventional outflow tissues (Fig. 6) . 

 

Figure 6.  Comparison of the average (±SEM) number of nuclei per microscopic 
field of view (FOV) from paired human anterior segments in organ culture  

(*P = 0.05). 

 

Discussion 

 

The primary goal was to examine the capacity of conventional outflow 

tissues to respond to a cyclic biomechanical stress. Both human and porcine 
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anterior segments exposed to pulsatile IOP responded with a consistent 

decrease in outflow facility, having remarkably similar magnitudes and patterns of 

response. Using three complementary techniques to evaluate viability of outflow 

tissues, we established that the observed decrease in outflow facility was not a 

consequence of tissue damage, suggesting instead an active response of outflow 

tissues to the cyclic biomechanical stress. 

Mechanical stress impacts normal tissue physiology and plays a role in 

several diseases.3 21 22 23 24 Conventional outflow tissues (in vivo) are exposed to 

a variety of mechanical forces (static and dynamic) that may impact their function 

and morphology. Since past research has primarily focused on how a static 

increase in IOP can affect outflow tissues, little is known about the effect of cyclic 

or dynamic stresses applied to these tissues. Using the anterior segment 

perfusion system, we successfully introduced and studied the effects of a 

physiologically relevant pulsatile stress on the trabecular outflow tissues. Our 

results show a biphasic decrease in outflow facilities of human and porcine 

anterior segments. Because the anterior segment model physiologically isolates 

the conventional outflow pathway, decreases in outflow facility can be directly 

linked to an increased resistance through this pathway. 

Of note, despite the physiological and anatomic differences that are 

known to exist among species, the porcine and human anterior segments 
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showed similar behavior in response to cyclic biomechanical stress. Although a 

significant decrease was observed earlier in human anterior segments, both 

species showed a biphasic behavior in outflow facility that was characterized by 

two consecutive decreases in outflow facility over time. A short-term decrease 

was observed in both species during the pulse period and was followed by a 

second decrease in outflow facility starting approximately 9 hours (human) and 

15 hours (porcine) after pulsation. Although differences in onset of responses 

may be related to disparities in the anatomy of conventional outflow pathway or 

difference in freshness of tissue preparations, the pattern of responses was 

remarkably similar, suggesting that the decreases in outflow facility observed are 

not species-specific, but instead are an intrinsic cellular reaction to a 

physiological stress. If true, it is likely that such a mechanism is integral to the 

regulation of outflow facility. 

Both real time (CCT) and histologic scoring methods of viability evaluation 

showed no significant differences between segments exposed to pressure 

oscillations and their paired controls that were cultured under nonpulsatile 

conditions. Results suggest that the decrease in outflow facility observed in 

response to cyclic IOP oscillations was not a function of damage to cells or 

structures in the conventional outflow pathway, but rather an active cellular 

response to the mechanical stimulus. Even though CCT and histologic 

evaluations were not different between control and experimental groups, we 
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unexpectedly observed an increased cellularity in the experimental group. The 

increased number of nuclei per FOV in response to cyclic stress suggests that 

some stressed cells (due to postmortem time and manipulations before 

perfusion) may have recovered in response to cyclic mechanical stress. Such an 

observation is congruent with the hypothesis that in vivo cells are exposed to a 

variety of mechanical forces and therefore have an affinity for being stressed. 

Previous studies that examine endothelial cell behavior suggest that 

contractility plays an important role in tissue response to cyclic mechanical 

stress.25 26 27 Given that the TM is a smooth-muscle–like tissue with contractile 

properties and that drugs that affect contractility of TM influence facility,28 29 30 31 

we speculated that the decrease in outflow facility observed in response to 

pulsatile IOP is related to TM contractility and associated with calcium signaling 

through stretch-activated cation channels. Opening of stretch channels may lead 

to cell depolarization and L-type calcium channel activation. With this line of 

reasoning, introduction of a calcium channel inhibitor (i.e., nifedipine) to our novel 

model system may provide a better understanding of the importance of calcium-

dependent contractility in the TM in response to cyclic IOP. 

Although our calcium hypothesis is plausible, the mechanism(s) 

responsible for the observed increased resistance through the outflow pathway in 

response to cyclic mechanical stress are presently speculative. Further studies 
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are needed to determine the exact mechanism that underlies the response of 

outflow cells to cyclic stress. Regardless, given that outflow tissues are exposed 

to a unique biomechanical environment that plays a role in cellular distribution of 

filamentous (F)-actin23 32 (and now outflow facility), we hypothesize that the 

morphology and organization of F-actin fibers (and associated cell junction 

complexes) in response to cyclic stress will provide a better understanding of the 

role that biomechanics play in the regulation of conventional outflow. 
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Abstract 

 

PURPOSE.  Ocular pulse decreases outflow facility of perfused anterior 

segments.  However, the mechanism(s) by which conventional outflow tissues 

respond to cyclic intraocular pressure oscillations is unknown.  The purpose of 

the present study was to test the hypothesis that trabecular meshwork (TM) cell 

contractility mediates outflow facility responses to cyclic biomechanical stress. 

METHODS.  Mature human TM cell monolayers on polycarbonate filters 

were perfused at a constant flow rate of 30 µl/min until reaching a physiologically 

relevant stable baseline in pressure (within a range of 5-20 mmHg).  Chamber 

contents were exchanged using DMEM (control) or compounds known to affect 

cell contractility (isoproterenol, Y27632, pilocarpine and nifedipine).  After 

reaching a new baseline, monolayers were subjected to cyclic stress averaging 

2.7 mmHg/sec for 2 hours; followed by 2 hours with no pressure oscillations.  
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Pressure was recorded continuously to determine the effect of drug treatments 

and cyclic pressure oscillations in TM hydraulic conductivity.  To determine the 

effect of contractility-associated compounds in TM monolayers, western blotting 

was used to measure phosphorylated myosin light chain (p-MLC) protein 

concentration, and immunohistochemistry staining was used to determine F-actin 

stress fiber formation. 

 RESULTS. Trabecular meshwork cell monolayers respond to cyclic 

pressure oscillations by increasing mean intra-chamber pressure (decreasing 

hydraulic conductivity) (126.13 ± 2.4%, p=0.0255).  This response was be 

blocked in the presence of Y27632, a rho-kinase inhibitor (101.35 ± 0.59, 

p=0.234), while other treatment groups showed no effect.  A decrease in 

phosphorylated myosin light chain (p-MLC) and F-actin stress fiber formation was 

also observed in the presence of Y27632.  

 

 CONCLUSIONS. Human TM monolayers respond to cyclic mechanical 

stress by decreasing hydraulic conductivity.  Such a response can be blocked by 

Y27632, a compound known to decrease contractility of TM cells; implicating a 

role for Rho-kinase mediated signaling in ocular pulse-associated changes in 

outflow facility. 
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Introduction 

 

 The conventional outflow pathway is pressure sensitive, actively regulating 

resistance to fluid flow out of the eye in response to its microenviroment1, 2.  The 

exact mechanism by which trabecular outflow tissues can sense and respond to 

different types of mechanical stimuli (i.e. elevated intraocular pressure, circadian 

rhythm, ocular pulse, shear flow) is not well understood.  With respect to 

mechanical stressors, previous research has primarily focused on how static 

changes in intraocular pressure (IOP) can affect trabecular outflow tissues, 

however little is know about the effects of dynamic stress on tissue regulation3, 4.  

It is known that cyclic changes in IOP can be observed in vivo as a result of 

ocular pulse, averaging 2.7 mmHg/sec in human eyes5, 6.  These cyclic 

oscillations in IOP decrease trabecular outflow facility by approximately 28% in 

perfused human and by ~30% in porcine anterior segments 7.  Although the 

mechanism responsible for the effect of cyclic biomechanical stress in trabecular 

tissues is not well understood, contractility has been suggested to play an 

important role in endothelial cell behavior generally and outflow facility 

specifically 8-10.  Thus, in the present study we examined whether a variety of 

compounds (isoproterenol, beta adrenergic receptor agonist; pilocarpine, 

muscarinic receptor agonist; nifedipine, L-type calcium channel blocker; Y27632, 

rho kinase inhibitor) known to affect TM cell contractility were able to modulate 

cyclic biomechanical stress-mediated effects on TM cells. 
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 Previous studies have looked at the direct effect of each one of these 

compounds on TM contractility:  

a) Pilocarpine, a muscarinic agonist, has been reported to have an effect on 

conventional outflow tissues, resulting in increased outflow facility in vivo 11-14.  

Since the effect of pilocarpine on ciliary muscle can override the response of the 

trabecular meshwork, it is necessary to surgically disinsert the ciliary muscle from 

the scleral spur in order to isolate the direct effect of pilocarpine on the meshwork 

15, 16.  Studies that have investigated the direct effect of pilocarpine on TM 15, 17 

have found that in monkey eyes the response to pilocarpine is minor and non-

significant following the disinsertion of the ciliary muscle; however, in human 

eyes a significant increase in outflow facility was found in presence of low 

concentrations of pilocarpine17.  Using a dose response curve, this study shows 

that perfused human anterior segments respond to concentrations of pilocarpine 

ranging from 10-9 to 10-6M, where the maximal increase in outflow facility of 31% 

was noted at 10-6M concentratios.  The observed increase in outflow facility was 

contrary to previous data showing an isometric contraction in isolated bovine TM 

strips in the presence of pilocarpine18; however, it is consistent with our results in 

the cell perfusion model in which a direct effect of pilocarpine can be observed in 

human trabecular meshwork cells.  The pilocarpine-mediated relaxation of 

trabecular meshwork shown in this study can be easily related to other 

physiological systems in which opposing forces are present in a similar manner 

to the observed TM relaxation/ciliary muscle contraction mechanism (i.e. bicep vs 
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tricep simultaneous relaxation/contraction).   

b) Nifedipine, an L-type calcium channel blocker has been shown to be 

expressed in TM cells and has been suggested as a potential regulator of 

calcium influx and thus, contractility19-21.  Previous research has shown that 

nifedipine can cause a very small relaxation in pre-contracted human and bovine 

TM strips19.  In addition, nifedipine has been shown to increase outflow facility in 

both monkeys and rabbits22, 23.  However, in vivo human data following topical 

administration of nifedipine has shown no effect on intraocular pressure of 

normal subjects24.   

c) Isoproterenol is a β-adrenergic receptor agonist that has been found to induce 

relaxation in pre-contracted bovine and human TM strips25, and has been 

reported to increase hydraulic conductivity across trabecular outflow cells, when 

perfused under constant pressure26.  Even though contractility is thought to be 

involved in isoproterenol-changes in TM hydraulic conductivity, the mechanism 

responsible for this effect is not well-understood 27-29.  However, even tough an 

effect was observed in TM cells/strips in the presence of isoproterenol, previous 

research has shown that outflow facility of perfused bovine, monkey and human 

eyes remains unchanged30-32. 

d) Y27632 is a rho-kinase inhibitor that has been shown to relax TM cells in vitro.  

This compound causes a decrease in endothelin-1 and carbachol-mediated 

contraction in TM cells33.  In addition, exposure of hTM cells to this compound 

results in cell retraction and rounding of cell bodies34, 35.  Y27632 has also been 
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shown to decrease intraocular pressure, therefore increasing conventional 

outflow facility in rabbit, bovine, porcine and monkey eyes 35-38.   

 

 The goal of the present study was to determine the cellular mechanism 

responsible for cyclic biomechanical stress-mediated changes in outflow facility 

in situ.  We hypothesized that trabecular meshwork cell monolayers are capable 

of responding to cyclic oscillations in pressure (i.e. ocular pulse) similar to the 

intact tissue, and that this response can be altered by modifying cell contractility.  

 

Materials and Methods 

 

Cell Culture 

 Human trabecular meshwork (HTM) cells were isolated using a blunt 

dissection technique followed by extracellular matrix digestion and were cultured 

as previously described39.  Six different cell strains (TM26, TM83, TM86, TM88, 

TM90, and TM92) were isolated from nonglaucomatous human eye tissue (ages: 

15 y/o, 54 y/o, 3 m/o, 25 y/o, 4 m/o and 38 y/o; respectively) and used in the 

present study.  Cell lines were chosen based on availability at the time of 

experiments.  HTM cells used for perfusion were grown on polycarbonate filters 

(Snapwell Permeable Supports; Costar) and were supplemented with Dubbeco’s 

modified Eagle’s medium (DMEM) low glucose, with the addition of 10% fetal 

bovine serum, penicillin (100 u/ml), streptomycin (0.1 mg/ml) and glutamine 
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(0.29mg/ml).  Cells used for immunostainning were plated on coverslips and 

grown to confluence for at least 7 days in the same medium as described above.  

 

HTM Monolayer Perfusions 

 HTM cells were plated onto Snapwell permeable supports (Costar) 

consisting of a 12 mm diameter plastic insert surrounding a polycarbonate filter 

membrane (1 cm2 surface area; 0.4 µm pore size).  For every experimental 

condition, a minimum of two different cell lines in three individual experiments 

were used for each treatment group to indicated that results were not an artifact 

of an individual donor.   

 A previously used Ussing chamber perfusion system40 was modified to 

deliver cyclic pressure oscillations while monitoring intrachamber pressure in real 

time.  Cells on filter supports were placed on an Ussing chamber (Ussing System 

CHM5, World Precision Instruments) and mounted in a clamp housing.  Cells 

were perfused using a 25 mM HEPES-buffered DMEM (serum-free; pH 7.4).  

Constant flow was delivered to the monolayer (apical to basal) at a rate of 30 

µl/min using a syringe-driven constant infusion pump (PHD 2000 Programmable 

Syringe Pump).  We attempted to model the environment that exists in the JCT 

region where TM cells are in contact with cell neighbors and fluid flow passes by 

TM cells. Thus, coordinated contractions of TM cells on filters increase openings 

between adjacent cells, and thus increase hydraulic conductivity.  A pressure 

transducer (Research Blood Pressure Transducer, Harvard Apparatus) was 
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connected to the apical chamber to record pressure in mmHg at a frequency of 

acquisition of 100 samples/sec (Figure 1).  After a stable baseline was reached, 

media was exchanged for either mock or treated DMEM (10 µM isoproterenol, 10 

µM pilocarpine, 10 µM nifedipine, or 10 µM Y27632) and perfusion was restarted 

at a constant flow rate until reaching a new stable baseline.  We observed 

empirically that pressures in the range of 5 – 20 mmHg were needed for us to 

detect control-induced contractions in our model.  Thus, experiments having 

filters with cells that could not maintain pressures within this range were stopped, 

not tested with drug or pressure oscillations and excluded from analyses. Cyclic 

pressure oscillations were then introduced to the system at 2.7mmHg/sec for two 

hours, using a positive piston displacement pump (Pulsatile Blood Pump, 

Harvard Apparatus) connected in series to the syringe pump.  This was the 

identical set-up used for anterior segment perfusions7. Following this pulsatile 

period, monolayers were either removed from the chamber or were maintained at 

a constant flow rate perfusion (without pressure oscillations) for a two-hour 

period.  After perfusion, cell monolayers were prepared for western blotting as 

described below or fixed and DAPI-stained to check for monolayer confluence.   
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Figure 1.  Simplified schematic diagram of the constant flow cell perfusion 

system modified to introduce intra-chamber pressure oscillations40.  
 

 

Immunoblot analysis 

 Immediately after perfusion, filters were quickly rinsed with PBS at 4 °C 

and incubated for 30 minutes in Laemmli sample buffer containing 10% β-

mercaptoethanol, a Roche protease inhibitor cocktail and 5nM NaF and boiled for 

10 min.  Cell lysates were electrophoresed into 12% polyacrylamide gels 

separated by SDS-PAGE.  Proteins were transferred to nitrocellulose by electric 

field in 1.5 hours.  Nitrocellulose membranes were blocked in 5% dry milk 

solubilized in Tris buffered saline (137 mM NaCl, 25 mM Tris, and 2.7 mM KCl) 

containing 0.2% Tween-20 (TBST), and then probed with anti-Myosin Light Chain 

(MLC) (1:1,000) or anti-Phospho Myosin Light Chain (P-MLC) (1:1,000) overnight 

at 4°C on a rocking platform (Cell Signaling Technology).  The blots were rinsed 

three times, 10 minutes each, in TBST and incubated for 1 hour with horseradish 

peroxidase–conjugated secondary antibodies in 5% milk in TBST (goat anti-
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rabbit, 1:5000).  Membranes were rinsed 3 more times (10 minutes each) in 

TBST and HyGLO chemiluminescence (Denville Scientific) was used to visualize 

specific labeling.  

  

 Blots were digitized with a gel-documentation system (EpiChemi II 

Darkroom; UVP, Upland, CA), and densitometry was performed on computer 

(Laboratory Works imaging software, version 4.0.0.8; Ultraviolet Products Inc., 

Upland, CA).  

 

Drug Treatment 

 Before immunostaining, cells plated in 22 x 22 mm2 glass coverslips were 

rinsed two times using dPBS.  Monolayers were then organized in six different 

groups and incubated for one hour in treated (experimental) or untreated 

(control) Hepes-buffered DMEM.  Isoproterenol and pilocarpine were prepared 

fresh in a 10mM stock solution dissolved in Hepes-buffered DMEM; nifedipine 

was also prepared fresh in a 10mM stock solution dissolved in ethanol; and 

Y27632 was dissolved in dH2O to get a 1mM stock solution.  Before treatment, 

all drugs were diluted to a 10µM solution using Hepes-buffered DMEM.  

 

Immunofluorescence 

 Human trabecular meshwork cell monolayers were triple-labelled to 

visualize F-actin, nuclei, and β-catenin (as an endothelial cell membrane marker).  
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Following a one-hour treatment of DMEM (control), 10 µM isoproterenol, 10 µM 

pilocarpine, 10 µM nifedipine or 10 µM Y27632, HTM coverslips grown to 

confluence were fixed using 4% paraformaldehyde for 10 minutes.  Cell 

monolayers were permeabilized in 0.2% Triton X-100 in PBS for 5 minutes at 

room temperature, washed in PBS, then blocked with a solution of PBS 

containing 10% goat serum (Sigma), 0.2% Triton X-100 and 0.5% bovine serum 

albumin (Sigma) for 30 minutes at 37°C.  To visualize β-catenin, coverslips were 

labeled using rabbit anti-β-catenin IgG (Santa Cruz).  Cells were incubated in 

primary antibody diluted 1:400 in blocking solution for 2 hours at room 

temperature, followed by three 10 minute washes in PBS + 0.2% Triton X-100.  

The coverslips were then incubated in the fluorescent secondary antibody 

(fluorescein -goat anti-rabbit IgG; Molecular Probes) diluted 1:1000 in blocking 

solution for 60 minutes, followed by three 10 minute washes in PBS + 0.2% 

Triton X-100.  After washing, cells were incubated for 20 minutes with Alexa 

FluorTM 568 phalloidin (1:40 dilution, Molecular Probes) at room temperature, 

then washed using PBS + 0.2% Triton X-100 and incubated in 4',6-diamidino-2-

phenylindole (DAPI; SIGMA) at a 1:1000 dilution for 5 minutes.  Labeled cells 

were visualized by immunofluorescence microscopy using a Nikon PCM 2000 

Confocal microscope (Biomedical Imaging Facilities, The University of Arizona).  

DAPI stained nuclei were visualized at a 400x magnification (IX70 microscope; 

Olympus, Tokyo, Japan) with the purpose of confirming that all monolayers were 

confluent.  Microscopic field of views represent an approximate area of 0.02 µm2. 
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LDH assay 

 To follow potential cytotoxic effects of pressure oscillations, effluent from 

perfused cells was monitored for LDH release. Positive control samples were 

incubated in 1.5 ml of HEPES-buffered DMEM plus 1% Triton X-100 for 10 

minutes; filters were then scraped and media was centrifuged and collected.  

Negative control samples were incubated for four hours in 1.5 ml of HEPES-

buffered DMEM at room temperature.  Effluent samples were collected from 

mock-exchanged TM cell perfusions at three different time points (before, during 

and after the pulsatile pressure period), samples were normalized to time, 

concentrated (to 1.5 ml) and treated the same way as control samples.  Effluent 

media was analyzed for LDH concentration using a commercial cytotoxicity 

detection kit (Roche Applied Science).  In brief, samples were incubated with 

tetrazolium salt (INT) to obtain a colored formazan, which can be quantified 

colorimetrically using an Emax precision microplate reader (Molecular Probes).  
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Results 

 

HTM Monolayer Perfusions 

 A total of six trabecular meshwork cell monolayers were perfused at a 

constant flow rate of 30 µl/min.  After reaching a stable intra-chamber pressure 

baseline (8.51 ± 0.95 mmHg; mean ± SEM), monolayers were exposed to cyclic 

pressure.  For each individual perfusion, mean pressures were normalized to 

their baseline pressure before pulse.  Human trabecular meshwork cell 

monolayers respond to cyclic pressure oscillations by significantly increasing 

mean intra-chamber pressure baseline (126.13 ± 8.30%, n=6; p=0.0255) (Figure 

2).   

 
Figure 2.  Summary of mean intra-chamber pressure of perfused hTM 
monolayers before, during and after the introduction of cyclic pressure 

oscillations (* p≤0.05; n=6).  A significant increase in pressure was observed in 
the presence of cyclic biomechanical stress (126.13 ± 8.30%) and was 

maintained after the pressure oscillations were stopped (124.31 ± 7.26).  Results 
are given as mean ± SEM. 
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Thirty-eight cell monolayers were used to examine the effect of contractility on 

the pulse-mediated response previously observed (Figure 2). The effect of 

contractility on HTM cells in response to pulsatile pressure was tested using five 

different treatment groups: mock exchange (control), isoproterenol, pilocarpine, 

nifedipine and Y27632.  Drug effects were first analyzed by exchanging chamber 

contents while continuously monitoring intra-chamber pressure as an inverse 

indicator of hydraulic conductivity (HC) for each treatment group.  Only two 

(pilocarpine and Y27632) out of the four compounds affected HC in our system, 

both of which have been shown to affect TM contractility and outflow facility in 

other systems11, 12, 18, 21, 33, 35, 36, 41, 42.  Results show a significant decrease in 

baseline intra-chamber pressure in the presence of Y27632 (75.35 ± 8.32%; 

p=0.002) and pilocarpine (83.48 ± 6.72%; p=0.033) when compared to control 

monolayers (101.75 ± 2.81%).  The observed decrease in pressure in the 

presence of these compounds suggests that TM monolayers can increase their 

hydraulic conductivity in response to pilocarpine and Y27632 (Figure 3).  
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Figure 3.  Percentage pressure change in response to drug treatment.  HTM cells 
were perfused under constant flow.  Pressure was recorded and compared 

before and after exchanging chamber contents for DMEM (control), isoproterenol 
(iso), pilocarpine (pilo), nifedipine (nife), or Y27632. (* p ≤ 0.05).  Results are 

shown as mean ± SEM. 
 

 After exchanging intra-chamber contents, monolayers were perfused at 30 

µl/min in the presence of the compound used for exchange until they reached a 

new stable baseline in pressure.  Monolayers were then subjected to cyclic 

stress averaging 2.7 mmHg at 1Hz for 2 hours; subsequent to 2 hours with no 

pressure oscillations.  Intra-chamber pressure was recorded throughout the 

experiment. 

 

A significant increase from baseline pressure was previously observed in 

perfused hTM cell monolayers in response to cyclic pressure oscillations (Figure 
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2).  A similar response was observed in the mock exchange group (control) 

monolayers, where an increase from baseline was recorded in mean intra-

chamber pressure during (117.89 ± 3.05%, n=12; p=0.0001) and after (130.95 ± 

8.73%, n=9; p=0.008) the pulsatile period.  A similar trend in pressure was 

detected in monolayers perfused in the presence of isoproterenol (123.74 ± 

6.14%, n=5; p=0.018) and pilocarpine (119.02 ± 8.27, n=10 p=0.021), where a 

significant increase from baseline in mean intra-chamber pressure was observed 

following the introduction of cyclic pressure oscillations.  In the presence of 

nifedipine (132.31 ± 18.9, n=4; p=0.187), a similar response was recorded 

following the introduction of pressure oscillations, however the observed increase 

in mean intra-chamber pressure was not significant.  Following an exchange with 

the rho-kinase inhibitor, Y27632, the change in mean intra-chamber pressure 

observed in control monolayers in response to cyclic pressure oscillations, was 

completely blocked.  In the presence of Y27632, there was no change from 

baseline in response to cyclic stress (101.35 ± 4.72, n=7; p=0.234).  The results 

observed in the group perfused with Y27632 are significantly different (p=0.005) 

from the control group, in which the hTM cell monolayers responded to cyclic 

mechanical stress by significantly altering the monolayers’ hydraulic conductivity.  

The effect of pulsatile pressure in the absence (control) and presence of these 

compounds can be observed in Figure 4.  There is no significant difference in the 

response observed between the control group and the groups treated with 

isoproterenol, pilocarpine and nifedipine (p=0.936, p=0.667, p=0.498 
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respectively); however, a statistically significant difference can be observed 

between the control group and that treated with Y27632 (p=0.005) in response to 

pulsatile pressure. 

 

Figure 4.  Effect of cyclic pressure oscillations in perfused TM monolayers in the 
presence of different compounds though to affect contractility.  Baseline for each 

treatment group is normalized to the pressure baseline obtained before the 
introduction of a cyclic biomechanical stress. (* p ≤ 0.01).  Results are shown as 

mean ± SEM. 
 

 Baseline pressures before and after the drug exchange, plus during and 

after the period of cyclic intra-chamber pressure oscillations were compared 

between treatment groups.  In summary, our results show that hTM monolayers 

respond to both pilocarpine and Y27632 by increasing hydraulic conductivity.  

This response is recorded as a decrease in intra-chamber mean pressure in the 
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presence of these compounds.  In addition, hTM monolayers are able to respond 

to cyclic pressure oscillations by increasing intra-chamber mean pressure.  

However, during perfusion with Y27632 this pulse-mediated response was 

completely blocked (Figure 5). 

 

Figure 5.  Summary of hTM cell perfusions exposed to cyclic biomechanical 
stress in the presence of DMEM (control), isoproterenol (iso), pilocarpine (pilo), 
nifedipine (nife) or Y27632.  The effects of drug treatment and cyclic stress in 

intra-chamber pressure can be observed for each group.  Results for each 
perfusion are normalized to their individual intra-chamber baseline pressure 

before the introduction of cyclic oscillations.   
 

 

Immunoblot analysis 

 Rho-kinase mediated regulation of myosin light chain (MLC) 

phosphorylation controls contraction of several cell types43, 44.  For this reason, 
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we used immunoblotting to measure changes MLC phosphorylation as an 

indirect measurement of contractility.  A minimum of four perfused filters from 

each treatment group were selected for western blotting: at least two of the filters 

were prepared from samples corresponding to the last part of the pulsatile 

pressure period (during pulse: DP) and the other half were collected from 

samples that were perfused for two more hours after the pulse (AP) was stopped. 

Representative samples of each treatment groups are shown in Figure 6, 

demonstrating a clear decrease in myosin light chain phosphorylation (p-MLC) in 

groups treated with Y27632.  Changes between “during pulse” and “after pulse” 

samples were hard to determine since each sample corresponds to a different 

perfusion experiment and inter-sample variability was large and timing from 

plating to perfusion of monolayers varied as well.  However, we observed a 

decrease in p-MLC in the monolayers perfused with Y27632, which suggests that 

rho-kinase inhibition plays a role in TM cells response to cyclic biomechanical 

stress. 
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Figure 6.  Analysis of cell lysates collected from TM monolayers grown on 
polycarbonate filters before perfusion (in culture) or after perfusion.  Shown is 
one representative experiment of two total experiments for each point time in 

each treatment group.  Top panel shows protein expression of phosphorylated 
myosin light chain (p-MLC), whereas lower panel shows the expression of 

myosin light chain (MLC) following a chamber exchange with DMEM (mock) or 
different treatments (nifedipine, nife; pilocarpine, pilo; isoproterenol, iso; and 

Y27632) groups. (DP: during pulse, AP: after pulse).  
 

 

Immunofluorescence 

 To observe the effect of the different drug treatments on actin 

polymerization, coverslips containing trabecular meshwork cells were treated and 

stained for β catenin (an adapter protein that can be found at cell-cell junctions of 

TM cells), filamentous actin (F-actin) and nuclei (Figure 7).  As a qualitative 

indicator, F-actin labeling with phalloidin revealed a decrease in actin 

polymerization was observed in the presence of Y27632.  This result is 

consistent with the decrease in p-MLC observed in Western blots, suggesting 

that the rho-kinase inhibition of F-actin fiber formation might be responsible for 

the decreased HTM response to pulsatile biomechanical stress.  
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Figure 7.  Visualization of TM coverslips stained for β catenin, F-actin (confocal 
microscopy) and DAPI-stained nuclei (epifluorescence microscopy).  Analysis of 
F-actin stress fiber formation of TM cells in response to one-hour treatments with 
DMEM (mock), isoproterenol (iso), nifedipine (nife), pilocarpine (pilo), or Y27632 

(Y27).  TM cells used for immunostaining showed similar levels of monolayer 
confluency between different treatment groups.  Results show representative 

experiments from a total of three experiments for each treatment group. 
 

 

LDH Assay  

 LDH assay was used as an indirect measurement of cell viability.  Results 

showed no significant difference between negative control samples and samples 

collected from the effluent resulting from HTM monolayer perfusions (Figure 8).  

Negative control samples showed a 20.14 ± 1.39% absorbance; whereas “before 
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pulse” samples showed 25.31 ± 3.21% (p=0.16), “during pulse” samples 24.51 ± 

3.35% (p=0.23), and “after pulse” samples 20.32 ± 3.27% (p=0.95) absorbance.  

This data indicate that the response observed as a result of pulsatile pressure 

was not caused by cell damage.  

 

Figure 8.  Concentration of LDH in effluent samples collected during TM 
monolayer cell perfusion following a mock exchange.  (BP, before pulse; DP, 

during pulse; AP, after pulse). 
 

 

Discussion  

 

 The primary goal of this paper was to use a reductionist approach to gain 

a better understanding of how conventional outflow tissues respond to cyclic 

biomechanical stress.  Previous studies suggest that TM contractility plays a role 

in aqueous humor outflow and intraocular pressure regulation45.  In addition, 
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research in different endothelia has shown that cells can respond to different 

types of biomechanical stress by altering cell contractility.  For this reason, we 

focused on two main points that intend to relate contractility to cyclic stress in TM 

cells: (1) examine the effect that cyclic biomechanical stress has on hydraulic 

conductivity of HTM cell monolayers and (2) analyze how this response is 

affected by altering cell contractility.   

 

 By modifying an Ussing chamber perfusion system, we were able to 

deliver a cyclic biomechanical stress similar in magnitude and frequency to the 

ocular pulse measured in vivo.  In addition, we were able to study the effect that 

cell contractility plays in regulating TM response to cyclic stress by perfusing 

these monolayers with different compounds know to affect TM cell contractility 

(isoproterenol, pilocarpine, nifedipine, and Y27632). 

 

The acto-myosin complex has been previously implicated as a regulator of 

outflow facility.  For example, actin disruptors (latrunculin-A, latrunculin-B) and 

calmodulin binding protein (caldesmon) have been found to alter the 

conventional outflow pathway increase outflow facility in monkey and human 

eyes46-51.  In addition, changes in actin organization have been observed 

following a steady-state stretch on TM cells grown on silicone membranes.  

However, little is know about cyclic stress on TM or the involvement of actin 

cytoskeleton in regulating TM cell contractility in response to cyclic stress. 
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 The present study reports two major findings: (1) human TM cells in 

culture respond to ocular pulse similar to intact tissue, and (2) rho-kinase 

pathway is involved in the response of TM to cyclic mechanical stress.   

 

 We observed that hTM monolayers perfused with nifedipine or 

isoproterenol showed no effect on intra-chamber pressure, whereas a significant 

decrease in mean pressure was observed following pilocarpine or Y27632 

exchange.  These results support previous data in which both pilocarpine and 

Y27632 result in an increase in outflow facility of perfused eyes, which is thought 

to be a result of tissue relaxation.   

 

 In addition, our results consistently show that human trabecular meshwork 

monolayers perfused under constant flow conditions were capable of sensing 

and responding to cyclic stress with a consistent increase in mean intra-chamber 

pressure.  Even though this response was not altered in the presence of some of 

the compounds know to affect HTM cell contractility (i.e. isoproterenol, nifedipine, 

and pilocarpine); the observed increase in pressure in response to cyclic stress 

was completely blocked in the presence of Y27632.   

 

 To further evaluate the mechanism responsible for TM response to cyclic 

biomechanical stress, we looked at the phosphorylation of myosin light chain, a 
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known downstream effect of Rho-kinase.  Our results show that inhibition of the 

Rho-kinase pathway using Y27632 results in a decrease of downstream p-MLC 

in perfused TM cell monolayers.  Since a decrease in p-MLC is associated with a 

decrease in contractility and stress fiber formation, we monitored TM filamentous 

actin in confluent TM monolayers.  Our results show a clear decrease in stress 

fiber formation in the presence of Y27632 in confluent TM monolayers, similar to 

reported by others 35, 37.   These observations confirm our hypothesis that 

changes in TM cytoskeleton affect the response of the monolayers to cyclic 

biomechanical stress and that the Rho-kinase and downstream effectors are 

involved in the pulse-mediated response of TM cells.  

 

 We have provided evidence showing that regulation of contractility via 

Rho-kinase is necessary for trabecular meshwork cell response to cyclic 

pressure oscillatios.  This data strongly suggests that ocular pulse is responsible 

for modifying a resting level of contractility (tone) in trabecular meshwork cells in 

vivo.  Since ocular pulse is a repetitive force continuously sensed by trabecular 

outflow tissues in vivo; we hypothesize that the observed decrease in hydraulic 

conductivity is not a change from baseline, but rather the reestablishment of a 

more physiological state for TM monolayer resistance.   

 

 The conventional outflow pathway is pressure sensitive, responding to 

changes in steady-state IOP by altering outflow resistance.  Data shown in this 
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manuscript suggests an additional regulation of IOP, involving responses of TM 

cells to cyclic oscillations in pressure, which also modifies outflow facility 

resistance.  The observed decrease in hydraulic conductivity in response to 

cyclic biomechanical stress may be used as a protective mechanism of these 

tissues in vivo.  These results agree with studies showing that normal tension 

glaucoma (NTG) patients show a decrease in ocular pulse amplitude52, 

suggesting that IOP measurements appearing within the normal range can be 

partially due to an increase in outflow facility associated with a decrease in ocular 

pulse magnitude.    

  

  Although this paper characterizes the role for Rho-kinase-mediated 

signaling in ocular pulse-associated changes of hydraulic conductivity in 

trabecular meshwork cell monolayers, it is important to address the role that this 

pathway plays in the undisturbed conventional outflow tissues.  We hypothesize 

that ocular-pulse associated decrease in outflow facility of anterior segments will 

also be blunted in the presence of Y27632, strongly suggesting ocular pulse as 

one of the physiological forces responsible for setting TM tone in vivo. 
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APPENDIX D:  AQUEOUS HUMOR DYNAMICS 

 

Aqueous humor is a clear fluid secreted from the ciliary epithelium into the 

posterior chamber of the eye.  The ciliary epithelium is composed of a double 

layer (pigmented and non-pigmented epithelium) of cells located on the surface 

of the ciliary processes projecting from the ciliary body.   

Aqueous humor formation occurs in three major steps:  (1) ion uptake 

from the ciliary stroma into the pigmented ciliary epithelium (PE), the outer-most 

layer; (2) ion diffusion from the PE into the non-pigmented epithelium (NPE) 

through gap junctions; and (3) ion efflux form NPE into the posterior chamber of 

the eye1-5.   

Aqueous humor is a complex mixture of electrolytes, organic solutes, 

growth factors, and other proteins, which are continuously secreted into the 

posterior chamber of the eye at an approximate rate of 2.5 to 3.5 µl/min.  

Aqueous humor then circulates into the anterior chamber through the pupil and 

exits the eye via the conventional or unconventional outflow pathways.  Aqueous 

humor undergoes a constant turnover, where the total volume in the eye 

(approximately 300 µl) is recycled every 100 minutes 6, 7.   
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The rate of secretion of aqueous humor from the ciliary epithelium is not 

constant; changes in secretion can be observed throughout the day (nocturnal vs 

diurnal periods) as a result of circadian rhythm.  The effect that these variations 

have in modulating intraocular pressure is not well understood.  

 

Continuous circulation of aqueous humor serves two main functions: 

1) Provides nutrients and oxygen and removes metabolic wastes from the 

avascular intraocular tissues (i.e. lens, cornea, trabecular meshwork). 

2) Generates intraocular pressure necessary for optical function of the eye.  

Without IOP, the eye would deflate and the light entering through the 

cornea would not focus correctly onto the retina.   
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APPENDIX E:  AVAILABLE MODELS USED IN CONVENTIONAL OUTFLOW 

RESEARCH 

 

The study of POAG has been held back due to the inaccessibility of the 

outflow tissues and the inexistence of a good animal model that accurately 

replicates this disease.  In addition, the anatomy and physiology of the outflow 

tissues is different in human from any other animal including primates.  For this 

reason, several techniques have been commonly used to study the trabecular 

outflow tissues1, 2:  

1. Monolayer cell culture.  The isolation of trabecular meshwork and Schlemm’s 

canal endothelial cells allows the study of these tissues at lower cost when 

compared to other techniques available.  This method is commonly used for 

dose-response experiments.  Even though this technique allows repetition of 

experiments, it presents the disadvantage that both the biomechanical 

environment and the normal physiology found in vivo are lost. 

 

2. Anterior segment culture.  In brief, this technique consists in hemisecting the 

eye in half at the equator.  The vitreous and lens are then removed and the 

remaining tissue is placed in medium and kept in stationary culture.  This 

technique retains the physiological arrangement of the outflow tissues; 
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however, the biomechanical environment is lost and the viability of the tissue 

decreases rapidly with time.     

 

3. Monolayer cell perfusion.  This technique consists of isolating trabecular 

meshwork endothelial cells and seeding them onto filters at confluence.  

Monolayers are then placed into an Ussing chamber and perfused under 

constant pressure, while hydraulic conductivity is measured.  This technique 

is less expensive and allows more repetitions than those perfusing anterior 

segments or whole eyes, but it does not retain the physiology of the outflow 

tissues in vivo.  Cell perfusion tries to mimic the biomechanical environment 

that the conventional outflow tissues are exposed to in vivo, and it offers the 

advantage of allowing us to isolate the responses of individual tissues (i.e. TM 

vs. ciliary muscle).  

 

4. Whole eye perfusion.  This system allows us to study the intact human eye 

without disturbing any or the tissues of interest. This perfusion technique 

closely mimics the physiology and biomechanical environment found in vivo.  

The main disadvantage of whole eye perfusions is the short survival time of 

the outflow tissues.  As a result, this method is commonly used for short-term 

perfusion experiments (approximately 4-8 hours) in which the test compound 

renders an acute change in outflow facility that can be observed in less than 

one hour.    
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5. Anterior segment perfusion.  In this technique the eye is hemisected in half at 

the equator and dissected leaving the conventional outflow tissues 

undisturbed.  The anterior segment is then mounted on a custom-made eye 

chamber and perfused at a constant inflow rate. This technique is commonly 

used to test potential drugs for glaucoma patients.  The main advantage of 

this technique is that it closely mimics the physiological and biomechanical 

microenvironment of the conventional outflow tissues at the same time that it 

maintains them viable for up to two weeks.  Some of the limitations of this 

system are the cost of the tissue, and the variability of the results associated 

with tissue viability; however this technique is the best tool currently available 

to test compounds or other experimental factors that could have a long-term 

effect in outflow facility. 
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APPENDIX F:  ANTERIOR SEGMENT PERFUSION PROTOCOL 

  

The anterior segment perfusion system was developed by Johnson and 

Tschumper in 19871 and became the most commonly used system to study long-

term effects on conventional outflow facility in humans.  This system mimics the 

in vivo microenvironment to which the conventional drainage tissues are 

exposed. Intraocular pressure can be kept within normal levels and the 

unidirectional flow present in vivo is maintained.  Since a perfusion rate greater 

than 1 µl/min is necessary to promote trabecular meshwork cell survival2, a 

constant inflow rate system is used.  

 

Tissue Criteria 

 

Human eyes were selected based on the following criteria in order to 

optimize tissue viability: 

- Tissue most be free of any known ocular disease, 

- Time of death to time of tissue procurement should be less than 6 hours, 

- Post-mortem time should be less than 40 hours by the time the tissue is 

received in the laboratory, 

- Donor should have a history of less than 48 hours on mechanical 

ventilation. 
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Porcine eyes were obtained from the meat laboratory at the University of 

Arizona and were used with a post-mortem time of less than 10 hours.   

 

List of Supplies for Dissection/Perfusion of Anterior Segments 

 

• Micro-dissection tools: 

– Mosquito hemostat curved forceps 

– Curved-tips iris scissors 

– Iris forceps (serrated, curved 0.8 mm tips) 

– Dumont No. 1 Tweezer ( 0.2 x 0.12 mm tips) 

– Vannas scissors (curved, 5 mm blades, 0.1 mm tips) 

– Scalpel blade 

• Sterile Dulbecco’s Phosphate Buffered Saline (dPBS) 

• Kendal Curity sterile gauze sponge (USP Type VII Gauze; 2” x 2”) 

• Sterile alcohol prep pads 

• Polystyrene Petri dish 100 x 15 mm 

• Polystyrene Petri dish 60 x 16 mm  

• Puritan sterile cotton-tipped applicators 

• 20 ml Beckton and Dickinson sterile plastic syringe 

• 10 ml Beckton and Dickinson sterile plastic syringe 

• Sterile surgical blade No. 10 

• Tygon S-54-HL medical tubing (ID: 0.03”; OD: 0.09”) 
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• Sterile three-way stopcocks 

• Male to male rotating Luer connectors 

• Sterile Intramedic Luer stub adapter (20 Gauge) 

• Millipore Millex GP sterile syringe driven filter unit (0.22 µm pore, PES 

memebrane) 

 

Equipment Required for Anterior Segment Perfusions 

- Dissecting Microscope 

- Harvard Apparatus PHD 2000 Programmable Syringe Pump  

- Harvard Apparatus Pulsatile Blood Pump 

- Harvard Apparatus Research Grade Blood Pressure Transducer 

- Hamilton (HV) Plug Valves  

- Honeywell Micro Switch 142PC01G Gage Pressure Sensors 

- HeraCell 150 CO2 incubator  

- Handy Pachymeter SP-100 system 

 

Data Acquisition Systems 

- Biopac MP100 Workstation Data Acquisition System 

- Valitec AD128 StandAlone Data Acquisition System 

 

Software Required for Anterior Segment Perfusions 

- AcqKnowledge Software 
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- Valitec DataReady 

- Microsoft Excel 

 

Anterior Segment Dissection 

 

Tissue dissection is a crucial step for this technique.  After procurement, 

tissue should be kept in a moist chamber at 4°C until dissection is started.  The 

first step is to trim the conjuctiva and Tenon’s capsule, to clean the outside of the 

corneoscleral envelope.  The whole globe is then immersed in a 2-5 % betadine 

solution dissolved in Phosphate Buffered Saline for 5 to 10 minutes to prevent 

tissue contamination. The eye is then rinsed two times using dPBS and central 

corneal thickness (CCT) is measured using ultrasonic pachymetry (Tomey; 

Handy Pachymeter SP-100 system).  The paired eye is then treated in a similar 

way and stored in dPBS at 4°C while the first eye of the pair is micro-dissected 

as follows.   

The eye is held from the optic nerve using sterile gauze and excess tissue 

is removed from the sclera by means of a scalpel blade, making sure the cornea 

remains undisturbed.  Tissue is then bisected at the equator and the anterior half 

is placed on sterile gauze in a Petri dish with the cornea facing down.  The 

anterior segment tissue must be kept moist at all times during this procedure 

(using dPBS) to avoid tissue damage.  The vitreous is then carefully removed by 

pulling on it with the curved iris forceps.  Before removing the lens, fine-tip 
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tweezers are inserted between the lens and the ciliary body to break the zonulae 

fibers that hold it in place.  After removing the lens, the anterior segment is rinsed 

with dPBS to remove any floating pigment. 

   

The tissue is then moved to the dissecting microscope, where the first 

step is to separate the choroid from the ciliary body and to trim the iris from its 

root using the fine curved vannas scissors.  Carefully, the ciliary processes are 

then excised one by one, leaving the longitudinal ciliary muscle bundles intact.  

Using a sterile cotton tip applicator, the remaining pigment is gently removed and 

the anterior segment is washed in two separate dPBS rinses and stored in dPBS 

at 4°C while the paired eye is dissected.  In brief, the longitudinal ciliary muscle 

and the conventional outflow tissues are kept undisturbed attached to the 

anterior half of the corneoscleral envelope.  

 

Calibration of Anterior Segment Perfusion System 

 

Calibration of the perfusion system was performed every time before 

starting a new experiment.  Gage pressure transducers (Honeywell Pressure 

Sensor 142PC01G) are used to provide an output voltage in VDC proportional to 

the pressure applied.  In brief, calibration of the pressure transducers consists of 

identifying the amount of pressure associated with a given voltage by means of a 

column reservoir (known pressure).  A column of water directly connected to the 
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pressure transducers is raised to generate seven different pressures points (70, 

60, 50, 45, 40, 35, 30 cm H2O) that are recorded as a voltage using the 

transducers.  This allows us to graph a linear relation between these two factors 

(pressure vs. voltage).  The calibration steps are as follows:  

1. Using the Valitec Data StandAlone Logging Unit (Valitec AD128), the 

acquisition rate was set to 0.5 Hz.  

2. Each gage pressure transducers is directly connected to a HV Hamilton plug 

valve to control fluid flow into the transducer.   

3. The transducers are then connected in series to a column reservoir by means 

of tygon tubing.  Tubing lines and column should be filled with dH2O and 

should be free of air bubbles. 

4. The height of the column reservoir is adjusted to 30 cm above the level of the 

transducers and maintained there for at least one minute until the voltage 

reading is stable. 

5. Without moving the reservoir, the data acquisition box is turned on for 20 

seconds to record voltage. 

6. Steps 4 and 5 are repeated at seven different levels (30, 35, 40, 45, 50, 60, 

and 70 cm). 

7. Data from the logging unit is then downloaded to a Microsoft Excel 

spreadsheet where the pressure in cmH2O is converted to mmHg and the 

slope, intercept and r2 are calculated for each pressure transducer (Figure 1). 
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8. The linear relationship between pressure (mmHg) and voltage (volts) is then 

plotted (Figure 2).  The slope of this graph is used later to back-calculate 

pressure during anterior segment perfusions. 

9. For an accurate calibration, r2 values should be greater than 0.9990. 

 

Pressure     

(cm H2O)

Corrected Pressure 

(mmHg)

Channel 1 

(Volts)

Channel 2 

(Volts)

30.0 22.06 1.235294 1.261438

35.0 25.74 1.588235 1.627451

40.0 29.41 1.960784 2

45.0 33.09 2.313725 2.352941

50.0 36.76 2.666667 2.72549

60.0 44.12 3.392157 3.45098

70.0 51.47 4.098039 4.17429233

Slope 10.261 10.098

Intercept 9.371 9.285

r2
0.99997 0.99998  

Figure 1.  Example of data obtained from calibration of Honeywell gage pressure 
transducers. 
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Figure 2.  Example of graph obtained as a result of calibration of pressure 
transducer (data from figure 1).   
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Media preparation 

 

• Media for human anterior segment perfusions: 

Use DMEM (Dulbecco’s Modification of Eagle’s Media) 1x; with L-Glutamine, with 

4.5g/L Glucose, without Sodium Pyruvate.   

For one 500 ml DMEM bottle: 

– Aliquot 50 ml of DMEM and warm up to 37°C, 

– Add 125 mg of BSA (Bovine Serum Albumin) to the DMEM aliquot and 

wait until its dissolved.   

– Filter aliquot back into the 500 ml bottle using 0.22 µm Millipore GP 

syringe-driven sterile filter.  

– Add 5 ml of FBS (Fetal Bovine Serum). 

– Add 5ml of Penicillin/Streptomycin solution (10,000units/ml Penicillin; 

10mg/ml Streptomycin).  

 

• Media for porcine anterior segment perfusions: 

Use DMEM (Dulbecco’s Modified Eagle’s Media) 1x; with 1 g/L D-glucose; with 

L-glutamine; with 110 mg/L Sodium Pyruvate. 

To one 500 ml DMEM bottle, add:  

- 1.7 ml of Gentamycin (50 mg/mg), 

- 5 ml of FBS (Fetal Bovine Serum 
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- 5 ml of Antibiotic-Antimycotic solution (10,000 units/ml Penicillin; 25µg/ml 

Amphotericin-B; 10,000 µg/ml Streptomycin). 

 

Mounting of Anterior Segments 

 

- Following the micro-dissection, tissue is moved to a laminar flow cell culture 

hood.  All the perfusion supplies are previously gas-sterilized and only 

opened inside the hood.   

- Tissue is placed in a custom-made chamber designed to house the anterior 

segments.   

- A plastic ring is positioned over the corneoscleral envelope and four screws 

are used to attach it to the eye chamber, while restraining the anterior 

segments in place (Figure 3). 

 

Figure 3.  Custom-built chamber used to place anterior segments of human and 
porcine eyes.  A plastic ring sits on top of the anterior segment, holding it down 

(leak-proof) by means of four screws that directly attach to the perfusion 
chamber.  Two cannulae exiting at the center of the chamber can be observed; 
one of them is responsible for allowing perfusion of DMEM into the chamber, 

whereas the other one is connected in series to the pressure transducer allowing 
intra-chamber recordings.  
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- Perfusion DMEM is placed on a 37°C water bath for at least 30 minutes 

before the perfusion system is assembled.  

- A 20 ml plastic syringe connected in series to a three-way stopcock and a 

0.22 µm Millipore filter (to prevent air bubbles to get into the system), is used 

to fill up the tygon tubing going into the eye chamber using perfusion DMEM. 

- The rest of the tygon tubing is connected as indicated in the diagram below: 

tubing exiting the eye chamber goes into a 3-way stopcock that is connected 

to a 0.22 µm Millipore filter.  After the filter, another 3-way stopcock is placed, 

connecting to the tubing that goes to each one of the pressure transducers.  

Two 10 ml syringes are placed downstream of the eye chamber.  The first 

syringe is called the exchange syringe and the latter one is used for 

degassing the system.   

 

Figure 4.  Schematic showing the connections between the custom-made 
anterior segment chamber, the pressure transducers and the pulsatile and 

constant flow pumps.   
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- Make sure the eye chamber, pressure transducers and tygon tubing are free 

of air bubbles. 

- The exchange syringe will act as a collection reservoir during DMEM or 

fixative exchanges.  Fluid is perfused upstream from the eye, travels trough 

the chamber holding the anterior segment and is collected downstream by 

means of this reservoir.  This column also allows us to manually adjust the 

pressure in the system during exchanges or tissue fixation.   

- A second 10 ml syringe, located between the exchange syringe and the 

pressure transducers, is used to degas the system. 

- The perfusion system should be filled up with DMEM from the syringe pump 

to the exchange syringe, dPBS from the exchange to the degas syringe, and 

distilled water from the degas syringe to the pressure transducers. 

- Once the system is free of air bubbles, the eye chamber is placed in the 

incubator and the pressure transducers connected to the rest of the system. 

- Data is acquired every two minutes throughout the experiment using the 

Valitec StandAlone Data Acquisition System and downloaded and plotted into 

an Excel spreadsheet every day.    

- Central corneal thickness is measured daily until the introduction of cyclic 

pressure oscillations.  
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Refilling the Syringe Pump 

 

The 20 ml syringe used in the constant flow pump is refilled when needed 

and/or before starting the pulsatile experiment.  To refill this syringe, an extra 10 

ml syringe is connected to the stopcock immediate to the syringe pump.  The 

stopcock is closed to the perfusion system and DMEM is pushed into the syringe 

pump at an approximate rate of 5 ml/min.  After this, the exchange syringe 

located downstream from the eye chamber is opened to atmosphere and 

adjusted to generate a pressure of 10mmHg.  The stopcock located next to the 

syringe pump is reset to open position and media is pumped for about 3 minutes 

at a rate of 1 ml/min using the syringe pump.  All the stopcocks are reset to their 

initial positions and perfusion is restarted as normal.  

 

Introduction of Intraocular Pulse 

 

- After reaching a stable baseline, the pulsatile pump is connected to the rest of 

the system using the three-way valve located between the syringe pump and 

the eye chamber.   

- The tubing attached to the pulsatile blood pump (Harvard Apparatus) is filled 

using dPBS and a 0.22 µm Millipore syringe filter is placed between this pump 

and the anterior segment chamber.   
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- The system is left undisturbed until an outflow facility stable baseline is 

recovered. 

- Using the Harvard Apparatus real-time pressure transducer, amplitude and 

frequency of intraocular oscillations are monitored and adjusted.   

- Intraocular pressure oscillations are then introduced to the experimental eye 

approximating a peak-to-peak magnitude of 2.7 mmHg every second to 

simulate ocular pulse found in vivo, at the same time that mean intraocular 

pressure is kept constant by means of a column reservoir (Figure 5). 

- The paired control eye continues to receive a constant 2.5 µl/min inflow rate 

(without pressure oscillations). 

- The pressure is recorded using the Harvard Apparatus (real-time) pressure 

transducer, at a frequency of 100-500 Hz during the intraocular pulse period.  

- After a period of 6-8 hours, the pulsatile pump is turned off, removing 

intraocular pressure oscillations, and perfusion is restarted at a constant 

inflow rate. 
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Figure 5.  Representative experiment showing the introduction of cyclic pressure 
oscillations in a human anterior segment.  Pressure is recorded over time using 

the real-time Harvard Apparatus transducer and data is processed and displayed 
using AcqKnowledge software.  

 

 

 

Time line for introduction of intraocular pulse in experimental anterior segments 

Following the dissection and mounting of the tissue, the anterior segments are 

exposed to a constant flow rate until reaching a stable baseline in outflow facility.  

The pulsatile blood pump is connected to the system at this point, and the 

system is left undisturbed until baseline is recovered.  Cyclic pressure oscillations 

are introduced to the system for a period of 6 to 8 hours (Figure 6). 
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Figure 6.  Experimental design used for experimental anterior segment 
perfusions.   

 

Tissue Fixation 

 

Anterior segment tissues are fixed post-perfusion using a constant flow 

system that resembles the perfusion environment (one-way flow and intra-

chamber pressure are maintained). 

- Using the exchange syringe to maintain a 10 mmHg constant pressure, 

perfusion DMEM is exchanged for a 3% paraformaldehyde (PFA) solution 

in dPBS at an approximate rate of 1 ml/min. 

- Perfusion is restarted using the 3% PFA solution at 2.5 µl/min for one 

hour. 

- Anterior segments are removed from the eye chamber and placed on a 

Petri dish with the cornea facing downwards. 

- Using a scalpel blade, the anterior segments are divided in 4 quadrants 

and immersed in a 1% paraformaldehyde solution in dPBS. 

- Fixed tissue is stored at 4°C. 

Dissection Start 
pulse 

Pulsatile 
pump 

Perfusion Stop 
pulse 

0 hrs 6 hrs 54 hrs 65 hrs 72 hrs 

Establish stable baseline 
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Steel Eye Perfusion 

 

A steel eye is a fixed resistor used to test, characterize and optimize the 

perfusion system.  It consists of a stainless steel frame that holds a 0.05 µm 

polycarbonate VMTP Isopore membrane filter that sits perpendicular to the 

direction of flow.  The  resistance of this membrane is comparable to the 

trabecular outflow resistance found in perfused anterior segments.  Connections 

between the steel eye, tubing and pumps are kept as similar as possible to the 

ones used during anterior segment perfusions. After reaching a stable baseline 

on outflow facility, the pulsatile pump is connected to the perfusion system as 

described in the section above. The steel eye is then left undisturbed until the 

outflow facility baseline is recovered, at this time intraocular pressure oscillations 

are introduced to the system, using the same protocol that is used for in situ 

perfusions  (Figure 7).  
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Figure 7.  Outflow facility over time observed during a steel eye perfusion at a 

constant flow rate of 2.5 µl/min.  Panel shows the introduction of cyclic pressure 
oscillations at a magnitude and rate that approximates 2.7 mmHg/sec.  
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APPENDIX G:  MECHANICAL STRESS APPLIED TO CONVENTIONAL 

OUTFLOW TISSUES IN VIVO 

 

The effect of high intraocular pressure (IOP) has been frequently studied 

in association with Primary Open-Angle Glaucoma (POAG).  Even though IOP is 

normally referred to and studied as a static force; it is known that it varies 

continuously throughout the day.  In vivo studies by Coleman and Trokel1 

performed on a cannulated human eye have shown direct recordings of IOP in 

response to different daily activities (i.e. blinking, ocular pulse, and eye 

squeezing and movement).  In addition, changes in IOP have been reported to 

occur throughout the day (i.e. circadian rhythm) reaching the highest point during 

the night period2-4.  Even though the effect of static IOP has been widely studied; 

the effect of pressure variations has not been researched as much.  Little is 

known regarding the effect that these changes in IOP have on the trabecular 

outflow tissues.   

In 1996 Johnson showed that a minimal perfusion rate of 1µl/min is 

necessary for trabecular cell survival in organ culture perfusion5.  It has also 

been shown6 that resistance to aqueous humor outflow increases linearly with 

increased IOP and that human TM cells change F-actin reorganization in 

response to stretch7.  These results suggest that conventional outflow cells are 

capable of sensing and responding to mechanical stress, however the effect of a 
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cyclic long-term physiologically relevant stress has not been studied in these 

tissues.   

Current models for the study of POAG are limited8, 9, making it difficult to 

analyze the effects of mechanical stress in conventional outflow.  Up to date, 

most studies looking at conventional tissues are performed using one of the 

models described above (see Appendix E)10-12; however these models look at 

steady forces (i.e. constant flow, constant pressure), neglecting the variations in 

intraocular pressure described in vivo.  

In addition, biomechanical stress in the trabecular outflow tissues has 

been frequently studied using models in which cell monolayers are subjected to 

different magnitudes and frequencies of mechanical stretching7, 13, 14.  These 

studies do not address the effect of intraocular pressure or unidirectional flow 

observed in vivo across conventional outflow tissues.  For this reason, there is a 

need for a better model that allows the study of biomechanical stressors without 

neglecting fluid flow or intraocular pressure, therefore representing more 

accurately the in vivo micrenvironment of the conventional outflow tissues.  
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APPENDIX H:  MODIFIED ANTERIOR SEGMENT PERFUSION SYSTEM 

 

In order to introduce intra-chamber cyclic oscillations to perfused anterior 

segments, we altered one of the commonly studied perfusion models: the 

constant flow anterior segment perfusion model. 

This method was chosen for the following reasons:  

- Perfused tissue is exposed to normal ranges of IOP. 

- Unidirectional flow similar to the one observed in vivo is maintained across 

the outflow pathway. 

- Conventional outflow tissues are perfused above the minimum rate 

necessary (1.0 µl/min) for trabecular meshwork cell survival. 

- Trabecular outflow tissues remain undisturbed. 

- Long-term perfusion (up to 2 weeks) is possible, therefore long-term 

effects on outflow facility can be detected. 

 

The anterior segment perfusion model consists of a constant flow syringe 

pump that infuses DMEM at a constant rate of 2.5 µl/min through a set of tygon 

tubing.  This tubing is then connected to the eye chamber, and intra-chamber 

pressure is recorded using a pressure transducer.  This microsensor is 

connected to a data acquisition-logging unit that records and stores a pressure-
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dependent voltage.  Data is stored throughout the experiment and can only be 

accessed when the logging unit is turned off.   

To modify this system in order to simulate ocular pulse, a pulsatile blood 

pump was added to the system allowing us to introduce pressure variations 

without altering the flow rate.  The pulsatile blood pump was connected in parallel 

to the constant flow syringe pump, upstream from the eye chamber.  In addition, 

a real-time pressure transducer was placed downstream of the eye chamber.  

This pressure transducer allowed us to monitor and adjust the magnitude and 

frequency of intraocular pulsations during the introduction of the ocular pulse 

(Figure 1).   

 

Figure 1.  Modified anterior segment perfusion model.  Dashed lines represent 
the equipment added to the system to allow the introduction, regulation and 

recording of ocular pulse and associated IOP.     
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Arrangement of Pressure Transducers 

 

By means of a steel eye perfusion, three different setups were tested to 

determine the most accurate arrangement for the introduction and measurement 

of cyclic pressure oscillations.  This experiment was performed by changing the 

position of two different pressure transducers within the perfusion system, and 

comparing the recordings obtained.  The purpose of this experiment was to 

determine the setup that will be used for perfused anterior segments, in which 

both transducers record similar pressure readings in the presence of ocular 

pulse.  

A peak-to-peak pressure of 2.7 mmHg was introduced to a perfused steel 

eye using the pulsatile blood pump.  Magnitude of the pulse was determined 

using the Harvard Apparatus (PT1) pressure transducer.  Peak to peak (p-p) 

pressure was simultaneously recorded using the Honeywell (PT2) microsensor at 

20 samples/sec.  The p-p magnitude recorded from both pressure transducers in 

the presence of cyclic pressure oscillations was compared. The calibration 

curves were used to convert results obtained from voltage readings to pressure 

(mmHg) for each setup (Figure 2).   



 

171 

 

Figure 2.  Calibration curve (from PT2) used to calculate the linear relationship 
between pressure and voltage recordings.   

 

 

slope = m = (y2-y1)/(x2-x1) 

m = (4.119825667 - 1.250544667) / (51.47 – 22.06) 

m = 0.09756 

 

Setup 1  

In the first setup, pressure transducers were located in a parallel 

arrangement downstream from the steel eye (Figure 3).  
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Figure 3.  Schematic representation of the steel eye setup 1, used to determine 

variation in pressure readings between transducers. 
 

Maximum (3.27451 V) and minimum (3.01960 V) voltage readings were 

used to calculated corresponding pressures.   

Pmax = 42.81 mmHg 

Pmin = 40.19 mmHg 

p-p = 2.62 mmHg 

 

 

Setup 2  

In the second setup, pressure transducers were arranged in series 

downstream from the steel eye (Figure 4).  
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Figure 4.  Schematic representation of the steel eye setup 2, used to determine 
variation in pressure readings between transducers. 

 

Pmax = 41.80 mmHg 

Pmin = 39.79 mmHg 

p-p = 2.01 mmHg 

 

 

Setup 3 

In the third setup, PT1 was located upstream from the steel eye, whereas 

PT2 was located downstream (Figure 5).   
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Figure 5.  Schematic representation of the steel eye setup 3, used to determine 
variation in pressure readings between transducers. 

 

Pmax = 42.21 mmHg 

Pmin = 40.60 mmHg 

p-p = 1.61 mmHg 

 

Based on this analysis, we concluded that setup 1 is the most accurate 

arrangement and therefore will be used for tissue perfusions.  In this array, the 

readings obtained from both pressure transducers were very similar to each 

other.  

Modification of the Syringe Pump 

 

When analyzing the modified anterior segment perfusion system using a 

steel eye, cyclic variations in pressure were observed.  These oscillations varied 

in magnitude and frequency depending on the infusion rate and were dependent 
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on the position of the syringe within the pump.  Cyclic oscillations in pressure 

were found to be caused by the rotation of the leading screw driving the syringe 

pump (Figure 6). 

 

Figure 6.  Steel eye perfusion showing pressure oscillations over time observed 
as a result of rotation of the leading screw in the Harvard Apparatus syringe 

pump.  
 
 

Since the goal of this study was to investigate the effect of cyclic 

oscillations of a specific frequency and magnitude (determined by ocular pulse 

found in vivo), these random oscillations in pressure could affect the 

interpretation of the results and therefore, needed to be dampened.  Cyclic 

oscillations were found to be reduced by replacing the leading screw on the 
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Harvard Apparatus syringe pump for a shaft that contains 40 threads/inch instead 

of the original one containing 24 threads/inch (Figure 7). 

 

Figure 7.  Steel eye perfusion showing dampening of pressure oscillations over 
time after increasing the number of threads/inch in the leading screw of 

the Harvard Apparatus syringe pump. 
 

 

Additional Variables Tested in the Modified System 

 

In addition, during the development of the system, different techniques 

were tested in order to find the best method to introduce cyclic intraocular 

pressure oscillations without disturbing mean pressure and/or tissue viability.  

Some of these experiments, including varying pulse amplitude and frequency, 

are briefly described below: 
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a) Ramping intraocular pulsations.  This technique consisted in initially 

introducing smaller pulse amplitude and increasing it throughout the experiment.  

In brief, this technique resulted in a lot of noise introduced to the system, making 

it hard to determine early changes in outflow facility.  

b) Reducing pulse magnitude to ~1.5 mmHg.  Not enough anterior 

segments were perfused under these conditions and therefore, this data was not 

included in the manuscript included above.  However, we observed a trend that 

indicated that a reduction of intraocular pulse magnitude (from 2.7 to 1.5 mmHg) 

in porcine anterior segments does not change the direction of the response 

observed in outflow facility.  

c) Changing frequency of oscillations from 60 to 40 bpm.  This 

experiment was performed in one unpaired human anterior segment.  Even 

though it was only one experiment, a decrease in outflow facility could be 

observed.  

d) Staring pulsations since the beginning of perfusion.  This technique 

consisted in introducing the intraocular pulsations since the beginning of the 

perfusion, without waiting for a stable baseline.  This method made it impossible 

to determine the initial baseline in outflow facility, and since there is a lot of 

variability within tissue, it was hard to determine if the effects observed were due 

to the pulsations or if they were inherent of the tissue.    
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e) Introducing a second set of intraocular pressure pulsations after the 

anterior segments have reached a new baseline in outflow facility.  This 

experiment was performed in some of the porcine anterior segments and, even 

tough we do not have a sufficiently large sample, the anterior segments in which 

IOP pulsations were repeated showed a second decrease in outflow facility 

reaching a new, lower baseline. 

In addition to the anterior segments summarized in the manuscript in 

Appendix B (24 human eyes + 9 porcine eyes), approximately 78 additional 

human and 28 porcine anterior segments were used to test and develop the 

system.  These experiments helped determine the best protocol that allows the 

introduction of intraocular pulsations simulating the frequency and magnitude of 

the physiological ocular pulse found in vivo. 
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APPENDIX I:  RELATION OF INTRAOCULAR PRESSURE AND CENTRAL 

CORNEAL THICKNESS 

 

 Central corneal thickness (CCT) has been frequently used to 

measure viability during anterior segment perfusions1.  In brief, anterior 

segments that show a decrease in CCT with time of perfusion also showed an 

increase in trabecular meshwork cellularity; meaning that a greater decrease in 

CCT can be positively correlated with increased tissue viability during in anterior 

segment perfusions.  Even tough this technique can be used to determine 

viability during anterior segment perfusion; we need to be careful with the 

interpretation of the results after the introduction of intraocular pulsations.   

 During the anterior segments perfusions, CCT was measured 

periodically as an indicator of tissue viability.  A consistent decrease in CCT was 

observed after intraocular pressure oscillations were introduced to the system; 

this change in CCT appeared to correspond to changes in mean IOP.  For this 

reason, we decided to investigate the correlation between pressure and central 

corneal thickness. 

CCT has been used not only as a viability indicator of anterior segments in 

situ, but is also considered a risk factor for POAG and an important feature in 

determining IOP in vivo; however, to our knowledge a correlation between these 
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two factors had not been reported before the time at which these experiments 

were performed.   

 In order to determine the correlation between CCT and IOP, we 

mounted an anterior segment in the custom-made eye chamber used for 

perfusion and connected it to a column reservoir filled with Phosphate-Buffered 

Saline.  By means of the column reservoir, a know pressure was generated 

inside the anterior chamber and three consecutive readings were taken of CCT 

using a Tomey Handy Pachymeter (Figure 1).  To avoid measuring corneal 

swelling in response to high IOP, we raised the column and measured CCT as 

fast as possible.  This allows us to detect only short-term changes in CCT without 

detecting changes in corneal epithelium in response to water movement. 

 

 
Figure 1.  Schematic representation of the system used to determine the 

correlation between IOP and CCT.  Pressure was manually increased by means 
of a column of water directly connected to the anterior segment.   
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Interestingly, we found a negative correlation between IOP and CCT 

(Figure 2).  As IOP increases from 5 to 60 mmHg, a clear decrease in CCT was 

observed in 6 human and 2 porcine anterior segments.  

 

Figure 2.  Representative graph showing the relation between intraocular 
pressure and central corneal thickness in post-mortem human and porcine 

anterior segments.  
 

 

The relation observed between IOP and CCT using the method described 

above, suggests that changes in central corneal thickness can occur within 

seconds in response to elevated IOP.  The time frame associated with this 

response suggests a mechanical deformation (thinning) of the cornea in 

response to high IOP.  For this reason, in our studies, CCT was only used as a 
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viability indicator before the introduction of cyclic intraocular pressure oscillations 

to the anterior segments.  Since cyclic stress applied to the anterior segments 

results in significant changes in intra-chamber pressure, CCT measurements 

could be misleading as an indicator of cell viability under these circumstances.   
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APPENDIX J:  PERFUSION OF TRABECULAR MESHWORK 

MONOLAYERS GROWN ON FILTERS 

 
 

Perfusion of trabecular meshwork cell monolayers is a commonly used 

technique to study changes in hydraulic conductivity1, 2.  This system imitates the 

in vivo microenvironment to which the conventional outflow tissues are exposed.  

Intra-chamber pressure is regulated within normal levels and the unidirectional 

flow present in vivo is maintained.  The commonly used perfusion method 

consists of a constant pressure system.  This technique was modified to allow 

the introduction of cyclic pressure oscillations while maintaining a constant inflow 

rate.   

 

List of Supplies for Perfusion of TM Cell Monolayers 

 

• Snapwell Permeable Supports (0.4µm polycarbonate membranes) 

• Sterile Dulbecco’s Phosphate Buffered Saline (dPBS) 

• 20 ml Beckton and Dickinson sterile plastic syringe 

• 10 ml Beckton and Dickinson sterile plastic syringe 

• Tygon S-54-HL medical tubing (ID: 0.03”; OD: 0.09”) 

• Sterile three-way stopcocks 

• Male to male rotating Luer connectors 

• Sterile Intramedic Luer stub adapter (20 Gauge) 
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• Millipore Millex GP sterile syringe driven filter unit (0.22 µm pore, PES 

memebrane) 

 

Equipment Required for Perfusion of TM Cell Monolayers 

- World Precision Instruments CHM5 Ussing chamber system  

- Clamp support for Ussing chamber 

- Harvard Apparatus PHD 2000 Programmable Syringe Pump  

- Harvard Apparatus Pulsatile Blood Pump 

- Harvard Apparatus Research Grade Blood Pressure Transducer 

 

Data Acquisition Systems  

- Biopac MP100 Workstation Data Acquisition System 

 

Software Required for Perfusions of TM Cell Monolayers  

- AcqKnowledge Software 

- Microsoft Excel 

 

Media preparation 

 

Use DMEM (Dulbecco’s Modification of Eagle’s Media) powder; with L-

Glutamine, with 110mg/L Sodium Pyruvate; with pyridoxine hydrochloride; 
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without sodium bicarbonate.  Dissolve powder in 1 litter of dH2O, add 6 grams of 

HEPES to make a 25mM solution and adjust pH to 7.4.  

 

Mounting of Trabecular Meshwork Monolayers 

 

- Perfusion DMEM is placed on a 37°C water bath for at least 30 minutes 

before the perfusion system is assembled. 

- Polycarbonate filter is placed in the Ussing chamber, which is held in place 

using the clamp support.   

- The basal and apical compartments are filled up with HEPES-buffered DMEM 

using a 20 ml plastic syringe. 

- Pressure transducer, pulsatile pump and syringe pump are all connected at 

the apical side of the Ussing chamber by means of tygon tubing (Figure 1). 

 

 

Figure 1.  Schematic showing the arrangement of trabecular meshwork cell 
perfusions.   
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- Perfusion is started at 30 µl/min using the constant flow syringe pump and 

pressure is recorded at a frequency of 10 samples/sec.  

- After reaching a stable baseline, a mock or drug exchange was performed. 

 

DMEM Exchange 

 

To exchange the contents of the 20 ml syringe with treated DMEM, an 

extra 10 ml syringe is connected to the stopcock immediate to the syringe pump.  

The stopcock is closed to the perfusion system and old DMEM is exchanged for 

fresh medium.  After the syringe has been refilled, the stopcock is reset to 

perfusion settings and the apical side of the Ussing chamber is open to 

atmospheric pressure.  DMEM in the chamber is exchanged at an approximate 

rate of 5 ml/min.  Following the exchange the new DMEM is incubated for 10-15 

without restarting perfusion.  After the incubation period, all the stopcocks are 

reset to their initial positions and perfusion is restarted as normal.  

 

Introduction of Intraocular Pulse 

 

- After reaching a stable baseline, intra-chamber pressure oscillations are 

introduced to the system at a peak-to-peak magnitude of 2.7 mmHg for 2 

hours.  
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Following this 2-hour period, the pulsatile blood pump is turned off and filters are 

either removed from the system or continued to be perfused at a constant flow 

rate for 2 more hours. 
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APPENDIX K:  SUMMARY AND FUTURE DIRECTIONS 

 

 In summary, the work shown in this dissertation demonstrates for the first 

time that trabecular outflow tissues are capable of responding to a physiologically 

relevant biomechanical stressor, by changing outflow resistance.  In addition to 

an ocular pulse-associated decrease in outflow facility of anterior segments 

containing intact trabecular meshwork tissue, we have demonstrated that 

trabecular meshwork cell monolayers in vitro respond similarly to cyclic stress by 

decreasing hydraulic conductivity as a result of changes in contractility via the 

Rho-kinase associated pathway.  Thus, cellular responses to cyclic pressure 

oscillations are abolished in the presence of Y27632, a rho-kinase inhibitor 

(Figure 1).  The observed connection between biomechanical stress, trabecular 

meshwork cell contractility and outflow regulation suggests that ocular pulse is 

involved in establishing trabecular meshwork tone and a set-point for outflow 

resistance.  
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Figure 1. Proposed schematic showing the effects of cyclic biomechanical stress 

on trabecular meshwork (TM) via the Rho-kinase pathway.   
  

 The study of glaucoma has been strongly linked to the understanding of 

intraocular pressure regulation and conventional outflow resistance.  Previous 

research suggests that biomechanical forces play an important role in the 

pathophysiology of conventional outflow tissues, therefore affecting intraocular 

pressure.  For example elevated IOP is the main risk factor associated with 

POAG and has been shown to affect the morphology of the trabecular outflow 

tissues (i.e. density and size of giant vacuoles increase with IOP) and the 

conventional outflow resistance (lower outflow facility is observed at higher IOP). 

Even tough changes in intraocular pressure baseline have been studied in detail; 

the effect that rapid fluctuations in IOP have on outflow facility is not well 

understood.  Since IOP is not constant force, but instead changes drastically in 
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response to different activities (i.e. eye movement, sneezing, ocular pulse, 

circadian rhythm), studying the effect of these biomechanical stressors is 

necessary to gain a better understanding of how conventional outflow tissues 

regulate IOP.     

  

 There are 3 main factors that have been suggested to influence trabecular 

meshwork resistance:  cell contractility, cell-cell junctions and extracellular matrix 

(ECM) remodeling.  To date, there is little evidence directly linking these cellular 

responses to a physiological function.  The research presented in this thesis 

compiles all these factors: from intracellular signaling, to cell contractility, to 

changes in hydraulic conductivity and outflow facility.  However, more research 

needs to be done to understand the effect of cell-cell junctions, ECM remodeling 

and their interrelationship in response to cyclic oscillations in intraocular 

pressure.   

 

 In addition, we hypothesized that ocular pulse plays a role in setting 

trabecular meshwork resting tone, and variations of pulse amplitude may be used 

as an internal control to regulate IOP in vivo.  The modified anterior segment 

perfusion model described in this manuscript may ellucidate the role of 

contractility of conventional outflow tissues in situ.  Anterior segment perfusions 

in the presence of Y27632 can help characterize the effect of ocular pulse 

associated contractility in the intact conventional outflow pathway.  These studies 
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are needed to further test the hypothesis that ocular pulse in vivo is involved in 

setting a baseline level of trabecular meshwork tissue contractility.  We suggest 

that this contractile tissue state could be used as an IOP buffer.    

 

  

  Due to tissue viability, the effects of cyclic biomechanical stress on 

perfused anterior segments could only be studied for 8 - 10 hours at normal IOP 

levels.  However, it is important to understand how high IOP could affect the 

tissue responsiveness to different biomechanical stressors, and if tissue 

becomes insensitive overtime.  Further studies done under these conditions 

could render important information on how glaucomatous tissue behaves in 

response to biomechanical stressors.   

  

 In conclusion, the research presented in this dissertation impacts the 

current knowledge of IOP regulation by: 

1) Providing solid evidence that trabecular meshwork is an active tissue that 

responds to cyclic biomechanical stress by decreasing outflow facility and 

increasing tissue cellularity of perfused anterior segments. 

2) Establishing a direct relation between cyclic biomechanical stress and 

intracellular signaling in trabecular meshwork cell monolayers.   
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3) Identifying the Rho-kinase pathway as one of the mechanisms responsible 

for the regulation of trabecular meshwork contractility in response to cyclic 

biomechanical stimuli. 

4) Developing an improved method for the screening and testing of 

glaucoma medications, by introducing a physiologically relevant stressor 

(i.e. ocular pulse) to three different outflow models (human and porcine 

anterior segment perfusion and trabecular meshwork monolayer perfusion 

systems). 

 
 
 


