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ABSTRACT 

 

Phospholipid vesicles are biocompatible, and have potential for intracellular 

applications, but minimal membrane integrity limits their use in membrane-rich 

environments.  Stabilized membranes overcome this limitation while maintaining 

biocompatible surface structures.  Additionally, the modularity of phospholipid bilayer 

makes them ideal components when designing biologically inspired sensors.  Membrane 

composition can be tailored to specific applications, transmembrane proteins can provide 

added functionalities, and the isolated interior can prevent cytotoxic and interfering 

detection chemistries from altering the cellular environment.  This work has focused on 

expanding the capabilities of stabilized phospholipid membranes, and determining which 

formulations hold promise in developing stabilized phospholipid vesicle nanosensors. 

Current membrane stabilization methods suffer from either incomplete 

stabilization, or irreversible stabilization limiting the applications of vesicle nanosensors.  

Therefore, a facile method to prepare robust phospholipid vesicles using commonly 

available phospholipids stabilized via the formation of an interpenetrating, acid-labile, 

cross-linked polymer network that imparts controlled polymer destabilization and 

subsequent vesicle degradation was developed. Upon exposure to acidic conditions, the 

highly cross-linked polymer network was converted to linear polymers, substantially 

reducing vesicle stability upon exposure to chemical and physical insults.  The resultant 

transiently stabilized vesicles have potential for enhanced drug delivery and chemical 
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sensing applications requiring minimal membrane defects, and allow for improved 

physiological clearance. 

Some vesicle nanosensor schemes may require the passive diffusion of low 

molecular weight species across the membrane in addition to controllable degradation.  

Therefore, the acid-degradable, polymer-stabilized, phospholipid vesicle production 

method was extended to bis-SorbPC membranes by simultaneously polymerizing the 

vesicle with an acetal-containing cross-linker.  The vesicles display prolonged stability 

under physiological conditions, and significant additional stability compared to vesicles 

composed of naturally occurring phospholipids.  The vesicles demonstrated potential 

utility for sensing and therapeutic applications. 

Phospholipid vesicles can also serve as labels to observe movement in 

macromolecular biological assemblies, but a dearth of caged fluorescent labels limits 

design and function.  Therefore, the first caged fluorescent thiol was synthesized, shown 

to label amines rapidly, and demonstrated the required photolytic properties.  The caged 

fluorescent thiol has potential as a label in observing the movement of macromolecular 

biological assemblies and as a fluorescent probe for observing endosomal trafficking and 

release. 
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1. CHAPTER 1:  INTRODUCTION TO THE DEVELOPMENT OF 

INTRACELLULAR PHOSPHOLIPID VESICLE NANOSENSORS 

 

1.1 INTRACELLULAR NANOSENSORS 

The past several decades have brought tremendous technological and 

methodological advances in the analysis of biological function.  The ability to analyze 

single cells, and specific populations of molecules within them, has provided 

unprecedented levels of new information that have facilitated the elucidation of signal 

transduction pathways in both normal and disease states.  Understanding these processes 

at the single cell level is important due to heterogeneity of cell types and functionalities 

present in living tissues.  Therefore, analyte-specific techniques and sensors have been 

developed to probe tissues and single cells with improved specificity and precision.  

Among these advances include:  microelectrochemistry;1 fiber optic sensors;2 fluorescent 

indicator dyes and indicator proteins;3;4 and capillary zone electrophoresis (CZE).5  

Microelectrodes and fiber optic sensors function well in tissues, and detect a single 

analyte at the tip of the sensor requiring multiple sensors to observe multiple analytes or 

spatial variations. However, multiple sensors cannot be used in single cells due to 

significant displacement of the cell volume.1;6;7  Analyte-sensitive fluorescent dyes and 

proteins eliminate the problem of sensor volume, and have yielded extensive data on a 

number of intracellular signaling pathways to study gases, ions, and small molecules.  

However, fluorescent indicator dyes and proteins have significant limitations including 

toxicity, chemical instability, and perturbation of the system.8  Further, not all analytes 
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are accessible using available indicators, and more invasive techniques such as CE 

require the destruction or removal of sample from the cellular environment.  As a result, 

current techniques do not accurately quantitate the concentration dynamics of important 

proteins and small molecules with subcellular resolution leaving significant gaps in our 

understanding.  Therefore, biocompatible, nanometer-sized sensors, or nanosensors, that 

protect an adjustable, fluorescent sensing chemistry from fouling are required.  

Nanosensors are small enough that multiple sensors do not significantly alter the cell 

volume while providing sufficient signal to collect spatial information.  One limitation to 

sensors that bind or modify an analyte is perturbation of the system since a reduction in 

the concentration of free analyte can alter the response of a biological system.  Current 

nanosensors include quantum dots, PEBBLEs, lipobeads, and phospholipid vesicles, and 

provide modular platforms for encapsulated, chemically-linked, or associated sensing 

chemistries.8-12 

 

1.1.1 Quantum dots 

Quantum dots (QDs) are luminescent, semiconducting materials that typically 

employ a core/shell structure, and have found increasing applications in biological 

systems during the last decade.13-16  QDs can be constructed from a range of materials 

including CdSe, CdTe, CdS, ZnSe, PbSe, InP, CdSe/CdS, CdTe/CdS, CdTe/CdSe, 

ZnSe/ZnS, and InP/ZnS, and the specific luminescent properties tuned through the choice 

of materials and the thickness of core and shell.14-19  QDs have several advantageous 

properties that have spurred research in other areas of chemistry where they may supplant 
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currently available fluorescent indicator dyes.  QD properties include high quantum yield, 

high photostability, a wide excitation range, and narrow emission bands that are tunable 

over the near-infrared, visible, and ultraviolet regions of the electromagnetic spectrum.17  

The use of a core/shell structure, which produces these properties, also prevents QDs 

from functioning as effective sensors.19  This has led primarily to the use of QDs as labels 

for tracking biological events, but they are increasingly being used as sensors.13-18;20;21  

Those instances where QDs have been converted into sensors employ the QD as the 

donor in a fluorescence resonance energy transfer (FRET) probe by (a) colocalizing an 

analyte sensing dye, or (b) modifying the QD surface.22-24 

Colocalization of QDs with an analyte sensing dye can be achieved through 

incorporation into a phospholipid membrane.17;18;22  QDs are naturally hydrophobic, thus, 

the surface is usually passivated with a polymer coating followed by a protein layer to 

improve solubility for biological applications.24  Unfortunately, the protein layer may 

increase particle aggregation, association with other proteins, and interference with 

cellular processes.  Coatings also add an exterior layer that may reduce FRET between 

QDs and other colocalized dyes, but heterobifunctional surface modifications have 

potential for sensor development.  Association with a lipid membrane eliminates the need 

for surface modifications because the lipids solublize the QDs while minimizing 

interaction between the QD and cytosol.  QDs have been incorporated into the 

hydrophobic region of a phospholipid bilayer by adding them to an organic solution of 

DOPC, removing the organic solvent, resuspending the mixture in aqueous solution, 

sonicating to produce unilamellar vesicles, and passing the vesicle solution through 
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several cycles of freeze/thaw.  A significant amount of FRET occurred between the QDs 

and several hydrophobic dyes, including the voltage-sensitive dye ANEPPS (Figure 1-

1).22  When the K+ ionophore valinomycin was also incorporated into the bilayer, the 

system responded to changes in [K+].  When a low [K+] was encapsulated in the vesicle, 

the emission intensity of the voltage sensitive dye decreased and red-shifted.  While this 

system was not initially designed to function as a sensor and, consequently, was not fully 

characterized, the final product is analytically useful with potential to tune the dynamic 

range by controlling the amount of encapsulated K+. 

 

Figure 1-1:  Sensing mechanism of K+-sensitive QD FRET probe.  Based on Kloepfer et al.22 

Surface modification can also produce QD FRET probes such as that constructed 

by Freeman et al. (Figure 1-2).24  The surface of a CdSe/ZnS QD was first coated with 

bovine serum albumin (BSA) and then covalently modified with Nile Blue, a redox active 

molecule that responds to NAD(P)H and functioned as a quencher.  Nile Blue is initially 

present in its oxidized form, composed of an extended conjugated ring system capable of 
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effectively quenching the QD.  Upon reduction by NAD(P)H, the conjugated ring system 

is broken into two isolated conjugated systems.  The structural change alters the 

absorbance spectrum of Nile Blue, and eliminates the possibility of FRET resulting in up 

to a 3-fold increase in QD emission.  The sensors demonstrated a response to NAD(P)H 

regardless of the source, be it direct addition, enzymatic generation in vitro, or production 

inside a living cell.  While QD sensors have significant advantages due to their 

luminescent properties, the primary function of QDs in biological systems is likely to 

remain as labels due to the capping layers and poor water solubility. 
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Figure 1-2:  Sensing mechanism of NAD(P)H-sensitive QD FRET probe.  Based on Freeman et al.24 

 

1.1.2 PEBBLEs 

Probes encapsulated by biologically localized embedding (PEBBLEs) were 

originally developed by Kopelman and coworkers in the late 1990’s, and were one of the 

first successful nanoparticle-based sensing platforms developed for intracellular 

studies.8;25  PEBBLEs are constructed by encapsulating a sensing chemistry within a 
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porous polymeric particle with mean diameters ranging from 30-500 nm.6;26-28 The 

volume of particles in this size range is small enough that hundreds to thousands of 

particles inserted in a single cell will not displace a significant portion of the intracellular 

volume.6  All PEBBLE sensors function through passive analyte diffusion into the 

polymer particle, resulting in an observable response upon interaction with the sensing 

chemistry.  The major advantage to this approach is the ability to vary the materials 

comprising both the polymer particle and the sensing chemistry thereby preventing 

leakage, a potential problem, and preserving functionality.6;28  PEBBLEs have been 

prepared using materials such as poly(acrylamide), poly(vinyl chloride), 

poly(decylmethacrylate), organically modified silica sol-gels, and gold colloids while the 

sensing chemistries have included analyte-sensing dyes, ionophores, and enzymes.  From 

these components PEBBLE sensors have been constructed for low molecular weight 

biological analytes including pH, Na+, K+, Ca2+, Mg2+, Fe3+, Zn2+, Cl-, O2, NO, glucose, 

and reactive oxygen species such as ●OH, ●O2
-, H2O2, and ●ONOO.10;11;25-35 

PEBBLEs are typically constructed by one of two methods.  The first method, 

polymerization of a microemulsion, is used for all poly(acrylamide)-, poly(vinyl 

chloride)-, and poly(decylmethacrylate)-based particles.6  In the case of the K+ PEBBLE, 

poly(decylmethacrylate) particles were formed by radical polymerization of 

decylmethacrylate and hexanediol dimethacrylate in the presence of dioctyl sebacate.26  

Subsequent suspension in THF swelled the polymer lattice, and removed the dioctyl 

sebacate.  ETH 5350 (pH chromoionophore), BME-44 (K+ ionophore), and KTFPB 

(hydrophobic ionic strength adjuster) were added, and the PEBBLEs washed with buffer 
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collapsing the polymer lattice and entrapping the sensing chemistry.  In this 

configuration, the binding of K+ to BME-44 releases a proton, thereby increasing the 

local activity of H+, which binds to ETH 5350 altering the fluorescence emission 

intensity ratio (F700 nm/F600 nm) (Figure 1-3).  Additionally, the dynamic range of the K+ 

PEBBLE was tunable over more than an order of magnitude by changing the ratio of 

cross-linker to linear polymer, and the sensor displayed nearly identical selectivity for K+ 

versus Na+ when compared to fiber optic probes and microelectrodes containing BME-

44.  In operation, the sensors were fully reversible with response times of less than 1 sec, 

and were successfully delivered into rat C6 glioma cells where they reported an increase 

in K+ upon opening of the K+ ion channels with kainic acid. 

 

Figure 1-3:  Sensing mechanism of K+-sensitive PEBBLE.  Based on Brasuel et al.26 

In the glucose-sensing PEBBLE, glucose oxidase was encapsulated in a 

poly(acrylamide) particle using the microemulsion technique along with a luminescent 

oxygen-sensing Ru-complex and a nonresponsive fluorescent dextran as a reference 

(Figure 1-4).35  Glucose and oxygen then diffuse into the particle, and are converted into 
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gluconolactone and H2O2 by glucose oxidase.  The decrease in local oxygen 

concentration increased luminescence from the Ru-complex due to reduced collisional 

quenching.  The average particle size was 45 nm, and the sensors displayed a linear 

response between 0.3 and 5 mM glucose.  This range encompasses the basal 

concentrations of glucose observed within many cell types, but does not extend across the 

concentrations experienced by some cell types of particular interest in the study of 

glucose dynamics, including pancreatic β-cells.7;36;37  The encapsulating polymer 

structure prevented the sensing chemistry from fouling when exposed to BSA, and the 

sensor was fully reversible, but displayed response times in excess of 100 sec.  Extended 

response time is due to the kinetic properties of glucose oxidase, and prevents the sensor 

from observing significant features of cellular glucose dynamics severely limiting sensor 

effectiveness.7;38  Therefore, enzymatic properties are crucial in future sensor 

development.  Additionally, PEBBLE nanosensor utility will be limited by the molecular 

weight of the analyte and detection of larger molecules on physiologically relevant 

timescales will prove difficult since the polymer structure that encapsulates the sensing 

chemistry and prevents leaching also inhibits analyte diffusion and access to the sensing 

chemistry.  
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Figure 1-4:  Sensing mechanism of PEBBLE glucose sensor.  Based on Xu et al.35 

 

1.1.3 Lipobeads 

Lipobeads, an alternate particle-based sensor, were developed to utilize the 

biocompatibility of phospholipid membranes, and overcome the fragility of phospholipid 

vesicles.  Lipobeads are constructed from a spherical polymeric particle approximately 

one micron in diameter, a phospholipid membrane outer coating, and sensing chemistry 

associated with the membrane.39;40  The polymeric particles used thus far have been 

composed of polystyrene, silica, polyacrylamide, and polyvinyl alcohol.39-45  

Phospholipid membrane coatings increase sensor biocompatibility and can be loosely 

associated with the particle, e.g. polystyrene particles, or covalently linked to the 

supporting particle, e.g. carboxylic acid-functionalized silica particles.  One advantage of 

preformed polymeric particles is that sensor size is controlled by using particles with the 

desired dimensions, and while most lipobeads have had diameters larger than one micron, 

submicron diameter lipobeads have been constructed.46  This architecture has been used 

to produce sensors for pH, O2, chloride, urea, and phospholipase.40;46-49  Additionally, 

transmembrane proteins have been reconstituted in lipobeads suggesting that lipobead 
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sensors could be constructed for biological analytes not currently detectable by other 

particle-based sensing platforms, but to date no transmembrane protein-containing 

lipobead sensor has been developed.44 

Particle-associated phospholipid membranes and hydrophobic sensing chemistries 

are deposited using organic solvents or oil-in-water emulsions followed by solvent 

removal and rehydration in aqueous buffer.48  For example, the sensing components in 

the chloride sensor were added during emulsion formation to allow thorough mixing with 

the lipid components, and upon rehydration, partitioned into the hydrophobic region of 

the phospholipid bilayer.46  The sensing chemistry consisted of a chloride-specific 

ionophore that increased interaction between the ions and a halide-sensitive fluorescent 

dye, lucigenin, thereby decreasing the fluorescence intensity through collisional 

quenching (Figure 1-5).  Initially, the sensors were ineffective since lucigenin was too 

hydrophilic and leaked from the membrane at an unacceptable rate.  Therefore, 

hexadecanesulfonate was electrostatically associated with lucigenin to increase dye 

hydrophobicity by neutralizing the total charge and adding long alkyl chains.  The 

phospholipid bilayer then retained the sensing chemistry and provided sufficient mobility 

for the components to interact by diffusing through the sterically restrictive hydrophobic 

region.  The phospholipid membrane should also improve biocompatibility by masking 

the cytotoxic properties of both the sensing chemistry and the polystyrene particle. 
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Figure 1-5:  Sensing mechanism of lipobead Cl- sensor.  Based on Ma et al.46 

Alternatively, the phospholipid membrane can be covalently linked to the 

underlying particle via amide bonds.49  Carboxylic acid-functionalized silica particles 

were activated with dicyclohexylcarbodiimide (DCC) and N-hydroxysuccinimide (NHS), 

and then reacted with 1-palmitoyllysophosphatidyl-ethanolamine (PLPE) producing a 

covalently attached monolayer of phospholipids on the exterior of the particle (Figure 1-

6).  The secondary alcohol on the PLPE was modified with sebacoyl chloride, and the 

unreacted acid chlorides converted into carboxylic acids.  A second round of carboxylic 

acid activation with DCC and NHS was performed and the product labeled with a 
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mixture of urease and fluorescein-5-thiosemicarbazide forming a urea sensor.  When 

exposed to urea, the urease converted urea into carbon dioxide and ammonia increasing 

the pH of the surrounding solution and the fluorescence intensity from fluorescein.  No 

second phospholipid layer was added to the lipobeads to provide the analyte access to the 

sensing chemistry leaving the phospholipid tails exposed to the surrounding solution.  

The effect on sensor function in buffer appears to be minimal, but the resulting 

interactions in a cellular environment are likely to be significant.  The exposed 

hydrophobic surface may interact with or disrupt cellular membranes, and proteases 

could degrade the urease.  Encapsulation, as in PEBBLEs, would prevent degradation, 

but is not feasible because the particles were formed prior to sensor construction, and the 

lipid monolayer would inhibit sensing.  The phospholipid monolayer primarily serves as 

a platform for the covalent attachment of the sensing chemistry, but would be unstable in 

the absence of the underlying silica particle, an important limitation.  While lipobeads 

have demonstrated promise, their significant size, occluded interior, and in some cases, 

exposed sensing chemistry makes the lipobead architecture nonideal for some biological 

sensing applications. 
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Figure 1-6:  Sensing mechanism of lipobead urea sensor.  Based on Ma et al.49 

 

1.1.4 Stabilized phospholipid vesicle nanosensor 

The most successful sensors described above encapsulate the sensing chemistry in 

a polymer network through which low molecular weight analytes diffuse.25;26  By 

isolating the sensing chemistry from the cell, otherwise cytotoxic chemistries can be used 

with great effect.  Unfortunately, dense polymer networks prevent the detection of high 

molecular weight analytes and may limit sensor response times due to reduced diffusion 

rates.  Therefore, the development nanometer-sized implantable sensors capable of 

monitoring dynamic chemical processes in a single cell requires novel sensor 

architectures that are stable to the cellular environment, chemically inert, and capable of 

rapidly detecting both low and high molecular weight analytes. 

 Many biological analytes that lack adequate in situ and in vivo detection methods 

present an analytical challenge since they are electrochemically or optically inactive 

while others are present at low concentrations that make direct detection unfeasible (e.g. 
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glucose, inositol phosphates, and many proteins).  However, all biological molecules 

perform a function and interact with specific molecules including proteins, nucleic acids, 

sugars, or lipids to perform the processes that sustain life.  Thus, biomolecular 

interactions can be utilized to convert the physical presence of a molecule into a 

measurable signal.  For instance, when glucose oxidase metabolizes glucose, oxygen is 

consumed and hydrogen peroxide is produced in stoichiometric ratios.35  Both chemical 

species can be readily detected using fluorometric assays that yield sensitive, real time 

data on the quantity of glucose consumed.29;50  However, not all analytes have a 

compatible, soluble enzyme that facilitates a measurable response.  Analyte concentration 

changes in biological systems are often very small, e.g. signaling molecules that act on 

transmembrane proteins such as ligand gated ion channels or molecular transporters 

(IC’s).  IC’s bind specific signaling molecule(s), and exist in either an on or off state, 

such that small signaling molecule concentration changes lead to significant changes in 

biological function.  However, these properties also make IC’s potential sensing 

mechanisms for biological signals.  Since IC’s are transmembrane proteins, and function 

by establishing or eliminating a chemical gradient, the sensor architecture must stabilize 

functional IC’s and provide a barrier across which chemical gradients can be generated.  

Phospholipid bilayers satisfy these conditions, and are biocompatible, a significant 

advantage in the cellular environment, but require stabilization to prevent inactivation.   

Therefore, a sensor platform could be constructed from four key components:  a 

stabilized phospholipid bilayer, a membrane bound IC, an encapsulated sensing 

mechanism composed of enzymes and/or fluorescent indicator dyes, and a localization 
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element.  Figure 1-7 presents a schematic of such a sensing platform where the bilayer 

consists of stabilized phospholipids. 

 

Figure 1-7:  IC-based vesicle nanosensor.  The IC interacts with the target analyte resulting in a change in 
flux of a transported analyte across the phospholipid membrane.  Once inside the vesicle, the transported 
analyte interacts with the encapsulated sensing chemistry composed of enzymes and dye-labeled dextrans 
yielding an optical response. 

Stabilized lipids are a particularly attractive supporting material since they prevent fusion 

with cellular membranes, allow IC’s to exist in a native conformation, and are 

biologically inert reducing sensor fouling and alteration of the cellular environment.51-56  

The sensing element, or IC, can be altered to tune the sensor response, and select a 

specific ligand.57  When the ligand of interest is present, the transport of ions or small 
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molecules across the stabilized lipid membrane will be altered, thereby changing the 

concentration inside the sensor.  Further interaction with an encapsulated enzyme or 

fluorescent indicator dye will elicit a measurable response.9;58  Due to the barrier of the 

phospholipid bilayer, the indicator chemistry is restricted to the interior of the sensor, 

enabling the use indicator chemistries that are cytotoxic, alter cellular function, or are 

fouled or degraded by cellular components.  The indicator can also be loaded into the 

sensor at concentrations that would not be possible inside the cell, and should allow for 

increased sensitivity, creating the possibility of detecting single molecules.  The 

localization element allows the sensor to target specific cellular regions, critical for a 

complete understanding of intracellular signaling processes.   

An alternate sensor platform could be constructed from three key components:  a 

porous stabilized phospholipid bilayer, an encapsulated sensing mechanism composed of 

enzymes and/or fluorescent indicator dyes, and a localization element. Figure 1-8 

presents a schematic of a sensing platform where the stabilized lipid bilayer functions as 

a size exclusion membrane allowing low molecular weight analytes access to the 

encapsulated sensing chemistry while excluding high molecular weight species that could 

degrade or interfere with enzymatic function and the fluorescent signal.  Successful 

construction of stabilized phospholipid vesicle-based sensors using the two schemes 

described above could provide the sensitivity and specificity needed to probe analytes 

that lack adequate electrochemical, photophysical, or biochemical properties for detection 

by other methods. 
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Figure 1-8:  MWCO membrane-based vesicle nanosensor.  The porous phospholipid membrane allows 
analytes below a given MWCO to diffuse passively to the vesicle interior where it can interact with the 
encapsulated sensing chemistry composed of enzymes and dye-labeled dextrans yielding an optical 
response. 

 

1.2 PHOSPHOLIPID VESICLES 

Lipids are a structurally diverse set of molecules, and are a major component of 

biological membranes.  Biological membranes perform many functions including but not 

limited to separating distinct cellular regions, supporting transmembrane proteins and the 

cytoskeleton, and regulating biological processes.  Membrane composition is variable 

depending upon cell type and the required functions.  Glycerophospholipids are the 

predominant lipid structure in eukaryotic and prokaryotic membranes with the exception 

of archaebacteria.59  Glycerophospholipids are further subdivided according to the bond 
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between the lipid tails and glycerol backbone with ester-linked lipids, known as 1,2-

diacylglycerophospholipids, being the most common.  Comprehensive reviews of lipid 

structure and function already exist, therefore, only the relevant lipid properties will be 

discussed in this work.59-64 

 

1.2.1 Diacylglycerophospholipid structure and properties 

A plethora of diacylglycerophospholipids exist in nature and a wide array are 

available commercially, though all contain a basic structural motif consisting of a 

glycerol backbone, two ester/acyl-linked fatty acid tails connected to the glycerol at the 

sn-1 and sn-2 hydroxyl groups (sn = stereospecific numbering), and a hydrophilic head 

group attached to the sn-3 hydroxyl through a phosphate group (Figure 1-9).59;61 

 

Figure 1-9:  Structure of diacylglycerophospholipids.  Two ester-linked fatty acids are attached to the sn-1 
and sn-2 positions on the glycerol backbone, and a hydrophilic, phosphate-containing headgroup is attached 
at the sn-3 position. 

The precise chemical composition of the tail groups and the head group is highly 

variable, giving rise to the broad range of diacylglycerophospholipids, and the ability to 
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select lipids for specific purposes.  In nature, the length of the hydrocarbon chain as well 

as the degree and orientation of unsaturation in the fatty acid tails varies, though the basic 

structure of a long, α-carboxylic acid containing an even number of carbons between 16 

and 20 is generally maintained (Figure 1-10).   

 

Figure 1-10:  Tail group structure and nomenclature.  Diacylglycerophospholipid tails are composed of 
long chain fatty acids that vary in length and degree of unsaturation.  The tail structure are abbreviated 
following the format N:Mxy. These values represent the number of carbon atoms (n), the number of double 
bonds (m), and the position (x) and stereochemistry of the double bonds (y = t for trans and nothing for 
cis).  Common chemical names are also frequently used and are listed for the given structures. 

However, synthetic glycerophospholipids have the potential to incorporate a wider range 

of hydrophobic moieties including dyes, branched hydrocarbon chains, and 

polymerizable monomers.65  The head group offers even more variability with naturally 

occurring head groups such as phosphatidyl ethanolamine (PE), serine (PS), glycerol 

(PG), inositol (PI), choline (PC), and phosphatidic acid (PA), of which all but PC can be 
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modified by both natural and synthetic means (Figure 1-11).59;61  Head group 

modifications are numerous and will be discussed later. 

 

Figure 1-11:  Naturally occurring phospholipid headgroup structures.  Phosphatidylethanolamine (PE), 
phosphatidylserine (PS), phosphatidylglycerol (PG), phosphatidylinositol (PI), phosphatidylcholine (PC), 
and phosphatidic acid (PA) are six of the most common phospholipid headgroups found in biological 
systems. 

 



 

 

46

1.2.2 Lipid mesophases 

Diacylglycerophospholipids are amphiphilic molecules, and contain regions that 

are hydrophilic and regions that are hydrophobic, a property that enables them to 

spontaneously form macromolecular assemblies or mesophases.59;62;64  Mesophases self-

assemble to minimize the free energy of the system, and water is excluded from between 

the hydrophobic lipid tails, a thermodynamically favorable entropy driven process known 

as the hydrophobic effect.  As a result, the tails pack together while the polar head groups 

form a solvated interface with the surrounding solution.  Mesophase formation only 

occurs above a specific concentration referred to as the critical micellar concentration 

(CMC).  Typical CMC values for diacylglycerophospholipids range from 10-8-10-9 M 

meaning that mesophase formation is usually preferred.59;66  Lipid tail chain length and 

shape determine the free energy in the system, and consequently, the types of favorable 

interactions between the lipid and aqueous environments.  Lipid/water interactions along 

with temperature, pressure, concentration, and solvent composition then determine which 

mesophase will be adopted.59;62;64  The shape that amphiphilic molecules assume is 

dependent upon the chemical structure and size of the hydrophilic and hydrophobic 

groups in the molecule, and influences lipid/water interactions.  If the hydrophobic 

moiety is significantly smaller than the hydrophilic moiety, then the molecule adopts an 

inverted cone shape, and will tend to form highly curved assemblies with the hydrophilic 

region on the exterior, also known as micelles (Figure 1-12). 
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Figure 1-12:  Phospholipid geometry and mesophase structures.  Phospholipids can be represented by 
geometric shapes depending upon the relative sizes of the hydrophobic and hydrophilic moieties (A).  
Lipids with larger hydrophilic regions can be represented by an inverted cone.  Lipids with hydrophobic 
and hydrophilic regions of the same size can be represented by a cylinder.  Lipids with larger hydrophobic 
regions can be represented by a cone.  Phospholipids can assume micellar (B), lamellar (C), hexagonal (D), 
cubic (E), and inverted hexagonal (F) structures depending on the lipid’s physical properties and the degree 
of hydration.  Based on Lewis and McElhaney in “The Mesomorphic Phase Behavior of Lipid Biolayers.”64 

If the two regions are roughly the same size forming a cylinder, then lamellar structures 

will dominate, and if the hydrophobic region is larger than the hydrophilic region, then 

more complex structures can be formed including hexagonal rods, cubic phase, and 

inverted hexagonal rods.  Lamellar structures are the most common, and consist of two 

layers, or leaflets, of lipids arranged such that the hydrophobic tails face one another, and 

the hydrophilic head groups are solvated.  Spherical lamellar structures are called vesicles 

or liposomes. 
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1.2.3 Lipid subphases and transitions 

In addition to mesophases, lipid bilayers can adopt different conformations or 

subphases which vary in packing density and order of the lipid tails.59;62;64  Temperature, 

pressure, water content, ionic strength, and tail structure all influence conformational 

changes in the lipid bilayer.  However, temperature is most commonly associated with 

this phenomenon since it is easiest to control when studying the thermodynamic 

properties of lipid systems.  As the temperature of lipid bilayers increases, they pass from 

a pseudo-crystalline or subgel phase (Lc′) to a lamellar gel phase (Lβ′) to a rippled 

lamellar phase (Pβ′) and, finally, to a fluid lamellar phase (Lα) (Figure 1-13).  In the Lc′ 

phase, lipids are slightly tilted from the bilayer normal, the tails are fully extended and 

closely packed in a fixed hexagonal arrangement preventing rotation, and the headgroups 

adopt a restricted, poorly solvated, staggered, zigzag pattern.  Transition to the Lβ′ phase 

aligns the headgroups while tilting the lipids further from normal and allows the lipids to 

rotate slowly along the lengthwise axis.  Lipids in the Pβ′ phase remain tilted, and are 

characterized by small shifts in headgroup alignment, hence the name ripple phase.  

Rotation about the lengthwise axis increases making the lipids rotationally symmetric.  

Upon entering the Lα phase, the tails adopt significantly more gauche conformers 

increasing the surface area occupied by a single lipid and forming a loose hexagonal 

packing between the lipids.  The lipids return to normal with respect to the bilayer 

surface, and the headgroups are increasingly solvated, enabling water to interact with the 

acyl bonds.  The Lα phase is also characterized by an increase in lateral diffusion of two 

orders of magnitude to 10-11-10-12 m2sec-1.59;64  The temperature at which a bilayer enters 
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the Lα conformation is referred to as the main phase transition or melting temperature, 

Tm.  Main phase transition values and transition enthalpy vary greatly, between -20 to -

70°C and 1-12 kcal/mol respectively, depending upon lipid tail structure.62-64  Biological 

membranes have variable compositions and contain proteins and other lipids, e.g. 

cholesterol, so the experimental application of thermodynamic values is unknown.  

Biological membranes typically reside in the Lα phase, but lipid rafts in the Lβ′ phase are 

thought to be required for some biological processes and membrane trafficking.59;64 

 

Figure 1-13:  Phospholipid lamellar subphase structures.  As the temperature of phospholipid bilayers 
increases, they transition from the pseudocrystalline phase (Lc′) to the gel phase (Lβ′) to the ripple phase 
(Pβ′) to the fluid phase (Lα).  Top down views of the lipid tail packing are shown on the right.  Based on 
Lewis and McElhaney in “The Mesomorphic Phase Behavior of Lipid Biolayers.”64 

 

Subphase Name Bilayer Structure
Chain 

Packing

Fluid
Lα

Ripple
Pβ′

Gel
Lβ′

Pseudocrystalline
Lc′

Subphase Name Bilayer Structure
Chain 

Packing

Fluid
Lα

Ripple
Pβ′

Gel
Lβ′

Pseudocrystalline
Lc′



 

 

50

1.2.4 Vesicles 

Liposomes and vesicles, terms used interchangeably in this work, are spherical 

lamellar lipid assemblies that enclose a chemically-isolated aqueous interior.60  Chemical 

gradients between the interior and exterior solutions form the basis of many chemical 

processes and interactions as observed in eukaryotic cells.57  To better understand 

biological membrane function, liposomes have been used to model cell membranes, study 

biologically active transmembrane proteins, develop nanosensors, and more.9;51;57;59;60  

Vesicles contain one lipid bilayer (unilamellar) or multiple bilayers (multilamellar), one 

inside another (Figure 1-14).  Multilamellar vesicles (MV) are formed upon the 

rehydration of a dried lipid film, and range in size from 0.1 to 15 µm.  Unilamellar 

vesicles are most commonly made by sonicating or extruding aqueous MV solutions.  

Sonication produces small unilamellar vesicles (SUVs), d ≤ 50 nm, but vesicles smaller 

than 20 nm are often unstable and fuse easily due to the small radius of curvature which 

increases tail group/water interactions.  Extrusion consists of passing a MV solution 

above the Tm through a porous membrane with a defined pore size, and forms large 

unilamellar vesicles (LUVs), 100 nm ≤ mean diameter (d) ≤ 500 nm, with a relatively 

narrow size distribution, d ± 25%.67  Larger vesicles, called giant unilamellar vesicles 

(GUV’s), are produced by several methods, and range in size from 2 to several hundred 

microns in diameter.60;68  LUVs are of particular interest since they possess the potential 

for conversion into nanometer scale sensors through functionalization, the addition of 

appropriately responsive components. 
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Figure 1-14:  Phospholipid vesicle structures.  Multilamellar vesicles (MV) have a nesting vesicle structure 
and vary in size whereas small, large, and giant unilamellar vesicles (SUV, LUV, and GUV, respectively) 
contain a single phospholipid bilayer and are classified by their diameters. 

 

1.2.5 Unstabilized vesicle sensors 

Phospholipid vesicles, given their size and biocompatibility, have been used as 

sensor platforms despite their inherent instability.12;16  In some cases, an unstabilized 

membrane is necessary.  For example, Ho et al. developed a liposomal immunosensor for 

insulin by encapsulating sulforhodamine B (SRB) in an unstabilized phospholipid vesicle 

doped with a synthetic, thiol-functionalized phospholipid (Figure 1-15).16  A malemide-
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derivatized anti-insulin antibody was attached to the thiol, and an anti-insulin-labeled 

capillary was produced to act as an isolation platform.  A sample containing insulin was 

injected onto the capillary followed by fluorescent immuno-vesicles, and the capillary 

washed with Tris-buffered saline (TBS).  The insulin was bound by the anti-insulin 

antibodies on the capillary wall, and was then bound by the immuno-vesicles completing 

the antibody sandwich.  The unretained vesicles were rinsed from the capillary, and the 

immuno-vesicles ruptured with a detergent solution of n-octyl-β-D-glucopyranoside.  The 

released SRB was collected, and quantified by fluorescence detection.  The modified 

capillary column was subsequently regenerated using a 30 % mixture of methanol in TBS 

buffer.  The assay had a linear dynamic range encompassing three orders of magnitude 

including the clinically relevant range of insulin concentrations.  This detection scheme 

used vesicles to amplify the signal from a single insulin molecule to 2.1*105 molecules of 

the highly fluorescent SRB, but is limited by a 30 min analysis time for each sample, 

gradual capillary column degradation, and incomplete characterization of potential 

interferants from unaltered biological samples.  However, this approach is likely to be 

specific and adaptable to other low concentration analytes for which antibodies exist. 
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Figure 1-15:  Sensing mechanism of phospholipid vesicle insulin immunosensor.  Based on Ho et al.16 

 Pincus et al. reported another fluid phospholipid vesicle detection scheme using a 

series of synthetic, pyrene-containing, glycerol-based lipids with varying headgroup 

moieties imparting specificity for several divalent and trivalent metal cations.12  The 

novel lipids consisted of a glycerol backbone, two ether-linked tails one of which was 

labeled at the terminus with pyrene, a poly-ethylene glycol spacer between the glycerol 

and the head group, and a metal cation binding head group.  The synthetic lipids were 

doped into DSPC vesicles, and formed lipid rafts in the absence of a chelating metal ion.  

Upon binding metal ions, the pyrene lipid rafts dissociated due to electrostatic repulsion, 

and the fluorescence intensity from the excimer complex of pyrene moieties decreased as 

the collision rate between the fluorophores was greatly reduced.  Currently, chelating 

agents for Fe(II), Fe(III), Cr(III), and Cu(II) have been developed with the Fe(III) and 

Cu(II) chelating agents being the most selective.  Some of the metal chelating lipids also 

demonstrated a pH dependence that may limit their utility.  Lipid raft dissociation is a 
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remarkably simple and effective sensing mechanism, but would prove unfeasible if 

applied in a cellular environment since unstabilized vesicles are not sufficiently robust 

and stabilization would likely inhibit lateral diffusion. 

 

Figure 1-16:  Sensing mechanism of phospholipid vesicle metal cation sensor.  Based on Pincus et al.12 

 

1.3 POLYMER-STABILIZED PHOSPHOLIPID BILAYERS 

Phospholipid membranes are potentially useful for the design of novel, 

biologically-inspired sensors.  Membrane composition and head group chemistries can be 

adjusted according to the application, and well-designed membranes can increase vesicle-

based sensor biocompatibility.  However, phospholipid membrane stability limits the 
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utility of cellular membrane mimics.69-73  Unstabilized membranes readily dissociate to 

form mixed micelles when exposed to surfactant (Figure 1-17), a severe physical insult 

commonly used to model interaction with a cell membrane, and cannot be dried for long 

term storage.74  Additionally, vesicle fusion and adhesion to silicate substrates disrupts 

carefully constructed lipid architectures.75  When vesicle-based sensors rupture or fuse, 

the encapsulated components are released into the surroundings or another lipid-isolated 

compartment such as the cytosol.  At best, the sensor is lost; at worst, the surrounding 

sample matrix is altered resulting in erroneous signal from the remaining sensors.  

Vesicle stabilization minimizes such adverse outcomes, and has been achieved via 

several methods, including:  1) utilizing synthetic, polymerizable phospholipids; and 2) 

polymer templating, i.e., polymerizing hydrophobic monomer partitioned into the vesicle 

lamella.70-73;76-78 

 

Figure 1-17:  Surfactant dissolution of phospholipid vesicles.  When phospholipid vesicles are exposed to 
excess surfactant, phospholipids are removed from the bilayer structure to form mixed micelles. 
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1.3.1 Factors affecting polymer-stabilized phospholipid bilayer properties 

Other works have discussed lipid bilayer polymerization extensively,70-73;79;80 so 

only the factors relevant to stabilized phospholipid vesicle nanosensor development will 

be discussed here.  Polymerizable moieties have been linked covalently and associated 

with phospholipids through both the lipid tails and the polar headgroup, but headgroup-

associated polymers may alter the biocompatibility of the stabilized membrane.  The 

vesicle nanosensor surface must minimize interfering interactions, and a surface 

predominantly composed of naturally occurring headgroups, PC in particular, would be 

ideal.  Therefore, lipid tail-associated monomeric functionalities are preferable.  When 

synthetic phospholipids are polymerized, the main phase transition disappears since the 

covalent bonds between lipid tails restrict both rotation and lateral diffusion.80  The effect 

of membrane rigidity on transmembrane protein function has not been thoroughly 

investigated, although some transmembrane proteins have remained active within 

polymerized membranes.52-55  However, other transmembrane proteins may not retain 

activity since lateral lipid diffusion is known to regulate processes catalyzed by 

membrane bound proteins.51;53-55;59  Monomeric functionalities linked covalently to 

phospholipid tails include:  dienoyl, sorbyl, diacetylenyl, styryl, acryloyl, and 

methacryloyl (Figure 1-18).71;80  Of these groups, the first two are particularly relevant to 

this work and will be discussed in more detail.  Lipids containing the above monomers 

are polymerized in the Lα or Lβ′ subphase to allow the lipid tails adequate conformational 

freedom; diacetylene lipids are the exception, and are polymerized in the Lc′ subphase. 
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Figure 1-18:  Monomeric functional groups incorporated into phospholipid structures.  All of the above 
monomers have been covalently incorporated into the hydrophobic tails of diacylglycerophospholipids. 

Polymerized phospholipid bilayer behavior is dependent upon several properties 

including:  the degree of polymerization, extent of conversion, extent of cross-linking, 

type of initiation, and monomeric functionality.79-87  The number average degree of 

polymerization, Xn, is the average number of monomer units in a polymer chain, and is 

indicative of polymer chain strength with larger values representing stronger polymers.88  

In polymerized vesicles, larger Xn values correlate with more robust structures as 

determined by surfactant solubility studies.74;82;84  The extent or fraction of conversion, p, 

is defined as the fraction of monomer converted into polymer, and can be written as: 

p = 1-N/N0 (Eq. 1) 

where N0 is the initial number of monomers, and N is the number of monomers 

remaining.88  Unreacted lipids are more susceptible to chemical and physical stresses 

reducing vesicle stability, and are, therefore, undesirable in nanosensor applications.  

Phospholipids containing a single monomer produce linear polymers while lipids 

containing two monomers can form either linear or cross-linker polymers depending 
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upon monomer identity and placement (Figure 1-19).74;85;89  Cross-linked polymer 

networks provide superior environmental stability, and are preferred for nanosensor 

applications. 

 

Figure 1-19:  Linear versus cross-linked lipid polymers.  Lipids containing a single type of monomer will 
form linear polymers if mono-substituted (A), or cross-linked polymers if bis-substituted (B).  Lipids 
containing two types of monomers (C) can form either linear ladder-like polymers or cross-linked 
polymers. 

Three common forms of radical-induced chain polymerization are used with 

polymerizable phospholipids: photochemical, oxidation/reduction salt couples, and 

thermal azo-containing compounds (Figure 1-20).89  Photochemical radical initiation 
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encompasses both direct irradiation and photosensitizers, but both processes produce 

radicals by exciting a molecule with a photon, typically in the UV spectrum.88  The 

advantages of photochemical initiation are rapidity (≤ 1 hr) and versatility. The latter 

feature manifests in the ability to initiate a wide range of monomers, control the degree of 

polymerization through the incident intensity, and regulate the temperature of the system.  

Oxidation-reduction reactions produce multiple radical species, and are capable of 

initiating polymerization in phospholipid bilayers, but some ionic radical species may 

have difficulty reaching monomers located in the hydrophobic lamellar region.  The 

persulfate/bisulfite redox couple is commonly used, and produces several radicals 

thought to initiate bilayer polymerization.84;90  Temperature may also be regulated during 

redox polymerization.  Thermal azo initiators are symmetric molecules which decompose 

upon heating to form N2 and two radicals with polymerization temperature and azo 

substituent structure governing the decomposition half-life.88  Polymerization typically 

lasts 2-3 half lives (15-20 h) to ensure adequate conversion, and occurs at 50-80ºC, a 

temperature range where most lipids are in the Lα subphase.  Therefore, diacetylene lipids 

cannot be polymerized by thermal azo initiators.  The elevated polymerization 

temperatures will also denature or inactivate all but the most robust or thermophilic 

enzymes making thermal azo initiators a poor choice for polymerizing vesicle 

nanosensors. 
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Figure 1-20:  Radical initiators.  Photochemical initiation can be accomplished through direct irradiation of 
the monomer or through the addition of a photosensitizer such as Irgacure 907.  Redox initiation uses a 
redox couple to produce radical species.  The persulfate/bisulfite redox couple shown produces more than 
one radical species.  Thermal azo initiators, such as AIBN, break down upon heating to produce nitrogen 
gas and two radicals. 

 

1.3.2 Dienoate lipids 

Ohno et al. first synthesized lipids that incorporated 2,4-dienoyl monomer as the 

ester linkage between the acyl tails and the glycerol backbone (Figure 1-21).91  Singly 
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and doubly functionalized PC glycerophospholipids have been synthesized as well as 

hetero functionalized lipids with sorbate and 1,3-diene monomers.89;91-94  Dienoate, or 

Den, lipids are abbreviated with a prefix denoting the number of dienoate-functionalized 

acyl tails (mono = 1, bis = 2), and suffixes denoting headgroup identity and acyl tail 

length (e.g. bis-DenPC18,18).
74;84;92  The main phase transition onset of bis-DenPC18,18 

bilayers is 16ºC, as determined by 1H NMR, and the Tm is 18ºC by differential scanning 

calorimetry.93;95  DenPC lipids have been polymerized by photochemical, redox, and 

thermal methods, but complete conversion was only achieved when both hydrophobic 

and hydrophilic radicals were present since the sn-2 monomer resides in the aqueous 

phase and the sn-1 monomer is in the hydrophobic region.90;91;93  The environmental 

difference between the monomers combined with the low membrane permeability of bis-

DenPC below its Tm, permits the formation of partially polymerized vesicles.93;96  

Depending on the polymerization method and the number of monomer groups, the Xn 

varied from 2, UV irradiated bis-DenPC18,18, to 225, AIBN polymerized bis-

DenPC18,18.
90;91;97-99  Additionally, 15 mole % bis-functionalized lipid was required to 

form cross-linked vesicles that resisted surfactant dissolution.85;100  DenPC membranes 

have potential for IC-containing vesicle nanosensors due to low permeability, but 

permeable vesicles with MWCO’s between  0.9 and 40 kDa can be produced by adding 

the naturally-occurring phospholipid DPPC to bis-DenPC vesicles, polymerizing, and 

then removing the DPPC with surfactant.85;100 
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Figure 1-21:  Dienoate-containing phospholipids. 
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1.3.3 Sorbate lipids 

Sorbate (Sorb)-containing lipids were first synthesized by O’Brien and coworkers, 

and can also contain one or two reactive monomer groups (Figure 1-22).82;84;92;101  

However, Sorb monomers are located at the lipid tail terminus, thus residing deep within 

the hydrophobic region of the membrane.   
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Figure 1-22:  Sorbate-containing phospholipids. 
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Sorb-containing bilayer structures are more permeable to low molecular weight 

compounds than membranes consisting of DenPC or naturally occurring phospholipids 

such as DOPC.51;102;103  It is thought that the sorbyl ester disrupts lipid packing and 

produces defects in the membrane.  The nature of the defects, transient or permanent, is 

not currently known, but the membrane MWCO appears to be between 1 and 3 kDa, an 

ideal range for permeable vesicle nanosensors since low molecular weight analytes will 

diffuse across the bilayer and larger interferants will be excluded.  When polymerized, 

Sorb polymers can form 1,2-, 3,4-, or 1,4-linkages with 1,4-linkages preferred (Figure 1-

23).82 Photochemical, redox, and thermal methods have efficiently polymerized mono-

SorbPC and bis-SorbPC vesicles resulting in Xn values ranging from 3, UV irradiation, to 

580, thermal initiation with AIBN.82;84  Additionally, the Xn for Sorb lipids was 

proportional to the monomer to initiator ratio ([M]/[I]) due to primary radical termination 

by the initiator.83  Finally, 30 mole % bis-Sorb lipid was required to sufficiently cross-

link vesicles and prevent surfactant dissolution.74  Therefore, bis-SorbPC is of particular 

interest in nanosensor development as it possesses membrane characteristics useful for 

producing nanoreactor vesicle constructs without the need to engineer pores as in bis-

DenPC.   
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Figure 1-23:  Sorbate polymer structures.  Sorbates can form three different polymer structures with the 
1,4-polymer the most prevalent in polymerized sorbate-containing lipid bilayers. 

 

1.3.4 Poly(diacetylene) vesicle sensors 

 Application of phospholipid-based sensors in more complex chemical 

environments requires an increase in membrane stability.  Particle-supported bilayers 

function adequately in this regard, but synthetic polymerized phospholipid bilayers have 

offered the most advantageous solution.9;103;104  The most prevalent polymerizable 

phospholipids are poly-diacetylene lipids, which contain two centrally located, 

conjugated acetylene moieties in each tail that can be cross-linked using ultraviolet (UV) 

light to form high molecular weight polymers with ene-yne linkages (Figure 1-24).104-108  

The covalent bonds allow polymerized vesicles to resist chemical and environmental 

insults that readily disrupt unstabilized membrane such as air, surfactants, organic 

solvents, and drying.  The ene-yne bonds also produce another unintended, but highly 

useful property forming a linear π-conjugated system that can exist in two 

spectroscopically distinct configurations referred to as blue (λmax = 650 nm) and red (λmax 
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= 540 nm) due to the visible color of the vesicle solutions.104;105;107-111  The chemical 

changes in membrane structure during the blue-to-red conversion are incompletely 

understood, but thought to involve alterations in the order, orientation, and stress placed 

on the polymer backbone, thereby changing the electronic structure and absorption 

properties.108  The chromatic change is visible to the naked eye, but is best quantified by 

UV-Vis spectroscopy, and is initiated by a variety of stimuli including temperature, 

mechanical stress, and ion interactions.105;108  Furthermore, the transition can be 

controlled through the incorporation of different binding schemes.105;107-111 

 

Figure 1-24:  Ene-yne polymer structure formed by poly(diacetylene) lipids. 

Su et al. developed a general antibody-based sensing scheme by attaching anti-

human (h) IgG to polymerized vesicles consisting of DMPC and a single-tailed 

diacetylene lipid with a carboxylic acid headgroup, 10,12-pentacosadiynoic acid (PCDA), 

using 1-ethyl-3-(3-dimethyl aminopropyl) carbodiimide (EDC) and NHS (Figure 1-
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25).110  Upon h-IgG addition, polymer backbone changed configuration from blue to red 

with a detection limit of at least 1 µM.  It was also determined that a 6:4 PCDA to DMPC 

ratio increased the spectroscopic response two-fold compared to PCDA vesicles.  Su et 

al. proposed that the signal enhancement was due to a reduced activation energy barrier 

between the blue state and the red state.  Using the same vesicle scheme (PCDA and 

DMPC) and a glycolipid known to bind E. coli, Su et al. produced a bacterial sensor that 

transitioned from blue to red.108 

 

Figure 1-25:  Sensing mechanism of chromatic poly(diacetylene) vesicle immunosensor.  Based on Su et 
al.110 

The PCDA and DMPC scheme was also used by Wang and Ma in an 

oligonucleotide vesicle sensor (Figure 1-26).111  Two single-stranded DNA 

oligonucleotides were designed to partially compliment a target DNA sequence and 

covalently bonded to cholesterol so as to conserve the 5' to 3' structure of DNA.  Each 

probe sequence was then doped into a separate vesicle sensor, and the structures 

polymerized.  When the sensors encountered the target DNA, the sequences bound one 

hIgGhIgG
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another forming a double-stranded DNA bridge which placed mechanical strain on the 

polymer backbone, and induced the blue to red transition.  The amount of strain was 

increased when one strand of target DNA was bound by both probes because the two 

vesicles acted upon each other.  Polymerized single-tailed diacetylene vesicles labeled 

with biotin underwent a similar transition when exposed to streptavidin.109 

 

Figure 1-26:  Sensing mechanism of chromatic poly(diacetylene) oligonucleotide sensor.  Based on Wang 
et al.111 

Ma and Cheng developed a chromatic poly-diacetylene sensor for streptolysin O 

(SLO), a bacterial pore-forming toxin (Figure 1-27).107  The vesicle sensor was 

constructed using a mixture of glycine-labeled 10,12-pentacosadiynoic acid (Gly-PCDA), 

PC diacetylene lipid, and cholesterol.  Pore-forming toxins, such as SLO, disrupt the 

balance and regulation of cellular processes by inserting into the cell membrane and 

aggregating to form holes.  SLO is dependent upon cholesterol for insertion and the 
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resulting cytotoxicity, hence the addition of cholesterol to the membrane.  When vesicle 

sensors were exposed, the SLO inserted, aggregated, and formed pores in the bilayer.  

The pores were visualized by TEM, and induced the blue to red transition due to 

mechanical stress and changes in the bilayer organization. 

 

Figure 1-27:  Sensing mechanism of chromatic poly(diacetylene) SLO sensor.  Based on Ma et al.107 

 The poly-diacetylene blue to red transition also initiates vesicle fluorescence, and 

provides the basis of a detection scheme instead of visual cues or absorption 

measurements.104;105  A fluorescent BODIPY dye with a carboxylic acid-terminated 

alkane side chain was doped into Gly-PCDA vesicles, and polymerized with UV light for 

1 min (Figure 1-28).104  After polymerization, a static mechanism quenched the BODIPY 
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via interaction between the dye and the conjugated polymer backbone.  Whether the 

quenching mechanism results from energy or electron transfer is not currently known.  

When the sensors were exposed to elevated pH, the carboxylic acid head groups were 

deprotonated causing electrostatic repulsion.  The ene-yne polymer network prevented 

bilayer expansion; therefore, the membrane adopted a staggered pattern to minimize the 

system’s free energy with the BODIPY lipids assuming protruding positions since the 

dye is not covalently bound to the polymer backbone.  Distancing the dye from the 

quenching sites in the polymer backbone increased the sensor signal up to 20-fold, and 

was completely reversible unlike the chromatic changes in other sensors.  Currently, only 

pH sensors have been prepared using this detection scheme, but other analytes could be 

detected with minor alterations.  The primary obstacle will be tuning the sensor to 

address the relevant analyte concentrations. 
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Figure 1-28:  Sensing mechanism of fluorescent poly(diacetylene) pH sensor.  Based on Ma et al.104 

 

1.3.5 Templated, polymer-stabilized phospholipid bilayers 

An alternative to polymerizable phospholipids is templated, polymer-stabilized 

phospholipid bilayers.9;76-78  As with polymerizable phospholipids, templated polymers 

can be formed among the headgroups or the hydrophobic tails, and as discussed 

previously, biocompatibility is best preserved when the polymer is associated with the 

lipid tails.  To successfully stabilize phospholipid bilayers, the monomer must be 

hydrophobic to partition into the tail region and prevent polymer chains from forming 
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between vesicles.  In practice, the initiator and/or monomer are added to the desired 

lamellar structure, allowed to partition, and then polymerized by photochemical, redox, 

or thermal initiation (Figure 1-29).9;112;113  The two most common monomer 

functionalities utilized to produce templated, polymer-stabilized phospholipid bilayers 

are styrenes and alkylacrylates, most frequently methacrylates.9;58;76-78;112-125  The 

combination of styrene and divinylbenzene have been used to polymerize both 

phospholipid and surfactant vesicles, but polymer phase segregation is a common 

problem.76;113;115;118  Phase segregation would not only expose polymer to the biological 

environment and create the potential for fouling, but it could alter the membrane 

permeability and remove transmembrane proteins from the phospholipid environment 

rendering the sensor ineffective.  Therefore, styrenes are not a candidate for future 

biosensor applications. 
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Figure 1-29:  Membrane associated polymer-stabilized phospholipid vesicle formation.  Hydrophobic 
monomer and photoinitiator are added to a vesicle solution and allowed to partition into the membrane.  
Upon polymerization, a membrane-associated polymer is formed that stabilizes the phospholipid vesicle to 
chemical and physical insults. 

Methacrylate-stabilized vesicles do not undergo phase segregation, and therefore, 

are potentially more useful in biosensor development.77;78;103;114;125  Photochemical 

initiation of ethylene glycol dimethacrylate (EGDMA) or a mixture of EGDMA and butyl 

methacrylate (BMA) has stabilized both phospholipid and surfactant vesicles.9;58;103;112;114  

Surfactant exposure does not change the vesicle diameter, but the precise amount of 

stability added by the templated polymer has not yet been quantified.58;103;114  Of 

particular interest is whether surfactants or other membranes can remove phospholipids 

from the stabilized bilayer assembly.78;114   
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Stabilized phospholipid vesicle oxygen nanosensors have been produced using 

membrane-associated methacrylate polymer, demonstrating the potential of the system.9  

Butyl methacrylate (BMA) and ethylene glycol dimethacrylate (EGDMA), along with the 

photoinitiator 2,2-diethoxyacetophenone (DEAP), all partition into the hydrophobic 

lamellar region of DOPC bilayers when combined in aqueous solution.  Subsequent 

exposure to UV light forms a cross-linked polymer network among the hydrophobic tails 

producing vesicle structures capable of withstanding surfactant to lipid ratios far greater 

than DOPC vesicles alone.9  This stabilization method was used to produce a ratiometric 

oxygen sensor by encapsulating Ru(phen)3, a luminescent dye collisionally quenched by 

oxygen, inside vesicles doped with 0.1% NBD-PE, an oxygen insensitive dye (Figure 1-

30).  The sensors were stable, and retained dye for at least one week after polymerization.  

Encapsulation isolated and protected the Ru(phen)3 from interfering species such as 

proteins while allowing dissolved gases to permeate the vesicles.  Phospholipid 

membranes do not impose a significant energetic barrier to dissolved gases; thus, the 

response of the sensors to changes in oxygen concentration can be quite rapid.  The 

fluorescent response of the sensors displayed Stern-Volmer kinetics consistent with the 

proposed sensing mechanism, collisionally quenching excited Ru(phen)3 by oxygen.  The 

templated vesicle structure benefits from the use of naturally occurring phospholipids 

while increasing stability through polymerization.  This combination should maximize 

the advantages of each component making the vesicles stable to chemical and physical 

insults while remaining biocompatible and capable of incorporating biological molecules 

such as enzymes and transmembrane proteins.  Additionally, the sensors encapsulated 
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free dye which did not leak, making stabilized DOPC vesicles a potential platform for 

sensors incorporating IC’s. 

 

Figure 1-30:  Sensing mechanism of polymerized DOPC/BMA/EGDMA oxygen sensor.  Based on Cheng 
et al.9 

Photochemical polymerization with templated EGDMA polymer has also 

effectively stabilized bis-SorbPC vesicles.103  The combination of polymerizable lipid 

and templated polymer increased bis-SorbPC vesicle surfactant stability relative to 

photochemical initiation which produces predominantly short-chained oligomers and 

polymers.  Greater efficiency of polymer chain initiation and propagation, increased 

degree of cross-linking, and the formation of methacrylate/sorbate copolymer could all 

increase stability, but the precise chemical origins of the increased stability is not 

currently known. 
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Both polymerizable phospholipids and polymer-templated phospholipid bilayers 

produce permanent vesicle stability increases, but for stabilized vesicle nanosensors to 

have the broadest possible applications there must be a biological pathway for controlled 

degradation and clearance.  Currently, polymer-stabilized phospholipid vesicles have not 

included a controlled degradation mechanism, but degradation mechanisms have been 

investigated in other systems.126-136 

 

1.3.6 Acetals and ketals 

Acetals and ketals are related organic functional groups composed a central 

carbon atom with two alkoxy substituents and two alkyl substituents (Figure 1-31).  In 

acetals, one alkyl substituent is hydrogen while in ketals both substituents are carbon 

based.137-140   

 

Figure 1-31:  Acetal and ketal structure.  Ketals are composed of a central carbon atom with two alkoxy 
substituents (R1 and R2) and two alkyl substituents (R3 and R4) whereas acetals have two alkoxy 
substituents (R1 and R2), one hydrogen (R3) and one alkyl substituent (R4).  It is common practice to refer 
to both structures more generally as acetals. 

More recently, the term acetal has been used to describe both types of compounds, a 

convention utilized in this work.139  Acetals are formed via the acid-catalyzed addition of 

alcohols to aldehydes and ketones.  Standard synthetic procedure involves heating the 

aldehyde or ketone in alcohol containing trace mineral acid.132;137;139;141;142  The alkoxy 

groups may be fully or partially exchanged by refluxing in an alternate acidified alcohol 
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depending upon the exact reaction conditions.143-145  The acetal’s structure also prevents 

hydroxyl anions from coordinating with the central carbon making acetals resistant to 

hydrolysis in basic aqueous solution.138;139  However, acetals are prone to hydrolysis and 

conversion to the aldehyde or ketone in acidic aqueous solution.  The acetal acid 

hydrolysis mechanism has been well studied, and is initiated by a proton coordinating 

with a lone pair of electrons on the acetal oxygens (Figure 1-32).137-140;146-148  In the rate 

determining step, an alcohol leaves, producing a carbonium ion which coordinates with a 

water molecule and rearranges to produce the carbonyl compound and a second alcohol 

molecule.137;138;140;148 

 

Figure 1-32:  Acetal and ketal hydrolysis mechanism.  The oxygen in one of the alkoxy substituents is 
protonated, and then leaves during the rate determining step.  The remaining carbonium ion coordinates 
with a water molecule and loses a proton.  The remaining alkoxy oxygen is protonated and leaves followed 
by the loss of a proton to form a stable aldehyde or ketone. 
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Acid-catalyzed acetal hydrolysis rates are the product of the free energy 

difference between the acetal and the resulting carbonium ion.138  Therefore, substituents 

that stabilize the carbonium ion increase acid sensitivity by reducing the activation 

energy, and allow the reaction to progress rapidly through the rate determining step.  

Substituents that destabilize the carbonium ion increase the activation energy, and reduce 

acid sensitivity.  Different alkyl and alkoxy substituents produce different degrees of 

stabilization due to inductive, steric, hyperconjugation, and resonance effects.127;137;138;140-

144;148-151  Electron donating groups, particularly on alkyl groups, decrease the positive 

charge on the carbonyl carbon and increase acid sensitivity whereas electron withdrawing 

groups, including halogens or oxygen, decrease sensitivity.137;138;141  Substituents that 

place steric strain on the acetal carbon increase sensitivity as carbonium ion formation 

releases the strain.140  Hyperconjugation and resonance displace the positive charge over 

greater areas, thereby stabilizing the carbonium ion and increasing acid sensitivity.  

Hyperconjugation effects are proportional to the number of hydrogens α to the acetal 

carbon, and therefore are not considered when assessing the stabilizing effects of alkoxy 

substituents.137  Overall, the alkyl substituents have a greater effect on acetal hydrolysis 

rates (6 orders of magnitude) than the alkoxy substituents (3 orders of 

magnitude).137;138;140;143;144;149;150 

 

1.3.7 Acetal- and ketal-containing cross-linkers 

In recent years, interest in acetals with monomer-containing alkoxy substituents 

has increased as tunable, acid-degradable, cross-linked polymer systems possess 
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significant potential for drug-, protein-, and gene-delivering therapeutic particles.126-136  

Adjusting the lifetime and pH-sensitivity of the cross-linked polymer should allow acidic 

biological environments (e.g. lysosomes, stomach, or tumors) to degrade the cross-linked 

or hydrophobic networks into smaller linear polymers, and release encapsulated material.  

Degradation should also decrease the time required to clear the residual material from the 

biological system.   

To date, acetal-containing cross-linkers containing methacrylate, acrylamide, N-

vinyl formamide, and acrylate monomers have been synthesized (Figure 1-33).128;130-132  

However, only methacrylate cross-linkers are applicable to polymerized vesicle 

nanosensor development since the templated polymer method requires hydrophobic 

monomers that partition into the vesicle bilayer.76;78;112  Dimethacrylate, acetal-containing 

cross-linkers are synthesized using the same procedure as other acetals from 

hydroxyethylmethacrylate (HEMA) and an aldehyde or ketone.132;152;153  The resulting 

cross-linkers have demonstrated acid-catalyzed degradation, and are structurally similar 

to EGDMA, which has been used to stabilize phospholipid vesicles.  Similar to 

BMA/EGDMA polymer-templated vesicles, an acetal-containing cross-linker might 

provide additional stability while allowing degradation under controlled conditions.  

However, the pH sensitivity of the acetal is critical for efficacy.  If the vesicles degrade at 

elevated pH, the contents may be released in the wrong location; if the vesicles only 

degrade at strongly acidic pH, the contents may not be released quickly enough, if at all.  

Additionally, the hydrophobic lipid bilayer environment surrounding the acetal likely 

lowers the hydronium ion activity at the acetal relative to the bulk solution, necessitating 
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a more acid-sensitive acetal functionality.  The alkoxy substituent identities are 

predetermined; therefore, the acid sensitivity of the cross-linker must be varied through 

the choice of alkyl substituents, with consideration given to degradation byproduct 

toxicity. 

 

Figure 1-33:  Monomeric functional groups in acetal-containing cross-linkers.  The monomeric groups 
above have been used to synthesize acetal-containing cross-linkers by using their hydroxyl-containing 
esters, typically ethylene glycol esters.  The monomeric groups form the alkoxy substituents in the resulting 
acetal-containing cross-linkers. 

 

1.4 VESICLE FUNCTIONALIZATION 

Phospholipid membranes isolate and concentrate specific sets of enzymes, 

proteins, nucleic acids, and small molecules, thereby increasing the efficiency of cellular 

processes.  Furthermore, membrane composition (e.g. head group chemistries, 

glycolipids, transmembrane proteins, etc.) regulates signaling between isolated cellular 

compartments to maintain a collection of highly controlled internal environments.57;59;60  

As part of the maintanence, vesicles shuttle materials into, out of, and within the cell.60  

LUVs and SUVs are of particular interest in biosensor development since responsive 

materials including proteins, dyes, signaling peptides, and synthetic ligands can be 

associated with the bilayer surface, aqueous interior, or lamellar region to form 
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nanosensors.51-55;58;154-158  Additionally, the controllable submicron dimension of vesicles 

enables the simultaneous investigation of multiple locations without disrupting the total 

cell volume.6 

 

1.4.1 Lipid head-group functionalization 

Bilayer surfaces can be tailored to meet specific needs using both the naturally 

occurring head groups discussed in Section 1.2.1, and synthetically modified head 

groups.59;61;65  However, vesicle nanosensors must not interfere with the complex 

chemical surroundings.  A large percentage of cellular membranes are chemically inert to 

prevent interference, and the phosphatidyl choline (PC) headgroup is the predominant 

chemical functionality responsible for biological membranes passivity.56  The need for 

biocompatibility makes the PC headgroup particularly useful in the assembly of vesicle 

nanosensors owing to its inherent ability to resist protein adhesion.  The zwitterionic 

combination of a quaternary amine and akylated phosphate minimizes chemical reactivity 

and ionic interactions.  Incorporating other naturally occurring headgroups can alter the 

membrane surface such that it presents an overall positive or negative charge, and 

synthetic headgroups further enhance the potential for specialized surface properties.87  

Synthetically modified lipid headgroups have been developed that include fluorescent 

dyes, amine and thiol reactive sites, metal chelating complexes, polymers, sugars, and 

various other organic structures (Figure 1-34).65  These modifications enable large and 

small materials to permanently or reversibly associate with the bilayer surface.  Protein 
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and peptide coupling is of particular importance for promoting cellular insertion and 

directing localization within the cell.159-162 

 

Figure 1-34:  Synthetic phospholipid headgroups.  The synthetic headgroups above display the range of 
modification possible when introduced at low mole percentages relative to the bulk phospholipid.  In all 
cases the R group represents the glycerol backbone. 
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1.4.2 Encapsulated materials 

 Phospholipid vesicle biocompatibility limits interference between the cellular 

environment and the vesicle contents, and has potential to promote the efficacy of novel 

therapies and biologically inspired sensors.  Novel therapies have been proposed based 

on phospholipid vesicle delivery of high molecular weight agents such as DNA, RNA, 

proteins, and enzymes since vesicles reduce macromolecular enzymatic degradation and 

assist in targeting specific tissues or cell types.154-156;158;160;163;164  Encapsulated contents 

are shielded from many insults since the phospholipid vesicle interior is chemically and 

physically isolated, while providing an adaptable platform for specific biochemical needs 

such as localization and cellular uptake. 

Vesicle encapsulation has broad application as the types of molecules that may be 

encapsulated are not significantly limited by molecular weight with encapsulation 

efficiency remaining relatively constant for materials under 1 MDa.60;154-157;164  

Fluorescent indicator dyes, fluorescent dye labeled dextrans, and enzymes are all 

potentially useful nanosensor components that have been encapsulated in 

vesicles.9;16;58;100  Fluorescent indicator dyes for ions and gases are powerful tools capable 

of assessing dynamic systems with subsecond resolution, but not all dyes are 

biocompatible; some have cytotoxic properties and others are subject to biofouling in 

protein rich environments.9  Therefore, segregating the indicator dye from the cellular 

environment while allowing the analyte access to the vesicle interior permits the use of 

sensing components that have adverse biological effects.  Dyes can also be encapsulated 
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at concentrations that would not be achievable inside a cell increasing the signal-to-noise 

ratio.  Dextrans are long chain polysaccharides, 3 kDa-2 MDa, typically made from 

glucose-containing linear α-1,6 glycosidic bonds and branched α-1,4 glycosidic bonds.4  

Dextrans have been modified with fluorescent dyes to increase the dye’s effective 

molecular weight thereby reducing biofouling and cytotoxic effects, and limiting the 

diffusion rate across biological membranes.  Dye-labeled dextrans are crucial to the 

proper function of vesicle nanosensors which allow small molecules diffuse passively 

across the bilayer (Section 1.1.6).  Encapsulated enzymes allow the indirect detection of 

numerous small molecules other than ions and gases by consuming detectable coreactants 

or producing detectable byproducts.  When combined, a broad range of cellular analytes 

can be interrogated by assembling different fluorescent indicator dyes, dye-labeled 

dextrans, and enzymes. 

 

1.4.3 Ion channels and molecular transporters 

Ion channels and molecular transporters (ICs) are transmembrane proteins that 

regulate the transport of ions and small molecules across the cell membrane.  Typically, 

ICs consist of heterogeneous multimeric protein assemblies that bind specific ligand 

molecules which alter the ICs open probability (Figure 1-35).57  The individual subunits 

that comprise protein complexes exist in different conformations and isoforms leading to 

a diverse array of functional entities.  ICs are key elements of cellular signaling pathways 

and, thus, are finely regulated and highly selective for specific ligands and ions; features 

that are appealing in a sensor.  IC regulation can be broken into three main areas:  ligand, 
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voltage, and ion concentration (Figure 1-35).  In most cases, ICs are composed of a 

heterogeneous complex of protein subunits, and the precise function and regulation is 

dependent upon subunit composition in an individual channel.  Functional specialization 

allows a specific set of ligands to regulate an individual IC, a set that may be different 

from a similar channel that has the same function, but different subunit composition or 

conformation.  Functional specialization could also be used to tailor ICs for specific 

applications. 

Examples of the three major types of IC regulation are demonstrated by the ATP 

sensitive K+ channel (KATP), the voltage-gated Ca2+ ion channel, and the Ca2+-dependent 

K+ channel (KCa).  The KATP channel displays both a combination of subunits and ligand 

regulation.165;166  One KATP channel subset is composed of four pore-forming Kir6.2 

subunits and four regulatory SUR1 subunits.  When the ATP:ADP ratio increases, the 

channel open probability decreases depolarizing the cell membrane.  Membrane potential 

can also plays a role in IC regulation.  For example, voltage-gated Ca2+ ion channels are 

opened or closed through an applied voltage allowing experimental control of 

intracellular Ca2+ concentration.57  Ion concentration also affects IC operation as 

observed in KCa channels, which are opened by increases in intracellular Ca2+ 

concentration.  If harnessed in a sensor, ICs would allow accurate detection of specific 

ligands, voltages, and ion concentrations in complex chemical environments like cells. 
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Figure 1-35:  Ion channel structure and types of regulation.  (A) The KATP channel demonstrates the 
heterogeneous multimeric structure of many ICs and is composed of a tetramer of dimers.  ICs are 
regulated by several mechanisms including ligands (B), voltage (C), and ion concentration (D). 

Vesicles are a particularly attractive supporting material for IC-containing 

nanosensors (Section 1.1.6) since phospholipid membranes allow the ICs to exist in a 

native conformation and are biologically inert, reducing the possibility of sensor fouling.  

The sensing element, or IC, can be altered in numerous ways to tune the sensor response, 
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and select the desired ligand or ion.  When such a ligand or ion is present, the IC will 

open or close, depending upon the ligand and the IC, altering transport across the lipid 

membrane and changing the analyte concentration inside the sensor.  The analyte 

concentration change then affects an encapsulated fluorescence indicator dye resulting in 

a measurable response.  Therefore, IC-based sensors will produce a ligand concentration 

dependent fluorescent signal while causing minimal cellular perturbation.   

 

1.5 CAGED FLUORESCENT LABELS FOR INTRACELLULAR ANALYSIS 

Fluorescence is the spontaneous emission of a photon from a molecule in a stable, 

singlet, excited electronic state (Figure 1-36).167;168  An excited electronic state is 

typically generated via irradiation with photons of appropriate energy, followed by 

nonradiative decay to a more stable excited state, and emissive relaxation to the ground 

state.  The nonradiative decay reduces the energy of the emitted photons and 

concomitantly increases the wavelength of the observed light, an effect known as Stokes’ 

shift.  With proper optical filters, the Stokes’ shift yields fluorescent signals with a high 

signal-to-noise ratio.  Fluorescence-based detection techniques provide the sensitivity and 

selectivity needed to analyze biological components at the subcellular level, though many 

biological molecules are nonfluorescent.  Proteins containing the amino acids tryptophan 

or tyrosine fluoresce when excited with UV light, but have low quantum yields.  

Additionally, UV excitation can damage cells, and requires expensive lasers and 

optics.169;170  A common solution is to label the biological analyte with an intensely 

fluorescent molecule.  Labels can be categorized as fluorescent, fluoresce whether 
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attached or free, or fluorogenic, require activation to render them fluorescent.4;171;172  

Activation is initiated by either the analyte labeling reaction or an alternate source, such 

as UV light.  Labeling is achieved via a reactive moiety attached to the fluorophore that 

forms a covalent bond with specific functional group(s) in the analyte.  Two of the 

functional groups labeled most often are amines and thiols, but carboxylic acids, 

alcohols, carbonyls, steroids, and the reducing end of oligosaccharides can be labeled as 

well.4;171 

 

Figure 1-36:  Jablonski diagram of fluorescence.  A molecule is excited upon absorbing a photon and 
undergoes nonradiative decay to reach a stable excited state.  The molecule then returns to the ground 
electronic state by releasing a photon (fluorescence) of reduced energy and longer wavelength.  The 
additional energy levels depicted represent the excited vibrational states of each electronic state. 

 

1.5.1 Amine labeling 

Biological systems use hydrogen bonds to increase specificity in intermolecular 

interactions.  Consequently, hydrogen bonding functional groups, such as amines, are 
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prevalent in biological molecules, and are targets for labels.  Common amine-labeling 

functionalities include isothiocyanates (ITC), activated esters, sulfonyl chlorides (SC), 

and aromatic ortho dialdehydes, all of which react with deprotonated amines (Figure 1-

37).4;172-175  ITCs react with amines to form a thiourea, and typically require 2-3 h for 

sufficient labeling to occur; ITCs of fluorescein and rhodamine are two of the most 

commonly used fluorescent labels.176-178  Activated esters, including succinimidyl esters 

(SE) and sulfonyl tetrafluorophenyl esters (STPE), are frequently used since 

carbodiimide activation of carboxylic acids is a well established synthetic procedure.  

Activated esters produce stable amide linkages between the fluorescent label and the 

analyte, and require reaction times of 30 min to 3 hrs.4;179-181  SCs are highly reactive and 

form sulfonamide bonds, but hydrolyze rapidly at elevated pH and must be used at low 

temperatures or in aprotic solvents.4  Aromatic ortho dialdehydes, such as o-phthalic 

dicarboxaldehyde (OPA) and naphthalenedicarboxaldehyde (NDA), are fluorogenic 

labels that react with amines in the presence of excess thiol or cyanide, respectively, to 

produce fluorescent, extended aromatic ring systems in under 10 sec.4;182;183  As a result 

of the diverse labeling chemistries and fluorophores, many amine-reactive labels are 

commercially available, and signals can be optimized with respect to the analyte and 

detection method. 
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Figure 1-37:  Amine reactive functional groups and their products.  Isothiocyanates (A), succinimidyl 
esters (B), STP esters (C), thionyl chlorides (D), and OPA (an o-dialdehyde) in the presence of free thiol 
(E) can all form covalent bonds between an amine-containing compound and a second molecule. 

 

1.5.2 Thiol labeling 

Thiols are also common functional groups in biological systems, and maintain a 

reducing cellular environment via the glutathione/glutathione disulfide redox system.184-
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187  Cysteine is another prevalent thiol source, and when present in proteins, provides an 

alternate labeling site.  The most common thiol labels are maleimides, alkyl halides, 

haloacetamides, and other thiols or disulfides (Figure 1-38).4;188-191  Maleimides form 

thioether bonds upon reaction, and must be utilized properly because exposure to 

elevated pH, above 8, can hydrolyze both labeled analytes and unreacted dye.  

Iodoacetamides also form thioethers, and can react with methionine, histidine, and 

tyrosine side chains as well as unprotonated amines so application to complex samples is 

difficult.  Alkyl halides form thioether bonds stronger than maleimides or 

iodoacetamides, but are less reactive.  Lastly, other thiol-containing compounds form or 

exchange disulfide bonds with the analyte, but are only applicable to extracellular 

analyses because the reducing cellular environment will separate the label from the 

analyte.192 
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Figure 1-38:  Thiol reactive functional groups and their products.  Alkyl halides (A), iodoacetamides (B), 
maleimides (C), disulfides (D), and free thiols (E) can all form covalent bonds between a thiol-containing 
compound and a second molecule. 

 

1.5.3 Caged fluorophores 

Caged or photoactivatable fluorophores facilitate temporal and spatial release of 

highly fluorescent molecules.4;193  When utilized as labels, caged fluorophores allow 

observation of movement within biological systems with high precision and minimal 

background interference.  Caging involves the covalent attachment of a structural moiety 

that can be controllably removed, typically via exposure to UV irradiation.4;193-196  The 

most common chemical structures capable of producing such properties are based on the 

o-nitrobenzyl group (Figure 1-39).197;198  Fluorescein is typically caged via ether linkages 
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between the phenolic hydroxyl group on the xanthene ring and the benzyl carbon atom in 

an o-nitrobenzyl compound.  The first caged fluorescein label was synthesized by 

Mitchison, who used o-nitrobenzyl bromide and a silver oxide catalyst to synthesize a 

caged fluorescein succinimidyl ester (CFSE).193;194;198  Similar ether linkages can also be 

produced using the Mitsunobu reaction and o-nitrobenzyl alcohol.199   

 

Figure 1-39:  Caging groups and the structure of caged fluorescein.  Caging groups can be modified as 
seen in the six o-nitrobenzyl derivatives above, and attached to fluorescein through ether bonds (R 
represents the fluorescein for the caging groups and the caging groups for the fluorescein). 
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Caging groups prevent fluorescence by quenching the singlet excited state 

through one of two photoinduced electron transfer (PeT) processes (Figure 1-40).168;191;200  

Donor-excited PeT involves transferring an electron from the excited xanthene ring to the 

LUMO of the electron deficient benzyl ring in the caging group.  Alternatively, the 

caging group can lower the HOMO of the xanthene ring and allow the benzene ring to 

quench fluorescence by acceptor-excited PeT.  The dominant process depends upon the 

substituents on each ring system.  To date, the only caged fluorescent labels reported 

have been SEs of caged fluorescein, iodoacetamides of caged resorufin, and 

iodoacetamides and SEs of caged rhodamine Q.193;194;201  Therefore, many analytes 

cannot be labeled, the labeling and analysis conditions are restricted, and the spectral 

properties are limited.  One important current restriction is the slow reaction kinetics 

employed by current caged fluorescent labels.  A caged fluorescent label with fast 

reaction kinetics, like OPA and NDA, would be of particular use during biochemical 

investigations.  Fast reaction kinetics can be achieved by utilizing a thiol-containing 

fluorescein and OPA thereby linking the label and an amine-containing analyte.  

However, no caged thiol-containing fluorophore currently exists. 
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Figure 1-40:  Molecular orbital diagram of fluorescence quenching by photoelectron transfer.  When 
uncaged, the excited electron in the xanthene ring system can readily transition from the LUMO to the 
HOMO and emit a photon (center box).  When caged, the HOMO of the xanthene ring system can be 
lowered in energy allowing a-PeT from the benzene ring (left box), or the LUMO of the caging group can 
be lower in energy than the xanthene LUMO allowing d-PeT (right box).  Both forms of PeT prevent the 
excited electron from returning to the xanthene HOMO, thereby quenching fluorescence. 

 

1.5.4 Application of caged fluorophores 

The application of caged fluorophores is also limited by the complex analytical 

systems required to collect data.180;202-210  Typically, a UV laser and high quality optics 

are required to accurately localize and efficiently uncage the dye.  A customized 

epifluorescence or confocal microscope is also needed to collect data.  In nonbiological 
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systems, caged fluorophores have been used to observe capillary and microfluidic flow 

profiles, label analytes for high-speed capillary zone electrophoresis applications, and 

provide better resolution than diffraction-limited, visible light microscopy.180;202;207;211  

Caged fluorophores enabled the observation of tubulin monomer movement in mitotic 

spindle and neuronal axon microtubules, cell division and differentiation during embryo 

development, and diffusion rates across intra- and intercellular junctions.193;201;203-206;208-

210;212-214  Unfortunately, nitrobenzyl structures can be cytotoxic, and therefore, must be 

used at low concentrations.  If encapsulated in phospholipid vesicles, the cytotoxic effects 

could be minimized, and caged fluorophores loaded at significantly greater concentration.  

The vesicle could then function as a tracking agent by modifying the bilayer exterior 

using the previously described methods. 

 

1.6 DISSERTATION OVERVIEW 

Phospholipid vesicles are well suited for intracellular applications because PC 

surfaces are inherently biocompatible, and resist protein adhesion.  However, the lack of 

membrane stability limits phospholipid vesicle use to only the most benign conditions.  

Polymer-stabilized phospholipid membranes overcome the stability limitation while 

maintaining the biocompatible structure.  In addition, phospholipid membrane modularity 

is useful when designing novel biologically-inspired nanosensors.  Membrane 

composition and head group chemistries are easily tailored to specific applications, 

transmembrane and membrane associated proteins can provide added functionalities, and 

the isolated vesicle interior prevents cytotoxic and interfering detection chemistries from 
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altering the surrounding cellular environment.  This work will focus on expanding and 

characterizing stabilized phospholipid membrane properties and synthesizing a useful 

caged fluorescent dye for the development of intracellular phospholipid vesicle 

nanosensors. 

Chapter 2 describes the development and characterization of acid-degradable 

stabilized phospholipid vesicles that may enhance physiological clearance and efficacy of 

high molecular weight therapeutics.  A novel, acetal-containing, methacrylate cross-

linker, 2,2-di(methacryloyloxy-1-ethoxy)propane (DMOEP), is synthesized, and the 

preparation of acid-degradable, stabilized DOPC vesicles using the polymer templating 

method is described.  The time-dependant degradation and leakage characteristics of 

DOPC/BMA/DMOEP vesicles are also addressed. 

Chapter 3 applies DMOEP and the polymer templating method to bis-SorbPC 

vesicles to produce permeable, acid-degradable, stabilized phospholipid vesicles that are 

useful for nanoreactor-based sensors and delivery of high molecular weight therapies.  

The time-dependant degradation and leakage characteristics of the resulting vesicles are 

investigated, and the nature of the polymer structure and degradation mechanism is 

elucidated. 

Phospholipid vesicles can also serve as labels to observe movement in 

macromolecular biological assemblies, but a dearth of caged fluorescent labels limits 

design and function.  Chapter 4 describes the synthesis of the first caged fluorescent thiol 

(CFS), characterizes its photophysical properties, and determines its ability to label 

amines and thiols.  The application of CFS as a label in observing the movement of 
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macromolecular biological assemblies, as a fluorescent probe for observing endosomal 

trafficking and release, and as a label for photolytically-gated capillary zone 

electrophoresis is discussed. 

Chapter 5 summarizes this work, and describes future research needed to apply 

the stabilized phospholipid membranes designed in Chapters 2 and 3 to intracellular 

phospholipid vesicle nanosensors.  Several biological applications for intracellular 

phospholipid vesicle nanosensors are suggested, and two theoretical sensors are 

described.  Additionally, the synthesis of several novel caged fluorescent labels is 

outlined to increase the applicability of caged probes. 
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2 CHAPTER 2:  POLYMER-STABILIZED PHOSPHOLIPID VESICLES 
WITH A CONTROLLABLE, pH-DEPENDENT DISASSEMBLY 

MECHANISM 
 

2.1 INTRODUCTION 

Phospholipid vesicles can be used to prepare biocompatible, intracellular 

nanosensors through appropriate encapsulation of analyte sensitive fluorescent dyes and 

enzymes.9;58;215-217  Membrane modification provides additional opportunities for 

expanding the scope of applications by facilitating cellular uptake and localization,160;161 

and increasing the number of potential analytes through incorporation of transmembrane 

proteins such as ion channels and molecular transporters (IC’s) (Figure 1-7).  

Additionally, phospholipid vesicles are routinely used for intracellular delivery, by means 

of fusion with the cell membrane and subsequent release of encapsulated 

material.9;12;16;104;107-111;154-156;158;160;163;164  Though useful, vesicle systems suffer from a 

series of physical limitations, including:  long-term stability; fusion with other substrates; 

and disruption by chemical and physical insults.69-73  Vesicles fuse when stored close to 

their Tm and in the presence of biological membranes.  Vesicles also form bilayer 

coatings on silicate surfaces, and air, organic solvents, and surfactants disrupt the 

lamellar structure.  When used in biological systems, the limited stability of phospholipid 

vesicle constructs results in loss of sensor function or inefficient cellular delivery at best, 

or altered measurements, toxicity, and cell death at worst.   

Transient stabilization of the phospholipid vesicle membrane may provide for 

better spatial and temporal control of sensor degradation as well as improved delivery 
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and release of encapsulated components.  Vesicles prepared from naturally-occurring 

phospholipids offer limited stability in harsh chemical and biological environments, 

whereas stabilization of the vesicle architecture imparts many key advantages.9;58;79;80;218-

220  The stabilized vesicles present a biocompatible surface, and can withstand many 

biological insults including interaction with cellular membranes.  The hollow vesicle 

interior sequesters the sensing chemistry from the cellular environment preventing 

fouling and minimizing protease degradation of enzymatic components.  Additionally, 

controllable, transient stability enables the use of cytotoxic sensing chemistries, and those 

fouled/degraded by interaction with the cellular environment because the encapsulated 

components are isolated until reaching the proper location for efficient degradation and 

biological clearance. 

Vesicle stabilization has been achieved by several approaches, including: a) 

utilizing synthetic, polymerizable phospholipids; and b) templating naturally-occurring 

phospholipid vesicles by partitioning hydrophobic monomers into the lamellar region 

with subsequent polymerization (Figures 1-25,30).9;58;80;103;218;219;221  Synthetic, 

polymerizable phospholipids have incorporated a variety of monomeric functionalities 

through covalent attachment to either the lipid head group or the hydrophobic tails.  Tail-

associated monomers are preferable because the biocompatible surface presented by 

vesicles is not significantly altered.  However, the introduction of covalently-attached 

monomeric functionalities in the lamellar region causes significant changes to the 

physical properties of the bilayer.  The monomer functionalities lower the Tm,59;64;93;101 

and since most monomers are either sterically restrictive or attached through an ester 
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bond, the lipids do not pack as tightly producing membrane defects that increase bilayer 

permeability.86;222;223  Permeable phospholipid membranes cannot encapsulate low 

molecular weight analyte-sensitive dyes, or form a platform for IC-based sensors as the 

analyte flux across the membrane must be controlled.  Polymer templated vesicles are a 

viable alternative because they maintain the biocompatible surface and limit 

permeability, while adding the stability necessary to withstand chemical and physical 

insults.  Both stabilization methods produces vesicles can be loaded across cellular 

membranes intact; however, the increased stability imparted by the polymer networks is 

irreversible.  The polymer networks do not degrade except under conditions that would 

destroy a biological environment severely limiting cargo release, as well as physiological 

clearance.82;224  Therefore, chemically and mechanically robust vesicles that can be 

controllably destabilized under biologically relevant conditions would be highly 

desirable.   

Efficient destabilization of polymer networks requires that the polymer be 

engineered to include a degradation mechanism amenable to precise conditions.  Acidity 

is one physiological parameter upon which degradation could be based, as most living 

tissues maintain a pH of 7.4 with deviations at specific, desirable, localized regions (e.g., 

stomach, lysosomes, tumors, etc.).  Acid-labile functional groups, such as acetals, have 

proven useful in developing biodegradable cross-linking polymers for therapeutic 

polymer nanoparticles, and could be integrated into stabilized phospholipid vesicles by 

the polymer templating method.126-136;152;225-228  Acrylamide and methacrylate are the two 

most prevalent monomers in acetal-containing cross-linkers, but acrylate and N-vinyl 
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formamide have also been incorporated (Figure 1-33).  To achieve efficient phospholipid 

vesicle stabilization, the monomers must be sufficiently hydrophobic and partition into 

the vesicle lamella, thus necessitating the use of methacrylate monomers.58;76;78;112;114  

The methacrylate monomers must be attached to the alkoxy substituents in the acetal to 

ensure efficient, acid-catalyzed cross-link cleavage (Figure 1-32).  A common and readily 

available methacrylate monomer which can fulfill both requirements is 2-

hydroxyethylmethacrylate (HEMA), an ester between ethylene glycol and methacrylic 

acid.  The acetal functionality must be sufficiently hydrophobic to promote association 

with the phospholipid bilayer, and possess adequate hydrolysis kinetics to ensure that 

degradation occurs rapidly, but only at the desired location.  Additionally, it is desirable 

for acetal hydrolysis to generate nontoxic byproducts because the hypothesized vesicle 

construct applications are biological in nature, and toxic byproducts would prohibit any 

therapeutic or in vivo applications.  Given these parameters, an acetal constructed from 

HEMA and acetone, a dimethyl acetal, is a logical candidate for initial 

investigation.127;137;140;141   

This chapter describes the synthesis of a novel, di-methacrylate, dimethyl acetal-

containing cross-linker, and a facile method to prepare robust phospholipid vesicles using 

commonly available phospholipids stabilized by formation of an interpenetrating, acid-

labile, cross-linked polymer network that can be controllably destabilized and degraded.   

The polymer composition and vesicle structure were determined by FT-IR spectroscopy, 

and the acid-catalyzed degradation characterized as a function of pH and correlated to the 

phospholipid membrane integrity using a combination of solubility tests, TEM, dynamic 
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light scattering, GC-MS, and size exclusion chromatography.  The implications of this 

work on intracellular, phospholipid vesicle nanosensor development and the delivery of 

high molecular weight therapeutic agents are discussed. 

 

2.2 EXPERIMENTAL 

2.2.1 Materials 

2-Hydroxyethylmethacrylate (HEMA), 2,2-dimethoxypropane (DMOP), 

anhydrous benzene, and p-toluene sulfonic acid (pTSA) were purchased from Aldrich 

and used as received.  1,2-Dioleoyl-sn-glycero-3-phosphocholine (DOPC) was purchased 

from Avanti Polar Lipids (Alabaster, AL).  Butyl methacrylate (BMA) and ethylene 

glycol dimethacrylate (EGDMA) were obtained from Aldrich and the inhibitor was 

removed using a neutral alumina column prior to use.  Irgacure 907 was purchased from 

Ciba Specialty Chemicals (Tarrytown, NY) and used as received.  A poly(BMA) 14 kD 

standard was obtained from Polymer Source, Inc. (Dorval (Montreal), Quebec H9P 2X8, 

Canada).  1H and 13C NMR were conducted on a Bruker 500 MHz instrument. 

 

2.2.2 Synthesis of 2,2-Dimethacroyloxy-1-ethoxypropane (DMOEP) 

All glassware was baked in a 150 ºC oven for 24 h prior to use.  The synthesis 

was performed in a 250 mL round bottom flask using a Dean-Stark trap and water-cooled 

reflux condenser sealed with a septum at one end.  Prior to synthesis, 16 mL of dry 

molecular sieves were added to the Dean-Stark trap, and the apparatus was evacuated and 

backfilled with Ar three times.  HEMA (20.0 mL, 165 mmol), DMOP (10.1 mL, 82.1 
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mmol), anhydrous benzene (100 mL), and pTSA (52.5 mg, 0.276 mmol) were added to 

the flask, and the entire apparatus flushed with Ar.  The reaction was heated and refluxed 

for 20 h at 95 ºC.  Benzene was then removed by distillation and drained using the valve 

on the Dean-Stark trap.  The product was purified by column chromatography on silica 

using a mobile phase of 85:14:1 hexane:ethyl acetate:TEA.  The fractions containing pure 

product as determined by TLC were pooled, the solvent removed by rotary evaporation, 

and the product dried overnight under vacuum yielding 18.6 g (75.4 % yield).  The 

product was stored at -80 ºC, and passed through neutral alumina prior to use.   

1H NMR (500 MHz, CDCl3) δ 1.396 (6H, s, C(CH3)2); 1.954 (6H, s, 

OCOCCH3CH2); 3.711 (4H, t, J = 5 Hz, C(CH3)2(OCH2CH2O)2); 4.280  (4H, t, J = 5 Hz, 

C(CH3)2(OCH2CH2O)2); 5.568 (2H, bs, OCOCCH3CH2 – syn to methyl); 6.110  (2H, d, J 

= 6 Hz, OCOCCH3CH2 – anti to methyl).  13C NMR (125 MHz, CDCl3) δ 18.287 

(OCOCCH3CH2), 24.756 (C(CH3)2), 58.845 (C(CH3)2(OCH2CH2O)2), 63.940 

(C(CH3)2(OCH2CH2O)2), 100.109 (C(CH3)2), 125.491 (OCOCCH3CH2), 136.143 

(OCOCCH3CH2), 167.208 (OCOCCH3CH2).  FT-ICR MS. M+Na+ = C15H24O6Na, m/z = 

323.1475 Da observed, m/z = 323.1471 calculated, error = 1 ppm.  (See Appendix A for 

raw data) 

 

2.2.3 Preparation of DOPC vesicles 

Unilamellar vesicles were prepared by placing 10 mg of DOPC in chloroform in a 

glass vial, removing the solvent with a stream of Ar, and drying the lipid under vacuum 

for four h.  The lipid was rehydrated with 1 mL buffer consisting of 10 mM phosphate or 
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10 mM citrate (pH 7.4 in both cases), 137 mM NaCl, and 2.7 mM KCl (PBS and CBS, 

respectively) by vortexing and shaking in a warm water bath (42 ºC).  Lipid solution was 

freeze-thawed ten times using a dry ice/isopropanol bath (-79 ºC) and a warm water bath 

(42 ºC).  The resulting multilamellar vesicles were extruded 21 times through two 

Nucleopore polycarbonate membranes with a mean pore diameter of 200 nm. 

 

2.2.4 Polymer stabilization of DOPC vesicles 

A 30 µL aliquot of 10 mg/mL Irgacure 907 in MeOH (0.30 mg, 1.1 µmol, 8.4 

equiv) was placed in a glass vial, the MeOH evaporated under a stream of Ar, and dried 

under vacuum for 10 min.  One mL of 200 nm DOPC vesicles (10 mg total lipid, 13 

µmol, 100 equiv) was added to the dried initiator and stirred in the dark for 30 min.  

BMA (2.40 µL, 15 µmol, 120 equiv) and EGDMA (2.00 µL, 11 µmol, 83 equiv) were 

added to the vesicle suspension and stirred overnight after which the suspension was 

diluted to 2 mg/mL DOPC, placed in a quartz cuvette, and purged with Ar for 10 min.  

The cuvette was sealed with a Teflon stopper and the vesicles polymerized with UV 

irradiation (100 W mercury lamp, Newport model 6281 with Newport 69907 power 

supply operated at 100 W) for 30 min with a water IR filter and a UV band-pass filter 

(Edmund U-330).  This procedure was also used to make acid degradable vesicles with 

the following modifications: 24.7 µL 10 mg/mL Irgacure 907 (0.25 mg, 0.83 µmol, 6.9 

equiv), 1.99 µL BMA (1.8 mg, 13 µmol, 98 equiv), and 2.42 µL DMOEP (2.6 mg, 8.8 

µmol, 69 equiv). 
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2.2.5 Transmission electron microscopy (TEM) of stabilized vesicles 

Small mica squares coated with a 5 nm thick carbon layer were dipped into the 

desired solution of vesicles, and dropped into a saturated solution of uranyl acetate.  The 

delaminated carbon film was retrieved using a 300-mesh TEM grid, and filter paper was 

used to wick away the excess liquid.  The samples were analyzed using a JEM-100CX-II 

(JOEL) electron microscope operated at 80 kV. 

 

2.2.6 Dynamic light scattering 

An aliquot containing 0.04 mg lipid was diluted to 0.8 mL with matching buffer, 

and analyzed using a BI8000 autocorrelator (Brookhaven Instrument Corp., Holtsville, 

NY) with the scattering angle held constant at 90º.  Cumulant analysis was applied to 

determine particle sizes of micellar assemblies.  The samples were spiked with aliquots of 

50 mM Triton X-100 producing the desired surfactant to lipid mole ratio, triturated, and 

reanalyzed. 

 

2.2.7 GC-MS analysis of volatile byproducts 

A 1.60 mL aliquot of polymer-stabilized vesicle (10 mg/mL lipid) suspension was 

placed in a clean 20-mL headspace vial, and the pH was adjusted using HCl.  The vials 

were sealed and stored in the dark for two weeks.  The byproducts were analyzed by 

immersing an 85 µm Carboxen SPME fiber (Supelco) into the sample for 10 min without 

stirring, and injecting the adsorbed material into a HP 5890 GC with a HP 5971 Mass 
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Selective Detector.  The column was held at 50 ºC for 4 min, and the temperature was 

then increased linearly to 250 ºC at 15 ºC/min. 

 

2.2.8 Size exclusion chromatography 

Stabilized vesicles were formed as above with the exception of substituting 3.3 

mg/mL 40 kDa rhodamine B-labeled dextran in PBS or CBS for the rehydration buffer.  

Vesicles were separated from the unencapsulated dextran using a Sepharose CL-4B 

column (1.5 cm x 27 cm, 1.1 mL/min matching buffer) immediately after extrusion and 

thus, prior to stabilization.  At the desired time intervals, a 0.1 mL aliquot was analyzed 

by SEC using a Sepharose CL-4B column (0.7 cm x 16 cm, 0.22 mL/min matching 

buffer), collecting 0.50 mL fractions, and analyzing the fractions for the presence of 

rhodamine B using a PTI QuantaMaster™ spectrofluorometer (Lawrenceville, NJ).  (See 

Appendix A for raw data) 

 

2.2.9 Separation of the polymer scaffold from lipid bilayers  

The aqueous solution of polymer-stabilized vesicles was lyophilized using a 

FreeZone freeze dry system (Labconco). For lipid-polymer mixtures composed of 

DOPC/BMA, the white powder collected from lyophilization was dissolved in 0.5 mL of 

THF. The THF solution was added to 5 mL of stirring methanol dropwise to separate the 

lipids and polymers.  For lipid-polymer mixtures composed of DOPC/BMA/EGDMA (or 

DMOEP), the white powder collected from lyophilization was dispersed in 4 mL of THF. 

The lipids dissolved in THF while the polymers precipitated.  The polymer precipitates 
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were collected by centrifugation, and washed with methanol five times.  The isolated 

polymers were collected and dried under vacuum. 

 

2.2.10 Acid-catalyzed degradation of isolated cross-linked polymers  

The cross-linked polymers were dispersed in THF, hydrochloric acid (2 M) was 

added into the THF solution dropwise, until an apparent pH of 2.0 was reached, as 

measured with pH paper. After incubating the polymer dispersion in acidified THF 

overnight, the solution was neutralized by adding 2 M KOH and then lyophilized. The 

dried polymer was collected and washed with water five times to reduce the salt content, 

then dried and dissolved in THF for further analysis.  The polymer obtained from vesicles 

stored at pH 7.0 was suspended in THF spiked with a volume of water equivalent to the 

volume of 2M HCl added for acidified THF solutions. 

 

2.3 RESULTS AND DISCUSSION 

2.3.1 DMOEP synthesis and characterization 

DMOEP was synthesized using a modified version of previously published 

procedures for acetal-containing cross-linkers.229-232  The reaction progress was 

monitored by TLC using 1:1 (v/v) hexanes:ethyl acetate; the Rf values for HEMA and 

DMOEP were ~0.5 and ~0.9, respectively.  The reaction slowed significantly after 16 h, 

and the identity of the product was confirmed by FT-ICR MS, 1H NMR, and 13C NMR.  

The product mass, as determined by FT-ICR MS, was only 1 ppm different from the 

predicted mass, while the 1H and 13C NMR spectra displayed peaks with the predicted 
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chemical shifts and proper integration values.127;132  The reaction yield was 75%, and 

DMOEP was determined to have a density of 1.09 g/mL.  Stabilized 1,2-dioleoyl-sn-

glycero-3-phosphocholine (DOPC) vesicles were prepared by fabricating an acid-

cleavable, highly cross-linked copolymer within the hydrophobic lamella of the pre-

organized vesicle assembly using DMOEP and BMA similar to previous works using 

EGDMA and BMA (Figure 2-1).  The inclusion of acid-cleavable acetal moieties within 

the highly cross-linked network was hypothesized to enable degradation into smaller 

linear polymers in acidic environments that may be encountered in biological systems, 

e.g., lysosomes, stomach, or tumors, in a manner analogous to acid-degradable 

acrylamide and methacrylate-based polymers.229-237 
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Figure 2-1:  Formation and Degradation of Stabilized Vesicles.  Hydrophobic monomers partition into the 
pre-assembled vesicle bilayer and are polymerized by UV photoirradiation.  Upon exposure to acidic 
media, the highly cross-linked polymer backbone is degraded, allowing chemical or physical disassembly 
of the vesicle structure. 

 

2.3.2 FT-IR analysis of templated polymer and acid-catalyzed degradation 

The templated polymer formed within the DOPC vesicles was isolated and 

analyzed by FT-IR spectroscopy.  Provided the DOPC lipids are not covalently linked to 

the templated polymer, exposure to organic solvent will dissolve the lipids and precipitate 

the high molecular weight templated polymer.  Precipitation in organic solvent was used 

to isolate templated polymer composed of BMA/EGDMA and BMA/DMOEP, and the 

polymers were compared to the starting materials as well as the corresponding 

DOPC vesicle 

= ● 

hν 

■, ● 

= ■ 

DOPC 
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homopolymers and copolymers (Figure 2-2,3,4).  Polymers containing DMOEP were 

also exposed to acidic conditions to assess the structural effects of acid-catalyzed 

degradation. 

The DOPC lipids were removed from the templated BMA/EGDMA and 

BMA/DMOEP polymers because the ratios of CH stretch intensity to carbonyl intensity 

match that of the copolymerized monomer (Figure 2-2,3,4).  The inclusion of DOPC 

should significantly increase the CH stretch intensity relative to other functionalities, an 

effect not observed in the FT-IR spectra.  Additionally, the C=C peaks characteristic of 

DOPC, 3008 and 1660 cm-1, are not present in the templated polymers.  This result is 

consistent with the observation by Gomes et al. that lipids can be removed from 

templated methacrylate polymer structures through solubilization.114 

The identification of BMA/cross-linker copolymer was difficult to discern 

because poly(BMA) lacked strong peaks distinguishable from poly(EGDMA) and 

poly(DMOEP).  However, a weaker CH rock at 1068 cm-1 was present in both the 

poly(BMA) and templated BMA/EGDMA, but not in poly(EGDMA) suggesting that a 

copolymer is formed.  In the templated BMA/DMOEP, the peak at 1068 cm-1 was 

obscured by a more intense peak from poly(DMOEP) making the same characterization 

impossible.  The likelihood of templated BMA/DMOEP copolymerization is high 

because the monomers copolymerize in solution, and BMA and EGDMA copolymerize 

when templated.   A small quantity of monomer remained in the templated polymers as 

signified by the small peaks present at 1296 (acrylate), 1322 (acrylate), and 1640 cm-1 

(vinyl).  The residual monomer most likely originates from EGDMA or DMOEP in 
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which only one monomer was polymerized.  When the DMOEP-containing polymers 

were subjected to acid hydrolysis, the acetal peak at 1100 cm-1 was eliminated in both the 

poly(DMOEP) homopolymer and poly(BMA/DMOEP) copolymer while CO and OH 

stretch peaks appeared at 1025 and 3420 cm-1, respectively.  The changes observed as a 

result of acid-catalyzed degradation are consistent with acetal cleavage resulting in 

aliphatic hydroxyl groups.  The templated BMA/DMOEP displayed more significant 

spectral changes making a full description impossible, but a new peak observed at 1025 

cm-1 suggests the acetal functionality was cleaved. 
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Figure 2-2:  FT-IR spectra of DOPC, bis-SorbPC, BMA, EGDMA, and DMOEP.  These were the primary 
components for constructing stabilized vesicles using the polymer templating method. 
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Figure 2-3:  FT-IR spectra of poly(BMA), poly(EGDMA), poly(DMOEP), poly(BMA/EGDMA), and 
poly(BMA/DMOEP).  These are bulk polymerized samples of the potential methacrylate polymers and 
copolymers formed during the polymer templating method. 
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Figure 2-4:  FT-IR spectra of acid digested poly(DMOEP), acid digested poly(BMA/DMOEP), vesicle 
templated poly(BMA/EGDMA), vesicle templated poly(BMA/DMOEP), and acid digested vesicle 
templated poly(BMA/DMOEP). 

4000 3000 2000 1000

Wavenumber (cm-1)

po
ly

(D
M

O
E

P
)

di
ge

st

po
ly

(B
M

A
/

D
M

O
E

P
)

di
ge

st

V
es

ic
le

po
ly

(B
M

A
/

E
G

D
M

A
)

V
es

ic
le

po
ly

(B
M

A
/

D
M

O
E

P
)

V
es

ic
le

po
ly

(B
M

A
/

D
M

O
E

P
)

di
ge

st

CH stretch

3420 cm-1; OH stretch

3420 cm-1; OH stretch

3420 cm-1; OH stretch

1025 cm-1; CH2-OH

1025 cm-1; CH2-OH

1025 cm-1; CH2-OH

1726 cm-1; C=O 1296 cm-1; -CH=CH2

1322 cm-1; -CH=CH2

1640 cm-1; -CH=CH2

1296 cm-1; -CH=CH2

1322 cm-1; -CH=CH2

1640 cm-1; -CH=CH2

4000 3000 2000 1000

Wavenumber (cm-1)

po
ly

(D
M

O
E

P
)

di
ge

st

po
ly

(B
M

A
/

D
M

O
E

P
)

di
ge

st

V
es

ic
le

po
ly

(B
M

A
/

E
G

D
M

A
)

V
es

ic
le

po
ly

(B
M

A
/

D
M

O
E

P
)

V
es

ic
le

po
ly

(B
M

A
/

D
M

O
E

P
)

di
ge

st

CH stretch

3420 cm-1; OH stretch

3420 cm-1; OH stretch

3420 cm-1; OH stretch

1025 cm-1; CH2-OH

1025 cm-1; CH2-OH

1025 cm-1; CH2-OH

1726 cm-1; C=O 1296 cm-1; -CH=CH2

1322 cm-1; -CH=CH2

1640 cm-1; -CH=CH2

1296 cm-1; -CH=CH2

1322 cm-1; -CH=CH2

1640 cm-1; -CH=CH2



 

 

117

2.3.3 Solubility observations on the effects of acid-catalyzed degradation 

To qualitatively determine the pH-dependent stabilization of the polymer 

templated DOPC/BMA/DMOEP vesicles, as well as ascertain a rough estimate of 

polymer molecular weight, a series of solubility experiments were performed.  Figure 2-5 

presents representative data obtained from three experiments.  For these experiments, 

polymer-stabilized vesicles were prepared and stored at either pH 2.0 or 7.4 overnight.  

The polymer was then separated from the lipid via methanol/THF washes and stored in 

THF overnight as indicated.  When DOPC/BMA/DMOEP polymer-stabilized vesicles 

were stored at neutral pH and the isolated polymer was suspended in acidified THF, the 

polymer was solubilized (OD < 0.01) (Figure 2-5A,E).  Conversely, when the isolated 

polymer was suspended in neutral THF after overnight storage at neutral pH, the polymer 

was insoluble (OD = 0.94) (Figure 2-5B,E).  When DOPC/BMA/DMOEP polymer-

stabilized vesicles were stored overnight at pH 2.0, followed by extraction and 

resuspension of the polymer in neutral THF, partial solubilization of the polymer was 

observed (OD = 0.72) (Figure 2-5C,E).  To ensure that THF was not responsible for the 

partial polymer solubilization observed in Figure 2-5C, polymer was isolated from 

DOPC/BMA/DMOEP polymer-stabilized vesicles stored at pH 7.4, lyophilized and 

resuspended in pH 2.0 aqueous buffer overnight (Figure 2-5D).  The resulting 

solubilization was similar to that seen in acidified THF.  The increased solubility after 

exposure to acidic conditions is likely due to the degradation of the acetal cross-links 

within the cross-linked polymer, generating smaller, linear polymers that are highly 

soluble in THF, as observed for 14 kDa poly(BMA) (Figure 2-5F).  Combined, these 
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observations suggest that the phospholipid membrane shields the polymer from acid 

degradation to some degree, allowing only partial conversion to linear polymers.  

However, it is unclear whether the low conversion of the polymer network renders the 

vesicle more sensitive to degradation.  Thus, a key question is whether the low 

conversion of the polymer network observed is sufficient to affect the overall stability of 

DOPC/BMA/DMOEP polymer-stabilized vesicles thereby rendering the architecture 

more prone to vesicle disassembly in the presence of chemical or physical insults. 
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Figure 2-5:  pH-dependent solubility of isolated BMA/DMOEP copolymer.  A) BMA/DMOEP copolymer 
isolated from DOPC liposomes stored at pH 7.4, followed by overnight suspension in acidified THF.  B) 
BMA/DMOEP copolymer isolated from DOPC liposomes stored at pH 7.4, followed by overnight 
suspension in neutral THF.  C) BMA/DMOEP copolymer isolated from DOPC liposomes stored at pH 2.0, 
followed by overnight suspension in neutral THF.  D) BMA/DMOEP copolymer isolated from DOPC 
liposomes, resuspended in pH 2.0 aqueous buffer overnight.  E)  Optical density measurements for samples 
collected following overnight incubation in THF as described in A), B) and C).  Measurements were made 
at 330 nm.  F) Poly(BMA) (14 kDa) dissolved in THF.  This data was collected by Yaning Ma.125 

 

F 
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2.3.4 TEM imaging of DOPC/BMA/DMOEP vesicles 

Biological environments are typically rich in phospholipid membranes, wherein 

phospholipid vesicles may fuse upon contact.  To address whether the polymer-stabilized 

vesicles are potentially suitable for utilization in harsh biological and chemical 

environments, pH-dependent vesicle stability was probed using TEM of vesicles stored 

under a variety of conditions (Figure 2-6).  Most notably, a 10:1 mole ratio of surfactant 

to lipid was used to simulate a harsh chemical environment in which vesicle stability 

strongly suggests the ability to remain intact in membrane-rich biological environments.  

When DOPC/BMA/DMOEP polymer-stabilized vesicles were stored at pH 7.4 in both 

the absence and presence of excess surfactant (10:1 Triton X-100:DOPC mole ratio), 

intact vesicle structures were observed (Figure 2-6A,B).  The presence of vesicle 

structures in both the absence and presence of excess surfactant proves that the 

BMA/DMOEP copolymer stabilizes the vesicles significantly.  Conversely, when 

DOPC/BMA/DMOEP polymer-stabilized vesicles were stored at pH 4.0, intact vesicles 

were observed in the absence of surfactant, but not in the presence of surfactant (Figure 

2-6C,D).  Therefore, the stabilization afforded by the supporting polymer has been 

reduced but not completely, suggesting partial retention of the cross-linked polymer 

network.  Furthermore, DOPC/BMA/DMOEP polymer-stabilized vesicles stored at pH 

2.0 yielded no intact structures upon TEM imaging (Figure 2-6 E,F), and DOPC vesicles 

lacking a polymer network displayed a complete absence of intact structures (Figure 2-6 

G,H).  The strong acidic environment degraded the cross-linked polymer network such 

that there was no discernable difference between the degraded, stabilized vesicles and 
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vesicles lacking additional support. These results support the hypothesis that the 

BMA/DMOEP copolymer stabilization is strongly pH-dependent, and exposure to acidic 

conditions progressively converts the cross-linked polymer network to smaller, linear 

polymers destabilizing the vesicle architecture.  Based on the observations of vesicles 

stored at pH 7.4 and 4.0, it appears that the polymer network, when robust, limits 

surfactant removal of lipids from the vesicle construct.  Without additional support, 

exposure to surfactant will extract the phospholipid leaving a hollow, spherical polymer 

network that is likely to adopt a condensed morphology in aqueous solution and leave 

little visual evidence when dried.  However, the vesicles stored at pH 7.4 and exposed to 

surfactant remain visible.  Therefore, enough phospholipid must remain to prevent the 

polymer network from collapsing at pH 7.4, but at pH 4.0 and below, no vesicle 

structures are visible after surfactant exposure supporting the hypothesis that surfactant 

efficiently removes the phospholipid after partial degradation of the polymer network. 
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Figure 2-6:  TEM images of BMA/DMOEP polymer-stabilized DOPC phospholipid vesicles stored at A) 
pH 7.4, B) pH 7.4 and spiked with a 10:1 mole ratio of Triton X-100:DOPC, C) pH 4.0, D) pH 4.0 and 
spiked with a 10:1 mole ratio of Triton X-100:DOPC, E) pH 2.0, F) pH 2.0 and spiked with a 10:1 mole 
ratio of Triton X-100:DOPC, G) DOPC vesicles stored at pH 7.0, and H) DOPC vesicles stored at pH 7.0 
and spiked with a 10:1 mole ratio of Triton X-100:DOPC.  All scale bars represent 200 nm. 

 

2.3.5 Dynamic light scattering analysis of DOPC/BMA/DMOEP and 

DOPC/BMA/EGDMA vesicles 

Dynamic light scattering (DLS) analysis performed on the same samples provided 

complementary results.  DOPC/BMA/DMOEP polymer-stabilized vesicles were prepared 

with a nominal mean diameter of 200 nm; the sample was split, and stored at pH 7.4, pH 

5.0, pH 4.0, or pH 2.0.  The normalized scatter intensity (NSI), a measure of the effective 

concentration of the scattering species, and mean diameter were then recorded before and 

after addition of excess surfactant (10:1 mole ratio).238  Both the size and NSI of vesicles 

prepared using DMOEP and stored at pH 7.4 remained stable over 28 days (Figure 2-7A).  

These observations suggest that the vesicles remained as stable as when originally 

C G E A 
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prepared for at least four weeks of storage.  For vesicles stored at pH 5.0, the mean 

diameter and NSI in the absence of surfactant and the NSI in the presence of surfactant 

did not change significantly during the 28 day obserservation (Figure 2-7B).  However, 

the addition of excess surfactant markedly altered the size distribution causing an 

increase to 450 nm by day 14.  Taken together, these data suggest that the vesicle 

morphology changed significantly during the first two weeks of exposure to pH 5.0, but 

that the polymer network was not completely destabilized.  Vesicles stored at pH 4.0 

demonstrated similar trends as vesicles stored at pH 5.0, but at an accelerated rate (Figure 

2-7C).  The vesicles, in the presence of surfactant, increased in size over a period of two 

days instead of two weeks.  This illustrates the pH-dependent nature of vesicle 

degradation, and confirms the trend observed at pH 5.0.  When combined with the 

observations from TEM, these data support the hypothesis that degradation of the 

templated polymer occurs in a pH-dependent manner, and that upon exposure to excess 

surfactant, the lipids are increasingly removed from the templated polymer.  The residual 

polymer segments then aggregate due to the hydrophobic effect, thus, producing the large 

particles observed by DLS.  When dried for TEM, the forces supporting aggregation are 

removed, and the polymer aggregates fall apart leaving no visual evidence.  The trends 

observed when the vesicles were stored at pH 2.0 differed significantly from the vesicles 

stored at less acidic pHs (Figure 2-7D).  The mean vesicle diameter in the absence of 

surfactant increased while the NSI decreased both in the presence and absence of 

surfactant.  After one day, the NSI of the vesicles in the presence of surfactant was 

equivalent to that of a micellar solution meaning that the vesicle concentration was 
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effectively zero.  The increase in vesicle size in the absence of surfactant may be due to 

vesicle fusion, since the steric hindrance of the supporting polymer network has been 

significantly reduced.  These results strongly suggest rapid, complete destabilization at 

pH 2.0, allowing vesicle dissolution upon addition of surfactant.  Together, these data 

support the formation of a BMA/DMOEP copolymer that stabilizes the vesicles for a 

defined, extended time, yet provides for pH-dependent destabilization of the vesicle 

architecture. 

 

Figure 2-7:  DLS analysis of DOPC/DMOEP vesicles stored at pH 7.4 (A), 5.0 (B), 4.0 (C), and 2.0 (D).  
The mean diameter (■, ●) and normalized scatter intensity (▲, ▼) were determined in the absence (■, ▲) 
and presence (●, ▼) of a 10:1 molar ratio of Triton X-100 to DOPC.  The scatter intensity was background 
corrected and normalized against the amount of light scattered by the pH 7.4 sample at day 0 in the absence 
of surfactant. 
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Vesicles prepared using EGDMA, in substitution for DMOEP, exhibited marked 

stability in both size and NSI during the analysis period (Figure 2-8).  This was expected 

since the storage conditions are mild, and the cross-linking agent, EGDMA, lacks an 

acetal.  The only significant change observed occurred in the NSI of vesicles stored at pH 

2.0 and exposed to excess surfactant.  This change signifies a decrease in the effective 

vesicle concentration as no corresponding change in diameter is observed.  Therefore, the 

change in NSI is unlikely to signify a significant change in the structure of the stabilized 

vesicles. Taken together, the minor changes in DLS data for vesicles stabilized with the 

cross-linking agent EGDMA, which lacks an acetal, signifies that the differences 

observed for vesicles incorporating DMOEP are attributable to the presence of an acetal 

moiety and its subsequent hydrolysis.  Additionally, the failure to increase in size upon 

exposure to surfactant supports the hypothesis that partial destabilization of the 

supporting polymer network enhances lipid removal. 

 

Figure 2-8:  DLS analysis of DOPC/EGDMA vesicles stored at pH 7.4 (A) and 2.0 (B).  The mean 
diameter (■, ●) and normalized scatter intensity (▲, ▼) were determined in the absence (■, ▲) and 
presence (●, ▼) of a 10:1 molar ratio of Triton X-100 to DOPC.  The scatter intensity was background 
corrected and normalized against the amount of light scattered by the pH 7.4 sample at day 0 in the absence 
of surfactant. 
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2.3.6 GC-MS analysis of acid-catalyzed degradation byproducts 

The chemical nature of the destabilization was investigated further to determine if 

decreased vesicle stability resulted from: a) hydrolysis of esters in the copolymer to yield 

poly(methacrylic acid), which is likely insoluble in the bilayer lamella; b) cleavage of 

acetal cross-links yielding a linear polymer network; or c) a combination of the two. GC-

MS analysis showed no byproducts of cleaved esters, 1-butanol or 1,2-dihydroxyethane, 

ruling out ester cleavage (Figures 2-9 to 12).  All chromatograms contained only two 

peaks, neither of which was present in the blank sample.  The first, at 1.53 min, was 

identified as acetone, and the second, at 7.28 min, was determined to be HEMA.  These 

two compounds are products of DMOEP hydrolysis, and both increased in concentration 

in a pH-dependent manner (Table 2-1).  Acetone observed at pH 7.4 likely results from 

DMOEP that hydrolyzed before partitioning or failed to polymerize and degraded after 

partitioning back into the aqueous phase (this quantity was normalized to 100).  At pH 

4.0 and pH 2.0, the normalized acetone increased to 124 and 212, respectively, after 7 

days of storage.  These results further support the hypothesis that vesicle destabilization 

follows a pH-dependent process, and as a result the vesicles are stable at pH 7.4, are only 

partially degraded at pH 4.0, and are fully degraded at pH 2.0. 
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Figure 2-9:  GC-MS Total Ion Current (TIC) chromatogram of 10 mM citrate pH 7.4, 140 mM NaCl. 

 

Figure 2-10:  GC-MS TIC chromatogram of DOPC/BMA/DMOEP vesicles stored in 10 mM citrate pH 
7.4, 140 mM NaCl. 
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Figure 2-11:  GC-MS TIC chromatogram of DOPC/BMA/DMOEP vesicles stored in 10 mM citrate pH 
4.0, 140 mM NaCl. 

 

Figure 2-12:  GC-MS TIC chromatogram of DOPC/BMA/DMOEP vesicles stored in 10 mM citrate pH 
2.0, 140 mM NaCl. 

 

pH Acetone Area (•106) Norm Acetone HEMA Area (•106) 
7.4 3.3 100 1.1 
4.0 4.0 124 1.5 
2.0 6.9 212 1.6 

Table 2-1:  Identification and peak areas for GC-MS analysis of DOPC/BMA/DMOEP stabilized vesicles. 

 

2.3.7 Dextran leakage from polymerized DOPC/BMA/DMOEP vesicles 

A potential application of acid-labile, polymer-stabilized phospholipid vesicles is 

for development of degradable intracellular nanosensors and large molecule drug 

delivery, where the vesicle’s ability to encapsulate, retain, and then release materials 

coupled with the capability to modify the surface for cell- or tissue-specific targeting are 

key advantages.  To test the ability of stabilized vesicles to retain encapsulated materials, 

a 40 kDa fluorescent dextran was encapsulated in DOPC/BMA/DMOEP vesicles, and 
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pH-dependent leakage was measured using size exclusion chromatography (Figure 2-13).  

After isolating and polymerizing vesicles containing fluorescent dextran, a small amount 

of free dextran was observed due to vesicle rupture, likely resulting from vesicle fusion to 

the quartz cuvette used during polymerization.  The quantity of dextran released by the 

pH 7.4 vesicles remained unchanged for at least one week whereas vesicles stored at pH 

4.0 exhibited gradual dextran leakage during the same time period.  The quantity of 

dextran liberated at pH 2.0 increased dramatically within the first 24 h.  These increases, 

however, only corresponded to release of 18 % or less of the original encapsulated 

material, suggesting that many of the vesicles, although now lacking the additional 

polymer-assisted stability, maintained their structure. 

 

Figure 2-13:  DOPC/BMA/DMOEP vesicles stored at the listed pHs were analyzed by SEC to determine 
the amount of free fluorescent dextran. 
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Treatment of vesicles with surfactant prior to analysis resulted in the elimination 

of the vesicle encapsulated peak at all pHs, and an increase in the peak area 

corresponding to released dextran (Appendix A).  The release of dextran upon exposure 

to surfactant proves that sufficient lipid can be removed from the associated polymer 

vesicles to form pores that allow dextran to diffuse out.  This is not unexpected as the 

lipids are not covalently attached to the polymer scaffold, and other lipids have been 

removed from associated polymer-stabilized vesicles.218;239  This information completes 

the structural scheme of how DOPC/BMA/DMOEP vesicles change as a function of acid-

catalyzed degradation (Figure 2-14).  After polymerization, a BMA/DMOEP copolymer 

is formed within the phospholipid bilayer, and stabilizes the vesicle enough to prevent 

conversion into mixed micelles upon surfactant exposure, but does not prevent the 

removal of some lipid (Figure 2-14 pH 7.4).  The remaining lipid prevents the polymer 

network from collapsing in on itself making it visible by TEM, but the resulting porous 

structure allows high molecular weight materials to diffuse passively out of the vesicle.  

Storage in solution at physiological pH maintains this structure for at least one month.  

Exposure to moderately acidic conditions hydrolizes the acetal cross-links converting the 

stabilizing, cross-linked, lamella-associated polymer into a series of smaller linear 

polymers (Figure 2-14 pH 4.0 & 5.0).  The reduced stability is still sufficient to stabilize 

the vesicles to drying, but allows surfactant to remove additional lipid which causes the 

residual polymer network to collapse and aggregate in solution.  When dried for TEM, 

the polymer aggregates disassemble and cannot be visualized.  At highly acidic pH, the 
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acetal cross-links are rapidly degraded destabilizing the vesicle to both drying and 

surfactant (Figure 2-14 pH 2.0). 

 

Figure 2-14:  Structural schematic of DOPC/BMA/DMOEP membrane as a function of pH and surfactant. 

 

2.4 CONCLUSION 

Acid-labile, polymer-stabilized phospholipid vesicles utilizing an acetal-

functionalized methacrylate monomer were prepared, and the resulting vesicles were 

composed of a methacrylate copolymer that was noncovalently associated with the 

surrounding phospholipid bilayer.  The vesicles were stable at physiological pH for 

extended periods of time, while exhibiting pH-dependent and time-dependent 

destabilization.  The resulting stabilized vesicle architecture can be envisioned to enter a 

biological environment wherein a change in pH (e.g., as found in lysosome, stomach, 

tumor, etc.) partially degrades the polymer network that has to this point imparted the 

enhanced stability required to cross the cell membrane and survive in membrane-rich 

biological environments.  Upon partial destabilization of the polymer network, the vesicle 

is now susceptible to lipid removal, vesicle fusion, and other chemical and biological 
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destabilization events, thus allowing cargo to be delivered and enhancing clearance from 

the biological environment.  The transiently stabilized vesicle concept presented herein 

may prove useful for chemical sensing applications and delivery of high molecular 

weight therapeutics with improved physiological degradation and clearance properties as 

better control of the temporal and pH-dependent degradation is realized. 
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3 CHAPTER 3:  ACETAL-CONTAINING, POLYMER-TEMPLATED, 

SORBYL LIPID BILAYER STRUCTURE AND ACID-CATALYZED 

DEGRADATION 

 

3.1 INTRODUCTION 

Phospholipid vesicles are nanometer-sized, biocompatible structures composed of 

a phospholipid bilayer that encapsulates an isolated, aqueous environment.  Cells utilize 

phospholipid vesicles in numerous ways including to isolate chemical processes and 

increase their efficiency, and to transport materials throughout the cell.  Intracellular 

nanosensors and novel therapeutic delivery systems have been proposed based upon 

replication of cellular applications.  One advantage of phospholipid vesicles for 

biological applications is the biocompatibility of the vesicle structure, which limits 

interaction between the cellular environment and the vesicle contents.9;72;73;240  The 

hollow core structure of phospholipid vesicles shields encapsulated contents from many 

chemical and physical insults, while providing a platform adaptable to specific 

biochemical needs such as localization and cellular uptake via lipid tail composition, 

head group composition, and chemical modification of the vesicle surface.9;160  

Additionally, high molecular weight “cargo” including nucleic acids, proteins, and 

enzymes has been encapsulated allowing for many potential applications since the 

phospholipid bilayer mitigates the inherent difficulties of protease degradation and 

targeting specific tissues or cell types.154-156;158;160;163;164   
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The application of phospholipid vesicle constructs to biological systems is limited 

primarily by an inherent lack of membrane stability.69-73  Exposure to chemical and 

physical stresses such as surfactant, air, and drying can disrupt the vesicle membrane 

causing loss of functionality or cargo exposure at an undesired time or location.74  

Additionally, undesired fusion is a particular concern given the prevalence of 

phospholipid membranes in the cellular environment.  One solution is to stabilize the 

phospholipid vesicle so that degradation only occurs upon reaching the desired 

destination, releasing the cargo at the appropriate location and promoting physiological 

clearance.   

Vesicle stabilization has been achieved via several methods, including:  a) 

cholesterol; b) synthetic, polymerizable phospholipids; and c) polymer templating.70-73;76-

78  The addition of cholesterol to phospholipid membranes stiffens the membrane and 

reduces membrane fusion, but does not stabilize phospholipid membranes to stronger 

chemical and physical insults such as drying.  Therefore, cholesterol-stabilized 

membranes are not amenable to lypholization for long term storage.  Synthetic, 

polymerizable phospholipids with a variety of monomer functionalities have been 

prepared.  Upon polymerization, the phospholipids form linear or cross-linked lipid 

polymers that are stable to most chemical and physical insults including drying, 

surfactant, and organic solvents.  Polymer templating involves polymerizing a 

hydrophobic, cross-linking monomer that partitions into the lamellar region of a 

phospholipid bilayer.  Upon polymerization, a polymer network is formed among the 

phospholipid tails that prevents fusion and limits surfactant removal of phospholipid.  



 

 

135

Both polymer templating and synthetic, polymerizable phospholipids irreversibly 

increase membrane stability, and are only degraded by harsh chemical or physical insults.  

However, polymer templating can integrate a milder pH-dependent disassembly 

mechanism by partitioning an acetal-containing, methacrylate cross-linker (Chapter 2).125 

Polymer-templated vesicles composed of naturally occurring phospholipids show 

potential as IC-containing sensors and therapeutic delivery agents, but are unacceptable 

for nanoreactor-based sensors because the phospholipid membranes are well-ordered and 

limit the diffusion of most compounds (exceptions include gases and low molecular 

weight esters).9;103  Nanoreactor sensors require the phospholipid bilayer to act as a 

dialysis membrane, allowing low molecular weight analytes to passively diffuse across 

the membrane and interact with the encapsulated sensing chemistry while sequestering 

larger molecules such as enzymes and proteases (Figure 1-8).  Naturally-occurring 

phospholipids do not form such permeable vesicles, but bis-SorbPC is a synthetic 

phospholipid that exhibits this property (Figure 1-28).103  The sorbyl ester disrupts lipid 

packing and produces membrane defects that allow low molecular weight compounds to 

diffuse across the membrane.   

Vesicles composed of bis-SorbPC have been efficiently stabilized using radical-

producing thermal initiators and ionic redox couples, but these methods involve harsh 

conditions likely to denature, degrade, and/or functionally disable protein-based 

components.82;84  In addition, thermal and redox polymerization of bis-SorbPC vesicles 

produces large Xn which inhibits efficient degradation.82  Bis-SorbPC vesicles have also 

been effectively stabilized using photochemical polymerization coupled with a 
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hydrophobic cross-linking monomer, Irgacure 907 and EGDMA.103  This combination of 

treatments increases vesicle stability compared to direct photoinitiation of bis-SorbPC, 

which is insufficient for passive interaction with biological phospholipid membranes.   

The methacrylate cross-linker also provides a location to incorporate a degradable 

functionality.  Similar to the degradable polymer-templated DOPC vesicles described in 

Chapter 2, an acetal-containing cross-linker could provide bis-SorbPC vesicles additional 

stability while allowing degradation under controlled conditions.125  Acetal-containing 

cross-linkers have been developed with different monomeric units and a range of pH 

sensitivities,126-136 but not all have potential for vesicle-based applications either due to 

insufficient hydrophobicity or lack of adequate acid-catalyzed hydrolysis kinetics.  

Acrylamide and methacrylate are the two most prevalent monomers, but only 

methacrylate-based cross-linkers are hydrophobic enough to partition into the vesicle 

bilayer, a property essential for the polymer templating method.76-78  The pH sensitivity 

of the acetal is also critical for efficient degradation; if the vesicle degrades at elevated 

pH, the contents may be released in the wrong location, and if vesicles only degrade at 

extremely low pH, the contents will not release quickly enough, or on an appropriate time 

scale.  The acetal cross-linker 2,2-dimethacroyloxy-1-ethoxypropane (DMOEP) stabilizes 

DOPC vesicles, remains stable at physiological pH, and subsequently degrades when 

exposed to more acidic environments.125  Structural similarity to EGDMA and proven 

functionality make DMOEP optimal for analyzing acid-catalyzed degradation 

mechanisms in polymer templated bis-SorbPC vesicles.  This chapter describes the 

development and characterization of a porous, acid-degrabable, stabilized phospholipid 
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vesicle structure and assesses the potential implications for intracellular nanoreactor-

based sensors and delivery of high molecular weight therapeutic agents. 

 

3.2 EXPERIMENTAL 

3.2.1 Materials 

Ethyl sorbate (ES), anhydrous benzene, azo-bis-isobutyronitrile (AIBN), 2,2-azo-

bis(2-methylpropionamidine) dihidrochloride (AAPD), acetyl chloride, and Sepharose 

CL-4B were purchased from Aldrich.  Ethylene glycol dimethacrylate (EGDMA) and 

methyl methacrylate (MMA) were purchased from Aldrich and passed through a neutral 

alumina column prior to use to remove the inhibitor.  Irgacure 907 was purchased from 

Ciba Specialty Chemicals (Tarrytown, NY).  TRITC labeled dextran (40 kDa MW) was 

purchased from Molecular Probes (Carlsbad, CA).  DMOEP was synthesized as 

previously described by Roberts et al.125  1,2-bis(10(2',4'-hexadieoyloxy)decanoyl)-sn-

glycero-3-phosphocholine (bis-SorbPC) was synthesized according to Lamparski et al.241  

1,2-bis(2,4-dioctadecadienoyl)-sn-glycero-3-phosphocholine (bis-DenPC) was 

synthesized according to Dorn et al.242 

 

3.2.2 Preparation of bis-SorbPC vesicles 

Unilamellar vesicles were prepared using the film hydration method.243  Briefly, 

solvent was removed a bis-SorbPC solution (containing 10 mg of lipid) under a stream of 

Ar followed by 4 h under vacuum.  The lipid was rehydrated with 1.00 mL 10 mM citrate 

buffer pH 7.4 with 137 mM NaCl and 2.7 mM KCl (CBS) by vortexing and shaking in a 
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warm water bath (42 ºC), freeze-thawed five times using a dry ice/isopropanol bath (-

79ºC) and a warm water bath (42 ºC), and extruded 21 times through two 0.2 µm 

Nucleopore polycarbonate membranes. 

 

3.2.3 Polymer stabilization of bis-SorbPC vesicles 

A 16.4 µL aliquot of 10 mg/mL Irgacure 907 in MeOH (0.59 µmol, 4.6 equiv) 

was placed glass vial, the MeOH evaporated under a stream of Ar, and dried under 

vacuum for 10 min.  The bis-SorbPC vesicle solution (200 nm diameter, 1 mL, 10 mg 

total lipid, 13 µmol, 100 equiv) was added to the dried initiator followed by 0.40 µL 

DMOEP (1.5 µmol, 12 equiv), and the vesicle suspension stirred for 2.5 h. The 

suspension was then diluted to 2.5 mg/mL bis-SorbPC, placed in a quartz cuvette, and 

purged with Ar for 10 min.  The cuvette was sealed, and the suspension UV irradiated for 

30 min using a 100 W mercury lamp (Newport; Irvine, CA) equipped with a water IR 

filter and a UV bandpass filter (Edmund U-330).  A modified version of this procedure 

was also used to make stabilized vesicles as follows: (1) 16.6 µL 10 mg/mL Irgacure 907 

(0.59 µmol, 13 equiv) and 0.30 µL EGDMA (1.6 µmol, 4.7 equiv), and (2) 14.8 µL 10 

mg/mL Irgacure 907 (0.53 µmol, 4.2 equiv) and no methacrylate cross-linker.  The 

vesicle solutions were acidified using 10% HCl, and verified by pH meter. 

 

3.2.4 Polymerization of bis-DenPC vesicles 

AIBN was recrystallized 3 times from MeOH, dried under vacuum, and dissolved 

in CHCl3 at 10 mg/mL.  AAPD was recrystallized twice from water, dried under vacuum, 
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and dissolved in water at 10 mg/mL just before use.  A 0.40 mL aliquot of 5 mg/mL bis-

DenPC (2.0 mg, 2.6 µmol, 1 equiv) in benzene was mixed with 4.2 µL AIBN solution (42 

µg, 0.26 µmol, 0.1 equiv).  The solvent was removed under a stream of Ar followed by 4 

h under vacuum.  The lipid was rehydrated with 0.5 mL 5 mM phosphate pH 7.4 by 

vortexing and shaking in a warm water bath (42 ºC), freeze-thawed five times using a dry 

ice/isopropanol bath (-79 ºC) and a warm water bath (42 ºC), and extruded 21 times 

through two 0.2 µm Nucleopore polycarbonate membranes.  A 6.9 µL aliquot of AAPD 

solution (69 µg, 0.26 µmol, 0.1 equiv) was added to the vesicle solution, bubbled with Ar 

gas for 10 min, and polymerized in the dark at 80ºC for 17 h. 

 

3.2.5 TEM of stabilized vesicles 

Mica squares coated with a 5 nm thick carbon layer were dipped into the desired 

solution of vesicles, and dropped into a saturated solution of uranyl acetate.  The 

delaminated carbon film was retrieved using a 300 mesh TEM grid, and filter paper was 

used to wick away the excess liquid.  Samples were analyzed using a JEM-100CX-II 

(JOEL) electron microscope operated at 80 kV. 

 

3.2.6 Dynamic light scattering 

One phospholipid vesicle preparation was analyzed in triplicate by dynamic light 

scattering (DLS) as previously described.244  An aliquot containing 0.04 mg lipid was 

diluted to 0.800 mL with matching buffer, and analyzed using a BI8000 autocorrelator 

(Brookhaven Instrument Corp., Holtsville, NY) with the scattering angle held constant at 
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90º.  Cumulant analysis was applied to determine particle sizes of micellar assemblies.  

The samples were spiked with aliquots of 50 mM Triton X-100 to yield the desired 

surfactant to lipid mole ratio, triturated, and reanalyzed.  Normalized scatter intensity was 

calculated as described previously by Sisson et al.74 

 

3.2.7 GC-MS analysis of volatile byproducts 

A 3.00 mL aliquot of polymer-stabilized vesicle suspension (3.33 mg/mL lipid) 

was placed in a clean 20-mL headspace vial, and the pH adjusted using HCl.  The vials 

were sealed and stored in the dark for eleven days.  Byproducts were analyzed by 

immersing an 85 µm Carboxen SPME fiber (Supelco) into the sample for 10 min without 

stirring, then injecting the adsorbed material into an Agilent 6890N GC with a Micromass 

GCT detector.  The column (Agilent DB-1MS) was held at 50 ºC for 4 min, and then 

heated to 280 ºC at 15 ºC/min. 

 

3.2.8 Transesterification and acid-hydrolysis of polymerized bis-SorbPC vesicles 

Stabilized vesicles were transesterified as previously described and the residual 

polymer analyzed by 1H NMR.82 An altered procedure was applied to acid degraded 

vesicles, as follows.  A 5.0 mg polymerized vesicle sample was stored at pH 2.0 for 11 

days, lyophilized, dissolved in 2.0 mL benzene, and sonicated at 60ºC for 1 h.  The 

supernatant was decanted, dried by rotary evaporation, and dissolved with 3.2 mL CHCl3 

and 4.0 mL 1 M NaHSO4.  The aqueous layer was then extracted five times with 3.2 mL 

CHCl3.  The organic phase was pooled and dried over anhydrous MgSO4.  The solution 
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was isolated by gravity filtration, the solvent removed by rotary evaporation, and the 

product dried under vacuum.  The transesterified polymers were dissolved in THF 

containing 2 % v/v toluene at 5 mg/mL, and analyzed by gel permeation chromatography 

(Waters 1515 isocratic HPLC pump and 2414 refractive index detector; Milford, MA; 

three Polymer Laboratories columns in series; 104 Å, 103 Å, 102 Å, PLgel 5 µm, 300 mm 

by 7.5 mm; Palo Alto, CA) with poly(MMA) standards (654 Da to 1.9 MDa).   

1H NMR (600 MHz, CDCl3) (a) transesterified poly(bis-SorbPC) δ 0.75-1.03 (3H, 

m, =CHCHCH3); 1.18-1.40 (12H, m, CH2); 1.50-1.74 (2H, m, CH2CH2R); 2.302 (2H, t, J 

= 7.8 Hz, CH2CO2CH3); 2.55-2.90 (2H, weak bs, CHCH=CHCH); 3.639  (vH, t, J = 6.6 

Hz, HOCH2CH2); 3.667 (3H, s, OCH3); 3.95-4.26 (vH, bs, CO2CH2CH2); 5.23-5.61 (2H, 

bs, CH=CH).  (b) acid-hydrolyzed poly(bis-SorbPC) δ 0.75-0.95 (3H, m, =CHCHCH3); 

1.17-1.40 (12H, m, CH2); 1.45-1.75 (2H, m, CH2CH2R); 2.355 (2H, t, J = 7.6 Hz, 

CH2CO2CH3); 2.55-2.90 (2H, weak bs, CHCH=CHCH); 3.90-4.30 (2H, bs, 

CO2CH2CH2); 5.20-5.61 (2H, bs, CH=CH).  FT-ICR MS. M+Na+ = C32H52O8Na, m/z = 

587.35530 Da observed, m/z = 587.35544 calculated, error = 0.24 ppm.  (See Appendix 

B for raw data) 

 

3.2.9 Copolymerization of monomers in solution 

Irgacure 907 (54.2 mg, 0.194 mmol, 0.0208 equiv) was dissolved in MMA (0.936 

g, 9.35 mmol, 1.00 equiv), the same mole ratio as in the bis-SorbPC vesicles, Irgacure 

907 (39.2 mg, 0.140 mmol, 0.0208 equiv) and ES (0.948 g, 6.76 mmol, 1.00 equiv) were 

dissolved in 1.00 mL benzene, and Irgacure 907 (81.1 mg, 0.290 mmol, 0.0415 equiv), 
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MMA (0.700 g, 6.99 mmol, 1.00 equiv) and ES (0.980 g, 6.99 mmol, 1.00 equiv) were 

mixed with 0.50 mL benzene.  All three solutions were polymerized using the protocol 

described for bis-SorbPC vesicles.  The viscous liquid products were added dropwise to 

100 mL stirring MeOH and the white precipitates that formed were isolated by gravity 

filtration and dried under vacuum.   

1H NMR (600 MHz, CDCl3) (a) poly(ES) δ 0.80-1.05 (3H, m, CH3CHCH=); 1.16-

1.40 (3H, bs, OCH2CH3); 1.80-3.40 (2H, m, CHCH=CHCH); 3.95-4.20 (2H, bs, 

OCH2CH3); 5.17-5.62 (2H, bs, CH=CH).  (b) poly(MMA) δ 0.849 (2H, bs, syndio 

CH3CCH2); 1.020 (1H, bs, hetero CH3CCH2); 1.37-2.10 (2H, m, CH3CCH2); 3.597 (3H, 

s, OCH3).  (c) poly(ES/MMA) δ 0.80-1.05 (3H, m, CH3CHCH=); 1.16-1.40 (3H, bs, 

OCH2CH3); 1.80-3.40 (2H, m, CHCH=CHCH); 3.95-4.20 (2H, bs, OCH2CH3); 5.17-

5.62 (2H, bs, CH=CH).  (See Appendix B for raw data) 

 

3.2.10 Dextran encapsulation and release 

Stabilized vesicles were formed as above with the exception of substituting 3.3 

mg/mL 40 kDa TRITC-labeled dextran in CBS for the rehydration buffer.  Vesicles were 

separated from the unencapsulated dextran using a Sepharose CL-4B column (1.5 cm x 

27 cm, 1.1 mL/min matching buffer) immediately after extrusion but prior to 

stabilization.  At the desired time intervals, a 0.100 mL aliquot was analyzed by SEC 

using a Sepharose CL-4B column (0.7 cm x 16 cm, 0.22 mL/min matching buffer), 

collecting 0.50 mL fractions, and analyzing the fractions for the presence of rhodamine B 
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using a PTI QuantaMaster™ spectrofluorometer (Lawrenceville, NJ).  (See Appendix B 

for raw data) 

 

3.3 RESULTS AND DISCUSSION 

This chapter describes a facile method to prepare robust phospholipid vesicles 

using synthetic, polymerizable phospholipids stabilized by the formation of orthogonal, 

intertwined, acid-labile, cross-linked polymer networks that can be controllably 

destabilized and degraded.   The polymerized vesicle structure was characterized by 1H 

NMR and GPC of transesterified vesicles, and the acid-catalyzed degradation 

characterized as a function of pH and correlated to the phospholipid membrane integrity 

using a combination of TEM, dynamic light scattering, FT-IR, GC-MS, 1H NMR, and 

size exclusion chromatography.  The implications of this work on intracellular, 

phospholipid vesicle nanosensor development and the delivery of high molecular weight 

therapeutic agents are discussed. 

 

3.3.1 Stabilization of bis-SorbPC/DMOEP vesicles 

The formation of stabilized bis-SorbPC/DMOEP vesicles required several 

significant changes to the procedure used previously for DOPC/BMA/DMOEP 

vesicles.125  After bis-SorbPC vesicles were extruded to the desired size, only 

photoinitiator (Irgacure 907) and DMOEP were added to the vesicle solution, and the 

monomer to lipid mole ratio was reduced from 1.7 for stabilized DOPC/BMA/EGDMA 

(Chapter 2) vesicles to 0.12 (Figure 3-1).  The vesicles were then stirred for 2.5 h instead 
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of overnight due to the reactivity of bis-SorbPC and main phase transition temperature 

(28ºC), which lead to an increase in vesicle size through membrane fusion as evidenced 

by an increase in opacity.  The resultant bis-SorbPC/DMOEP vesicles were polymerized 

via UV irradiation in an identical manner to DOPC/BMA/DMOEP vesicles. 
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Figure 3-1:  Formation and degradation of stabilized vesicles.  The hydrophobic monomer and 
photoinitiator partition into the pre-assembled vesicle bilayer and are polymerized by UV photoirradiation.  
The resulting polymerized structure consists of a set of interlocking, perpendicularly oriented polymer 
chains, a copolymer, or a combination of the two.  The cross-linked polymer backbone degrades upon 
exposure to acidic media, thereby allowing chemical or physical disassembly of the vesicle structure. 
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3.3.2 Structural analysis of poly(bis-SorbPC/DMOEP) vesicles 

To evaluate the polymerized phospholipid vesicle structure, the resulting chemical 

structures must be identified and the polymer chains characterized.  NMR, GPC, and 

mass spectrometry are commonly used to characterize polymer materials, but highly 

cross-linked polymer structures, such as bis-SorbPC vesicles, have poor solubility and 

difficulty entering the gas phase making them difficult to analyze.  Therefore, the 

polymerized chemical structure was investigated by transesterifying polymerized bis-

SorbPC/DMOEP, bis-SorbPC/EGDMA, and bis-SorbPC vesicles, and analyzing the 

isolated polymer by 1H NMR and GPC.  The transesterification reaction converts the 

glycerol esters and a fraction of the sorbate esters into methyl esters thereby reducing the 

cross-linked polymer system to linear polymer that is easily analyzed.  NMR spectra 

obtained using polymerized bis-SorbPC/DMOEP, bis-SorbPC/EGDMA, and bis-SorbPC 

matched the polymerized bis-SorbPC spectrum reported by Lamparski and O’Brien, and 

are consistent with a 1,4-polymer structure.82  No methacrylate or poly(methacrylate) 

peaks were observed, but given the large excess of sorbate, the methacrylate peaks may 

be masked.  The degree of sorbyl ester cleavage was experimentally determined from the 

NMR spectra as previously described yielding an average monomer mass for each 

sample.82;224   

GPC analysis was used to determine the number average molecular weight (Mn), 

weight average molecular weight (Mw), polydispersity index (PDI), and degree of 

polymerization (Xn) of each sample (Table 3-1).  All three samples consisted of 

polydisperse short chain polymers with Xn values between 2 and 5 that are consistent with 
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previous observations.82  The short chain polymers increase vesicle stability, but less than 

the polymer chains produced by redox salt couples, 43 < Xn < 51, and thermal azo 

initiators, 112 < Xn < 578.82;84  However, in the lipid bilayer, each monomer is connected 

through the glycerol backbone to another monomer which can form a second polymer 

chain, thereby producing a cross-linked polymer network with a larger, finite Xn than 

observed by GPC.  Ideally, phospholipid vesicle nanosensors would be minimally 

stabilized resulting in rapid degradation upon reaching a chosen locale, which facilitates 

efficient delivery and clearance.   

Vesicle Composition Mn Mw PDI Xn 
bis-SorbPC 462 1050 2.3 2.3 
bis-SorbPC/DMOEP 693 1316 1.9 3.5 
bis-SorbPC/EGDMA 782 2064 2.6 4.1 

Table 3-1:  Characterization of polymerized bis-SorbPC vesicles using the templated polymer technique. 

Analysis of polymerized bis-SorbPC/DMOEP vesicles provided no evidence of 

sorbate/methacrylate copolymer, but the monomer mole ratio may have masked the 

copolymer signal.  Therefore, the copolymerization of sorbate and methacrylate 

monomers was investigated under more ideal conditions.  A mixture of ethyl sorbate and 

methyl methacrylate was diluted with benzene to reduce viscosity, polymerized by 

photochemical initiation, and added to diethyl ether or methanol to recover the 

(co)polymer by precipitation.  No material precipitated in diethyl ether, rather polymer 

precipitated when added to MeOH.  The lack of precipitated material in diethyl ether 

suggests that the polymer had a relatively low molecular weight, and the MeOH 

precipitate, analyzed by 1H NMR, consisted of 1,4-poly(ethyl sorbate) and a residual 

amount of ethyl sorbate monomer.  The lack of copolymer formed during solution 
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polymerization suggests that DMOEP and bis-SorbPC do not copolymerize in templated 

bis-SorbPC vesicles.  EGDMA is known to partition into the bilayer lamella (Chapter 

2),9;125 and to increase photochemically-polymerized bis-SorbPC vesicle stability103 so 

the formation of bilayer-associated, cross-linked methacrylate polymer is likely.  Based 

on the observed differences in stability and lack of observed methacrylate polymer, the 

polymerized vesicle structure most likely consists of cross-linked 1,4-poly(sorbate) 

membrane segments intertwined with a low mole quantity of cross-linked methacrylate 

polymer. 

 

3.3.3 TEM imaging of bis-SorbPC/DMOEP vesicles 

TEM images of stabilized bis-SorbPC/DMOEP vesicles revealed vesicles ranging 

in diameter from 50 nm to 300 nm at all pHs studied (7.4, 5.0, 4.0, and 2.0) in the 

absence of excess surfactant.  Thus, even after prolonged exposure to acidic conditions, 

the vesicles retain sufficient stability from bis-SorbPC cross-links and vesicle associated 

polymer to survive the drying process and exposure to vacuum conditions (Figure 3-2).  

The stability increase is greater than in stabilized DOPC/BMA/DMOEP vesicles, which 

were unstable after storage at pH 2.0 (Chapter 2), and suggests that bis-SorbPC/DMOEP 

vesicles may be amenable to freeze drying for long-term storage.  The primary insult 

vesicles experience in the cellular environment is exposure to and potential fusion with 

the cell membrane.  Therefore, exposure to a more severe insult, such as excess surfactant 

using a 10:1 mole ratio of Triton X-100 to lipid, ensures the stabilized vesicles will 

remain intact.  When the bis-SorbPC/DMOEP vesicles were exposed to excess surfactant, 
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intact vesicles were observed in all but the pH 2.0 sample, further supporting that the 

associated polymer structure imparts significant stability, and that only harsh physical 

and environmental stresses can cause membrane rupture.  In particular, interaction with 

cellular membranes should be of minimal concern since exposure to excess surfactant, a 

significantly stronger disruptive force, is only capable of reducing stabilized bis-

SorbPC/DMOEP vesicles to mixed micelles under the harshest conditions. 

 
Figure 3-2:  TEM images of bis-SorbPC/DMOEP vesicles stored at various pHs before and after exposure 
to excess Triton X-100. 

 

3.3.4 Dynamic light scattering of bis-SorbPC/DMOEP and bis-SorbPC/EGDMA 

vesicles 

Dynamic light scattering (DLS) utilizes a laser light source to analyze the 

Brownian motion of particles in solution by detecting fluctuations in scatter intensity as a 

function of time.  From the scatter intensity fluctuations, the diffusion coefficient can be 

calculated, and if the sample temperature and refractive index of the material are also 

No Triton 

10:1 Triton 

pH 7.4 pH 5.0 pH 4.0 pH 2.0 

200 nm 

200 nm 200 nm 200 nm 200 nm 

200 nm 200 nm 200 nm 



 

 

150

known, then the particle diameter can be calculated.  DLS also measures the total 

quantity of light reaching the detector, which is a function of particle size and 

concentration.  If compared before and after an event such as the addition of surfactant, 

the resulting normalized scatter intensity (NSI) will indicate whether particle size or 

effective concentration has changed.  Furthermore, comparing particle diameter to NSI 

indicates whether the NSI changes are due to differences in effective concentration; if 

particle diameter remains stable, then changes in NSI are attributable to changes in 

particle concentration.    

For stabilized phospholipid vesicles, shifts in diameter or NSI indicate that the 

vesicle morphology and/or effective concentration have changed, and given the stability 

imparted by polymerization suggest alterations in the underlying polymer structure.238  In 

addition, exposure to excess surfactant stresses the vesicles, and reveals changes that do 

not alter the macromolecular vesicle structure, e.g. degradation of acetal cross-links in 

bis-SorbPC/DMOEP vesicles.  Acid-catalyzed cleavage did not prevent vesicles from 

surviving the drying process and being observed by TEM, but exposure to surfactant 

revealed that vesicle stability was reduced.  Thus, DLS can further quantify 

destabilization in bis-SorbPC vesicles since size changes due to vesicle fusion or 

aggregation must be preceded by degradation of the polymer network, and NSI indicates 

changes in effective vesicle concentration such as partial conversion of vesicles into 

mixed micelles.  Lastly, comparison of DLS data from bis-SorbPC/DMOEP and bis-

SorbPC/EGDMA vesicles can clarify the effect of the acetal moiety on vesicle stability. 
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When bis-SorbPC/DMOEP vesicles were stored at pH 7.4, neither the diameter 

nor the normalized scatter intensity (NSI) changed significantly over 30 days (Figure 3-

3A).  The addition of 10-fold molar excess surfactant consistently increased the mean 

vesicle diameter by 15 nm and the NSI to 1.4 as previously observed for stabilized bis-

SorbPC vesicles.74  These changes may be caused by vesicle/surfactant association, 

effectively increasing the vesicle diameter leading to more scatter.  Therefore, the 

vesicles display no signs of degradation at physiological pH for at least one month.  The 

results for vesicles stored at pH 5.0 were similar to those stored at pH 7.4 (Figure 3-3B). 

The bis-SorbPC/DMOEP vesicles stored at pH 4.0 displayed the same initial 

mean diameter and NSI before and after exposure to excess surfactant as the vesicles 

stored at pH 7.4 and 5.0 (Figure 3-3C), and no changes in mean diameter or NSI were 

observed in the absence of surfactant for at least one month.  In the presence of excess 

surfactant, the NSI decreased to 1.2 after one day of exposure to pH 4.0, though no 

changes were observed in any of the other measures.  No further changes occurred by any 

measure for the next six days.  These observations suggest that a fraction of the vesicles 

degraded rapidly and dissolved upon exposure to surfactant. On day 7, the vesicle 

diameter and NSI in the presence of excess surfactant began to change significantly.  The 

mean diameter increased from 150 nm on day 7 to almost 400 nm on day 21 at which 

point the diameter decreased to 130 nm on day 30.  The NSI decreased from 1.2 to 0.3 

between day 7 and day 14, and remained at 0.3 for the remainder of the study.  The DLS 

data suggest that a small fraction of the vesicles are destabilized rapidly, but that the 

remaining vesicles are stable for 5 days.  Between days 6 and 14, the vesicles remain 
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intact and resistant to fusion in aqueous solution, but lose the added stability needed to 

withstand excess surfactant.  The size increase is likely due to the formation of 

hydrophobic polymer and membrane fragment aggregates since the vesicles are not 

completely converted into micelles as evidenced by the nonzero NSI. 

When stored at pH 2.0, the bis-SorbPC/DMOEP vesicles degraded at an 

accelerated rate relative to pH 4.0 (Figure 3-3D).  On day 0, the mean diameter increased 

by 15 nm in the presence of excess surfactant, and the NSI increased to 1.2, the value 

observed after 1 day of exposure to pH 4.0.  Six hours later, the mean diameter in the 

presence of surfactant increased by 25 nm, and then steadily decreased to 50 nm over the 

ensuing three days.  The NSI in the presence of surfactant dropped immediately and after 

three days exposure to pH 2.0, was not distinguishable from a micellar solution.  These 

data confirm that bis-SorbPC/DMOEP vesicle stability is reduced in a pH-dependent 

manner because the vesicles stored at pH 2.0 were rapidly destabilized, whereas the 

vesicles stored at pH 4.0 degraded significantly slower, and no degradation was observed 

at higher pH over the time monitored.  Additionally, the incomplete degradation of 

vesicles stored at pH 4.0 suggests that strongly acidic conditions are required to fully 

destabilize the polymer architecture. 
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Figure 3-3:  DLS analysis of bis-SorbPC/DMOEP vesicles stored at pH 7.4 (A), 5.0 (B), 4.0 (C), and 2.0 
(D).  The mean diameter (■, ●) and normalized scatter intensity (▲, ▼) were determined in the absence (■, 
▲) and presence (●, ▼) of a 10:1 molar ratio of Triton X-100 to bis-SorbPC.  The scatter intensity was 
background corrected and normalized against the amount of light scattered by the pH 7.4 sample at day 0 in 
the absence of surfactant.  All data points represent the average and standard deviation of 3 replicate 
measurements on one phospholipid vesicle population. 

To isolate the effects the acetal functionality, bis-SorbPC/EGDMA vesicles were 

stored at the same pHs, analyzed by DLS, and compared to the bis-SorbPC/DMOEP 

vesicles.  At pH 7.4, the diameter and the NSI did not change significantly over 30 days 

(Figure 3-4A).  The addition of excess surfactant increased the mean vesicle diameter by 

10 nm and the NSI to 1.4 as observed in the bis-SorbPC/DMOEP vesicles.  The mean 

diameter and NSI changes were constant, and the vesicles displayed no signs of 

degradation at physiological pH for 30 days.  The results for vesicles stored at pH 5.0 and 
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4.0 were similar to those stored at pH 7.4 (Figure 3-4B & C, respectively).  When stored 

at pH 2.0 and exposed to excess surfactant, the bis-SorbPC/EGDMA vesicle NSI 

decreased to less than 0.1 over 7 days and approached that of a solution of mixed 

micelles (Figure 3-4D).  The mean vesicle diameter was stable at 140 nm until day 5, 

when the diameter decreased to 40 nm.  The NSI in the absence of surfactant decreased 

slowly to 0.9 by day 7, and the mean diameter remained constant.  The DLS data show 

that bis-SorbPC/EGDMA vesicles only degrade at strongly acidic pH and at a slower rate 

than DMOEP stabilized vesicles.  Therefore, the acetal-containing cross-linker increases 

acid-catalyzed degradation of stabilized, polymer-templated vesicles. 
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Figure 3-4:  DLS analysis of bis-SorbPC/EGDMA vesicles stored at pH 7.4 (A), 5.0 (B), 4.0 (C), and 2.0 
(D).  The mean diameter (■, ●) and normalized scatter intensity (▲, ▼) were determined in the absence (■, 
▲) and presence (●, ▼) of a 10:1 molar ratio of Triton X-100 to bis-SorbPC.  The scatter intensity was 
background corrected and normalized against the amount of light scattered by the pH 7.4 sample at day 0 in 
the absence of surfactant. 

The degradation of bis-SorbPC/EGDMA vesicles stored at pH 2.0 was 

unexpected, but supports the hypothesis that a second acid-catalyzed degradation 

mechanism is present under strongly acidic conditions.  Acid-catalyzed degradation at pH 

4.0 reduced bis-SorbPC/DMOEP vesicles to hydrophobic polymer and membrane 

aggregates, but pH 2.0 reduced both bis-SorbPC/DMOEP and bis-SorbPC/EGDMA 

vesicles to mixed micelles.  Acetal decomposition only applies to systems containing 

DMOEP, and does not apply to the bis-SorbPC/EGMDA vesicles stored at pH 2.0.  
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Therefore, an alternate degradation mechanism must be active under strongly acidic 

conditions, pH 2.0, that degrades the bis-SorbPC and methacrylate structure.  Based on 

the chemical structures present, both the acetal and alternate mechanisms apply to the bis-

SorbPC/DMOEP vesicles stored at pH 2.0, whereas only acetal degradation applies to the 

bis-SorbPC/DMOEP vesicles stored at pH 4.0, and only the alternate degradation 

mechanism applies to the bis-SorbPC/EGDMA vesicles. 

 

3.3.5 FT-IR analysis of sorbate and methacrylate polymer networks 

The DLS data suggest the alternate degradation mechanism is only active under 

strongly acidic conditions, and the chemical functionality responsible must be present in 

both the bis-SorbPC/DMOEP and bis-SorbPC/EGDMA vesicles.  Therefore, the potential 

origins are narrowed to one or a combination of the following functional groups:  

glycerol esters in bis-SorbPC; sorbyl esters in bis-SorbPC; and methacrylate ester.  All 

degradation affects changes in the polymer structure; thus, the raw materials and 

methacrylate homopolymers were analyzed by FT-IR to elucidate the chemical structures 

responsible for degradation (Figure 3-5).  However, when the bis-SorbPC vesicles were 

polymerized, the resulting structures did not strongly absorb at frequencies other than 

those corresponding to CH stretches despite the presence of IR active functional groups, 

such as esters (Figure 3-6).  Furthermore, no structural changes were discernable after 

acid-catalyzed degradation.  The lack of observed spectral changes is likely due in part to 

the fact that DMOEP is present at a low concentration relative to bis-SorbPC, which 

similarly limited the observation of methacrylate polymer by 1H NMR.  Additionally, the 
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alternate degradation mechanism does not alter the chemical structure sufficiently to be 

observed by a bulk analysis technique, meaning the degradation byproducts must be 

isolated and concentrated prior to analysis. 
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Figure 3-5:  FT-IR spectra of bis-SorbPC, EGDMA, DMOEP, pEGDMA, and pDMOEP.  These reagents 
(or molecules) were the primary components for constructing stabilized vesicles using the polymer 
templating method. 
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Figure 3-6:  FT-IR spectra of poly(bis-SorbPC), poly(bis-SorbPC/DMOEP), poly(bis-SorbPC/EGDMA), 
acid digested poly(bis-SorbPC), and acid digested poly(bis-SorbPC/DMOEP). 
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3.3.6 GC-MS analysis of acid-degraded bis-SorbPC/DMOEP vesicles 

Acid-catalyzed ester cleavage could result in the production of carboxynonanyl 

sorbate, 10-hydroxydecanoic acid, sorbic acid, or 1,2-dihydroxyethane, and the presence 

of any particular byproduct would be a clear indication of degradation at a specific ester 

bond.  To detect the degradation byproducts, bis-SorbPC/DMOEP vesicles were stored 

for eleven days at pH 7.4, 4.0, and 2.0, sampled by SPME, and analyzed by GC-MS.  The 

pH values were selected to identify changes associated with the two different degradation 

mechanisms.  The buffer was analyzed to eliminate background peaks, and a peak at 1.38 

min followed by a negative peak at 1.41 min were observed, which appeared in all 

subsequent samples (Appendix B).  At pH 7.4, a new peak was observed at 1.57 min, and 

was identified as acetone.  At pHs 4.0 and 2.0, the acetone peak was observed at 1.56 

min. 

GC-MS analysis identified only acetone, but the amount of acetone released 

during vesicle storage did provide additional information (Table 3-2).  The vesicles 

stored at pH 7.4 contained acetone, as previously observed in stabilized 

DOPC/BMA/DMOEP vesicles.125  The acetone most likely evolves either from DMOEP 

that degraded prior to partitioning into the vesicle bilayer, failed to polymerize and 

degraded after partitioning back into the aqueous phase, or degraded from increased 

interaction between the bilayer-associated polymer and the surrounding buffer due to the 

sorbate esters that increase the hydrophilic character inside the bilayer.  The quantity of 

acetone in the pH 7.4 sample was normalized to a value of 100, and used as a point of 

comparison for vesicles stored at other pHs.  At pHs 4.0 and 2.0, the quantity of acetone 
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released increased relative to the pH 7.4 sample, but there was little difference between 

the two samples with normalized values of 185 and 189 respectively.  These values 

represent a increase in acetone release compared to the DOPC/BMA/DMOEP vesicles 

when stored at pH 4.0, and a small decrease when stored at pH 2.0 (Chapter 2). 

pH 7.4 4.0 2.0 
Acetone Area (*104) 1.58 2.93 2.99 

Normalized Area 100 185 189 

Table 3-2:  Peak area of acetone observed by GC-MS analysis of bis-SorbPC/DMOEP vesicles stored at 
various pHs. 

The differences in pH-dependent degradation are likely due to the differences in 

chemical structure between bis-SorbPC and DOPC.  DOPC forms well-ordered bilayers 

that provide a barrier to ions, polar molecules, and large molecular weight molecules.103  

The sorbyl esters in bis-SorbPC disrupt ideal packing, and cause defects in the membrane 

structure.102;103  These defects permit ions and low molecular weight molecules to pass 

through the membrane, effectively acting as a size exclusion membrane with a currently 

unknown MWCO, and increasing the interaction between the hydrophobic lamellar 

region and the surrounding solution.  A dimethyl acetal, as found in DMOEP, has a half-

life of 6 days at pH 7.4 and approximately 45 min at pH 5.0.127  The acetal would be even 

shorter-lived at pH 4.0, considering that the porous membrane should allow protons and 

water increased access to the acetal functionality.  Increased interaction between the 

solution and the membrane-associated polymer leads to increased DMOEP degradation at 

pH 7.4, as measured by acetone concentration, and as a result, decreased the normalized 

acetone intensity at pH 2.0.  The increased accessibility also promotes vesicle 

degradation at pH 4.0, although the bis-SorbPC membrane clearly provides some 
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protection from proton exposure because vesicles stored at pH 4.0 are not susceptible to 

surfactant dissolution until day 7.  If the associated polymer were readily accessible, the 

vesicles would rapidly destabilize as observed at pH 2.0 because dimethyl acetals have a 

half-life of less than 45 min at pH 4.0.  When the GC-MS, TEM, and DLS data for 

vesicles stored at pH 4.0 are compared, it appears that a fraction of the vesicles are 

rapidly degraded as evidenced by the NSI decrease from day 0 to day 1.  For the next 5 

days, the remaining vesicles remain stable to surfactant dissolution while acetal 

degradation continues as vesicles are observable by TEM, and the mean diameter and 

NSI remain stable.   On day 7, acetal degradation reaches the critical point at which the 

degraded cross-linked polymer is unable to stabilize the vesicle structure in the presence 

of surfactant as observed in the increase in mean vesicle diameter and the decrease in 

NSI.  By day 11, acetal degradation is completed as GC-MS detected similar 

concentrations of acetone in bis-SorbPC/DMOEP vesicle samples stored at pH 4.0 and 

pH 2.0.  The similar acetone concentrations mean that similar quantities of cross-links 

were severed at pH 4.0 and pH 2.0.  The only points at which the acetal-containing 

polymer networks should be similar are before degradation begins and after degradation 

is completed since acetal degradation is pH-dependent.  The combined data also suggests 

that acetal decomposition alone is incapable of completely reducing bis-SorbPC/DMOEP 

vesicles to micelles because complete conversion of the cross-linked polymer network 

into linear polymer did not decrease the NSI of vesicles stored at pH 4.0 in the presence 

of surfactant to zero.  Therefore, an alternate degradation mechanism must apply to bis-
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SorbPC vesicles stored at pH 2.0 because the vesicles are reduced to mixed micelles in 

the presence of surfactant. 

 

3.3.7 1H NMR analysis of acid-degraded bis-SorbPC vesicles 

Ester cleavage could also produce nonvolatile hydrophobic byproducts which can 

be isolated by extraction.  Thus, bis-SorbPC, bis-SorbPC/EGDMA, vesicles were 

incubated at pH 2.0 for 11 days, lyophilized, resuspended in benzene, and sonicated at 

60ºC.  The samples were extracted against 1 M NaHSO4 to remove any residual salts, and 

analyzed by 1H NMR and MS.  NMR spectra of bis-SorbPC and bis-SorbPC/EGDMA 

were identical and similar to transesterified vesicles lacking the methyl ester, α-

methylene glycerol ester, and α-hydroxyl peaks.  The integration values from the sorbate 

methyl and the tail methylene protons in addition to the absence of an α-hydroxyl peak 

suggest that the sorbate ester remained intact, and the lack of peaks corresponding to any 

moiety in the glycerol backbone or phosphatidyl choline head group suggests that the 

glycerol ester was cleaved.82  MS analysis revealed an array of dimer peaks, all of which 

were cleaved at the glycerol ester.  The lack of sorbyl ester cleavage at pH 2.0 is 

reasonable given that the sorbate ester was only partially cleaved in methanolic HCl, a 

more acidic environment. Additionally, the position of the sorbyl ester in the bilayer 

suggests acid-catalyzed hydrolysis would be hindered due to accessibility and the 

sterically-restricted environment.  NMR and MS characterization prove that cleavage of 

the glycerol esters is responsible for bis-SorbPC/EGDMA vesicle degradation, but the 
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acid-catalyzed degradation mechanism remains unclear.  DOPC/BMA/EGDMA vesicles 

also contain glycerol esters, but did not degrade when stored at pH 2.0 (Chapter 2). 

The differences in glycerol ester cleavage at pH 2.0 may be explained by 

differences in lipid packing as DOPC bilayers are known to form well ordered bilayers. 

Polymerized bis-DenPC membranes are also known to form robust, non-permeable 

bilayers whereas polymerized bis-SorbPC bilayers are permeable, and bis-DenPC 

vesicles make a good point of comparison due to the similar dienoyl monomers.51;102;103  

Therefore, bis-DenPC vesicles were polymerized using the thermal azo initiators AIBN 

and AAPD, incubated at pH 2.0 for 11 days, extracted to isolate the hydrophobic 

degradation products, and analyzed by 1H NMR and MS.  The bis-DenPC vesicle extract 

did not contain any evidence of phospholipid hydrolysis byproducts, further evidence that 

the lipid packing in bis-SorbPC membranes explains the difference in degradation 

profiles and the increased accessibility and interaction between the aqueous solvent and 

the glycerol esters in bis-SorbPC bilayers facilitates cleavage at strongly acidic pH. 

This information completes the structural scheme of how bis-SorbPC/DMOEP 

vesicles change as a function of acid-catalyzed degradation (Figure 3-7).  After 

polymerization, an orthogonal, cross-linked DMOEP copolymer is formed within the 

poly(bis-SorbPC) bilayer, and stabilizes the vesicle enough to prevent conversion into 

mixed micelles upon surfactant exposure (Figure 2-14 pH 7.4 & 5.0).  The intertwined 

cross-linked polymer networks limits lipid removal, and prevents the vesicles from 

collapsing making them visible by TEM.  Storage in solution at physiological and mildly 

acidic pH maintains this structure for at least one month.  Exposure to moderately acidic 
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conditions hydrolyzes the acetal cross-links converting the cross-linked, lamella-

associated DMOEP polymer into a series of smaller linear polymers over 7 days, while 

the cross-linked poly(bis-SorbPC) membrane segments retain their structure (Figure 3-7 

pH 4.0).  Once the DMOEP polymer is sufficiently degraded, exposure to surfactant 

disrupts the vesicle structure producing membrane segments that aggregate to form larger 

macromolecular assemblies.  At highly acidic pH, the acetal cross-links rapidly degrade 

destabilizing the vesicle to surfactant, while the poly(bis-SorbPC) cross-links enable the 

vesicles to survive the drying process.  The glycerol esters in bis-SorbPC are also 

degraded at highly acidic pH thereby reducing the size of the residual membrane 

fragments and eventually converting the vesicles into mixed micelles upon surfactant 

exposure (Figure 3-7 pH 2.0). 

 

Figure 3-7:  Structural schematic of bis-SorbPC/DMOEP membrane as a function of pH and surfactant. 

 

3.3.8 Dextran leakage from polymerized bis-SorbPC/DMOEP vesicles 

One potential application for degradable stabilized vesicles is the delivery of high 

molecular weight therapeutic agents, such as proteins, to specific target sites within the 
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body.  The bis-SorbPC/DMOEP architecture has the potential to encapsulate material, 

shield it from biofouling and enzymatic degradation, deliver the encapsulated material at 

specific locations, and clear the system through physiological mechanisms.  To assess the 

potential of acid-degradable, stabilized bis-SorbPC vesicle structures, a 40 kDa 

fluorescent dextran was encapsulated, and the pH-dependent release investigated by size-

exclusion chromatography.  After isolating and polymerizing the vesicles, a small amount 

of free dextran was observed due to vesicle rupture caused by fusion to the wall of the 

quartz cuvette during polymerization.  The quantity of dextran released from vesicles 

stored at pH 7.4 remained unchanged for at least two weeks while the vesicles stored at 

pH 4.0 gradually released dextran, and the vesicles stored at pH 2.0 rapidly released the 

dextran (Figure 3-8).  Less than 30 % of the encapsulated dextran was released 

suggesting that many vesicles, although reduced in stability, maintain their structure in 

solution as observed by DLS and TEM.  However, degradation of the supporting polymer 

is pH-dependent, and the dextran release indicates that the bilayer has sufficiently 

degraded to allow either vesicle fusion and structural disruption by silicate surfaces, or 

the dextran to diffuse through the membrane defects at a sustained rate.  The scale of 

observed release rates suggests that this system could be adapted for extended release 

drug delivery and enzyme-containing nanoreactor based sensors. 
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Figure 3-8:  Cumulative release of 40 kDa TRITC labeled dextran from bis-SorbPC/DMOEP vesicles 
stored at various pHs.  Vesicles were separated from released dextran by SEC, and quantified by 
fluorescence emission spectroscopy. 

Bis-SorbPC/DMOEP vesicles encapsulating a 40 kDa fluorescent dextran were 

exposed to excess surfactant to more completely understand the release kinetics of the 

stabilized vesicles (Figure 3-9).  Vesicles stored at pH 7.4 released more dextran (32 %) 

in the presence of surfactant, but the quantity of dextran released remained unchanged for 

at least two weeks.  Vesicles stored at pH 4.0 released the same quantity of dextran 

initially, and then gradually released more dextran, reaching 50 % by day 14.  The 18 % 

change is almost identical to the change observed in the absence of surfactant.  This 

observation suggests that at moderately acidic pH, once a vesicle is sufficiently degraded, 

the internal contents are released without any additional stresses, which is a desirable 

characteristic in therapeutic applications.  At pH 2.0, the quantity of dextran initially 

released in the presence of excess surfactant was 35 %, similar to the vesicles stored at 
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other pHs, and the amount of dextran released increased to 81 % within the first 24 hours.  

The quantity of released dextran then stabilized which means that 20 % of the dextran 

was associated with high molecular weight assemblies.  The association could either be 

with vesicles that, although reduced in stability, maintained sufficient structure in the 

presence of surfactant to inhibit release, or with residual polymer aggregates or 

membrane fragments.  The DLS data suggest that association with residual polymer 

aggregates or membrane fragments is more likely because the vesicle diameter was 

reduced after exposure to pH 2.0 and surfactant.  The dextran release was clearly pH-

dependent and due to degradation of the supporting polymer. 

 

Figure 3-9:  Cumulative release of 40 kDa TRITC labeled dextran from bis-SorbPC/DMOEP vesicles 
stored at pH 7.4 (■), 4.0 (●), and 2.0 (▲).  Vesicles were separated from released dextran by SEC, 
analyzed by fluorescence emission spectroscopy, and the fluorescence intensity of free dextran compared to 
that encapsulated by the vesicles. 
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3.4 CONCLUSION 

Photochemical polymerization of bis-SorbPC with a hydrophobic, acetal-

containing, methacrylate cross-linker, DMOEP, produced vesicle structures stable to 

excess surfactant as previously observed in bis-SorbPC/EGDMA vesicles.  The presence 

of an acetal significantly increased the acid-catalyzed degradation of the intertwined 

polymer structure.  In addition to the acetal mechanism, the bis-SorbPC glycerol esters 

degraded at highly acidic pH.  At physiological pH, the vesicles were stable in excess of 

one month, and exhibited pH- and time-dependent destabilization profiles.  The presence 

of defects in bis-SorbPC membranes increased the interaction between the interior of the 

bilayer and the surrounding solution, an important feature for degradation in moderately 

acidic solutions.  The combination of stability, environment specific degradation, and 

membrane permeability make bis-SorbPC/DMOEP vesicles worthy of further study in 

the development of biocompatible, biologically-inspired nansensors, and the delivery of 

high molecular weigh therapeutic agents.  One can envision the stabilized vesicle 

architecture surviving in membrane rich biological environments and reaching specific 

locations where a change in pH (e.g. as found in lysosomes, stomach, tumor 

microenvironments, etc.) degrades the stabilizing polymer network.  Only upon sufficient 

destabilization of the polymer network is the vesicle susceptible to fusion and other 

chemical and biological stresses that enhance clearance from the cellular environment. 
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4 CHAPTER 4:  THIOL-CONTAINING FLUORESCEINS FOR RAPID 

LABELING 

 

4.1 INTRODUCTION 

Caged fluorophores reduce background fluorescence, and enable the rapid 

generation of fluorescent material in specific locations, properties that are important 

when observing movement within biological systems.4;180;193;201;206;208;209;212;214;245  Caged 

fluorescent labels have been synthesized utilizing fluorescein, resorufin, and rhodamine 

fluorophores, though caged fluorescein is the most common because it is available 

commercially, and provides the largest fluorescence intensity change.4;194  Unfortunately, 

the photoactivateable o-nitrobenzyl groups that quench fluorescence are mildly cytotoxic, 

and are released upon fluorophore activation.196;246  Therefore, caged dyes in solution 

must be used at low intracellular concentrations which limit signal intensity.  One signal 

amplification method is to bind a fluorescently-labeled antibody to the dye,4 but the 

additional step prolongs the time between activation and measurement allowing activated 

material to move or diffuse, and requires additional material to be internalized by the cell.  

Thus, antibody signal amplification is limited to whole cell applications and does not 

provide information on movement of proteins, molecular assemblies, or organelles within 

the cell.   

Signal enhancement without increasing the total intracellular concentration 

requires localized high concentrations of caged fluorophore.  Phospholipid vesicles serve 

a similar purpose in many biological systems by concentrating specific materials and 
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enzymes (e.g. lysosomes and many organelles).  Additionally, vesicle surfaces can be 

modified extensively by varying the phospholipid headgroups as well as synthetic 

addition of reactive labels, antigens, chelators, proteins, and antibodies.  With proper 

modification, vesicle-encapsulated caged fluorophores may serve as biocompatible labels 

for many biological assemblies.  Vesicle-encapsulated caged fluorophores may be most 

effective as labels for large biological assemblies because even small vesicles (> 50 nm in 

diameter) will dominate the diffusion properties when attached to individual, soluble 

proteins, and can limit intermolecular interactions depending upon molecular orientation 

and distance between the labeled material and the vesicle surface. 

Phospholipid vesicles lack the stability to resist disruption by chemical and 

physical insults necessitating the incorporation of a stabilizing polymer network as 

described in Chapters 2 and 3.  However, photochemical polymerization with UV light 

would uncage any o-nitrobenzyl caged fluorophore.  Other polymerization methods, such 

as thermal azo initiators and redox salt couples, have unknown effects on caged 

fluorophores, but may not adequately limit uncaging because o-nitrobenyl groups 

decompose at elevated temperatures and redox chemistry could alter or inactivate the 

fluorophore.247  For caged fluorophores to be efficiently incorporated into vesicle 

assemblies, photochemical polymerization must occur before the dye is encapsulated or 

attached to the surface.  This order of operations requires a permeable membrane, an 

encapsulated high molecular weight compound, and a caged fluorescent label.  The bis-

SorbPC vesicles characterized in Chapter 3 are permeable, and can be controllably 

destabilized when photochemically polymerized with UV light and an associated acetal-
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containing cross-linker.  The high molecular weight compound must contain a reactive 

functionality such as an amine or a thiol, and could be composed of protein, dextran, or 

other biological materials to limit toxicity upon degradation.  A caged fluorescent label 

with rapid reaction kinetics is preferable to ensure efficient labeling and minimize 

preparation time.  However, the reactive functionalities incorporated into caged 

fluorescent labels are currently limited to succinimidyl esters and iodoacetamides, which 

require several hours to react efficiently.4;180;193;194;201  Therefore, a novel caged 

fluorescent label with rapid reaction kinetics is desirable. 

The reaction of o-phthalic dicarboxaldehyde (OPA) with an amine in the presence 

of free thiol completes within 10 seconds providing the requisite rapid reaction time 

(Figure 4-1).182  Unfortunately, the isoindole product is not caged and is excited in the 

UV spectrum reducing the signal quality in the cellular environment due to the native 

fluorescence of many biological molecules.  However, by utilizing a caged fluorescent 

thiol (CFS) with visible excitation and emission wavelengths in the OPA reaction, the 

photophysical characteristics of the labeled product are altered resulting in a caged 

product with visible detection wavelengths.182  In this configuration, OPA functions as a 

cross-linking agent, and the CFS governs the properties of the reporting dye.  A CFS 

must be synthesized from a fluorescent thiol (FS).  SAMSA fluorescein (5-((2-(and-3)-S-

(acetylmercapto)succinoyl)amino)fluorescein) is a FS, which has been used in 

combination with OPA to rapidly label primary amine-containing compounds online for 

capillary zone electrophoresis analysis.182  The OPA labeling scheme is well established, 

and often used for capillary zone electrophoresis (CZE) with laser induce fluorescence 
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(LIF) detection, but has been sparingly characterized for vesicle labeling.  Additionally, 

CZE analysis provides more quantitative data, and simpler detection as specialized 

microscopy instrumentation is not required.  Therefore, CZE-LIF analysis can be used to 

characterize thiol sources for the OPA amine labeling scheme. 

 

 
Figure 4-1:  Primary amines react with OPA in the presence of a thiol to form an isoindole product.  OPA 
can also cross-link amine-containing analytes to a fluorescent thiols thereby decreasing the labeling time 
and enhancing the label’s photophysical properties. 

OPA/CFS labeling also has potential utility for CZE-LIF as it expands the 

capabilities of high-speed, real-time, online biological analyses. CZE-LIF is a potentially 

useful quantitative analysis technique for dynamic biological processes owing to its low 

sample volume requirements, high sensitivity, and high efficiency.5;180;183;248-255  

However, rapid sampling, fast separation, and adequate temporal resolution present 

challenges for which current solutions are not always sufficient.180;248  Online sample 

injection is one solution to these the issues, and employs a constant sample flow that can 

be derivatized during transport from the point of sampling to the start of separation.171;256-

258  Unfortunately, many biological molecules lack or have minimal native fluorescent 

properties necessitating the use of fluorescent labels.  Currently available fluorescent 

labels utilize amine reactive groups such as isothiocyanates and succinimidyl esters 
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whose reactions require several hours to complete making them unsuitable for online 

analysis.173-176;259 

In addition to the proper label, online CZE analysis requires injection methods 

which do not involve manual manipulation of the capillary, including optical injection, 

which provides the desired combination of reproducibility and temporal resolution.  

Optical injection of fluorescent samples, including OPA, requires photobleaching the 

chromophore which, while effective, introduces noise due to incomplete 

photobleaching.202;256  Photolytic optical injection has significantly less inherent 

background noise, and increases the sensitivity by at least an order of magnitude, but 

requires caged fluorophores, and no caged thiol-containing fluorophore is currently 

commercially available.180;202  Therefore, the synthesis of a caged thiol-containing 

fluorophore would broaden the utility of photolytic optically-gated (POG)-CZE to 

include the analysis of systems operating on a second time scale, and open the possibility 

of investigating biological systems whose dynamics are currently poorly understood.   

Fluorescein is caged by forming ether linkages between the phenolic hydroxyl 

group on the xanthene ring and the benzyl carbon atom in an o-nitrobenzyl compound.  

This reaction was described by Mitchison, who used o-nitrobenzyl bromide with a silver 

oxide catalyst to synthesize a caged fluorescein succinimidyl ester (CFSE).193;194;198  A 

similar ether linkage can also be produced using the Mitsunobu reaction and o-

nitrobenzyl alcohol.199  However, ether linkages like those found in caged fluorescein 

hydrolyze under the basic conditions used to remove thioester protecting groups (e.g. 

SAMSA).  Additionally, thioesters are prone to degradation, thus, more stable, acid-labile 
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protecting groups are necessary.  Therefore, the novel FS structure must include four 

distinct features:  a fluorescein chromophore, a readily accessible thiol, an acid-labile 

thiol protecting group with increased stability, and a synthetic procedure that does not 

increase the number of isomers.  A protected thiol-containing fluorescein (PFS) 

incorporating all four features can be readily synthesized by forming an amide bond 

between carboxyfluorescein (CF) and methoxytrityl protected mercaptoethylamine.  A 

protected, caged thiol-containing fluorescein (PCFS) can then be synthesized by caging 

the PFS fluorescein chromophore using the Mitsunobu reaction.199  In this chapter, the 

synthesis and characterization of PFS and PCFS is presented as well as their potential for 

visualizing the movement of biological assemblies. 

 

4.2 EXPERIMENTAL 

4.2.1 Materials 

All chemicals and flash silica gel (Silicycle cat no. R12030B) were purchased 

from Sigma-Aldrich.  Fused silica capillary with a polyamide coating was purchased 

from Innova Quartz (Phoenix, AZ).  All solutions were prepared using 18 MΩ deionized 

water (Barnstead). 

 

4.2.2 Synthesis of S-(((4-methoxyphenyl)diphenyl)methyl-2-aminoethanethiol (1) 

Previously reported by Riddoch, R. W., Schaffer, P., and Valliant, J. F.260  

Aminoethanethiol hydrochloride (1.74 g, 15.3 mmol, 1.06 equiv.) was dissolved with 

22.5 mL trifluoroacetic acid (TFA) in a 50-mL round bottom flask.  The flask was 
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flushed with Ar, 4-methoxytrityl chloride (4.44 g, 14.4 mmol, 1.00 equiv.) was added, 

and the reaction was flushed with Ar.  The reaction was stirred at room temperature for 

1.5 h, and the TFA removed by rotary evaporation.  The crude product was dissolved in 

20.0 mL dichloromethane (DCM), transferred to a separatory funnel, and extracted three 

times with 20.0 mL 3 M NaOH.  The DCM layer was dried over Na2SO4, decanted, the 

solvent removed by rotary evaporation, and dried under vacuum overnight.  4.54 g of 

clear, pale-yellow oil was produced (90.4% yield).   

1H NMR (500 MHz, CDCl3) δ 1.114 (2H, bs, NH2); 2.318 (2H, t, J = 6.50 Hz, 

SCH2CH2NH2); 2.604 (2H, t, J = 6.50 Hz, SCH2CH2NH2); 3.785 (3H, s, CC6H4OCH3); 

6.803 (2H, d, J = 9.00 Hz, CC6H4OCH3 – ortho to central carbon); 7.195 (2H, t, J = 7.13 

Hz, CC6H5 – para central carbon); 7.269 (4H, t, J = 7.75 Hz, CC6H5 – meta to central 

carbon); 7.316 (2H, d, J = 9.00 Hz, CC6H4OCH3 – meta to central carbon); 7.409 (4H, d, 

J = 7.5 Hz, CC6H5 – ortho to central carbon).  13C NMR (125 MHz, CDCl3) δ 36.454, 

41.159, 55.217, 66.055, 113.078, 126.549, 127.801, 129.469, 130.751, 136.965, 145.193, 

158.028. 

 

4.2.3 Synthesis of methyl-(3-(hydroxymethyl)-4-nitrophenoxy)ethanoate (2) 

Previously reported by Reinhard, R. and Schmidt, B. F.261  5-hydroxy-2-

nitrobenzyl alcohol (4.31 g, 25.8 mmol, 1.00 equiv.) was dissolved with 20.0 mL 

methanol (reagent grade) in a 500-mL round bottom flask producing a yellow solution.  

Powdered, vacuum dried NaOH (1.03 g, 25.9, 1.00 equiv.) was added to the solution, 

rinsed down with 30.0 mL of methanol causing the solution to turn dark yellow, and 
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stirred overnight at room temperature.  Methylbromoacetate (2.70 mL, 28.5 mmol, 1.10 

equiv.) was added to the reaction, and refluxed for 21 h.  The reaction was allowed to 

cool and the solvent removed by rotary evaporation.  The product was dissolved in 50 mL 

DCM and 100 mL water, transferred to a 250-mL separatory funnel, and the pH of the 

water layer adjusted to 9 with solid K2CO3.  The organic layer was drained, and the water 

layer extracted with 50 mL of DCM three times.  The pooled DCM extracts were washed 

3 times with 30 mL of water, and the organic solvent removed by rotary evaporation.  

The crude solid product was dissolved in CHCl3, and recrystallized by diffusive addition 

of diethylether producing 4.74 g of off white crystalline product (76.1% yield).   

1H NMR (250 MHz, CDCl3) δ 2.609 (1H, t, J = 6.25 Hz, CH2OH); 3.832 (3H, s, 

OCH2COOCH3); 4.763 (2H, s, OCH2COOCH3); 5.011 (2H, d, J = 5.75 Hz, CH2OH); 

6.903 (1H, dd, J = 9.13 and 2.88 Hz, H-3); 7.275 (1H, d, J = 3.00 Hz, H-5), 8.183 (1H, d, 

J = 9.00 Hz, H-2). 

 

4.2.4 Synthesis of 5(6)-(S-((4-methoxyphenyl)diphenyl)methyl-2-amidoethanethiol) 

fluorescein (3) 

5(6)-carboxyfluorescein (1.00 g, 2.66 mmol, 1.00 equiv.) and N-

hydroxysuccinimide (0.340 g, 2.96 mmol, 1.11 equiv.) were dissolved in 2 mL 

dimethylformamide (DMF) (anhydrous sure-seal grade) in a clean 50-mL round bottom 

flask containing a stir bar.  Dicyclohexyl carbodiimide (0.560 g, 2.71 mmol, 1.02 equiv.) 

was added, the sides of the flask rinsed down with 2.5 mL DMF, and the mixture was 

stirred for 2 h at room temperature.  Dicyclohexyl urea was removed by vacuum 
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filtration, and the filtrate returned to a clean 50-mL round bottom flask.  Compound 1 

(1.02 g, 2.93 mmol, 1.10 equiv.) was dissolved in 2 mL DMF, and added to the reaction 

followed by triethylamine (0.41 mL, 2.9 mmol, 1.1 equiv.).  The mixture was stirred for 2 

h at room temperature, and the solvent removed by rotary evaporation.  The residue was 

partitioned between 180 mL diethylether and 120 mL 1 M NaHSO4.  The aqueous phase 

was extracted 4 times with 120 mL diethylether and the pooled ether phase dried over 

MgSO4.  The dried ether solution was vacuum filtered, and the solvent removed from the 

filtrate by rotary evaporation resulting in a solid product.  The product was further 

purified by column chromatography on flash silica gel using 1:1 dichloromethane:acetone 

as the mobile phase producing 1.51 g of product (80.1% yield).  

1H NMR (500 MHz, CD3COCD3) δ 2.401 and 2.542 (2H, t, J = 7.0 Hz, 

CONHCH2CH2S); 3.289 and 3.432 (2H, q, J = 6.7 Hz, CONHCH2CH2S); 3.759 and 

3.783 (3H, s, CC6H4OCH3); 6.615 (2H, dt, J = 9.0 and 2.5 Hz, H-1' & 8'); 6.667 (2H, dd, 

J = 8.5 and 3.0 Hz, H-2' & 7'); 6.770 (2H, t, J = 2.5 Hz, H-4' & 5'); 6.807 and 6.862 (2H, 

dt, J = 8.0 and 2.7 Hz, H-3'' & 5''); 7.180 (1H, tt, J = 7.3 and 1.6 Hz, H-4'''); 7.205-7.255 

(4H, m, H-2'' & 6'', H-4''', and H-3''' & 5'''); 7.285-7.344 (5H, m, H-2'' & 6'', H-2''' & 6''', 

and H-3''' & 5'''); 7.355 (0.5H, d, J = 10 Hz, H-7 6 isomer); 7.417 (2H, dd, J = 8.8 and 1.3 

Hz, CC6H5 – ortho to central carbon); 7.668 (0.5H, s, H-4 5 isomer); 8.034 (0.5H, d, J = 

8.0 Hz, H-7 6 isomer); 8.070 and 8.168 (1 H, bt, J = 5.5 Hz, CONHCH2CH2S); 8.185 

(0.5H, dd, J = 8.0 and 1.8 Hz, H-5 6 isomer); 8.255 (0.5H, dd, J = 8.0 and 1.8 Hz, H-6 5 

isomer); 8.383 (0.5H, s, H-4 5 isomer); 9.232 (2H, bs, phenolic OH).  13C NMR (125 

MHz, CDCl3) δ 32.419 and 32.545, 39.545 and 39.656, 55.474 and 55.498, 66.738 and 
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66.822, 103.336, 111.012 and 111.043, 113.341 and 113.406, 113.875 and 113.929, 

123.151 and 123.929, 125.071 and 125.498, 127.392 and 127.437, 128.117, 128.605 and 

128.670, 129.793 and 130.106, 130.144 and 130.209, 131.438 and 131.537, 135.086, 

137.404 and 141.866, 137.526 and 137.549, 146.046 and 146.183, 153.245 and 153.268, 

154.153 and 154.188, 156.157, 159.138 and 159.188, 160.428, 165.597, 168.727 and 

168.830.  MS. M+H+ = C43H34O7NS, m/z = 708.20540 Da observed, m/z = 708.20505 

calculated, error = 0.49 ppm. 

 

4.2.5 Synthesis of protected caged fluorescein thiol (4) 

Compounds 2 and 3 were analyzed by 500 MHz 1H NMR to determine their water 

content.  Compound 2 (0.139 g, 0.576 mmol, 2.04 equiv.) and diethyl-azo-dicarboxylate 

(DEAD, 40 wt% in toluene, 0.385 mL, 0.845 mmol, 2.99 equiv) were combined in a 1-

dram glass vial, and dissolved with 1 mL DMF.  Compound 3 (0.200 g, 0.283 mmol, 1.00 

equiv.) and triphenylphosphine (0.223 g, 0.850 mmol, 3.01 equiv.) were dissolved in 2 

mL dimethylformamide (DMF) (anhydrous sure-seal grade) in a clean 50-mL round 

bottom flask cooled under Ar, and containing a stir bar.  The solution of 2 and DEAD 

was added to the round bottom flask using a syringe pump over 1 h with stirring at room 

temperature under Ar and in the absence of light.  The remaining solution in the syringe 

and needle were added to the reaction followed by overnight incubation under the same 

conditions.  The solvent was removed by rotary evaporation under yellow, filtered, UV-

free light.  The residue was purified by column chromatography on flash silica gel using 
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3:1 dichloromethane:acetone as the mobile phase under yellow UV-free light producing 

0.121 g of product (37.8% yield).   

1H NMR (500 MHz, CDCl3) δ2.554 and 2.624 (2H, t, J = 6.4 Hz, 

CONHCH2CH2S); 3.338 and 3.388 (2H, q, J = 6.2 Hz, CONHCH2CH2S); 3.734 and 

3.781 (3H, s, CC6H4OCH3); 3.784 and 3.793 (6H, s, OCH2COOCH3); 4.681, 4.684, 

4.742, and 4.749 (4H, s, OCH2COOCH3); 5.580 and 5.603 (2H, s, OCH2Ar); 6.115 and 

6.209 (1H, d, J = 1.8 Hz, OCH2Ar); 6.365 and 6.454 (1H, dd, J = 9.8 and 1.9 Hz, 

OCH2Ar); 6.641 and 6.672 (1H, d, J = 2.8 Hz, H-2' & 7'); 6.705-6.770 (3H, m, H-2' & 7' 

and H-4' & 5'); 6.790-6.875 (4H, m, H-1' & 8' and H-3'' & 5''); 6.924 and 6.942 (2H, t, J = 

2.9 Hz, H-3''''); 7.149 (1H, tt, J = 7.3 and 1.6 Hz, H-4'''); 7.190-7.294 (6H, m, H-4''', H-2'' 

& 6'', H-3''' & 5''', and H-5''''); 7.294-7.373 (5H, m, H-3''' & 5''', H-2'' & 6'', and H-2''' & 

6'''); 7.384 (0.5H, d, J = 7.8 Hz, H-7 5 isomer); 7.434 (2H, d, J = 7.3 Hz, H-2''' & 6'''); 

7.754 (0.5H, d, J = 1.5 Hz, H-4 6 isomer); 8.006 (1H, s, CONHCH2CH2S); 8.053 and 

8.060 (1H, d, J = 9.1 Hz, H-2''''); 8.088 (0.5H, dd, J = 8.2 and 1.7 Hz, H-7 6 isomer); 

8.149 (0.5H, dd, J = 7.8 and 1.9 Hz, H-5 6 isomer); 8.269 and 8.283 (1H, d, J = 9.1 Hz, 

H-2''''); 8.356 (0.5H, d, J = 8.2 Hz, H-6 5 isomer); 8.591 (0.5H, d, J = 1.7 Hz, H-4 5 

isomer).  13C NMR (125 MHz, CDCl3) δ 29.674, 30.884, 31.812, 31.992, 39.068, 39.163, 

52.500, 52.523, 55.172, 55.218, 64.497, 64.597, 65.203, 65.265, 66.417, 66.532, 67.536, 

67.574, 101.683, 101.752, 105.604, 105.905, 113.142, 113.211, 113.306, 113.387, 

113.677, 114.070, 114.169, 114.917, 115.058, 116.929, 117.028, 117.707, 117.761, 

126.666, 126.743, 127.838, 127.922, 128.044, 128.082, 128.109, 128.384, 128.479, 

128.571, 128.773, 129.052, 129.124, 129.308, 129.346, 129.582, 129.613, 129.781, 
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130.033, 130.132, 130.243, 130.541, 130.594, 130.666, 131.037, 131.716, 131.766, 

131.873, 131.896, 131.941, 132.022, 132.697, 132.804, 134.449, 135.644, 136.201, 

136.510, 136.530, 136.961, 138.575, 140.301, 140.354, 140.797, 144.771, 144.813, 

153.699, 153.718, 158.069, 158.115, 158.134, 158.195, 161.589, 161.600, 162.132, 

162.188, 162.207, 163.982, 164.948, 165.154, 167.891, 167.914, 167.990, 185.148 and 

185.258.  MS. M+H+ = C63H52O17N3S, m/z = 1154.30119 Da observed, m/z = 

1154.30119 calculated, error = 0 ppm. 

 

4.2.6 Sulfur deprotection to form FS (5) or CFS (6) 

Under yellow, filtered, UV-free light, compound 3 or 4 (5.0 mg) was added to a 

scintillation vial containing a stir bar, dissolved with 0.5 mL TFA, and triisopropylsilane 

(TIPS, 30 µL) was added.  The reaction was stirred at room temperature for 1 h followed 

by the removal of the solvent by rotary evaporation.  The product was further dried under 

vacuum for 1 h.  The residue was dissolved with 0.60 mL dimethylformamide, and the 

solution added to 1.00 mL 20 mM borate pH 10.0.  The mixture was vortexed, 

centrifuged briefly, and the supernatant filtered through a 30 kDa MWCO spin column 

(Microsep™ centrifugal device from Pall Life Sciences).  The dye concentration in the 

resulting filtrate (typically 1-10 mM) was determined by UV-Vis absorbance.   

MS. FS M+H+ = C23H18O6NS, m/z = 436.08496 Da observed, m/z = 436.08493 

calculated, error = 0.1 ppm.  CFS M+H+ = C43H36O16N3S, m/z = 882.18091 Da observed, 

m/z = 882.18108 calculated, error = 0.2 ppm. 
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4.2.7 Optical absorption spectroscopy 

Stock dye solution concentrations were determined using UV-Vis absorbance 

spectroscopy (Model 440 CCD Array UV-Vis Spectrophotometer; Spectral Instruments, 

Inc.; Tucson, AZ) with a 1.00 cm cuvette.  The spectrometer was blanked with 20 mM 

borate pH 10.0 prior to data collection, and an aliquot of stock dye solution, typically 

between 5 and 20 µL, was added to 2.00 mL 20 mM borate pH 10.0 yielding a maximum 

absorbance between 0.50 and 1.50. 

 

4.2.8 Fluorescence spectroscopy 

Fluorescence emission spectra for all dyes were collected at 500 nM in 20 mM 

borate pH 10.0 using 1.00 cm pathlength quartz cuvette (NSG Precision Cells Type 

23ES; Farmingdale, NY) and a PTI QuantaMaster™ spectrofluorometer (Lawrenceville, 

NJ) with excitation and emission slits set to 2 nm bandpass and λex = 488 nm.  The 

fluorescence quantum yield for all dyes was measured relative to fluorescein in 0.1 M 

NaOH (Ф = 0.95)262  and rhodamine 6G in ethanol (Ф = 0.95).263 

 

4.2.9 Labeling primary amines 

All primary amine labeling reactions used a mole ratio of 15:3:1 OPA:thiol:amine 

under UV-free light.  For example, 82 µL 7.68 mM 5 and 39 µL 80 mM OPA were added 

to 2.00 mL degassed 20 mM borate pH 10.0.   A 20 µL aliquot of 10 mM arginine was 

added to the reaction, mixed, and incubated 1 min followed immediately by UV-Vis 
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absorbance analysis.  Samples were diluted to 20 nM 5 or 200 nM 6, and stored in the 

dark at 4°C prior to CZE analysis. 

 

4.2.10 Activation of caged fluorophores 

A 10 µL aliquot of 2.00 mM caged fluorophore was added to 2.00 mL 20 mM 

borate pH 10.0.  The solution was UV irradiated (100 W mercury lamp, Newport model 

6281 with Newport 69907 power supply operated at 100 W) for 4 min with a water IR 

filter and a UV bandpass filter (Edmund U-330), and analyzed by UV-Vis and 

fluorescence emission spectroscopy. 

 

4.2.11 Labeling thiols 

All thiol labeling reactions used a mole ratio of 1:1 thiol:fluorescent thiol under 

UV-free light.  For example, 355 µL 20 mM borate pH 10.0 and 395 µL 3.82 mM 5 were 

added to 0.75 mL 2.00 mM glutathione in 20 mM borate pH 10.0.   The mixture was 

vortexed briefly, and a 0.75 mL aliquot was bubbled with wet O2 gas for 20 min in the 

dark.  Samples were diluted to 20 nM 5, and stored in the dark at 4°C prior to CZE 

analysis. 

 

4.2.12 Capillary electrophoresis 

An air-cooled single-line Ar+ laser (Model 177-612 Series Laser Systems, 

Spectra-Physics, Mountain View, CA; 100 mW total power) was operated at 50 mW total 

power.  The detection beam (488 nm) was focused into the center of the separation 
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capillary using a plano-convex lens (f = 100 mm, Melles Griot, Irvine, CA, USA).  

Sample was hydrodynamically injected into the separation capillary by raising the 

capillary inlet to 21 cm for five seconds.  The fluorescence signal was collected using a 

microscope objective (10X, 0.25 N.A., Newport, Irvine, CA, USA) before passage 

through a spatial filter and a band pass filter (D525/25 M, Chroma Technology, 

Rockingham, VT, USA). The signal was then detected by a photomultiplier tube (H957, 

Hamamatsu Photonics, Bridgewater, NJ, USA), current, from which was amplified by a 

current amplifier (Model SR570, Stanford Research System, Sunnyvale, CA, USA), and 

collected by an A/D converter (PCI-MIO-16E-4, National Instruments, Austin, TX, USA) 

using in-house software written in LabView (National Instruments).  Electric fields were 

applied using a 30 kV power supply (CZE-1000, Spellman High Voltage Corporation, 

Hauppauge, NY, USA).  Samples were analyzed using 20 mM borate pH 9.3 and a 42 cm 

long, 25 µm i.d. capillary with detection at 32 cm and 16.8 kV applied during separation.  

All samples were stored on ice between injections. 

 

4.2.13 HPLC separation of isomers 

A 1.00 mL aliquot of 10 mg/mL 3 in MeOH was separated on a C18 column 

(Shimadzu Chromegabond WR C18, 5 µm, 250 mm by 23 mm) using a 25 mL/min 

gradient (Shimadzu CBM-20A controller and LC-8A pumps) of water with 0.01% (v/v) 

TFA and acetonitrile (ACN).  The mobile phase was held for 11 min at 50% ACN, 

increased linearly over the next 9 min to 77% ACN, and followed by a 95% ACN wash.  

The components were detected at 254 nm (Shimadzu SPD-20A), collected by hand, and 
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the solvent removed by rotary evaporation.  The two major peaks were identified by 1H 

NMR.264 

 

4.3 RESULTS AND DISCUSSION 

4.3.1 Synthesis of PFS and PCFS, thiol deprotection, and uncaging 

PFS (3) was synthesized utilizing a methoxytrityl protecting group to impart 

acidic activation, and PCFS (4) was synthesized with a methyl ester incorporated into the 

caging group structure for later cleavage should 4 exhibit extreme hydrophobicity (Figure 

4-2).  However, 4 and 6 proved to be sufficiently water soluble at low µM and mM 

concentrations, respectively, so the methyl esters were left in place.  3 was stable at room 

temperature and 4 was stable at -20 ºC for periods in excess of one year, and the thiol was 

readily activated by removing the methoxytrityl protecting group to produce 5 and 6 

using TFA with TIPS as a scavenger (Figure 4-3).  When 4 and 6 are exposed to UV 

light, the caging groups are removed producing 3* and 5*, compounds that may contain 

subtle differences from 3 and 5 (Figure 4-4). 
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Figure 4-2:  Synthetic scheme for PFS (3) and PCFS (4).  The carboxyfluorescein is a mixture of the 5 and 
6 isomers as are all its products (3 & 4). 
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Figure 4-3:  1H NMR assignment and thiol deprotection scheme for FS (3) and CFS (4).  The 1H NMR 
assignments are made according to the above labels.  The methoxytrityl group of either dye is removed in 
neat TFA with TIPS present as a scavenger.  All fluorescein derivatives are a mixture of the 5 and 6 
isomers. 
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Figure 4-4:  The caged thiol-containing fluoresceins, 4 and 6, are uncaged by irradiation with UV light.  
The resulting compounds are theoretically identical to 3 and 5, but may contain subtle differences and are 
referred to as 3* and 5*, respectively. 

 

4.3.2 Spectroscopic analysis of thiol-containing fluorophores 

The spectroscopic properties of the dyes were then investigated by comparing the 

UV-Vis absorbance and fluorescence emission spectra as well as the fluorescence 

quantum yield.  Since the starting material for 3 is CF, it follows that 3 should have 

similar optical properties as observed (Table 4-1).  When the thiol protecting group was 
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removed from 3, producing 5, the absorbance and fluorescence emission spectra did not 

change their shape or maxima significantly, but a 10 % decrease in fluorescence intensity 

was observed attributable to a decrease in the quantum yield (Figure 4-5A).  Thiol-

deprotected SAMSA (D-SAMSA) produced a similar result with no spectral changes, and 

a significant decrease in fluorescence intensity.  The initial fluorescence intensity of 

SAMSA fluorescein was 30 % higher relative to 3, but decreased to 80 % upon thiol 

deprotection resulting in a signal weaker than 5 (Figure 4-5B).  This decrease was also 

due to a drop in quantum yield, a fact previously observed for thiol-containing 

fluoresceins (Table 4-1).190;265  This data shows that 5 has similar optical properties to the 

commercially-available analog while incorporating a more stable, acid-labile protecting 

group. 

Fluorophore λmax,abs (nm) εmax (cm-1M -1) λmax,fl (nm) Ф ± sd 

CF 493 78000 518 0.86 ± 0.03 
3 496 78000 518 0.86 ± 0.03 
5 494 78000 518 0.78 ± 0.03 

SAMSA 491 80000 512 0.91 ± 0.04 
D-SAMSA 491 80000 512 0.71 ± 0.03 

4 464 27000 520 0.042 ± 0.002 
3* 501 48000 518 0.19 ± 0.01 
6 460 27000 518 0.11 ± 0.01 
5* 497 39000 516 0.16 ± 0.01 

CFSE 313 16000 514 ~0a 
UCFSE 494 31000 520 0.24 ± 0.01 

Table 4-1:  Spectral properties of thiol-containing fluoresceins, precursors, and their commercial 
counterparts.  a Ref #196. 
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Figure 4-5:  Absorbance and fluorescence emission spectra of (A) 3 and 5 and (B) SAMSA and D-
SAMSA in 20 mM borate pH 10.0. 
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spectrum distinctive to fluorescein and its derivatives (Figure 4-6A).  The peak 

absorbance intensity of 3* after uncaging is significantly reduced compared to that of 3 

likely due to a combination of incomplete uncaging and photobleaching.  The 

fluorescence intensity of 4 is greatly reduced while caged, 1.2 % relative to 3, and after 

uncaging, 17 % of the fluorescence intensity is recovered.  Upon deprotecting 4 to form 

6, the shape of the absorbance spectrum is altered slightly shifting the λmax to 460 nm 

(Figure 4-6B).  Thiol deprotection also increases the fluorescence intensity to 2.6 % 

relative to 3 due to a small portion of the dye uncaging.  UV exposure produces 5* which 

displays a fluorescein absorbance spectrum along with a fluorescence intensity increase 

to 11 %.  This intensity is reduced compared to 3*, but as with 5, the presence of a free 

thiol can cause such changes.190;265  When 4 is compared to the commercially-available 

caged fluorescein succinimidyl ester (CFSE), it is readily apparent that the initial 

absorbance spectra are significantly different as the CFSE lacks an absorbance at 465 nm 

(Figure 4-6C).  The fluorescence intensity from CFSE is similarly negligible, and 

uncaging the dye produces the characteristic fluorescein absorbance and fluorescence 

spectra but the fluorescence intensity is significantly larger, 48 % relative to 3.  Taken 

together, these data prove that the caged molecules can be activated by exposure to UV 

light, and despite the reduced uncaged intensity relative to commercially-available caged 

fluorescein, should provide sufficient signal for use as photoactivatable labels and in 

photolytically-gated CZE-LIF. 
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Figure 4-6:  Absorbance and fluorescence emission spectra of (A) 4 and 3*, (B) 6 and 5*, and (C) CFSE 
and UCFSE in 20 mM borate pH 10.0.  The uncaged samples were exposed to UV light from a mercury arc 
lamp for 4 min. 
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4.3.3 Spectroscopic and CZE-LIF analysis of OPA/5 and OPA/3 amine labeling  

The ability of 5 to label primary amines using the OPA reaction scheme was 

tested by titrating an arginine solution into a solution containing 15-fold and 3-fold molar 

excesses of OPA and 5, respectively, and monitoring the UV-Vis absorbance spectrum 

(Figure 4-7A).182  The increase in absorbance at 336 nm indicates the formation of 

isoindole product producing a labeled amine.  The experiment was repeated using 3 as a 

control, and resulting spectra displayed a significantly reduced change in absorbance at 

336 nm (Figure 4-7B).  The absorbance increase at 336 nm is attributable to the 

formation of unstable OPA/amine adducts which are not fluorescent, and disassemble 

upon separation.  Additionally, the absorbance increases at 336 nm for both 5 and 3 

displayed linear relationships with respect to arginine concentration that correspond to 

calibration curves produced using β-ME, an alternate thiol source, or DMF, a control for 

the absence of thiol (Figure 4-7C).  This is further evidence that the absorbance increases 

observed for OPA/5 amine labeling originate from the formation of isoindole product, 

and the increases observed for 3 are artifacts of interactions between the other reactants.  

Therefore, once deprotected, 5 appears to label primary amines similarly to D-SAMSA 

when used in the OPA scheme, but the labeled products require further analysis to prove 

their utility in vesicle and separation applications.182   
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Figure 4-7:  UV-Vis absorbance analysis of primary amine labeling with OPA and thiol-functionalized 
fluoresceins. Excess OPA and (A) 5 or (B) 3 were titrated with arginine.  The absorbance change at 336 nm 
indicates the formation (A) or lack of (B) isoindole product.  (C) Calibration curves prepared from UV-Vis 
absorbance measurements at 336 nm of OPA/DL-arginine labeling utilizing (■) β-ME, (●) DMF, (▲) 5, 
and (▼) 3 as a thiol source. 
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The irreversibility and utility of OPA/5-labeled amines was investigated by 

separating a mixture of labeled compounds with a CZE-LIF system.  Figure 4-8A 

displays electropherograms of (i) SAMSA, (ii) 3, and (iii) a mixture of primary amine-

containing compounds reacted with 15-fold and 3-fold molar excesses of OPA and 3, 

respectively.  All electropherograms contain 3 nM 5(6)-carboxyfluorescein (CF) as an 

internal standard which appears at 227 sec.  SAMSA and 3 migrate at different but 

reasonable rates given the additional negative charge on SAMSA.182  3 produces two 

peaks at 148 and 145 sec, respectively, and no additional peaks were observed when a 

mixture of primary amine-containing compounds were reacted with OPA and 3, thus 

proving the necessity of thiol deprotection for functionality (Figure 4-8A).  After thiol 

deprotection (Figure 4-8B), the electropherograms of (i) D-SAMSA and (ii) 5 were 

altered significantly as the activated fluorophores migrated later in the separation, and 

several additional peaks appeared while (iii) a mixture of OPA and 5 displayed the same 

signal as 5 alone and (iv) an OPA/5 labeled mixture of primary amine-containing 

compounds produced several additional peaks.  All electropherograms containing 5 

displayed either a peak with a shoulder, or two poorly resolved peaks at 183 sec.  In the 

case of D-SAMSA, deprotection resulted in two peaks at 261 and 264 sec as observed 

previously which are likely due to the presence of SAMSA isomers.182  The additional 

peaks from impurities in both electropherograms are undesirable for separation 

applications, since they obscure a region of the separation and decrease the accuracy of 

quantitative measurements, but the obscured timeframe was smaller and concentrated 

from 203 to 213 sec for 5 while the obscured timeframe for D-SAMSA was spread across 
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the separation window.  The fluorescent impurities are of minimal concern for vesicle 

labeling applications as the impurities will either label the vesicle along with 5 if they 

contain a thiol, or they will be removed along with excess dye when the labeled vesicles 

are purified.  D-SAMSA also produced a weaker signal than 5 because D-SAMSA 

contains a proportionally larger amount of fluorescent byproducts.   

The similarity between 5 and 5/OPA, and the appearance of new peaks when 

primary amines are added, confirmed that OPA and 5 label amine-containing compounds, 

and that all three components are necessary for labeling to occur.  Each 5/OPA labeled 

amine produced two peaks, at 157 and 160 sec for arginine, and 188 and 194 sec for 

GABA, while glutamic acid produced a peak at 215 sec and a shoulder on the 

carboxyfluorescein peak at 228 sec.  The multiple peaks observed for each labeled amine-

containing compound may arise from differences in electrophoretic mobility between the 

5-isomer of 5 (5-5) and the 6-isomer of 5 (6-5).  Multiple peaks may interfere with CZE 

analysis due to difficulties in electropherogram interpretation, but are of no concern for 

vesicle label applications as the vesicle or the labeled macromolecular biological 

assembly will dictate movement through solution. 
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Figure 4-8:  CE-LIF analysis of OPA /5 labeled amine-containing compounds.  (A) Electropherograms 
obtained for 5 nM (i) SAMSA, (ii) 3, and (iii) 3 reacted with OPA, DL-arginine, GABA, and L-glutamate.  
(B) Electropherograms obtained for 20 nM (i) D-SAMSA, (ii) 5, (iii) 5/OPA, and (iv) 5 reacted with OPA, 
DL-arginine, GABA, and L-glutamate.  All separations included 3 nM CF as an internal standard.  
Separation conditions:  E = 400 V/cm, 5 s injection, 25 µm id, separation distance = 32 cm. 
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4.3.4 Isomeric effects on CZE-LIF separation 

The multiple peaks were hypothesized to originate from the presence of two 

isomers because the CF used as a starting material contained a mixture of 5- and 6-

isomers.  Therefore, 3 consists of a mixture of 5- and 6-isomers (5-3 and 6-3) that can be 

separated by HPLC in milligram quantities using a C18 column (Figure 4-9).  Given the 

poor water solubility of fluorescein free acid and the hydrophobic nature of the 

methoxytrityl protecting group, 3 was dissolved in MeOH for injection, and the mobile 

phase composition was kept at or above 50% acetonitrile.  A small quantity of TFA 

(0.01% v/v) in the aqueous mobile phase was found to be necessary for efficient 

separation of the isomers, but this small amount of TFA was not enough to promote 

sulfur deprotection when the solvent was removed by rotary evaporation.  Based on the 

chromatogram, 3 was determined to be 88.2% pure which matched quite well with the 

UV-Vis data (89.2% pure).  The isolated isomers were analyzed by 1H NMR, and the 

peak at 19.5 min was determined to be the 6-isomer while the peak at 20.5 min was 5-

isomer. 
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Figure 4-9:  HPLC separation of 3 isomers.  A 1.00 mL aliquot of 10 mg/mL 3 in MeOH was separated on 
a C18 column using a 25 mL/min gradient of water with 0.01% (v/v) TFA and ACN.  The absorbance at 
254 nm was used to monitor the separation, and the two major peaks were identified by 1H NMR as 6-3 and 
5-3, respectively. 

The isomeric identities of the peaks observed by CZE were identified by 

analyzing the migration order of the purified single isomers.  The migration times of the 

individual isomers varied too much from purification to purification for an accurate 

identification to be made simply based on that measure.  This was probably due to small 

differences in the conditions experienced by the dye during purification and 

concentration that propagated into the samples as they were run, such as residual organic 

solvent.  To overcome these shifts in migration time, the method of standard additions 

was employed in which 2.5 nM of each isomer was added to 7.5 nM of the other, thereby 

keeping the separation conditions the same for each individual run, and allowing the peak 

identification to be made according to peak height (Figure 4-10).  These mixtures were 
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purification.  The electropherograms before and after purification each possess two peaks 

that are similar in proportion, but the purified material demonstrates a temporal shift like 

that observed in the individual isomer samples.  When a lesser amount of 5-3 was added 

to 6-3, the first peak appears significantly diminished, and the second peak was reduced 

when a lesser amount of 6-3 was added to the 5-3.  Thus, the identity of the first peak is 

5-3 and the second peak is 6-3, the reverse of the order in which the isomers eluted by 

HPLC.  The difference in migration time between the two isomers is not completely 

understood, but is likely caused by the effectiveness with which the methoxytrityl-

containing side chain can fold back and interact with the other conjugated ring systems in 

the fluorescein moiety.  Changing the position of the side chain on the benzene ring 

would change the alignment of the various ring systems when folded, and could give rise 

to differences in hydrodynamic radius. 
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Figure 4-10:  CE-LIF analysis of PFS isomers.  Electropherograms obtained for (i) 5 nM PFS, (ii) 5 nM 
HPLC purified PFS, (iii) 7.5 nM 6-PFS + 2.5 nM 5-PFS, and (iv) 7.5 nM 5-PFS + 2.5 nM 6-PFS.  All 
separations included 3 nM CF as an internal standard.  Separation conditions:  E = 400 V/cm, 5 s injection, 
25 µm id, separation distance = 32 cm. 

Since 5-3 migrated before 6-3 when separated by CZE, it was hypothesized that 
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time between the 5 isomers is likely due to the reduced size of the side chain.  This trend 

can be observed throughout the electropherograms presented in this work.  CF has the 

smallest side chain (m = 44 Da), appears as a peak with a shoulder, and the isomers are 

not resolved.  5 has the next smallest side chain (m = 103 to 104 Da depending upon thiol 

deprotonation), and appears as either a peak with a shoulder or two incompletely resolved 

peaks.  3 and 5/OPA-labeled analytes have the largest and similarly sized side chains 

(305 Da ≤ m ≤ 376 Da depending upon the amine-containing compound), and all appear 

as two completely resolved peaks although one peak from 5/OPA-labeled glutamate 

appears as a second shoulder on CF.  In future CZE-LIF applications, it will be important 

to use purified single isomers for analyses involving complex electropherograms, thus 

simplifying analyte identification and minimizing overlapping peaks that prevent 

quantitative analysis. 
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Figure 4-11:  CE-LIF analysis of 5-5/OPA labeled amine-containing compounds.  Electropherograms 
obtained for 20 nM (i) 5-5, (ii) 5-5 reacted with OPA, DL-arginine, GABA, and L-glutamate.  All 
separations included 3 nM CF as an internal standard.  Separation conditions:  E = 400 V/cm, 5 s injection, 
25 µm id, separation distance = 32 cm. 
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were proportional suggesting that this is an artifact of the dyes (Figure 4-12C).  The 

absorbance spectra and calibration plots support the hypothesis that the absorbance 

increases observed at 336 nm for OPA/6 labeled amines originate from the formation of 

isoindole product, and the increases observed for 4 are artifacts of interactions between 

OPA and the amine.266;267  As with 5, 6 appears to label primary amines when used in the 

OPA scheme, and further analysis is required to confirm that labeling occurred and dye 

has utility in vesicle and separation applications. 
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Figure 4-12:  UV-Vis absorbance analysis of primary amine labeling with OPA and caged thiol-
functionalized fluoresceins. Excess OPA and (A) 6 or (B) 4 were titrated with arginine.  The absorbance 
change at 336 nm indicates the formation (A) or lack of (B) isoindole product.  (C) Calibration curves 
prepared from UV-Vis absorbance measurements at 336 nm of OPA/DL-arginine labeling utilizing (■) β-
ME, (●) DMF, (▲) 6, and (▼) 4 as a thiol source. 
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Since 6 appears capable of labeling free amines through the OPA reaction, and 

displays the necessary photolytic properties, the ability to separate the OPA/6-labeled 

amines was investigated.  Figure 4-13A shows a series of electropherograms obtained for 

(i) a commercially-available caged fluorescein succinimidyl ester (CFSE), (ii) uncaged 

CFSE, (iii) 4, and (iv) 3*.  A comparison between the two amine-reactive dyes illustrates 

the lack of signal when the dyes are caged, and the production of readily identifiable 

signal or peaks when exposed to UV light, a necessary characteristic for observing 

intracellular movement and photolytically gated CZE-LIF.180  Additionally, the 3* 

electropherogram, with two peaks appearing at 144 and 147 sec, matches that of 3 quite 

well since the decaged product should be chemically identical.  Upon deprotecting the 

thiol, the electropherograms in Figure 4-13B contain one small additional peak at 138 

sec, and some additional noise regardless of whether 6 is (i) analyzed alone, (ii) in 

combination with OPA, or (iii) reacted with OPA and a mixture of primary amine-

containing compounds.  The similarity of all three electropherograms indicates that 6 and 

OPA/6-labeled amines remain undetectable until the fluorophore is uncaged with UV 

irradiation producing the electropherograms shown in Figure 4-13C:  (i) 5*, (ii) OPA and 

5*, and (iii) a mixture of OPA/5*-labeled primary amine-containing compounds.  The 5* 

electropherogram resembled that of 5 although the activated fluorophore and the 

contaminant region reached the detector significantly sooner at 149 sec and 186-208 sec, 

respectively.  No change was observed upon interaction with OPA, until the required 

reaction components were present, and the mixture was exposed to UV light, a series of 

additional peaks were observed with similar migration times and peak profile to that of 
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OPA/5-labeled amines.  Arginine produced two peaks at 140 and 144 sec, GABA two 

peaks at 177 and 185 sec, glutamic acid a peak at 218 sec and a shoulder on the CF peak 

at 229 sec. 

The two peaks observed for each amine-containing analyte are likely caused by 

the mixture of 5-5* and 6-5* isomers, as observed in OPA/5 labeled amines.  

Furthermore, HPLC purification could produce single isomer labels that may be required 

when analyzing complex biological systems.  These electropherograms confirm that 6 

produces minimal signal when caged, and is uncaged upon exposure to UV light.  6 is 

also capable of labeling amine-containing compounds using the OPA reaction scheme.  

Therefore, 6 could be used to label amine-containing analytes in online, photolytically 

gated CZE-LIF.  6 also has potential for use in stabilized phospholipid vesicle labels 

because the dye should be small enough to pass through the defects in bis-SorbPC 

membranes. 
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Figure 4-13:  CE-LIF analysis of OPA/6 labeled primary amines.  (A) Electropherograms obtained for 50 
nM (i) CFSE, (ii) UCFSE, (iii) 4, and (iv) 3*.  (B) Electropherograms obtained for 200 nM (i) 6, (ii) 
6/OPA, and (iii) 6 reacted with OPA, DL-arginine, GABA, and L-glutamate.  (C) Electropherograms 
obtained for 200 nM (i) 5*, (ii) 5*/OPA, and (iii) 5* reacted with OPA, DL-arginine, GABA, and L-
glutamate.  The uncaged samples were exposed to UV light from a mercury arc lamp for 4 min.  All 
separations included 3 nM CF as an internal standard.  Separation conditions:  E = 400 V/cm, 5 s injection, 
25 µm id, separation distance = 32 cm. 
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4.3.6 CZE-LIF analysis of 5-labeled thiols 

Another potential use for 5 is labeling thiol-containing compounds.  Disulfide 

bonds form spontaneously under oxidizing conditions, thus, no additional components, 

such as OPA, are required for labeling to occur.  Glutathione (GSH), a primary thiol 

source in biological systems, was reacted with a stoichiometric amount of FS.  When 

analyzed by CZE-LIF, two peaks migrating at 177 sec and 180 sec were observed (Figure 

4-14).184-187  As with the OPA/5 labeled amine-containing compounds, the two peaks 

arise from the 5- and 6-isomers of 5 because only a single peak was observed when GSH 

was labeled with 5-5 (Figure 4-15).  To ensure that the labeling reaction reached 

completion, the mixture of 5 and GSH was bubbled with O2 gas for 20 min.  The 

resulting electropherogram demonstrated no changes meaning that the surrounding buffer 

contained enough dissolved O2 to fully promote the formation of disulfide bonds.  The 

lack of a new peak from the formation of a 5 dimer was likely caused by a drastic 

reduction in quatum yield, > 90%, due to self quenching between the two xanthene rings 

brought about by the close proximity of two fluorophores when joined by a disulfide 

bond.188  This labeling method shows promise because 5 readily labels thiols at elevated 

pHs where other thiol labels such as maleimides and iodoacetamides are less effective 

due to hydrolysis and reaction with amines.4  Potential also exists to label thiols with 6 

expanding the capabilities of POG-CZE-LIF, and further characterization of the thiol 

labeling kinetics should be explored to determine whether online labeling is feasible. 
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Figure 4-14:  CE-LIF analysis of 5 labeled GSH.  Electropherograms obtained for 20 nM (i) GSH, (ii) 5, 
(iii) 5-labeled GSH, and (iv) 5-labeled GSH bubbled with O2 for 20 min.  All separations included 3 nM CF 
as an internal standard.  Separation conditions:  E = 400 V/cm, 5 s injection, 25 µm id, separation distance 
= 32 cm. 

  
Figure 4-15:  CE-LIF analysis of 5-5 labeled GSH.  Electropherograms obtained for 20 nM (i) 5-5, (ii) 5-5 
reacted with GSH.  All separations included 3 nM CF as an internal standard.  Separation conditions:  E = 
400 V/cm, 5 s injection, 25 µm id, separation distance = 32 cm. 
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A second primary source of thiols in cellular environments is the amino acid 

cysteine.  Cysteine was labeled using the same method as glutathione with similar results 

(Figure 4-16).  The electropherogram of the cysteine sample displayed no peaks, and the 

5 sample was the same as previously observed.  An additional control was performed in 

which the 5 was bubbled with O2 for 20 min in the same manner as the mixture of 

fluorophore and analyte, and while some minor variations in peak height were observed 

from the deprotection side products, no new peaks appeared and the 5 peak intensity was 

only slightly diminished.  As in the labled GSH sample, the lack of a new peak is likely 

caused by a reduction in quantum yield due to self quenching between the two 

fluorophores.188  When cysteine was labeled with 5, two additional peaks appeared in the 

electropherogram immediately following the 5 peak.  The two peaks are likely due to the 

mixture of 5-5 and 6-5 isomers used during labeling.  Disulfide 5-labeled cysteine 

migrates slower than 5 and faster than disulfide 5-labeled GSH.  This is caused by a 

slight increase in negative charge coupled with a significant increase in hydrodynamic 

radius versus 5 (5/Cys z = -3 and m = 551 Da vs. 5 -2 < z < -3 and m ≈ 432 Da), while 

disulfide 5-labeled GSH posseses an additional negative charge and an even greater 

hydrodynamic radius (5/GSH z = -4 and m = 752 Da).  As with GSH, bubbling with O2 

for 20 min did not significantly increase the intensity of the labeled peaks. 
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Figure 4-16:  CE-LIF analysis of 5-labeled cysteine.  Electropherograms obtained for 20 nM (i) 5, (ii) 
cysteine, (iii) 5 bubbled with O2 for 20 min, (iv) 5-labeled cysteine, and (v) 5-labeled cysteine bubbled with 
O2 for 20 min.  All separations included 3 nM CF as an internal standard.  Separation conditions:  E = 400 
V/cm, 5 s injection, 25 µm id, separation distance = 32 cm. 
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could determine the effectiveness with which endosomal release agents improve the 

delivery and prevent degradation of therapeutic materials. 

 

4.4 CONCLUSION 

The first CFS was synthesized, and functioned effectively as the thiol in the OPA 

labeling scheme. 6 also demonstrated the required photolytic properties for use as a label 

in observing the movement of macromolecular biological assemblies and in POG-CZE.  

As a precursor, an acid-activated PFS was synthesized using a procedure that does not 

increase the number of isomers, and can rapidly label amine-containing compounds when 

deprotected and used in conjunction with OPA.  Labeling with 5/OPA produced a more 

intense signal with less intense fluorescent impurities obscuring a smaller region of the 

electropherogram, compared to the commercially-available, thiol-containing fluorophore 

SAMSA fluorescein.  The use of 5 and 6 in combination with OPA as a label for free 

amines was demonstrated using three primary amine-containing compounds, and has 

potential for extension to other amine-containing signaling molecules such as proteins, 

dopamine, etc.  6 and 5 produced similar amine labeling results so 5 was used to 

demonstrate the potential of the dyes as labels for biological thiols such as glutathione 

and cysteine.  In the future, 6-labeled, stabilized phospholipid vesicles may label 

macromolecular biological assemblies, and track their movement.  6 may also serve as a 

fluorescent probe for observing endosomal trafficking and release.  Lastly, the temporal 

resolution of successive CZE-LIF samples can be improved through online labeling 

without compromising sensitivity because the OPA and fluorescent thiol labeling scheme 
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reduces the time required for labeling while optimizing the photophysical characteristics 

of the reporting dye.  Combining these properties with a caged fluorophore increases the 

potential of POG-CZE and provides an additional analysis method capable of 

investigating dynamic biological systems. 
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5 CHAPTER 5:  SUMMARY AND FUTURE DIRECTIONS 

 

5.1 SUMMARY 

The biocompatibility of phospholipid vesicles in addition to their ability to 

support transmembrane proteins and sequester water-soluble materials has garnered 

significant interest in the development of biochemical sensors.  However, the inherent 

instability of phospholipid bilayers to chemical and physical insults limits the use of 

naturally-occurring phospholipids, and has led to the development of several strategies 

for improving membrane stability including:  1) synthetic, polymerizable phospholipids; 

and 2) polymer templating – polymerizing hydrophobic monomer partitioned into the 

vesicle lamella.  These methods form polymer networks between or among the lipids, and 

result in robust structures which are not biodegradable.  For vesicle-based sensors to be 

as broadly applicable as possible, the stabilized vesicle structure must contain a 

mechanism that allows living tissues to degrade, disassemble, and dispose of the sensors.  

Acid-catalyzed degradation is one such method, and the incorporation of acetal functional 

groups into the polymer cross-links can promote the conversion of cross-linked polymer 

into linear polymer upon exposure to acidic conditions. 

Therefore, a novel acetal-functionalized methacrylate cross-linker, DMOEP, was 

synthesized from HEMA and a dimethyl acetal.  Acid-labile, polymer-stabilized 

phospholipid vesicles were prepared utilizing DOPC, BMA, and DMOEP by the 

procedure used to prepare analogous DOPC/BMA/EGDMA stabilized vesicles. The 

resulting vesicle membrane was composed of a methacrylate copolymer surrounded by a 
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noncovalently associated phospholipid bilayer.  The vesicles were stable at physiological 

pH for extended periods of time, and exhibited pH- and time-dependent destabilization 

due to acetal cross-link cleavage leading to the release of acetone.  Vesicle permeability 

to dextran was minimal at physiological pH and increased in a pH-dependent manner, an 

important characteristic for long term storage of vesicle-based sensors because changes in 

component orientation and location could cause the sensor to malfunction.  The stabilized 

vesicle architecture can be envisioned to enter a biological environment wherein a change 

in pH partially degrades the polymer network.  Upon partial destabilization of the 

polymer network, the vesicle becomes susceptible to lipid extraction, vesicle fusion, and 

other chemical and biological destabilization events, thus allowing cargo to be delivered 

and enhancing clearance from the biological environment.  The transiently stabilized 

vesicle concept may prove useful for chemical sensing applications and enhanced drug 

delivery with improved physiological degradation and clearance properties as control of 

the temporal and pH-dependent degradation is optimized. 

Some hypothesized sensing mechanisms require a permeable membrane.  The 

polymerizable phospholipid bis-SorbPC is known to form porous membranes that allow 

low molecular weight compounds to diffuse freely.  However, bis-SorbPC vesicle 

stability is irreversibly increased upon polymerization.  Therefore, acid-degradable, 

polymer-stabilized, phospholipid vesicles were formed by simultaneously polymerizing 

bis-SorbPC vesicles with the partitioned acetal-containing cross-linker DMOEP.  The 

resulting bilayer consisted of cross-linked 1,4-poly(sorbate) lamellar segments and 

intertwined cross-linked poly(methacrylate).  The vesicles were exposed to a range of 
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pHs, and demonstrated a pH dependent degradation profile.  The vesicles were stable in 

excess of one month at moderate pHs, and displayed time-dependent degradation at more 

acidic pHs.  However, chemical stress, such as excess surfactant, was required to reduce 

the vesicles to mixed micelles likely due to the permanent chemical bonds formed 

between bis-SorbPC molecules.  Stabilized vesicles composed of bis-SorbPC and 

EGDMA were more stable than bis-SorbPC/DMOEP vesicles, but degraded at pH 2.0.  

Coupled with the incomplete degradation of bis-SorbPC/DMOEP vesicles at pH 4.0, this 

result suggests that a second form of degradation occurs within the bis-SorbPC polymer 

network. Subsequent analysis of the degradation byproducts identified acetone, the 

byproduct of acetal cleavage, and poly(carboxynonanyl sorbate), the byproduct of bis-

SorbPC glycerol ester cleavage.  The presence of defects in bis-SorbPC membranes 

facilitated the interaction between the interior of the bilayer and the surrounding solution 

thereby permitting ester cleavage, and increasing the degree of acetal degradation in 

moderately acidic solutions relative to bilayers composed of naturally occurring 

phospholipids.  The vesicles also controllably released dextran in a pH-dependent 

manner.  The combination of stability, environment specific degradation, and membrane 

permeability make bis-SorbPC/DMOEP vesicles useful in the development of 

biocompatible biologically inspired nanosensors that do not contain IC’s, and potentially 

useful in the delivery of high molecular weight therapeutics. 

Stabilized phospholipid vesicles encapsulating or labeled with fluorescent dyes 

may also serve as labels for macromolecular biological assemblies.  The advantage to this 

approach is that a high localized fluorophore concentration is achieved while maintaining 
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a low intracellular concentration.  Fluorophores activated by exposure to UV light 

provide an efficient means of monitoring intracellular movement, and if combined with 

stabilized phospholipid vesicles, may provide intense signals with minimal background 

interference.  However, there is currently a limited selection of caged fluorescent labels, 

and none have rapid reaction kinetics.  Therefore, a thiol-containing fluorescein, 5, and 

the first caged thiol-containing fluorescein, 6, were synthesized for use in labeling amines 

and thiols.  For amine labeling, 5 and 6 were used in the o-phthaldialdeyde (OPA) 

labeling scheme, reducing the reaction time.  OPA functions as a cross linker between the 

thiol-functionalized dye and the primary amine-containing analyte resulting in improved 

photophysical properties compared to conventional OPA labeling and faster reaction 

kinetics compared to isothiocyanates and succinimidyl esters.  The photophysical 

properties of 5 and 6 were analyzed, and 5 compared to a commercially-available analog, 

SAMSA, where similar results were observed.  OPA labeling has been used extensively 

for CZE-LIF analyses, so CZE-LIF was used to confirm labeling occurred and determine 

whether the dyes could be applied to CZE systems.  5 and OPA were used to label 

arginine, GABA, and glutamate, and two peaks were produced for each analyte due to 

differences in isomeric migration rates.  Compared to SAMSA, 5 had a more intense 

signal due to proportionally fewer fluorescent byproducts.  6 functioned effectively as the 

thiol in the OPA labeling scheme, and demonstrated the desired spectroscopic and 

photolytic properties.  6 and OPA were used to label arginine, GABA, and glutamate, and 

produced results similar to the OPA/5 labeled amines when uncaged.  Therefore, 

stabilized phospholipid vesicle labels could be formed by reacting 6 with the vesicle 
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surface by adding amine- or thiol-containing headgroups to the phospholipid membrane, 

or reacting 6 with encapsulated materials because the dye should be small enough to 

diffuse through the bis-SorbPC membrane defects.  6 could also be used to label amine-

containing analytes in online, POG-CZE-LIF facilitating dynamic, quantitative analysis 

of biological systems.  5 and 6 also demonstrated potential as labels for biological thiols, 

such as glutathione and cysteine, at elevated pH where maleimides and iodoacetamides 

are prone to degradation and cross reaction.  CFS disulfide labels have potential as 

indicators of endosomal trafficking and release, and could determine the effectiveness of 

endosomal release agents in the delivery of therapeutic materials. 

Going forward, the acid-degradable stabilized phospholipid bilayers may serve as 

platforms for phospholipid vesicle nanosensors by properly selecting the sensing 

components, and enhance biological clearance, leading to in vivo applications.  However, 

further characterization of the acid-degradable stabilized phospholipid membranes 

developed in this work is required, particularly of membrane permeability and lipid 

lateral diffusion.  Increased control of the acid-catalyzed degradation kinetics will also be 

necessary to ensure degradation occurs in the proper locations, and requires the synthesis 

of additional acetal-containing cross-linkers.  Finally, the CFS developed in this work 

could be applied to an array of analyses, but significant potential exists for caged 

fluorescent labels that specifically react with other functional groups. 
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5.2 FUTURE DIRECTIONS 

5.2.1 Stabilized membrane characterization 

Important questions remain regarding stabilized, polymer-templated phospholipid 

vesicles include whether and how the permeability properties are altered by the 

incorporated polymer, and the effects of polymerization on the lateral diffusion of lipids 

within the bilayer.  Understanding membrane properties is necessary for proper 

application in phospholipid vesicle-based sensing schemes because impermeable 

membranes are required for sensing schemes that include ion channels or molecular 

transporters (Figure 1-7), and membranes with defined molecular weight cutoff (MWCO) 

values are needed for nanoreactor-like systems (Figure 1-8).  Well-ordered membranes 

can be investigated using electrophysiology techniques and black lipid membranes to 

study changes in membrane permeability and capacitance before and after loading 

methacrylate monomers, after UV polymerization, and after exposure to surfactant.  Such 

a study will determine whether the phospholipid bilayer remains a sufficient barrier to 

ionic flux given the incorporation of hydrophobic monomers, and the expected reduction 

in lipid lateral diffusion after polymerization. 

In order to conduct electrophysiology and black lipid membrane studies, the 

experimental methods used to produce and investigate stabilized phospholipid bilayers 

will require some adjustment.  In particular, the monomers must be partitioned prior to 

bilayer formation because phospholipid bilayers, e.g. DOPC, are not typically stable for 

the extended timeframes needed for partitioning to occur.  The partitioning could be 

conducted with rehydrated lipid followed by sonication, or with a unilamellar vesicle 
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solution.  Alternatively, the monomers could be added prior to lipid rehydration.  Another 

factor in techniques involving supported lipid bilayers is the effect of the annulus on the 

chemical composition of the bilayer because the monomers may migrate to the annulus 

due to its less sterically restricted environment (Figure 5-1).  As a result, an increase in 

the monomer-to-lipid ratio may be necessary to achieve sufficient stabilization.  

Stabilization will also need to be addressed using an alternative method to dynamic light 

scattering, as the bilayer will no longer be in free solution.  One possibility is to measure 

the pressure required to rupture the membrane as polymerization should increase bilayer 

stability. 

 

Figure 5-1:  Supported lipid bilayer structure.  The point at which the lipid bilayer meets the solid substrate 
results in the formation of an annulus filled with the organic solvent used to dissolve the lipid. 

Similar investigations of bis-SorbPC/methacrylate stabilized membranes are 

desirable, but these studies must focus on the MWCO of the membrane, and the degree to 

which polymerization alters permeability.  Given the permeability of bis-SorbPC 

membranes, electrophysiological measurements are not likely to provide sufficient 

information because the membrane is sufficiently permeable to ions as to prevent the 
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establishment of a voltage across the membrane.  Therefore, alternate methods based on 

size exclusion will be more amenable.  Sugars and polysaccharides, including dextrans, 

have been used previously for similar studies, and have sufficient molecular weight 

variation and detection methods making them ideal analytes.100  A series of sugars and 

polysaccharides with different molecular weights could be encapsulated in phospholipid 

vesicles, and the vesicles isolated by size-exclusion chromatography.  Exposure to 

different conditions including polymerization, surfactant, and storage followed by SEC 

separation and analysis would produce a molecular weight dependent leakage profile and 

the membrane’s MWCO.  Alternatively, DNA of varying molecular weight could be 

electrophoretically driven across suspended lipid bilayers to yield similar results. 

Lateral lipid mobility within a bilayer can be crucial for the function of some 

transmembrane proteins.  Therefore, understanding the effects of membrane stabilization 

on lateral diffusion is crucial in determining whether some transmembrane proteins can 

be incorporated into a sensing scheme. The most common method for studying lateral 

lipid diffusion is fluorescence recovery after photobleaching (FRAP).  FRAP is 

performed by adding a low mole percentage of fluorescently labeled lipid to a bilayer, 

photobleaching a specific area with a laser pulse, and then observing the length of time 

required for a stable fluorescent signal to return to the photobleached area (Figure 5-2).74  

The amount of time required to reach equilibrium is dependent upon how rapidly the 

phospholipids can laterally diffuse.  Lateral diffusion within polymer-stabilized 

membranes is likely to decrease by several orders of magnitude, but has not been studied 

in great detail.74 
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Figure 5-2:  Lateral lipid mobility as determined by fluorescence recovery after photobleaching (FRAP) 
using fluorescence microscopy.  A low mole percentage of fluorescently labeled phospholipid is added to a 
lipid bilayer (A), and a region is photobleached, typically with a laser (B).  The time required for a stable 
fluorescent signal to be established in the photobleached region (C) is a function of the lateral diffusion 
constant, which may be calculated. 

 

5.2.2 Acetal-containing cross-linkers 

The dimethacrylate, dimethyl acetal cross-linker used in this work may not impart 

the proper degradation profile, or provide sufficient biocompatibility for all applications 

so alternate cross-linkers should be synthesized using other acetals and monomers.  The 

acetal functionality can be adjusted to increase or decrease acid sensitivity using the 

principles described in Section 1.5.1.  Briefly, acid sensitivity can be increased through 

the use of sterically bulky alkyl substituents, such as isopropyl, neo-pentyl, or tert-butyl 

groups, or alkyl substituents that contain α,β-unsaturation, such as 1-propene and phenyl 

groups (Figure 5-3).137;140;141  Acid sensitivity can be decreased by making one of the 

alkyl substituents a hydrogen or incorporating electron withdrawing atoms and functional 

groups.137;140;141;148  Based on alkyl substituent changes, the acid sensitivity can be tuned 

over at least ten orders of magnitude meaning that acetal functionalities should be tunable 

to nearly any desired application. 

A B CA B C
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Figure 5-3:  Alkyl substituents that will increase the rate of acid-catalyzed acetal hydrolysis (A), and 
decrease the rate of acid-catalyzed acetal hydrolysis (B). 

Ideally, all of the byproducts from acetal degradation would consist of materials 

that cells are sufficiently capable of degrading.  It is undesirable for the materials to 
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degrade too easily, and to interfere with cell viability.  Therefore, improving cross-linker 

biocompatibility is dependent upon using an acetal that produces a biological molecule 

with a well understood biochemical function upon degradation, and a monomer that 

forms a biopolymer after polymerization.  The ability to marry these goals with the need 

for hydrophobicity to promote membrane partitioning is difficult given the water 

solubility of most biopolymers, but the use of polymers such as poly(lactic acid) may be 

feasible if the correct formulation and polymerization method are developed. 

 

5.2.3 Phospholipid vesicle-based nanosensors 

The end goal of this work is the development of phospholipid vesicle-based 

nanosensors that employ stabilized phospholipid membranes and fluorescent sensing 

chemistries to detect biologically-active molecules that pose analytical challenges due to 

optical and electrochemical inactivity.  The detection of such molecules can be improved 

through the use of interactions with other biological molecules including ion channels, 

molecular transporters, and enzymes.  In order to reach this goal, the functionality of ICs 

in stabilized membranes needs to be addressed.  Much of the work to date on 

reconstituted ion channels has employed either nonpolymerized membranes or simple 

ICs, such as α-hemolysin and rhodopsin, which do not undergo ligand-induced 

conformational changes during operation.51;53-55  It will be crucial to compare the 

functionality of ICs in membranes before and after monomer partitioning, and after 

polymerization to determine whether the proteins are functional or have been altered so 

as to change their response profiles.  One particular problem will be the need to ensure 
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that polymerization does not inactivate the ICs as most polymerization methods employ 

conditions that are harmful to protein function including high temperature, high 

concentrations of free radicals, and intense UV light.  Similar inactivation issues are 

likely to arise for encapsulated enzymes making this a key problem to address for future 

sensor development. 

In order to provide the most useful data, the sensors must be directed to specific 

regions within a cell.  Insertion and localization of materials within cells has been 

achieved through the use of cell signaling peptides attached to a variety of materials.  

Phospholipid vesicles have been inserted and localized within cells by modifying lipid 

head groups with one or more signaling peptides.  More than one cell signaling peptide 

may be necessary because the peptide directing intracellular localization may not provide 

insertion, and the insertion peptide may lead to intracellular localization in a different 

region.  The solution in such a case is to employ different linker lengths to hide one 

peptide as demonstrated by Sawant et al. (Figure 5-4).268  Cell-based cleavage could then 

reveal the second peptide upon insertion, and direct localization. 
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Figure 5-4:  Phospholipid vesicles can be functionalized with multiple signaling peptides to facilitate 
cellular insertion and localization.  The differences in linker length permit interaction with one peptide at a 
time, and cleavage of the longer linker reveals the hidden peptide.  Based upon Sawant et al.268 

Phospholipid vesicle nanosensors have the potential to detect a broad range of 

biological analytes, and could increase our understanding of the function specific 

molecules perform in biological systems.  Potential applications include:  the dynamics of 

pancreatic β-cells and their role in diabetes; cancer biology, both the alterations in 

intracellular mechanisms and the establishment of microenvironments prior to metastasis; 

exposure to toxic environmental agents such as heavy metals and reactive oxygen 

species; gene regulation; neuronal signals; and the specificity and efficacy of therapies.  

In all cases, phospholipid vesicle nanosensors will require proper selection of membrane 

properties, IC and enzymatic components, and analyte sensitive dyes.  The selection of 

nanosensor components can be illustrated using pancreatic β-calls as an example.  

Pancreatic β-cells are particularly important due to their regulation of intravenous insulin 

concentration, and a concentration imbalance or functional resitance is known as the 

disease diabetes.  There are multiple forms of diabetes that affected at least 17.5 million 



 

 

228

people in the U.S. with yearly costs exceeding $174 billion as of 2007.  Due to changing 

lifestyles, the number of people affected and the resulting cost are predicted to increase 

significantly in the coming years.  Therefore, sensors that clarify the dynamics of 

pancreatic β-cells in the normal and disease states could improve the effectiveness of 

diabetic therapies and lower monetary costs and improve quality of life.   

One example of such a sensor could be composed of a DOPC phospholipid 

membrane stabilized by BMA and DMOEP, KATP channels, a potassium ionophore and a 

pH sensitive dye (Figure 5-5).  With this set of components, the flux of K+ across an 

impermeable membrane would be detected using a similar mechanism to K+ PEBBLES, 

and because the ionic flux is regulated by the KATP channels, the observed signal can be 

correlated to the concentration of ligands that affect the amount of time the KATP channel 

spends in the open or closed state.  These ligands include ATP, ADP, phosphoinositol 

diphosphates, and long chain acyl coenzyme A esters, all of which are known to regulate 

processes important to insulin secretion. 
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Figure 5-5:  KATP phospholipid vesicle nanosensor.  The BMA/DMOEP-stabilized DOPC lipid membrane 
limits diffusion into the vesicle interior allowing the KATP channel to regulate the active transport of K+.  
The flux of K+ is detected by a K+ ionophore that releases a proton upon binding resulting in an increase in 
local AH+ and a change in fluorescent signal. 

Another potential sensor could detect glucose concentration, the initial stimulus for 

insulin secretion from pancreatic β-cells, by encapsulating glucose oxidase with a 

fluorescent, oxygen-sensitive dye-labeled dextran inside a poly(bis-SorbPC/DMOEP) 

vesicle (Figure 5-6).  Glucose is small enough to diffuse across the membrane where it is 
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consumed by glucose oxidase, thereby lowering the local oxygen concentration, and 

producing an observable signal change.  Going forward, sensing architectures can be 

envisioned for pancreatic β-cells as well as many other biological systems, and their 

development would improve our understanding of dynamic processes at the cellular and 

tissue levels leading to advances in diagnosis and treatment of disease. 

 

Figure 5-6:  Glucose nanoreactor-based sensor.  The stabilized bis-SorbPC lipid membrane allows low 
molecular weight material (e.g. glucose) to diffuse into the vesicle interior where glucose oxidase (GOx) 
converts the glucose into gluconolactone.  The reaction consumes molecular oxygen thereby changing the 
fluorescence emission ratio between an O2-sensitive, fluorescent dextran (Ru-dextran) and a reference (O2-
insensitive, fluorescent dextran; Ref. dextran). 
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5.2.4 Caged fluorescent labels 

Caged fluorescent labels and degradable vesicles can be combined to improve on 

current analyses, or design new detection methods.  Movement within large biomolecular 

assemblies has been observed, such as the mitotic spindle, by activating a specific locale 

using microscopy to track its movement.193;208;212;214  However, such analyses require 

adding as many labels as possible to the component molecules to generate sufficient 

signal, and the addition of multiple labels may disrupt the intermolecular forces that bind 

large biomolecular assemblies together, leading to the exclusion of labeled molecules.  

Encapsulating the caged fluorophores in a vesicle would allow for many more 

fluorophores to be attached to a single biomolecule through a single attachment point.  

The primary drawback to using vesicle encapsulated fluorophore is the effect the vesicle 

will have on the diffusion of the biomolecule; even a small vesicle with a 20 nm diameter 

is significantly larger than most proteins, and will cause the conjugate to diffuse similarly 

to a vesicle in solution.  Therefore, the use of vesicle-encapsulated caged fluorophores as 

labels will be restricted to large biomolecular assemblies (e.g. nucleic acids, organelles, 

and large protein complexes) where the presence of the vesicle does not impede 

movement. 

POG-CZE-LIF has potential to provide quantitative data on multiple analytes with 

second scale resolution, but requires a constant flow of sample from the system being 

analyzed (Figure 5-7).  Online labeling affords optimal temporal resolution by 

eliminating sample collection and processing, but until the synthesis of 6 presented in this 

work, no photoactivated label with the necessary rapid reaction kinetics existed.  6 can 
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label amines through the OPA reaction scheme, which completes in less that 10 sec, and 

is uncaged upon exposure to UV light, but has yet to be used in POG-CZE-LIF system.  

Therefore, 6 should be characterized in a photolytically-gated CZE-LIF system, and then 

used to investigate dynamic, amine-containing, biological analytes such as 

neurotransmitters. 
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Figure 5-7:  Photolytically-gated capillary zone electrophoresis instrument.  The flow of sample through 
the capillary is continuous (A), and a sample “injected” via decaging with the UV laser (B).  The uncaged 
analytes then migrate through the capillary (C), and are detected upon reaching the visible detection laser 
beam (D). 

Additional reactive functionalities, including amine-, maleimide-, isothiocyanate-, 

and hydrazine-containing caged fluorophores, would be useful in expanding the range of 

molecules that can be labeled with caged fluorophores (Figure 5-8).  These functional 
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groups can label thiols, carboxylic acids, aldehydes, ketones, and alcohols using 

established chemistries, and are all synthesized from aminofluorescein.  The amine-

containing caged fluorophore could be synthesized by t-BOC protecting the amine in 

aminofluorescein followed by caging and removal of the t-BOC with trifluoroacetic acid.  

The maleimide-containing caged fluorophore could be synthesized by reacting the caged 

aminofluorescein with maleic anhydride followed by azeotropic dehydration.  The 

isothiocyanate-containing caged fluorophore could be synthesized by reacting the caged 

aminofluorescein with phosgene to produce caged fluorescein isothiocyanate (CFITC).  

Lastly, the hydrazine-containing caged fluorophore could be synthesized by either 

reacting CFITC with hydrazine, or reacting amino fluorescein with succinic anhydride 

followed by protecting the carboxylic acid with a t-butyl group, caging, removing the t-

butyl, activating the carboxylic acid with DCC and NHS, and reacting with hydrazine. 
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Figure 5-8:  Hypothetical caged fluorescent labels. 
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Figure A-1:  1H NMR spectrum of DMOEP. 
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Figure A-2:  13C NMR spectrum of DMOEP. 
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Figure A-3:  Full mass spectrum of DMOEP. 



 

 

240

 
Figure A-4:  Partial mass spectrum of DMOEP. 
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Figure A-5:  Calculated isotopic mass spectrum for C15H25O6Na+. 
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Figure A-6:  SEC chromatogram of 40 kDa rhodamine B-labeled dextran leakage from 
DOPC/BMA/DMOEP vesicles stored in CBS pH 7.4. 

Day Encapsulated (2.0-3.0 mL) Leaked (4.0-7.5 mL) %  Leaked 
0 5737483 286033 5 
7 4512031 301793 6 

+ Triton 71674 2940983 98 

Table A-1:  Peak intensities for the encapsulated and leaked quantities of 40 kDa rhodamine B-labeled 
dextran from DOPC/BMA/DMOEP vesicles stored in CBS pH 7.4. 
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Figure A-7:  SEC chromatogram of 40 kDa rhodamine B-labeled dextran leakage from 
DOPC/BMA/DMOEP vesicles stored in CBS pH 4.0. 

Day Encapsulated (2.0-3.0 mL) Leaked (4.0-7.5 mL) %  Leaked 
0 6044604 328045 5 
1 5500886 528880 9 
2 5644916 593306 10 
3 5385442 776690 13 
4 5599223 803233 13 
5 4802338 711891 13 
6 3639015 749910 17 

+ Triton 401880 4869625 92 

Table A-2:  Peak intensities for the encapsulated and leaked quantities of 40 kDa rhodamine B-labeled 
dextran from DOPC/BMA/DMOEP vesicles stored in CBS pH 4.0. 
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Figure A-8:  SEC chromatogram of 40 kDa rhodamine B-labeled dextran leakage from 
DOPC/BMA/DMOEP vesicles stored in CBS pH 2.0. 

Day Encapsulated (2.0-3.0 mL) Leaked (4.0-7.5 mL) %  Leaked 
0 4587005 271050 6 
1 3286302 695872 17 
2 3747678 673513 15 

+ Triton 796856 4709639 86 

Table A-3:  Peak intensities for the encapsulated and leaked quantities of 40 kDa rhodamine B-labeled 
dextran from DOPC/BMA/DMOEP vesicles stored in PBS pH 2.0. 
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Figure B-1:  1H NMR spectrum of transesterified poly(bis-SorbPC). 
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Figure B-2:  Full mass spectrum of transesterified poly(bis-SorbPC). 
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Figure B-3:  Partial mass spectrum of transesterified poly(bis-SorbPC). 
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Figure B-4:  MS/MS mass spectrum of m/z 445 from transesterified poly(bis-SorbPC). 
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Figure B-5:  MS/MS mass spectrum of m/z 615 from transesterified poly(bis-SorbPC). 
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Figure B-6:  GPC blank chromatogram (5% v/v toluene in THF). 
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Figure B-7:  GPC chromatogram of pMMA standards (Mp = 1.196 MDa, 138.5 kDa, 14.92 kDa, and 2.40 
kDa) in THF with 5% v/v toluene. 
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Figure B-8:  GPC chromatogram of pMMA standards (Mp = 625.5 kDa, 79.5 kDa, 7.10 kDa, and 1.35 
kDa) in THF with 5% v/v toluene. 
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Figure B-9:  GPC chromatogram of pMMA standards (Mp = 342.9 kDa, 27.6 kDa, 5.00 kDa, and 645 Da) 
in THF with 5% v/v toluene. 



 

 

257

 
Figure B-10:  GPC calibration plot and data table. 

 



 

 

258

 
Figure B-11:  GPC chromatogram of transesterified poly(bis-SorbPC) in THF with 5% v/v toluene. 
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Figure B-12:  GPC chromatogram of transesterified poly(bis-SorbPC) in THF with 5% v/v toluene. 
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Figure B-13:  GPC chromatogram of transesterified poly(bis-SorbPC) in THF with 5% v/v toluene. 
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Figure B-14:  1H NMR spectrum of transesterified poly(bis-SorbPC/EGDMA). 
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Figure B-15:  GPC chromatogram of transesterified poly(bis-SorbPC/EGDMA) in THF with 5% v/v 
toluene. 
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Figure B-16:  GPC chromatogram of transesterified poly(bis-SorbPC/EGDMA) in THF with 5% v/v 
toluene. 
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Figure B-17:  GPC chromatogram of transesterified poly(bis-SorbPC/EGDMA) in THF with 5% v/v 
toluene. 
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Figure B-18:  1H NMR spectrum of transesterified poly(bis-SorbPC/DMOEP). 
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Figure B-19:  GPC chromatogram of transesterified poly(bis-SorbPC/DMOEP) in THF with 5% v/v 
toluene. 
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Figure B-20:  GPC chromatogram of transesterified poly(bis-SorbPC/DMOEP) in THF with 5% v/v 
toluene. 
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Figure B-21:  GPC chromatogram of transesterified poly(bis-SorbPC/DMOEP) in THF with 5% v/v 
toluene. 
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Figure B-22:  GC-MS analysis of CBS buffer (5 mM citrate pH 7.4, 137 mM NaCl, 2.7 mM KCl) 
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Figure B-23:  GCMS analysis of bis-SorbPC/DMOEP vesicles stored in pH 7.4 CBS buffer (5 mM citrate, 
137 mM NaCl, 2.7 mM KCl).  The peak at 1.57 min was identified as acetone. 
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Figure B-24:  GCMS analysis of bis-SorbPC/DMOEP vesicles stored in pH 4.0 CBS buffer (5 mM citrate, 
137 mM NaCl, 2.7 mM KCl).  The peak at 1.58 min was identified as acetone and the peak at 10.47 min as 
2,4,6-tris(trifluoromethyl)-1,3,5-triazine. 
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Figure B-25:  GCMS analysis of bis-SorbPC/DMOEP vesicles stored in pH 2.0 CBS buffer (5 mM citrate, 
137 mM NaCl, 2.7 mM KCl).  The peak at 1.58 min was identified as acetone and the peak at 7.94 min as 
2,4,6-tris(trifluoromethyl)-1,3,5-triazine. 
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Figure B-26:  1H NMR spectrum of acid-hydrolized poly(bis-SorbPC). 
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Figure B-27:  Full mass spectrum of acid-hydrolized poly(bis-SorbPC). 
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Figure B-28:  Partial mass spectrum of acid-hydrolized poly(bis-SorbPC). 
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Figure B-29:  Partial mass spectrum of acid-hydrolized poly(bis-SorbPC). 
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Figure B-30:  MS/MS mass spectrum of m/z 587 from acid-hydrolized poly(bis-SorbPC). 
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Figure B-31:  1H NMR spectrum of acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-32:  Full mass spectrum of acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-33:  MS/MS mass spectrum of m/z 587 from acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-34:  Full negative mode mass spectrum of acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-35:  MS/MS mass spectrum in negative mode of m/z 563 from acid-hydrolized poly(bis-
SorbPC/EGDMA). 
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Figure B-36:  MS/MS mass spectrum in negative mode of m/z 1348 from acid-hydrolized poly(bis-
SorbPC/EGDMA). 
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Figure B-37:  Full FT-ICR mass spectrum of acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-38:  Partial FT-ICR mass spectrum of acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-39:  Partial FT-ICR mass spectrumof acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-40:  Partial FT-ICR mass spectrum of acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-41:  Partial FT-ICR mass spectrum of acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-42:  Partial FT-ICR mass spectrum of acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-43:  Partial FT-ICR mass spectrum of acid-hydrolized poly(bis-SorbPC/EGDMA). 
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Figure B-44:  Potential molecular formulae based on m/z 587.35530. 
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Figure B-45:  Observed versus calculated isotopic peak comparison for C32H52O8Na+. 
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Figure B-46:  1H NMR spectrum of acid-hydrolized poly(bis-DenPC). 
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Figure B-47:  Full mass spectrum of acid-hydrolized poly(bis-DenPC). 
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Figure B-48:  MS/MS mass spectrum of m/z 413 from acid-hydrolized poly(bis-DenPC). 
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Figure B-49:  MS/MS mass spectrum of m/z 803 from acid-hydrolized poly(bis-DenPC). 
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Figure B-50:  MS/MS mass spectrum of m/z 1033 from acid-hydrolized poly(bis-DenPC). 
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Figure B-51:  1H NMR spectrum of poly(MMA). 
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Figure B-52:  1H NMR spectrum of poly(ES). 
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Figure B-53:  1H NMR spectrum of poly(MMA/ES). 
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Figure B-54:  SEC chromatogram of 40 kDa rhodamine B-labeled dextran leakage from bis-
SorbPC/DMOEP vesicles stored in CBS pH 7.4. 

Day Encapsulated (1.5-2.5 mL) Leaked (3.5-7.5 mL) %  Leaked 
0 49033588 2722138 5 
2 55648022 3152359 5 
5 50007336 2558916 5 
9 56178675 3261687 5 

14 48238881 3260774 6 

Table B-1:  Peak intensities for the encapsulated and leaked quantities of 40 kDa rhodamine B-labeled 
dextran from bis-SorbPC/DMOEP vesicles stored in CBS pH 7.4. 
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Figure B-55:  SEC chromatogram of 40 kDa rhodamine B-labeled dextran leakage from Triton exposed 
bis-SorbPC /DMOEP vesicles stored in CBS pH 7.4. 

Day Encapsulated (1.5-2.5 mL) Leaked (3.5-7.5 mL) %  Leaked 
0 39133263 18541484 32 
2 44608517 17866834 29 
5 42298758 18295901 30 
9 44115062 17234097 28 

14 45369167 19464741 30 

Table B-2:  Peak intensities for the encapsulated and leaked quantities of 40 kDa rhodamine B-labeled 
dextran from Triton exposed bis-SorbPC/DMOEP vesicles stored in CBS pH 7.4. 
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Figure B-56:  SEC chromatogram of 40 kDa rhodamine B-labeled dextran leakage from bis-SorbPC 
/DMOEP vesicles stored in CBS pH 4.0. 

Day Encapsulated (1.5-2.5 mL) Leaked (3.5-7.5 mL) %  Leaked 
0 49125066 2735000 5 
3 41659124 6131738 13 
6 41566795 7626659 16 
8 44870104 8776971 16 

10 42817910 9031983 17 
14 32264379 9171115 22 

Table B-3:  Peak intensities for the encapsulated and leaked quantities of 40 kDa rhodamine B-labeled 
dextran from bis-SorbPC/DMOEP vesicles stored in CBS pH 4.0. 
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Figure B-57:  SEC chromatogram of 40 kDa rhodamine B-labeled dextran leakage from Triton exposed 
bis-SorbPC /DMOEP vesicles stored in CBS pH 4.0. 

Day Encapsulated (1.5-2.5 mL) Leaked (3.5-7.5 mL) %  Leaked 
0 39316298 18533281 32 
3 36187048 19881611 35 
6 34789400 19659237 36 
8 33987255 20689161 38 

10 33170532 20712645 38 
14 27607915 27101157 50 

Table B-4:  Peak intensities for the encapsulated and leaked quantities of 40 kDa rhodamine B-labeled 
dextran from Triton exposed bis-SorbPC/DMOEP vesicles stored in CBS pH 4.0. 
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Figure B-58:  SEC chromatogram of 40 kDa rhodamine B-labeled dextran leakage from bis-SorbPC 
/DMOEP vesicles stored in CBS pH 2.0. 

Day Encapsulated (1.5-2.5 mL) Leaked (3.5-7.5 mL) %  Leaked 
0 38043073 2526950 6.2 
1 39462453 9071891 18.7 
2 32729108 12416674 27.5 

Table B-5:  Peak intensities for the encapsulated and leaked quantities of 40 kDa rhodamine B-labeled 
dextran from bis-SorbPC/DMOEP vesicles stored in CBS pH 2.0. 
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Figure B-59:  SEC chromatogram of 40 kDa rhodamine B-labeled dextran leakage from Triton exposed 
bis-SorbPC /DMOEP vesicles stored in CBS pH 2.0. 

Day Encapsulated (1.5-2.5 mL) Leaked (3.5-7.5 mL) %  Leaked 
0 34703199 18682770 35 
1 8201870 34950983 81 
2 8940098 39404660 82 

Table B-6:  Peak intensities for the encapsulated and leaked quantities of 40 kDa rhodamine B-labeled 
dextran from Triton exposed bis-SorbPC/DMOEP vesicles stored in CBS pH 2.0. 
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Figure C-1:  1H NMR spectrum of S-(((4-methoxyphenyl)diphenyl)-2-aminoethanethiol) (1). 
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Figure C-2:  13C NMR spectrum of S-(((4-methoxyphenyl)diphenyl)-2-aminoethanethiol) (1). 
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Figure C-3:  Full mass spectrum of S-(((4-methoxyphenyl)diphenyl)-2-aminoethanethiol) (1). 



 

 

312

 
Figure C-4:  Partial mass spectrum of S-(((4-methoxyphenyl)diphenyl)-2-aminoethanethiol) (1). 
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Figure C-5:  Partial mass spectrum of S-(((4-methoxyphenyl)diphenyl)-2-aminoethanethiol) (1). 
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Figure C-6:  MS/MS mass spectrum of m/z 273 from S-(((4-methoxyphenyl)diphenyl)-2-
aminoethanethiol) (1). 
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Figure C-7:  1H NMR spectrum of 3. 
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Figure C-8:  13C NMR spectrum of 3. 
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Figure C-9:  Full mass spectrum of 3. 
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Figure C-10:  Partial mass spectrum of 3. 
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Figure C-11:  Partial mass spectrum of 3. 
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Figure C-12:  MS/MS mass spectrum of m/z 708 from 3. 
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Figure C-13:  Full FT-ICR mass spectrum of 3. 
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Figure C-14:  Potential molecular formulae based on m/z 708.20540. 
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Figure C-15:  Observed versus calculated isotopic peak comparison for C43H34NO7S

+. 
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Figure C-16:  1H NMR spectrum of 5-3. 
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Figure C-17:  1H NMR spectrum of 6-3. 
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Figure C-18:  Full FT-ICR mass spectrum of 5. 
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Figure C-19:  Partial FT-ICR mass spectrum of 5. 



 

 

328

 
Figure C-20:  MS/MS mass spectrum of m/z 436 from 5. 
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Figure C-21:  Potential molecular formulae based on m/z 436.08496. 
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Figure C-22:  Observed versus calculated isotopic peak comparison for C23H18NO6S

+. 
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Figure C-23:  1H NMR spectrum of methyl ester caging group (2). 
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Figure C-24:  1H NMR spectrum of 4. 



 

 

333

 
Figure C-25:  13C NMR spectrum of 4. 
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Figure C-26:  Full mass spectrum of 4. 



 

 

335

 
Figure C-27:  Partial mass spectrum of 4. 
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Figure C-28:  MS/MS mass spectrum of m/z 1154 from 4. 
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Figure C-29:  Full FT-ICR mass spectrum of 4. 
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Figure C-30:  Potential molecular formulae based on m/z 1154.30119. 
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Figure C-31:  Observed versus calculated isotopic peak comparison for C63H52N3O17S

+. 
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Figure C-32:  Full FT-ICR mass spectrum of 6. 
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Figure C-33:  Partial FT-ICR mass spectrum of 6. 



 

 

342

 
Figure C-34:  Partial FT-ICR mass spectrum of 6. 
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Figure C-35:  Partial FT-ICR mass spectrum of 6. 
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Figure C-36:  Potential molecular formulae based on m/z 882.18091. 
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Figure C-37:  Observed versus calculated isotopic peak comparison for C43H36N3O16S

+. 
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