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ABSTRACT 

The work described here has focused on two types of supramolecular assemblies, 

supported lipid bilayers (SLBs) and giant vesicles (GVs) from polymerizable lipids.  

 SLBs are explored extensively as structural models in biophysical studies of cell 

membranes and biosensor coatings. With regard to implementation as biocompatible 

scaffoldings for receptor-based molecular devices, fluid SLBs lack chemical, thermal and 

mechanical stability as lipids are self-organized by weak, noncovalent forces. One 

possible solution is to use synthetic lipid monomers that can be polymerized to form 

robust bilayers. A key question is how polymerization affects transmembrane protein 

structure and activity. Specifically it is unclear if lipid cross-linking can be achieved 

without adversely affecting the activity of incorporated proteins.  In this work the effect 

of lipid polymerization on transmembrane protein activity was studied with rhodopsin. 

The protein was reconstituted into SLBs composed of polymerizable lipids, bis-SorbPC, 

bis-SorbPC:mono-SorbPC, bis-DenPC and bis-SorbPC:mono-SorbPE. Rhodopsin 

photoactivity was monitored using plasmon waveguide spectroscopy. The results show 

that reconstitution of rhodopsin into SLBs composed of phosphatidylcholine with the 

polymerizable moiety in the acyl chain terminus, followed by photoinduced cross-linking 

of the lipids, does not significantly perturb protein function.  A possible explanation is 

that a bilayer with relatively low Xn retains sufficient elasticity to accommodate the 

membrane deformation that accompanies the conformational change associated with 

rhodopsin photoactivation when polymerized in the acyl chain terminus. 
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GVs have diameters ranging from several to few hundred micrometers and thus 

can be observed by optical microscopic methods. This allows manipulation of individual 

vesicles and observation of their transformations in real time. GVs have attracted 

attention as microcontainers for enzymes and drugs, and as biosensors. With the aim of 

increasing stability for these types of applications, GVs were prepared from synthetic 

dienoyl lipids that can be polymerized to form robust vesicles.  The stability of these 

vesicles after polymerization was investigated by surfactant treatment, drying and 

rehydration, and temperature variations. The structure of poly(GVs) was largely retained 

under these conditions which destroy unpolymerized vesicles. Permeability studies on 

poly(GVs) suggests that they could be potentially used in a variety of technological 

applications, including sensors, macromolecular carriers, and microreactors. 
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CHAPTER 1. 

INTRODUCTION TO LIPIDS, SUPRAMOLECULAR ASSEMBLIES 

AND STABILIZATION OF LIPID BILAYERS WITH 

POLYMERIZABLE LIPIDS 

 

1.1 General features of biological membranes 

Biological membranes are differentially permeable barriers separating two 

compartments, allowing certain substances or solutes to pass while blocking others.  

These membranes are complex assemblies containing lipids, proteins and carbohydrates, 

all of which are involved in playing specific roles such as transport, cell communication, 

signaling, energy transduction and motility. Additionally to being composed of different 

components, the relative amounts of these molecules can vary from membrane to 

membrane. For example Myelin, which insulates nerve fibers, contains only 18%  protein 

and 76%  lipid while the plasma membrane of a human red blood cell contains nearly 

equal amounts of protein and lipids (49, 43% respectively).[2]  The prevailing view 

regarding the organization of these membranes is based on the “fluid-mosaic” model 

proposed by   Singer and Nicholson in 1972.[3]  According to this model, phospholipids 

along with certain other lipids are organized as a bilayer that supports proteins that span 

one or both layers or are peripherally attached to one face of the bilayer, as illustrated in 

Figure 1.1.  Some of the proteins and lipids, primarily those exposed to the extracellular  
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Figure 1.1 Singer and Nicholson’s fluid mosaic model of cell membranes. Taken from[4] 

with permission. 

 

face, have carbohydrates attached to their outer surfaces. The fluid mosaic model also 

claims that membranes are fluid and lipids and proteins, unless anchored in place, can 

rotate and diffuse laterally within the membrane. Cell membranes therefore maintain their 

two-dimensional structure while allowing significant movement within layers.  

The wealth of new data on membrane protein structure and function in a variety 

of membranes is launching changes in some of the aspects of membrane architecture 

proposed by Singer and Nicholson.  Some of the key themes that are emerging from this 

work are that membranes are patchy, with segregated regions of structure and function 

(lipid rafts) [5, 6], and  that these lipid patches have variable thickness and composition 

to match the incorporated proteins. 
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1.2 The structure and properties of membrane lipids 

Lipids are amphiphathic molecules possessing both polar and non-polar moieties.  

These molecules organize themselves to form a bilayer membrane to minimize the 

exposure of hydrophobic groups to water. As a class of molecules, lipids display a wide 

diversity in structure, as well as in their presence and abundance from cell to cell   across 

the spectrum of organisms.[2] In addition to this diversity, in many membranes the two 

leaflets of the bilayer show asymmetry with respect to lipid composition.[2] Even though 

the basis for this enormous diversity of membrane lipids is not yet fully understood, it is 

evident that lipids play a more important role than simply forming a bilayer matrix to 

accommodate membrane proteins and to provide a platform for them to interact.  Recent 

work on lipid membranes shows that specific lipids are preferred for optimal activity of 

certain proteins and to stabilize regions of high curvature and junctions between 

membranes.[7] Furthermore lipids with low abundance have essential, specialized 

functions such as regulating cell growth, specific binding to receptors in the membrane, 

communication between cells and cell adhesion.[2] In the following section a short 

description of the lipid structure is outlined. 

 

1.2.1 Lipid structure 

The primary building block of almost all membranes is glycerol phosphate- 

containing lipids, referred to as glycerophospholipids or phosphoglycerides. Apart from 

this sterols, ceremide-based spingolipids are also present in certain eukaryotic 

membranes in substantial proportions.  Phosphoglycerides are created around a glycerol 
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backbone in whcih the hydroxyls at C1 and C2 are esterified to long chain fatty acids 

(Figure 1.2), while the C3 hydroxyl is esterified to a phosphate. The phosphate is usually 

esterified to an alcohol of   choline, serine, ethanolamine, glycerol or inositol as shown in 

the figure.  Phosphatidylcholine, with choline as polar head group, is the most 

predominant lipid in most eukaryotic membranes. The fatty acids of these lipids usually 

contain an even number of carbon atoms and range in length from C14 to C24. The two 

fatty acids are not usually identical; they may differ in length and/or the presence or 

absence of double bonds. The degree of unsaturation can vary but the most common 

unsaturated lipids are 18:1,18:2,18:3 and 20:4 ( in this notation the first number is the 

number of C atoms in the fatty acid and the second the number of double bonds).  All 

naturally occurring double bonds show cis configuration and each double bond causes a 

kink in the chain, preventing tight packing of the lipids. 

 Sphingolipids, can contain the same head groups as gycerophospholipids (usually 

choline and ethanolamine) or a sugar grouping which may include one or more 

carbohydrate residues. The hydrophobic portion of the molecule is a ceramide (a long 

chain amino alcohol).  
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Figure 1.2 Structure of  glycerophospholipids. The complete lipid structure shown is 1,2-

dimyristoyl-sn-glyceophosphocholine or phosphatidylcholine (DMPC).  Substitution of 

choline (in the box) with the head groups listed on the right results in the other 

phospholipid structures. 
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Sterols are found in many plant, animal and microbial membranes.[2] These have 

a characteristic steroid nucleus structure of four fused rings, three with six carbons and 

one with five. Cholesterol, the major sterol in animal tissues, is amphipathic, with a polar 

head group (a hydroxyl group) and a nonpolar hydrocarbon body (the steroid nucleus and 

a hydrocarbon side chain). 

Lipids can be extracted and isolated from cells by disrupting the cell membranes 

by surfactant dissolution followed by centrifuging in a density gradient of a 

centrifugation medium (e.g. sucrose).[2] This method is typically capable of isolating  

classes of lipids or lipids with different head groups but lipids that have the same head 

group with different chain lengths are not easily separated. Thus synthetic routes have 

been established as a means of obtaining pure, single component lipids for lipid-based 

studies. 

 

1.2.2 Lipid polymorphism   

The ability of   a given lipid or mixture of lipids to adopt a variety of phases upon 

hydration is called polymorphism or mesomorphism. Typically in addition to the bilayer 

lamella phase, lipid-water dispersions form a remarkably diverse of structures including 

micelles, hexagonal and cubic phases (Figure 1.3).[9,10] The driving force for formation 

of these non-covalently associated phases (or mesophases) is the entropically driven 

exclusion of water from the tail groups, known as the hydrophobic effect. The basic 

premise of the  hydrophobic effect is that the hydrocarbon domains of lipids disrupt  
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Figure 1.3 Polymorphic phases and molecular shapes exhibited by lipids.Taken from [8] 
with permission. 
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the stable, hydrogen bonded network of water and place unfavorable entropic constraints 

as surrounding water molecules becomes ordered around lipid monomers.  As a result 

lipid molecules self associate to minimize the total surface area in contact with water.  

The overall structure of the aggregates therefore reflects the packing of amphipathic 

molecules at an energy minimum by balancing the hydrophobic forces driving self- 

association with the steric and ionic repulsive forces that oppose self-association of the 

head group. Lipids aggregate  to  form  these  mesoforms  above  a critical concentration 

known as the critical micelle concentration (cmc), (which for many lipids is ~ 10-10 M) 

[2]. The thermodynamic principles that govern formation of mesophases is far too large a 

subject to be covered in this document and readers are directed to references [2, 11] for 

more information. The thermodynammics of monomer aggregation however does not 

quantitatively predict lipid polymorphism. 

 One simple but qualitatively accurate means of rationalizing the observed 

polymorphic phase behavior of lipids is to consider the shapes of the lipids, i.e. the 

relative surface areas  of the hydrophilic and hydrophobic portions  of the lipid .[9, 12]  

In general any condition that increases the surface area subtended by the acyl chains at 

the membrane water interface, relative to the lipid head group, will tend to destabilize the 

lamellar structure.  Usually lipids such as PC, PS at neutral pH, and the gel state PE 

possess a cylindrical cross-section (Figure 1.3) that tend to aggregate into lamellar 

structures which minimize both water-hydrocarbon contact and the free energy of 

hydrocarbon packing.   
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 Lipids such as liquid crystalline PE or PS at pH 3, where the charge on the head 

group is neutralized, possess a conical cross-section with the area subtended by the head 

group being less than that of the acyl chains.  Such lipids pack most readily in an inverted 

hexagonal (HII) or an inverted micellar structure. Conversely, lipids such as lyso PC have 

a cross-section that can be described as inverted-conical with the cross-sectional area of 

the chains less than that of the head group; these pack into micellar or hexagonal ( HI) 

structures. The shape of the lipids is not only dependent on the intrinsic factors such as 

the nature of the head group and the length and the degree of unsaturation of the lipid 

acyl chains but also on the extrinsic factors such as hydration, temperature, pH and ionic 

strength.[9, 13] 

 The ability of lipids to adopt non-bilayer phases in pure form and in lipid mixtures 

therefore suggests that such structures may play important roles in membrane-mediated 

phenomena in biological membranes.[10, 14] Lipid diversity in cell membranes can then 

be partly justified by the need for appropriate lipids to form such structures. 

 

1.2.3 Permeability properties of lipid membranes 

 One of the most important functions of biological membranes is to serve as a 

permeability barrier between external and internal environments.  The selectivity of this 

barrier to molecules and ions has been extensively investigated with model membrane 

systems. These studies have shown that cations such as Na+, K+  and Ca+2 are membrane-

impermeable (permeability coefficient 10-12-10-13 cm/sec).[15]  However their movement 

across the bilayer can be increased by ion channels or ionophores in the membrane.  



 

 

35

Permeability coefficients of anions on the other hand are 2-3 orders of magnitude larger 

than those of cations.  This enhanced permeability has been ascribed to the positive 

membrane potential of the lipid bilayer.[16]  Unlike cations, anions, and non-polar  

molecules (e.g.O2, hydrocarbons), water is extremely permeable (permeability coefficient 

10-2-10-4 cm/sec). However no conclusive mechanism has been proposed yet to explain 

how water crosses the membrane.[17] In general the permeability of molecules through 

the bilayer occurs in the following order: water > small nonelectrolytes > anions > 

cations. 

 Both the composition and thermotropic state of the bilayer play crucial roles in 

membrane permeability.  A decrease in permeability has been observed with an increase 

in the order of the hydrocarbon regions.  Thus cholesterol, which has a condensing effect 

on the bilayer, increases the order of the hydrocarbon matrix and reduces membrane 

permeability.[18] Moreover at temperatures in the vicinity of the gel/liquid crystalline 

transition, an increase in membrane permeability has been observed.[15, 18-22]  This 

behavior is attributed to packing defects between gel and liquid crystalline domains as 

well as decreased lateral compressibility of the bilayer which may open up spaces 

between headgroups.[21, 23] A more detailed account of membrane permeability and the 

factors affecting is discussed in Chapter 4.  Effects of polymerization on membrane 

permeability are also presented in Chapter 4. 
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1.2.4 Main phase transition 

 The transitions between the mesophases for pure lipids have been observed by 

various physical techniques such as X ray diffraction[24, 25], 2H and 31P NMR[24, 26-

31], ESR[32-34], FTIR[35-37] and DSC[38-41].  The most relevant to biological 

membranes and thus the most studied phase transition is between the solid analogous 

phase (gel phase, Lβ') and the liquid analogous phase (liquid crystalline, Lα) (Figure 1.4). 

The temperature at which this transition occurs is  defined  as  the  main  phase  transition 

temperature, Tm (or melting temperature).[42-44] Lipids with large area requirement for 

polar head groups, such as phosphatidylcholines, show a pre-transition between two gel 

states (Lβ' and Pβ') (Figure 1.4). Below Tm, the hydrophobic lipid chains exist in an 

ordered array in which all C-C bonds have trans configuration thus allowing for maximal 

extension of the acyl chains.[27, 35-37] Near the Tm gauche defects in single C-C bonds 

and cis conformations in C-C double bonds are introduced that decrease the order of the 

acyl chains. This transition is accompanied by an increase in chain mobility (diffusion 

rate ~ 10-8 cm2/s), lateral expansion in the plane of the membrane, a decrease in the 

bilayer thickness (~15%), and a net increase in the volume per lipid molecule.  The 

transition from the gel to liquid crystalline phase occurs rather abruptly as the 

temperature is raised to the Tm, and therefore is highly cooperative. 

 The Tm of the lipid is influenced by several factors including the length of the 

hydrocarbon chain, head group structure  and  charge.[44]  As the hydrocarbon length is 

increased, van der Waals interactions become stronger requiring more energy to disrupt 

the ordered packing, resulting in an increase in the Tm .  Likewise, the presence of a cis  
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Figure 1.4 Schematic of the transformation of a solid-like bilayer, where the lipid tails 

are in the all-trans extended conformation, to the liquid-crystalline phase, where gauche 

conformers are abundant in the lipid tails.  The intervening ripple phase is found in some 

pure lipid systems.   

    

Figure 1.5 Lipid bilayer structure and types of liposomes: MLV, multilamellar vesicle; 

MVV, multivesiclar vesicle; GUV, Giant unilamellar vesicle; LUV, large unilamellar 

vesicle; SUV, Small unilamellar vesicle.   

Pre-transition Main transition 

Tm

Lβ’ Pβ’ Lα’ 

Solid-like Phase Ripple Phase Liquid-crystalline Phase 

Lipid bilayer 

SUV LUV GUV MLV MVV 
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double bond in the chain interferes with chain packing and decreases the Tm. The 

presence of branched chains and bulky side groups can also decrease the Tm.  Lipids with 

phosphatidylethanolamine (PE) head groups usually have higher Tm values than the 

corresponding phosphatidylcholines with identical acyl chains, because of the stronger  

interactions (intermolecular H-bonding) between PE head groups.  The presence of 

charge(s) on the polar head groups tends to decrease the Tm due to the repulsive 

interactions between lipid molecules.  However it should be noted that some anionic 

lipids such as phosphatidic acid (PA) and phosphatidylserine (PS) are known to exhibit 

strong intermolecular hydrogen bonding and therefore have higher values for Tm.  

 The main lipid transition has not been observed with natural membranes, 

therefore its exact biological relevance is quite uncertain. Biological membranes are  

believed to be in the Lα phase in bulk and it is speculated that localized regions of Lβ 

phase (lipid rafts) exists with certain specific membrane functions.  

 

1.3 Model membrane systems 

The complexity of biological membranes and their interactions with intra- and 

extracellular networks make direct investigation of membrane related processes very 

difficult. For this reason artificial model membranes, with fewer components, have 

played an important role in unraveling the physical and chemical characteristics of 

membranes and how these contribute to membrane function. These model membranes 

also offer the unique possibility of a bottom-up-approach, in which complexity can be 

gradually raised from a minimal system. Many types of model membranes have been 
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used in research, including lipid vesicles (liposomes), black lipid membranes, 

monolayers, and supported lipid bilayers. In this section, some of these model systems 

and their uses are briefly summarized. 

 

1.3.1 Liposomes 

Liposomes are spherical vesicles composed of  one or more phospholipid bilayers 

that encapsulate a part of the aqueous medium in which they are suspended. At first these 

were used primarily as model membrane systems to study biological membranes. 

However today they have become a very useful model, reagent and tool in various 

scientific disciplines, including theoretical physics, biophysics, colloid science, 

biochemistry and biology.[47, 48] On the applied side, several products rely on the 

colloidal, chemical, microencapsulating and surface properties of liposomes; these 

products range from drugs, vaccines, and cosmetic formulations to diagnostics and 

various uses in the food industry.[46-53]  However the drug delivery applications are 

now the most widely investigated area of practical applications. 

 The formation of liposomes results from the unfavorable interactions between 

hydrophobic tails and water when lipids are dispersed into water.[54] Several types of 

liposomes can be distinguished, such as multi-, oligo- and unilamellar vesicles, 

containing several, few or only one bilayer shell, respectively. Liposomes are thus 

classified according to their structure (Figure 1.5) as multilamellar vesicles (MLVs, 0.1-

15 µm), small unilamellar vesicles (SUVs, 15-50 nm), large unilamellar vesicles (LUVs, 

100 nm-1 µm), giant unilamellar vesicles (GUVs, 1-200 µm) and multi-vesicular vesicles 
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(MVVs, 1.6-10 µm).[46]  Several methods of preparing these vesicles of different size 

and lamellarity have been described.[49, 53, 55-64]  Usually to obtain vesicles, lipids are 

dissolved in an organic solvent and the solvent is evaporated using a stream of nitrogen 

or vacuum, so that a thin lipid film is produced on a glass surface. Subsequent hydration 

of the lipid film with an aqueous solution with the temperature maintained above the Tm 

of the highest melting lipid in the mixture will result in spontaneous formation of vesicles 

that are mostly MLVs. Starting from MLVs, large unilamellar vesicles with narrow size 

distribution around a desired diameter are produced by repetitive freeze/thaw cycles 

followed by extrusion through polycarbonate filters above their Tm. 

 Small unilamellar vesicles have very large curvature and most of their lipids are 

in the outer leaflet (~70%) due to packing constraints.[65]  They are prepared by 

extrusion through filters with smaller pore size (e.g. 30 nm) or by supplying energy to a 

MLV suspension by sonication. The latter process is easy, rapid and generally produces a 

relatively narrow distribution of vesicle sizes. 

 Another method used to form unilamellar vesicles (LUVs and SUVs) is the 

detergent dialysis or detergent depletion technique. This is by far the most popular 

method utilized for biochemical studies because it is relatively easy and is compatible 

with the inclusion of proteins. In this method, an excess of surfactant (e.g. cholate, Triton 

X-100, octylglucoside) is codispersed with the lipid to form mixed micelles. A dynamic   

equilibrium between monomers dispersed in the aqueous phase and surfactant molecules 

in the mixed micelles exists and as surfactant monomers are removed from the aqueous 

phase through dialysis, mixed micelles are transformed into vesicles. The size of the 
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vesicles formed depends on the surfactant used, the surfactant to lipid ratio and the rate of 

dialysis. The disadvantages of the technique are that it is time consuming and a small 

concentration of surfactants may remain in the system. 

 A detailed account of general protocols for preparing giant vesicles and their 

applications is extensively discussed in Chapters 4 and 5 and is skipped in this section. 

 

1.3.2 Black lipid membranes (Bimolecular lipid membranes) 

Black lipid membranes (BLMs) as a model system were introduced almost 45 

years ago[66, 67] and since then have contributed enormously to the current 

understanding of biological membranes. Traditionally BLMs (Figure 1.6A) are formed by 

spreading a concentrated solution of lipids, typically dissolved in a non-polar solvent 

(e.g. n-hexane, n-decane or squalene) using a brush or a syringe onto a small aperture 

approximately 1 mm or less in a hydrophobic partition (e.g. polystyrene, teflon) 

interposed between two aqueous compartments.[68, 69] Much of the excess solvent 

disperses in the medium and under appropriate conditions, the lipids spontaneously form 

a bilayer across the small aperture. The process of forming the bilayer first begins with 

formation of a thick lipid film followed by thinning of the membrane. A ring of lipids, 

called the Plateau-Gibbs border[70], surrounds the BLM and it essentially connects and 

supports the bilayer membrane to the perimeter of the aperture. As the lipid layer thins, 

the molecules move from the relatively thick lipid film to the Plateau-Gibbs border. Lipid 

bilayers formed by this manner are called BLMs because the membranes appear “black” 

in color. This is because the light reflected from the front interface undergoes a λ/2 phase 
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shift and interferes destructively with the light reflected from the back interface, which 

experiences essentially no phase shift.[66]  

 Alternate procedures for making BLMs have been developed over the years to 

avoid the difficulties with residual organic solvents in the membrane and also to facilitate 

the incorporation of membrane proteins.[68, 70-74] 

 To impart relevant biofunctions to BLMs, a variety of compounds including 

channel proteins, metalloproteins, polypeptides, pigments, electron acceptors, donors, 

mediators and substances partaking in ligand-receptor interactions have been 

incorporated.[68-70, 75-80] Thus BLMs have made valuable contributions to our 

understanding of molecular mechanisms of biomembrane functions such as  ion and 

molecular  transport, electric excitability, channel gating, antigen-antibody binding, 

signal transduction and energy conversion, to name a few.[67]  

 

1.3.3 Supported lipid membranes 

 Supported lipid bilayers are created by the self assembly of lipids into bilayers on 

solid supports, typically glass, fused silica or mica.[81, 82] (Figure 1.6B) These 

membranes have become very popular, both for studying membrane processes and 

biotechnological applications.[82-96] This growing interest has been advanced by the 

ability to use variety of surface-sensitive techniques such as ellipsometry, total internal 

reflection fluorescence, surface plasmon spectroscopy, atomic force microscopy and the  

quartz crystal microbalance for physico-chemical and structural characterization of these 

membranes.[86, 97, 98]  
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 The common methods of assembling these membranes on surfaces are monolayer 

transfer by the Langmuir-Blogett(LB) technique and vesicle fusion. [99] [81]  The latter, 

pioneered by McConnell et al. [81], involves spreading of small lipid vesicles on a 

hydrophilic solid support and is an attractive and simple route to form a SLB. During the 

last decade both  theoretical [100] and experimental [101-105]  work has considerably 

improved our understanding of the mechanism by which vesicles fuse to generate a SLB. 

A series of studies by Kasemo and coworkers [101] using the quartz-crystal microbalance 

have demonstrated that small unilamellar vesicles initially adsorb, rupture and transform 

into membrane patches and at high coverage these patches coalesce to yield a SLB. The 

events leading to SLB formation have been found to be influenced by the nature of the 

support (charge, structure and roughness), lipid vesicles (composition, charge, size and 

physical state) and the aqueous environment (pH and ionic strength).[104, 106]  

 Neutron scattering and  NMR on supported bilayers on glass beads have revealed 

that the bilayer is separated from the solid support by a thin layer of water approximately 

10-20 Å thick.[107-109]  This water layer acts as a lubricant to maintain the lateral 

mobility in both leaflets of the membrane.  The forces that hold the bilayer at the surface 

are exclusively non-covalent and are believed to be a combination of hydration, van der 

Waals and electrostatic interactions.[110] Consequently they are destroyed by removing 

the bilayer from water or contact with air bubbles. 

Recently enormous work has been focused on making arrays of supported 

membranes for parallel studies on SLBs membranes and for high throughput 

screening.[86, 111-116] This has been achieved by laterally structuring the supported 
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lipid bilayer by a variety of techniques including lithographic methods[117-119], 

microcontact printing[86, 111, 120], blotting[121] and polymer-lift-off procedures.[122] 

In all cases fluid membranes are localized into compartments which are separated by 

barriers restricting the lateral diffusion between compartments. 

 The proximity of the lipid bilayer to the support is thought to severely restrict the 

lateral mobility of proteins reconstituted into SLBs especially integral proteins having 

large water soluble domains that protrude into the water layer between the SLB and the 

support. [123] It is presumed that this is a result of interactions between the membrane 

protein and the solid support. It is generally believed that these interactions will reduce 

the activity or denature the protein. This problem has been avoided by separating the   

membrane from   the solid substrate by   using   soft polymeric materials that rest on the 

substrate.[88, 124](Figure 1.6C)  This approach has been found to significantly reduce 

the frictional  coupling  between  the  incorporated  proteins  and  the solid support and 

thus protein adsorption and risk of protein denaturation.[82, 88, 125]  Polymer coatings 

may also serve to promote self-assembly of lipids on substrates on which vesicle fusion 

does not occur (e.g. bare Au). 

In an alternate strategy,  the lipid bilayer is decoupled from the substrate by 

incorporating lipopolymer tethers.[126-129] (Figure 1.6D) Such tethers are composed of 

surface  coupling  groups  for  attachment  to  the solid surface, lipid anchors for insertion  

into the membrane, and a connecting hydrophilic and flexible polymer chain that 

maintains a certain distance between the substrate and the membrane. 
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Figure 1.6 Surface confined membrane models. (A) black lipid membrane (B) solid 

supported lipid bilayer (C) polymer cushioned lipid bilayer (D) tethered lipid bilayer (E) 

hybrid bilayer, consisting of a self assembled monolayer (e.g. thiols on Au or silanes on 

glass or silica), which supports a lipid monolayer.  
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Formation of an hybrid bilayer on silica or gold has also been widely 

reported.[130-132] In a hybrid bilayer membrane, the inner monolayer is covalently 

anchored to the substrate by self assembly of an alkylthiol on gold or an alkylsilane on  

SiO2. The outer monolayer is composed of lipids deposited over the SAM using LB or 

vesicle fusion(Figure 1.6E).[131, 132] 

 

1.4 Stabilization of model membranes 

 Model membranes have proven to be versatile membrane mimics, yielding 

insights into biological interactions. However their practical applications as biosensors, 

diagnostic devices, delivery vehicles, and medical implants have not been widely 

exploited. A major problem is the inability to maintain, store and/or reuse membrane 

structures that are held together solely by non-covalent interactions.[110, 133] Thus they 

are disrupted by organic solvents, detergents, mechanical agitation, increased 

temperature, or by simply exposing to air. Fabrication of more stable model membranes 

has been a research goal for years and numerous approaches designed to stabilize these 

membranes have been developed. In the following section, strategies used to stabilize 

SLBs and lipsomes are briefly described. 

 

1.4.1A Stabilizing supported lipid membranes 

 One of the first approaches to stabilize supported membranes was by constructing 

hybrid bilayers[130-132] and  polymer tethered bilayers[126, 127, 134] discussed in the 

previous section. Covalently tethering the inner leaflet of the these bilayers can increase 
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the aqueous stability of the lipid film relative to a bilayer fused directly on a silica surface 

but it does not prevent loss of lipid upon transfer across the air/water interface or 

exposure to organic solvents or surfactants. 

 In an alternative approach, SLBs have been deposited on glass substrates 

derivatized with (γ-aminopropyl)silane.[135] This strategy is quite different from 

conventional hybrid bilayers as a lipid bilayer is supported on a relatively hydrophilic 

self-assembled monolayer as opposed to a hydrophobic one.  The supported membranes 

prepared in this case were significantly thicker than a single lipid bilayer and drying and 

rehydration resulted in near quantitative desorption. Thus the SLB formed does not 

appear to be more stable than supported membranes on glass.[136] 

 Stabilization of SLBs by polymerization of bilayers composed of monomers  with 

reactive moieties, to generate a linear or crosslinked polymer network,  has also been 

attempted.[114, 119, 133, 137-140] Creating a polymer network however limits the long 

range lateral mobility of membrane constituents. Polymerization of monomers can be 

initiated by exposure to UV or γ radiation, or by thermally or redox initiated radicals. 

Lipid monomers with diacetylene moieties were used in most of the initial work in this 

field.[114, 138, 141] However diacetylenes are not ideal candidates to stabilize a lipid 

bilayer because their polymerization is highly sensitive to monomer packing.  The 

polymerization can occur only in the solid analogues phase which usually produces a low 

degree of conversion. On the other hand, lipids containing alkene functionalizd tails (e.g., 

acryloyl, methacryloyl, sorbyl and dienoyl) have been polymerized in the liquid 

analogous phase with a high degree of conversion.[139, 140, 142] However SLBs based 
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on acryloyl, methacryloyl and dienoyl lipids showed incomplete surface coverage upon 

exposure to air or surfactant. Nevertheless self-assembled SLBs with lipids bearing a  

sorbyl moiety on each tail (bis-SorbPC) produced  bilayers that were stable to solvents, 

surfactants and drying upon redox initiated radical polymerization.[133, 137] These 

sorbyl and dienoyl lipids have been used for the work discussed in this document and will 

be discussed in detail in latter sections. 

 As an alternative to the above approach, synthetic lipids that can undergo 

interleaflet crosslinking to form dimers upon formation of a bilayer have been 

synthesized. The reactive group at the chain terminus (e.g thiol, acryloyl) of each  lipid is 

exposed to the interface between leaflets and once reacted with a  partner across the 

leaflet, a membrane spanning dimer is formed.[143]  These structures resemble naturally 

occurring bola amphiphiles that stabilize archaebacterial membranes against high 

temperatures. Moreover bola amphiphiles themselves have been investigated to fabricate 

stabilized SLB.[144, 145] These architectures are believed to increase the stability of the 

lipid bilayer while maintaining the membrane fluidity. However, once again, systematic 

studies have not been carried out on the stability of these bilayers against solvents, 

surfactants or exposure to air.  

 Stabilized SLBs have also been prepared by introducing a closed packed protein 

layer to the outer surface of the bilayer by chemisorption (e.g. S layers, bacterial cell 

surface proteins)[146, 147] or by specific binding of proteins to membrane incorporated 

ligands.[148] This modification increased the resistance to delamination of the bilayer 

once exposed to air. Furthermore, the supported membranes retained fluidity even after 
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removing from bulk water and were stable when dried under a stream of nitrogen.  The 

tightly packed protein layer in these membranes however prevents analyte species from 

aqueous solution binding to ligands incorporated into the membrane. An extension to this 

design was thus fabricated by making a protective coating that affords both air stability 

and ligand binding to the membranes, by incorporating lipopolymers by fusion of 

vesicles containing these polymer tethered lipids.[149] The SLB were only found to be 

air stable only above a  certain  threshold density of polymers.  

 In addition to the stability, one other important criterion necessary for practical 

applications of  SLBs formed by any of these methods is to create defect free bilayers as 

defects could lead to nonspecific adsorption[137] and increased ion permeability.   

 

1.4.1B Stabilizing liposomes 

 Numerous methods to stabilize liposomes have been developed, mainly by using 

polymeric systems.  These different strategies are shown  in Figure 1.7. 

 A variety of lipids with polymerizable moieties located at different positions of 

the acyl chains have been used to prepare liposomes[45, 150-152] which can then be 

polymerized by a variety of methods (strategies A and B in Figure 1.6). Alternatively   

prepolymerized   amphiphiles    have    been  used   to  prepared  stabilized, polymerized 

liposomes (strategies C, D and E).[152] Organizing three dimensional polymer coils into 

a liposome is a complicated and challenging process. Usually oligomeric amphiphiles or 

polymeric amphiphiles with spacer groups to decouple the disordered polymer chains 

from the ordered membranes have been used.  
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Figure 1.7 Some strategies for the stabilization of lipid bilayer membranes. 
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 Attempts have also been carried out to fabricate stabilized liposomes by 

crosslinking lipid monomers by polycondensation reactions (strategy I).[152-154]  For 

example amino acid and amino dicarboxylic groups have been used in this method.  

Alternatively   synthetic   analogues   of   membrane   spanning   lipids (bola 

amphiphiles)  of archeabacteria have been used to fabricate liposomes that are stable to 

extreme conditions such as high temperature, low pH and high ionic strength (strategy 

H). [152] 

 Liposomes have also been stabilized by using polymeric frames that are attached 

to the membrane, analogous to the cytoskeleton of animal cells or the cell walls of plant 

cells and bacteria (strategies F and G).[152] The polymers are usually coated over the 

liposomes by adsorbing water soluble polymers via hydrophilic or ionic interactions.  

Water soluble polymers with hydrophobic anchor groups that can insert into the 

membrane has also been used to attach polymers onto the liposome membrane.[152]  

Coating of liposomes with polymers is of interest not only to increase their stability but 

also to prevent nonspecific adsorption onto liposomes. 

 In the following sections, stabilization of model membranes by the use of 

polymerizable lipids is discussed further. 
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1.4.2 Polymerizable lipids 

 Polymerizable lipids usually exhibit physical properties similar to their non-

polymerizable analogues before polymerization.  Upon polymerization these lipids form 

covalent bonds with their nearest neighbors and stabilize the membrane while altering the 

membrane properties. 

 Polymerization of lipids in liposomes was first reported in 1980.  Since then a 

variety of  lipids have been synthesized with polymerizable moieties covalently or 

electrostatically associated with the charged headgroup or along the hydrocarbon tail 

anywhere from the terminus to near the glycerol backbone.[45, 150, 152, 155] 

Polymerization of reactive moieties on or near the lipid head group allows retention of 

lipid hydrocarbon tail mobility but may alter the hydration characteristics of the head 

groups.  Alternatively, reactive moieties at the end of the acyl chains limit the chain 

mobility upon polymerization but do not alter head group properties. Covalent linkage of 

the lipid tails inhibits the formation of gauche rotamers as well as the cooperativity 

inherent in the main phase transition.[45, 155]  In some instances, polymerizable lipids 

clearly mimic natural lipids, e.g. phosphatidylcholine (PC) and phosphatidylehanolamine 

(PE), whereas others are more similar to synthetic surfactants, e.g. quaternary ammonium 

salts. 

 The presence of a single reactive moiety per lipid molecule produces linear 

polymers while introduction of a second polymerizable group generally leads to cross 

linking of the lipid assembly (Figure 1.8).[45, 155, 156]   
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Figure 1.8 Schematic representation of the linear and cross-linked lipid polymers formed 

by polymerization of either mono- or bis-substituted lipids, respectively.  
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Figure 1.9 Examples of polymerizable groups which have been incorporated into 

polymerizable lipids.  
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 A variety of polymerizable groups, including diacetylene, dienoyl, sorbyl, vinyl, 

lipoyl,  acryloyl,  and   methacryloyl  groups  as  represented  in  Figure  1.9,  have    been    

successfully incorporated into lipids over the last decades.[45, 155] Polymerization of 

these reactive groups can be achieved by photo, thermal, and/or redox initiation methods. 

All these moieties except the  diacetylene group can be polymerized in the more fluid, 

liquid-crystalline phase.  In contrast diacetylenic lipids are only polymerized efficiently 

in the solid analogous phase. Thus compared to diacetylenes, lipids with other 

polymerizable moieties exhibit higher mobility of their polymer chains and therefore are 

more suitable for the formation of flexible membranes.[45] 

 

 1.4.3 Methods of polymerization 

 As stated previously, polymerization of lipid assemblies can be initiated by direct 

photolysis and by radicals produced by heat or redox reactions.  Typically 

photopolymerization is used for UV absorbing polymerizable moieties such as dienolate 

(λmax ~ 254 nm), diacetylene (λmax ~ 254 nm) and styryl(λmax ~ 244 nm).[157] 

 Common thermally labile radical generators used in lipid polymerization are 

azobis(isobutyronitrile) (AIBN) and azobis(2-amidino propane)dihydrochoride (AAPD). 

These initiators are decomposed to form radicals by heating and usually polymerization is 

performed at a temperature of 50-70o C in order to generate radicals at reasonable 

rates.[158] 

 Polymerization of lipid assemblies can also be achieved by addition of a redox 

initiator.  The lower energy of activation (40-80 kJ/mol)[159] allows redox 
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polymerization to be carried out under milder conditions than thermal polymerization.  

Thus redox polymerization lowers the possibility of side reactions and possible 

degradation of encapsulated compounds in liposomes. The most common oxidants used 

are hydrogen peroxide, potassium bromate and potassium persulfate, while L-cysteine, 

sodium bisulfite, ascorbic acid are employed as reducing agents.[159] Radicals are 

formed by the reaction of an oxidant with a reductant which then initiates the chain 

polymerization. *OH, *SR or *HSO3
- radicals are formed by these redox systems but 

most common radical used is the OH*.[159] This is a hydrophilic species but it is small 

enough to rapidly diffuse across the lipid bilayer.  Thus it can be used to initiate 

polymerization in reactive moieties located in both the hydrophilic and hydrophobic 

regions of the lipid chain. 

 Polymerization of lipid assemblies differs from solution polymerization as 

aggregation of lipid molecules orients polymerizable moieties within the assembly.  

Moreover in solution polymerization, monomers and growing polymers can diffuse in  

three dimensions to react.  However monomer and growing polymer diffusion in lipid 

assemblies is limited to two dimensions. In addition, in solution polymerization initiating 

species have equal opportunity of colliding with reactive moieties but in lipid assemblies 

regional variations in physical and chemical properties control where initiating species 

are capable of diffusing.  
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1.4.4 Properties of polymerized lipid assemblies 

 Polymerized lipid assemblies have properties distinctly different than the 

monomeric assembles from which they are derived.  Following polymerization, phase 

behavior is altered, lipid miscibility is affected and the assembly stability is 

increased.[45, 160] 

 Electron microscopy[159, 161-164] and light scattering[165] have demonstrated 

that polymerization does not significantly alter the shape or diameter of spherical 

vesicles.  However polymerization leads to a decrease in the fluidity of the membrane as 

indicated by retarded lateral diffusion of the lipids within the bilayer.[45, 160]  During 

polymerization, lipids are diffusing normally due to the dynamic nature of the lipid 

membranes.  However, once lipids become covalently linked, forming larger molecules, 

diffusion of the growing polymer and of the other lipid around the polymer is affected.  

Polymers formed may create barriers through which other lipids cannot diffuse. A modest 

reduction of lateral diffusion is usually observed for mono-functional lipids, but diffusion 

is almost completely attenuated by polymerization of bi-functional lipids. 

 Polymerization of the tails in the lipid assemblies usually leads to broadening or 

in some instances abolition of the main phase transition of the bilayer.[45, 160]  Forming 

covalent linkages between the lipid acyl chains inhibits formation of gauche rotamers and 

the cooperativity typically observed when unpolymerized bilayers pass through the phase 

transition. Conversion of lipid monomers to polymer prolonged the shelf life, enhanced 

the tolerance to organic solvents and surfactants and altered the bilayer permeability 

properties.[45, 160] 
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1.4.5 Polymerization parameters that affect bilayer physical properties 

a) Cross-linking vs. linear polymerization 

 As mentioned previously in section 1.4.2 polymerization of monomeric lipids in 

an assembly proceeds in a linear or cross-linked manner, depending on the number of 

polymerizable groups per monomeric lipid.  Lipids that contain a single reactive moiety 

in either of the hydrophobic tails or associated with the hydrophilic head group yield 

linear polymers, whereas polymerization of lipids with reactive groups in each 

hydrophobic tail generally yields cross-linked polymers (Figure1.7).[45, 155, 160] Linear 

and cross-linked polymeric assemblies have significantly different physical properties. 

e.g. permeability, chemical stability and solubility. Polymerization decreases the bilayer 

permeability to encapsulated aqueous markers. Formation of linear polymers reduces the 

bilayer permeability by factors of 2-5 whereas a cross-linked polymer network can 

decrease the permeability by at least 2 orders of magnitude.[166, 167]  The decrease in 

permeability across cross-linked polymers is paralleled by increase in chemical stability 

of vesicles, which is observed by the resistance to dissolution either by surfactants or 

organic solvents.[160, 168] For example, cross-linked vesicles prepared from bis-

DenPC[169] and bis-SorbPC[170]  are not disrupted by surfactants up to 10 to 15 

equivalents of surfactant respectively.   

 O’Brien and coworkers used each of these three methods to examine cross-linking 

in  bilayers composed of mono-functional lipid, as a function of the mole fraction of bis-

functional monomer for several types of polymerizable dienoyl lipids.[160]  These 
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studies indicated that a substantial fraction (30%) of bis-substituted lipid was necessary 

for cross-linking of lipids with acryloyl and sorbyl functionalities in the acyl chain 

terminus.[160]  In contrast dienoyl functionalized lipids with reactive moieties located 

near the glycerol backbone were cross-linked more efficiently with a smaller fraction of 

the bis-substituted lipid (~10%).[156]  It was proposed that  this effect is a consequence 

of greater conformational freedom of the sorbyl moieties which could favor 

macrocylization that could lead to a decrease in the probability of cross-linking.[156] 

 

b) Degree of polymerization 

 The degree of polymerization is typically estimated as the number average degree 

of polymerization Xn, defined as the average number of monomers contained in a 

polymer molecule.  Xn is directly related to number average molecular weight (Mn) of the  

polymer through its product with the molecular weight of the monomer unit. In a lamellar 

polymerization, increasing Xn results in greater stabilization of vesicles to disrupting 

conditions such as detergents and organic solvents.[160] Comparison of the degree of 

polymerization for a number of polymerizable amphiphiles indicates that the nature and 

the location of the polymerizable moiety as well as the initiation and termination methods 

have a strong influence. For example, bis-SorbPC lipids showed a degree of 

polymerization of   50-300 for radical initiated polymerization, and 3-10 for direct UV 

photolysis.[160] In contrast, bis-DenPC showed Xn of 45 and 18 for radical and UV 

initiated polymerization, respectively.[169] Moreover the monomer to initiator ratio can 
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affect the degree of polymerization for radical initiated polymerization and this effect has 

been extensively studied by O’Brien et al. for various reactive monomers.[170-173] 

Kinetic studies of thermal and redox initiated polymerizations have shown the 

effect of chain termination reactions on Xn.[170, 173] In the early stages of the 

polymerization, propagating polymer chains terminate by chain coupling or 

disproportionation methods. Out of these two mechanisms chain coupling leads to longer 

polymer chains as two propagating chains couple to terminate the reaction. As the 

polymerization approaches high conversion, polymer chain motion is increasingly 

constrained by the two-dimensional nature of the bilayer membrane.   This reduces the 

translational mobility of the growing polymer chains and increases the lifetime of the 

polymer radicals, which will favor termination by radical initiators (i.e. by primary 

termination). Primary termination leads to shorter polymer chains compared to those 

formed by chain coupling. Thus at high conversion smaller chains resulting from primary 

termination dominates the degree of polymerization.   

Xn has also been found to moderately increase with increasing temperature for 

redox and thermally initiated polymerizations.[174] When the sample temperature is 

below Tm, lipid monomers are in the slow diffusion regime and the hydrocarbon tails are 

usually in the all trans extended conformation whereas at temperatures above the Tm the 

lipid lateral diffusion is increased and the acyl chains adopt gauche conformations. Thus 

at temperatures below Tm, polymerizable moieties located in the acyl chains are in a 

favorable conformation for the chain propagation reaction.  However as the rate of 

diffusion of the monomeric lipid is low, the probability of monomer reacting with the 
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propagating chain is less, leading to smaller Xn. For example redox polymerized 

poly(DenPC) has an Xn of 45 and 27 at 35o C and 8o C, respectively.[169, 173] The 

polymerization at 35o  C was in the liquid crystalline phase while at 8o C it was in solid 

phase. The difference in Xn below and above Tm may also be influenced by the 

permeability of the initiating species into the bilayer. [170, 173] Despite the slight 

difference in Xn at gel and liquid crystalline regimes, reasonably long polymer chains are 

formed in both phases for acryloyl, dienoyl and sorbyl lipids. In contrast, diacetylenic 

lipids only form large polymers in the gel phase.[163, 175] 

 Tsuchida et al. described a vesicle size effect  on Xn.[176] Thermally initiated 

polymerization of mono-DenPC  in small unilamellar vesicles (20 nm diameter)  

produced Xn  that was considerably smaller than  with 40 nm diameter vesicles in which 

(Xn varied from 21 to 58 ). It was suggested that the lower Xn was due to a decreased 

freedom of motion of the polymerizable group in the highly curved smaller vesicles.[170, 

176] 

Determination of Xn for lipid polymer is relatively difficult due to the insolubility 

of the polymer in organic solvents. The insolubility of polymerized lipids was assumed to 

result from the presence of the polar zwitterionic head group and/or from extensive cross-

linking in the case of the bis-substituted phosphatidylcholines.[170] Thus for lipid 

polymers transesterification is performed which removes the lipid head groups, leaving 

only the hydrophobic tails, allowing the polymers to be solubilized for analysis by size 

exclusion chromatography.[172] 
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c) Degree of conversion 

 Degree of conversion or the percentage of monomer converted to polymer is 

another factor affecting the properties of the polymerized lipid assemblies.  This can be 

estimated by UV-vis spectroscopy for monomers with reactive moieties that  absorb with 

fairly large extinction coefficients.[170, 177, 178]  For example dienoyl and sorbyl lipids 

have extinction coefficients around 1.5 X104-2.5 X104 cm-1M-1 at 260 nm, which can be 

used to follow the conversion of monomer to polymer[177]. In contrast diacetylenes have 

low extinction coefficients (~ 100 cm-1M-1)[45] and  estimating the degree of conversion 

by optical spectroscopy is difficult.  For such cases, FTIR spectroscopy has been used to 

determine monomer conversion.[173] By any of these methods, monomer loss can be 

calculated as follows, where Io is the initial absorbance/intensity of reactive moiety 

before any polymerization and It is absorbance/intensity at time t after polymerization. 

  % conversion = Io – It    

        Io  

In efficient polymerizations nearly 100% of the monomer is converted to 

polymer.  In incompletely polymerized systems, the unreacted monomers are usually 

segregated from the polymer domains unless the monomers are trapped inside the 

polymers. As unpolymerized lipid structures are unstable relative to their polymerized 

counterparts, incomplete conversion will yield lipid assemblies that are less stable and 

more prone to surfactant or organic solvent dissolution. 

 

 

x 100
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1.5 Membrane proteins 

 Protein composition as well as relative amounts of protein significantly vary from 

cell to cell as well as within the cells. [2]The outer membranes of cells isolate them from 

their environment and the proteins in them allow the cell to respond to external stimuli 

and regulate the entry of variety of molecules and ions.  The internal membranes of cells 

compartmentalize organelles and the proteins in them allow these compartments to 

communicate with other regions of the cell. Thus coordinated effort of numerous 

structurally and functionally diverse group of proteins such as enzymes, receptors, ion 

channels, transporters etc. are accountable in efficient functioning of the cells.  

 Membrane proteins are generally classified into two broad categories, integral and 

peripheral, based on the nature of the interaction  between the membrane and the 

protein.[2, 179] Integral proteins have one or more polypeptide segments that are 

embedded in the bilayer.  Most integral proteins span the entire lipid bilayer and they 

contain one or more membrane spanning domains as well as domains that extend into the 

aqueous medium on either side of the bilayer. The membrane spanning domains are alpha 

helices or less commonly multiple beta strands (e.g. porins).  The membrane spanning 

domains of these proteins contain amino acids residues with hydrophobic side chains that 

interact with acyl chains of the membrane lipids and thereby stabilize the protein.  Thus 

these proteins can only be released from the bilayer by disruption with detergent or 

organic solvents.  

 Peripheral proteins have a fairly shallow penetration into the membrane surface 

and do not interact with the hydrophobic core of the lipid bilayer.  They are usually 
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bound to the membrane by electrostatic interactions with the lipid polar head groups or 

interactions with integral membrane proteins.  Thus many peripheral proteins can be 

released merely by changing either the ionic strength or the pH, or by adding chelating 

agents (EGTA or EDTA).[2]  Proteins on the extracellular side of the membrane are 

generally involved in cell-cell signaling or interactions while proteins on the cytocylic 

face of the membrane have a wider range of functions, such as anchoring cytoskeletal 

proteins to the membrane and triggering intracellular signaling pathways. 

 

1.5.1 Reconstitution of  proteins into supported lipid membranes 

Studies of membrane proteins in their native environment are usually difficult due 

to the complexity of native membranes and interferences with other membrane 

constituents or other cellular and extracellular components. Thus in membrane research, 

model membranes containing purified membrane proteins have become a powerful tool 

for elucidating both functional and structural aspects of  membrane-associated proteins. 

Reconstitution of proteins into model membranes has made important contributions in 

understanding mechanistic aspects of protein function, lipid-protein and protein-protein 

interactions, the topological features of proteins in the membranes and ligand recognition 

and binding.[82, 88, 180, 181] From an applied point of view, model membranes 

reconstituted with proteins have potential applications in bio-sensing, pharmaceutical 

screening, chemical synthesis, bioremediation, and  separations.[182, 183] 

 Reconstitution of proteins into model membranes involves several steps, 

specifically, solubilization  of the biomembrane to its building blocks, purification of the 
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protein/s that need to be incorporated, and finally reassembly of the protein/s in a model 

membrane, presumably identical to the native membrane in structure and function. 

 Solubilization of biomembranes is primarily carried out using detergents.[184-

188] However the choice of an appropriate detergent is important. Ionic detergents are 

more effective in solubilizing membranes than nonionic detergents but can adversely 

affect protein function. Besides detergents, organic solvents have been used for 

membrane solubilization[184, 188], although in some cases these may very rapidly 

destroy the biological activity of the proteins. Subsequent to membrane soubilization, 

proteins can be purified by centrifugation  through a sucrose density gradient followed by 

chromatographic methods (e.g. affinity chromatography, HPLC) or by capillary 

electrophoresis.[185] 

 The most successful and frequently used strategy for preparation of 

proteoliposomes from purified proteins involves the use of detergents, as most membrane 

proteins are isolated in the presence of detergents. In this method, proteins are typically 

co-solubilized with lipids in an appropriate detergent to form a solution of lipid-protein-

detergent and lipid-detergent micelles. Subsequently the detergent is removed resulting in 

progressive formation of vesicles with incorporated proteins.  Removal of detergent can 

be carried out by dialysis, size exclusion chromatography or by hydrophobic adsorption 

on polystyrene beads.[185] [186, 188] 

 Another procedure for obtaining proteoliposomes from lipid-detergent-protein 

micellar solutions is by diluting the reconstitution mixture.  Dilution lowers the detergent 

concentration below the cmc and proteoliposomes form spontaneously.[184, 188] 
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Although employed with some success for reconstitution of proteins, this technique has 

failed in many cases as the residual surfactant may inhibit protein activity and is likely to 

destabilize the bilayer and increase the membrane permeability.  

 Reverse phase evaporation of the organic phase with dissolved protein and lipid 

in the presence of an aqueous phase has also been used for preparation of protein 

incorporated  liposomes.[185] Sonication of a mixed suspension of lipids and isolated 

proteins is another method that has been used. However long sonication times can lead to 

inactivation of many proteins.[185] 

Lastly, incorporation of the isolated, detergent solubilized protein into preformed 

phospholipid vesicles have also been attempted.[185, 186]  

Reconstitution of proteins into planar supported lipid membranes is usually 

carried out by fusion of proteoliposomes prepared by any of the above methods onto 

suitable substrates (glass, silica, mica, self assembled monolayers, polymer cushions, 

etc.).[95, 189-191] Alternatively proteins can be incorporated into a pre-formed 

supported membrane by simply diluting the protein detergent solution below the 

cmc.[192-194] A similar protocol can also be used to reconstitute proteins into BLMs. 

[66, 67, 69, 80, 195] Conversely the proteins can be dissolved in the hydrocarbon solvent 

with the lipid prior to forming the BLM. This of course limits this method to those 

proteins that can withstand such a treatment without denaturing. 

Water soluble proteins on the other hand can be reconstituted by covalently 

anchoring into the bilayers by coupling to appropriate lipid head groups (e.g., lipids with 

thiols and amine functionalities in the head region).[196, 197] 
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Besides the need for conditions that preserve the integrity and the activity of the 

protein under study, the final orientation of the incorporated protein in the lipid bilayer is 

critical for membrane-based investigations.  Certain proteins tend to preferentially insert 

in a particular orientation in membranes but the detergent and the lipids employed may 

also play a critical role.  Generally reconstitution into pre-formed model membranes can 

lead to asymmetric insertion of membrane proteins but quantitative determination of the 

degree of asymmetric insertion of membrane proteins is difficult.[185, 188] 

 

1.6 Overview of experiments 

 The work presented here focuses on the polymerizable dienoyl lipids shown in 

Figure 1.10. This section provides additional background information on polymerization 

of dienoyl functionalized lipids.  

 Dienoyl functionalized lipids are attractive candidate for preparing polymerized 

supromolecular assemblies as they can be polymerized above and below Tm of the lipid 

to yield high conversion of monomer to polymer. This polymerizable moiety exhibits a 

strong absorbance between 256-260 nm with ε values ranging from 23000 to 27000 M-

1cm-1 depending on the solvent polarity and acyl chain packing.[177] For example in the 

gel phase, bis-SorbPC exhibits a hypsochromic shift to shorter wavelengths (~242 nm) 

with diminished extinction coefficient.  Irradiation of lamellar assemblies with UV light 

with a low pressure Hg-lamp results in direct photopolymerization and the resulting 

polymer has an absorbance between 200-210 nm. Polymerization of dienoyl moieties has 

also been accomplished with thermal initiators (AIBN), redox initiators (e.g. 



 

 

67

NaHSO3/K2S2O8) and by γ irradiation. Polymerizaztion  of lipid monomers with these 

moieties can proceed by either a 1,4-, 3,4- and/or 1,2- mechanism.[155, 170]  

Consequently, it is possible that different reaction conditions will produce different 

polymeric materials from the same bilayer membrane. For the work discussed in this 

document, polymerization of the supramolecular assemblies have been carried out by UV 

polymerization. 

 The following sections briefly highlight the work carried out using these different 

dienoyl lipids. 

 

1.6.1 Reconstitution of rhodopsin into polymerizable lipid membranes 

 The polymerizable dienoyl lipid monomers discussed above have been previously 

used to construct supported poly(lipid) membranes with enhanced stability.[133, 137, 

142] Specifically, these studies demonstrated that redox polymerized bis-SorbPC 

supported lipid membranes were extremely robust against organic solvents, detergents 

and dehydration/rehyration cycles, while UV polymerized bis-SorbPC as well as redox 

and UV polymerized bis-DenPC supported membranes were less stable to these 

destabilizing conditions.  To potentially utilize these polymerized lipid bilayers as 

biosensor devices for a variety of analytes and as platforms for screening drug libraries, 

these need to be reconstituted with proteins. However it is unclear if poly(lipid) 

membranes can provide  a non-denaturing environment to immobilized proteins or if 

extensive lipid cross-linking can be achieved without adversely affecting the activity of 
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Figure 1.10 Structures of polymerizable lipids used for thi work. 
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incorporated proteins. Chapter 2 describes reconstitution and subsequent photo-activation 

of bovine rhodopsin, a G-protein coupled receptor, in supported lipid bilayers composed 

of   polymerizable lipids. Plasmon waveguide spectroscopy (PWR) was used to monitor 

photoactivity. Bovine rhodopsin is particularly suited for this investigation as previous 

studies on artificial membranes reconstituted with this protein has revealed that it 

undergoes a conformational change upon photo-activation that is influenced by the lipid 

environment.[198-204] The present study was focused on bilayers composed of lipids 

with polymerizable moiety located at different positions in the acyl chains (Figure 1.10), 

as well as different head groups and degrees of cross-linking.  

The results from this study show that reconstitution of rhodopsin into a supported 

bilayer composed of phosphatidylcholine lipids with the polymerizable moiety in the acyl 

chain terminus, followed by photo-induced cross-linking, does not significantly perturb 

protein function.  However in supported lipid bilayers where polymerization occurred 

closer to the glycerol backbone, rhodopsin photoactivation was hindered.  Similar 

behavior was observed for supported membranes composed of mixtures of polymerizable 

lipids containing phosphatidylcholine and phosphatidylethnolamine headgroups (1:1 

mol/mol). Maintenance of photoactivation of rhodopsin upon polymerization in 

polymerized bilayers could have important implications for development of biosensors 

and biochips.  For example, creation of robust planar supported lipid bilayers 

functionalized with transmembrane proteins could have a significant impact on the 

advancement of field-deployable bioassay systems.  
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1.6.2 Characterization and stabilization of bis-SorbPC and bis-DenPC giant vesicles 

  Giant vesicles are liposomes with a diameter in the order of several micrometers. 

Due to their large size, giant vesicles can be observed by light microscopy permitting 

direct visualization of certain aspects of their supramolecular chemistry. Moreover due to 

their large size, giant vesicles offer a quite different possibility for carrying out chemical 

reactions by the locally controlled addition of a reagent with the micromanipulation 

equipment typically used in cell biology. In this way, it may be possible to carry out a 

localized chemical reaction on an individual vesicle and follow its progress in real time 

by light microscopy. This enables the use of giant vesicles as sensors, microreactors or 

encapsulators. With the aim of improving the stability of giant vesicles, these have been 

prepared with polymerizable lipids followed by polymerization. Most of the studies on 

polymerizable lipids to date have focused on polymerizable diacetylene and dienoyl 

lipids with an ammonium head group.  Chapter 3 focuses on the preparation and 

characterization of giant vesicles made from the dienoyl lipids, bis-SorbPC and bis-

DenPC lipids. Unpolymerized and UV polymerized giant vesicles of these two lipids 

were characterized in terms of morphology and stability to surfactants, temperature, 

drying and rehydration using Hoffmann contrast, phase contrast and fluorescence 

microscopy.  

Both UV polymerized bis-SorbPC and bis-DenPC giant vesicles were stable 

towards surfactant dissolution compared to unpolymerized vesicles, revealing the 

stability gained after polymerization. The polymerized vesicle structure prevailed to a 

large extent upon dehydration and rehydration conditions which usually destroy 
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unpolymerized vesicles, confirming that UV polymerization did indeed stabilize the 

vesicle structure. Moreover UV polymerized bis-SorbPC giant vesicles did not show any 

temperature dependant morphological changes. In contrast, in UV polymerized bis-

DenPC vesicles, morphological changes were apparent with temperature, yet they were 

less significant than in unpolymerized vesicles. Thus the stability of these polymerized 

vesicles compared to their unpolymerized counterparts makes them potentially useful in 

sensor applications and as carriers and reactors.  

 

1.6.3 Encapsulation of molecules in photopolymerized giant vesicles 

The work in chapter 4 focuses on investigating the permeability behavior of giant 

vesicles made from bis-SorbPC and bis-DenPC lipids. Previous studies with large 

vesicles have shown that conversion of a vesicle from a self-organized array of several 

thousands of lipid molecules into a structure containing several polymer chains upon 

polymerization will alter the permeability characteristics of the membrane and hence 

change its ability to sequester molecules.[155, 166, 168, 205] Therefore before utilizing 

these giant vesicles in bio-sensor or micro reactor applications, the permeability of the 

polymerized membranes needs to be investigated.  For this purpose permeation of 

encapsulated carboxyfluorescein, a small negatively charged molecule, was used to 

investigate the permeability properties of the bilayer membrane before and after 

polymerization. Moreover with the aim of determining if the giant vesicles from 

polymerizable lipids could retain macromolecules entrapped in the vesicle, permeability 
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of   unpolymerized and polymerized vesicles to rhodamine-labeled bovine serum albumin 

was also investigated.  

 Unpolymerized and UV polymerized bis-DenPC giant vesicles were not 

appreciably   permeable to carboxyfluorescein and rhodamine-labeled bovine serum 

albumin. Bis-SorbPC on the other hand showed appreciable leakage of 

carboxyfluorescein for vesicles equilibrated above the Tm while it did not show any 

significant leakage for vesicles equilibrated below Tm. Both groups of vesicles did not 

show leakage of entrapped bovine serum albumin. 

 Polymerized giant vesicles of both lipids were also successfully utilized in 

carrying out an enzymatic reaction in the vesicle interior by entrapping horseradish 

peroxidase. 
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CHAPTER 2. 

RECONSTITUTION OF RHODOPSIN INTO POLYMERIZABLE 

LIPID MEMBRANES 

2.1 Introduction 

 
 External stimuli including hormones, neurotransmitters, light, odor and taste 

molecules etc., are captured by G protein coupled receptors (GPCRs) located within cell 

membranes.  Capture leads to activation of  GPCRs which triggers a wide array of 

physiological processes including cell communication processes that mediate vision, 

smell, taste and pain.[206-208]  GPCRs constitute one of the largest protein 

superfamilies, with 1000-2000 receptors in vertebrates. They share a similar molecular 

topology of seven transmembrane α helices  connected by three intracellular and three 

exracellular loops (Figure 2.1).  In general GPCRs are activated as a result of the binding 

of extracellular, receptor-specific ligands to their extracellular or transmembrane 

domains.  Conformational changes of the receptor induced by the ligand binding are then 

transmitted to the cytoplasmic surface, allowing coupling with a heterotrimeric G protein 

and catalysis of the GDP/GTP exchange reactions on the G protein. This leads to 

activation of the downstream effector molecules (enzymes, ion channels etc.,) and 

changes in the cellular concentrations of messengers such as cyclic AMP, diacylglycerol 

and Ca2+. These messengers are in turn responsible for regulating cellular recognition and 

communication processes through a variety of mechanisms. Thus malfunction of GPCRs 

leads to many diseases, making these receptors important targets  
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Figure 2.1 GPCRs have a central common core made of seven transmembrane helices 

connected by three intracellular and three extracellular loops.  The diversity of messages 

which activate these receptors is an illustration of their evolutionary success.  
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for drug development.[210, 211] Many features of GPCR structures and functions have 

been reviewed in recent review articles.[209, 212-214] 

A prominent member of the GPCR superfamily is the photoreceptor rhodopsin. It 

is the most thoroughly studied GPCR, both structurally and physiologically, and is the 

only GPCR for which a crystal structure has been reported.[215]  

 

2.1.1 Rhodopsin: Visual photoreceptor 

 Rhodospin is located in the disk membranes of the outer segment of rod cells. 

Rod cells are narrow, long specialized sensory neurons with two distinct cellular 

compartments, inner and outer, connected by a thin section (Figure 2.2).  They are 

aligned parallel to one another and are densely packed in the retina. The outer segment of  

retinal rod photoreceptor cells comprises an extensive area of folded membranes which 

are arranged mainly in a long, closely spaced stack of disk-like sacks. In a normal bovine 

outer segment, there are approximately 1500 discs within an outer segment of 50 µm in 

length.[203]  The intradiscal volume of these disks is very small and the thickness of a 

single disk is about 150 Å.[216, 217] Rhodopsin and all the other components of the 

visual transduction cascade are found in the flattened parts of the disk.[218] Proteins 

account for half of the dry weight of the outer segment, of which 85% is  rhodopsin.[219-

221]   The other half of the dry weight is mostly lipids.[222]  The lipid composition in the 

discs consists of ~45 mol% phophatidylcholine, ~42% phospahtidylethanolamine and 

13.7 mol% phosphatidylserine. 
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Figure 2.2 Schematic drawing of rod photoreceptor cells. The primary events of 

photoreception take place in the outer segment of the cell.  
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 Bovine rhodopsin is a 42 kDa protein consisting of a polypeptide chain of 348 

amino acids that is folded into seven transmembrane alpha helices linked by hydrophyllic 

loops.[224, 225]  The membrane domains account for about 50% of the total protein and 

the other half is distributed equally between cytoplasmic and intradiscal domains.[226] 

The amino terminus of rhodopsin is intradiscal and the carboxy terminus is intracellular. 

The choromophore in rhodopsin is 11-cis retinal (Figure 2.3) which is covalently bound 

to the protein by means of a protonated Schiff base linkage to the ε-amino group of the 

Lys 296 residue located in the VIIth helix.[215]  The  protonation  of  the  Schiff  base  

introduces  a positive charge in the chromophore which is stabilized by the carboxylate 

side chain of the Glu 113 residue of helix III, serving as the counter ion.[227-230]  The 

electrostatic interactions between the chromophore and the counter ion environment 

contribute to locking the protein in an inactive state in the dark.  The retinal binding 

pocket in the transmembrane domain of rhodopsin is largely hydrophobic but several 

charged residues are also present around the chromophore and are necessary for the 

proper functioning of rhodopsin. The 9-methyl group in retinal has also been found to 

stabilize the ground state of rhodopsin by hydrophobic interactions [231] and this methyl 

group is also crucial for inducing out-of-plane distortion around the 12/13 bond which 

apparently drives the ultra-fast photoisomerization.[232] 
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Figure 2.3 Photoisomerization of retinal chromophore to its 11-trans form upon 

absorption of a photon. 

 

                     

Figure 2.4 Rhodopsin Photocycle. 

Rhodopsin 

*Rhodopsin 
Photorhodopsin 

Bathorhodopsin 

Lumirhodopsin 

Metarhodopsin I 

Metarhodopsin II 

All-trans retinal + opsin 

hν 

11-cis retinal 
All-trans-retinal 

O

 

hν 



 

 

79

 Retinal has an absorbance maximum around 500 nm; thus the mammalian eye has 

taken the full advantage of the solar energy distribution since the solar energy is strongest 

between 400-700 nm.  Irradiation of rhodopsin around 500 nm causes 11-cis- retinal to 

isomerize to all-trans-retinal (Figure 2.3) to yield photo-rhodopsin in less than 200 

femtoseconds.[234,235] The quantum yield for this reaction is about 0.67.[234,236] This  

is the only light triggered change that occurs in rhodospin and the subsequent changes are 

caused by relaxation of the protein to relieve the strain energy (30-36 kcal/mol)[237, 238] 

stored in the all-trans-retinal-opsin complex upon photoisomerization. Photo-rhodopsin  

relaxes by several thermal decay steps through a cascade of photointermediates, namely 

through batho rhodopsin, blue shifted intermediate (BSI), lumi-rhodopsin, MI and MII 

(Figure 2.4 ).[239, 240] In native rod disk membranes, MII intermediate is in a pH- and 

temperature- dependent metastable equilibrium with its predecessor meta I on the 

millisecond   time   scale.[233, 241, 242] Upon  meta II  formation,   the   retinal   Shiff   

base   is deprotonated[243] and the salt bridge to Glu 113 is broken, leading to a 

conformational change in the protein. This conformational change is characterized by the   

movement of transmembrane helices III,V and VI which exposes the G protein  binding 

sites on the cytoplasmic side of the protein.[244] Thus meta II is the active intermediate 

of rhodopsin that is able to bind and activate the G protein to trigger the visual signal 

cascade. 

MII eventually decays to meta III and finally to opsin plus free all-trans-retinal. 

Recycling the receptor and returning it to the photosensitive conformation is achieved by 
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converting all-trans-retinal back to 11-cis-retinal conformation by a series of enzymatic 

reactions. The chromophore eventually binds to regenerate rhodopsin.  

A variety of spectroscopic studies, especially low temperature and time resolved 

optical spectroscopy, resonance Raman spectroscopy, FTIR, NMR and fluorescence 

spectroscopy, on  native rhodopsin, chemically modified rhodopsin and artificial 

rhodopsin (native opsins reconstituted with synthetic retinal analogs) has led to 

significant progress during the years in understanding  the photocycle of rhodopsin and   

structure-function relationships in the photointermediates.  These types of studies have 

also provided specific information regarding the choromophore structure and dynamic 

chromophore-opsin interactions.[224, 225, 228, 245-253] 

 

2.1.2 Signal transduction cascade 

  Vision begins with the conversion of light into electrical signals which can be 

processed within the retina and sent to the brain via the optic nerve. The visual system 

has evolved to be extremely sensitive to light, such that a single photon is sufficient to 

excite rhodopsin.[240] Several chemical and biochemical events in the visual 

transduction process  result in  great amplification of the signal and MII rhodospsin is the 

key intermediate in this amplification process. Figure 2.5 depicts a simplified illustration 

of the visual signal transduction cascade initiated by rhodopsin. The MII state of 

rhodopsin  specifically binds with high affinity to the heterotrimeric G-protein, transducin 

(Gt-GDP) which hovers nearby on the cytosolic face of the disk membrane. This binding  

catalyzes the replacement of GDP by GTP from the cytosol.  The resulting complex 
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dissociates into Gt(α)GTP and Gt(βγ) subunits, and MII is free to bind to another  

transducin molecule. Each MII can bind to hundreds of transducin molecules during its 

lifetime resulting in amplification of the initial photon absorption. The GTP-bound G(α) 

subunit [Gt(α)GTP]  carries the signal of the excited rhodopsin to the next step of the 

transduction pathway by binding and removing the inhibitory γ subunit of cGMP-

phosphodiesterase (PDE), an enzyme that hydrolyzes cGMP to 5'GMP.  The gated cation 

channels in the rod outer segment are controlled by cGMP, which bind to the channels in 

the dark and keeps them open. These cation  channels  are extremely sensitive to c-GMP 

concentration and rapid depletion of this molecule by enzyme hydrolysis leads to closing 

some of these channels.  Each activated PDE enzyme hydrolyzes several thousand  

cGMP molecules per second. This high turnover number therefore constitutes the second 

amplification step of photon absorption. Closing the cation channels cause 

hyperpolarization of the entire rod cell membrane. This  information is transmitted to 

synaptic terminal, where it slows down ongoing transmitter release, and is eventually 

delivered to the visual cortex of the brain. Thus by this process the initial stimulus, a 

photon, changes the membrane potential of the cell. The binding of cGMP to cGMP 

gated ion channels is cooperative (at least three molecules need to bind to open one 

channel), thus a relatively small change in cGMP concentration therefore registers as a 

large change in ion conductance and this brings about the third amplification step. The 

result of all these amplification steps is enhanced sensitivity to light (for  reviews see 

[233, 254-256]).  
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Figure 2.5 Schematic overview of the bovine visual transduction cascade. 
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 The events that terminate the response to light are not so well understood but it is 

thought to be shut off by phosphorylation of MII rhodopsin followed by binding of the 

soluble protein arrestin.  Active transducin is thought to shut off by hydrolysis of the GTP 

bound to it. PDE shuts off when the inhibitory γ subunit binds to the catalytic subunits.  

Eventually the c-GMP concentration is restored to the dark level by cGMP synthesis. 

 

2.1.3 Lipid rhodopsin interactions 

There are several indirect lines of evidence suggesting that interactions with the 

surrounding lipids might be particularly important for rhodopsin function.  Firstly, the 

lipid composition of the rod outer segment (ROS) is quite unique with the major 

phopholipids being phosphatidylcholine (PC), phosphatidylethanolamine (PE), and 

phosphatidylserine (PS), and phosphatidylinositol in a molar ratio of approximately 

39:42:16:2.[258]  In the native disk membranes, these lipids are believed to be 

asymmetrically organized in the two monolayers with PE and PS on the cytoplasmic 

surface of the disk membrane and PC predominantly on the intradiskal surface.[259, 260] 

The ROS membranes are extremely rich in long chain polyunsaturated fatty acids  with 

docosahexaenoic acid (DHA,22:6ω3) representing nearly half (47 mol%) of the total 

fatty acyl chains [261], which  is fairly high for natural membranes, although many 

membranes are composed of unsaturated phospholipids. Biosynthesis of these 

polyunsaturated fatty acids is energetically costly, implying their significance  in 

rhodopsin function.  Moreover when rats are placed on a diet that contains no essential 

fatty acids, these polyunsaturated fatty acids still remain at a higher percentage in the 



 

 

84

ROS, apparently at the expense of these acids in other tissues.[262, 263] Furthermore 

deficiency of DHA has been found to be associated with significant perturbations in  

rhodopsin photochemistry in rats and Rhesus monkeys.[199]  Thus it seems plausible that  

a significant role is played by the ROS lipids in the visual process. One possibility is that  

specific lipid-rhodopsin interactions occur at the molecular level.[264, 265] Alternatively 

the lipid influences on rhodopsin photochemistry may be mediated by relatively long 

range effects, which may reflect the average or material properties of the 

membranes.[199, 202]  

Numerous studies in the past have investigated the molecular features of the ROS 

membranes that are necessary for the photochemical function of rhodopsin by 

reconstituting rhodopsin into vesicles composed of  a variety of phospholipids by 

detergent dialysis and  assessing the extent of MI to MII transition by flash photolysis 

methods.[198-200, 202, 204, 263, 266, 267] These studies have shown that native like 

activity of rhodopsin can be reconstituted in vesicles made with the solubilized total  

ROS membrane lipids, suggesting the membrane asymmetry and lipid distribution in 

ROS are apparently not essential for this aspect of rhodopsin function as the membrane 

asymmetry is lost  during reconstituion. Moreover rhodopsin reconstituted into vesicles 

made with short chain saturated lipids [di(14:0)PC and di(15:0)PC] and short chain 

unsaturated lipids [di(14:1)PC and di(15:1)PC] essentially blocked the MI to MII 

transition at physiological pH, both in solid and liquid crystalline states. However 

detectable levels of MI to MII transition, but not to the same extent as native ROS 

membranes, were observed for unsaturated PCs of longer lengths [di(16:1)PC, 
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di(17:1)PC and di(18:1)PC] in the liquid crystalline state at 28o C and pH 7. [268]  Such 

investigations were not possible for the homologous series of disaturated PCs as the  

phase transition temperature increased as a function of acyl chain length.[199] 

 It is now believed that the MI to MII transition of rhodopsin is accompanied by 

elongation of the protein perpendicular to the membrane plane with consequent exposure 

of the previously buried residues that are essential for interaction with the G protein.[269-

271]  As a result of this elongation, an increase in the hydrophobic thickness of 

photoactivated rhodopsin occurs. Consequently the influence of the acyl chain length 

indicates that it  is matched to the hydrophobic thickness of rhodopsin in the MII state. 

Based on these findings a minimum thickness corresponding to about 18 acyl chain 

carbons in the liquid crystalline state is needed for appreciable formation of MII. 

 The inability of rhodopsin to undergo a native-like MI to MII transition when 

reconstituted  in vesicles of either unsaturated or saturated phosphatidylcholines could be 

due to the requirement of polyunsaturated chains and different types of phospholipid head 

groups  as found in native ROS membranes. Wiedmann et al.[204] investigated each of 

these variables  and found that rhodopsin reconstituted in eggPC vesicles does not  lead 

to a native-like MI to MII transition at room temperature (28o C) and pH 7, implying that 

acyl chain unsaturation is not sufficient for full photochemical activity in the case of 

phosphatidylcholines. Additionally vesicles of di(22:6)PC and mixtures of 

di(22:6)PC/eggPC (1:1) recombined with rhodopsin showed a greater extent of MI to MII 

transition compared to more saturated eggPC,  suggesting that MI to MII equilibrium 

does depend on the degree of acyl chain unsaturation.[204] However polyunsaturated  
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phosphatidylcholine acyl chains do not yield full photoactivity relative to native ROS 

membranes. Moreover the influence of phosphatidylethanolamine  head groups on the MI 

to MII transition was demonstrated  by reconstituting rhodopsin in vesicles containing an 

equimolar mixture of eggPE and eggPC.[204]  In this case a small increase in the extent 

of MI to MII transition was found relative to eggPC alone but again significant 

differences were evident compared to ROS disk membranes. Meanwhile rhodopsin 

reconstituted in di(22:6)PE/eggPC vesicles showed a native-like MI to MII transition 

suggesting that 22:6 acyl chains together with  PE and PC  head groups, approximately 

equal to native proportions, are required for the formation of MII to the same extent as in 

native membranes.[204]  However  neither alone was not sufficient for native-like 

behavior at pH 7 and room temperature. 

 Gibson et al.[200] investigated the influence of pH on rhodopsin photoactivation 

in pure eggPC and in combination with eggPC derived phosphoethanolamine (PE) and 

phosphatidylserine (PS) at room temperature. The authors found that even though these 

vesicles exhibited substantially reduced photochemical activity at pH 7, all these 

recombinants were capable of native-like MII production at pH 5.  MI and MII have been 

found to coexist in a pH-dependant acid-base equilibrium on the millisecond time scale. 

Thus it follows that energetic constraints on the MI and MII state imposed by eggPC and 

eggPC derived acyl chains can be offset by increased activity of H+ ions. Consequently 

the data reveal that major effect of the membrane lipid composition in these reconstituted 

vesicles is to lower the apparent pKa of the MI- MII equilibrium of rhodopsin compared 

to native ROS membranes. 
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  Based on the results from these  lipid substitution experiments, Widmann et 

al.[204] proposed that lipid influences on rhodopsin photoactivation may be mediated by 

relatively long range effects, which may reflect average or molecular properties of the 

bilayer. In support of this hypothesis,   Dees et al.[272]   found  that aqueous dispersions 

of the native ROS membrane lipids appear  in the vicinity of lamellar-to nonlamellar (i.e. 

bilayer to reverse hexagonal or cubic) phase boundary near physiological conditions. 

Similar behavior has been observed with lipid mixtures that give rise to native-like 

behavior, at slightly higher temperatures. These findings show that not only the chemical 

specificity of the lipids, but also the properties of the entire bilayer modulate the 

photochemistry of rhodopsin. Formation of nonlamellar phases from membrane lipids 

stems from an interplay of the curvature free energy of the membrane lipid/water 

interface together with chain packing forces.[199, 273] The subsequent sections describe 

this concept and how it is involved in photoactivation of rhodospin. 

 In the absence of proteins, the molecular organization within the lipid bilayer can 

be understood in terms of a balance of attractive and repulsive forces acting at the level of 

the lipid polar head groups and nonpolar acyl chains.[199, 274]  Within the acyl region 

there is an effective attractive force called the hydrophobic effect, which arises from the 

unfavorable contact of the hydrocarbon chains with water. For the acyl chain region the 

attractive van der Waals interactions among the CH2, CH=CH, and CH3 groups are 

compensated by the repulsive forces due to thermally induced dihedral angle 

isomerization. In addition attractive contributions in the head region from hydrogen 

bonding e.g., in the case of phosphatidylethanolamines, may be present. Repulsive forces 
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in the head group results from hydration, steric and electrostatic contributions.  In ROS 

membranes when the membrane bilayer is at equilibrium, these various forces are 

balanced in the absence of any external stresses. Within a given lipid monolayer, the 

imbalance of attractive and repulsive forces at the level of the head group and acyl chains 

produces a spontaneous (mean) curvature.[199] It follows that a symmetric bilayer 

composed of nonlamellar forming lipids, i.e., in the planar state, is under a condition of 

curvature elastic stress[204, 272, 273]; thus reverse hexagonal and cubic phases are 

formed as the temperature is increased (111,112).[273, 275] 

 Figure 2.6 provides an illustrative representation of the above ideas.  Figure 2.6B 

shows that for the case of head groups that are small or favor hydrogen bonding, e.g., 

phosphoethanolamine head groups, a relatively small equilibrium separation distance is 

favored.  If the chains favor a larger separation e.g, bulky polyunsaturated or phytanoyl 

chains, then there is a significant imbalance of the forces across the bilayer yielding a 

curvature stress. It follows that in the absence of protein, the reverse hexagonal (HII) 

phase is favored as the temperature is increased. Figure 2.6A shows that if the forces 

within the head group region favor an equilibrium interfacial area similar to the chain 

cross sectional area, e.g., in the case of disaturated phosphatidylcholines, then the 

spontaneous curvature becomes zero and there is no curvature stress; thus the lamellar 

phase is favored by such lipids.  Finally Figure 2.6C illustrates that when the head groups 

favor a larger equilibrium separation than in the case of acyl chains, e.g. for gangliosides 
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Figure 2.6 Depiction of the spontaneous curvature of an individual monolayer arising 

from the distribution of lateral forces within the head group and the acyl chain regions. 

The spontaneous curvature or mean curvature is a thermodynamic property, and is not 

necessarily related to the actual interfacial curvature of an assembly of amphiphiles.   
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and detergents, a positive spontaneous curvature in the membrane exists. In this case 

there is a tendency to form small micelles having the normal hexagonal phase. 

 It is believed that photolysis of rhodopsin alters the force balance in the bilayer 

and is therefore accompanied by a change in the interfacial curvature free energy 

(curvature elastic stress) of the membrane lipid/water interface. The curvature free energy 

has been previously calculated for a spontaneous curvature of 1/40 Å per 

monolayer.[199] For this calculation an interfacial lipid area of 70 Å2 and 100 lipids per 

rhodopsin was estimated. Based on these values a curvature free energy of +530 kJ mol-1 

was computed. Thus the contribution from the curvature free energy is rather appreciable 

compared to the much smaller free energy shift for the MI to MII transition in the 

vesicles reconstituted with rhodopsin (~in the order of 10 kJ mol-1).[199] 

   As discussed above results from the homologues series of diacyl 

phosphatidylcholines suggest that an increase in the protein hydrophobic thickness occurs 

when MII is formed from MI (Figure 2.7). Clearly the chain length cannot be 

simultaneously matched to the hydrophobic dimensions of  both  MI and MII states of 

rhodopsin. MII has a curved lipid/water interface in the vicinity of the protein and 

therefore a change in the interfacial curvature must occur during the MI to MII transition. 

Thus it is believed that a curvature elastic stress or frustration exists in the bilayer for one 

or the other conformational state of the protein. In the case of monounsaturated 

phosphatidylcholines with zero spontaneous curvature, the MI  state  is  favored  whereas 

the MII state is under curvature stress and is in higher energy.  By contrast lipid mixtures 

with phosphatidylethanolamine headgroups and polyunsaturated chains have a tendency 
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Figure 2.7 Schematic illustration of the membrane changes accompanying the MI to MII 

transition of rhodopsin.  The hydrophobic surface of rhodopsin is depicted by cross-

hatched regions; an elongation or protrusion of the protein at the MII stage may occur 

yielding exposure of recognition sites for the G-protein interaction, accompanied by 

curvature of the membrane lipid/ water interface.  The MI state is favored by lipids 

tending to form the lamellar phase having a planar lipid/water interface 

(phosphatidylcholines). By contrast, the  MII state is favored by lipids tending to form the 

reverse hexagonal phase with a negative interfacial curvature (unsaturated 

phosphatidylethanolamines). 
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to form reverse hexagonal phase and thus the MI state is under curvature stress and 

disfavored. Thus relieving the curvature frustration in the MI state, by enabling a given 

monolayer to approach its spontaneous curvature, can provide a source of work to drive 

the MI to MII transition which is an energetically up hill process. In terms of the above 

picture, material properties associated with the curvature energy of the lipid/water 

interface may govern the MI to MII transition. 

 In addition to curvature elastic stress electrostatic interactions could also play an 

important role, in the case of acidic phospholipids, on the MI to MII transition.  A 

negative membrane surface potential, due to the presence of acidic PS head groups, could 

cause  accumulation of protons and other cations within a diffuse electrical double layer. 

The serine carboxyl groups of pure PS in the lamellar phase have  an apparent pKapp 

~5.5.[201] The H+, activity at the membrane surface would thus be higher than for the 

bulk solution. Thus PS headgroups could help drive the MI to MII equilibrium to favor 

the MII state (Le Chateliers principle). 

 The apparent diversity of lipids in ROS membranes may thus be a result of 

evolutionary selection of lipid mixtures whose material properties govern the energetics 

of the rhodopsin conformational states.  The lipid composition of these membranes 

appears to be finely tuned by nature to produce significant amounts of the MII 

conformation within the physiological temperature and pH range for effective signal 

transduction.  
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2.1.4 Reconstitution of rhodopsin into polymerized supported lipid bilayers 

 Many transmembrane proteins including rhodopsin, have been isolated and 

reconstituted into fluid supported lipid bilayers with the intention of developing of 

sensors, diagnostics, biomimetic materials and biological arrays. [95, 189, 192, 194, 276, 

277] The technical obstacles to this goal include ease of formation of the membrane, 

long-term integrity of the structure, and  reconstitution of functional proteins in their 

native conformation.[130]  The close proximity of the lipid bilayer to the solid support 

with a typical distance of 5-20 Å typically does not provide a sufficient water reservoir 

and could cause non-specific adsorption and denaturing of proteins.[82] Despite this, 

retention of bioactivity of membranes receptors reconstituted into supported membranes 

have been observed frequently, illustrating that planar supported membranes can serve as 

artificial surrogate cell surfaces to maintain protein functionality.[95, 181, 278-281] 

However, since lipid membranes composed of natural lipids are associated solely via 

noncovalent interactions, their instability may present a significant obstacle to their use in 

transmembrane protein-based devices.[82, 110, 140]  As mentioned in section 1.4, one 

strategy to overcome this is by polymerization of synthetic lipid monomers to form 

robust bilayers. However it is unclear if extensive lipid cross-linking can be achieved 

without adversely affecting the activity of incorporated transmembrane proteins. The 

conventional view is that the membrane must be highly fluid to maintain transmembrane 

protein activity. Moreover polymerization conditions could also perturb reconstituted 

protein activity. 
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 Studies of membrane proteins such as rhodopsin and bacteriorhodopsin  

reconstituted into poly(lipid) vesicles have been reported.[282-287] UV 

photopolymerization of vesicles composed of polymerizable dienoyl and diacetylenic 

lipids were found to inactivate both rhodopsin and bacteriorhodopsin. On the other hand, 

the activity of these proteins has been maintained by reconstituting them into vesicles 

composed of polymerized and fluid domains.[282, 284, 285, 287] However this approach 

undermines the strategy of using lipid cross-linking to achieve bilayer stability. Although 

cross-linked poly(lipids) can withstand exposure to destabilizing conditions (drying, 

surfactants, solvents), fluid lipid domains generally do not. 

  This chapter highlights the effect of lipid polymerization on photoactivation of 

rhodopsin reconstituted into planar supported lipid bilayers composed of polymerizable 

lipids. To the author’s knowledge reconstitution and functional activity of a protein in 

poly(planar supported lipid bilayers)   has not been reported.  For this study rhodopsin 

was chosen, as the extent of MI to MII equilibrium is influenced by the nature and 

composition of the membrane lipids as discussed in Section 2.1.3, thus making it an ideal 

membrane protein to study the effect of polymerization on protein activity.  Moreover the 

conformational changes associated with photoactivation of rhodopsin in fluid  planar 

supported lipid bilayers composed of a variety lipids have been characterized by plasmon 

waveguide spectroscopy (PWR), the spectroscopy  technique utilized for this work.[288] 

Here a variety  of polymerizable lipids have been examined with  the polymerizable 

moiety located at  different regions in the acyl chains, polymerizable lipids with different  
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head groups and different extent of  cross-linking using bis-SorbPC, mono-SorbPC, bis-

DenPC and mono-SorbPE lipids. 

 

2.2 Experimental Overview 

In this section experimental details of  the procedures used to purify  rhodopsin 

from bovine retinas, determining the effects of UV light on rhodopsin photoactivation, 

construction of supported lipid bilayers from variety of lipids (DOPC, bis-SorbPC, bis-

DenPC, bis-SorbPC:mono-SorbPC(1:1), bis-SorbPC:mono-SorbPE(1:1) on a plasmon 

waveguide prism surface), incorporation of rhodopsin into these bilayers, UV 

polymerization of lipid bilayers, and activation of rhodopsin in UV polymerized and 

unpolymerized bilayers will be discussed. Furthermore protocols  to assess  the stability 

of unpolymerized and UV polymerized lipid bilayers toward surfactants, investigation of 

non-specific adsorption of rhodopsin on the substrate prism, construction of isotherm for 

rhodospin incorporation by PWR Spectroscopy will also be dealt here. A short 

description of PWR spectroscopy is also included.  

 

2.2.1 Materials 

          The polymerizable lipids bis-SorbPC, bis-DenPC, mono-SorbPC and mono-

SorbPE were synthesized as described in Appendix 2 by Dr. Gemma D’Ambruoso and 

Dr. Ronald Wysocki.  Dioleoyl phosphatidylcholine (DOPC) was purchased from Avanti 

Polar Lipids and used without any further purification. Frozen bovine retinas were 

purchased from W.L. Lawson Co., Lincoln, NE. Rhodopsin was isolated from these 



 

 

96

bovine retinas as described in Section 2.2.3. Triton X-100 and octylglucoside were 

purchased from Aldrich and Anatrace Inc., respectively.  Phosphate buffer (10 mM, pH 

5.5) was prepared using 18.2 MΩ water obtained from a Barnstead Nanopure system.  

 

2.2.2 Plasmon Waveguide Resonance (PWR) spectroscopy 

Over the past decades there has been a growing interest in the application of 

surface plasmon resonance (SPR) spectroscopy in biosensing and pharmaceutical 

applications.[289-292] The popularity of this technique has been due to its ability to 

measure small changes in the optical properties (refractive index, thickness and molar 

extinction coefficient) of molecules immobilized on a metal film surface, typically Au or 

Ag, with an exponentially decaying evanescent field generated by free electron 

oscillations (surface plasmons). Consequently SPR is well suited to study both structural 

and mass changes of thin dielectric films including lipid membranes, lipid membrane 

protein interactions, and interactions between integral membrane proteins and peripheral 

water soluble proteins.[293, 294] 

As an extension to this technology Salamon et al.[295] developed plasmon 

waveguide spectroscopy (or coupled plasmon waveguide spectroscopy), a spectroscopic 

technique with a new thin film design that can be applied for structural and functional 

characterization of lipid and proteolipid membranes. This device consists of a 

conventional SPR metallic layer, overcoated with a thin dielectric layer (SiO2) that 

functions as a single-mode, planar optical waveguide. This design adds several important 

new properties to the features of SPR spectroscopy.  In particular it provides enhanced 
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spectroscopic capabilities and sensitivity.  These advantages in PWR will be evident in 

the following sections. 

 In its construction PWR is similar to a conventional SPR device. Figure 2.8 

provides a schematic diagram of the PWR apparatus used in this work. It contains a glass 

prism (refractive index n = 1.5151) which is centered over the axis of a rotary stage. The 

base of this prism is coated with a thin film of silver (refractive index n~0.07, 0.12 and 

extinction coefficient k~4.05, 4.25 for p- and s-polarized light, respectively), typically 

with a thickness between 45-55 nm. [295] The silver layer is over coated with a   ~450 

nm silica layer which is  in contact with the aqueous compartment of the sample cell. A 

CW He-Ne laser is used as the light source with a polarizer to select the desired 

polarization and a PMT as the detector. PWR spectra are acquired with this set up by 

rotating the prism with respect to the laser source and recording reflected light intensity 

as a function of incident angle. 

 The working principle of PWR is based on attenuation of the reflected beam by 

coupling of the incident light into modes in the silica layer. The basis for this drop in the 

reflected light intensity is briefly discussed in the following paragraph.  

At an incident angle slightly above the critical angle (i.e. resonance angle), a 

resonance condition is established when the effective indices for the prism and the 

waveguiding silica layer are equal, at which point the incident beam couples into the 

silica layer. By creating a thin film structure that possesses the waveguiding silica layer 

with a refractive index larger than the refractive indices of the media on either side (i.e 

silver on one side and water or air on the other side), total internal reflection occurs at  
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Figure 2.8 Schematic diagram of a PWR experimental setup.  The device contains a glass 

prism coated with a silver layer (~ 50 nm) overcoated with a SiO2 layer (~ 450 nm). The 

excitation and measuring systems are also shown.  The prism, the detector and the Teflon 

sample cell are mounted onto a rotary stage allowing the angle to be varied from 35 to 70 

deg with 1 mdeg steps. 
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Figure 2.9 p-polarized PWR spectra obtained with a bare prism in buffer (curve 1) and 

with a self assembled solid supported lipid bilayer (curve 2) formed on the prism surface. 

The minimum in each spectra corresponds to coupling of the incident light into the 

waveguiding SiO2 layer. 
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both interfaces (Figure 2.8 blow up). Under these conditions the incident light beam 

coupled into the silica layer could traverse this layer. A portion of this propagating beam 

(The evanescent field) extends outside of the waveguiding layer into the adjacent Ag  

layer and sample medium (water or air). As silver has a high extinction coefficient  at  

this   wavelength,  absorption     by    silver    within    the    evanescent  volume   leads  to   

extensive attenuation of the propagating beam within a very short propagation distance. 

Thus resonance coupling of the excitation light into the silica layer leads to attenuation of 

the outcoupled light intensity resulting in a minimum in the plot of reflectance (i.e 

intensity of the reflected light intensity of incident light) vs. incident angle (Figure 2.9).  

For all the other angles where the resonance condition is not met, light is simply reflected 

from the silver surface, resulting in a reflectance approximating to 1.  

The angle at which the resonance is established is influenced by the refractive 

indices (n), extinction coefficients (k), and film thicknesses (t) of all layers(prism, Ag, 

SiO2, sample medium. In addition to the angular position, the half width (i.e. the width of 

the spectrum measured at half depth) and the depth of the spectra are also determined by 

these optical parameters.  Maxwell’s equations can be utilized to generate an analytical 

relationship between these spectral parameters and the optical properties of the 

media.[294]  This allows evaluation of n, k, t uniquely for the three media (i.e.  silver, 

silica and the thin film immobilized on the silica surface), by nonlinear least square 

fitting of theoretical spectrum to the experimental curve. However even though the fitting 

procedure is certainly the most accurate way to analyze the data, for a heterogeneous 

film, it will yield only the average optical parameters and thickness, without providing 
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much insight into the processes or species that generate the spectrum. However this 

complexity still can be dealt with, depending upon specific experimental conditions.[296-

298] Moreover by comparing angular shifts and amplitudes of the PWR spectra, one can 

still get valuable qualitative information regarding the changes in optical properties of the 

system under investigation. 

In PWR, resonances can be excited by light that is both p-polarized (linearly 

polarized light with the electric field  perpendicular to the surface plane ) and s-polarized 

(linearly polarized light with the electric  field  parallel to this plane), in contrast to SPR 

in which only p-polarized excitation can occur. This allows anisotropies in refractive 

index and extinction coefficient of molecules to be characterized, thereby providing 

structural information on orientation and conformation.  Additional advantages of PWR 

over SPR include higher sensitivity and higher spectral resolution as a result of narrower 

line widths associated with waveguide resonance.[299] 

 For the work described herein, PWR spectra were acquired using a Beta PWR 

instrument obtained from Proterion Corp. (Piscataway, NJ) that records the reflectance 

versus the absolute incident angle with a resolution of 1 mdeg. Angular shifts of PWR 

spectra were compared without any analysis using spectral fitting or graphical analysis 

procedures.  As the molecules used in this study do not absorb light at the excitation 

wavelength used, the k parameter has only a minor influence on the spectra and the 

angular shifts reflect changes in the refractive index and/or thickness (i.e. optical 

thickness) of the lipid or proteo-lipid membranes. 
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2.2.3 Purification of retinal rod membranes and solubilization of rhodopsin 

   Native ROS membranes were isolated from frozen bovine retinas by the method 

of Papermaster[300] in a discontinuous sucrose density gradient. Purified ROS appears as 

a dense red band at the 1.11/1.13 g mL-1 interface in the sucrose step gradient after 1 hour 

of centrifugation at 25,000 rpm. The preparations typically had a A280/A500 absorbance 

ratio   in the range of 2.4–2.8 as determined by solubilizing 50 µL of ROS membranes in 

150 µL of detergent buffer containing 100 mM dodecyltrimethylammonium bromide, 100 

mM hydroxylamine, and 15 mM sodium phosphate, pH 7.0. Rhodopsin was extracted  by 

homogenizing ROS membranes in 10 mM phosphate buffer (pH 7.0) containing 200 mM 

octylglucoside  and centrifuged at 6400 rpm for 1 hour at 4o C.  All rhodopsin samples 

were handled in dim red light (Kodak safelight filter No. 1, 15-W bulb).  The purified 

rhodopsin was stored at -70o C under argon, and thawed immediately before use. 

Detergent solubilized rhodopsin, used in this work was  prepared by Pick-Wei Lau using 

the above method. 

  

2.2.4 Effect of UV light on rhodopsin photoactivation 

In this work, UV light was used to photopolymerize lipids. In order to determine 

whether exposing rhodopsin to UV light affected its activity, absorbance spectra of 

solutions of bovine rhodopsin in detergent buffer were acquired before and after exposure 

to light emitted from a low pressure mercury pen lamp.  The lamp output was either 

unfiltered or passed through a UG-330 bandpass filter (Hoya, U-330, λ = 330±80 nm) 
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before reaching the sample.  This filter blocks the wavelength regime (>450 nm) which 

photoactivates rhodopsin.   

 

2.2.5 Estimation of the extent of polymerization 

The conditions required to polymerize bilayers of bis-SorbPC, bis-DenPC, bis-

SorbPC:mono-SorbPC (1:1) and bis-SorbPC:mono-SorbPE (1:1) in the PWR cell with 

the UG-330 bandpass filter were determined as follows. 

The PWR cell was modified by mounting two quartz windows on opposite sides 

of the aqueous compartment, which allowed absorbance spectra of the solutions to be 

measured in situ.  Small unilamellar vesicles (lipid concentration 7x10-5 M) composed of 

the above mentioned lipids were prepared by sonication and were injected into the cell. 

Absorbance spectra were collected as a function of time that the sample was illuminated 

with the low pressure Hg pen lamp through the UG-330 filter. UV radiation was directed 

into the aqueous compartment through a port in the PWR cell. The extent of monomer to 

polymer conversion was determined by monitoring the disappearance of the monomers, 

which absorbs around 258 nm.  

 

2.2.6 Formation of lipid bilayers on the prism surface 

Supported lipid bilayers were formed on the SiO2 surface by the self-assembly 

method described by Salamon and coworkers.[288, 301] This method of preparation uses 

the same principles that govern the spontaneous formation of  freely suspended lipid 

bilayer membranes (i.e. black lipid membranes).[302] This involves solubilizing vacuum 
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dried lipids in a solvent mixture containing n-butanol:methanol:squalene (0.95:0.05:0.005 

v/v) to a final concentration of 7 mg/mL. Then a small amount of this lipid solution (~ 2 

µL) is spread over the 2 mm diameter orifice in the teflon spacer that separates the SiO2 

layer from the aqueous phase. The hydrophilic silica surface attracts the polar groups of 

the lipid molecules, thus inducing an initial molecular orientation, with the hydrocarbon 

chains pointing toward the droplet of excess lipid solution.  Filling  the main body of the 

cell with buffer (10 mM phosphate buffer, pH 5.5) initiates the next steps of bilayer 

formation, which involve a thinning process and formation of a Plateau-Gibbs border that 

anchors the lipid membrane to the Teflon spacer.[303] Lipid bilayer formation was 

monitored by acquiring PWR spectra as a function of time until equilibrium was 

established.  

In this work, supported lipid bilayers were formed by this manner from the 

following lipids: DOPC, bis-SorbPC, bis-DenPC, bis-SorbPC:mono-SorbPC (1:1 

mol/mol) and bis-SorbPC:mono-SorbPE (1:1 mol/mol). 

 
2.2.7 Evaluation of stability of polymerized bilayers against surfactant dissolution 

Polymerization of lipid bilayer vesicles has been found to increase their resistance 

to solubilization by surfactants, and vesicle stability to surfactant solubilization has been 

used to assess if lipid polymerization has been achieved.[160] A similar strategy was 

employed here to assess the stability of planar supported bilayers that lacked rhodopsin as 

follows. 
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Planar supported bilayers composed of bis-SorbPC, bis-DenPC, bis-

SorbPC:mono-SorbPC and bis-SorbPC:monoSorbPE were formed in the PWR cell as 

described in Section 2.2.6 and photopolymerized by exposing to UV light from the 

mercury pen lamp through  a UG-330 bandpass filter for 45 minutes. Aliquots of Triton 

X-100 solution (1% v/v) were added to cell and PWR spectra were acquired after each 

addition.  For comparison purposes, this procedure was also performed for planar 

supported lipid bilayers composed of DOPC and unpolymerized monomers; in these 

cases, the bilayers were not exposed to UV radiation. 

 

 2.2.8 Incorporation of rhodopsin into planar supported lipid bilayers 

 The solid supported lipid bilayers were formed as described in Section 2.2.6 with 

7 mg/mL of bis-SorbPC, bis-DenPC, bis-SorbPC:mono-SorbPC (1:1) and bis-

SorbPC:mono-SorbPE (1:1). Incorporation of rhodopsin into preformed solid supported 

lipid bilayers was carried out by introducing aliquots of  octylglucoside solubilized 

rhodopsin (1 mg/mL of  rhodopsin in 30 mM octylglucoside),  to ~ 1 µM total 

concentration,  into the aqueous compartment of the PWR cell filled with   1 mL of 

buffer. This results in the dilution of the detergent below the critical micelle 

concentration (25 mM) and spontaneous transfer of the protein from the detergent 

micelles into the lipid bilayers.[304] Rhodopsin incorporation was monitored by 

acquiring PWR spectra in real time until equilibrium was established.  
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2.2.9 Effect of octylglucoside on solid-supported lipid bilayers 

 It is likely that upon injection of octylglucoside solubilzed rhodospin into the 

PWR cell, some of the surfactant inserts into the supported lipid bilayer. To evaluate the 

contribution of octylglucoside incorporation into lipid bilayers, a 100 µL aliquot of  30 

mM octylglucoside was added to the aqueous compartment of the PWR cell filled with 

buffer. This aliquot of octylglucoside corresponds to the volume of the detergent added 

with rhodopsin, during the reconstitution step. 

 

2.2.10 Construction of isotherm for rhodopsin incorporation into lipid bilayers by  

PWR spectroscopy  

 To estimate a surface coverage of rhodopsin in the lipid bilayer at the 

concentration added (~ 1 µM), isotherms were constructed for rhodopsin incorporation 

into DOPC and bis-SorbPC supported bilayers. For this study supported lipid bilayers 

composed of these two lipids were prepared as described in section 2.2.6 and PWR 

resonance spectral shifts for  p-  polarization was measured as a function of increasing 

aliquots of detergent solubilized rhodopsin (1 mg/mL). PWR spectra were allowed to 

reach a steady state before adding each aliquot.  

 

2.2.11 Polymerization of rhodopsin incorporated lipid membranes 

Lipid bilayers of bis-SorbPC, bis-DenPC, bis-SorbPC:mono-SorbPC (1:1), bis-

SorbPC:mono-SorbPE (1:1) reconstituted with rhodopsin were UV polymerized by 

directing UV light from a mercury lamp through a port in the PWR cell for 45 minutes. A 
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band-pass filter (Hoya U-330 ± 80 nm) was used to remove visible light ( > 450 nm) that 

photoactivates rhodopsin. 

 

2.2.12 Illumination of proteo-lipid bilayers with yellow light 

Once the rhodopsin was incorporated into the lipid bilayers and the PWR spectra 

stabilized (i.e. a steady state condition was reached), the PWR cell was illuminated with 

yellow light (wavelength > 500 nm) from a 150 W tungsten-halogen light source 

equipped with a FY-32-52 yellow filter, using a fiber optic ( Fostec, Auburn,NY).  The 

PWR spectra were acquired after each exposure (5 seconds) until no further change was 

observed.  Usually after few exposures, the PWR spectra were stable and this shift 

corresponds to the formation of maximum amount of the meta II state of rhodopsin. 

Alves et al. confirmed that under these conditions rhodopsin is totally photoactivated and 

a meta I to meta II equilibrium is established by acquiring UV-visible absorption spectra 

on aliquots  withdrawn from the PWR cell after each exposure to yellow light. [288] 

 For photactivation of rhodopsin in polymerized bilayers, yellow light exposure 

was performed as above after UV polymerization of bilayers reconstituted with 

rhodopsin.  

 

2.2.13 Polymerization of lipid bilayers before incorporating rhodopsin 

Reconstitution and photoactivation of rhodopsin was also studied in poly (lipid) 

bilayers as follows. The solid supported lipid bilayers were formed as described in 

section 2.2.6 with  bis-SorbPC, bis-DenPC, bis-SorbPC:mono-SorbPC (1:1) and bis-
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SorbPC:mono-SorbPE (1:1). Bilayers were next polymerized by exposing to UV light 

through a bandpass filter as described in Section 2.2.11 for 45 minutes. After 

polymerization, bilayers were incorporated with rhodopsin by introducing aliquots of  

octylglucoside solubilized rhodopsin (1 mg/mL),  to ~ 1 µM  total concentration. Once 

again rhodopsin incorporation was monitored by acquiring PWR spectra until equilibrium 

was established.  

 

2.2.14 Investigation of non-specific adsorption of rhodopsin and its activity after 

adsorption on a bare prism by PWR spectroscopy 

PWR spectral shifts due to non-specific adsorption of rhodopsin on the prism 

surface at the concentration used for incorporation into lipid bilayers was monitored by 

injecting octylglucoside solubilized  rhodopsin to ~ 1 µM final concentration into the 

PWR cell filled with buffer containing a bare PWR prism. Rhodopsin adsorbed onto the 

prism surface was activated by yellow light as described in Section 2.2.12 once the PWR 

spectra reached a steady state. 
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2.3 Results and Discussion 

2.3.1 Effect of UV light on rhodopsin photoactivation 

Figure 2.10 illustrates the effect of exposing detergent solubilized rhodopsin to 

UV light from the pen lamp with and without the bandpass filter that blocks the light that 

photoactivates rhodopsin.  Figure 2.10A is the absorbance spectrum of rhodopsin before 

exposure to any light. Irradiation of this sample without the filter caused the 500 nm 

absorbance band to disappear and a second band at 380 nm to appear, changes that are 

characteristic of rhodopsin photolysis to yield the meta II intermediate state and all-trans-

retinal plus opsin (Figure 2.10C).[305] Illuminating the sample through the bandpass 

filter led to a small (<5%) reduction in the absorbance at 500 nm, demonstrating that the 

filter largely blocked photolysis of rhodopsin by the mercury lamp (Figure 2.10B). Thus 

for subsequent experiments the light from the UV pen lamp was filtered using this filter. 

 

2.3.2 Estimation of extent of polymerization 

 The conjugated diene in the dienoyl moiety of the monomeric lipids has an 

absorbance maximum near 260 nm.  Upon polymerization, this peak is reduced as the 

monomer is converted to a non-conjugated double bond product that adsorbs at 

approximately 205-210 nm.[306] The conversion of monomer to polymer thus can be 

followed by UV-Vis spectroscopy and the degree of conversion of monomer to the 

polymer can be calculated. Monomer absorbance decreased >95% for vesicles composed 

of bis-SorbPC in a period of 45 minutes (Figure 2.11). Similar behavior was observed for 

vesicles composed of  bis-DenPC, bis-SorbPC:monoSorbPC (1:1) and bis-SorbPC:mono-  
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Figure 2.10 Absorption spectra of rhodopsin ( 3.8 µM in 30 mM octylglucoside, 10 mM 

MES buffer, pH 5.5) acquired before (A) and after (B, C) exposure to light from a low 

pressure Hg pen lamp for 45 min.  In curve B, the lamp output was passed through a UG-

330 band pass filter prior to the sample, whereas in curve C, no filter was used. 
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Figure 2.11 Absorbance spectra of bis-SorbPC vesicles (lipid concentration = 7×10-5 M) 

acquired during photopolymerization in the PWR cell, which was filled with 10 mM 

phosphate buffer (pH 6).  The band at 258 nm decreased as a function of illumination 

time, accompanied by an increase in absorbance at wavelengths less than 220 nm.  Prior 

work has established that these spectral changes correspond to bis-SorbPC 

polymerization.[142, 307]  
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SorbPE (1:1) (Data not shown). Therefore an exposure time of 45 minutes was used for 

polymerization of the planar supported lipid bilayers of these polymerizable lipids  in the 

PWR cell.  

 

2.3.3 Formation of lipid bilayers on the prism surface 

As shown by curve 2 of Figures 2.18, 2.19, 2.20, 2.22, 2,23, 2.24, 2.25, 2.28, 2.29  

and Table 2.1, formation of a lipid bilayer on the silica surface leads to an increase in the 

resonance angle position, a shift  of ~100 mdeg for p- and ~80 mdeg for  s-polarized 

resonances relative to respective resonances for the buffer.  Moreover a decrease in the 

depth of the spectra for both polarizations was also observed relative to buffer spectra. 

The increase in the resonance angle can be ascribed to an increase in the refactive index 

and the thickness that results from deposition of lipid on the waveguiding surface.[288, 

299]  The decrease in the resonance depth is related to the formation of a thin film of 

lipid on the silica surface, which again is expected as a consequence of bilayer 

formation.[308] The spectral changes are also anisotropic due to the highly anisotropic 

optical properties of oriented lipid bilayers. Even though these spectra for bilayer 

formation were not fitted to theoretical spectra to generate values for thickness of the 

lipid bilayers, these spectral shifts are consistent with a lipid bilayer formation based on 

prior curve fitting. [295, 296, 299] 
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2.3.4 Stability of unpolymerized and polymerized planar supported lipid bilayers  in 

the presence of Triton X-100. 

 The mechanism of lysis of a lipid bilayer vesicle by a single-chain surfactant is 

thought to involve incorporation of the surfactant into the bilayer, followed by eventual 

detachment of mixed micelles composed of surfactant and lipid.[309-311]  

Polymerization of vesicles[156, 160, 169] as well as supported membranes[133] 

composed of polymerizable lipids is known to   increase their resistance to solubilization 

by surfactants. Thus bilayer stability to surfactant solubilization was used here as a 

strategy to assess if lipid polymerization has been achieved in the planar supported lipid 

bilayers (PSLB) formed on the prism surface.  

The stability of UV photopolymerized, planar supported bilayers of bis-DenPC, 

bis-SorbPC and 1:1 mixtures of bis-SorbPC:mono-SorbPC and bis-SorbPC:mono-

SorbPE to detergent solubilization was examined by using aliquots of the detergent 

TritonX-100.  For comparison, surfactant solubilization of unpolymerized supported lipid 

bilayers of these lipids as well as bilayers of DOPC was also examined.  Both  p- and s-

polarized shifts in the reflectance minima for these bilayers were plotted as a function of 

added equivalents  (mol/mol) of the detergent. Plots in Figures 2.12, 2.13, 2.14 and 2.15 

are representative of many trials of surfactant dissolution studies carried out with these 

different bilayers. 

Initial additions of surfactant caused the reflectance minima of both polarizations 

to shift to higher angles for DOPC and all the unpolymerized planar supported bilayer 

compositions studied (Figures 2.12, 2.13, 2.14), except for bilayers composed of bis-
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SorbPC:mono-SorbPE (1:1) (Figure 2.15). The shift to higher angles is likely due to 

insertion of Triton-X-100 molecules into the planar supported lipid bilayers, resulting in 

an increase in bilayer mass density. Meanwhile lack of noticeable shifts of the resonance 

minimum to higher angles with bis-SorbPC:mono-SorbPE (1:1) suggest that the 

surfactant insertion into these bilayers occurs to a lesser extent and the inserted surfactant 

does not change the mass density to a level that is detectable by PWR.  Subsequent Triton 

X-100 additions shifted the reflectance minima to lower angles for bilayers of all 

compositions (Figures 2.12, 2.13, 2.14, 2.15) corresponding to a decrease in mass 

density, which is attributed to dissolution of the planar supported lipid bilayer.  At high 

values of Triton X-100/lipid, the organic film on the SiO2 waveguide surface is probably 

composed almost entirely of adsorbed Triton X-100. 

 Very different behavior was observed for the polymerized bilayers. For UV 

polymerized bis-SorbPC (Figure 2.12) and the mixture of bis-SorbPC and mono-SorbPC 

(Figure 2.13), the initial increases in the reflectance minima were much smaller than 

those observed for the unpolymerized planar supported bilayers for both polarizations, 

which correspond to a lower degree of surfactant insertion into the poly(lipid) bilayers.  

At higher values of Triton X-100/lipid, gradual shifts in the reflectance minima to lower 

angles were observed.  However the magnitude of these shifts was significantly less than 

those observed for the unpolymerized supported bilayers.  These data thus show that UV 

polymerization produces poly(lipid) bilayers that are more stable to surfactant 

dissolution. Similar observations have been made for UV polymerized vesicles composed 

of these lipids.[160, 312]  
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Figure 2.12 Shifts in PWR reflectance minima for planar supported lipid bilayers(PSLB) 

composed of DOPC, unpolymerized bis-SorbPC, and polymerized bis-SorbPC, measured 

as a function of added equivalents of Triton X-100: (A) p-polarized shifts; (B) s-polarized 

shifts. 
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Figure 2.13 Shifts in PWR reflectance minima for PSLB composed of unpolymerized 

and polymerized bis-SorbPC:mono-SorbPC (1:1) measured as a function of added 

equivalents of Triton X-100: (A) p-polarized shifts; (B) s-polarized shifts. 
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Figure 2.14 Shifts in PWR reflectance minima for PSLBs composed of  unpolymerized 

and polymerized bis-DenPC measured as a function of added equivalents of Triton X-

100: (A) p-polarized shifts; (B) s-polarized shifts.  
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Figure 2.15 Shifts in PWR reflectance minima for PSLBs composed of  unpolymerized 

and polymerized bis-SorbPC:mono-SorbPE (1:1) measured as a function of added 

equivalents of Triton X-100: (A) p-polarized shifts; (B) s-polarized shifts. 
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 In contrast, even after UV polymerization bis-DenPC bilayers still showed a shift 

of the reflectance minima  to  higher   angles   for   both   polarizations    with    initial   

additions  of the   surfactant  (Figure 2.14), however the initial increases in the 

reflectance minima were smaller  than those observed for the unpolymerized planar  

supported bilayers. This once again suggests that polymerized bilayers can insert less 

surfactant than their unpolymerized counterparts prior to being solubilized by Triton X-

100. Subsequent additions of the surfactant led the resonance minima to shift rapidly to 

lower angles and by larger magnitudes than that for UV polymerized bis-SorbPC  and 

bis-SorbPC:monoSorb (1:1) bilayers. However the magnitude of the shift was still 

smaller than for the unpolymerized bis-DenPC bilayers.  This suggests that even though 

the polymerized bis-DenPC bilayers are less stable to Triton X-100 dissolution compared 

to bis-SorbPC or bis-SorbPC:mono-SorbPC (1:1), they are however more stable than 

unpolymerized bis-DenPC bilayers.  Once again these findings are consistent with 

surfactant solubilization studies of UV polymerized bis-DenPC vesicles.[169]  

The dissolution data for  UV polymerized bis-SorbPC:mono-SorbPE supported 

lipid bilayers (Figure 2.15) were more similar to the bis-DenPC data than the bis-SorbPC 

or bis-SorbPC:mono-SorbPC data.  The initial additions of surfactant gave rise to a small 

increase of the resonance minima to higher angles and with subsequent additions, a rapid 

drop of the resonance minima to lower angles was observed. Once again these bilayers 

were not as stable as bis-SorbPC or bis-SorbPC:mono-SorbPC mixed bilayers but were 

more stable to surfactant dissolution than unpolymerized bilayers of  bis-SorbPC mono-

SorbPE (1:1). 
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The enhanced stability of UV polymerized bis-SorbPC and bis-SorPC:mono-

SorbPC  toward surfactant dissolution compared to supported bilayers of other two 

compositions can be attributed to the formation of cross-linked polymeric networks with 

inter-leaflet crosslinking,  as a result of the polymerizable sorbyl groups being located 

near the chain termini of bis-SorbPC molecules.[160] Prior studies on solubilizaton of 

vesicles composed of bis-SorbPC and mono-SorbPC have shown that a substantial mole 

fraction (0.25-0.35) of  bis-SorbPC was necessary to form stable  crosslinked 

bilayers.[156, 160] Thus supported lipid bilayers with 0.5 mole fraction of bis-SorbPC 

used in this study should yield substantial crosslinking, making bis-SorbPC:mono-

SorbPC (1:1) bilayers stable towards surfactant dissolution. Meanwhile bis-DenPC can 

still form a crosslinked network upon polymerization due to the presence of 

polymerizable moieties on each tail, however inter-leaflet crosslinking is not possible as 

the polymerizable moieties are located closer to the head region. Thus poly(bis-DenPC) 

supported bilayers are stable when compared to unpolymerized counterparts but not 

stable relative to  poly(bis-sorbPC) or poly(bis-SorbPC:mono-SorbPC) supported 

bilayers. 

The cause of the lack of stability of poly(bis-SorbPC:mono-SorbPE) compared to 

poly(bis-SorbPC) and poly(bis-SorbPC:mono-SorbPC),  in spite of the monomers having  

polymerizable moieties at the chain termini that can produce  interleaflet crosslinking, is 

quite uncertain.  UV polymerization of vesicles or supported membranes composed of  

mixtures of PC and PE polymerizable lipids containing  has not been carried out prior to 

this study, thus their stability to surfactant has not been reported. However this behavior 
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could result if PC and PE lipids phase segregate upon polymerization. If this occurs 

polymerized PE islands would dissolve in surfactant more readily than polymerized PC 

domains 

In summary these data show that although Triton X-100 can insert into and 

structurally alter the poly(lipid) bilayers, the degree of disruption is certainly much less 

than which occurs with  unpolymerized planar supported lipid bilayers. Moreover these 

findings also establish that lipid bilayers are polymerized under the UV irradiation 

conditions used in this study. 

 

2.3.5 Incorporation of rhodopsin into the solid-supported lipid bilayers 

 As shown in curve 3 of Figures 2.18, 2.19, 2.20, 2.22, 2.23, 2.24, 2.25, 2.28, 2.29 

and Table 2.1, rhodopsin insertion into planar supported bilayers  clearly alters the 

angular positions of the p- and s-polarized resonances. Reconstitution of rhodopsin 

induces resonance angle shifts of ~70 (p) and ~50 (s) mdeg. These shifts are due to the 

increase in membrane refractive index and thickness that occurs upon rhodopsin 

insertion, which displaces water and forces redistribution of lipids into the Gibbs border 

surrounding the bilayer.[313, 314] Both planar supported lipid bilayer formation and 

rhodopsin reconstitution produce p-polarized shifts that are larger than the corresponding 

s-polarized shifts.  This difference likely reflects a uniaxial distribution of molecular 

orientations for both lipids and rhodopsin about the membrane surface normal. It should 

be noted, however, that the direction of insertion is not unambiguously indicated by these 

results.  
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Figure 2.16 PWR spectral changes that occur following addition of an aliquot of 

octylglucoside equivalent to the volume that is added during incorporation of rhodopsin. 

Curves 1 and 2 correspond to the spectra before and after addition of octylglucoside for  

(A) p- polarization and (B) s-polarization 

(A) 

(B) 

1 2 
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2.3.6 Effect from octylgluocoside on the PWR spectra of solid-supported lipid 

bilayers 

 Figure 2.16 shows that addition of an aliquot of octylglucoside equivalent to the 

volume that is added during reconstituion of rhodopsin brings about 10(±2) mdeg and 9 

(±2) mdeg shifts for p- and s- polarized light respectively.  Thus addition of 

octylglucoside alone does not cause   appreciable spectral changes compared to the shifts  

observed   for   reconstitution   of   rhodopsin   into   the   bilayers. Thus, the shifts 

observed due to rhodopsin incorporation are mainly due to the increase in membrane 

refractive index and thickness that occurs upon rhodopsin insertion.  

 

2.3.7 Construction of an isotherm for rhodopsin incorporation into lipid bilayers by 

PWR spectroscopy  

PWR resonance spectral shifts for p-polarization produced upon addition of 

increasing aliquots of detergent solubilized rhodopsin into the aqueous compartment of 

the PWR cell containing a DOPC bilayer is shown in Figure 2.17. In this plot the x-axis 

represents the total rhodopsin concentration in the cell.  Addition of aliquots of rhodopsin 

caused progressive shifts in the resonance minimum to higher angles for both 

polarizations, corresponding to an increase in the refractive index and thickness resulting 

from insertion of more and more rhodopsin and the accompanying loss of water and 

bilayer rearrangement.  However before reaching saturation, the resonance angle shifts to 

lower angles after reaching a total rhodopsin concentration  of ~ 2.1 µM. This behavior 

most likely resulted from solubilization of the bilayer by octylgluocoside.  This  plot  is   
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Figure 2.17 p-polarized PWR isotherm for incorporation of rhodopsin into a DOPC 

bilayer. Isotherms were obtained by plotting the shifts in the resonance minimum caused 

by incremental additions of 1 mg/mL rhodopsin.  The arrow indicates the concentration 

(1.2 µM) of rhodopsin added in reconstitution experiments described in Section 2.2.8. 
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representative   of   many   experimental   trials.  Performing   the   same  experiment  

with   bis-SorbPC bilayers gave very similar plots (data not shown).  By considering the 

concentration corresponding to the maximum shift in all these plots as the maximum 

coverage of rhodopsin, a rhodopsin coverage of  57±6% could be estimated for the 

rhodospin concentration used for the reconstitution experiments used in this work(~ 1.2 

µM) . However this number should be smaller than this estimated value as it has been 

calculated before reaching a palteu in the isotherm. 

 

2.3.8 Polymerization of  lipid membranes with incorporated rhodopsin 

UV polymerization of bis-SorbPC, bis-DenPC, bis-SorbPC:mono-SorbPC (1:1), 

bis-SorbPC:mono-SorbPE (1:1) reconstituted with rhodopsin induced small shifts in the 

resonance minimum (~2-4 mdeg)  for p- and s- polarizations (Figures 2.20, 2.23, 2.25, 

2.29 and Table 2.1). This indicates crosslinking polymerization minimally alters the 

membrane optical properties.  

 

2.3.9 PWR spectral changes induced by light for supported lipid bilayers  

incorporated  with rhodopsin 

The following section discuss the PWR spectral changes associated with the 

photoactivation of rhodopsin reconstituted  into DOPC and the polymerizable lipids bis-

SorbPC, bis-SorbPC:mono-SorbPC, bis-DenPC, bis-SorbPC:mono-SorbPE bilayers 

before and after polymerization. For polymerized lipid bilayers UV polymerization was 

carried out after reconstitution of rhodopsin.   
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2.3.9.1 Light induced spectral changes for rhodopsin in DOPC bilayers 

Typical PWR resonance spectra for p- and s- polarizations obtained after 

exposure of rhodopsin in a DOPC bilayer to yellow light are shown as spectra 4 in Figure 

2.18.  The spectral changes observed in this step are also summarized in Table 2.1. 

Photoactivation of rhodospin was observed as positive resonance angle shifts (~ 13 mdeg 

for p- and 8 mdeg for s-). Similar results have also been reported for rhodopsin 

photoactivation in DOPC bilayers by Alves et al.[288]  Illuminating rhodopsin in the 

bilayer with yellow light causes isomerization of the retinal chromophore, initiating the 

thermal  decay  discussed  in section 2.1.1 leading to  a meta stable  equilibrium  between  

MI and MII intermediates. The conformational change accompanying the MI to MII 

transition alters the mass distribution of the proteolipid membrane, which is reflected as a 

shift in the resonance angle to larger values. 

As substantiated previously in comparative studies of yellow light activation of 

rhodopsin, the magnitude of the conformational change detected by PWR parallels the 

extent of MII formation monitored by flash photolysis which directly probes MII[288]; 

thus PWR provides a quantitative measure of rhodopsin photoactivity in lipid bilayers. 
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Figure 2.18  p- and s- polarized PWR spectra acquired at each stage of an experiment 

with a DOPC bilayer.  Spectrum obtained with only buffer in the PWR cell (1), after 

DOPC PSLB formation (2),  after rhodopsin incorporation (3), and after yellow light 

activation of rhodopsin (4)  at pH 5.5 and 25 ±1o C. (A) p- polarized  (B) s-polarized 
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Figure 2.19 p- and s- polarized PWR spectra acquired at each stage of an experiment 

with a bis-SorbPC bilayer.  Spectrum obtained with only buffer in the PWR cell (1), after 

bis-SorbPC PSLB formation (2),  after rhodopsin incorporation (3), and after yellow light 

activation of rhodopsin (4)  at pH 5.5 and 25 ±1 oC. (A) p-polarized  (B) s-polarized 
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Figure 2.20 p- and s- polarized PWR spectra acquired at each stage of an experiment 

with  a poly(bis-SorbPC) bilayer.  Spectrum obtained with only buffer in the PWR cell 

(1), after bis-SorbPC PSLB formation (2), after rhodopsin incorporation (3), after UV 

polymerization (4) and after yellow light activation of rhodopsin (5) at pH 5.5 and 25±1 o 

C. (A) p-polarized  (B) s-polarized 
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Figure 2.21 Schematic diagram showing the different stages of the reconstitution and 

photoactivation of rhodopsin in unpolymerized (A) and UV polymerized (B)  bis-SorbPC 

bilayers.  Upon polymerization rhodopsin can still undergo photoactivation to the same 

extent as in unpolymerized bis-SorbPC  and DOPC bilayers. 
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2.3.9.2 Light induced spectral changes for rhodopsin in bis-SorbPC bilayers 

 Representative PWR spectra following yellow light activation of rhodopsin in 

unpolymerized and UV polymerized bis-SorbPC bilayers are shown as spectra 4 in 

Figure 2.19 and spectrum 5 in Figure 2.20 respectively. The magnitudes of the shifts 

observed for the   two   bilayers were very   similar   (~ 12 mdeg in both polarizations, 

see also Table 2.1) and were equivalent to those measured for yellow light activation of 

rhodopsin in DOPC bilayers. This comparison indicates that rhodopsin photoactivity is 

unaffected by lipid polymerization. UV irradiation of bis-SorbPC lipids produces cross-

linked oligomers, with a number-average degree of polymerization (Xn) of 3-10.[160]  

This relatively low Xn is sufficient to stabilize the membrane to conditions  that would 

destroy a fluid lipid bilayer (see section 2.2.4), yet the cross-linked poly(lipid) clearly 

retains sufficient flexibility to accommodate the conformational change(s) accompanying 

activation of  reconstituted rhodopsin (Figure 2.21)  to a similar extent relative to 

unpolymerized bis-SorbPC and DOPC bilayers. 

 

2.3.9.3 Light induced spectral changes for rhodopsin in bis-SorbPC:mono SorbPC 

(1:1) bilayers 

The PWR spectral shifts produced upon illuminating unpolymerized and UV 

polymerized  bis-SorbPC:mono-SorbPC (1:1) bilayer reconstituted with rhodopsin were 

equivalent (spectra 4 in Figure 2.22 and spectra 5 in Figure 2.23)  for p- and s- 

polarizations. These shifts were also equivalent to those observed for  unpolymerized and 

polymerized bis-SorbPC bilayers.  Prior studies of vesicles composed of mixtures of 
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Figure 2.22 p- and s- polarized PWR spectra acquired at each stage of an experiment 

with  an unpolymerized bis-SorbPC:mono-SorbPC (1:1) bilayer.  Spectrum obtained with 

only buffer in the PWR cell (1), after  PSLB formation (2), after rhodopsin incorporation 

(3) and after yellow light activation of rhodopsin (4) at pH 5.5 and 25±1o C. (A) p-

polarized  (B) s-polarized 
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Figure 2.23 p- and s- polarized PWR spectra acquired at each stage of an experiment 

with a poly(bis-SorbPC:mono-SorbPC) bilayer.  Spectrum obtained with only buffer in 

the PWR cell (1), after  PSLB formation (2), after rhodopsin incorporation (3), after UV 

polymerization (4) and after yellow light activation of rhodopsin (5) at pH 5.5 and 25±1 o 
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bis-SorbPC and mono-SorbPC  showed that  the  mole fraction   of   bis-SorbPC must be 

≥ 0.3 to produce cross-linked vesicles.[45, 160]  Extending this finding to the supported 

bilayers composed of 1:1  bis:SorbPC:mono-SorbPC  used in this work suggests that the 

bilayers formed are cross-linked.  Cross-linking  in  the  bilayer  is  also  evident  from 

the resistance to surfactant solubilization after polymerization (Figure 2.13). However  

when  compared  to  polymerized  bis-SorbPC bilayers, the cross-linking density must be 

less due to a bis-SorbPC mole fraction of only 0.5. Since the shifts after photo-activation 

are similar in poly(bis-SorbPC:mono-SorbPC) and  poly(bis-SorbPC), the  flexibility of 

the polymerized bilayer appears to be  sufficient  for the  meta I to meta II transition, 

irrespective of the cross-linking density.  

  

2.3.9.4 Light induced spectral changes for rhodopsin in bis-DenPC bilayers 

PWR spectra for p- and s- polarized light after exposing rhodopsin in 

unpolymerized bis-DenPC bilayers to yellow light are presented as spectra 4 in Figure 

2.24 (see also table 2.1). The resonance spectral shifts observed were 8 mdeg (p-pol) and 

5 mdeg (s-pol), which are some what smaller than the shifts observed with DOPC and 

unpolymerized bis-SorbPC and bis-SorbPC:mono-SorbPC (1:1) bilayers. This 

discrepancy can be hypothesized to result from a shorter apparent chain length in the bis-

DenPC lipid. The presence of an ordered dienoyl moiety closer to the glycerol back bone 

(i.e. near the lipid head group; Figure 2.26) could make the hydrophobic portion of the 

chain length shorter (i.e less than 18 carbons). As discussed in section 2.1 the influence of 

the acyl chain thickness on rhodopsin photoactivation indicates that the chain length  



 

 

135

          

0

0.1

0.2

0.3

0.4

0.5

0.6

0.7

0.8

0.9

62.95 63.15 63.35 63.55 63.75
Angle(deg)

R
ef

le
ct

an
ce

 

          

0.4

0.5

0.6

0.7

0.8

0.9

1

67 67.1 67.2 67.3 67.4
Angle(deg)

R
ef

le
ct

an
ce

 

Figure 2.24 p- and s- polarized PWR spectra acquired at each stage of an experiment 

with  an unpolymerized bis-DenPC bilayer.  Spectrum obtained with only buffer in the 

PWR cell (1), after  PSLB formation (2), after rhodopsin incorporation (3) and after 

yellow light activation of rhodopsin (4) at pH 5.5 and 25±1o C. (A) p-polarized  (B) s-

polarized 
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Figure 2.25 p- and s- polarized PWR spectra acquired at each stage of an experiment 

with a poly(bis-DenPC).  Spectrum obtained with only buffer in the PWR cell (1), after  

PSLB formation (2), after rhodopsin incorporation (3), after UV polymerization (4) and 

after yellow light activation of rhodopsin (5) at pH 5.5 and 25±1o C. (A) p-polarized  (B) 

s- polarized 
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Figure 2.26 bis-DenPC with the polymerizable dienoyl moities near the head region.  

 

(A) 

 

(B) 

 

 

Figure 2.27  Schematic diagram showing the different stages of the reconstitution and 

photoactivation of rhodopsin in unpolymerized (A) and UV polymerized (B)  bis-DenPC 

bilayers.  Upon polymerization rhodopsin cannot undergo photoactivation to the same 

extent as in unpolymerized bis-DenPC bilayers. 
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should be matched to the hydrophobic thickness of rhodopsin in the meta II state. 

Moreover a minimum thickness of about 18 acyl chain carbons is estimated for 

appreciable formation of meta II.[204]  Therefore a shorter length of the hydrophobic 

portion of the acyl chains in bis-DenPC lipids could favor meta I over meta II, leading to 

smaller shifts corresponding to the meta I to meta II transition. 

Yellow light activation of rhodopsin in UV polymerized bis-DenPC bilayers gave 

rise to even smaller shifts (~2 mdeg for both polarizations, spectra 5 in Figure 2.25 and 

Table 2.1). Tyminski et al.[287] also reported that UV polymerization of  rhodopsin 

reconstituted into bis-DenPC vesicles led to loss of rhodopsin photoactivation. The exact 

reason for this behavior is quite uncertain but it appears that making two polymer 

network, one in each leaflet near the more ordered head region (Figure 2.26) could create  

a more rigid polymer that does not have  sufficient flexibility  required for the mass 

redistribution of the proteolipid membrane to favor meta II formation .    
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Figure 2.28 p- and s- polarized PWR spectra acquired at each stage of an experiment 

with an unpolymerized bis-SorbPC:mono-SorbPE (1:1) bilayer.  Spectrum obtained with 

only buffer in the PWR cell (1), after  PSLB formation (2), after rhodopsin incorporation 

(3) and after yellow light activation of rhodopsin (4) at pH 5.5 and 25±1o C. (A) p-

polarized  (B) s-polarized 
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Figure 2.29 p- and s- polarized PWR spectra acquired at each stage of an experiment 

with a poly(bis-SorbPC:mono-SorbPE).  Spectrum obtained with only buffer in the PWR 

cell (1), after  PSLB formation (2), after rhodopsin incorporation (3), after UV 

polymerization (4) and after yellow light activation of rhodopsin (5) at pH 5.5 and 25±1o 

C. (A) p- polarized  (B) s-polarized 
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2.3.9.5 Light induced spectral changes for rhodopsin in bis-SorbPC:mono-SorbPE 

(1:1) bilayers 

 Spectra 4 of Figure 2.28 depicts PWR spectral changes produced by yellow light 

photoactivation of rhodopsin in an unpolymerized bis-SorbPC:mono-SorbPE (1:1) 

bilayer.  The spectral shifts produced were larger (~23 mdeg for p- and 15 mdeg for s-) 

than those observed for all the bilayers discussed above (see Table 2.1). Moreover these 

shifts are similar to those produced by yellow light activation of rhodopsin in 

DOPC:DOPE (1:1) bilayers reported by Alves and co-workers.[288] These large shifts 

can be attributed to a greater extent of reorganization of the proteolipid membrane as a 

result of   shifting the meta I to meta II equilibrium to favor meta II formation.  Meta II 

formation is favored in PC/PE mixed  membranes  due to the spontaneous curvature of 

the membrane lipids being matched to the lipid/protein interface in the meta II state, as 

discussed in Section 2.1.3.  

After UV polymerization photoactivation of rhodopsin in bis-SorbPC:mono-

SorbPE  bilayers showed smaller shifts than their unpolymerized counterparts (Curve 5 of 

Figure 2.29).  Moreover these shifts were comparable to the shifts observed for 

photoactivaiton of rhodopsin in UV polymerized bis-SorbPC and bis-SorbPC:mono-

SorbPC (1:1) bilayers. This indicates that after polymerization, the membrane retains 

some flexibility that is presumably sufficient to photoactivate rhodopsin, but only to a 

similar degree as poly(bis-SorbPC) and poly(bis-SorbPC:mono-SorbPC) (1:1).  However 

when compared to unpolymerized bis-SorbPC:mono-SorbPE (1:1) membranes, clearly 

polymerization causes considerable loss of rhodopsin photoactivation. 
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Table 2.1 PWR spectral shifts (p-, s-; in mdeg) due to PSLB formation, rhodopsin 

incorporation, PSLB polymerization, and yellow light activation for different types of 

lipids. PSLBs were polymerized after reconstitution of rhodopsin.  

 

    + PSLB-Formation of planar supported lipid bilayer 
  + Rho-Rhodopsin incorporation 

    + UV-UV polymerization  
                          + YL-Yellow light activation 

  Blanks in +UV corresponds to PSLB that were not exposed to UV light 
  p- and s- corresponds to p and s polarizations 
 
 

 

 

 
Lipid membrane  
composition 

 
+PSLB 
(p-, s-) 

 
+Rho 
(p-, s-) 

 
+UV 

(p-, s-) 

 
+YL 

(p-, s-) 
 

DOPC 113 (±4 ) 
78 (± 3) 

71(±2) 
51(±2) 

 13(±2) 
8(±2) 

bis-SorbPC 116 (±3) 
80(±3) 

70(±2) 
52(±2) 

 11(±1) 
11(±2) 

poly(bis-SorbPC) 113(±4 ) 
77(±3 ) 

70(±3) 
51(±2 ) 

4(±1) 
3(± 1) 

13(±1) 
12(±2) 

bis-SorbPC:mono-SorbPC (1:1) 110(±2) 
80(±3) 

69(±2) 
48(±2) 

 10(±1) 
10(±1) 

poly(bis-SorbPC:mono-SorbPC) (1:1) 105(±4) 
81(±2) 

73(±2) 
48(±3) 

4(±1) 
4(±1) 

11(±1) 
10(±2) 

bis-DenPC 
 

112(±4) 
83(±3) 

71(±2) 
50(±3) 

 8(±1) 
5(±1) 

poly(bis-DenPC) 
 

106(±4) 
79(±2) 

69(±1) 
46(±2) 

4(±1) 
4(±1) 

2(±1) 
2(±1) 

bis-SorbPC:mono-SorbPE (1:1) 
 

104(±2) 
78(±2) 

70(±2) 
51(±3) 

 23((±2) 
15(±2) 

poly(bis-SorbPC:mono-SorbPE) (1:1) 
 

107(±3) 
79(±2) 

72(±3) 
51(±3) 

3(±1) 
4(±1) 

10(±2) 
9(±1) 
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2.3.10 Polymerization of lipid bilayers before incorporating rhodopsin 

Experiments were conducted to determine if photoactive rhodopsin could be 

reconstituted into a bilayer after lipid polymerization. Shifts corresponding to each step in 

rhodopsin reconstitution into polymerized bilayers of bis-SorbPC, bis-SorbPC:mono-

SorbPC, bis-DenPC and bis-SorbPC:mono-SorbPE are summarized in Table 2.2.  Shifts 

for bilayer formation and UV polymerization  of these bilayers were consistent with 

previously discussed values.  Rhodopsin incorporation into bis-SorbPC and bis-

SorbPC:mono-SorbPC (1:1) bilayers gave rise to smaller shifts than bilayers that were 

reconstituted with rhodopsin before polymerization (see Table 2.1).   The smaller 

resonance angle shifts show that although rhodopsin does interact with the poly(bis-

SorbPC) and poly(bis-SorbPC:mono-SorbPC) bilayers, less protein is incorporated 

relative to an unpolymerized bis-SorbPC bilayer. The shifts induced by yellow light 

activation are also smaller. This could result if polymerization hinders the correct 

insertion of the protein into the bilayer. Moreover incorrectly inserted or adsorbed 

rhodopsin may be inactive due to steric hindrance and/or conformational changes in the 

protein.  

On the other hand (poly)bis-DenPC showed similar shifts after rhodopsin 

incorporation and yellow light activation as compared to  bis-DenPC  bilayers that were 

polymerized after protein insertion. This indicates that polymerization of  bis-DenPC  

either before or after rhodopsin insertion approach does not yield photoactive protein. 

Furthermore Tyminski et al.[287] also reported that rhodopsin photoactivaiton was 
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unsuccessful when rhodopsin was incorporated after polymerization of vesicles 

composed of this lipid.  

For poly(bis-SorbPC:mono-SorbPE), the shifts after rhodopsin incorporation of 

rhodopsin were larger than unpolymerized bilayers.  Moreover upon yellow light 

activation negative shifts were observed.  These data suggest that rhodopsin interacts 

with the bilayer more than the unpolymerized bilayer but rhodopsin is not in a favorable 

environment to undergo meta I to metal II transition upon yellow light activation. 

 

2.3.11 Investigation of non-specific adsorption of rhodopsin and its activity after 

adsorption on a bare prism by PWR spectroscopy 

To determine if the spectral shifts caused by rhodopsin photoactivation in 

supported lipid bilayers of polymerizable lipids are from non-specifically adsorbed 

protein on the prism surface, octylglucoside solubilized rhodopsin (~1 µM final protein 

concentration) was injected into the PWR cell filled with buffer and containing a bare 

PWR prism. Non-specific adsorption of rhodopsin on the prism surface led to large shifts 

in both polarizations (495± 10 mdeg for p- and 84 ±7 for s-polarization) due to changes 

in the optical thickness of the adsorbed protein layer. The anisotropy in the p- and s- 

polarizations were also different from  rhodopsin incorporation into lipid bilayers (i.e ~70 

for p- and ~50 mdeg for s- ; see Table 2.1)  Yellow light activation of the non-specifically 

adsorbed protein gave rise to shifts of -4 and -6 for p- and s- polarization, respectively.  

Thus despite the large amount of rhodopsin adsorption, the shifts due to yellow light 

activation was minimal. This may be due to denaturing of the protein and hindering the 



 

 

145

Table 2.2 PWR spectral shifts (p-, s-; in mdeg) due to PSLB formation, Rho 

incorporation, PSLB polymerization, and yellow light activation for different types of 

lipids. PSLBs were polymerized before incorporation of rhodopsin. 

 
 
Lipid membrane  
composition 

 
+PSLB 
(p, s) 

 
+Rho 
(p, s) 

 
+UV 
(p, s) 

 
+YL 
(p, s) 

 
poly(bis-SorbPC) 117(±4) 

82(±3) 
64(±4) 
22(±4) 

4(±2) 
3(±1) 

7(±2) 
6(±2) 

poly(bis-SorbPC:mono-SorbPC) (1:1) 110(±2) 
80(±3) 

71(±2) 
26(±2) 

4(±1) 
3(±1) 

8(±2) 
4(±1) 

poly(bis-DenPC) 
 

107(±4) 
81(±2) 

64(±3) 
46(±3) 

4(±1) 
4(±1) 

2(±1) 
2(±2) 

poly(bis-SorbPC:mono-SorbPE) (1:1) 
 

107(±3) 
79(±4) 

90(±5) 
61(±3) 

3(±1) 
4(±1) 

-3(±1) 
-4(±2) 

 

                          + PSLB-Formation of planar supported lipid bilayer, 
  + Rho-Rhodopsin incorporation 

    + UV-UV polymerization,  
                          + YL-Yellow light activation 

  p- and s- corresponds to p and s polarizations 
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Figure 2.30  p- and s-polarized PWR spectra acquired after  injection of ~ 1 µM solution 

of detergent solubilized rhodopsin into the PWR cell filled with buffer followed by 

yellow light activation.  Spectrum obtained with only buffer in the PWR cell (1),  after 

injection of detergent solubilized rhodopsin onto a bare prism  (2) and after yellow light 

activation of rhodopsin (3) at pH 5.5 and 25±1 oC. (A) p-polarized  (B) s-polarized 
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conformational change accompanying the meta I to meta II transition.  Based on these 

results it is evident that positive shifts due to incorporation of rhodopsin into supported 

lipid bilayers (Table 2.1) result mainly by from vectorially inserted protein and non-

specific adsorption is minimal if present. 

This finding also suggest that even if the shifts corresponding to rhodopsin 

incorporation into lipid bilayers have a contribution from non-specific adsorption of the 

protein, it is negligible and moreover the non-specifically adsorbed protein does not 

contribute to the positive shifts observed for yellow light activation. 

 

2.4 Conclusions 

Transmembrane proteins play crucial roles in transport and cellular signal 

transduction and therefore are important pharmacological targets.  Due to the advent of 

combinatorial methods, large libraries of candidates can be generated, but rapid screening 

is a challenging task. With the goal of developing biosensors and biochips, 

transmembrane proteins have been reconstituted into planar lipid membranes which 

provide a biocompatible environment. One possible strategy to address the inherent 

instability of the fluid membrane in this architecture is to use synthetic lipid monomers 

that can be polymerized to form robust bilayers. A key question is how polymerization 

affects transmembrane protein structure and activity. This chapter demonstrates the effect 

of lipid polymerization on the photoactivation of rhodopsin, a G-protein coupled 

receptor, reconstituted into a planar supported lipid bilayer composed of polymerizable 
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lipids, bis-SorbPC, bis-SorbPC:mono-SorbPC (1:1), bis-DenPC and bis-SorbPC:mono-

SorbPE (1:1) using PWR spectroscopy. 

 Supported membranes prepared from these lipids on the silica surface of the 

prism gave rise to  p- and s-polarized spectral shifts that were consistent with formation 

of a single lipid bilayer. Lipid bilayers were polymerized by UV irradiation and under 

these conditions at least ≈95% of lipid was polymerized. Surfactant dissolution of 

polymerized supported bilayers of these lipids showed enhanced stability over the 

unpolymerized analogues, indicating the bilayers were polymerized under these 

conditions.  

Protein reconstituted polymerized bilayers were prepared by incorporating 

rhodopsin into supported lipid membranes followed by UV photopolymerization.  

Photoacitvation of rhodopsin in these bilayers showed an interesting behavior.  In both 

poly(bis-SorbPC) and poly(bis-SorbPC:mono-SorbPC),  photoactivation occurred to the 

same extent as in unpolymerized bilayers, indicating that polymerization does not affect  

photoactivity. A possible explanation is that these poly(lipid) bilayers  with relatively low 

Xn (~3-10) retain sufficient elasticity to accommodate the membrane deformation that 

accompanies the conformational change associated with rhodopsin activation. Moreover     

in the mixed bilayers, the crosslinking density is less because the bis-SorbPC mole 

fraction is only 0.5. Despite this, shifts after photoactivation were similar in poly(bis-

SorbPC:mono-SorbPC) and  poly(bis-SorbPC), indicating  that flexibility of the 

polymerized bilayer is sufficient  for   meta I to meta II transition, irrespective of the 

crosslinking density. 
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On the other hand, poly(bis-DenPC) did not show photoactivation to the same 

degree as unpolymerized bilayers of bis-DenPC.  This may result from formation of 

polymeric networks near the more ordered head regions, which could produce a 

membrane that does not have sufficient flexibility for the membrane rearrangement to 

favor meta II formation.   A similar behavior was observed for photoactivation of 

rhodopsin in poly(bis-SorbPC:mono-SorbPE) bilayers. After polymerization the shifts 

resulting from rhodopsin activation was smaller than prior to polymerization, and these 

shifts were comparable to those observed for poly(bis-SorbPC) and poly(bis-

SorbPC:mono-SorbPC) bilayers. Unpolymerized PC/PE mixtures favor meta II formation 

because the spontaneous curvature of the membrane lipids is well matched to the 

lipid/protein interface in the meta II state.  However polymerization seems to cause 

considerable loss of rhodopsin photoactivaiton. The membrane seems to retain some 

flexibility which is seemed to be sufficient  to photoactivate rhodopsin to a similar degree 

as poly(bis-SorbPC) and poly(bis-SorbPC:mono-SorbPC (1:1). 

Finally bilayers that were polymerized before incorporation of rhodopsin showed 

that protein could still interact with the bilayer. However the shifts induced by yellow 

light activation were smaller than for unpolymerized and polymerized bilayers that were 

reconstituted with rhodopsin before UV irradiation.   This could occur if polymerization 

hinders the correct insertion of the protein into the bilayer. Moreover incorrectly inserted 

or adsorbed protein could be inactive due to steric hindrance and/or conformational 

changes in the protein. 

 



 

 

150

CHAPTER 3. 

CHARACTERIZATION AND STABILIZATION OF BIS-SORBPC 

AND BIS-DENPC GIANT VESICLES 

3.1 Introduction 

          Vesicles are supramolecular assemblies of amphiphiles that usually possess two 

hydrophobic tails and a hydrophilic head group such as lipids. These supramolecular 

assemblies are in the form of closed membrane pouches of spherical shape, with a lipid 

bilayer separating an aqueous interior from the bulk water in which they are suspended.  

Under certain conditions, lipids can self assemble into giant vesicles with the size of cells 

or even larger (Figure 3.1A). Typically the sizes of these giant vesicles are in the range of 

10-200 µm usually corresponding to 8 x 10 8 – 8 x 10 10 lipids per vesicle.[315]  The most 

obvious advantage of giant vesicles with respect to conventional small (30-50 nm) and 

large (100-200 nm) vesicles (Figure 3.1B) is that they can be observed by optical 

microscopy methods (bright field, phase contrast, differential interference contrast, 

Hoffman contrast, fluorescence) which permits manipulation of individual vesicles and 

observation of their dynamic processes in real time.  Even though  conventional vesicles  

have commanded enormous attention in the past for variety of membrane-based 

studies[50, 316, 317], these possess a much higher curvature than cell membranes. Since 

the curvature affects the lipid packing, giant vesicles may be better models for cell 

membranes and therefore, biological cells than the conventional liposomes.  
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Figure 3.1A  Phase contrast micrograph of a giant phospholipid vesicle.  Bar =25 µm  

 

 

 

 

                                 

 

Figure 3.1B TEM image of Egg PC vesicle suspension containing small and large 

vesicles. Taken from reference [318] with permission. 
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          Furthermore giant vesicles show considerable stability; once formed they remain 

stable for many days. These vesicles are also characterized by superior mechanical 

stability as they can be punctured with needles, injected with molecules, and manipulated   

without destroying or transforming the vesicle structure.   

          Giant vesicles can be prepared by several different methods.  One of the initial 

preparation methods[315] was described by Reves and Dowben[319], involves depositing 

a thin film of lipid from a chloroform: methanol mixture (1:2). After drying the organic 

solvent, the film is hydrated without agitation or shaking.  This method usually produces 

in a heterogeneous dispersion of structures with a large population of multilamellar 

vesicles along with fibers and lipid clumps.[320-322] Electroformation, invented by 

Angelova and Dimitrov and later modified by several authors, is another frequently used 

approach to make giant vesicles.[323-325]  In this case,  dried films of about 10-50 lipid 

bilayers on glass are hydrated in an alternating electric field, typically 10 Hz at 0.3-4 V, 

depending on the particular system. The exact mechanism of giant vesicle formation by 

this method has not been fully established but the electric field seems to affect the 

swelling of the lipid probably due to electro-osmotic vibrations of the medium.  This 

method is claimed to produce unilamellar vesicles in high yield.  A novel rapid approach 

to make giant unilamellar vesicles in high yield was introduced by Moscho and 

coworkers.[63] The organic solvent of a lipid suspended in water/chloroform/methanol is 

evaporated under reduced pressure. Other less frequently used methods to prepare giant 

vesicles involve freeze thawing and dehydration and rehydration of small unilamellar 

vesicles.[326]  The lamellarity of giant vesicles is usually tested by confocal  laser 
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scanning microscopy[327] and/or by electron microscopy.[63, 328] However the 

difference between one bilayer and few bilayers is not distinguishable by these methods. 

A more reliable method involves symmetrically labeling the vesicles with an NBD-PC 

lipid analogue, preferably a head group labeled lipid.[329] Treating with sodium 

dithionite will convert the fluorescent lipid to a non-fluorescent molecule by an 

irreversible reaction. This will drop the fluorescence from its initial value by 

approximately 50% if the vesicles were unilamellar because dithionite is membrane 

impermeable and this will react only with lipids in the outer leaflet.  This method 

therefore can be used to measure the distribution of lipids in the inner vs. outer leaflets of  

membranes.  

          In a variety of reports during the last 30 years or so, various applications of giant 

vesicles prepared from naturally occurring lipids as well as from synthetic lipids have 

been described. Many reviews[330-333] published in the past provide detailed accounts 

of these applications and in the following sections the wide spectrum of these 

applications  will be briefly reviewed. 

          Giant vesicles have been used to study  intrinsic membrane properties by utilizing 

the micropipette technique, initiated by Rand and Burton[334] and later perfected by 

Evans and Houchmuth.[335] In this technique, a vesicle is grasped and partially drawn 

into a specially designed glass micropipette at controlled pressures with the aid of an 

attached manometer. Correlating the geometry of the deformed vesicle with the measured 

aspiration pressure allows  calculation of membrane properties such as bending elasticity 

and surface rigidity, as well as variations in these parameters due to mechanical, thermal, 
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chemical and biochemical perturbations.[336-340] Additionally the micropipette 

approach can be used to assess surface-surface interactions[341-343] and  adhesion free 

energies between vesicles in contact.[344]   

          Glass micropipettes have also been used to introduce reagents next to or into giant 

vesicles. This permits injection of extremely small volumes, as little as a few hundred 

femtoliters of solutions of salts, detergents, polymers, enzymes, etc.  These agents can 

induce morphological or surface changes that can provide useful insights into certain 

aspects of physical and chemical properties of lipid membranes. Injecting reactants into 

giant vesicles also permits their use as microreactors. A variety of biomolecules including 

macromolecules such as nucleic acids and proteins have been entrapped by this approach 

and reactions occurring in these compartments can be monitored by microscopic 

methods. Increasing the complexity of these vesicles by microinjecting a sufficient 

number of biomolecules capable of expressing some basic functions of a living cell could 

provide the means of creating “artificial cells”.[345] 

          Giant unilamellar vesicles have been employed in electrophysiological studies of 

reconstituted ion channel proteins by patch clamping glass micropipettes onto 

vesicles.[346]  This not only provides a simple means of accessing the protein and 

investigating factors affecting the channel opening and closure when compared to intact 

cells but also provides a unique opportunity to undertake simultaneous biochemical, 

morphological and electrophysiological studies of incorporated ion channel proteins. 
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                 Giant vesicles exhibit a collection of phenomena similar to those observed 

with the membranes of living cells.[331, 348, 349] These cytomimetic processes include 

fission, fusion, budding, endocytosis and aggregation. A great deal of effort has gone into 

classifying these cytomimetic transformations and where possible to define their 

molecular basis. Moreover  microscopic studies of giant vesicles have provided valuable 

insights into lateral ordering and domain formation in lipid mixtures[350-353] as well as 

the sensitivity of these domains to changes in physical parameters such as temperature 

and pressure.[354, 355]  

          Due to the ease of preparation and ability to encapsulate large amounts of 

molecules, giant vesicles have been used as carriers for many drugs [48], cosmetics and 

natural substances[326] with beneficial action. The vesicles act as a matrix for sustained 

release of the entrapped agents as well as a solubilizer for molecules with low aqueous 

solubility. In addition, these systems have been shown to be useful in high throughput 

screening of libraries of drug molecules. 

        Giant vesicles have been prepared from a variety of natural and synthetic lipids for 

these diverse types of applications. Polymerizable lipids have been investigated  both 

from a practical point of view, with the aim of improving the stability of the vesicles as 

drug carriers and encapsulators for molecules, and from a theoretical perspective as these 

polymeric vesicles are fascinating objects with certain unique properties. A variety of 

polymerizable lipids with different polymerizable moieties and head groups have been 

used to prepare giant vesicles and each of these systems showed quite different 

characteristics.[356-362] Iin et al.[356] characterized giant vesicles of 
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dialkyldiallylammonium salts (Figure 3.3A) in relation to length of the alkyl chains. The 

polymers formed after UV exposure of the vesicles were completely soluble in 

chloroform, benzene and other organic solvents regardless of irradiation time. The 

authors believe this might be because the polymerization proceeds via a transannular 

chain propagation instead of cross-linking of the diallyl groups, which would have 

yielded  insoluble polymers. Gaub and co-workers[357] looked at the structure and phase 

behavior of vesicles composed of the polymerizable lipid, dioctadecadienoyl ammonium 

bromide (Figure 3.3B), by using a combination of giant and small vesicles.  One 

interesting feature observed is that the contours of giant vesicles assumed a polygonal 

shape when cooled below the phase transition temperature. Dvolaitzky et al. [358] also 

reported a remarkable attribute of giant vesicles made from this C14 butadienic lipid. UV 

polymerization led to a progressive shrinkage of the vesicle with accompanying    

thickening or crumpling of the membrane as a function of the time of exposure. These 

morphological changes produced porous vesicles that leaked intravascular water allowing 

a more extensive shrinkage of the membrane.   

           Meanwhile, giant vesicles made of diacetylenic phospholipids DC6,15 PC  

(Figure 3.3C)  collapsed when slowly cooled below the phase transition temperature  

(Tm = 58.9° C). The vesicles remained spherical and were stable and without visible 

defects down to 32° C, but suddenly transformed to nonvesicular structures just below 

this temperature.[359] Furthermore  for partially polymerized phospholipid giant vesicles    
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             Figure 3.2 Examples of  polymerizable lipids used to make giant vesicles. 
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composed of  this diacetylenic lipid, spontaneous wrinkling into a rigid structure upon 

cooling has been reported.[360] 

   Mixtures of polymerizable  and nonpolymerizable lipids have been used to make 

giant vesicles with the intention of stabilizing pores in vesicles.[361, 362]  Such pores are 

usually formed by phase separation of the nonpolymerizable lipids into domains upon 

polymerization and these pores are believed to be important for controlled release of 

drugs and other encapsulated molecules. As an alternate approach, Bradley and 

coworkers[363]  investigated the possibility of applying external electric fields across 

partially polymerized giant vesicles as a means to generate stable pores for controlled 

release applications.  

Most of the studies on giant vesicles composed of polymerizable lipids to date 

have focused on polymerizable diacetylene and dienoyl lipids with an ammonium head 

group. The reactivity of diacetylene lipids is sensitive to lipid packing and polymerization 

can only be accomplished in the gel phase which results in low degrees of conversion. As 

mentioned above, except for one case [356], the stability of polymerized giant vesicles to 

surfactants and organic solvents has not been studied. Furthermore, the ammonium  head 

group  is not “biocompatible” in terms of resistance to nonspecific adsorption of proteins 

and biofouling, compared to the phosphatidylcholine (PC) head group, which is the most 

abundant head group in the outer leaflet of the cell membrane. Even though much work 

has been carried out by O’Brien et al. and Tsuchida et al. on preparation and 

characterization of large vesicles made from the polymerizable lipids  bis-Sorbyl 

phosphatidylcholine(bis-SorbPC) [155, 156, 160, 170, 312] and bis-dienoyl 
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phosphatidylcholine (bis-DenPC) [361], giant vesicles composed of these dienoyl lipids 

with phosphatidylcholine head group have  not been prepared and characterized. These 

lipids can be polymerized both in the liquid-crystalline and gel phases to a higher degree 

of conversion than the diacetylene lipids. Giant vesicles made from these polymerizable 

lipids may be useful models to study the elastic material properties of poly(lipids), which  

have not been measured on any type of polymerized vesicle. They could also be used as 

robust micro-reactors for chemical sensing and molecular carrier applications.  

This chapter focuses on the preparation and characterization of giant vesicles 

made from these dienoyl lipids as the first step towards reaching these goals. Hoffmann 

contrast, phase contrast and fluorescence microscopic tools were used to observe the 

morphology of vesicles before and after polymerization.  The stability of the vesicles was 

tested by surfactant treatment and by drying and rehydration of vesicles after 

polymerization.  The effect of temperature on the morphology of unpolymerized and 

polymerized vesicles composed of these lipids was also studied by these microscopic 

methods. In Chapter 4 the ability of these vesicles to be used as micro-reactors will be 

discussed.   
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3.2 Experimental Overview 

           In this section, the procedures used to make giant vesicles from polymerizable 

lipids, UV polymerization conditions, the stability of vesicles to surfactant, drying and re-

hydration, and the temperature dependence of vesicle morphology are described. In the 

case of bis-SorbPC, these experiments were carried out both above and below the phase 

transition temperature (Tm = 28 oC) as very dissimilar vesicle morphology was observed 

in the two scenarios.  A short description of the microscopic tools used to observe the 

giant vesicles is also included.   

 

3.2.1 Materials 

          The polymerizable lipids bis-SorbPC and bis-DenPC were synthesized by Dr. 

Gemma D’Ambruoso and Dr. Ronald Wysocki as described in Appendix 2. 

Phosphatidylethanolamine labeled with lissamine rhodamine B (Rh-DOPE) and di- 

oleoyl phosphatidylcholine (DOPC) were purchased from Avanti Polar lipids and used 

without any further purification. Cell-tak was purchased from BD Biosciences and used 

as received. Polystyrene Petri dishes [3.5 cm (diameter) X 1 cm (height)] from VWR 

were used to hold the solutions carrying giant vesicles.  Sodium phosphate buffer was 

prepared using 18.2 M Ω water obtained from a Barnstead Nanopure system.  
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3.2.2 Preparation of giant vesicles 

           Giant vesicles of bis-SorbPC and bis-DenPC were prepared as described by 

Moscho et al. Briefly lipid in stock benzene solution was dried under flowing  argon to 

remove the storage solvent, followed by drying under a vacuum for 4 hrs. Lipids were 

then dissolved in chloroform to a final concentration of 0.1 M. Twenty microleters of this 

solution was added to a round bottom flask containing 980 µL of chloroform and 150 µL 

of methanol. Seven millileters of aqueous phase (10 mM sodium phosphate buffer with 

11 mM MgCl2, pH 7.2 for bis-SorbPC and 10 mM sodium phosphate buffer with 10 mM 

KCl, pH 7.2 for bis-DenPC) were then added along the flask wall. The organic solvents 

were gently removed under reduced pressure in a rotary evaporator at 40 rpm and 40 oC. 

Usually two boiling events were clearly seen corresponding to chloroform and methanol 

removal. The rotary-evaporation was terminated after the second boiling event ceased.  

The resulting solution was slightly opaque and contained a good yield (~30-50 giant 

vesicles/mL of solution). For the studies of bis-SorbPC vesicles above the Tm,   the 

opaque solution containing giant vesicles was equilibrated at 35 oC in a paraffin oil bath 

until utilized for experiments. For bis-DenPC and bis-SorbPC experiments below Tm , the 

giant vesicle solution  was allowed to cool to room temperature (25 °C). When necessary 

the reagents and solvents in the above recipe were scaled down to make smaller batches 

of giant vesicles. Prior to polymerization, lipids were handled under yellow light to avoid 

photo-initiated polymerization. For fluorescence imaging, giant vesicles were labeled by 

including 0.01 mol% Rh-DOPE in the chloroform/methanol mixture containing the 

polymerizable lipids before rotary-evaporation. 
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3.2.3 Observation of the vesicles 

          An aliquot of the vesicle suspension was added to a petri dish resting on the 

microscope stage. In order to carry out the experiments above room temperature (35 oC), 

the petri dish was wrapped with a heating rope (6 inch, 25 W from McMaster Carr) 

connected to a Variac. A temperature probe device was used to measure the temperature 

in the sample. Except for the surfactant dissolution experiments described later, no 

protocols were carried out to immobilize the giant vesicles. After 15 minutes, most of the 

vesicles settled onto the surface of the petri dish  and  were observed by Hoffmann 

contrast, phase contrast  or epi-fluorescence  microscopy on a Nikon Eclipse TE300 

Quantum inverted microscope using a 40x/0.6 N.A. objective for Hoffman contrast and 

epi-fluorescence, and a 40x/0.55 N.A. objective for phase contrast microscopy. Images 

were collected using a MicroMAX 512BFT back illuminated camera.  MetaVue 5.0 or 

MetaVue 6.0 software (Universal Imaging, Downingtown, PA) was used to capture and 

analyze all images.  

.  

3.2.4 Microscopy tools 

          Optical microscopy is one of the most widely used techniques for visualization of 

structures down to the scale of few microns. It is also possible to use optical imaging to 

make qualitative measurements on the specimen and to observe structural movements or 

changes by recording images over time. To render fine details visible, the microscopic 

method requires magnification, resolution and contrast. Optical principles involved in 

diffraction, image formation and magnification in microscopy are beyond the scope of 
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this section and readers are advised to refer to any fundamental optical microscopy text 

book for this information.[364-367] The aim of this section is to present some important 

aspects of the contrast enhancement microscopic methods used to observe giant vesicles.  

          Most specimens especially unstained and living material such as cells present a 

unique problem when imaging because their structures generate very little contrast and 

are essentially invisible in ordinary bright field microscopy, despite the magnification of 

the objective. The perception of features in an image is only possible if there is sufficient 

contrast present between background and the specimen and between adjacent features in 

the specimen.   In terms of a simple formula, contrast can be defined as the difference in 

light intensity between the background (IB) and the specimen image (IS) relative to the 

background intensity.[368]  

Contrast = (IB – IS) / IB 

          In general a contrast of 0.02 is needed by human eye to distinguish differences 

between a feature and the background;  for other types of detectors this figure often has a 

different value but under any circumstance the signal to noise ratio must be large enough 

to yield detectable contrast. In bright field microscopy, it is a common practice to stain 

the specimens to improve contrast, and details can be further enhanced by addition of 

color contrast or interference filters in the light path. However more often for such 

specimens it is important not to alter them by treatment with chemical dyes and fixatives, 

which may kill biological samples, and this has led to development of many complex 

contrast-enhancing techniques. The following sections highlight three different contrast 

improvement techniques, phase contrast, Hoffman contrast and fluorescence microscopy, 
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used to observe giant vesicles in this study.  In addition to these methods, there are many 

other optical microscopy techniques that have been developed to enhance specimen 

contrast and are reviewed in many basic light microscopy text books.[366-369] 

 

3.2.4a Phase contrast microscopy 

          Phase contrast microscopy, first described in 1934 by Dutch physicist Frits 

Zernike, is a contrast-enhancing optical technique that can be utilized to produce high-

contrast images of transparent specimens, such as living cells, micro-organisms, thin 

tissue slices, lithographic patterns, fibers etc. Phase contrast microscopes feature an 

optical design that transforms the phase difference of specimen waves to an amplitude 

difference in the image.[366-370] In transparent specimens the direct zeroth order light 

passes through or around the specimen undeviated whereas the light diffracted by the 

specimen is retarded up to ¼ wavelrength with respect to the undeviated light due to 

phase gradients such as differences in the refractive index and thickness of the specimen.  

Thus in bright field microscopy, at the image plane, the phase of the diffracted light is out 

of phase with the direct light and the intensity (amplitude) upon interference would be 

almost equivalent to the undeviated light, resulting in an image with very little contrast. 

In phase contrast microscopy enhancement of contrast is achieved by speeding up the 

direct light by ¼ wavelength such that the difference in the wavelength between the 

direct and the deviated light is ½ wavelength.  As a result, the direct and diffracted light 

arriving at the image plane destructively interferes, resulting in details of the image 

appearing darker against a light background. This contrast enhancement is achieved by  
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Figure 3.3 The basic microscope configuration for phase contrast. 
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the separation of the direct zeroth order light from the diffracted light at the rear focal 

plane of the objective by  placing a  ring-shaped (annular)   aperture   at   the  front   focal  

plane of the condenser (Figure 3.4). As the hollow cone of light from the annulus passes 

through the specimen, undeviated light arrives at the rear focal plane of the objective in 

the shape of a ring, representing the zeroth order maximum. The light diffracted by the 

specimen is spread over the entire rear focal plane of the objective. A phase plate with a 

ring-shaped phase shifter exactly matching the ring of light is installed at the rear focal 

plane of the objective.  This phase shifter is thinner than the rest of the plate and 

consequently the undeviated light travels a shorter distance than the diffracted light when 

traveling through the objective, which gives rise to the desired phase shift.  As pointed 

out above, direct and diffracted light destructively interfere making the details appear 

dark against a lighter background. As the diffracted light is much weaker than the 

undeviated light, a thin absorptive transparent metallic layer is deposited on the ring- 

shaped phase shifter to control the light intensities. Although phase contrast microscopy 

is vital for improving contrast when imaging unstained transparent samples, image 

artifacts such as halos surround the outlines of the specimen details, which sometimes 

obscure the boundaries of these details. Furthermore the phase annular ring limits the 

working numerical aperture of this system leading to a decline in resolution compared to 

other contrast enhancing techniques.  
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3.2.4b Hoffman modulation contrast microscopy 

          Hoffman modulation contrast microscopy, invented by Dr. Robert Hoffman in 

1975, is an imaging method that produces images of high contrast in unstained and  living 

material by detecting phase gradients (steepness, slope, rate of change in refractive index,  

or  thickness  in  specimen  details) and  converting  them  into  variations of  light  

intensity.[366, 367, 369, 370] An  off  axis  slit that  is   partially   covered   with a  small 

rectangular  polarizer is mounted in the front aperture of the condenser and a modulator, a 

specially designed filter, is placed at the rear focal plane of the objective.  This filter 

consists of three regions of different neutral densities, allowing transmission of 100%, 

15% and 1% light respectively.  The condenser slit is adjusted such that undeviated light 

rays traverse the 15% (gray) region of the modulator.  When light rays are deviated by 

phase gradients in the specimen, the light rays miss the gray region of the modulator and 

pass through the other regions of the filter. Thus the final image takes a three dimensional 

or shadow-cast appearance dictated by phase gradients with brightly illuminated and 

shadowed edges corresponding to phase gradients of opposite slope in the specimen. 

Below the slit plate is a circular polarizer that is rotated to vary the image brightness. 

Since both polarizing elements are located on the same side of the specimen, loss of 

contrast from birefringent plastic substrates such as culture dishes is not a problem with 

HMC. Generally HMC is best for specimens with rapid phase gradients, such as large, 

globular cells, which makes it a preferred approach for giant vesicle imaging. 
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Figure 3.4 A schematic illustration of the microscope configuration for HMC.  
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3.2.4c Epi-fluorescence microscopy 

          Fluorescence microscopy is an excellent tool for studying material which can be 

made to fluoresce, either in its natural form or when specifically labeled with a 

fluorescent probe. With light microscope optics adjusted for fluorescence microscopy, it 

is possible to detect fluorescence from individual molecules under special conditions. 

Furthermore use of fluorescent probes has made it possible   to   distinguish  cells and   

sub-microscopic   cellular   components from non fluorescing material. Consequently 

fluorescence detection has the advantage of great specificity and sensitivity. Figure 3.6 

shows a schematic diagram of the configuration for fluorescence microscopy. In this 

arrangement the objective lens functions  both as the condenser to collect and transfer the  

excitation light to the specimen and as the objective lens to collect fluorescent light and 

form an image of the fluorescent object in the image plane.[366, 367, 369, 370] This type 

of excitation-emission configuration, in which both the excitation and emission light 

travel through the objective, is called epi-fluorescence. The key to the optics in an epi-

fluorescence microscope is the separation of the illumination (excitation) light from the 

fluorescence emission from the sample by the use of the dichroic mirror; this is mounted 

together with excitation and emission filters in a fluorescence filter set in a filter cube 

positioned between the light source and the objective. The excitation source is generally a 

high-pressure mercury or xenon arc source or monochromatic light from a laser. The 

excitation filter selectively transmits a band of wavelengths for exciting a specific 

fluorescent probe in the specimen while the dichroic mirror reflects the excitation light 

toward the objective lens and the specimen, and transmits fluorescent light towards the  
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Figure 3.5 Illustration of the light path of an epi-fluorescence microscope. 

 

 

 

 

Beam splitter 

Ocular 

Excitation 
filter 

Emission 
filter 

Filter cube 

Light 
source 



 

 

171

detector. The emission filter transmits the fluorescent wavelengths while blocking any 

residual short excitation wavelengths.  The fluorescent emission then forms an image on 

the detector. 

 

3.2.4d Video microscopy 

          Optical images produced in the microscope can be captured using either traditional 

film techniques, digitally with electronic detectors such as a charge-coupled device 

(CCD), or a video camera. When dynamic aspects must be recorded  in real  time, a video 

camera is often the most suitable choice for the task. Video camera systems allow 

continuous monitoring of the changes in the specimen and thereby provide a means for 

time lapse documentation. Thus video imaging produces excellent images, are easy to use 

and allow convenient storage and subsequent play back.[371] In this study, a video 

camera was used to capture the morphological changes in the giant vesicles under 

different experimental conditions. 

 

3.2.5 UV Photopolymerization of giant vesicles 

           Polymerization of the vesicles was induced by UV illumination with a low  

pressure mercury pen lamp (Fisher Scientific) with a rated intensity of 4500 µW/cm2 at 

254 nm.  Both of the polymerizable lipids utilized to make giant vesicles show an 

absorbance maximum at 260 nm. The pen lamp was positioned above the petri dish over 

a range of distances ( 1 cm- 10 cm) to see if the position of the lamp had an effect on the 

vesicle.  For bis-SorbPC, the lamp could be placed close as 1 cm to the petri dish with no  
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 noticeable change in the vesicle structure.  However in the case of bis-DenPC vesicles, if 

the lamp was placed within 4 cm above the dish, the vesicle shape changed or tubes grew 

off from the vesicle. The exact reason for this behavior is uncertain but could be a result 

of introducing  line tension in the vesicles by exposure to  intense UV light as observed 

with vesicles exposed to a focused laser spot[372-374], even though in the latter case, 

tubes did not grow even though the vesicles were found to be under tension. The rate of 

polymerization at these heights could also affect this tension in the vesicle.  Moreover 

local heating by the lamp when placed at this short distance could also have an impact on 

the shape changes in the vesicles made from this lipid. To be consistent, bis-SorbPC and 

bis-DenPC vesicles were polymerized by placing the pen lamp 2 cm and 5 cm 

respectively above the petri dish containing the vesicles. The time of UV exposure 

required at these heights was determined by testing the stability of the polymers formed 

in surfactant dissolution experiment described in the next section. The extent of solubility 

of both types of polymerized vesicles did not change beyond 8 minutes and 15 minutes of 

UV illumination for bis-SorbPC and bis-DenPC respectively and this time was used to 

polymerize the vesicles in all subsequent experiments. 

 

3.2.6 Surfactant dissolution of vesicles  

          Unpolymerized  or  polymerized  giant vesicles of bis-SorbPC or bis-DenPC in 1.0  

 mL aliquot of solution were immobilized on Cell-tak coated petri dishes.  Cell-tak is a 

polyphenolic protein secreted by permanently sessile sea mussels that has the ability to 

attach vesicles or cells. Coating Cell-tak on petri dishes was carried out as follows:  2-3 
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µL of ~ 1mg/mL Cell-tak solution was placed in the petri dish and smeared to a thin film. 

After drying in air, the petri dishes were washed with a 50% solution of ethanol followed 

by water.  

           An   aliquot of   Triton X-100 approximately equal to 6 equivalent of lipid in the  

1 mL of giant vesicle solution (i.e. Triton X-100 mol/lipid mol = 6/1) was then added and 

Hoffman contrast images were recorded as a function of time. To be consistent with the 

time taken by Triton X-100 to diffuse into the vesicle, the aliquot of Triton X-100 was 

gently placed on the solution above the vesicle under observation. 

 

3.2.7 Temperature dependent studies on unpolymerized and UV polymerized giant   

         vesicles 

          As mentioned above, bis-SorbPC giant vesicles showed a different morphology at 

room temperature and at 35o C.  To investigate the temperature at which this transition 

occurred and to explore the effect of UV polymerization on this temperature effect, giant 

vesicles were observed before and after polymerization as a function of temperature. This 

test was also performed on bis-DenPC giant vesicles. Giant vesicles that were settled on 

the petri dish were cooled down gradually starting from 35oC by controlling the Variac 

setting.  Cooling below room temperature was achieved by placing a small amount of 

powdered dry ice on the stage. The temperature close to the surface of the dish filled with 

buffer was measured using a temperature probe each time an image was collected. 
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3.2.8 Dehydration-rehydration after vesicle polymerization 

         After UV polymerization, giant vesicles were subjected to a dehydration-hydration 

cycle in two steps. In the first phase of the experiment, the aqueous suspension above the 

immobilized giant vesicles was gently removed with a pipette after cooling the 

suspension down to room temperature. At this point, a very thin film of water was 

adsorbed to the petri dish surface at the bottom of the plate. The vesicles on the petri dish 

were then rehydrated by gently adding aliquots of buffer. In the second phase of the 

drying process, the buffer above the vesicle was gently pipetted out again and the petri 

dish surface was gently blown dry with a stream of argon. Following this step, the 

vesicles were rehydrated by gentle addition of buffer.   

 

3.2.9 Characterization of bis-SorbPC vesicles below their phase transition 

temperature 

          Giant vesicles were prepared according to the procedure described in Section 4.2.1 

and were observed by phase contrast microscopy and fluorescence microscopy after  the 

buffer containing the giant vesicles attained  room temperature (24.8o C). Experiments 

described in Sections 4.2.5 to 4.2.8 were performed with these vesicles at room 

temperature instead at 35o C. 

 

 

 

 



 

 

175

3.3 Results and Discussion 

 In the following sections, images shown for each experiment are representative of 

measurements made on several vesicles. In sections 4.3.1 to 4.3.4, the studies were 

carried out at 35 ˚C which was above the Tm of both lipids.  Section 4.3.5 includes studies 

on bis-SorbPC giant vesicles that were carried out at room temperature (24.8 ˚C), below 

the Tm of this lipid.  

 

3.3.1 Giant vesicles from bis-SorbPC and bis-DenPC 

           Giant vesicles were observed in high yield from bis-SorbPC and bis-DenPC lipids 

under the conditions used (Figures 3.7, 3.8). Most of the giant vesicles appeared to be 

spherical or slightly ellipsoidal by Hoffmann contrast microscopy. The distribution of 

sizes ranged from 10-75 µm in diameter but most were between 10 and 30 µm. In 

addition to giant vesicles, filaments were also observed in very low yield at times.  UV 

irradiation of the giant vesicles did not cause any dramatic change in size within 2 hrs of 

observation time.  In contrast, Dvolaitzky et al.[358] found that vesicles composed of  

dioctadecadienoyl ammonium  bromide (Figure 3.3B) showed a progressive shrinkage 

after UV polymerization.  

 The vesicle morphology of UV polymerized bis-SorbPC giant vesicles (Figure 

3.7B) was quite different from the same vesicle before polymerization. However the 

changes in the morphology of bis-DenPC vesicles after polymerization were less striking 

(Figure 3.8B).  Both types of vesicles showed flattening after polymerization but this 

effect was more pronounced with bis-SorbPC than bis-DenPC.  This could be a result of  
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Figure 3.6  Giant vesicle of bis-SorbPC   A: Unpolymerized   B: UV polymerized   

                                       
 
                                                                                                                                                                        

                                                     
                                                                                                              
 
 
 Figure 3.7 Giant vesicle of bis-DenPC   A: Unpolymerized   B: UV polymerized   
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expulsion of the vesicle contents by the tension induced by exposure to UV light. This 

type of optically induced tension in lipid membranes has been reported for both 

fluorescent dye labeled and unlabelled giant vesicles .[372, 373, 375-379] Although the 

molecular mechanism of this build up of optically induced tension is not clear, many 

authors report that   initially   the   vesicle   is “floppy”, i.e.  it   undergoes  large  

amplitude  transversal fluctuations when the membrane tension is zero.[372, 373, 377, 

379]  Illuminating   the   vesicles builds   up the tension and the vesicle responds by  

opening up  pores  which  allow  the  membrane  to wrinkle and release the tension 

(Figure 3.9).  At this point the internal liquid leaks out due to the internal pressure.  The 

effect of polymerization on this process has not been studied but it could also influence 

the pore size and closure (line tension), affecting the leakage of contents and the 

flattening of vesicle.  In addition, having the giant vesicles adsorbed to  the petri dish also 

could affect leakage during membrane polymerization membrane as strong adhesion 

could lead to pore formation.[380] Even though exact causes for the morphological 

changes shown in Figures 3.7 and 3.8 are uncertain, these factors likely contribute to the 

changes observed during UV polymerization.  Furthermore it seems that the location of 

the polymerizable group and  the polymer network in the membrane has an influence on 

the vesicle morphology because the poly (bis-SorbPC) and poly (bis-DenPC) have very 

distinct morphologies (Figure 3.10).  
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Figure 3.8 Schematic diagram showing the steps involved in optically induced leaking in 

giant vesicles. 

 

     

 
Figure 3.9 Schematic diagram showing the location of polymer formation in bis-DenPC 

(A) and bis-SorbPC (B), upon UV polymerization. 
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3.3.2 Surfactant dissolution of vesicles  

          The ease of vesicle solubilization by a surfactant such as Triton X-100 has been 

used to study the stability of the lipid membranes after polymerization. Previous studies 

with lipid vesicles have shown that effective solubilization of lipids into micelles requires  

the surfactant concentration to be greater than its critical micelle concentration (cmc) and 

the surfactant to lipid molar ratio be ca. 3-6 .[160]  At these concentrations, surfactant 

partitions into the lipid bilayer and eventually forms mixed micelles of surfactant and 

lipid, gradually solubilizing the vesicle. Previous light scattering studies by Sisson et al. 

demonstrated that after photo-polymerization, 100 nm bis-SorbPC vesicles[156, 160]  

were stable in the presence of excess Triton X-100 but unpolymerized vesicles were 

solubilized after addition of 4 equivalents of the surfactant. Figure 3.11 shows the 

Hoffman contrast micrographs of an unpolymerized bis-SorbPC vesicle undergoing 

solubilization over time, upon addition of 6 equivalents of surfactant. The vesicle size 

gradually decreased as the lipids formed mixed micelles and it was completely 

solubilized in less than 1.5 min. The mixed micelles of lipid and surfactant are less than 

10 nm in diameter and therefore cannot be resolved by optical microscopy. 

           Hoffman contrast micrographs of a UV polymerized giant vesicle after addition of 

6 equivalents of Triton X-100 is shown in Figure 3.12 as a function of time.  Unlike the 

unpolymerized giant vesicle, the polymerized vesicle was not solubilized by the 

surfactant even though some morphological changes were apparent in the vesicle 

structure and in the membrane 12 minutes after addition of the surfactant. In spite of 

these morphological changes, the overall vesicle structure was preserved even one hour 
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after surfactant treatment.  The vesicle size slightly increased with time, probably due to 

partitioning of surfactant amphiphiles into the membrane. This indicates that the 

polymerized giant vesicle membrane is flexible enough to swell with the added surfactant 

without lysis.  

          These observations are consistent with the previous studies reported on surfactant 

treatment of 100 nm unpolymerized and UV polymerized vesicles of bis-Sorb PC.[160] 

Regen and coworkers[168] reported that stability of vesicles to surfactant treatment 

increases in the   following order: unpolymerized < linearly polymerized < cross-linked.  

Thus the resistance to surfactant action of UV polymerized   giant vesicle can be 

attributed to  cross-linking of  the  bis-SorbPC monomers upon exposure to UV light, 

which prevents the extraction of lipid molecules from the vesicle into mixed micelles. 

Furthermore the low curvature of giant vesicles might also lead to large polymer 

networks compared to higher curvature 100 nm   vesicles, rendering them more insoluble. 

          Silmilar to unpolymerized bis-SorbPC giant vesicles, unpolymerized bis-DenPC 

vesicles were solubilized (lysed) in a short period of time after addition of 6 equivalent of 

Triton X-100 (Figure 3.13). However in contrast to polymerized bis-SorbPC, the addition 

of six equivalents of surfactant to UV polymerized bis-DenPC giant vesicles led to a very 

slow solubilization (Figure 3.14).  The shape of the vesicle changed upon the surfactant 

addition and tube like extensions grew from the vesicle during solubilization; in most 

instances only one extension per vesicle was observed.  The cause for these extensions is 

not quite understood but it could be a means of reliving the tension induced in the vesicle 

by surfactant insertion into the polymerized membrane. The vesicles were usually 
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completely solubilized in less than an hour. These observations were similar to the 

studies reported by Tushida et al.[169] who observed bis-DenPC liposmes that were UV 

polymerized were also destroyed by the addition of Triton X-100 in the same manner as 

the monomeric ones. As discussed in Chapter 1, bis-DenPC forms crosslinked polymer 

networks near the glycerol backbone in each leaflet of the bilayer (Figure 3.10B). 

However based on the results form this study it appears that these polymer fragments 

formed in each leaflet are susceptible to surfactant dissolution. The surfactant 

solubilization of these polymers are however slower than that of monomeric lipids as a 

result of the covalent boding between lipid monomers. This slower rate of solubilization 

when compared to unpolymerized bis-DenPC vesicles suggests that the vesicles are 

polymerized after UV exposure. This solubilization behavior did not change even after 

UV irradiating the vesicles over longer periods of time, indicating that 15 minutes of UV 

exposure is sufficient for high conversion of monomer to polymer. 

Enhanced stability of UV polymerized bis-SorbPC giant vesicles toward 

surfactant dissolution compared to polymerized bis-DenPC giant vesicles can be 

attributed to inter-leaflet linkages in (poly)bis-SorbPC  bilayer as a result of  

polymerizable sorbyl groups being located near the chain termini in bis-SorbPC 

molecules as shown in Figure 3.10. 
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Figure 3.10 Hoffman contrast images of an unpolymerized bis-SorbPC giant vesicle recorded as a function of time after 

treatment with Triton X-100 (lipid:Triton X-100 1:6 mol/mol). (A) 0 min    (B) 30 sec    (C) 50 min    (D) 1 min     (E) 1 min 

20 sec   (F) 1 min 50 sec 

A B C 

D E F 

15 µm
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Figure 3.11 Hoffman contrast images of a  UV polymerized bis-SorbPC giant vesicle recorded as a function of time after 

treatment with   Triton X-100 (lipid:Triton X-100 1:6 mol/mol). (A) 0 min    (B) 4min    (C) 8 min    (D) 12 min     (E) 13 min    

(F) 14 min 

A B C 

D F E 

10 µm
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Figure 3.11 (continued) Hoffman contrast images of a  UV polymerized bis-SorbPC giant vesicle recorded as a function of 

time after treatment with   Triton X-100 (lipid:Triton X-100 1:6 mol/mol).  (G) 16 min    (H) 18min    (I) 20 min    (J) 25 min     

(K) 30 min    (L) 1 hour 

G H I 

J K L 
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Figure 3.12  Hoffman contrast images of an unpolymerized bis-DenPC giant vesicle recorded as a function of time after 

treatment with   Triton X-100 (lipid:Triton X-100 1:6 mol/mol).  (A) 0 min    (B) 30 sec    (C) 40 sec   (D) 50 sec     (E) 1 min    

(F) 1 min 10 sec 

A B C 

D E F 

15 µm
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Figure 3.12 (continued)  Hoffman contrast images of an unpolymerized bis-DenPC giant vesicle recorded as a function of 

time after treatment with   Triton X-100 (lipid:Triton X-100 1:6 mol/mol). (A) 1 min 20 sec   (B) 1 min  35 sec  (C) 1 min 50 

sec 

F G H 
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Figure 3.13 Hoffman contrast images of a UV polymerized bis-DenPC giant vesicle recorded as a function of time after 

treatment with   Triton X-100 (lipid:Triton X-100 1:6 mol/mol).   (A) 0 min    (B) 5 min    (C) 10 min    (D) 15 min     (E) 20 

min    (F) 25 min 

A B C 

D E F 

10 µm
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Figure 3.13 (continued) Hoffman contrast images of a UV polymerized bis-DenPC giant vesicle recorded as a function of 

time after treatment with Triton X-100 (lipid:Triton X-100 1:6 mol/mol).(A) 30 min  (B) 35 min (C) 40 min  D) 45 min  (E) 48 

min (F) 50   min 

G H I 

J K L 
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3.3.3 Phase behavior of unpolymerized and UV polymerized giant vesicles 

          Figure 3.15 shows the morphological changes that occur when an unpolymerized 

bis-SorbPC vesicle is cooled slowly (~1 deg/min) starting from 35o C. Upon cooling, 

vesicles undergo a striking wrinkling transition near the Tm (28o C), from a fairly smooth 

initial state at 35o C.  As observed with partially polymerized giant vesicles from 

diacetylenic phosphatydylcholine lipids [360], the wrinkling is usually initiated from a 

single location on the  vesicle, which frequently appears as a dark, dense spot (arrow in 

Figure 3.15B) in the membrane. This spot gradually spreads until it forms a rim-like 

morphology in the vesicle. After reaching this stage, the vesicle crumples into a highly 

convoluted superstructure (Figure 3.15 F, G, H), typically in few seconds. Moreover if 

the cooling is carried out rapidly the vesicle often ruptures and leaks   its contents during 

this crumpling phase. 

 Gaub et al.[357] point out that the wrinkled state is characteristic for tilted 

hydrocarbon chains and sharp protrusions are most likely formed at interfaces where 

bilayer regions of different tilt direction meet. The emergence of this wrinkled 

superstructure seems to be closely related to the main phase transition of the lipid as this 

change occurs near the vicinity of the Tm. This notion was verified by the fluorescence 

micrographs acquired of a bis-SorbPC vesicle, doped with 0.01 mol% of rhodamine 

labeled DOPE, acquired before and after the wrinkling transition. As shown in Figure 

3.15(J), the image of the vesicle above the Tm shows homogeneous fluorescence 

corresponding to a single fluid phase.  However after the vesicle undergoes the crumpling 
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Figure 3.14  Hoffman contrast  images of an  unpolymerized bis-SorbPC giant vesicle  showing the morphological changes 

that occur as it is cooled down from 35o C to 29o C. A) 35o C  B) 33o C  C) 32o C  D) 31o C   E) 30o C  F) 29o C

10 µm

A B C 

D E F 
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                         G                                                                      H                                                                     I                                                        

                                                                     
                         J                                                                       K                                                                     L 
  
Figure 3.14(continued) Hoffman contrast  and fluorescence images of an  unpolymerized bis-SorbPC giant vesicle  showing 

the morphological changes that occur as it is cooled  from 29o C to 25o C . G& H) 29o C  I) 25o C.  J, K, L are epi-fluorescence 

images corresponding to Hoffmann contrast images A, E and I 
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                      M                                                                       N                                                                          O 
 
Figure 3.14(continued) Hoffman contrast   images of an  unpolymerized bis-SorbPC giant vesicl as it is heated from 25o C to 

35o C . (M) 29o C (N) 32o C ( O) 35o C  
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event, bright and dark regions of fluorescence could be observed, indicating a phase 

segregated morphology corresponding to disordered and more ordered regions coexisting  

in  the  membrane.  The more ordered regions appear as dark areas whereas the bright 

domains correspond to disordered or more liquid-like regions (Figure 3.15L).  

           The wrinkling transition is reversible to a certain extent but the unwrinkled, 

smooth morphology is not fully recovered upon heating above the Tm indicating 

hysteresis (Figure 3.15 M,N,O).  The unwrinkling happens at a slower rate when 

compared to that of the initial crumpling, and even a couple of hours after equilibrating 

above the Tm of the lipid, some unwrinkled regions could still be observed. Similar 

hysteresis has been reported by Mutz[360] and Gaub[357] in polymerized giant vesicles 

composed of mixtures of diacetylenic phospholipids and fluid lipids.  The hysteresis 

associated with this transition suggests that going from a tilted configuration below the 

Tm to a non-tilted configuration at higher temperatures can be kinetically slow process or 

energetically more demanding than the wrinkling path.  However adequate studies have 

not been carried out to provide a specific reasoning for this behavior. 

          Figure 3.16 shows the micrographs acquired during cooling (~1 deg/min) of a 

polymerized bis-SorbPC vesicle from 35o C. In contrast to unpolymerized vesicles, no 

obvious morphological changes were apparent in this instance even after cooling down to 

20o C. Formation of a cross-linked polymer network at the chain termini of bis-SorbPC 

lipids in the giant vesicle apprears to decrease the mobility of the hydrocarbon core which 

leads to elimination of a main phase transition after polymerization [381-384] and a 

possible hindrance in  formation of the wrinkled superstructure. 
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                      A                                                                        B                                                                      C 
 

                                             
                     D                                                                          E                                                                     F 
 
Figure 3.15 Hoffman contrast   images of a UV polymerized bis-SorbPC giant vesicle  showing the minimal morphological 

changes that occur when cooled from 35o C to 20o C, then re-heated to 35o C. A) 35o C  B 25o C C) 20o C D) 35o C ( re-

heating). D and E correspond to fluorescence images of A and C

10 µm
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cooled below  the  Tm. Both Hoffman contrast and fluorescent micrographs acquired 

reveal a grainy appearance   in the vesicle when cooled below 20° C (Figure 3.17). It is 

known that lipid membranes show a textured/terrace-like appearance below the Tm, based 

on  freeze fracture electron microscopy studies[385-387] on large vesicles made of lipids 

containing phosphatidylcholine head groups.  It is believed  that acyl chains are  probably 

packed in a tilted fashion in gel phase when cooled below the Tm, resulting in this 

textured appearance.[54] Thus the grainy appearance observed with bis-DenPC vesicles 

could be a result of packing of the acyl chains in the membrane when cooling below Tm. 

 Heating the vesicle above the Tm led to disappearance of this graininess to a large 

extent, most likely due to a transition from a tilted to an untilted configuration.  However 

most vesicles were not able to withstand a single cooling-heating cycle and usually tube- 

like structures grew from the vesicles upon heating (Figure 3.17H).   Several previous 

reports[354, 388, 389] suggest that domain formation in giant vesicles near the vicinity of 

the Tm can lead to a local change of surface curvature which in turn could modify vesicle 

shape. Domain formation results in a line tension that leads to a decrease in domain 

curvature, which could lead to a budding mechanism.  These reports[354, 388, 389] also 

indicate   that shape changes in giant vesicles were only observed during the heating 

cycle, consistent with the observations made here with bis-DenPC giant vesicles even 

though the reason for this behavior is still unknown. 

Quite opposite to polymerized bis-SorbPC vesicles, poly(bis-DenPC) vesicles 

showed a morphological change when cooled to about 18o C. Here the change was 

different from the grainy appearance observed for unpolymerized bis-DenPC vesicles and 
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was more like concentrically arranged lines (Figure 3.18).  Prior differential scanning 

calorimetric studies indicate that bis-DenPC has a broad phase transition with a Tm 

centered around 23° C after polymerization,[284] which is consistent with the 

temperature at which the morphological changes begin to appear in these vesicles. 

Consequently these changes most likely result from the phase transition of the lipids in 

the polymerized membrane. The different morphology compared to the grainy 

appearance in unpolymerized vesicles may be due to differences in the packing of the 

polymer chains in the gel phase of the membrane. Poly(bis-DenPC) vesicles were also 

observed to grow tube-like structures upon heating, although only a few of these 

structures were observed when compared to unpolymerized vesicles.  Furthermore upon 

heating, the line-like structures did not completely disappear, once again showing 

hysteresis. 
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                                             A                                                                                                                  B 
 
 
 

                            
                                             C                                                                                                                   D 
 
 
Figure 3.16 Hoffman contrast  and fluorescence images of a  unpolymerized bis-DenPC giant vesicle  showing the 

morphological changes that occur when  cooled from 25o C to 18o C.

25o C 23o C 

20o C 18o C 

10 µm
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                                             G                                                                                                              H 
 

Figure 3.16 (continued) Hoffman contrast and fluorescence images of an  unpolymerized bis-DenPC giant vesicle  showing 

the morphological changes that occur when cooled to 12o C and re-heated to 22o C. 

12o C 18o C 

21o C 22o C 
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                                             C                                                                                                                D 
  
 
Figure 3.17 Hoffmann contrast images and fluorescence images of a UV polymerized bis-DenPC giant vesicle showing the  

morphological changes that occur when cooled from 26o C to 23o C.

26o C 25o C 

24o C 23o C 

10 µm
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                                                    G                                                  H                                                   I 
 
 
 
Figure 3.17 (continued) Hoffman contrast and fluorescence images of a UV polymerized bis-DenPC giant vesicle  showing 

the morphological changes that occur when cooled  ( E and F). Hoffman contrast images G,H and I corresponds to  re-heating 

to 26o C.

20o C 18o C 

20o C 25o C 26o C
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3.3.4 Additional support for vesicle stabilization through polymerization 

 
          Drying and rehydration is a useful method to evaluate   the stability of the vesicles 

before and after polymerization.[390] Consequently Hoffman micrographs of UV 

polymerized giant vesicles of bis-SorbPC and bis-DenPC were acquired after drying and 

re-hydration at 35o C. In the first stage of the experiment, the aqueous suspension above 

the immobilized giant vesicles was gently removed until a thin film of water on the petri 

dish remained. Under this condition, both types of unpolymerized vesicles collapsed 

leaving no trace of a vesicle structure (data not shown). Similar behavior was observed 

with vesicles made from DOPC. However polymerized vesicle of both types of lipids 

retained their structure during this process, and subsequent rehydration with buffer 

equilibrated at 35o C also did not change their morphology (Figure 3.19).  

In the second stage of the drying process, the petri dish with the vesicles was air 

dried and then blown dry gently using argon.  The arrows in  Figures 3.20 A and C show 

images of vesicles dried by this process.  Rehydration of the vesicles with buffer still 

leaves signs of the vesicles (Figures 3.20 B and D).  Observation of these circular 

structures shows that the vesicles are robust to drying and rehydration after exposure to 

UV light. Both drying methods therefore indicate that vesicles are polymerized under the 

UV irradiation conditions used in this study. However during these drying processes, low 

molecular weight polymers may desorb from the vesicles leading to imperfections in the 

polymerized membrane structure. 
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Figure 3.18 Hoffman contrast images of UV polymerized giant vesicles dried by 

withdrawing the buffer from the petri dish with a pipet followed by rehydration with 

buffer. A and B images represent the same bis-SorbPC vesicle after drying and 

rehydration , C and D represent the same bis-DenPC vesicle after drying and rehydration.      

 C  D 

 A      B 

10 µm

10 µm
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Figure 3.19 Hoffman contrast images of UV polymerized giant vesicles of bis-SorbPC 

and bis-DenPC after completely drying the buffer with argon, followed by rehydration. A 

and B represent the same bis-SorbPC vesicle after drying and rehydration; C and D 

represent the same bis-DenPC vesicle after drying and rehydration.  

 C 

 A  B 

 D 

10 µm

10 µm



 

 

204

 

3.3.5 Characterization of bis-SorbPC vesicles below the phase transition 

temperature 

           Giant vesicles composed of bis-SorbPC observed at 25° C had membranes with a 

wrinkly appearance and the vesicle morphology did not seem to change upon UV 

polymerization (Figure 3.21).  Most of the vesicles at this temperature adopted a 

spherical shape but some vesicles had polygonal shapes with sharp edges (Figure 3.22).  

This type of deviation from spherical shape has been reported by Gaub et al.[357]  for 

giant vesicles of dioctadecadienoyl bromide lipid when cooled below its main phase 

transition temperature. 

          Drying and rehydration of these vesicles also showed similar results as the studies 

performed at 35o C. The vesicle was stable to the first drying stage and did not show any 

obvious changes in morphology after rehydration. (Figure 3.23).  After the second stage 

of drying and rehydration, circular structures that resemble vesicles were still apparent 

(Figure 3.24).  Thus the overall structure of these vesicles is largely preserved after these 

drying processes, which shows that the  vesicles  have been  polymerized  and stabilized  

by irradiation with UV light. As mentioned above unpolymerized vesicles collapse under 

these drying conditions. 

          Observations after adding 6 equivalents of Triton X-100 to unpolymerized vesicles 

and polymerized vesicles were similar to what was observed with vesicles equilibrated 

above the Tm.  Unpolymerized vesicles were solubilized within a short period of time 

(Figure 3.25) but the UV polymerized vesicles retained some structure even 1 hour after  
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Figure 3.20  Phase contrast images of a bis-SorbPC giant vesicle at 25o C  A) before            

polymerization and (B) after polymerization  

 

                  
 
 
 
Figure 3.21 Examples of polygonal shapes adopted by bis-SorbPC vesicles cooled from 

35o C down to room temperature. 
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Figure 3.22 Hoffman contrast images at 25o C of a bis-SorbPC giant vesicle dried by 

pipetting the buffer out (A)  followed by rehydration with buffer (B). 

  

 

                                  
 

 
Figure 3.23 Hoffman contrast images 25oC of a giant vesicle of bis-SorbPC  after 

completely drying the buffer with argon ( A) followed by rehydration (B).
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A B 
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Figure 3.24 Phase contrast images of an unpolymerized bis-SorbPC giant vesicle at 25o C recorded as a function of time after 

treatment with  Triton X-100 (lipid:Triton 1:6 mol/mol).  

  

0 sec 50 sec 1 min

1 min 10 sec 1 min 20 sec 1 min 30

10 µm 
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Figure 3.24 (continued) Phase contrast images of an unpolymerized bis-SorbPC giant vesicle at 25o C recorded as a function 

of time after treatment with  Triton X-100 (lipid:Triton 1:6 mol/mol).  

1 min 35 1 min 40 1 min 45 1 min 50

1 min 52 1 min 54 1 min 55 1 min 56
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Figure 3.25 Phase contrast images of a UV polymerized bis-SorbPC giant vesicle at 25o C recorded as a function of time after 

treatment with  Triton X-100 (lipid:Triton 1:6 mol/mol).  

0 sec 50 sec 1 min 30 sec  2min 

3 min  5 min 7 min 10  min 

10 µm 
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Figure 3.25(continued) Phase contrast images of UV polymerized bis-SorbPC giant vesicle at 25o C recorded as a function of 

time after treatment with  of Triton X-100 (lipid:Triton 1:6 mol/mol).  

 15 min 20 min 30 min 35 min 

40 min 50 min 1 hour 1.5 hour 
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addition of the surfactant (Figure 3.26).  This again confirms that the bis-Sorb vesicles 

are polymerized under the conditions used. Furthermore the polymerized vesicle structure  

appeared to swell after surfactant addition, probably due to insertion of the surfactant 

molecules into the bilayer.           

 

3.4 Conclusions 

This chapter demonstrates the preparation and characterization of giant vesicles 

from the polymerizable lipids, bis-SorbPC and bis-DenPC. Both lipids formed giant 

vesicles in appreciable yield with very few non-vesicular structures.  UV polymerization 

of these vesicles induced morphological changes but greater changes were apparent with 

polymerized bis-SorbPC.  These changes may result from optically induced tension in the 

membrane as previously observed with nonpolymerizable lipids.[375-377] If this is the 

cause, the difference in the morphological changes with the two lipids could be a result of 

the difference in the tension built up upon polymerization  of the chain termini in bis-

SorbPC vs. near the head group region in bis-DenPC. However the membrane tension in 

these systems upon exposure to light has not been measured and therefore the exact 

reason for this difference in the morphological changes is unknown. Furthermore lipid 

packing in the two types of vesicles might also have an impact on the morphology upon 

polymerization as the presence of hydrophilic sorbyl groups in the tails of bis-SorbPC 

might not let these lipids pack as well as bis-DenPC, in which the dienoyl moiety is 

located near the hydrophilic head group region.  
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UV polymerized giant vesicles from bis-SorbPC were stable towards surfactant 

solubilization  which is consistent with prior studies.[160] On the other hand, UV 

polymerized bis-DenPC dissolved by the added surfactant at a slower rate when 

compared to unpolymerized vesicles.  However the extent of resistance to surfactant 

dissolution by both types of vesicles compared to unpolymerized vesicles indicate the 

stability of the polymerized vesicles. The stability of these vesicles was also confirmed 

by dehydration and hydration studies.  The polymerized vesicle structure was largely 

retained under these conditions which usually destroy unpolymerized vesicles, 

confirming that UV polymerization indeed stabilized the vesicle structure. 

The temperature dependence of vesicles formed from these polymerizable lipids 

showed an interesting behavior.  Unpolymerized bis-SorbPC vesicles showed somewhat 

wrinkly membranes when cooled below the Tm of the lipid but this was not apparent in 

vesicles polymerized above the Tm before cooling.  This again confirms that the vesicles 

were polymerized. Cross-linking the lipid monomers near the chain termini should hinder 

the mobility of the hydrocarbon chains which appears to eliminate the phase transition 

and thereby formation of wrinkly super structures. UV polymerized bis-DenPC on the 

other hand showed morphological changes upon cooling from 35°C as polymerization 

near the head region does not completely abolish the phase transition.  However the 

morphological changes observed in this case were different from bis-DenPC vesicles, 

indicating polymerization does affect the temperature-dependent structural changes in 

these vesicles. 



 

 

213

 

Finally giant vesicles polymerized at room temperature had similar characteristics 

as giant vesicles polymerized above the Tm despite the wrinkly superstructure.  These 

vesicles were resistant to surfactant solubilization and were stable towards dehydration 

and rehydration cycles. 

The stability of these polymerized vesicles compared to unpolymerized lipids 

makes them potentially useful in sensor applications as carriers and reactors. Before 

utilizing poly(giant vesicles) for these types of applications, their permeability 

characteristics need to be investigated which is the subject of the next chapter.  
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           CHAPTER 4. 

ENCAPSULATION OF MOLECULES IN PHOTOPOLYMERIZED 

GIANT VESICLES 

4.1 Introduction 

The ability of giant vesicles to encapsulate a variety of molecules together with 

advances in liposome technology could lead to potential use of these versatile structures 

for research, therapeutic and analytical applications. For example these vesicles could be 

used to deliver a wide variety of substances such as pharmaceuticals, enzymes, 

pesticides, genes, vaccines, etc. to targets of biological, biochemical, pharmacological 

and agricultural interest. Giant vesicles are of special interest for these types of 

applications because of their large size for encapsulation of molecules, tunable membrane 

properties, and stability. To date, however, most studies on giant vesicles have not 

addressed these practical aspects in great detail. Instead they have been more focused on 

characterization of physicochemical properties such as bending elasticity[391-396] or 

shape transformations.[397, 398]  The reason for this is not obvious but it may be that 

difficulties in the preparation and handling of giant vesicles have hindered potential 

research in this field.  However researchers hope to use giant vesicles to get more insight 

on the function and to follow and characterize dysfunction of various organs such as in 

muscle activity and signal transduction. For example measuring tensile strength and 

dialation elasticity of giant vesicles prepared from sarcolemenal cell membranes, could 

be used to characterize muscle action.[399-401]. Moverover neurotransmission and 

action of toxins has already been investigated by patch-clamping and electrophysiological 
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studies using appropriate giant vesicles.[402, 403] This type of research is relatively new 

and it is very likely that the future will bring more discoveries in this area.[315] 

          Additionally giant multilamellar vesicles in the size range of 1-50 µM have been 

utilized for cosmetics, nutrition, drug and vaccine delivery.[48, 404, 405] These serve as 

a storage and carrier for hydrophobic/lipophilic agents and as a matrix for sustained 

release. 

          In a variety of reports in the past, giant vesicles have been used as ultrasmall 

reaction containers to obtain valuable insights on biochemical reaction dynamics in an 

environment that mimic a natural intracellular or intraorganellar environment.[347, 406-

408]  Due to its large size, a chemical reaction in an individual vesicle can be followed in 

real time by light microscopy.  Giant vesicles also provide a very high surface to volume 

ratio which brings about high collisional frequencies with molecules entrapped in the 

vesicles and the lipid membrane.  Therefore the reactivity of the enclosed molecules can 

be dominated by surface interactions and such interactions can strongly influence 

reaction kinetics.  Furthermore carrying out reactions in giant vesicles also offers the 

ability to achieve rapid diffusional mixing in a microsecond to millisecond time regime 

which permits the study of fast chemical reactions that are inaccessible to traditional bulk 

turbulence mixing techniques.[409]  The small volume contained within individual 

vesicles also matches the probe volume dimensions of many optical single molecule 

detection and manipulation schemes [410, 411] which provide an opportunity to 

successfully implement these methods on giant vesicles. 
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  A variety of water soluble enzymes have been entrapped in giant vesicles with the 

aim of  investigating enzyme behavior and reaction conditions and thereby utilizing these 

vesicles as microreactor compartments. This is certainly a new field of research where 

enzyme action can be directly studied by light microscopy in real time with appropriate 

substrates.  Moreover these applications can be extended to medical or biomedical fields 

where entrapped enzyme molecules can be allowed to release at a particular site in the 

body where they are needed.  Alternatively the entrapped enzyme molecules could 

catalyze reactions inside the vesicles with the substrate permeating through the lipid 

bilayer or be transported by channels or transporters to undergo the enzymatic reaction 

inside the vesicles.  The latter arrangement can be used in the development of new types 

of sensors by employing fluorescent imaging, fluorescence spectroscopy or 

electroanalytical methods as the detection systems. Besides   encapsulation, biomolecules 

can be immobilized on giant vesicles via covalent binding or adsorption, although 

encapsulation has the advantage of high entrapment efficiency.  

          Furthermore artificial cells with minimal and sufficient structural prerequisites for  

life could be created  by entrapping adequate combination of biomolecules in giant 

vesicles.[345, 412]  However up until now the minimal life has not yet been achieved in 

the laboratory and is a typical realm for future study. 

        For giant vesicles to be utilized as reaction containers or as synthetic cells, it is 

necessary to load vesicles with reactants. In principle, this can be performed by adding 

the molecules to be entrapped during the preparation of the vesicles, since upon 

formation giant vesicles trap a part of the medium in which they are formed.[63] In this 
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case unentrapped molecules need to be removed by column separation or by 

centrifugation before analysis. Another approach is microinjection.[348, 406] With this 

method it is possible to mechanically penetrate the membrane wall of a liposome and 

inject controlled volumes of a desired reagent into the interior. The injection volume is 

typically in the femtoliter to attoliter range and is controlled by regulation of injection 

time and injection pressure. Usually microinjection is a challenging method to apply for 

giant vesicles with thin walls as it is difficult to penetrate them without destroying the 

structure. Therefore the microinjection technique is considered to be relatively invasive 

due to the large mechanical forces applied that can potentially induce membrane rupture.  

          An alternate approach is to use micro-electroporation, a technique based on the 

theory of electropermeabilization.[413]  The analyte to be encapsulated is added to the 

exterior solution of the liposomes and an electric field is then applied locally using 

microelectrodes. When an electric field of a sufficient strength is applied, small pores 

will form in the liposomal membranes. The amount of analyte that enters the vesicles is 

dependent on the analyte concentration gradient, membrane potential, duration of the 

applied field, and diffusion rate of the analyte. Electropermeabilization  is considered to 

be a mild method since the pore formation is reversible, i.e.  the membrane will basically 

heal itself when the electric field is removed.[414] Drawbacks of this method are 

difficulties of quantitative loading and loading structures with sizes larger than the 

effective pore diameter.  In order to overcome the latter limitation a combination of 

micropipette-assisted injection and electroporation has been used to introduce molecules 

into vesicles.[415] The basic idea is to destabilize the membrane with electric pulses prior 
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to the injection procedure which facilitates penetration of the micropipette needle without 

membrane damage. 

 Giant vesicles prepared from naturally occurring lipids are associated by weak 

van-derwaal forces and therefore lack the mechanical, chemical and thermal stability that 

might require to be used in the numerous types of applications discussed above. The 

robustness of the polymerized giant vesicles composed of bis-SorbPC and bis-DenPC, 

when compared to natural or unpolymerized lipids as shown in the previous chapter 

makes these supramolecular structures more suitable for the challenge, particularly as 

bio-sensors and micro-reactors. The conversion of a spherical bilayer membrane of a 

vesicle from a self-organized array of several thousand lipid molecules into a structure 

containing polymer chains has been shown to alter the permeability characteristics of the 

lipid membrane in large vesicles (100-200 nm).[155]  Therefore it is imperative to 

examine the permeability characteristics of polymerized giant vesicles before utilizing 

them as bio-sensors or microreactors.   

Permeability across membranes is determined by the solubility of the permeating 

molecule in the membrane, the diffusion coefficient in the membrane, and the thickness 

of the barrier. It has been suggested that diffusion through the lipid bilayer across a 

concentration gradient is the predominant rate-limiting step in permeation.[416, 417]The 

phospholipid membrane has been found to be selectively permeable towards certain 

molecules and act as a barrier to certain others.[417, 418]  Studies have shown that lipid 

membranes are extremely impermeable to cations with permeability coefficients in the 

range of 10-13 to 10-14 cm/sec for monovalent cations.[416-418] On the contrary diffusion 
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rates of anions are 2-3 orders of magnitude higher, and this enhancement has been 

attributed to the positive membrane potential in the lipid bilayer.[16, 419] Moreover 

certain gases like oxygen, nitrogen, carbon dioxide, etc., are sufficiently lipid soluble to 

allow rapid permeation across the membrane.  Therefore the rate of diffusion of a 

substance across a lipid bilayer parallels the solubility of that substance in the lipid 

bilayer relative to its solubility in water. Many polar and charged molecules and ions 

therefore rely on the processes of facilitated diffusion and active transport via ion 

channels and ionophores to move across membranes.  Moreover, lipid bilayer membranes 

exhibit considerably higher permeability to water, with permeability coefficients ranging 

from 10-2-10-4 cm/sec. However there is no conclusive mechanism as yet to determine 

how water crosses the lipid bilayer.[17] Thus the permeability of various molecules 

through the bilayer occurs in the following order: water > small nonelectrolyte >anions 

>cations.  Moreover in addition to the chemical nature of the permeating molecule both 

the composition and thermotropic state of the bilayer could play a significant role in 

membrane permeability.  Papahadjopoulos and coworkers reported that  the permeability 

of ions in vesicles increases at the vicinity of solid to liquid-crystalline phase 

transition.[15] The observed maximum in the diffusion rate was attributed to the 

increased permeability through regions of disorder which are formed in the membrane 

plane during the phase transition. These regions of disorder could result from the packing 

defects between the boundaries of gel and liquid crystalline domains.[18, 19, 21] 

Furthermore a strong temperature dependence of the permeability has also been observed. 

Apparently increase in the permeation of molecules in the liquid crystalline phase, due to 
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increase in the thermal motions of the chains of the lipids is observed when compared to 

a membrane in the gel state.[19, 21] Moreover numerous studies have reported that the 

permeability is enhanced with increasing unsaturation and decreasing chain length, both 

of which are correlated with an increase in the fluidity of the lipid bilayer.[420-422] 

Membrane permeability in vesicles is usually measured with a water soluble 

marker that is trapped in the vesicle by adding it during the vesicle formation process. 

The vesicles containing the marker are then separated from the unentrapped marker 

molecules either by dialysis or by size exclusion chromatography.  The permeability of 

the trapped makers is then commonly followed by fluorescence, enzymatic reactions, 

redox reactions, electron paramagnetic resonance or radiochemical techniques. The most 

commonly used method involves monitoring the increase in fluorescence of a self 

quenching dye, e.g. carboxyfluorescein, calcein as it permeates outside of the 

vesicle.[166, 423] 

Introducing polymerizable moieties into lipids has found to cause drastic changes 

in the membrane permeability of large vesicles.  Ringsdorf and coworkers found that 

polymerization notably decreased the leakage rate of carboxyfluorescein from liposomes 

made with bis-DenPC.[168] It was also found that at 20o C (2o C above Tm), 

unpolymerized liposomes released all of the trapped carboxyfluorescein in approximately 

50 hours whereas liposomes made from DPPC (Tm 41o C) only leaked 10% of the marker 

during the same period of time. However polymeric bis-DenPC vesicles did not show any 

appreciable leakage of the marker.[150] Regen and coworkers investigated the 

permeability of [14C] sucrose in methacryloyl-substituted phosphatidylcholine liposomes 
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before and after UV polymerization. Their results demonstrated that after a period of 4 

hours, the percentage of sucrose released from polymerized liposomes dropped by 50% 

relative that of unpolymerized liposomes.[168]  O’Brien et al. measured the permeability 

of [3H] glucose before and after polymerization of vesicles from methacryloyl and 

butadiene lipids.[166] The results indicated that the permeability in methacryloyl lipids 

dropped to half of that of the unpolymerized lipids under the polymerization conditions 

that form linear polymers. When the lipid was bisDenPC16,16, which formed crossed-

linked polymeric vesicles after polymerization the permeability only decreased by 30% 

compared to unpolymerized liposomes. In summary polymerization of bilayers composed 

of polymerizable lipids decreased the permeability to encapsulated markers. Linear 

polymerization changes the bilayer permeability by 0.2-0.5, whereas the formation of a 

crosslinked polymer network can decrease the permeability by at least 2 orders of 

magnitude.[166, 167]  

This chapter focuses on investigating the permeability behavior of giant vesicles 

made from bis-SorbPC and bis-DenPC lipids. A small negatively charged molecule, 

carboxyfluorescein, a commonly used fluorescent probe in membrane permeability 

studies[424-430], was used to investigate giant vesicle permeability. To determine if 

polymerized giant vesicles retain entrapped macromolecules, rhodamine-labeled bovine 

serum albumin was encapsulated and the permeability of unpolymerized and polymerized 

vesicles was compared. Moreover to demonstrate the applicability of these robust 

polymerized vesicles in biosensor and microreactor applications, the possibility of 
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performing an enzymatic reaction in these vesicles was also investigated using horse 

radish peroxidase and amplex red as the substrate.  

 

4.2 Experimental Overview 

4.2.1 Materials 

 Bis-SrobPC and bis-DenPC  lipids were synthesized as described in Appendix 2 

by Dr. Gemma D’Ambruoso and Dr. Ronald J. Wysoki. DOPC was purchased from 

Avanti polar lipids, 5-carboxyfluorescein and horseradish peroxidase (HRP)/amplex red 

assay kit from Molecular Probes, Rhodamine isothiocyante labeled bovine serum 

albumin from Sigma.  All the other chemicals were purchased from standard chemical 

sources. All the reagents were used as received without further purification. 

 

 

4.2.2 Entrapment and leakage of 5-carboxyfluorescein 

 5-carboxyfluorescein was entrapped into giant vesicles by using 0.1 mM solution 

of the marker in 10 mM sodium phosphate buffer with 10 mM MgCl2, pH 7.4 for bis-

SorbPC and 10 mM of  phosphate buffer with 10 mM KCl, pH 7.4 for bis-DenPC as the 

aqueous phase during vesicle preparation.  After evaporating the organic solvents in a 

rotary evaporator as mentioned in the previous chapter, a 0.5 mL aliquot of the resulting 

giant vesicle solution was transferred into a petri dish.  Once the giant vesicles settled on 

the bottom of the Petri dish, unentrapped craboxyfluorescein was removed by rinsing 

with 50-70 mL of buffer (10 mM sodium phosphate, 10 mM MgCl2, pH 7.4 for bis-

SorbPC, 10 mM sodium phosphate buffer , 10 mM KCl, pH 7.4 for bis-DenPC) by gently 
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filling  and subsequent removal of the buffer with a pipette. For bis-SorbPC the 

permeability of vesicles were studied above (35o C) and below (room temperature, 24.5o 

C) the Tm to investigate  the effect of temperature on the permeability. For bis-DenPC 

giant vesicles the permeability was investigated at room temperature which was above 

the Tm for this lipid. Rinsing of unentrapped carboxyfluorescein was carried out with 

respective buffers equilibrated at room temperature for bis-DenPC and bis-SorbPC giant 

vesicles that were studied below Tm. For bis-SorbPC giant vesicles  studied above Tm,  

unentrapped dye was removed by rinsing with the buffer equilibrated at 35o C. The 

temperature of the buffer in the Petri dish was maintained at 35o C using the heating rope 

(6 inch, 25 W from McMaster Carr) connected to the Variac as mentioned in section 

3.2.3. After rinsing, the volume of the buffer in the Petri dish was kept at 4 mL in all the 

experiments.   

 Leakage of 5-carboxyfluorescein was monitored by fluorescence microscopy with      

480/30 nm excitation filter and 535/40 nm emission filter, as a function of time.  Images 

were recorded on a Nikon Eclipse TE300 Quantum inverted microscope using a 40x / 0.6 

N.A. objective and MicroMAX 512BFT back-illuminated video camera.  MetaVue 5.0 or 

MetaVue 6.0 software (Universal Imaging, Downingtown, PA) was used to capture and 

analyze all images.  

 To determine if carboxyfluorescein leakage occurred during polymerization, UV 

polymerization of the giant vesicles was carried out using two approaches. In the first, 

giant vesicles were polymerized after they settled at the bottom of the Petri dish without 

washing away the unentrapped dye. After UV polymerization was completed the 
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unentrapped dye was removed by rinsing with the buffer as described earlier.  In the other 

approach UV polymerization was carried out after rinsing the unentrapped dye.  In both 

cases, polymerization of the two lipids was performed under the same conditions 

described in chapter 3. 

For comparison, giant vesicles from DOPC were prepared in 10 mM sodium 

phosphate, 10 mM KCl (pH 7.4) buffer with entrapped carboxyfluorescein according to 

the same procedure. The leakage from these vesicles was also measured as described 

above. Moreover in order to determine if the carboxyfluorescein was photo bleached 

during the time of UV exposure, DOPC giant vesicles containing entrapped 

carboxyfluorescein were exposed to UV light under the same conditions used for the two 

polymerizable lipids. 

 

4.2.3 Entrapment and leakage of fluorescently labeled bovine serum albumin 

 Rhodamine isothiocyante-labeled BSA was encapsulated in the vesicles by 

adding the labeled protein to the respective aqueous phases described in Chapter 3 for the 

two polymerizable lipids from a stock solution to a final concentration of 0.1 mg/mL, 

prior to evaporation of the organic phase. Aliquots (0.5 mL) of the resulting vesicle 

solution were transferred to a Petri dish and after the vesicles settled, unentrapped protein 

was removed by gently rinsing as described in section 4.2.2 with buffer. The buffer was 

equilibrated at 35o C for bis-SorbPC permeability studies carried out above Tm and 

equilibrated at room temperature for studies of bis-SorbPC below Tm and bis-DenPC. 

Fluorescent images of unpolymerized and UV polymerized giant vesicles containing 
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labeled BSA were recorded as a function of time by fluorescence microscopy with a 

540/25 nm excitation filter and a 510/75 nm emission filter. Meta Vue 6.0 software 

(Universal Imaging, Downtown, PA) was used to capture and analyze all images.  

 

4.2.4     Giant vesicle as a microreactor with entrapped peroxidase 

Stock solutions of Horse Radish Peroxidase (HRP), Amplex Red and H2O2 were 

prepared according to the assay kit instructions. Briefly a 5 mM stock solution of Amplex 

Red was prepared by dissolving the reagent in dimethyl sulfoxide (DMSO). 50 mM  

sodium phosphate reaction buffer (pH 7.4)  was prepared from a 5X concentrate supplied 

in the kit and this diluted buffer was used to prepare stock solutions of the enzyme and 

H2O2. HRP stock solution (10 U/ml) was prepared by dissolving HRP powder in reaction 

buffer (1 unit of enzyme activity is  defined as the amount of enzyme that will form 1.0 

mg of purpurogallin from pyrogallol in 20 seconds at pH 6.0 and 20° C). Using the 

supplied ~3% H2O2 stabilized solution, a 20 mM stock solution was prepared using 

reaction buffer as the diluent and a 1 mM working solution was prepared with  this stock 

solution.  Both H2O2 and Amplex Red solutions were prepared on the day of the 

experiment. All stock solutions were stored under a positive argon pressure. To entrap the 

enzyme in bis-SorbPC vesicles, 30 µL of HRP stock solution was added to 7 mL of 10 

mM sodium phosphate, 10 mM MgCl2 buffer; for bis-DenPC and 10 mM sodium 

phosphate, 10 mM KCl was used. In both cases the buffers were purged with argon.  (The 

final concentration of HRP was 10 mU/mL).  After mixing, these solutions were used to 

make giant vesicles as described in Chapter 3 and 0.5 mL of the resulting vesicle solution 
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was used in the subsequent steps. After the vesicles settled at the bottom of the dish 

unentrapped HRP was removed by rinsing with the respective buffers purged with argon.   

Two milliliters of solution was left behind in the Petri dish containing the vesicles  after  

rinsing, in order to exactly determine the concentration of amplex red and H2O2. Five µL  

of amplex red and 20 µL of H2O2 from stock solutions were added to the Petri dish and 

equilibrated  under positive argon pressure to minimize the oxidation of H2O2. The final 

concentration of Amplex Red and  H2O2 were 50 µM and 10 µM  respectively. 

Fluorescence from giant vesicles was observed by epifluorescence microscopy using  

excitation and emission filters of  540/25 nm and  510/75 nm respectively. Images were 

captured and analyzed as before by  Meta Vue 6.0 software. 

 UV polymerization of giant vesicles was carried out under the conditions 

described in Chapter 3 for each lipid after rinsing out the unentrapped enzyme.  

Following polymerization, the peroxidase assay was performed as described above with 

these vesicles. 
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4.3 Results and Discussion 

4.3.1 Entrapment and leakage of 5-carboxyfluorescein 

Measurement of the permeation of encapsulated carboxyfluorescein (Figure 4.1)  

through the membranes composed of bis-SorbPC and bis-DenPC was carried out under 

different conditions. Leakage was measure by taking fluorescent images of 

unpolymerized vesicles as a function of time after removing the unencapsulated dye.  For 

UV polymerized vesicles, the experiment was carried out in two discrete stages.  In the 

first stage the giant vesicles were polymerized before washing out the unentrapped dye.  

In this way giant vesicles had same concentration of carboxyfluorescein inside and 

outside of the vesicle during UV exposure and this prevented a net flux of the dye during 

polymerization.  In the second phase giant vesicles were polymerized after rinsing out the 

unencapsulated dye.  This strategy made it possible to investigate if leakage of the dye 

could occur during polymerization. For comparison the leakage of carboxyfluorescein 

from DOPC giant vesicles was measured before and after exposure to UV light as 

described above. 

 From the fluorescent images captured over time, normalized fluorescence 

intensity was calculated for each image according to the following equation,  

  Normalized fluorescence intensity    =      ( It -  Ib)  /  ( Im – Ib)  

where It is the average fluorescence intensity at time t, Im is the maximum average 

fluorescent intensity  and Ib is the average background fluorescence intensity. The 

fluorescence intensity was measured as counts per pixel. For UV polymerized giant 

vesicles Im corresponds to the maximum average fluorescence intensity after exposing to 



 

 

228

 

UV light. For Im and It measurements, a circular region enclosing the giant vesicle was 

selected.  For Ib, a circular region without any giant vesicles in the captured frame was 

used. The size of the   areas used to determine the average fluorescence from images, was 

the same for each image captured during a single experiment. 

 As revealed in Figures 4.2, 4.3 and a plot of normalized fluorescence intensity vs 

time (Figure 4.4A), DOPC giant vesicles did not show appreciable leakage of the dye  

regardless of exposure to UV light.   This shows that UV exposure of the lipid in these 

vesicles does not adversely affect bilayer permeability. Thus DOPC bilayers in these 

vesicles act as a barrier to permeation of carboxyfluorescein. Herma Trauble[431]  first 

proposed that solute permeation across  lipid bilayers might be due to transient pores 

formed within the bilayer formed by rotational isomerization occurring in a sequential 

pattern along the phospholipid acyl chains.  However for ion permeation to occur, a 

coordinated sequence of events needs to occur in opposing acyl chains. This degree of 

coordination should be a rare event, particularly when the acyl chains are relatively long 

and should be drastically inhibited by the presence of C-C double bonds (such as in 

DOPC).  As double bonds do not allow free rotation about their axes, the progress of the 

kinks/free space along the acyl chains should be blocked.  Thus the permeability of ions 

could be highly attenuated in DOPC membranes.  

The low permeability of carboxyfluorescein makes it possible to determine the 

extent of bleaching caused by exposure to UV light under the experimental conditions 

used.  The percentage of bleaching was calculated as follows. 
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           Figure 4.1  Structure of 5-(and 6)-carboxyfluorescein isomers. 

 
 

                                     
 

                                    
 

Figure 4.2 Fluorescence micrographs acquired as a function of time of a DOPC giant 

vesicle containing entrapped carboxyfluorescein. 

Initial 15 minutes 

30 minutes 1 hour 
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Figure 4.3 Fluorescence micrographs acquired as a function of time of a DOPC giant 

 vesicle containing entrapped carboxyfluorescein after 15 minutes of   UV exposure. UV 

exposure was carried out after rinsing unentrapped dye. 
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Figure 4.4 Plot of normalized fluorescence intensity as a function of time for 

carboxyfluorescein  entrapped in giant vesicles composed of A) DOPC and B) bis-DenPC 

B 
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          Figure 4.5 Fluorescence micrographs acquired as a function of time of an      

          unpolymerized bis-DenPC giant vesicle containing entrapped carboxyfluorescein.  
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     Figure 4.6 Fluorescence micrographs acquired as a function of time of a UV 

     polymerized bis-DenPC giant vesicle containing entrapped carboxyfluorescein.  UV 

     polymerization was carried out after rinsing away the unentrapped dye. 
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         Figure 4.7   Fluorescence micrographs acquired as a function of time of a UV 

         polymerized bis-DenPC giant vesicle containing entrapped  carboxyfluorescein.      

         UV polymerization was carried out before rinsing away the unentrapped dye. 

Initial After  polymerization 

15 min 30 min 

45 min 1hour 

10 µm 



 

 

235

 

       % Bleached  =   100  -  [(IUV   -   Ib)/(Ii  –  Ib)] 100 

 where IUV is the average fluorescence after exposure to UV, Ii is the initial average 

fluorescent intensity, and Ib is the average background fluorescence. Under the UV 

exposure conditions described in section 3.2.5 for bis-SorbPC vesicles, the % bleached 

was 2.3% and 4.8%  for UV exposure before and after rinsing the dye from the extra 

vesicular volume respectively. For bis-DenPC these numbers were 1.6% and 3.3%.  

These results indicate that carboxyfluorescein in the vesicles is not appreciably bleached 

by exposure to UV light. 

 Similar to DOPC vesicles, bis-DenPC showed negligible leakage in 

unpolymerized and UV polymerized vesicles under the time period observed (Figures 

4.4B, 4.5, 4.6, 4.7)  However carboxyfluorescein leakage measured by Tsuchida et 

al.[169] from large vesicles composed of cross-linked bis-DenPC  showed that  15 %  of 

the dye leaked at 50o C after 1 hour.  The slow leakage from giant vesicles observed here 

could be due to effective packing of the lipids in giant vesicles due to low curvature.  The 

degree of impurity in the lipid and the difference in the temperatures used also could be 

sources for the difference in the leakage in the two studies. 

 In contrast to DOPC and bis-DenPC giant vesicles, fluorescence due to 

encapsulated carboxyfluorescein in unpolymerized bis-SorbPC giant vesicles equilibrated 

at 35o C  showed a gradual decrease  over time (Figures 4.8 and 4.11A).  The exact reason 

for this leakage is uncertain but similar behavior has been observed with large vesicles 

containing the water soluble fluorescent marker ANTS (8-aminonaphthalene-1,3,6-

trisulphonic acid) and the collisional quencher DPX (α,α’-bis-pyridinium-1,4-xylene 
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dibromide). In this study it was found that stable encapsulation was not possible with 

vesicles contained 30% or more bis-SorbPC.[432] The leakage of the dye in these 

vesicles could be due to inefficient packing of the bis-SorbPC lipids as a result of Sorbyl 

moieties present at the end of the chain terminus of each tail (Figure 4.24). Moreover the 

presence of this moderately hydrophilic moiety might allow carboxyfluorescein to 

partition into the bilayer.  However, the reasons predicted at this point to explain this 

unusual leakage is purely hypothetical. 

Similar to unpolymerized bis-SorbPC giant vesicles, vesicles that were UV 

polymerized before rinsing out the unencapsulated marker showed leakage of 

caroboxyfluorescein (Figures 4.9 and 4.11A). In both cases the leakage was rapid at the 

beginning, until about 60% of the dye had leaked out and then it began to slow. However 

in this instance it was expected the polymerized giant vesicle to have slower leakage 

[160, 170] as  cross-linking of the lipid  monomers would decrease the average distance 

of separation of the lipid molecules[167, 433] thereby expected to contain lower density 

of packing faults. However based on the results from this study it seems like that even 

upon polymerization the packing constraints are still not solved. Therefore the leakage 

observed from these UV polymerized vesicles might probably occur through fissures or 

voids formed within the polymer network. Moreover due to lack of motion of the cross-

linked polymers or lack of sufficient unpolymerized bis-SorbPC monomers to fill these, 

fissures might never seal, resulting in the release of liposomal contents. 
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Figure 4.8 Fluorescence micrographs showing the leakage of carboxyfluorescein from an 

unpolymerized bis-SorbPC giant vesicle equilibrated at 35o C. 
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Figure 4.9 Fluorescence micrographs showing the leakage of carboxyfluorescein from a UV polymerized bis-SorbPC giant 

vesicle equilibrated at 35o C. UV exposure was carried away before rinsing out the unentrapped dye. 

 

Before polymerization After polymerization 

15 min 

10 min 

30 min    1 hour 

10 µm 



 

 

239

 

                                       
 
 

                                       
 
 

Figure  4.10  Fluorescence micrographs showing the leakage of carboxyfluorescein from a UV polymerized bis-SorbPC giant 

vesicle equilibrated at 35o C. UV exposure was carried out after rinsing away the unentrapped dye.
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Figure 4.11 Plot of normalized fluorescence intensity as a function of time for 

carboxyfluorescein  entrapped in vesicles composed of A) bis-SorbPC at 24.5o C and B) 

bis-SorbPC at 35o C 
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 A 
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Figure 4.12 Fluorescence micrographs showing the leakage of carboxyfluorescein from 

an unpolymerized bis-SorbPC giant vesicle equilibrated at 24.5o C. 
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Figure 4.13 Fluorescence micrographs showing the leakage of carboxyfluorescein from a 

UV polymerized bis-SorbPC giant vesicle equilibrated at 24.5o C. UV exposure was 

carried out before rinsing away the unentrapped dye. 
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Figure 4.14 Fluorescence micrographs showing the leakage of carboxyfluorescein from a 

UV polymerized bis-SorbPC giant vesicle equilibrated at 24.5o C. UV exposure was 

carried away after rinsing out the unentrapped dye. 
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Figure 4.15  Fluorescence micrographs showing the leakage of carboxyfluorescein from 

an unpolymerized bis-SorbPC giant vesicle when heated from  24.5o C rapidly and 

equilibrated at 35o C.  
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Figure 4.16 Fluorescence micrographs showing the leakage of carboxyfluorescein from a 

UV polymerized bis-SorbPC giant vesicle when heated from 24.5o C rapidly and 

equilibrated at 35o C.  
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 Figure 4.10 shows fluorescence micrographs acquired as a function of time for a 

bis-SorbPC giant vesicle that was UV polymerized after rinsing away the unentrapped 

dye.  The fluorescence intensity in this instance dropped by 29.2 % from that measured 

before exposure to UV light.  Since the drop in fluorescence due to bleaching of the dye 

is small (4.8%), the 29.2% drop in fluorescence demonstrates that vesicles leak 

extensively during the polymerization process.   In addition to the possible reasons 

mentioned above, leakage could occur at the boundaries of the unpolymerized and 

polymerized domains during UV exposure (Figure 4.25).  After polymerization the 

leakage presumably continued from these vesicles as before. 

 Giant vesicles of bis-SorbPC that were studied at room temperature (24.5o C) 

exhibited substantially different behavior. The drop in the fluorescence intensity for 

unpolymerized and UV polymerized vesicles was less severe (~1%) compared to the 

vesicles equilibrated at 35o C (~60%) (Figures 4.11B, 4.12, 4.13 and 4.14). The most 

likely explanation for this behavior is increased ordering in the acyl chains and restriction 

in tail movement of the  lipids when cooled below the Tm.  This ordering therefore could 

lead to decrease in the packing defects found in bis-SorbPC giant vesicles equilibrated 

above the Tm.  The leakage of the dye was not appreciable (~1%) even after the 

polymerization was carried out after rinsing away the dye.  This behavior could result 

from efficient packing of the lipids in the polymerized membranes giving rise to  

minimum packing faults. Moreover highly convoluted superstructure in these bis-SorbPC 

vesicles at room temperature as discussed in section 3.3.3 might trap the molecules from 

escaping from the vesicle interior and hinder the leakage of the dye.  Heating 
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unpolymerized giant vesicle gradually  leaked out the contents encapsulated in the 

interior as the lipid tails gain motion generating packing defects. Moreover leaking can 

also be induced by unwrinkling of the superstructure  in these vesicles with gradual 

increase of the temperature as described in section 3.3.3. For giant vesicles that were UV 

polymerized the leakage was even slower than the unpolymerized vesicles upon heating 

(Figure 4.16). Yet again this could be due to less motion of the cross-linked polymer 

fragments relative to lipid monomers.  

 

4.3.2 Entrapment and leakage of fluorescently labeled bovine serum albumin 

Having considered the permeability of carboxyfluorescein in giant vesicles made 

from bis-SorbPC and bis-DenPC lipids, the next question was to know if these vesicles 

could retain encapsulated macromolecules, especially  bis-SorbPC vesicles where 

significant leakage of carboxyfluorescein was observed at 35o C. It is important that these 

vesicles do not leak encapsulated macromolecules in order to use these as micro-reactors 

or bio-sensors. This aspect was addressed by encapsulating rhodamine isothiocyanate 

labeled BSA (TRITC-BSA) in vesicles and acquiring fluorescence images over time. 

BSA is a 67 kD, water soluble protein with an isoelectric point of  5, thus at the pH used 

in this study it carries a negative charge.[434]  

 Similar to the carboxyfluorescein leakage studies the permeability of TRITC-BSA 

was investigated in unpolymerized and UV polymerized vesicles.  UV polymerization  

was once again carried out both before and after rinsing away the unentrapped protein to 

remove background fluorescence. The leakage properties did not differ using these two  
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          Figure 4.17 Fluorescence micrographs acquired as a function of time for an  

          unpolymerized bis-DenPC giant vesicle containing entrapped with TRITC-BSA.  
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Figure 4.18 Fluorescence micrographs acquired as a function of time for a  UV polymerized bis-DenPC giant vesicle 

containing entrapped TRITC-BSA. UV exposure was carried out after  rinsing away the unentrapped protein. 
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Figure 4.19 Fluorescence micrographs acquired as a function of time for an 

unpolymerized  bis-SorbPC giant vesicle equilibrated at 35o C containing entrapped BSA.  
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Figure 4.20 Fluorescence micrographs acquired as a function of time for a UV polymerized  bis-SorbPC giant vesicle 

equilibrated at 35o C containing entrapped BSA. UV exposure was carried out after rinsing away the unentrapped protein. 
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Figure 4.21 Fluorescence micrographs acquired as a function of time for an 

unpolymerized  bis-SorbPC giant vesicle equilibrated at 24.5o C containing entrapped 

BSA.  
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Figure 4.22 Fluorescence micrographs acquired as a function of time for a UV polymerized  bis-SorbPC giant vesicle 

equilibrated at 24.5o C with entrapped BSA. UV exposure was carried out after  rinsing away the unentrapped protein.
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Figure 4.23   Plot of normalized fluorescence intensity as a function of time for TRITC-

BSA entrapped in A) bis-DenPC   B) bis-SorbPC vesicles at 35o C and 24.5o C 

captured over time, normalized fluorescence intensity was calculated as described above 

in section 4.2.2.  
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polymerization approaches and thus only experimental results for vesicles polymerized 

after rinsing out the unentrapped protein are reported here. From the fluorescent images  

 Fluorescence intensity of both unpolymerized (Figures 4.17 and 4.23A)  and UV 

polymerized (Figure 4.18 and 4.23A) bis-DenPC giant vesicles entrapped with BSA, 

remained constant over the period of observation. This behavior was very similar to 

carboxyfluorescein entrapped unpolymerized and polymerized bis-DenPC vesicles 

discussed in section 4.3.2. Likewise, unpolymerized and UV polymerized bis-SorbPC 

equilibrated at 35o C and room temperature did not show any appreciable change in the 

fluorescence intensity as a function of time (Figures 4.20, 4.21, 4.22, 4.23B).   These 

results show that any defects/pin holes present in the bilayers of these vesicles are small 

enough to prevent leakage of BSA. Based on low-angle X-ray scattering[435], the 

structure of serum albumin was originally postulated to be an oblate ellipsoid with 

dimensions of 140×40 Å but subsequent studies using 1H NMR and a combined 

phosphorescence depolarization-hydrodynamic modeling study indicated that this 

structure was unlikely.[434, 435]  A heart-shaped structure was proposed [434, 436] 

based on these results which also agrees with the  X-ray crystallographic data with the 

dimensions of 140x40 Å. Thus any imperfections in the poly(lipid) bilayer, especially in 

bis-SorbPC, are smaller than these dimensions which prevents leaking of BSA (Figure 

4.26).  

 

 

 



 

 

256

 

 

 

 

Figure 4.24 Schematic diagram of unpolymerized bis-SorbPC and bis-DenPC gaint 

vesicles showing the packing of the lipids in the bilayer.  Presence of the sorbyl moiety at 

the end of the chain terminus of each tail could lead to ineffective packing when 

compared to bis-DenPC lipids with the polymerizable moiety located near the head 

region. 
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Figure 4.25 Schematic diagram showing the leakage of carboxyfluorescein from the 

boundaries of unpolymerized and polymerized domains during UV exposure of a bis-

SorbPC giant vesicle. 

 

 

 

 

 

Figure 4.26 Schematic diagram of a UV polymerized giant vesicle membrane with  

defects/pinholes that are small enough to prevent leakage of TRITC-BSA. 
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4.3.3    Giant vesicle as a microreactor with entrapped peroxidase 

 In recent years, giant vesicles have attracted the attention of several research 

groups as microreactors, particularly as biological microreactors.[315] As mentioned 

before in section 4.1, one of the main reasons that giant vesicles are so attractive for this 

application is,  because reactions occurring in the giant vesicle interior can be directly 

studied in situ and in real time by optical microscopy. Fluorescent reactions have usually 

been used to visualize the outcome of these reactions.[315] Enzymatic reactions that have 

been carried out in giant vesicles have been reviewed by Walde.[315] He describes two 

conceptually different cases. The first case is where vesicles are composed of 

amphiphiles, which are enzyme substrates.[406, 437] An example for this is enzymatic 

hydrolysis of a giant vesicle composed of POPC lipid by microinjection of snake venom 

phospholipase A2 adjacent to, or into giant vesicles.[406]  In this study enzymatic 

hydrolysis of components of the lipid bilayer was observed over time. The second 

approach is to utilize water soluble enzymes that act on water soluble substrates within 

the aqueous interior of the giant vesicles.[407, 438, 439] Using this approach variety of 

enzymes, including alkaline phosphotase, D-fructose dehydrogenase, sarcosine 

dehydrogenase, T7 RNA polymerase have been encapsulated.  In the latter example[407]  

giant vesicles were used as microreactors in which mRNA was synthesized  by 

encapsulating the DNA template and the polymerase enzyme in a giant vesicle, while the 

substrate molecules were added to the external medium.  

 To utilize giant vesicles as microreactors, in which the entrapped enzyme 

catalyzes a particular reaction inside the vesicles, at least the four following requirements 
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have to be fulfilled[49]: (i) acceptable enzyme stability; (ii) sufficient vesicle stability; 

(iii) low leakage of the enzyme from these vesicles  and (iv) sufficient permeability of the 

vesicle bilayer for the enzyme’s substrate(s).  In the work mentioned above microreactors 

were prepared with special attention to requirements (i), (iii) and (iv).  However it would 

be advantageous to use robust microreactors that are stable to organic solvents, 

surfactants, elevated temperatures and mechanical stress etc. Using robust giant vesicles 

will also increase the shelf life of these microreactors. The stability of UV polymerized 

giant vesicles of bis-SorbPC and bis-DenPC compared to the unpolymerized vesicles 

makes them suitable to design robust microreactors.  Both types of vesicles also fulfill the 

attributes (iii) and (iv) required by giant vesicles to be used as microreactors. 

 Giant vesicles made from polymerizable lipids were investigated as a micro-

reactor by carrying out an enzymatic reaction in the vesicle interior with encapsulated 

horseradish peroxidase (HRP). HRP is a heme protein found in horseradish roots and is a 

single chain polypeptide with a molecular weight of about 40 kD. HRP has been found to 

readily combine with hydrogen peroxide (H2O2), and the resultant complex [HRP-H2O2], 

oxidizes a wide variety of hydrogen donor substrates.[440] Several different chromogenic 

and chemiluminescent substrates have been utilized to assay peroxidase activity in this 

manner. For this study amplex red was used as the hydrogen donor. In the presence of 

HRP and H2O2, amplex red reagent reacts in 1:1 stoicheometry to produce a highly red 

fluorescent resorufin[441] (Figure 4.27). Thus this amplex red reaction has been used to 

routinely detect H2O2 concentrations as little as  50 nM. In this study the formation of the 

red fluorescence was used to determine if the reaction occurred in the vesicle.  
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 After rinsing away the unentrapped enzyme, amplex red and  H2O2 were added 

into the Petri dish containing the vesicles and were equilibrated.  Fluorescence was 

detected as described in the experimental section. Vesicles were polymerized by exposing 

to UV light after rinsing away the excess HRP.   

 In the absence of amplex red, H2O2 or HRP detectable levels of fluorescence was 

not observed (Figure 4.28D). This indicates that all three compounds need to be present 

to generate fluorescence. Thus in order to generate the fluorescent product both amplex 

red and H2O2  need to permeate through the bilayer to interact with the enzyme entrapped 

in the vesicle.  

  In both unpolymerized and UV polymerized bis-DenPC vesicles (Figure 4.28A, 

data not shown for unpolymerized vesicles) fluorescence was observed ~ 15 minutes after 

adding amplex red and H2O2.  Similar to these vesicles both unpolymerized and 

polymerized bis-SorbPC giant vesicles (Figure 4.28B, data not shown for unpolymerized 

vesicles) showed fluorescence due to resorufin production after addition of amplex red 

and H2O2. However the fluorescence was generated in a shorter time period (~ 3 min) 

with bis-SorbPC when compared to bis-DenPC vesicles. This may be due to 

imperfections in the bilayer packing of bis-SorbPC as witnessed by the 

carboxyfluorescein leakage study, which allow rapid partitioning of amplex red and H2O2 

into the vesicle interior.  

 For unpolymerized and UV polymerized bis-SorbPC vesicles equilibrated at 24.5˚ 

C, fluorescence was observed (Figure 4.28C, data not shown for unpolymerized vesicles) 

after equilibrating even longer times (~ 35 min).  This suggests that both H2O2 and 



 

 

261

 

amplex red can still permeate through these membranes but at slower rate.  This could be 

attributed to well ordered packing of the lipid tails in the gel state of bis-SorbPC.  Given 

that theses vesicles were able   to   generate   fluorescence   even   after   UV   

polymerization   suggests that under the polymerization conditions used for these vesicles 

HRP still retains sufficient enzymatic activity.  

 The ability to carryout enzymatic reactions in these polymerized vesicles suggests 

that these could be used as robust microreactors or biosensors with macromolecules 

entrapped in the vesicle interior. 

 

 

 

 
 
                
 
 

 

 

 

Figure 4.27 Conversion of Amplex Red into Resorufin. Horseradish peroxidase uses 

Amplex red as an electron donor during the reduction of hydrogen peroxide. The 

resultant product, resorufin, is a highly colored and a fluorescent compound. 
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Figure 4.28 Conversion of amplex red into resorufin by horseradish peroxidase (HRP) 

during the reduction of hydrogen peroxide (H2O2).  Amplex red and hydrogenperoxide 

were added to the Petri dish containing polymerized vesicles entrapped with HRP. Both 

molecules permeate into the vesicle interior and interact with the enzyme, generating the 

fluorescent product, resorufin. (A) UV polymerized bis-DenPC giant vesicle, 20 minutes 

after addition of amplex red and H2O2  (B) UV polymerized bis-SorbPC equilibrated at 

35o C, 5 minutes after addition of amplex red and H2O2  (C) UV polymerized bis-SorbPC 

equilibrated at 24.5o C, 45 minutes after  addition of amplex red and H2O2 (D) 

Background fluorescence after addition of amplex red and H2O2 in the absence of 

entrapped HRP. A similar behavior was observed when either amplex red or H2O2 was 

absent.  
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4.4 Conclusions 

 In this chapter the permeability of giant vesicles made from bis-SorbPC  and bis-

DenPC was studied by using carboxyfluorescein, a small negatively charged molecule 

and TRITC-BSA, a macromolecule.  No appreciable leakage of carboxyfluorescein was 

observed from giant vesicles made form bis-DenPC and bis-SorbPC equilibrated at room 

temperature. This behavior did not change when vesicles were UV polymerized. On the 

other hand, bis-SorbPC equilibrated at 35 ˚C showed appreciable leakage of the dye both 

before and after polymerization. Regardless of the temperature and degree of 

polymerization, bis-DenPC and bis-SorbPC vesicles did not show any leakage of 

rhodamine labeled BSA during the period of observation. These findings therefore 

suggest that bis-DenPC and bis-SorbPC equilibrated at 24.5 ˚C probably have effective 

packing of the lipid in the bilayer to prevent leakage of these molecules. In contrast, for 

bis-SorbPC equilibrated above its Tm dye leakage probably occur through defects or pin 

holes in the bilayer but these imperfections are small enough to prevent leakage of a 

macromolecule. 

 Knowledge gained regarding the permeability of these molecules in giant vesicles 

was used to carry out an enzymatic reaction using horse radish peroxidase, amplex red 

and H2O2. Both amplex red and H2O2 were able to permeate through the membranes of 

the giant vesicles of  bis-DenPC and bis-SorbPC both equilibrated above and below Tm to 

complete this reaction in the vesicle interior containing the enzyme. UV polymerization 

of these vesicles still allowed performing this reaction. The potential to execute 

enzymatic reactions in these vesicles suggests that they could be used to carryout other 
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types of reactions with macromolecules entrapped in the vesicle interior.  This enables 

use  of these polymeric spheres as microreactors and in biosensing applications. 
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CHAPTER  5. 

   SUMMARY AND FUTURE DIRECTIONS  

5.1 Summary       

The work described in this document has focused on two types of supramolecular 

assemblies, supported lipid membranes and giant vesicles from polymerizable lipids.  

 

5.1.1 Reconstitution of rhodopsin into polymerizable lipid membranes 

  Supported lipid membranes have been prepared and studied extensively 

during the past 20 years, predominantly as structural models in biophysical studies of cell 

membranes.[82, 130, 442]  These membranes are now being investigated as coatings for 

sensor transducers and biocompatible coatings for synthetic materials.[280, 443-445] 

With regard to implementation as a biocompatible scaffolding for receptor-based 

molecular devices, a fluid supported lipid membrane lacks  chemical, thermal and 

mechanical stability.[82, 110, 140] This results because lipids are self-organized into a 

bilayer by relatively weak, noncovalent forces that are insufficient to maintain the 

lamellar structure under destabilizing conditions, e.g. detergents, removal from water. 

Although this problem is well recognized, it is rarely discussed in the growing literature 

on transmembrane receptor-based biosensors and biochips.  Most studies have focused on 

construction of a device that exhibits protein activity but do not address the inherent 

stability issues such as maintenance of protein activity and bilayer structure during 

storage and reuse. One possible solution to address the inherent instability of fluid 

supported lipid membranes is to use synthetic lipid monomers that can be polymerized to 
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form robust bilayers. A key question is how polymerization affects transmembrane 

protein structure and activity. Specifically it is unclear if extensive lipid cross-linking can 

be achieved without adversely affecting the activity of incorporated transmembrane 

proteins.  The conventional view is that the membrane must be highly fluid to maintain 

transmembrane protein activity.[82, 84, 88]  Moreover polymerization conditions could 

also perturb reconstituted protein activity.  

Here the effect of lipid polymerization on transmembrane protein activity was 

studied with rhodopsin, a G protein coupled receptor. The protein was reconstituted into a 

planar supported lipid bilayer composed of polymerizable lipids, bis-SorbPC, bis-

SorbPC:mono-SorbPC (1:1), bis-DenPC and bis-SorbPC:mono-SorbPE (1:1). Rhodopsin 

photoactivity was monitored using plasmon waveguide spectroscopy (PWR). Rhodopsin 

was an ideal model protein for this study as it undergoes conformational changes  upon 

photoactivation due to transition between two conformational states meta I and meta II. 

The extent of the meta I to meta II transition has been found to be dependent on the 

composition of the lipid bilayer. 

Supported membranes prepared from these lipids on the silica surface of the PWR 

prism gave rise to  p and s polarized spectral shifts that were consistent with formation of 

a single lipid bilayer. Lipid bilayers were polymerized by UV irradiation and under these 

conditions ≈95% of lipid was polymerized. Surfactant dissolution of polymerized 

supported bilayers of these lipids showed enhanced stability over the unpolymerized 

analogues, showing the bilayers were polymerized. 



 

 

267

 

Lipid bilayers reconstituted with rhodopsin were prepared by incorporating 

rhodopsin into supported fluid lipid membranes followed by exposure to UV light. 

Photoactivation of rhodopsin in these different bilayers showed a noteworthy behavior. In 

both poly(bis-SorbPC) and poly(bis-SorbPC:mono-SorbPC), photoactivation of 

rhodopsin occurred to the same extent as unpolymerized bilayers, indicating that 

polymerization does not affect the photoactivation. A possible explanation is that these 

poly(lipid) bilayers, when polymerized in the acyl chains  with relatively low Xn (~3-10), 

retain sufficient elasticity to accommodate the membrane deformation that accompanies 

the conformational change associated with rhodopsin activation. Moreover when   

compared   to  polymerized  bis-SorbPC bilayers, the cross-linking density is not as high 

as in mixed bilayers due to the limited amount of bifunctional lipid. Despite this, shifts 

after photo-activation were similar in poly(bis-SorbPC:mono-SorbPC) and  poly(bis-

SorbPC), indicating  that flexibility of the polymerized bilayer is sufficient  for   meta I to 

meta II transition irrespective of the cross-linking density. 

In contrast  poly(bisDenPC) does not show photoactivation to the same degree as 

unpolymerized bilayers of bis-DenPC.  This may  result from formation of two cross-

linked networks near the  more ordered head regions of the bilayer resulting in a more 

rigid polymer that does not have  sufficient flexibility  necessary for the  rearrangement 

of the proteolipid membrane to favor meta II formation.   A similar behavior was 

observed for photoactivation of rhodopsin in poly(bis-SorbPC:mono-SorbPE) bilayers. 

Upon polymerization, the shifts resulting from rhodopsin activation were even smaller 

than before polymerization, and these shifts were much closer to those observed for 
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poly(bis-SorbPC) and poly(bis-SorbPC:mono-SorbPC) bilayers. An unpolymerized 

PC/PE mixture favors meta II formation more than other lipid membranes because the 

spontaneous curvature of the membrane lipids are matched to the lipid/protein interface 

in the meta II state.  However upon polymerization the membrane seems to be inflexible 

enough to undergo membrane reorganization to the same extent as the unpolymerized 

membranes. However poly(bis-SorbPC:mono-SorbPC) still appears to allow 

photoactivation of rhodopsin to a similar degree as poly(bis-SorbPC) and poly(bis-

SorbPC:mono-SorbPC. 

In some experiments bilayers were polymerized before incorporation of  

rhodopsin. It was shown that protein could still interact with the poly(bilayer) but shifts 

induced by yellow light activation were smaller than for unpolymerized and UV 

polymerized bilayers that were reconstituted with rhodopsin before  polymerization.   

This could occur if polymerization hinders the correct insertion of the protein into the 

bilayer. Moreover rhodopsin may not be active if it is adsorbed on the lipid bilayer or 

conformational change accompanying the meta I to meta II transition is prevented due to  

steric hindrance and/or conformational changes in the protein. 

 

 5.1.2 Characterization and stabilization of bis-SorbPC and bis-DenPC giant vesicles 

       Giant vesicles from polymerizable lipids were also investigated in the work 

discussed in this document. As a result of their structural integrity and ease of handling, 

giant vesicles from polymerizable lipids could be utilized in chemical detection schemes 

and as carriers for many molecules. Most of the studies on polymerized giant vesicles 
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from polymerizable lipids to date have focused on polymerizable diacetylene and dienoyl 

lipids with an ammonium head group.[169, 356-360, 362] Diacetylene lipids are sensitive 

to lipid packing and polymerization can only be accomplished in the gel phase which 

results in low degrees of conversion. Furthermore, the ammonium bromide head group  is 

not “biocompatible” in terms of resistance to nonspecific adsorption of proteins and 

biofouling, compared to the phosphatidylcholine (PC) head group moiety [138, 141], 

which is the most abundant head group in the outer leaflet of the cell membrane. It is 

believed that this resistance to protein adsorption is partially attributable to the 

zwitterionic nature of the  PC head group. Moreover the stability of these polymerized 

giant vesicles to organic solvents and surfactants has not been investigated to determine if 

robust giant vesicles were indeed formed. In this work giant vesicles were prepared and 

characterized from bis-SorbPC and bis-DenPC lipids. Considerable amount of  work has 

been carried out by O’Brien et al. and Tsuchida et al. on preparation and characterization 

of large vesicles (~ 200 nm) made from bis-SorbPC and bis-bis-DenPC[155, 156, 160, 

170] however, giant vesicles from these dienoyl lipids  have  not been prepared and 

characterized. These lipids can be polymerized both in the liquid-crystalline and gel 

phases to a higher degree of conversion than the diacetylene lipids. Giant vesicles made 

from these polymerizable lipids may be useful models to study the elastic material 

properties of poly(lipids) as membrane elasticity seems to affect the rhodopsin 

photoactivity.  These properties have not been measured for these lipids as a function of 

polymerization. Thus  knowledge of membrane elasticity could have significant impact 

on reconstituting functional membrane proteins in polymerizable lipid membranes. These 
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could also be used as robust microreactors for chemical sensing and molecular carrier 

applications.  

Both bis-SorbPC and bis-DenPC giant vesicles were formed in appreciable yield 

with very few non-vesicular structures. Polymerization of these vesicles by exposing to 

UV light induced morphological changes but greater changes were apparent with 

polymerized bis-SorbPC.  These changes may result from optically induced tension in the 

membrane as previously observed with nonpolymerizable lipids.  

Poly(bis-SorbPC) giant vesicles  were stable towards surfactant solubilization, 

consistent with prior studies.[160] On the other hand poly(bis-DenPC) giant vesicles 

were dissolved by the added surfactant, although at a slower rate when compared to 

unpolymerized vesicles.  However the extent of resistance to surfactant dissolution by 

both types of vesicles compared to unpolymerized vesicles indicates that polymerization 

increased vesicle  stability. The stability of these vesicles was also demonstrated by 

dehydration and hydration studies.  The polymerized vesicle structure prevailed to large 

extent under these conditions which usually destroy unpolymerized vesicles, confirming 

that UV polymerization indeed stabilize the vesicle structure. 

The effect of temperature on the morphology of these polymerized lipid vesicles 

showed noteworthy behavior.  Unpolymerized bis-SorbPC vesicles showed somewhat 

“wrinkly” membranes when cooled below the Tm of the lipid but this disappeared once 

the  vesicles were polymerized above  the Tm,  confirming once again the vesicles were 

polymerized. Cross-linking the lipid monomers near the chain termini hinders the 

mobility of the hydrocarbon chains which appears to eliminate the phase transition and 



 

 

271

 

thereby formation of wrinkly super structures. UV polymerized bis-DenPC on the other 

hand showed morphological changes upon cooling from 35 °C as polymerization near the 

head region did not completely abolish the phase transition.  However the morphological 

changes observed in this case were different from unpolymerized bis-DenPC vesicles, 

indicating polymerization indeed affect the temperature-dependent structural changes in 

these vesicles. 

 

5.1.3 Encapsulation of molecules in photopolymerized giant vesicles 

The stability of these polymerized vesicles compared to unpolymerized lipids 

makes them potentially useful in sensor applications as carriers and reactors. Prior to   

such applications the permeability of these vesicles is of interest. Here the permeability of 

poly(giant vesicles) was investigated with a small charged molecule, carboxyfluorescein, 

and fluorescently labeled bovine serum albumin (BSA), a macromolecule. No 

appreciable leakage of carboxyfluorescein from giant vesicles made from bis-DenPC was 

observed and  this behavior did not change even after the vesicles were UV polymerized. 

On the other hand bis-SorbPC giant vesicles equilibrated above the Tm showed 

appreciable leakage of the dye both before and after polymerization. However if the 

vesicles were cooled below the Tm, both unpolymerized and UV polymerized giant 

vesicles, did not show any significant leakage. Moreover bis-DenPC and bis-SorbPC 

vesicles, irrespective of being equilibrated above or below the Tm, did not show any 

leakage of rhodamine- labeled BSA during the period of observation. These findings 

therefore suggest that bis-DenPC and bis-SorbPC equilibrated below the Tm probably 
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have “tight” packing of the lipid in the bilayer to prevent leakage of these molecules. For 

bis-SorbPC equilibrated above the Tm, dye leakage probably occurs through defects or 

pin holes in the bilayer but these imperfections seem to be small enough to prevent 

leakage of a macromolecule. 

The use of poly(giant vesicles) as microreactors was investigated by carrying out 

an enzymatic reaction inside the vesicle using horse radish peroxidase, amplex red and 

H2O2. Horseradish peroxidase uses amplex red as an electron donor during the reduction 

of H2O2 to produce resorufin, a red fluorescent product. Both amplex red and H2O2 were 

able to permeate through the membranes of  bis-DenPC giant vesicles and bis-SorbPC 

giant vesicles both equilibrated above and below Tm. H2O2 is then reduced,  generating 

the fluorescent product in the vesicle interior. UV polymerization of these vesicles did 

not change the ability to perform this reaction. The potential to execute enzymatic 

reaction in these vesicles suggests that they could be used to carry out other types of 

reactions with macromolecules entrapped in the vesicle interior.  Thus these polymeric 

spheres could be used as microreactors and in biosensing applications. This will be 

discussed in more detail in section 5.2.  
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5.2 Future Directions 

5.2.1 Future work with rhodopsin reconstituted membranes 

PWR spectroscopy has been used to probe conformational changes of proteins 

reconstituted into supported lipid membranes if the conformational changes generate 

detectable differences in optical thickness, as in the meta I to meta II transition of 

rhodopsin.  However with respect to rhodopsin photoactivation, PWR is an indirect 

method as it does not directly monitor  meta II formation.  The PWR shifts observed after 

exposure to yellow light  result from changes in the optical thickness of the entire 

proteolipid membrane.  Thus it is hard to extract a value for the fraction of meta II 

formed in these reconstituted bilayers. However  it is important to know the fraction of 

meta II formation in different bilayers  studied as it is the key intermediate responsible in 

binding to the G protein and initiating the visual signal transduction cascade. Meta II 

formation in rhodopsin reconstituted into liposomes of fluid lipids has been directly 

measured by flash photolysis [198-202, 204], and recently a simpler UV spectroscopic 

method has also been introduced.[446] Either of these methods could be used to 

determine the fraction of meta II formed in liposomes and supported membranes 

composed of polymerizable lipids reconstituted with rhodopsin.  

The UV method involves acquiring UV visible spectra for rhodopsin reconstituted 

vesicles before and after illuminating yellow light for 15 seconds, again after adding 

hydroxylamine, and finally after illuminating for one minute (Figure 5.1). In this 

procedure, yellow light illumination for 15 seconds partially photoactivates the rhodopsin 
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Figure 5.1  Schematic diagram  showing  the steps involved in UV-visible spectroscopic measurements of rhodopsin 

reconstituted vesicles. 
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and generates the meta I to meta II equilibrium. After this step addition of hydroxylamine 

converts meta II to opsin and retinal oxime. Finally yellow light illumination for 1 minute 

assures that all the rhodopsin is bleached and converted to opsin and retinal oxime. 

Procedures to recover the fraction of meta II formed from these four spectra have been 

described in detail[446] and could be used to determine the fraction of photoactive 

rhodopsin reconstituted into vesicles of polymerizable lipids. 

 Estimation of the fraction of meta II formed in planar supported membranes could 

be realized by performing planar waveguide attenuated total reflectance spectroscopy 

(ATR) in a flash photolysis configuration. However, only a few papers have described a 

planar waveguide ATR configuration to perform time-resolved absorbance 

measurements.[447-449] Moreover these time-resolved studies have not been applied to 

studies of transmembrane proteins or planar supported lipid bilayers. Thus a time- 

resolved ATR instrument needs to be designed that has the ability to measure the meta I 

to meta II equilibrium. As meta I and meta II are formed on the µs and ms timescales, 

respectively, the instrument designed needs to be capable of measuring transient 

absorbance on these timescales. The waveguide portion of the instrument could have a 

similar design as shown in Figure 5.2. Saavedra and coworkers have successfully used 

similar designs to perform steady-state ATR spectroscopy, with a path length 

enhancement of 103-104 versus transmission geometry.[196, 450-455] Once the time-

resolved ATR instrument is built, mole fraction of meta II at equilibrium could be 

estimated in planar supported lipid bilayers reconstituted with rhodopsin similar to  
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Figure 5.2 Schematic of the broadband electro-active integrated optical waveguide 

attenuated total reflectance (EA-IOW ATR) spectrometer.  Light from a Xe lamp is 

focused into the prism, launched into the single mode  EA-IOW ( structure at lower left), 

waveguided along its long axis and outcoupled through an integral diffraction grating.  

The dispersed, outcoupled light is detected at a CCD camera.  The evanescent field at the 

ITO surface is used to measure the film at the ITO/solution interface. 
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transient absorbance measurements in vesicles. However in order to employ these 

procedures in ATR spectroscopy, the surface coverage of rhodopsin in the planar bilayer 

needs to be determined. This could be recovered from a method developed in Saavedra 

[456]  lab based on the transfer matrix theory[457, 458]. This is an iterative numerical 

procedure that could be employed to recover the anisotropic values of both the real (n) 

and the imaginary (k) parts of the complex refractive index of the film from  p- and s- 

polarized ATR measurements. The anisotropic k values allow determination of the 

chromophore surface coverage.  

Rhodopsin reconstituted into poly(lipid)  supported bilayers could be further 

characterized by measuring the transducin binding constants using PWR.  Transducin 

binding to dark adapted and photoactivated rhodopsin in planar supported lipid bilayers 

has been already studied by this method.[288] This study demonstrated that apparent 

binding constant for transducin binding increased from 1.5 X 107 to 5.6 X 107 from the 

dark adapted state to the photoactivated state.   Analogous PWR studies could be carried 

out to asses the effects of lipid polymerization on transducin binding to both dark adapted 

and photoactivated rhodopsin before and after polymerization (Figure 5.3). These 

characterization attempts could also be executed after exposing the membrane to 

destabilizing conditions (e.g. surfactants, drying and rehydration)  to address if lipid 

polymerization can achieve stabilization of reconstituted GPCRs.   

For optimized binding of transducin to rhodopsin, the cytoplasmic face of the 

protein at which the G protein binds must be facing away from the substrate. However 

due to the similar size of the cytoplasmic and extracellular domains [244, 459]  
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Figure 5.3 Schematic illustration of rhodopsin reconstituted into an unpolymerized 

planar supported lipid bilayer showing binding of transducin onto the cytoplasmic face of 

photoactivated rhodopsin.  

 

 

 

 

 

Figure 5.4 Schematic illustration of rhodopsin reconstituted into an unpolymerized 

planar supported lipid bilayer. Rhodopsin insertion yields a statistical distribution of 

orientations (A and B) and only photoactivated rhodopsin with the cytoplasmic face 

pointing away (A) from the substrate can bind to transducin. The fraction of rhodopsin 

that is correctly oriented (A) in the lipid bilayer could be determined by ATR 

spectroscopy with fluorescently labeled  transducin.  
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of rhodopsin, random orientation with the cytoplasmic domain facing away or facing the 

substrate probably occurs. Based on flash photolysis studies in liposomes [202], this  

random orientation does not appear to affect rhodopsin photoactivity even though it 

affects transducin binding.  Thus it is important    to   know  the  fraction of  rhodopsin   

that  is ‘correctly  oriented’  to compare G protein binding in different membranes. This 

issue could be explored by two routes. In the first approach, ATR spectroscopy could be 

utilized to measure binding of transducin to photoactivated rhodopsin. In order to do this 

transducin needs to be covalently tagged with a chromophore that absorbs in a 

wavelength regime that rhodopsin does not absorb (Figure 5.4). By    measuring   the   

surface   coverage   of   both   rhodopsin  in  planar supported lipid bilayers and 

transducin bound to it, the fraction of immobilized rhodopsin that binds to transducin can 

be determined after correcting for nonspecific adsorption.  This will allow determination 

of the fraction of immobilized rhodopsin that is correctly oriented to bind to the G 

protein.  

 In a second approach, the rhodopsin could be reconstituted into the supported 

lipid bilayers asymmetrically with the cytoplasmic domain facing away from the 

substrate. This could be achieved by using an antibody that binds to an epitope on the 

cytoplasmic face of rhodopsin. Antibody could be added to solubilized rhodopsin and 

then reconstituted into lipid membranes (Figure 5.5). This would likely lead to 

preferential insertion of the extracellular domain of rhodopsin into the lipid bilayer, 

simply due to the unfavorable energetics associated with pushing a large, water soluble, 

globular protein across the bilayer. 
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Figure 5.5 Schematic illustration of reconstituting rhodopsin into an unpolymerized 

planar supported lipid bilayer with controlled orientation. Binding of the antibody to an 

epitope on the cytoplasmic face could lead to preferential insertion of rhodopsin with the 

cytoplasmic face oriented away from the substrate.  

 

 

 

 

Figure 5.6 Schematic illustration of steps involved in regeneration of rhodopsin 

reconstituted into an unpolymerized planar supported lipid bilayer upon photoactivation. 
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It is also be useful to study the regenerability of rhodopsin reconstituted into 

polymerizable lipid membranes.  In the development of synthetic systems, it is necessary 

to assess the degree to which the protein has maintained its native integrity during the  

various purification and reconstitution steps with phospholipids. Regeneration yield has 

been previously used as a basis to study this, as high regenerability is characteristic of  

native  rhodopsin.[203] For   rhodopsin   reconstituted   vesicles   composed   of   

naturally occurring and synthetic lipids, it has been shown that the bleaching is reversible 

and the 498 nm absorption band of rhodopsin  recovers to a minimum of ca. 70% upon  

incubation of the bleached membranes with 11-cis-retinal in the dark.[203] Under 

optimal conditions, regeneration yields as high as 97% in artificial membranes have been 

observed. Similarly regeneration yield could be determined in supported lipid membranes 

reconstituted with rhodopsin before and after polymerization to study the effect of 

polymerization by ATR spectroscopy. For this study an initial absorption spectrum of the 

proteolipid membrane of polymerizable lipids  formed on the waveguide surface would  

be acquired (Figure 5.6).  Then rhodopsin would be bleached in the presence of 

hydroxylamine by illuminating with yellow light followed by removal of  excess 

hydroxylamine  by rinsing. At this point it would be necessary to obtain another spectrum 

to determine if all the rhodopsin is bleached.  Finally regeneration of bleached membrane 

could be accomplished by addition of excess of 11-cis-retinal followed by incubation in 

the dark. A spectrum of regenerated rhodopsin would be acquired and based on the 

absorbance at 498 nm, regeneration yield could be calculated. The effect of 

polymerization on the regenerability could also be addressed in an analogous manner. 
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The hypothesis put forward for photoactivation of rhodopsin in polymerized 

membranes studied in Chapter 2 is that membrane elasticity is required to accommodate 

the conformational changes during the meta I to meta II transition. Thus under 

appropriate conditions, polymerization of a lipid bilayer creates an elastomeric membrane 

that is sufficiently flexible to accommodate conformational changes in reconstituted 

rhodopsin. However it has been long believed that membrane fluidity is required to 

maintain the activity of receptors reconstituted into planar supported lipid bilayers.[82, 

84, 88] Membrane fluidity is characterized by lateral diffusion of lipids and membrane 

proteins reconstituted into lipid bilayers. Membrane fluidity is certainly required for 

many types of membrane surface processes such as aggregation of cell antigens induced 

by antibody binding.  However for many transmembrane proteins, fluidity does not 

appear to be required for bioactivity. For example cytochrome oxidase[460, 461] and 

photosynthetic reaction center[95] require insertion into a planar supported lipid bilayer 

to maintain their structural integrity and vectorial electron transfer activity. Lateral 

mobility of lipids is not required. 

 The PWR studies on rhodopsin photoactivation in polymerized membranes 

(Chapter 2) support the idea that membrane fluidity may not be necessary for rhodopsin 

photoactivation.  This hypothesis should be further investigated.  In addition the lateral 

diffusion of lipid polymers upon polymerization has not been investigated, before and 

should be investigated to better understand the membrane properties critical for   

conformational changes that occur upon photoactivation of rhodopsin in poly(lipid)  
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Figure 5.7 Right: Schematic depiction of elastic membrane deformations at constant 

temperature: Area dilation (A), which decreases the number of molecules per unit surface 

area as the area increases; bending without change in rectangular shape (B). Taken from 

reference [1] Left: Images of GUVs aspirated into micropipets, illustrating relationships 

between Rp, Rv, L, and ∆L. Images taken from reference.[1] The symbols in the 

equations represent the following.  
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membranes. Further investigation of this hypothesis could be pursued by performing 

measurements of  mechanical stretch properties on lipid membranes in giant vesicles. 

 

5.2.2 Future work with giant vesicles composed of polymerizable lipids. 

  The mechanical stretch properties of a fluid lipid bilayer are controlled by short-

range noncovalent intermolecular interactions between the lipid molecules as well as 

between the lipids and the surrounding media. Lipid polymerization is likely to perturb 

these interactions causing changes in membrane material properties. To enable 

examination of the hypothesis, mechanical stretch properties (area compressibility and 

bending moduli) measurements could be performed on giant unilamellar vesicles (GUV) 

with a micropipette aspiration/pressurization apparatus. Evans and coworkers[1] 

introduced this technique to measure mechanical properties of single cells and GUVs and 

since then it has been used to characterize many membrane systems.  

The theory and experimental details of the micropipette aspiration technique have 

been described in detail in the literature.[1, 462] Both the area compressibility modulus   

and   the   bending    modulus    can   be   obtained   by   this  method. The area 

compressibility modulus depict area dialation of a thin elastic membrane in response to 

tension, whereas the bending modulus is a gauge of the bending rigidity of a membrane 

in response to tension (Figure 5.7) By means of the aspiration/pressurization technique, a 

vesicle can be grasped and partially drawn into a specially designed glass micropipette at 

controlled pressures with the aid of an attached manometer. The change in the vesicle 

surface area is measured as a change in the projection length of the vesicle inside the 
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pipette tip (Figure 5.7). The change in the projected length of the vesicle could be used to 

calculate the area strain α using Equation 2 in Figure 5.7.  Moreover membrane tension 

could be calculated from this study by using of Equation 1 (Figure 5.7). These 

measurements could be carried out with giant vesicles composed of variety of 

polymerizable lipids before and after polymerization, and the data obtained could be 

compared with  fluid membranes composed of natural lipids to determine the effect of 

polymerization on membrane elastic properties. 

Lateral diffusion in unpolymerized and polymerized supported membranes and 

GUVs could be measured by fluorescence recovery after photobleaching (FRAP) by 

doping fluorescent lipids into fluid and poly(lipid)  bilayers. This provides the 

opportunity to determine how lipid polymerization affects the lateral mobility of 

membrane lipids. Previous studies with poly(acryloyl) lipids have shown a ten-fold 

decrease in diffusion coefficient relative to an unpolymerized bilayer when Xn is 700. 

[160]  

 Polymerized giant vesicles could be studied as microreactors or sensors in several 

different routes as shown in Figure 5.8. With polymerized bis-SorbPC giant vesicles, 

macromolecules could be entrapped in the vesicle interior and hydrophilic and 

hydrophobic molecules could partition into the interior of the vesicle though the bilayer 

or through the defects, to carry out a reaction in the vesicle. With bis-DenPC giant 

vesicles, a similar approach could be taken by entrapping macromoleclues or small 

molecules and allowing hydrophobic reactants or analytes to partition into the vesicle 

interior. Alternatively hydrophilic or charged molecules could be transported into the 
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vesicle through ionophores or membrane channels. Molecules to be entrapped can be 

added during vesicle preparation or microinjected into the vesicle interior after 

preparation. These vesicles could be immobilized on surfaces (e.g. streptavidin adsorbed 

glass) by doping with functionalized lipid (e.g. lipid head groups modified with biotin). 
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Figure 5.8 Microreactor/sensor designs using polymerized giant vesicles. 
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APPENDIX 1. 

XPS AND TOF-SIMS STUDIES ON RHODOPSIN 

RECONSTITUTED UV POLYMERIZED BIS-SORBPC SUPPORTED 

LIPID BILAYERS 

 The following report was constructed based on the data submitted by the 

collaborators who characterized rhodopsin reconstituted planar supported lipid bilayers 

(PSLBs) of UV polymerized bis-SorbPC  by XPS and ToF-SIMS. 

 Both ToF-SIMS and XPS are surface sensitive techniques, yielding information 

about the top few nanometers.[463-466] While XPS is quantitative, ToF-SIMS yields 

information on the structure of the adsorbed organic overlayers and the underlying 

substrate.[467-469] Previously, these ultra-high vacuum techniques have been used to 

structurally characterize redox and UV polymerized PSLBs composed of bis-

SorbPC.[390] Small but distinct differences in the composition of the polymerized 

bilayers prepared by these two polymerization methods were observed by these studies. 

In both instances, the same peaks were present in the ToF-SIMS fragmentation pattern, 

but the relative intensities of these peaks varied.  Peaks associated with the head group 

loaded more strongly with the redox samples, while peaks associated with the lipid tails 

and the silicon wafer loaded with the UV samples. This result suggests that there may be 

a greater degree of order associated with the redox samples, resulting with a higher yield 

of the head group ions based on ToF-SIMS data. Lower coverage or possible gaps in the 

UV samples was indicated by the increased presence of tail groups and substrate signal 
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within the ToF-SIMS sampling area (~1-2nm depth of analysis and 100µm x 100µm area 

of analysis).  These results were also consistent with the XPS composition results. 

 In this work XPS and ToF-SIMS were used to investigate the structural aspects of 

the UV polymerized PSLBs of bis-SorbPC reconstituted with rhodopsin in more detail. 

Additionally, angle-resolved XPS was employed to investigate the protein in the bilayer, 

to verify its location, which is crucial for successful interaction studies of these active 

biomolecules.  

 

Materials and Methods: 

 bis-SorbPC was synthesized by Gemma de Ambruoso as described in Appendix 

2. Silicon wafer substrates were purchased from Wacker-Chemie GmbH 

(Munich,Germany) and all the other reagents were purchased from standard commercial 

sources and used as received. Purification of retinal rod membranes and solubilization of 

rhodopsin was carried out as described in Chapter 2 by Pick-Wei Lau.  Deionized water 

was obtained from a Barnstead Nanopure system (Barnstead/Thermolyne, Dubuque, IA) 

with a measured resistivity of 18 MΩ. 

 

Formation of PSLB of bis_SorbPC reconstituted with rhodopsin  

 PSLBs of bis-SorbPC on silicon wafers were prepared as previously 

described.[133, 137]  Briefly, lipid bilayers were formed on cleaned substrates by vesicle 

fusion of 0.5mg/mL small unilamellar vesicles (SUV) solution in 10mM phosphate buffer 

(pH 7.2).  Bovine rhodopsin was reconstituted into the bilayer by introducing aliquot of  
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octylglucoside solubilized rhodopsin (2 mg/mL of  rhodopsin in 30 mM octylglucoside),  

to a 5 µM final concentration,  into a home made cell containing bis-SorbPC  PSLBs in 

10 mM phosphate buffer.  This results in the dilution of the detergent below the critical 

micelle concentration (25 mM) and spontaneous transfer of the protein from the detergent 

micelles into the lipid bilayers.[304]The solution was  gently mixed and allowed to 

equilibrate for 5 hours. The cell was then rinsed with excess buffer to remove the 

detergent. The protein reconstituted bilayers were UV polymerized by exposing to light 

from a low pressure mercury  pen lamp with a rated intensity of 4500 µW/cm2 at 254 nm  

for 45 minutes with a bandpass filter (HoyaU-330) to remove visible light that activates 

rhodopsin. After polymerization the PSLBs were removed from solution and rinsed with 

deionized water and blown dry with nitrogen. Reconstitution and polymerization of 

PSLBs were completed in dim red light (Kodak safelight filter No. 1) to prevent 

photoactivation of rhodopsin. UV polymerized bilayers without any reconstituted 

rhodopsin were also prepared in a similar manner. 

XPS Analysis 

 XPS measurements on the polymerized bilayers with and without reconstituted 

protein were carried out on a Kratos AXIS Ultra DLD instrument (Kratos, Manchester, 

England), using a monochromatic Al-Kα X-ray source. Angle resolved XPS 

measurements were conducted at 0o, 55o, and 70o take-off angles (TOA).  The 

photoelectron TOA is defined as the angle between the surface normal and the axis of the 

analyzer of lens.  Compositional survey and detailed scans (P 2s, N 1s, O 1s, and C 1s) 

were acquired using a pass energy of 80 eV.  High-resolution spectra (C 1s) were 
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acquired using a pass energy of 20 eV.  All binding energies (BEs) were referenced to the 

hydrocarbon C 1s peak at 285 eV.  Three spots on two or more replicates of each sample 

type were analyzed.  The compositional data is an average of the values determined at 

each spot.  Data analysis was performed with the Kratos Vision Processing and CASA 

XPS (www.casaxps.cwc.net) data reduction software 

 

ToF-SIMS Analysis   

 A Model 7200 Physical Electronics instrument (PHI, Eden Prairie, MN) was used 

for static ToF-SIMS data acquisition. The instrument has an 8 keV Cs+ ion source, a 

reflectron time-of-flight mass analyzer, chevron type multichannel plates (MCP), and a 

time-to-digital converter (TDC). Positive and negative secondary ions mass spectra were 

acquired over a mass range from m/z = 0-1000. The area of analysis for each spectrum 

was 100 µm x 100 µm, and the total ion dose used to acquire each spectrum was less than 

1 x 1012 ions/cm2. The mass resolution (m/∆m) of the secondary ion peaks in the positive 

spectra was typically between 4000 and 6000. The ion beam was moved to a different 

spot on the sample for each spectrum. The mass scales of the positive secondary ion 

spectra were calibrated using the CH3
+, C2H3

+, C3H5
+, and C5H10N+ peaks. The mass 

scales of the negative secondary ion spectra were calibrated using the CH, OH and C2H 

peaks. At least two replicates were analyzed for each sample type, with three positive and 

negative spectra acquired on each replicate.  Negative ion results were not shown in this 

study as they did not significantly contribute any additional information to the overall 

results. 
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Principal Components Analysis (PCA)    

 Principal component analysis (PCA) of the spectra was performed using the PLS 

Toolbox V 2.0 (Eigenvector Research, Manson, WA) for MATLAB (The Mathworks 

Inc, Natick, MA). Prior to this multivariate analysis, a peak set was created by assigning 

a centroid peak value and area of integration window for each peak detected in all 

spectra. The areas of these peaks were then calculated for every spectrum and normalized 

to the total intensity of all peaks in each individual spectrum to correct for differences in 

total secondary ion yield between spectra. This process yielded a matrix of n peaks and m 

samples, representative of all of spectra collected. This data was mean centered (set to the 

origin) to ensure that the variance in the data set was due to differences in sample 

variances rather than differences in sample means. 

 
Results and Discussion: 

XPS study of rhodopsin incorporated in UV-polymerized bilayers: 

 The UV-polymerized bilayers were compared with and without incorporation of 

the rhodopsin, and Table 1 shows the XPS determined compositional differences between 

the two sample types. There is little difference in the carbon, oxygen, and silicon 

elemental contributions. The nitrogen signal, however, is significantly higher in the 

rhodopsin incorporated PSLB, indicating the presence of nitrogen-rich protein molecules. 
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The somewhat lower phosphorous contribution could be attributed to the lower amount of 

lipids present in the lipid/protein compound.  

 The high resolution C 1s results from UV polymerized PSLBs with and without 

incorporated rhodopsin are shown in Figure 1 and Table 2.  As can been seen by visual 

inspection of Figure 1 and supported by the fitting results in Table 2, rhodopsin 

incorporation results in a decrease in the CHx and O-C=O species and an increase in the 

N-C=O species.  This is as expected since the N-C=O species is from the protein peptide 

backbone and the CHx and O-C=O primarily are from the bis-Sorb PC.  As rhodopsin is 

incorporated into the PSLB the concentration of bis-Sorb PC molecules will decrease in 

the PSLB. 

 Angle resolved XPS measurements were used to investigate the location of the 

rhodopsin in the polymerized bilayer. Compositions of all elements (C, O, Si, N, and P) 

were taken at three angles: 0 deg (perpendicular to the sample surface), 55 deg and 70 

deg (glancing angle).  To determine whether the protein was located in the core of the 

bilayer or merely adsorbed on top of the bilayer, the silicon substrate signals were 

subtracted to investigate the composition of the polymerized PSLB. To remove the 

contribution of the silicon wafer from the atomic composition calculations, the average 

peak area ratio of elemental silicon (Simet) to SiO2 (Siox) was calculated for each analysis 

spot. This was done from the detailed Si (2p) spectra since the percentages of Simet and 

Siox could be measured (data not shown).  The percentages of Simet and Siox  varied 

greatly depending on the take-off-angle and the ratio of Simet to Siox  was much higher at 

lower TOAs (data not shown).  Then stoichiometric two parts of oxygen corresponding to 
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the Siox peak was subtracted from the total oxygen signal (Oorig). In addition to this, a 

second factor was incorporated into the calculation to allow for the differences in mean 

free path (λ) between Si (λSi) and O (λO). The final equation used for calculating the 

remaining oxygen (Onew) which corresponds to oxygen from the bilayer and protein was: 

Onew = Oorig – 2 (Siox/Simet+ox)λO/λSi                                             Equation (1) 

Where λO/λSi = 3.39nm/4.09nm = 0.83. 

Onew, plus carbon, nitrogen and phosphorous signals were then normalized to 100%. 

 Table 3 shows the XPS determined compositions of the plain and the rhodopsin-

incorporated, UV polymerized PSLB at the three different TOAs. The UV-polymerized 

sample shows a slight decrease in the oxygen signal and a slight increase in carbon with 

increasing TOA. At 0° TOA the entire bilayer is analyzed, and the values for C, O, P and 

N are close to the theoretical values of the bilayer. The XPS compositional data at the 

more glancing angles detect more of the outer surface layer of the PSLB, thereby 

attenuating the P, O and N signals from the lower lipid molecules. A similar result is 

found in the case of the rhodopsin incorporated UV polymerized PSLB, with the 

exception of overall lower C, O and P values due to the increase of the nitrogen from the 

rhodopsin incorporation. The nitrogen signal remains practically constant across all 

TOAs. If the protein (with a 4 to 5 times higher percentage of nitrogen compared to the 

lipid) were adsorbed on top of the PSLB, the nitrogen signal would increase significantly 

with increasing TOA, while the oxygen and carbon signals from the underlying lipid 

molecules would be attenuated. This suggests that the location of the protein is likely to 

be incorporated into the bilayer rather than adsorbed on top of it.  
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ToF-SIMS study of rhodopsin incorporated  UV-polymerized bilayers: 

 Principal component analysis was used to determine the differences in the ToF-

SIMS dataset between the UV-polymerized bilayers with and without incorporated 

rhodopsin, using the entire positive secondary ion dataset. Principal component 1, which 

captured 80.2 percent of the overall variance in the dataset, showed that peaks occurring 

from the amino acids loaded more strongly with the rhodopsin-incorporated samples. 

Many of the amino acid fragments (CH4N, C2H6N, etc) found could also occur from the 

lipid headgroup, but are found at much higher intensities in proteins compared to lipids. 

Fragments occurring from the lipid tails, on the other hand, loaded more strongly with the 

plain crosslinked bilayers (Figure 2).  
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Table 1  XPS compositional averages and standard deviations of UV-polymerized 

PSLBs with and without incorporated rhodopsin. Similar compositions are observed for 

both bilayer systems with the exception of the lower phosphorous content (likely from 

less lipids present in the protein/lipid film) and the significantly higher nitrogen content 

in sample with rhodopsin (due to the incorporated protein). 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 

UV w/o rho C 1s O 1s Si 2p N 1s P 2p 
Average 55.3 24.4 16.8 1.1 2.3 
Stdev 2.0 1.3 0.6 0.4 0.4 
UV w rho C 1s O 1s Si 2p N 1s P 2p 
Average 55.8 22.7 15.1 5.1 1.2 
Stdev 3.1 1.0 2.1 0.8 0.1 
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Table 2  XPS high-resolution C 1s peak fitting results for the UV-polymerized bis-Sorb 

PC and the rhodopsin incorporated bis-Sorb PC bilayers, showing a decrease of the C-C 

and O-C=O contribution (mainly from the lipid tails and headgroups, respectively) and an 

increase of the N-C=O contribution (from the amino acids of the rhodopsin). All data is 

shown as relative percentage of the C 1s peak. 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Binding E (eV) 285.0 286.1,286.7 288.0 289.0 
Type CHx C-N, C-O  N-*C=O O-*C=O
UV w/o rho 61.1 28.4 0.0 10.7 
UV w rho 57.1 29.3 4.2 7.2 
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Table 3 Angle resolved XPS results for bis-Sorb PC bilayers with and without rhodopsin 

at 0, 55, and 70 degree take off angle (TOAs), after the subtraction of the silicon substrate 

contributions (silicon, SiO2). A slightly higher concentration of rhodopsin was chosen for 

this experiment to enhance the effect of angle-dependent XPS analysis. The constant 

nitrogen concentration at all TOAs indicates a homogeneous nitrogen distribution across 

the lipid and protein layer, suggesting the protein (which contains significantly more 

nitrogen than the lipid molecules) is incorporated into the bilayer rather than adsorbed on 

top of the PSLB. 

 

 

 

 

Sample N 1s C 1s P 2p O 1s 
UV w/o rho   0deg 0.8 75.0 2.1 22.1 
UV w/o rho   55deg 0.9 79.9 1.8 17.4 
UV w/o rho   70deg 0.6 82.0 1.2 16.2 
UV w rho     0deg 7.3 73.0 1.7 18.1 
UV w rho     55deg 7.6 76.8 0.8 14.7 
UV w rho     70deg 7.6 79.8 0.9 11.7 
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Figure 1. XPS high-resolution C1s scan comparing UV-polymerized plain bis-

Sorb PC bilayer (black) with rhodopsin-incorporated UV-polymerized bis-

sorbPC bilayer (grey). There is a distinct decrease of the O-*C=O contribution 

(lipid tails) and increase of the N-*C=O contribution (rhodopsin) in the 

protein-incorporated sample. 
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Figure 2. PCA scores (left) and loadings (right) plot comparing the positive-ion ToF-

SIMS data from UV polymerized PSLBs with (Rhodopsin) and without (UV Bilayer) 

incorporated protein. While the same peaks are found on both types of surfaces, nitrogen 

containing peaks associated with amino acids loaded more strongly with the rhodopsin 

sample and peaks associated with the lipid tails (hydrocarbons) loaded more strongly 

with the plain UV polymerized bilayer. 
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APPENDIX 2. 

SYNTHESIS OF POLYMERIZABLE LIPIDS 

 The following reports were provided by the collaborators who synthesized the 

polymerizable lipids used in this work. 

 
Report on synthesis of bis-SorbPC, bis-DenPC and mono-SorbPE by Dr. Gemma 
D’Ambruoso. 
 

Introduction 

The synthesis of three lipids, bis-SorbPC (1), bis-DenPC (2), and mono-SorbPE 

(3) has been undertaken following procedures by Lamparski[470], Bondurant[471], and 

Spratt[472].  Attempts have been made to simplify the number of steps for 1 and 

experiments have been performed to identify impurities and eliminate these impurities.  

A recent synthesis of 1 and 2 will be presented here as well as methods to identify and 

eliminate impurities during the course of the synthesis.  Also, a new procedure for the 

synthesis of 2 is proposed (but has not yet been undertaken) as a way to increase yield 

and selectivity.   

 

Results and Discussion 

Synthesis of bis-SorbPC 

 The synthesis of bis-SorbPC 1 was reduced to three steps from commercially 

available starting materials both to improve the yield and to eliminate the formation of an 

acyl chloride (Sorbyl chloride) which is formed in a harsh reaction and yields a moisture 
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sensitive compound.  We chose instead to couple directly the 2,4-hexadienoic acid to 

freshly recrystallized 1,10-decanediol (recrystallized from dichloroethane or water) using  
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dicyclohexylcarbodiimide (DCC) and 4-dimethylaminopyridine (DMAP) in THF.  

Purification of the resulting Sorbyl alcohol 6a was obtained through column 

chromatography (fractions analyzed by HPLC) followed by recrystallization in hexanes 

(more detail to follow).  The Sorbyl alcohol 6a was then oxidized to a carboxylic acid 7 

using Jones reagent (CrO3 and H2SO4 in acetone) and following closely (but not exactly) 

the procedure given in Tony Spratt's dissertation[472].  Finally, the coupling of the acid 7 

with the headgroup was achieved using DCC, freshly recrystallized and dried DMAP 

 (from toluene), and CHCl3 which had been washed with water to remove ethanol 

impurities and freshly distilled in the dark.  The reaction procedure given in Bruce 

Bondurant's dissertation[471] was followed exactly. 

The purification of bis-SorbPC, although thoroughly documented, is often 

insufficient to provide lipid that is capable of polymerizing on solid supports to form 

defect-free films.  Although it was previously thought that the final step of the synthesis 

which includes coupling of the Sorbyl acid (7) to the glycerolPC headgroup and its 

subsequent purification was the problematic one (Scheme 1), it has become evident that 

impurities are actually introduced in the first step of the synthesis and these impurities are 

carried through to the final step unless carefully removed. 

OH

O

HO
OH+

DCC
DMAP

THF

O

O
OH

CrO3
H2SO4

acetone

O

O
OH

O

GPC CdCl2

DCC
DMAP
CHCl3

4 5 6a

7

1

 

Scheme 1.  Synthesis of bis-SorbPC 
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 During the first step of the synthesis which is the coupling of Sorbic acid (4) to 

1,10-decanediol (5) to produce 6a, a mixture of structural isomers can result (Chart 1).  

The impurity 6b was confirmed by an iodine experiment in which an NMR was taken of 

previously synthesized bis-SorbPC and then an iodine crystal was introduced into the 

NMR tube and another spectrum was taken after several hours.  An increase in the 

impurity peaks for 6b was noticed after several hours indicating that these isomers can 

interconvert in the presence of iodine.  Although it was initially thought that these 

isomers, 6a and 6b were cis and trans isomers of the double bond furthest from the 

carbonyl group, upon consultation with Bruce Bondurant and careful inspection of the 

NMR spectra, it is believed that the isomeric impurity 6b is a non-conjugated one.  It is 

imperative that each Sorbyl tail is purified to eliminate all isomers after the first coupling 

step to give pure Sorbyl alcohol 6a as no means have been identified for removing the 

non-conjugated impurity in subsequent steps. 

 

O

O
OH

6a

O

O
OH

6b  

Chart 1.  Sorbyl alcohol isomers. 
  

Synthesis of 6a:  

Several attempts were made to both maximize the yield of 6 and to minimize the 

impurities.  These conditions included a) DCC, DMAP, tetrahydrofuran (THF); b) DCC, 

DMAP, chloroform; c) DCC, DMAP, DMAP-HCl, THF;  d) DCC, DMAP, DMAP-HCl, 

chloroform.  Conditions a) were found to produce the purest 6a in the highest yield and 
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required only one column chromatography purification step followed by recrystallization 

in hexanes.  Reactions involving DMAP-HCl (used to minimize urea impurities) 

increased the amounts of isomeric impurities, as did any reactions involving chloroform 

as a solvent.  THF was found to be an ideal solvent for these DCC coupling reactions. 

 Following the synthesis and column chromatography of 6a, column fractions 

were analyzed by normal-phase HPLC (conditions listed in experimental procedures) to 

ensure that only those fractions containing less than 0.4 % of the isomer impurity 6b were 

taken on.  During the recrystallization step following column chromatography, all 

impurity 6b is removed which is verified by both NMR (500 MHz) and HPLC.  It is 

imperative that only a small amount of impurity is present before recrystallization.  Large 

amounts will not be removed during a single recrystallization step. 

 It is important to realize that once these impurities are removed during the first 

coupling step to form 6a, subsequent reactions (oxidation and coupling to headgroup) do 

not produce any more isomeric impurity 6b.  It is therefore imperative that these 

impurities are removed during the first step of the synthesis of bis-SorbPC. 

 

Synthesis of bis-DenPC 

 We have also developed new synthetic procedures for the synthesis of 2.  

Tetradecanol 8 is first oxidized with PCC in moderate yield to give tetradecanal, which is 

then coupled in a Horner-Emmons fashion with triethylcrotonate to give 11 as a mixture 

of E,Z and E,E isomers.  The E,E to E,Z ratio is maximized by allowing the mixture to sit 

in a solution of dichloromethane and iodine for several days.  Following saponification 
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and recrystallization of 12 in methanol, no E,Z isomer is detected.  Following the 

procedure for the synthesis of bis-SorbPC exactly, the acid 12 was coupled to the 

headgroup to produce bis-DenPC 2 in low yield. 

Examining each step of the synthesis carefully, we can determine which areas are 

in need of improvement.  The first step involves the oxidation of 1-tetradecanol 8 to yield 

tetradecanal 9 (Scheme 2).  Although this reaction is typically done in PCC, further 

oxidation to the carboxylic acid is often a problem and low yields are likely after 

purification by both column chromatography and recrystallization. 

OH H
PCC

CH2Cl2

O

8 9

O
P

EtO OEt

O

OEt

LDA, THF
-78 �C to rt

10

O

OEt
11

KOH

MeOH

O

OH
12  

Scheme 2.  Synthesis of bis-DenPC. 
 
  

Tetradecanal 9 is then coupled with trimethylcrotonate or triethylcrotonate 10 

using lithium diisopropylamide (LDA) in THF to yield 11.[473] Utilizing 

trimethylcrotonate gives a mixture of E,Z and E,E isomers.  Following column 

chromatography necessary to remove other impurities (but not separate the isomers), the 

E,E to E,Z ratio can be maximized by allowing the mixture to sit in a solution of 

dichloromethane and iodine crystals in the yellow lights for several days.  The mixture of 

isomers can be taken on and easily purified after the following saponification step. 
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 Compound 11 (as a mixture of isomers) can then be saponified by KOH in 

methanol when refluxed overnight.  Once the product is isolated, a simple 

recrystallization in methanol provides 12 as a single E,E isomer in moderate yield. 

 Coupling of 12 to the glycerolPC headgroup is problematic for several reasons.  

First, the yield of the reaction is very low (less than 25%).  Secondly, impurities are 

present which cannot be removed by column chromatography.  It is not known whether 

these impurities are E,Z isomers or structural isomers similar to those identified in the 

synthesis of Sorbyl alcohol 6a and 6b (although an iodine experiment similar to that 

performed for bis-SorbPC would confirm this) or acyl transfer impurities as seen by 

Lamparski and others for Sorbyl lipids.  Although these impurities do not seem to impair 

the utility of bis-DenPC, their removal would still be ideal. 

 

Synthesis of mono-SorbPE  

 The synthesis of mono-SorbPE 3 was adapted from a procedure by Jeong and 

O'Brien[474] which first required protection of the monoacylated PE headgroup 

(available from Avanti as 1-palmitoyl-2-hydroxy-sn-glycero-3-phosphoethanolamine, 13) 

with a Boc group (Scheme 4).  This was followed by coupling of sorbyl acid 7 to the 

Boc-protected monoacylated PE headgroup 14 using DCC and DMAP in THF.  A final 

deprotection step with trifluoroacetic acid in chloroform afforded mono-SorbPE 3 in 

moderate yield.  The original paper by Jeong and O'Brien[474] utilized a Sorbyl acid 

group that was shorter by 2 carbons than 7. 
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Scheme 4.  Synthesis of MonoSorbPE 3 and Biotin MonoSorbPE 16. 
 

 

 

 

 

 

 

 

 

 

 

 
 

 
Scheme 3.  Synthesis of mono-SorbPE 3 
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Report on synthesis of bis-SorbPC, bis-DenPC and mono-SorbPC by Dr. Ronald 
Wysocki  
 
Synthesis of bis-SorbPC  

 The compound 1,2-bis-SorbPC 17,17   {1,2-Bis[10-(sorbyloxy)decanoyl)]-sn-

glycero-3-phosphatidyl choline} was prepared by the method of Bondurant[471] as 

detailed in Scheme 1 below.   Reaction of commercially available  E,E -2,4-hexadienoic 

acid (Sorbic acid) with oxalyl chloride at room temperature afforded E,E -2,4-

hexadienoyl chloride  (Sorbyl chloride) in 91 % yield after distillation.  Reaction of the 

acid chloride with a suspension of 1,10-decanediol in THF in the presence of pyridine 

provided the monoester 2,4-hexadienoic acid 10-hydroxydecylester (sorb17 alcohol) in 36 

% yield after silica gel chromatography and recrystallization of the desired product from 

hexanes.  Addition of Jones reagent to a solution of Sorb17 alcohol in acetone at 0 °C 

affords the the Sorbyl ester acid, decanoic acid, 10-[(1-oxo-2,4-hexadienyl)oxy]-, (E,E)- 

(sorb17 acid) in 50 % yield.  Coupling sorb17 acid with commercially available sn-glycero-

3-phosphocholine cadmium chloride complex (GPC) using 4-dimethylaminopyridine 

(DMAP) and dicyclohexyl carbodiimide (DCC) stirred in chloroform over five days 

afforded the final product 1,2-bis-Sorb PC17,17 as a white solid in 59 % yield. 

 The 1,2-bis-Sorb PC is taken up into dry benzene as a 10 mg/mL solution and is 

stored as a frozen matrix at – 40 °C.The monoester sorb17 alcohol has also been prepared 

by warming a mixture of the 1,10-decanediol in THF at reflux to promote solubility of 

the diol in lieu of stirring the reaction to stir at room temperature.  This modification does 

reduce the reaction time and may provide a slightly better yield; however, heating this 
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reaction leads to the production of impurities in the final 1,2-bis-Sorb PC.  These 

impurities are very difficult to remove they interfere with our experiments. 

 

Legend for Scheme 1:  a.  Oxalyl chloride, 23 °C, 4 h, 91 %.  b.  Pyridine, THF, 23 °C, 

20 h, 36 %.  c.  Jones reagent, acetone, 0 to 23 °C, 2 h, 50 %.  d.  DCC, DMAP,  

Chloroform, 23 °C, 5 d, 59 %.   
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Scheme 1   Synthesis of bis-Sorb PC17,17 
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Synthesis of bis-DenPC  
 
 The synthesis of the compound 1,2-bis (2E, 4E-octadecadienoyl)-sn-glycero-3-

phosphatidyl choline (1,2-bis-DenPC18,18 or simply, bis-DenPC) was performed by the 

method of Liu and O'Brien[156] , detailed in Schemes 1 and 2.  Oxidation of 1-

tetradecanol with pyridinium dichromate (PDC) in dichloromethane at 25 °C afforded 

tetradecanal in 63 % yield.  Wittig-Horner reaction of tetradecanal with trimethyl 4-

phosphonocrotonate, sodium hydride in anhydrous tetrahydrofuran (THF) at 0 °C 

afforded equal amounts of  2E, 4E-  and 2E, 4Z-  methyl octadecadienoates[473, 475] as 

quantified by 1H NMR.  Previous investigations of this specific reaction noted either 

exclusive formation[473] of or a mixture rich3 (7:3)  in the desired the 2E, 4E- isomer.  

We were unsuccessful in converting the diene isomer mixture efficiently to exclusively 

the 2E, 4E- isomer by isomerization with iodine3 or by urea inclusion complexation.[156]  

We were successful in separating the isomers by normal phase thin layer 

chromatography[476] and were able to perform this separation by flash chromatography. 

 Saponification of the desired 2E, 4E- methyl ester with aqueous methanolic 

potassium hydroxide at 100 °C and concomitant acidification with hydrochloric acid 

afforded  2E, 4E-octadecadienoic acid in 94 % yield.  There was no detectable 

isomerization of the diene as determined by 1H NMR.  The final step was coupling the 

octadienoic acid with sn-glycero-3-phosphocholine cadmium chloride complex (GPC) in 

the presence of dicyclohexylcarbodiimide and 4-dimethylaminopyridine in 

dichloromethane at 25 °C over three days in the dark provided the 1,2-bis (2E, 4E-

octadecadienoyl)-sn-glycero-3-phosphatidyl choline in 13 % yield.  Attempts to improve 
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the yield by using chloroform as solvent and letting reaction stir over a longer period 

(five days) resulted in a bis den product partial isomerization of the 4E- double bond 

(about  10%  by 1H  NMR).  



 

 

314

Scheme 1  Synthesis of bis-DenPC 
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Synthesis of mono-SorbPC 

 Sorb17 acid [10-(2',4'-hexadienoyloxy)decanoic acid] was prepared by the 

procedure of O’Brien.[170, 477]  A shorter, simplified two step synthesis of sorb17 acid 

from ω-decanolactone is known.[478]  

 Coupling of Sorb17  acid with the lysophosphatidylcholine 1-palmitoyl-2-

hydroxy-sn-glycero-3-phosphocholine[479] in the presence of dicyclohexyl carbodiimide 

(DCC) and 4-dimethylaminopyridine (DMAP) in chloroform afforded the mixed 

diacylphosphatidylcholine mono-Sorb PC16,17 as a white solid in 91% yield.  The mono-

SorbPC16,17 was stored as a matrix in frozen benzene in a freezer (-40 ◦C).   

 

General Experimental 

 This reaction was performed under nitrogen in amber glass vessels under ambient 

yellow light.  The solvents benzene and  chloroform were distilled prior to use.  The 

solvents  methanol and water were HPLC grade and were used without further 

purification.  Flash chromatography was performed on Geduran® Silica gel 60 (SiO2).  

Mass spectrometry was performed in the University of Arizona Department of Chemistry 

Mass Spectrometry Facility using Matrix Assisted Laser Desorption Ionization (MALDI) 

employing the matrix dithiothreitol.  NMR spectra were recorded in the Department of 

Chemistry Nuclear Magnetic Resonance Spectroscopy Facility. 
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 The lysoPC  1-palmitoyl-2-hydroxy-sn-glycero-3-phosphocholine[480] (214 mg, 

0.432 mmol) was suspended in dry benzene (10 mL) in a dry 2 oz. amber bottle.  The 

benzene was removed in vacuo.  This drying procedure was repeated (3x).  The Sorb17 

acid (230 mg, 0.815 mmol, 1.9 equiv) was twas dissolved into dry benzene (10 mL) and 

was charged into the amber bottle of the lyso PC.  The suspension was concentrated in 

vacuo.  This fused solid was dried under vacuum. 

 The fusion was charged with nitrogen and was treated with DCC (222 mg, 1.08 

mmol, 2.5 equiv) and DMAP (70 mg, 0.573, 1.3 equiv).  The mixture was taken up into 

chloroform (3 mL) and  was sealed under nitrogen. 

 After 7 d, the reaction mixture was filtered and the solid was washed with 

chloroform (4 x 15 mL).  The filtrate and washings were combined and filtered again.  

The filtrate was collected and treated with methanol (25 mL), shaken and concentrated to 

50 % of the original volume.  The solution was treated with Bio-Rad AG501-X8 resin (2 

g) and stirred for 20 min.  The resin mixture was filtered through Celite® .  The pad was 

washed with chloroform (2 x 15 mL).  Filtrate volatiles were removed in vacuo and the 

resultant solid was suspended into dry benzene (10 mL). 

    Flash chromatography (2.5 cm x 15 cm, 60 g SiO2) using the following elution 

protocol: 

1 Pack column with dry silica 

2. Wash column with chloroform 

3. Inject benzene solution of lipid onto column 

4. Wash column with chloroform (3 x 150 mL) 
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5. Wash with 5 % (v/v) methanol in chloroform (2 x 150 mL) 

6. Wash column with 10 % (v/v) methanol in chloroform (2 x 150 mL) 

7. Wash column with 20 % (v/v) methanol in chloroform (2 x 150 mL) 

8. Wash column with a mixture of 65 parts chloroform / 25 parts methanol/ 1 part 

water (2 x 150 mL) 

9. Begin to collect fractions upon elution with 65 parts chloroform/ 25 parts 

methanol/ 4 parts water (300 mL);  

afforded mono-Sorb PC16,17 as a white solid ( 305 mg).  The solid was taken up into 

benzene (30 mL) and was filtered (0.45 µ disks, Acrodisc) and concentrated in vacuo to 

afford a white solid (300 mg, 91 %).  This solid was taken up into benzene (30mL), 

filtered (0.22 µ disk, Acrodisc)  and was stored in an amber bottle sealed with a Teflon® 

lined cap in a freezer.  The material was identical to authentic mono-Sorb PC16,17 as 

determined by NMR.  Mass spectrometry m/z (M = C40H74NO10P, 759.5,  rel. int.): 1520 

(M2H+, 19), 763.52 ( MH+, 3), 762.5 (MH+, 13), 761.5 (MH+, 47), 760.5 (MH+, base).  

 

 

 

 

 

 

 

 



 

 

320

320

APPENDIX 3. 

PROOF OF PERMISSION FOR COPYWRITTED MATERIAL USED 

IN THIS WORK 
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