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ABSTRACT 

Enzymes can be used to catalyze reactions in non-aqueous media, which can be 

particularly useful for the processing of materials with low water solubility. One such 

reaction is the lipase-catalyzed esterification between citronellol and acetic acid, in a 

medium of hexane. Both reaction conditions and special pretreatments on the lipase 

impact the lipase's catalytic performance. This project focuses on improving lipase 

performance by optimizing it's pretreatment. The pretreatment factors studied include 

pH adjustment, lyophilization time, addition of buffer salts, non-buffer salts, denaturants 

or active site protectants to the lyophilizate, and flash-freezing in the presence of phase 

interfaces. The effectiveness of a particular pretreatment is presented in terms of 'relative 

perfomiance' (RP), which is equal to the number of times faster the pretreated lipase 

catalyzes the reaction relative to untreated lipase. 

The individual and interactive effects of the pretreatment factors were studied in detail 

and compared. Buffer salts had a much stronger performance enhancing effect than non-

buffer salts; pretreatment with 90% (w/w) sodium phosphate yielded lipase with an RP of 

-64 (catalyzed the reaction ~64 times faster that untreated lipase). A strong interaction 

between the treatments with sodium phosphate and pH adjustment was found. Both these 

treatments may mitigate the inhibitory effect of acetic acid, one of the substrates. 

Activating effects of phase interfaces and active site protectants are shown to be 

complementary to other treatments, demonstrating that they act by a distinct mechanism. 

An optimization process known as 'the method of steepest ascent' was used to 



14 

simultaneously optimize the pH and buffer salt pretreatments, as well as the 

concentration of acetic acid in the reaction mixture. This process succeeded in rapidly 

developing pretreatment combinations that yielded lipase with RP as high as 170. 

Studies were also conducted to develop methods for recovery, reprocessing and reuse of 

lipase from completed reactions. 
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1 BACKGROUND AND JUSTIFICATION 

1.1 Enzymes 

Proteins perform a variety of functions in living organisms including structural, signaling, 

catalytic, and immunological functions. Enzymes are the subset of proteins with catalytic 

properties; they accelerate chemical reactions without being consumed or altered in the 

process. Most of the myriad chemical reactions in a living cell are enzyme catalyzed. 

Enzymes can achieve huge increases in reaction rates, with high specificity. The 

performance of many enzyme-catalyzed reactions cannot be matched with non-enzymatic 

chemistry. For example, the human chromosome is copied, maintained and read by 

teams of enzymes. 

Enzymes are extremely large, complex and firagile molecules. They consist of long 

chains of the 20 different amino acids, in specific sequences, folded in specific shapes. 

Some, such as glutamate dehydrogenase (isolated firom bovine liver), have molecular 

weights as high as 1 million Daltons, each enzyme molecule of a specific type having 

essentially the same structure (Lehninger, 1993). These molecules can easily become 

damaged, destroying their catalytic properties. Over the past century, scientists have 

gradually learned how to produce large quantities of enzymes, protect their delicate 

structures and put their unique properties to technological use. 
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1.2 Industrially relevant reactions catalyzed by enzymes in non-aqueous 

media 

Enzymes are used in the food, pharmaceutical, chemical and medical diagnostic 

industries to catalyze specific reactions. Although the first patents for enzymatic 

processes were granted over 100 years ago, growth in the industrial use of enzymes has 

been quite slow. Currently, the food and medical diagnostic industries make the most 

extensive use of enzymes. In 1990, the world enzyme market was estimated at $900 

million, 74% of which was accounted for by three major applications: dairy products, 

household detergents and starch processing. The vast potential for their use by the 

chemical and pharmaceutical industries has been slow to realize. Recent developments in 

biotechnology are accelerating industry's adoption of enzymatic methods (Dordick, 1991; 

Neidleman, 1991; Zaks, 1991; Sheldon, 1996). 

Enzyme catalyzed reactions can have many advantages over traditional chemical 

reactions. These include high stereo- and regio- selectivity, few side reactions, mild 

reaction conditions, 'environmental-friendliness' and very high efficiency. In some 

countries, substances produced using enzymes qualify for the label 'natural' while the 

same substance produced by traditional chemical methods is labeled 'artificial'; the 

'natural' label can give a marketing advantage to a product. 

Most enzymatic processes currently in use have enzymes solubilized in water or 

immobilized on a solid support that is surrounded by water. However, water is an 
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unsuitable medium for many reactions, particularly for reactions involving hydrophobic 

organic compounds. The low water-solubility of hydrophobic compounds limits the 

efGciency of these reactions. Water can also lead to undesirable side reactions, such as 

hydrolysis or acyl migration (Zaks, 1991; Sheldon, 1996). 

Since about 1985, the use of enzymes in non-aqueous media has been a leading topic 

among biotechnologists. Technically, any substance other than water could be a 'non

aqueous reaction medium', but the term typically refers to low-polarity organic solvents, 

such as hexane. Non-aqueous enzymology promises to overcome many of the 

shortcomings of traditional aqueous enzymology. Among the potential advantages are 

high solubility of many organic substrates, improved thermostabiUty of the enzyme, 

elimination of some side reactions, more favorable reaction thermodynamics, resistance 

to proteolysis and easy recovery of enzyme. In the absence of water, some enzymes 

catalyze reactions that they will not catalyze in an aqueous environment (Zaks, 1991; 

Klibanov, 2001). Use of non-aqueous media may preclude a product from earning the 

'natural' label, but there is not yet consensus on this point (Sheldon, 1996). 

Many industrially relevant reactions, using enzymes in non-aqueous media, have been 

demonstrated on the laboratory scale. This includes reactions to produce 

pharmaceuticals, food additives, flavors and fragrances, pesticides and polymers. A few 

of these processes are currently in industrial use. One example is a regio-specific 

transesterification between two inexpensive fats to produce a fat with a melting profile 
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similar to cocoa butter, a very expensive fat. Another example is esterification of fatty 

acids and alcohols. The Unilever Corporation now produces esters by this method for use 

as emollients in personal care products (Sheldon, 1996). 

The majority of reactions that have been demonstrated in the laboratory have not gone 

into commercial use. One obstacle is the widespread misconception that enzymes are 

unsuitable for industrial production. Another is the high price of many enzymes, though 

the price of enzymes is now slowly falling, due to advances in their production and 

increased market competition. Finally, many of these processes do not yet offer large 

enough advantages to compel manufacturers to abandon traditional methods of chemical 

processing (Dordick, 1991; Vulfson, 1994). Continued reduction in enzyme cost and 

improvement in process design could soon lead to widespread adoption of enzymatic 

processes by industry. 

Lipases are a class of enzymes that cells use to hydrolyze triacylglycerols (fats and oils). 

Lipases only account for a small percentage of the total amount of enzymes currently 

used industrially, but their enormous potential attracts much research interest. Lipases 

are rather versatile; in an aqueous environment they hydrolyze ester bonds in molecules 

other than triacylglycerols. In a non-aqueous environment, the absence of water drives 

the enzyme-catalyzed reaction towards the synthesis of ester bonds between hydroxyi and 

carboxylic acid functional groups (See Figure 1). 
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S 0 
N 

"l-C-O-CHj-R, • H2O » Rj-C-OH + HO-CH2-R2 

ester water carboxylic alcohol 
acid 

Figure 1. General reaction catalyzed by lipases 

Enzymatic esterification is a particulariy useful reaction. It has been used to produce 

flavors and fragrances, triacylglycerols with special functional or dietary properties, 

surfactants, drugs, food ingredients and cosmetic emollients (Laboret and Perraud, 1999). 

Some of these products are not easily produced by traditional chemical methods. For 

example, (S)-Naproxen esters are chiral anti-inflammatory drugs. Only the S enantiomer 

of these drugs is pharmacologically active. Lipases have been successfully used to 

stereospecifically synthesize these esters from a racemic mixture of precursors (Tsai et 

al., 1999). Another example is the production of specifically structured triacylglycerols. 

Some lipases will specifically hydrolyze and esterify at either the 2 position or the 1 and 

3 positions on a glycerol molecule. This has allowed dietitians to design fats that meet 

special needs of patients with nutrient uptake problems (Akimoto, 1998). This same 

position-specific synthesis would be difficult and expensive if performed using chemical 

methods. 

Much recent research aims to optimize industrially relevant esterifications. These 

investigations focus on process conditions, such as solvent type, temperature, water 

activity, time, enzyme/substrate ratio, immobilization material, reactor set-up and 



20 

operation. While these conditions certainly impact the efficiency of the process, they 

neglect an important area of study - enzyme preparation treatments that could potentially 

boost enzyme activity dramatically. Ahnost all researchers developing these types of 

processes use lyophilized or immobilized enzymes 'straight out of the bottle'. However, 

other workers have shown that enzyme preparation treatments strongly influence an 

enzyme's activity when suspended in non-aqueous media. These workers, although they 

have achieved dramatic increases in enzyme activity, have rarely applied their findings to 

processes of commercial interest. A primary goal of this project is to join these two areas 

of research, by investigating enzyme preparation treatments that will improve a lipase-

catalyzed, commercially relevant reaction. 

The model system used in this project is an esterification between citronellol and acetic 

acid, by Mucor meihei lipase, to form citroneliyl acetate (Figure 2). Both citronellol and 

citroneliyl acetate are fragrant substances widely used by the flavor and fragrance 

industries. However, citroneliyl acetate is substantially more valuable than citronellol. A 

recent inquiry found that, when purchased in 100 kg quantities, 9S+% citronellol was 

$11.9S/kg, while 80% citroneliyl acetate was S22.05/kg (Sigma Flavors and Fragrances, 

2000). It is reasonable to assume that if the citroneliyl acetate were available in 95% 

purity, it would be significantly more expensive. 
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CM^OH «• HO 

Acctic *cid 

CitroMllyl acttat« 

Figure 2. Model reaction - enzymatic conversion of citronellol to citronellyi acetate 

Considerable research has gone into the development of appropriate process conditions 

for this and similar reactions (de Castro, et al., 1997; Fonteyn, et al., 1994; de Castro, et 

al., 1998; Claon, et al., 1994a&b; Laborer and Perraud, 1999), but no attention has been 

paid to the gains that might be made by improving the pretreatment of the enzyme. It is 

possible that an optimum pretreatment of the enzyme could improve the efQciency of this 

reaction to the point where it will be an economically viable alternative to traditional 

methods of production. 

U Behavior of enzymes in non-aqueous media 

Enzymes are folded in a particular way, which is known as the enzyme's native 

conformation. An enzyme folds into it's native conformation spontaneously as it is 

produced, because the native conformation is the conformation that is the most 

thermodynamically favorable in the enzyme's normal in vivo environment. 
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The folding of the enzyme is not rigid. Under normal conditions the structure of the 

enzyme is in constant random motion; the structure bends and flexes in tiny amounts, but 

usually remains close to the native conformation. The conformation of the enzyme is 

maintained by the enzyme's interaction with itself and its environment, which is typically 

an aqueous solution. A peptide chain will tend to stay folded in a way that exposes polar 

functional groups to the surrounding water, because these functional groups form 

hydrogen bonds with water molecules. Portions of the peptide with many non-polar 

groups tend to huddle together in the center of the enzyme. Substructures of the native 

conformation, such as a- helices and P-sheets, are maintained by attractions between two 

different parts of the peptide chain. 

The most critical portion of this folding is an area called the 'active site', where the 

reaction actually takes place. Functional groups in the active site of the enzyme increase 

the stability of the chemical reaction's transition state, increasing the reaction rate. The 

positioning of the functional groups in the active site and the overall shape of the active 

site are critically important for catalytic function. Although minor changes in the native 

conformation may leave the enzyme with some catalytic activity, larger changes 

invariably distort the active site and deactivate the enzyme (Fersht, 1999; Kyte, 1995). 

Environmental factors, including temperature, pH and ionic strength, affect the stability 

of the enzyme's native conformation. Major changes in an enzyme's environment 
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quickly lead to inactivation. This is why conventional wisdom assumes that it is not 

possible to use enzymes in organic solvents. A change in the solvent surrounding an 

enzyme is a huge change in its environment; it seems reasonable to expect the enzyme to 

turn inside-out, exposing its non-polar side chains to the solvent and burying its polar 

side chains in it's core, leading to deactivation. However, recent research has 

demonstrated that when prepared properly, enzymes may be placed in non-polar 

environments without unfolding, and can retain some activity. 

To prepare them for use in an organic solvent, enzymes are often lyophilized from 

aqueous solution. Lyophilization involves freezing a material and placing it under high 

vacuum. The frozen water in the material sublimates, leaving behind dry material. 

Applying this process to a solution of enzyme causes important changes. It removes a 

large majority of the water and this causes the conformation of the enzyme to become 

much more rigid. The water that dissolves the enzyme acts like a lubricant, allowing the 

strands of the enzyme molecule to slide and bend. The lubricating effect is believed to be 

due to water's ability to form hydrogen bonds with the protein molecule; in the absence 

of a solvent like water, the enzyme forms hydrogen bonds only with itself In addition to 

making the confomiation rigid, the removal of water causes some detrimental, but often 

reversible, changes in the conformation of the enzyme. Generally, lyophilization 

increases the P-sheet content and reduces the a-helix content of the structure. Often, if a 

lyophilized enzyme is redissolved in aqueous buffer, the enzyme will return to its native 

conformation and will have as much activity as it did prior to lyophilization (Griebenow 
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and Klibanov, 199S). However, if the denaturation is too severe, the redissolved enzyme 

aggregates and is permanently inactivated (Prestrelski et al., 1993). 

If a lyophilized enzyme is dissolved in an organic solvent, the results are as conventional 

wisdom predicts; the solvent lubricates the enzyme, just as water did, rendering the 

conformation flexible again. The change in environment leads to a change in 

conformation; the non-polar amino acids move towards the surface and the polar amino 

acids move towards the center, leading to a total loss of catalytic activity. One exception 

to this is when glycerol is used as a solvent; it's properties are similar enough to water 

that enzymes dissolved in glycerol sometimes retain a structure close enough to native 

that they retain some activity (Xu et al., 1997; Rariy and Klibanov, 1997). 

Fortunately, most organic solvents don't actually dissolve proteins to an appreciable 

extent (Chin et al, 1994; Singer, S. J., 1962). Usually, when lyophilized enzyme is 

introduced into an organic 'solvent', particles of enzyme are suspended in the liquid, 

rather than actually being dissolved (hereafter, the reaction medium will be referred to as 

a 'solvent' whether or not it is dissolving the enzyme). Most organic solvents cannot 

hydrogen bond with an enzyme molecule to the degree that water does, so the solvent 

does not have the lubricating effect, and the enzyme remains rigidly locked in the 

conformation it took upon lyophilization. This conformation is thermodynamically 

disfavored, but insurmountable kinetic barriers prevent changes in conformation. Since 
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the native confomiation of the enzyme was slightly distorted during lyophilization, the 

activity of lyophilized enzyme, suspended in organic solvent, is usually low. 

Despite the low activity, enzymes suspended in organic solvents have some very useful 

properties. Their rigid conformation confers a resistance to thermal deactivation. 

Enzymes used in this manner can often resist deactivation at 100° C for many hours; the 

same enzymes in aqueous solution are inactivated within seconds at this temperature 

(Klibanov, 1986). The rigid and distorted active site can lead to a change in an enzyme's 

substrate specificity and stereoselectivity. For example, porcine pancreatic lipase can 

accept tertiary alcohols as substrates when in aqueous solution; the same lipase will not 

accept tertiary alcohols when in organic suspension (Zaks and Klibanov, 1984). 

Researchers hypothesized that without conformational flexibility, such a bulky functional 

group cannot be accepted into the active site. Some enzymatic transformations are much 

more efQcient in organic suspension. For example, many substrates have low solubility 

in water. Organic solvents can allow higher substrate concentrations to be used, leading 

to higher reaction rates. Finally, enzymes in organic solvents can sometimes catalyze 

reactions they would not in an aqueous environment. Hydrolytic enzymes normally 

break a covalent bond with the addition of a water molecule. Many hydrolytic enzymes 

can accept nucleophiles other than water, as substrates. In a non-aqueous environment, 

some hydrolytic enzymes can be made to catalyze esterification rather than hydrolysis 

(Zaks and Klibanov, 1988). 
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1.4 Factors affecting the performance of non-aqueous enzymatic reactions 

1.4.1 Process conditions 

Process conditions are the relevant parameters of a reaction system, excluding treatment 

of the enzyme before it is introduced to the reaction. Among the process conditions 

frequently investigated are solvent type, temperature, enzyme and substrate concentration 

and ratio, reactor type, water content and cosolvent concentration. As process conditions 

are not being studied directly in this work, only a brief review will be presented here. 

Water content 

Even in organic solvent suspensions of enzymes, water is present and plays an important 

role. Lyophilization does not remove all the water from an aqueous solution, as small 

amounts remain tightly bound to the enzyme, especially surrounding charged and highly 

polar groups. It is believed that this water is necessary for the enzyme to retain any 

activity (Lee et al., 1998). Adding water to an anhydrous enzyme suspension generally 

increases activity, to a point (Zaks and Klibanov, 1988a; Valivety et al., 1992). It is 

hypothesized that the water increases structural flexibility and allows the enzyme 

structure to shift to a more native-like form (Russell and Klibanov, 1988; Lee et al., 

1998). The relation between water and catalytic activity varies from enzyme to enzyme. 

Some enzymes will display activity with much less than a monolayer of water 

surrounding them (lipase, subtilisih, chymotrypsin, lysozyme), while others require 

approximately a monolayer to be active (alcohol dehydrogenase, polyphenoloxidase, 

alcohol oxidase) (Zaks and Klibanov, 1988a; Valivety et al., 1992b; Lee et al., 1998). 
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Since solvents differ in water solubility, water concentration is a poor indicator of an 

enzyme's hydration state; thermodynamic water activity is a much better measure. One 

research group suspended lipase in different solvents, with varying concentrations of 

water. The maximum activity occurred at a different water concentration in each solvent, 

but at roughly the same water activity in each solvent (Valivety et al., 1992). 

As the water activity of a predominantly non-aqueous suspension increases, the enzyme 

loses its special properties, increases in activity and begins to behave more like it does in 

aqueous solution (Russell and iGibanov, 1988; Rich and Oordick, 1997). Water may also 

act as a substrate, in some cases, and compete with the target reaction. It is desirable to 

increase the activity of anhydrous suspensions without losing the special properties. 

Solvent 

The nature of the solvent surrounding the enzyme has major effects on catalytic 

performance. Water, substrates and products partition between the enzyme and the bulk 

solvent phase. The properties of a solvent determine how hydrated an enzyme will be at 

a particular water content. Solvents with a high dielectric and a high solubility of water, 

such as tetrahydrofuran, will strip water from the enzyme. Solvents with the opposite 

properties, such as hexane, leave most of the water surrounding the enzyme (Gorman and 

Dordick, 1992). The degree of hydration has a strong effect on activity. 
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The partition coefficients of the substrates and products between the enzyme and the 

solvent also affect catalytic efficiency. Ideally, the substrates will tend to partition onto 

the active site of the enzyme and the products will tend to partition into the bulk solvent. 

These effects emphasize the importance of an appropriately chosen solvent for a given 

reaction. 

Direct interaction between the media and the enzyme is usually of minor importance, 

especially with hydrophobic media. One exception was observed for subtilisin in 

toluene. Investigators determined that the toluene was acting as a competitive inhibitor in 

this case (Sampaio et al., 1996). It has been shown that most non-aqueous media do not 

strongly affect the structure of crystallized or lyophilized enzymes (Schmitke et al., 1997; 

Griebenow and Klibanov, 1997). 

In addition to traditional organic solvents, other novel approaches are experiencing some 

success. Super-critical COz has been used as a reaction medium. It has advantages 

including better mass transport, easy separation of product from solvent, and good safety 

and disposal characteristics (Bousquet, et al., 1999; Hakoda, 2002). Some groups have 

completely eliminated the use of a reaction medium by adding the enzyme directiy to a 

mixture of the reactants. This reduces reaction volume, increases substrate and product 

concentration and can ease down-stream purification (Kose, et al., 2002; Langone, et al. 

2002; Sandoval, et al., 2002). However, this approach is not suitable for all reaction 

types. Reactions involving substrates that are highly viscous or solid at the reaction 
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temperature would not work well. Some substrates, such as acetic acid, can interact 

directly with the enzyme and disrupt the enzyme's activity; this problem is exacerbated at 

high concentration. 

Cosolvent 

Another strategy for activating anhydrous suspensions involves the addition of a 

cosolvent, that will dissolve the enzyme, to the suspension. By themselves, solvents such 

as dimethylsulfoxide or formamide will dissolve enzymes and completely denature them. 

However, when added in small amounts to an anhydrous suspension, these solvents can 

dramatically increase enzyme activity. One group of investigators proposed that the 

activation is due to an increase in conformational flexibility and a decrease in 

intermolecular protein-protein contacts. They suggest that this strategy should be 

complementary to methods of lyoprotection (Zaks and Klibanov, 1988a; Almarsson and 

Klibanov, 1996). However, it is not clear that these cosoivents have a different role than 

hydrophiiic lyoprotectants. 

1.4.2 Enzyme preparation conditions 

Commercial, non-immobilized enzyme is generally sold as a lyophilized powder (or 

sometimes in aqueous buffer). As mentioned earlier, many researchers have added the 

enzyme in this form to their non-aqueous reactions. However, most commercial enzymes 

were not developed with this type of use in mind. 
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Other researchers have discovered beneficial treatments that can be ^plied to the enzyme 

before adding it to the reaction mixture. These all involve dissolving the enzyme in 

water, possibly adding one or more lyoprotectants, adjusting pH and then freeze-drying 

the enzyme for a specified amount of time. The following summarizes the most 

successful enzyme pretreatments. 

pH 

The pH of the lyophilizate has a strong effect on the activity of an enzyme in anhydrous 

suspension. Most workers have found that an enzyme's optimum pH in aqueous solution 

is also the optimum pH for lyophilization and suspension (Zaks and Klibanov, 1988b); 

although alcohol dehyrodrogenase is an exception to this rule (Guinn et al., 1990). 

Commercial preparations of enzyme often do not take this pH effect into account. 

Commercial enzyme that is dissolved, pH adjusted, lyophilized and suspended can have 

much higher activity than commercial enzyme that is suspended straight out of the bottle 

(Ru et al., 1999). It has been demonstrated that the lyophilized enzyme retains the 

ionization state it had when it was in solution, prior to lyophilization (Constantino et al., 

1997). 

Lyoprotectants 

Several research groups have investigated the use of lyoprotectants, compounds that 

protect an enzyme during the freeze-drying process. Substrates and competitive 

inhibitors, compounds that fit in an enzyme's active site, are commonly chosen as 
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lyoprotectants. An aqueous solution of enzyme and protectant is lyophilized, the 

protectant is washed or evaporated away from the dried powder (if it is not soluble in the 

medium to be used), and the powder is suspended in the non-aqueous medium. Enzymes 

protected in this maimer show dramatic increases in activity, compared with unprotected 

enzymes (Dabulis and Klibanov, 1993; Rich and Dordick, 1997; Dai and Klibanov, 

1999). There is significant evidence to support the idea that the protectant sits in the 

active site of the enzyme, and prevents it from changing shape during lyophihzation; the 

protectant leaves an 'imprint' on the enzyme (Russell and Klibanov, 1988; Dai and 

Klibanov, 1999). However, the effect of these protectants on secondary structure is not 

apparent (Griebenow and Klibanov, 1997). The protectant seems to preserve the native 

structure of the active site only (Rich and Dordick, 1997). In anhydrous suspension, the 

enzyme structure is too rigid to change, even after the protectant has been removed. In 

one case, it was shown that subtilisin 'imprinted' by lyophilization with a substrate 

showed a 1200-fold catalytic rate enhancement over non-imprinted enzyme, when no 

water was added to the system (Rich and Dordick, 1997). As the percentage of water 

added increases, the rate enhancement drops rapidly. With just one percent added water, 

the rate enhancement drops to 10-foId. Presumably, water increases the flexibility of the 

enzyme and the 'imprint' is lost. It should be noted that the removal of this type of 

lyoprotectant can be problematic. While removing the protectant increases activity by 

freeing active sites, the washing procedure can strip water from the enzyme leading to a 

decrease in activity (Dabulis and Klibanov, 1993; Triantafyllou et al., 1994). 
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Hydrophilic compounds such as sorbitol, Tris or PEG, have been used successfully as 

lyoprotectants. It is hypothesized that these compounds protect the enzyme by replacing 

the water that normally surrounds the enzyme. While it appears that hydrophilic 

lyoprotectants preserve activity by a different mechanism than substrate-like 

lyoprotectants, the experimental evidence is unclear on this point. When several 

hydrolytic enzymes (lipases and proteases) were prepared using both types of protectants, 

no additive effect was observed, suggesting the protectants act by similar mechanisms 

(Dabulis and Klibanov, 1993). However, when different oxidases were prepared in the 

same manner, a strong additive effect of the two types of protectants was observed (Dai 

and Klibanov, 1999). 

Finally, enzymes can be greatly activated by the inclusion of salts in the lyophilizate. 

This effect has been demonstrated with several different hydrolytic enzymes and one 

oxidative enzyme (Khmehiitsky et al., 1994; Ru et al., 1999; Triantafyllou et al., 1997; 

Skrika-Alexopoulos and Freedman, 1993). Both buffering salts, such as sodium 

phosphate, and non-buffering salts, such as potassium chloride, have been used. One 

study found that the activating effect of different salts is similar, when compared on a 

weight percent basis (rather than a molar basis), although sodium phosphate may be an 

exception to this rule at high concentrations (Triantafyllou et al., 1997). Another study 

found that different salts had very different activating effects (Skrika-Alexopoulos and 

Freedman, 1993). 
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The activating mechanism of salts is not well understood. One test, using subtilisin, 

showed that the inclusion of KCl preserved the native content of a-helix, but not P-sheet 

secondary structure in the protein (Griebenow and Klibanov, 1997). It has been 

demonstrated the salts do not act by reducing dif(usional limitations (Bedell et al., 1998). 

When a non-aqueous reaction mixture contains small organic acids, such as acetic acid, 

the acid will tend to partition to the very small aqueous phase surrounding the enzyme, 

dramatically lowering the pH of the aqueous phase. Conceptually, buffer salts will resist 

this change in pH, and this may partially explain their activating effect. 

Flash freezing in the presence of phase interfaces 

In aqueous solution, the lipase active site is believed to be covered by a length of a-helix, 

based on it's X-ray crystallographic structure (Brady, 1990). This a-helix acts as a lid, 

restricting access to the active site. When the enzyme encounters a phase interface, such 

as the surface of a lipid micelle, the enzyme tends to position itself right on the interface, 

so that part of the enzyme is in the aqueous phase, and part is in the lipid phase. Only 

when the enzyme is at a phase interface does the a-helix 'lid' swing away and permit 

easy access to the active site (Mingarro, et al., 199S; Louwrier, et al., 1996; Gonzalez-

Navarro and Braco, 1998). 

When lipase is lyophilized from aqueous solution without phase interfaces, the lid of the 

lipase is in the closed position. When this lyophilized lipase is introduced to a non-
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aqueous medium, it is rigid because of the loss of the lubricating effect of water; the lid is 

locked shut. 

One research group hypothesized that the closed lid reduced lipase activity in non

aqueous media (Gonzalez-Navarro and Braco, 1998). They developed a treatment to 

keep the lid open during lyophilization; the enzyme is introduced to an emulsion of lipid 

in water, so the enzyme partitions onto the surface of the micelles. This emulsion is 

flash-frozen in liquid nitrogen. After lyophilization and washing away of the lipid, the 

enzyme is locked in a conformation that makes its active site very accessible. With this 

treatment they achieved a 90-fold increase in activity. 

Lyophilization time and water activity 

Lyophilization does not have a well-defined endpoint. After all visible ice has 

subUmated, there are still small amounts of water surrounding the solid hydrophilic 

particles. This remaining water is slowly removed if the sample is kept under vacuum. 

The range of water activity between the disappearance of the last ice and total dryness 

can be highly influential on enzyme performance. One researcher found that when lipase 

was lyophilized with KCl, activity rose steadily as lyophilization time increased from 50-

60 hours; activity dropped off rapidly with longer lyophilization times (Ru et al., 1999). 

The mechanisms of this effect are not well understood. The rapid decrease in activity (k 

cat/Km) after the optimum is mostly due to an increase in Km- This may indicate a 

decreased affinity between the active site and the substrate. During the rise of Km, the 
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water content of the enzyme powder is fairly constant, as measured by Karl Fischer 

titration. This suggests that relatively few critical water molecules are being removed, 

but they have a large impact on activity. 

Immobilization 

Immobilization of enzymes can have major benefits for enzymatic processes. Often 

immobilization increases stability of the enzyme and makes enzyme recovery much 

easier. However, it often drastically reduces enzymatic activity. Many industrial 

enzymatic processes use immobilized enzymes. However, this project will not consider 

immobilization. Immobilization is a complex subject in itself and its inclusion could 

muddle conclusions about the effects of the other treatments. Of course, as this 

technology develops, the interaction between the other treatments and immobilization 

will need to be investigated. 

Chemical modification of enzyme 

Covalent attachment of enantiomerically pure substances to the cysteine groups in 

enzymes has been investigated. This pretreatment has not been used to increase overall 

activity, but rather to modify the stereospecifity of the enzyme (Dickman and Jones, 

2000). 
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Denaturants 

Urea, one of the most commonly used protein denaturants, has been added to enzyme 

pretreatments. This counter-intuitive method has successfully increased the activity of 

horseradish peroxidase, a-chymotrypsin and subtilisin (Guo and Clark, 2001). Urea 

pretreatment may act by the same mechanism as the addition of denaturing cosolvents to 

the reaction mixture; partially unfolding and increasing the flexibility of the enzyme. 

Surpisingly, guanidium chloride, another common denaturant, was not found to have the 

same effect (Guo and Clark, 2001). 

Comparison of the treatments 

Comparing the individual treatments, based on the existing literature, is impractical 

because of differences in enzyme type, reaction conditions and experimental methods. 

Direct comparison of the different treatments in this manner is inappropriate, because of 

the diversity of methodologies used. However, Table 1 gives examples of the rate 

enhancement magnitudes that have been achieved. This information is shown merely to 

provide a qualitative firamework for the rate enhancements. 
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Table 1. Example rate enhancements achieved with different pretreatments 

Treatment type Enzyme used Performance Reference 

enhancement (x times 

the reaction rate of 

untreated enzyme) 

Substrate analog (N- o-chymotypsin I8S Dabulis and Klibanov, 

Ac-L-Phe-NHz) 1992 

Psuedomonas cepacia 60 *4 *4 

lipase 

Chromobacterium 6.7 ** t4 

viscosum lipase 

Non-bufTer salt subtilisin 3750 Khmelnitsky, et al., 1994 

(KCl) 

a-chymotypsin 52 (4 *4 

Buffer salt (EPFS*) Candida antartica lipase 5.5 Triantafyllou, et al., 1997 

Phase inter£ices Porcine pancreatic lipase 90 Gonzalez-Navarro and 

Braco, 1998 

pH adjustment Myrotheciunt verrucaria 14 Skira-Alexopoulos and 

bilurubin oxidase Freedman, 1993 

Denaturant (urea) Horseradish peroxidase 351 Guo and Clark, 2001 

subtilisin 25 44 44 

*EPPS = N-(2-Hydroxyethyl) piperazme-N'-(3-propane sulfonic acid) 
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Enzyme treatments in combination 

The mechanism of each pretreatment is not entirely understood, but the accumulated 

evidence indicates that the treatments do not all protect the enzyme by the same 

mechanism. Investigating the use of combinations of treatments can have two important 

results. First, the complimentarity or non-complimentarity of a pair of treatments can 

give insight into whether they act by the same mechanism. Second, from an application 

perspective, knowledge of the interaction between treatments and the complimentarity of 

treatments is necessary to design optimal combination treatments. 

Previous research into each of the treatments has usually evaluated one of the treatments 

in isolation. Further, there is almost no information on possible interactions between the 

treatments when used in combination. In one important exception, Ru, et al. (1999) 

found a combination of KCl and lyophilization time that increased the activity of 

subtilisin carlsberg 20,000-fold. 

The development of high-perfonnance reactions is key to the success of non-aqueous 

enzyme technology. This project aims to develop a better understanding of treatments 

that can potentially have a huge impact on performance. 
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1.4.3 Enzyme recovery, reprocessing and reuse 

Being catalysts, enzymes are not depleted in the course of a reaction. Except for loss of 

activity through denaturation, they can catalyze reactions indefinitely. So, in the context 

of industrial batch reactions, recovery and reuse of expensive enzyme from finished 

reactions is very important. Ideally, a very high percentage could be recovered very 

easily, reprocessing could restore all lost activity, and the enzyme would perform just as 

well in the second reaction as it did in the first. It is not obvious which recovery and 

reprocessing methods best approximate this ideal. However, improvements in recovery 

and reprocessing can dramatically reduce the cost of an enzymatic process. 
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2 PROJECT GOALS AND EXPERIMENTAL DESIGN 

This project examines enzyme pretreatment methods, with consistent reaction conditions. 

Seven pretreatment variables were chosen to investigate, based on relevance to industrial 

reactions, including: 

• length of lyophilization time (LT) 

• pH of the lyophilizate (pH) 

• concentration of non-buffer salts ([NBS]) 

• concentration of buffer salts ([BS]) 

• concentration of active site protectants ([ASP]) 

• freezing in the presence of phase interfaces (PI) 

• concentration of urea ([urea]) 

2.1 Specific aims (SA) 

1. To investigate the effect of each treatment individually, over a wide range of 

treatment levels; to compare the effects each of the individual treatments at their 

optimal levels, and learn about the sensitivity of the response to changes in each 

individual treatment. 

2. To compare treatments on a more consistent basis than is possible &om evaluation 

of results in the literature. 

3. To investigate whether the effects of the different treatments are additive when 

used in combination, and evaluate possible interactions between pairs of 

treatments. 



41 

4. To determine whether different pretreatments likely act by the same or distinct 

mechanisms. 

5. To investigate the inhibitory effect of the substrate acetic acid, and whether 

pretreatment can alleviate this inhibition. 

6. To design a pretreatment that yields high-performance enzyme that will be more 

useful to industry. 

7. To investigate methods for recovery, reprocessing and reuse of enzyme. 

2.2 Experimental design 

Smdying a system with seven factors requires Judicious experimental design in order to 

meet the project goals, in a timely manner, without wasting resources. Modem 

experimental design has efQcient methods to characterize multi-dimensional factor 

spaces, but these alone will not achieve the project goals. 

PreUminary studies revealed that the effects of all of the treatment variables are highly 

non-linear, when examined over a wide range of variable settings. Normal factorial 

designs assume that individual treatments have linear effects on the response. Oftentimes 

the linearity assumption is met by restricting the range of each factor to a range small 

enough that the effects are roughly linear. This approach would not be appropriate to 

meet SA 1 & 2, which requires the examination of each factor over a wide range. One-

factor-at-a-time experiments (one treatment variable is changed while holding all others 

constant) are the most appropriate type of experiments for achieving SA 1 & 2. While 
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one-factor-at-time experiments are widely considered inefficient, they do not require the 

assumption of linearity. To achieve S A 1 a fairly detailed response profile for each 

treatment must be produced. This profile indicates the sensitivity of the response to non-

optimal treatments. Factorial designs do not produce this type of profile. Since neither 

the range of interest nor the shape of the response profile is known a priori, one-factor 

experimentation is advantageous because additional treatment levels can be added at any 

time without disrupting the design. One-factor experiments are also a wise choice for 

initial experiments in an area that is new to the researcher. It allows the researcher to 

gain experience with each treatment, one at a time, before committing to a larger design. 

The results are analyzed by ANOVA, and when it is shown that the sample means are not 

all equal, the least significant difference (LSD) method is used to compare individual 

means (Montgomery, 2000). 

The next stage of investigation is concerned with using different treatments in 

combination (SA 3 & 4). Rather than attempting to test every possible pair or triplet of 

treatments, the interesting combinations are chosen based on experience and information 

fiom the literature. Our justification for not testing interactions between all possible 

groups of factors is that complete characterization of the pretreatment process is not the 

goal of this experimental stage. Rather, we aim to identify groups of factors that can 

compliment each other or interact, to shed light on whether different factors act by 

distinct mechanisms, and to narrow down the field of treatments from seven to three 

before attempting to accomplish SA 6. We had intended to accomplish these goals using 
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a number of two or three factor, two<level, full factorial designs. However, as our 

research progressed, it became apparent that factorial experiments would not produce the 

most useful type of information. The linearity requirement of factorial experiments 

would require us to examine only a very small factor space. In most cases, we chose to 

study interactions by comparing two series of one-factor experiments, which differ only 

in the level of a second factor. We occasionally used other types of experiments, when 

appropriate. 

After completion of the experiments for SA 3 & 4, the results were used to select three 

factors to investigate further. The selection was based on identifying factors that have 

high potential to increase activity and interact positively with each other. The remaining 

factors were not necessarily left out of further experiments, but they were not varied. 

SA 6 is accomplished using a response surface method known as 'the method of steepest 

ascent' (Montgomery, 2000), to efficiently find a high-performance combination of 

treatments. Briefly, this involves selecting two levels for each of the three chosen 

factors. Then a 2^ full factorial design, with 4 additional center points, is carried out with 

the set of three treatments. The results are analyzed, and if it is found that a first-order 

regression model can fit the data, the 'direction of steepest ascent', or the direction in 

which the response surface is rising the quickest, is determined. This is accomplished by 

computing the gradient of the regression model. Single runs are performed at a number 

of different distances along this direction. Typically, the response will rise for a short 



44 

distance along the path of steepest ascent, reach a peak and then drop. The process can 

be repeated by constructing a new factorial experiment around the peak, determining if a 

first-order model fits, and so on. The process continues until one of the factorisil 

experiments produces results that are not well described by a first order model. Typically 

this will occur near an optimum. At this point additional experiments are performed, to 

allow the estimation of second order effects, and a more complex model is developed. 

The rough location of the optimum can be derived from this model. This methodology is 

a highly efficient way to optimize a process. 

Since optimization is potentially an endless task, it is reasonable to decide a priori the 

amount of time and resources to use in an optimization process. The following was our 

estimate of the number of experimental runs required to locate a rough optimum. Each 

factorial experiment will be performed in 12 runs; a single replication of each comer (8) 

and four additional center-points (to provide an estimate of error and to determine if the 

first order model fits). It is difficult to estimate how many points along the path of 

steepest ascent will be required, but we hypothesized an average of eight runs would be 

adequate. The number of rounds of optimization is also difficult to determine. 

According to Montgomery (2001), one to three rounds are typically all that are required 

before it is necessary to switch to a second order model. A central composite design will 

be used at the point when a second order model becomes necessary. This involves six 

axial runs and two center points, in addition to the existing factorial design. If these 

assumptions made were accurate, the above design should be able to determine a rough 
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optimum in 58 runs. This number of runs is reasonable when the nature of the research 

and the available resources are considered. As will be shown later, less than half the 

estimated number of runs were actually needed. 

There are two possible scenarios which could cause this design to fail. If the true 

response surface contains a local optimum and the global optimum, separated by a valley, 

the designed experiment could locate the local optimum without giving any indication 

that the higher, global optimum exists. There seems to be no way to deal with this 

problem, without greatly increasing the required number of runs. The other difficultly 

that could arise involves areas of the surface that cannot be well fit by a linear model, but 

also do not contain the optimiun. We planned to resolve this potential problem by using 

a linear model regardless of the fit, until the region of the optimum is reached. 

SA 5 concerns our suspicion of an important interaction between pretreatment with 

NaPhos and [acetic acid] in the reaction mixture. Previous research has observed an 

inhibitory effect of acetic acid in the reaction mixture on lipase performance (de Castro, 

et al., 1998; Claon and Akoh, 1994; Laboret and Perraud, 1999). The inhibitory effect is 

minimized when the reaction medium is dilute in acetic acid. However, dilute reaction 

mixtures push down process efficiency and increase downstream purification costs. The 

inhibitory effect of acetic acid is likely due to the partitioning of the acid to the surface of 

the enzyme. The acid lowers the local pH around the enzyme and changes the enzyme's 
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iooization state, inhibiting the enzyme. SA S will investigate the hypothesis that if the 

enzyme is treated with buffer salts, it will resist inhibition by acetic acid. 

Specifically, the concentration of acetic acid in the reaction mixture is increased fiom 

0.125 to 0.2S0 M, a level that has been reported to inhibit lipase activity. The inhibition 

of lipase treated with buffers salts is compared to the inhibition of lipase treated with 

non-buffer salts. 

2 J Response variable 

The response variable is the performance of the treated enzyme relative to the 

performance of untreated enzyme. The measurement of performance is described below 

in the Materials and Methods chapter. 

2.4 Factors held constant 

All reaction conditions (temperature, shake speed, initial concentration of reactants, etc.) 

are held constant. These are well controlled. The reaction mixture is made in large 

batches and divided for individual reaction runs to minimize differences in reactant 

concentration from run to run. The initial water activity of the reaction mixture is fixed 

using a salt hydrate pair (see Methods). Temperature and shake speed are well 

controlled; the small variations in these factors are not expected to have a significant 

effect on response. 
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3 MATERIALS AND METHODS 

3.1 Reagents 

DL-citronellol (95%), citronellyl acetate (83.6%), citronellyl butyrate (92.2%), dodecane 

(99+%), glacial acetic acid (ACS), butyric acid (99+%), n-hexane (99+%), all salts, and 

lipase from Mucor miehei (minimum 4000 units/rag) were purchased from Sigma 

Chemical Company (St Louis, MO). 

3.2 Pretreatment of enzymes 

An aqueous pretreatment solution is prepared by adding the various salts to 18 or 20 mL 

ultra pure water. If non-polar additives were used, they are homogenized using a Cole-

Paimer 8890 Ultrasonic bath. The non-polar additives are introduced to the solution, 

stirred vigorously for 15 seconds, placed in the bath for 15 seconds, and then cycled 

between the stirring and the bath two more times. This produces an emulsion that is 

stable over a period of several hours. The solution pH is then adjusted to the specified 

pH ± 0.03 by the addition of small aliquots of 0.1-1.0 M NaOH or HCl, and measured 

using an electrode specially designed to handle unbuffered and/or low ionic-strength 

solutions (Star electrode, Beckman Coulter, Fullerton, CA). 25mg enzyme is added and 

the pH is checked and readjusted if necessary. 

The solution is placed in a lyophilization flask (600 or 1000 mL) and set in a bath of 

liquid nitrogen (~ -196 °C) for five minutes. Solutions to be lyophilized are often frozen 

in a 'shell' around the inside of the flask, by rotating the flask in the liquid nitrogen bath 
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as the solution freezes. This creates a relatively thin, high surface area layer of ice, which 

speeds the sublimation process. However, it is difficult to 'shell-freeze' consistently 

without specialized equipment. Variations in angle and turning rate create shells whose 

thicknesses vary from run to run. Rather, flasks were set in the liquid nitrogen bath at a 

shallow angle. The resulting ice is relatively thick with a low surface area, but these 

dimensions are more consistent from run to run, compared with shell freezing by hand. 

The flasks of frozen solution are stored in a -20°C freezer for a minimum of one hour and 

then lyophilized for a specified time period, ranging from 16-96 hours, on a Labconco 4.S 

L freeze-dryer (Labconco, Kansas City, MO) at a pressure of 8 ^m Hg. The process is 

continued at least until the last visible ice has sublimated. The resulting dry material has 

a volume roughly equal to the original liquid volume (18 or 20 mL). 80% of the dry 

material is slightly compacted with a metal spatula, weighed, and transferred to a reaction 

vial. To prevent degradation and absorption of moisture from the atmosphere, it is stored 

tightly sealed in the freezer until use. Late in the project, additional procedures were 

introduced to control the absorption of atmospheric water (see Ambient humidity, 

pressure and temperature, page 64). 

3.3 Reaction conditions 

The reaction parameters were chosen to parallel the work of Laboret and Perraud (1999), 

as much as possible. Their system is well developed in terms of reaction conditions, but 

uses no enzyme treatments. Different reaction vessels and sampling methods were 
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chosen to improve the reproducibility of results without significantly affecting the course 

of the reaction. 

The reaction mixture [0.125 M acetic acid, 0.250 M DL-citronellol, 0.200 M dodecane, in 

n-hexane] is stored at approximately 5 ®C over a mixture of anhydrous sodium acetate 

and sodium acetate trihydrate (5g each salt). The sodium acetate salt hydrate pair acts as 

a water activity buffer, holding the water activity of the reaction mixture at 0.28, 

assuming that the mixture is at equilibrium and the temperature is 2S °C (Anthonsen and 

Sjursnes, 2000). 

Reactions are carried out in 5.5 mL glass vials fit with gas-tight Mininert (Supelco, 

Bellefonte, PA) sampling valves. Three inL of reaction mixture and 80% of the 

pretreated enzyme (so that the material contains 20 mg enzyme) are added to the vial. 

The pretreated enzyme must be compacted with a spatula in order for it to fit in the 

reaction vial. The vial is placed in a 37 °C incubator and shaken at 325 rpm using a 

rotary shaker, to suspend the enzyme. 1-1.5 samples are removed periodically by 

opening the sampling valve and withdrawing a sample with a gas chromatography 

syringe. 

3.4 Analytical method 

Progress of a reaction is monitored using gas-liquid chromatography (GC). The 

instrument used is a Vahan model 3700 gas chromatograph (Varian, Walnut Creek, CA) 
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equipped with a packed glass column [6ft x 2mm I.D.] filled with 10% SP-1000 

(Supelco, Bellefonte, PA) and a flame ionization detector. Nitrogen is used as the carrier 

gas at a flow rate of 5 mL/min. The temperature program consists of an initial 

temperature of 115 °C, which is held for one minute after sample injection, followed by a 

21 °C/min temperature ramp, up to a final temperature of 165 "C that is held for 1 

minute. This method completely resolves all the reaction mixture components and the 

reaction product. A sample chromatogram is presented in Figure 3 below. 

TM.mr.T 
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Figure 3. Sample chromatogram. Numbers next to peaks represent retention times 

in minutes. 

The concentration of citronellyl acetate [CA] (the reaction product) is determined by the 

internal standard method, using dodecane, which does not participate in the reaction, as 

the internal standard. The instrument is calibrated at the beginning of each day of use, by 

injecting a solution of all the reaction components (substrates, medium, product and 

internal standard) at their highest expected concentrations. The data from the calibration 

injection is used to calculate 'relative response factors' for each component, according to: 
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analyte relative response factor = 
r . > ''internal standard concentration analyte peak area 

^ analyte concentration ^ ^ internal standard peak area ^ 

The concentration of CA in experimental samples is calculated by: 

CA concentration - areaXintemal standard concentrationKCA relative response factor) 
internal standard peak area 

The internal standard method is robust to small errors in the amount of sample injected. 

The expected range for concentration of CA measurements is 0-0.125 M. This 

measurement has a standard deviation of 0.0026 M (or 2%) when repeatedly quantified at 

its highest expected concentration. 

The measure of enzyme performance is based on reaction rate, the rate of production of 

CA. The [CA] of each reaction is measured when it is first set up, and at three additional 

time points during the course of the reaction. The sampling times are chosen so that at 

the final sampling, the CA concentration will be within the range 0.03-0.06 M. The 

spacing of the sampling times must be varied based on the velocity of the reaction. This 

method is a compromise between two goals. In studying enzyme kinetics, typically only 

the initial reaction rate is measured, so that the product concentration is very low, and the 

rate of the reverse reaction can be assumed to be zero. However, at low concentrations 

the precision of the analytical method suffers. The progress of a typical reaction is shown 

in 

Figure 4. The rate of reaction (slope of the line) does not significantly change before the 

CA concentration reaches 0.060 M, and this is true of all reactions performed here. 
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Therefore, the points within this range can be used to measure initial rate. Fast reactions 

can reach 0.06 M within an hour, while slow reactions can take over 36 hours to reach 

0.03 M. 
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4:48 9:36 14:24 19:12 24:00 28:48 33:36 38:24 43:12 48:00 0:00 
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Figure 4. Progress of a typical reaction 

3.5 Measure of performance 

Each plot of CA concentration versus time is examined to determine if a linear 

relationship is appropriate. If so, simple linear regression is used to fit a line to this data. 

The slope taken from this regression is the rate of the reaction. This rate divided by the 

concentration of enzyme in the reaction is defined here as 'performance': 
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rA[CA]^ 
„ - Rate of CA Production I Time J Performance = -

Lipase Concentration f Mass Lipase 
I Reaction Volume j 

Results in terms of performance are difficult to interpret (the units are 

moiy[gram*second]), so results are presented in terms of'relative performance', a 

dimensionless parameter. 

„ , . ^ Performance 
Relative performance = 

Average performance untreated lipase 

The interpretation of relative performance is straightforward; lipase with a relative 

performance of "8" catalyzes a reaction 8 times faster than untreated lipase. 

Data analysis is performed using a Varian 4400 integrator (Varian, Palo Alto, CA), Excel 

(version 9.0, Microsoft, Redmond, WA) and Minitab (Minitab Inc., State College, PA). 

3.6 Reproducibility 

3.6.1 Variability in performance 

Using the methods just described, replications of the same conditions sometimes produce 

widely scattered results. This is a common difficulty encountered in non-aqueous 

enzymology (Dominguez de Maria and Sinisterra Gago, 1999; Wiencek, 2001; 

Marangoni, 2002; Russel, 2002). Theoretically, this variability is due to the effect of 

nuisance factors - factors that are not easily held constant, that affect response. Attempts 

to isolate and control key nuisance factors consumed an unusually large amount of effort 
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and resources in this project. The influence of specific nuisance factors and how they are 

addressed, is presented below. 

3.6.2 Variability in appearance 

Variability in performance is loosely correlated with a variation in the way the enzyme 

appears in the reaction mixture, after it has been shaken for at least 30 minutes. We 

observe a continuum of different appearances, beginning with fine particles in a stable 

suspension, followed by particles that settle progressively quickly, followed by chunks of 

enzyme of increasing size. We hypothesized that the appearance was correlated with the 

moisture content of the enzyme preparation. To test this, we added small volumes of 

water to spent reactions and placed each on the shaker for 30 minutes. Consistently, 

addition of water pushed reactions appearance towards the 'chunky' end of the 

continuum. 

Often, chunky appearing enzyme will exhibit higher performance than small particle 

enzyme. However, this correlation is not entirely consistent. Sometimes, two batches 

that appear the same will exhibit widely different performances, or two that appear 

different will perform roughly equally. The qualitative nature of the appearance 

differences, and the lack of a strong correlation to performance, limited the usefubiess of 

this phenomenon. The importance of water content in pretreated enzyme is discussed in 

more detail later. 
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3.6.2 Potential nuisance factors 

Lot-to-lot variation in commercial lipase 

The lipase used in this project came from three different manufacturing lots. Every effort 

was made to work with a single lot but this proved unfeasible. Although the 

manufacturer intends to supply a consistent product, the activity of the lipase inevitably 

varies from lot-to-lot. Each lot has a stated activity per milligram based on the rate of 

aqueous hydrolysis of a triacylglycerol. Values for the three lots ranged from 4130 to 

5770 activity units per mg of enzyme. Performance (not relative performance), measured 

using our experimental methods, does not correlate to a lot's stated activity, as one might 

expect (see Table 2). The reason for this lack of correlation is unclear, but it may be due 

to the very different conditions of the two assays - different substrates, different reaction 

media or other factors. 

Our strategy for dealing with the enzyme variation is to run groups of experiments using 

a single lot, and to avoid direct comparison of results from different lots, whenever 

possible. When direct comparisons across lots are made, this is explicitly stated. 
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Table 2. Comparison of different lipase lots. Pretreated lipase prepared using 80% 

(w/w) sodium phosphate, pH 8.5,30 b lyophilization 

Manu&cterer's 
Stated Activity 

Lot # (units/mg) Performance (± 1 SD)* 

90K264g 4300 6.41 X 10"* (± 1.22 X 10-^ 

91K2612 5770 4.30X lO-'Ci 1.42 X lO"*) 

32K2604 4130 6.89 X lO"® (x 2.97 X lO^*) 
* (A[CA]/inin)/(mg enzyme/ mL reaction mixture) 

Contaminants 

Enzymes can be extremely sensitive to soap (surfactant) residues. Low concentrations of 

the amphiphilic soap molecules can disrupt the enzyme's native structure. The glassware 

used in this project was initially washed with laboratory glassware soap and rinsed with 

large amounts of de-ionized water, after each use. To eliminate soap contamination as a 

possible source of variability, soap use was discontinued, the laboratory was cleaned 

extensively to minimize soap residue, and a new cleaning procedure was introduced. 

Glassware that had only contacted water-soluble materials was simply rinsed, at least 

three times, with de-ionized water. Glassware that had contacted water-insoluble 

materials was allowed to dry in a fiime hood, then rinsed three times with de-ionized 

water, allowed to air-dry, and then rinsed two times with small volumes of hexane. 

Plastic pipettes were initially used to measure and transfer organic solvents; but there was 

some concern that the solvents could strip plastic &om the wall of the pipette and 

contaminate the reaction. The pipettes were tested for hexane resistance by inmiersing 
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them in a bath of hexane for extended periods of time. The pipettes developed fissures 

within six minutes in the bath. However, after 20 hours in the bath, little further 

degradation was apparent. To eliminate the pipettes as a potential contaminant source, 

disposable glass pipettes were used instead. 

Many researchers using aqueous enzymes treat their glassware with a product to block 

the negative charges that exist on the surface of glass and minimize the interaction 

between the enzyme and the glass. We had noticed that our enzyme would sometimes 

stick to the glass walls of the reaction vials, to varying degrees. To eliminate this as a 

potential source of performance variability, we began treating our reaction vials with 

Sigmacote (Sigma-Aldrich, St. Louis, MO), which according to the manufacturer is, "A 

special silicone solution in heptane that readily forms a covalent, microscopically thin 

film on glass". This product did prevent the lipase from sticking to the glass, but we 

could not determine whether the product was leaching from the glass during the reaction. 

Little information was available on the proprietary formula of this product, h is designed 

for use with aqueous solutions, rather than the organic solutions we use. It did not have 

an obvious effect on the performance variability. Since we were not able to eliminate the 

possibility that it was contaminating our reactions, and contributing to our lack of 

reproducibiUty, we discontinued use of the Sigmacote and discarded the vials that had 

been treated with it. 
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Error in measurement of mass 

The analytic balance used in this research (Mettler Toledo AB54) is fairly accurate and 

precise; using a 20g NIST-traceable standard mass it measured 19.999 Ig ± 0.0001 

(n=lS). However, some of the quantities measured in this research were near or below 

the balance's lOmg lower limit. With a 20mg standard mass, the balance measured 

I9.66mg ±0.05 (n=15). So, error is a higher percentage of measiu-ement, when 

measuring masses near the balance's lower limit. However, since repeated measurements 

have low scatter (high precision), the effect of the slightly inaccurate measurements 

should be consistent, and not a major source of experimental variability. 

Stability of lipase in aqueous solution 

During the pretreatment of lipase it is dissolved in water and stirred. Enzymes are less 

stable at room temperature in stirred aqueous solution, relative to freeze-dried or aqueous, 

frozen enzyme. The amount of time that different pretreatment runs spend in the aqueous 

solution stage is variable. For example, adjusting the pH of unbuffered pretreatment 

solutions often takes 15 minutes; adjusting the pH of buffered solutions can take less than 

one minute. If the lipase is losing activity during this stage, the measure of performance 

will be affected. 

To explore this issue, a large batch of lipase solution was prepared (80% KCl (w/w), pH 

7.5). At a range of time points, 20 mL of the solution was removed and frozen. The 

different samples were treated identically from this point on. Figure 5 demonstrates that 
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there is no significant change in relative performance that depends on duration in the 

aqueous phase, for times up to 31 minutes. This is approximately twice the longest time 

that is normally encountered experimentally. 

10 15 20 

Time (min) 

25 30 35 

Figure 5. Relative performance of pretreated enzyme that has spent varying 

amounts of time in a room temperature, aqueous solution, during pretreatment 

Data points not replicated. 

Initial lyophilizate temperature 

Typically, six to ten batches of pretreated Upase are prepared sequentially, on a single 

afternoon. As each batch finishes freezing in the liquid nitrogen bath [-196 °C], it is 

placed in the freezer [-20 °C]. As soon as the last batch finished freezing, all the flasks 

were place on the freeze-dryer. On many experimental days, early in this work, we 
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noticed a pattern of unusually low performance in batches that were prepared first or 

second, on a particular day, and unusually high performance in batches that were 

prepared last or next to last. The last few batches, which had recently been in the liquid 

nitrogen bath, are much colder than the first few batches, which had warmed up in the 

freezer, just before being put on the freeze-dryer. We hypothesized that this initial 

temperature somehow influenced performance. To test this hypothesis, a single large 

batch of aqueous lipase solution was prepared [80% (w/w) Sodium phosphate, pH 8.5] 

and split into nine flasks. All were frozen in liquid nitrogen. For the next hour, three sat 

in a liquid nitrogen bath, three sat in a freezer, and three sat in a very cold refrigerator [~ 

1 °C]. Earlier experiments had shown that the flasks and material in them would 

equilibrate to ambient temperature within an hour (see Figure 6). After the hour storage 

they were lyophilized for 30 hours and reacted in the normal maimer. 
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Figure 6. Change in temperature of frozen lyophilizate after being transferred from 

liquid nitrogen to -1 storage. 

A small tread towards lower performance with increasing temperature is observed (see 

Figure 7). Hypotbetically, this may be due to a change in the length of the 'initial drying' 

phase of the lyophilization; bulk water will initially sublime faster from warmer ice, 

shortening the length of the initial drying phase and increasing the length of the 

secondary drying phase. 
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LN2 (-196 "C) Freezer (-20 °C) Warm (-1 °C) 

Temperature just before starting lyophilization 

Figure 7. Relative performance versus initial iyophilizate temperature. Error bars 

are ± 1 s. d. 

As will be shown in the results chapter, lipase prepared under identical conditions has 

decreasing performance with increasing length of secondary drying. The temperature 

trend was not statistically significant by ANOVA at a= 0.05: but an increased number of 

replicates could reveal a significant trend. 

To eliminate any variability due to this potential effect, flasks are stored in the freezer for 

a minimum of one hour af^er being removed from the liquid nitrogen, to ensure that all 

flasks begin the lyophilization process at the same temperature. 
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Lyophilization flask size 

The freeze-dryer uses two different types of flasks. It can accommodate six 600 mL 

flasks, along with four IL flasks. The flask types have different diameter tubes 

connecting them to the fireeze-dryer. The geometry of the frozen material in the different 

flasks is very similar when frozen quiescently in liquid nitrogen bath. The surface area 

and the area contacting glass are very similar between the types of flasks. The 

performance difference between batches of enzyme prepared in the large and small flasks 

is neither significant nor in a consistent direction (paried t-test, n=10, p=0.79S). 

Lyophilization pressure 

The freeze-dryer used in this project does not give the operator any control over the 

lyophilization pressure. Early in the project, the pressure varied greatly from day to day, 

probably as a function of how well sealed the vacuum system was and how well the 

vacuum pimip was operating. Extensive repairs (rebuilding the pump, replacing and 

cleaning seals) improved the system's reliability. However, the pressure still varied 

slightly from day-to-day. In this research, 7-10 ^m Hg is considered normal operating 

pressure for the fi^ze-dryer. Whenever the pressure did not automatically drop this low, 

each of the seals was checked, which always resulted in bringing the pressure down to the 

normal operating range within 20 minutes of the beginning of the lyophilization cycle. 
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Ambient humidity, pressure and temperature 

These factors potentially affect the freeze-drying process and the absorption of 

atmospheric water by the treated enzyme. During lyophilization, a layer of ice forms on 

the outside of the lyophilization flask. This affects heat transfer to the lyophilizate 

depending on the thickness of the ice. In later stages of lyophilization, the ice melts and 

evaporates. The cooling caused by this evaporation affects the rate of sublimation in the 

flask. The formation of the ice layer and it's later evaporation are controlled by ambient 

temperature, pressure and humidity. 

At the end of lyophilization, the flasks are returned to atmospheric pressure by letting in 

outside air. A near-worst-case scenario involves the largest flask size (IL) sucking in 

relatively humid air (42% r.h., 26 °C). Using air and psychrometric thermodynamic 

charts, it can be shown that the air sucked into the flask contains 8.2 mg water (Reynolds, 

1979). However, the percentage of this water that is absorbed by the enzyme is not 

obvious. Flasks of lyophilized material were occasionally stored in a freezer before being 

transferred to reaction vials. This can be expected to increase the percentage of the water 

vapor absorbed, because the freezer temperature (^ -20 ®C) is far below the dew point (-

17 °C), in this scenario (Reynolds, 1979). 

After lyophilization, the treated enzyme must be carefully weighed and transferred to a 

reaction vial. On particularly humid days the absorption of moisture by the enzyme is 

striking; the measured mass on the balance increases second-to-second, and if left long 
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enough, becomes visibly wet. This is illustrated in Figure 8. On a fairly humid day (32% 

r. h. in laboratory), a flask of freshly lyophilized lipase (80% sodium phosphate) was 

opened and compacted, approximately lOOmg of the material was transferred to the 

balance, and the balance was allowed to settle for a few seconds, as normal. This process 

typically takes 40-50 seconds. This particular sample was transferred in about 40 

seconds, after which it was allowed to remain on the balance, so the change in measured 

mass could be observed. The apparent mass of the lipase increased by 7% over 6.5 

minutes. If the change in apparent mass is extrapolated to time when the flask is first 

opened (using the best-fit fourth-order polynomial), an estimate can be made of the mass 

before any atmospheric water is absorbed (103 mg). Typically, the mass is recorded at 

about 50 seconds after opening the flask, and the transfer is complete and the reaction 

vial is sealed after about 4 minutes. Using these typical values, the data on change in 

apparent mass, and the estimate of original niass, the following illustrative estimates can 

be made. The recorded mass would be about 6.4% greater than the original mass. After 

recording the mass, the material continues to absorb water until it is sealed in a vial; the 

mass of the material sealed in the vial would be 11.9% greater than the original mass. Of 

course, the rate of water absorption depends on the ambient humidity, and possibly also 

on pretreatment parameters (for example, sodium phosphate and potassium chloride may 

differ in their hygroscopicities). On a day with 52% r.h. in the lab, the same water 

absorption experiment was performed inside a plastic tent which was purged 

continuously with dry air, so that the environment inside the tent had 16-18% r.h. (see 
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Appendix C). Figure 8 shows that the rate of absorption and total mass of water absorbed 

are much lower in this case. 
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Figure 8. Change in measured mass of enzyme over time when exposed to humid 

air (•) 32% relative humidity, and (•) 18% relative humidity. Solid lines are best-

fit polynomials extrapolated to 0:00. 

This research was performed in Tucson, Arizona, which has a desert climate. Much of 

the year the humidity level is very low; for example, in May and June the average 
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afternoon climate has 13% r. h. In the summer monsoon season the air is very moist; in 

July the average morning climate has 65% r.h. (City Rating, 2002). 

The absorption of atmospheric water can introduce error in the measurement of relative 

performance, in two ways. First, apparent mass of enzyme is used in the calculation of 

relative performance. Second, degree of hydration is known to have strong effects on the 

performance of non-aqueous enzymes. Figure 9 shows the performance of four identical 

batches of lyophilized enzyme (prepared with 80% NaPhos, pH 8.5,30 h iyophilization) 

which are exposed to the atmosphere for varying amounts of time while being transferred 

to reaction vials. It is hypothesized that these variations are the source of much of the 

irreproducibility in our results. 

Through the majority of this project, variations due to changing humidity were 

minimized by not working on the most humid days, and minimizing the exposure of the 

freeze-dried material to the atmosphere. Late in the project, better control over the 

humidity was achieved by transferring the lyophilized enzyme within a tent that was 

purged with dry air (see Appendix C). 
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Figure 9. The influence of absorbed atmospheric moisture on performance 

Ambient temperature of about 26 °C is fairly well controlled by the lab's HVAC system. 

There are some spatial differences in temperature around the freeze dryer. On a typical 

day, when the freeze-dryer had been ruiming for over two hours, the air temperature on 

the side of the freeze-dryer near the pump was 1.6 °C higher than on the side of the 

freeze-dryer away from the pump. While this temperature difference is small, it could 

potentially have a significant effect on the degree of drying over a period of many hours. 
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To minimize this effect, an insulating foam barrier was placed between the freeze-dryer 

and the vacuum pump. With the foam in place, the temperature difference between the 

lyophilizer sides was insignificant, but both sides were significantly warmer that the 

fi-ont, which is more exposed to flow from the air conditioner vents [evaluated by 

Fisher's Least Significant Difference multiple comparison test (LSD)]. 

Degree of compaction during transfer 

The dried pretreated enzyme occupies a volume of about 14.5 mL at the end of the drying 

process; the reaction vials have a volume of about 5.S mL. So, while transferring the 

material from the flask to the reaction vial, the material must be compacted with a 

spatula. This requires very little force, because the lyophilized material is very soft and 

has a low density. However, the degree of compaction is difHcult to control and apply 

reproducibly. It is possible that this could have an effect on performance. 

Analytical method 

The analytical method is designed to be robust to variations in volume analyzed, and we 

tested the limits of this robustness. The normal range of volumes injected is 0.9-1.3 ^L. 

A caUbration standard containing 0.108 M CA was analyzed repeatedly using an 

unusually low volume (0.6 ^L) or an unusually high volume (l.S ^L); the analysis of the 

different sizes was done in random order. The low analyte volume gave a relatively high 

mean measurement, and larger scatter (0.117 M ± 0.003, n=4), compared with the high 

analyte volume (0. i08M ± 0.001, h=S). The difference in the high and low volume 



70 

means is significant at a=0.05 (p=O.OI4). In practice, this variation is minimized by 

using analyte volumes as close as possible to 1.0 )iL. This is not likely to be an important 

source of variability. 

The syringe used to inject the analyte has a hold-up volume of about 1 ^L, which will not 

be ejected if the plunger is insened slowly. To sample a reaction, ~1 ^L of air is drawn 

into the syringe, followed by ~1 analyte, followed by more air, as shown in Figure 10. 

When this sample is injected into the GC, ideally the plunger is inserted rapidly, so that 

the whole sample enters the column at once. Sometimes, inserting the plunger rapidly 

will force out some of the hexane that is normally retained in the needle. This will affect 

the concentration of both the analyte and the internal standard. However, it can be shown 

that the internal standard method is also robust to dilution. 

yy / \ ^Plunger 
Analyte Hexane 

Figure 10. Schematic of GC syringe and sampling technique. 

Inadequate syringe cleaning can lead to carry-over of residues from one sample to the 

next, leading to faulty measurements. To test the magnitude of this problem, we 

evaluated a worst-case scenario. A 1.5 sample of calibration standard was analyzed. 
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which produced a CA peak of 1.36 x 10^ area units (au). The syringe was not rinsed with 

hexane, as normal, after injection. Rather, a 1 sample of clean hexane was drawn into 

the syringe and analyzed. This produced a CA peak of S.59 x 10^ au (4.1% area of the 

original peak). Twice more, samples of hexane were drawn and analyzed, producing 

peaks of 3.58 x 10^ (2.6%) and 1.96 x 10^ au (1.4%). Clearly, CA can be carried over if 

the syringe is not thoroughly cleaned. The syringe is normally flushed 3-4 times with ~5 

[iL volumes of hexane; the concentration of analytes to be washed out is normally lower 

than in the above experiment. This is not believed to be an important source of 

variability in the experimental results. 

3.63 Replication 

Ideally, each experimental condition would be replicated the same number of times. 

However, budget and time constraints force compromise in this area. In practice, if the 

first two or three replications of a condition produce reasonably tightly grouped results, it 

is not replicated further. If the results are widely scattered, additional replications are 

performed. 

3.6.4 Alternative performance metric 

We considered an alternate measure of lipase performance, which we refer to as 

'normalized performance', in an attempt to mitigate the effects of uncontrolled day-to-

day variations in the nuisance factors. It was observed that some variation in the results 
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was systematic by day. All the results from one day would sometimes be high relative to 

all the results from another day. 

Conceptually, we needed a control reaction that would be run every experimental day, 

which could be used to normalize the data. The obvious choice for the control reaction is 

untreated lipase. However, the performance of untreated lipase is quite low, so low that 

the analytical method cannot detect small variations in enzyme activity. A higher 

performing preparation was chosen as the control reaction - 80% sodium phosphate, pH 

8.5, lyophilized for 30 hours. The performance of a reaction could be divided by the 

performance of a control run on the same day. Unfortunately, data normalized in this 

manner is not very meaningful. A normalized measurement of 0.5 would mean the 

enzyme performed half as fast as the control reaction; it is not obvious how this 

performance compares to the performance of untreated enzyme. 

To adjust the normalized data to a more meaningful scale, it was multiplied by the 

average performance of many control reactions, and divided by the average performance 

of untreated lipase. 

Nonnalized Perfonnance = 
f Performance of Experimental EnzymeAverage Performance of Control Enzyme 

Performance of Control Enzyme J [ Average Perfoimanoe of Untreated Enzyme^ 



73 

While this method is effective in minimizing the effect of day-to-day variations, it 

assumes that all the reactions prepared on a single day vary as a group. In practice, some 

individual reactions break the day-to-day variation pattern. They may perform very 

differently from similar reactions prepared on the same day. This within-day variation is 

problematic when it is the control reaction that performs very differently from usual. If 

the control reaction on a specific day has unusually low performance, the normalized 

performance of all other reactions performed that day will be inflated. In some cases, this 

scenario led to very high values for normalized performance. Rather than report 

misleading results, this method of normalization was abandoned. This normalization 

procedure is discussed here because some process conditions, such as LT, were selected 

based on data that hard been treated with the normalized performance procedure. The 

impact of these decisions on our overall conclusions is likely small. 
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4 RESULTS AND DISCUSSION 

The following sections describe the results of our research into methods for enzyme 

pretreatment In the first section, we examine the effect of varying each pretreatment, 

one at a time. Other pretreatments are used, simultaneously, at a constant level. For 

example, while studying the effect of varying pretreatment pH, sodium phosphate 

(NaPhos) was included in each pretreatment at a constant level. Setting 'base conditions' 

that included other pretreatments increased the performance at all pH levels, so that the 

performance change due to pH change could more easily be measured. Although ideally 

the same base conditions would have been used throughout this project, we modified the 

base conditions at various points in the research, as our understanding of the 

pretreatments evolved. Also note that two pretreatments, pH and lyophilization time, are 

necessarily part of all pretreatments and do not have a useful 'zero'-level. 

Also in the first section, the interaction of key pairs of treatments is examined. We show 

that in many cases, interaction is important, and the optimal setting of one pretreatment 

factor depends on the setting of another factor. 

The second section shows the results of an optimization process. Here, we attempt to 

discover a high-performance combination of pretreatments, with a minimal number of 

experiments. 



75 

The final section describes attempts to develop methods to recover, reprocess, and reuse 

lipase from finished reactions. 

4.1 Effect of pretreatments alone and in combination 

To place our results in perspective, we will first discuss the performance enhancing effect 

of the most minimal pretreatment; simply dissolving lipase in water and fi'eezing, 

followed by a 30-hour lyophilization cycle. This treatment yielded lipase with a relative 

performance (RP) of 11.34 (± 0.28, n=2). [Recall the interpretation of RP - pretreated 

lipase with an RP of 10 catalyzes the reaction 10 times as rapidly as untreated lipase]. 

So, even a minimal pretreatment can substantially improve performance. Before 

lyophilization the enzyme as supplied is in dense chunks; after the lyophilization, the 

lipase is a large fluffy, porous mass. This change in texture may alleviate mass transfer 

restrictions; the increase in surface area allows better access for the substrates to the 

active site. The manufacturer of the lipase likely also lyophilizes the enzyme firom an 

aqueous solution, but it is probably much more concentrated, leading to the denser 

texture. 

4.1.1 Lyophilization time 

The lyophilization process begins with a frozen mass of aqueous protein solution placed 

under fine vacuum. Water sublimates from the surface of the frozen lyophilizate; as the 

water is removed the boundary between wet and dry material recedes towards the center 

of the mass. The lyophilizate is not refrigerated; water molecules making the transition 
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from solid to vapor phase absorb energy, keeping the remaining water frozen. Initial 

drying removes all macroscopic water [98-99% of initial water] leaving behind dry 

material of roughly the original volume (Hower, 1979; Flosdorf, 1949). As initial drying 

ends, the temperature of the lyophilizate rises to room temperature, and the vapor 

pressure of water over the material decreases. During secondary drying, microscopic 

amounts of water that are more tightly bound to the lyophilizate sublimate more slowly. 

We evaluated the effect of the lyophilization time (LT) on RP of enzyme pretreated first 

with KCl, then with Sodium Phosphate (NaPhos). The KCl preparations completed 

initial drying within about 16 hours, while the NaPhos preparations took at least 20 hours, 

as determined by visual inspection. The difference presumably is the resuh of the 

different water binding strength to the two salts. If preparations were removed from the 

freeze-dryer before the end of initial drying, the remaining ice quickly melted and 

absorbed into the dry material; depending on the amount of remaining water, the dry 

material would either dissolve in the liquid water, or form a moist solid mass. 

Preparations that had remaining macroscopic water were not used. The presence of an 

unknown, but significant amount of water would distort the results, given the 

experimental methods used. In our calculations, percent enzyme in the dry lyophilizate is 

assumed to be the same as the percent of material, other than water, used in the 

pretreatment. If a significant mass of water remains in the lyophilizate, the true percent 

enzyme will be lower than the calculated percent. This error leads to a miscalculation of 

the mass of enzyme recovered, and consequently a miscalculation of RP. This problem 
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could be overcome with either a measurement of water content, or a measure of protein 

concentration, but we did not to attempt this. 

When lyophilized 18 hours or more, the RP of the KCl preparations was roughly constant 

with increasing lyophilization time (see Figure 11); there is a gradual decrease in 

performance with lyophilization times greater than 50 hours. The NaPhos preparations 

were much more sensitive to lyophilization time, compared to KCl preparations. RP was 

highest for short lyophilization times and dropped rapidly with increasing time. 

Ru, et al. (1999) studied the effect of LT on enzyme activity, and found somewhat 

different trends. They used lipase from Mucor javanicus pretreated with 98% (w/w) KCl. 

Their data shows a sharp peak in activity at about 58 hours. One major difference 

between their system and ours is the type of lipase used. Valivety, et al. (1992a) report 

that lipases from different sources vary widely in their sensitivity to water activity. In 

their research, some of the lipases displayed very flat activity profiles over a wide range 

of water activity values, while others were very sensitive to changes in water activity. 

Water activity will drop the longer a sample stays in the lyophilizer, and it is possible that 

the lipase Ru et al. used is simply more sensitive to water activity than ours is. 

Another major difference between our methods and those of Ru et al. is the amount of 

KCl in the pretreatment [98% versus 80%]. This difference is greater than it may appear 
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at first glance - their [KCl] was more than 12 times greater than ours. Higher 

concentration will tend to slow die drying process, and retain more 'tightly bound' water. 
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Figure 11. The effect of lyophilization time on RP. (•) 80% (w/w) KCl, pH 7.5, 

originally 20 mL water (o) 80% (w/w) NaPhos, pH 8.5, originally 18 mL water. 

The results of our studies and the earlier work both show that lipase performance drops 

off with very long LT. Theoretically, two different phenomena may be responsible for 

this drop off. Simple thermal denaturation may lead to some loss in performance. The 

lipase is being held relatively warm over a long period of time. Long lyophilization also 
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slowly removes small amounts of tightly bound water. The literature suggests that these 

tightly bound water molecules are critical for native structure maintenance and structural 

flexibility (Zaks and iGibanov, 1988a; Gorman and Dordick, 1992). 

In our further experiments, lyophilization time is fixed (varied within ± 0.2S hours). The 

chosen amount of time is a compromise between three goals; 

• High performance 

• Low time 

• Low sensitivity to minor variations in time (robusmess) 

For KCl preparations, the choice of LT is straightforward. 17 hours meets the goals best. 

For NaPhos the choice is more difficult and arbitrary. RP is fairly sensitive to 

lyophilization time at all times tested. 30 hours was chosen primarily because early 

results suggested that the slope of the time vs. RP was shallow in the region of 30 hours 

(see Figure 12); the process would be robust to small changes in lyophilization time. For 

these initial studies we were using an altemate performance metric ('Normalized 

Performance', see p.71), which distorted results. After abandoning this performance 

metric, the results did not support the choice of a 30 hour LT, but we continued to use 

30h LT for consistency. 
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Figure 12. Using normalized performance scale suggests that perfomance is 

insensitive to LT from 30 to 60 hours. 

4.1.2 Buffer and non-buffer salt additives 

When the Upase was pretreated with buffer or non-buffer salts, RP improved, for all salt 

concentrations tested (see Figure 13). Increasing concentrations of KCl resulted in 

increasing RP, up to about 75niM, which produced a 24-fold increase in reaction rate. 

There was no additional increase in RP for higher concentrations. Earlier research has 

speculated that KCl and other non-buffer salts may provide immobilization surfaces for 

enzymes, relieving mass-transport constraints created when large amounts of dry enzyme 

clump together, and may provide a local environment for the enzyme that promotes the 

native conformation. 
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NaPhos is much more effective at increasing RP. Even very low concentrations produce 

large increases in RP; for example 2.7 mM NaPhos pretreatment produces an RP of 24.2. 

With increasing concentrations, RP rises rapidly, up to a peak value of 64.2 for 88.7 mM 

NaPhos. RP decreases when the concentration is set higher than 88.7 mM. 
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Figure 13. (•) KCl, pH 7.5,17 hours lyophilization, (•) NaPhos, pH 8.5,30 hours 

lyophilization. KCl experiments from a dUTerent enzyme lot than the NaPhos 

experiments. Note: error bars are present for all points. 
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NaPhos and other buffer salts likely increase RP by the same mechanisms as non-buffer 

salts, in addition to their buffering activity. This is supported by the comparison of our 

results with earlier, similar research. The published research that is most similar to our 

studies, Triantafyllou, et al. (1997), can be compared to our results in several ways. 

Using Candida antartica lipase, they found an optimum pretreatment [NaPhos] of about 

85%, above which activity dropped. The magnitude of the peak enhancement with 

NaPhos was much greater in our experiments, compared with the published results (64-

fold vs. S-fold). This may have to do with the different reactions being catalyzed in each 

case. One substrate in our reaction is acetic acid, which will tend to partition into the tiny 

aqueous layer surrounding the enzyme, where it will disassociate and lower the pH. 

Conceptually, NaPhos can buffer the pH of this layer, keeping it close to whatever pH it 

had before being exposed to the acetic acid. The reaction system of the earlier, published 

research did not have an acid as a substrate (their reaction was a trans-esterification), so 

pH of the aqueous layer would not have as much tendency to be perturbed. Therefore, 

the benefit to be gained by buffering this layer is smaller. With their system, they did not 

observe a plateauing of the KCl enhancement effect, up to 90% (w/w), the highest 

concentration they tested. These workers observed that different salts produce similar 

increases in performance, when they are compared on a percent-by-weight scale. Figure 

14 shows our data replotted on this scale. Our data does not support the observation. In 

the case of the earlier research, since buffering was unnecessary, KCl and NaPhos may 
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have both been acting by the same mechanisms, leading to the same magnitude rate 

enhancements. 

An interesting difference between the two types of salts is their RP vs. concentration 

profiles; RP increases and plateaus with increasing [KCl], while increasing [NaPhos] 

leads to rapidly rising RP up to a peak beyond which RP drops off rapidly. We speculate 

that the drop off of RP at high [NaPhos] is directly related to the buffering capacity of the 

NaPhos. To understand our hypothesis, assimie for a moment that the ideal pH for the 

tiny water layer around the dry lipase is 7.0. When pretreated enzyme is added to the 

reaction mixture, the pH of the aqueous layer around the enzyme gets pushed down by 

the acetic acid from the reaction mixture. The degree to which it gets pushed down 

depends on the concentration of buffer salts. If lipase is pretreated with pH 8.5, but no 

buffer salts, and added to the reaction mixture, the acetic acid from the reaction mixture 

would push the pH of the unbuffered water layer down very low, say 5.5, far from the 

optimum. We would expect the performance of this lipase to be low. If another batch of 

lipase is pretreated with pH 8.5 and a moderate amount of buffer salts, and added to the 

reaction mixture, the acetic acid would not be able to perturb the pH as much, say down 

to 7.0, which is ideal. We would expect the performance of this lipase to be high. 

Finally, if another batch of enzyme is treated with pH 8.5 and a very large amount of 

buffer salt, the acetic acid won't be able to perturb the pH of the water layer much at all, 

say to 8.4. Since this pH is also far from ideal, we would expect the performance of this 

lipase to be low. We suspect this explains the drop off in RP at high [NaPhos]; the water 
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layer is being held at a pH higher than ideal. If this hypothesis is correct, it suggests that 

pretreatment pH, [NaPhos], moisture content, and reaction [acetic] may ail interact in 

determining the pH of the water layer and the RP. 
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Figure 14. (•) KCI, pH 7.5,17 hours lyophilization, (•) NaPhos, pH 8.5,30 hours 

lyophilization. KCI experiments from a different enzyme lot than the NaPhos 

experiments. 
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4.1 J pH 

Enzymes in aqueous solution are well known to be quite sensitive to the pH of their 

environment. pH determines the electrostatic charge on acidic and basic amino acid side 

chains, which in turn affect the stability of the native conformation and the functioning of 

the catalytic apparatus in the active site. Extremes of pH can lead to irreversible 

chemical changes in an enzyme. 

Zaks and Klibanov (1988b) observed that an enzyme's optimum pH in an aqueous 

environment is usually also the optimum pH to use in the pretreatment of that enzyme, 

and that this seems to be general. It has also been observed by Laboret and Perraud 

(1999) that lipase performance in non-aqueous reactions is strongly inhibited by acetic 

acid in the reaction mixture. These researchers smdied the same reaction that we are 

studying, but they used their lipase without pretreatment. We studied the effect of 

pretreatment pH with both these observations in mind. 

Figure IS shows the results of two one-factor experiments, where the RP is measured 

over a wide range of pretreatment pH. The series differ in [KCl] and in the lot of lipase 

used. Profiles for both series closely parallel each other, except in terms of response 

magnimde. The RP profile is quite flat in the range pH 6-9, increases from 9-11, drops 

sharply above 11. Both series have optima in the neighborhood of pH 11. 
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The magnitude of the 80% series is consistently higher than that of the 55% series; the 

difference in magnitudes gets larger near the optima. It is possible that the difference in 

magnitude is due to the differential in activity between the two lipase lots used, but the 

results in Figure 14 argue against this notion. This figure illustrates the difference in RP 

between lipase treated with 55% and 80% KCl, at pH 7.5, using a single lot of lipase. 

The difference is similar to that seen in Figure 15 at pH 7.5. This suggests that [KCl] is 

more important than lipase lot in creating the difference between the series in Figure 15. 

The observation of optimum RP at pH 11 is quite unusual. In aqueous solution, most 

enzymes including lipase have pH optima not far from neutral. According to Klibanov's 

observation we should expect that the optimum pretreatment pH is also not far from 

neutral. 

We believe that this unusual observation is due to the use of acetic acid in the reaction 

mixture. Lyophilized enzyme has a small amount of water surrounding it and has a polar 

surface. Acetic acid is miscible in both hexane and water, but will tend to partition itself 

into the water phase. Presumably it will also be attracted to the polar and charged 

residues on the surface of the enzyme. Although the initial [acetic] in the reaction 

mixture is low, the local concentration in the small volume around the enzyme can get 

very high. Consequently the pH of the water surrounding the enzyme will be low and 

will affect the enzyme's performance. We believe that this explains the inhibitory effect 

observed by Laboret and Perraud. 
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Raising the pH of the lyophilizate can negate the effect of acetic acid. It is likely that the 

optimum pretreatment pH leads to the surface of the enzyme having the proper [NaOH] 

to balance the acetic and produce a local environment near neutral around the enzyme. 

Very high pretreatment pH may inactivate the enzyme even before it is lyophilized. 
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Figure 15. (•) 55% (w/w) KCl, (•) 80% (w/w) KCI, both series lyophilized 17 hours. 

Lipase in the two series came from separate lots. 
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The results seen in Figure 16 for lipase treated with NaPhos over a range of pH are quite 

different from the KCl results. Notice that the RP scales in Figure IS and Figure 16 are 

different; the highest average RP in Figure 15 is ->39, while the highest in Figure 16 is 

-62. In Figure 16 the 90% (w/w) NaPhos series has an optimum in the neighborhood of 

pH 8.5; the optimum for 80% (w/w) series is not well defmed, but has more activity in 

the pH range 10-11.5 compared with the 90% series. 
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Figure 16. (•) 80% (w/w) NaPhos, (•) 90% (w/w) NaPhos, both series lyophilized 30 

hours. 
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An interesting comparison can be made between Figure 15 and Figure 16. While the two 

KCl series had similar shapes, just shifted in magnitude, the two NaPhos series have 

similar shapes and similar magnitude, but seem to be shifted on the pH scale. This shift 

is likely due to the interaction between pretreatment pH, [NaPhos] and reaction [acetic] 

described in the previous section. High [NaPhos] is more effective in buffering the 

micro-aqueous phase around the enzyme, so the optimal pretreatment pH is lower. We 

wouldn't expect to see a pH shift with changing [KCl], because KCl has no buffering 

capacity (pKa of HCl = -8.0). 

We hypothesized that lipase pretreated with NaPhos would not be as sensitive to changes 

in [acetic] as lipase pretreated KCl, due to the buffering capacity of NaPhos. To test this 

hypothesis we prepared lipase with either 90% KCl or 90% NaPhos and reacted the lipase 

with two different [acetic], 125 mM the concentration used in most of our experiments, or 

75mM. The results of this experiment are shown in Figure 17 [note that a sUghtly 

different, scaled down reaction system was used in this experiment, so the results should 

not be directly compared to other results in this section. This reaction system is described 

in Section 4.2]. These results appear somewhat counter-intuitive at first. We had 

anticipated that dropping [acetic] would lead to a large increase in RP of the unbuffered 

KCl pretreatment. Rather, the increase for the KCl pretreatment was much smaller than 

for the NaPhos pretreatment. We believe that these odd results are due to the complex 

relationship between [NaPhos], pH, moisture content and [acetic] that we described 
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previously. The results may have been quite different if we had chosen a different area of 

'factor-space' for our experiments. 

0.075 0.125 

[acetic acid] (M) 

Figure 17. Sensitivity of performance to acetic acid concentration, when treated 

with 90% (w/w) KCI (•), or 90% (w/w) NaPhos (•). 
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4.1.4 Phase interfaces and active site protectants 

Adding organic substances to a lipase pretreatment mixture can potentially increase the 

performance of the lipase, by two distinct mechanisms. As discussed earlier (see p. 33), 

lipase has a lid covering it's active site which opens when it encounters phase interfaces 

(PI), such as those in an emulsion. If a lipase solution is frozen and lyophilized while in 

contact with an emulsion, the lids get locked in the open position, improving access to the 

active site. The primary criterion for a material that will form the proper type of 

emulsion is that it be a fluid insoluble in water. 

The second mechanism by which organic substances can increase RP involves substrate 

or substrate-like substances [active site protectants (ASP)]. These substances are 

believed to sit in the active site of the enzyme and prevent it from being distorted during 

lyophilization. 

To explore these effects, we chose three organic substances. Hexane was chosen as a 

material that will create PI because it has very low water solubility. It does not have any 

important stmctural resemblance to the substrate, citroneilol (see Figure 18), so it would 

not be expected to act as an ASP. Additionally, since it is the reaction medium, any 

carry-over of hexane from pretreatment to reaction should be inconsequential. 
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Figure 18. Structures of the organic additives used. 

Isobutyl alcohol has structural similarities to citronellol; it has a single hydroxyl group 

and a branched chain. It might reasonably be expected to act as an ASP, though there 

are no references in the literature reporting use of using small alcohols to protect lipases. 

Isobutyl alcohol is miscible with water, so it will not create PI. 

Citronellol, the substrate, was also chosen to add to the pretreatment. It has ideal 

properties for an ASP, and is insoluble in water, so it will create PI. We believe that the 

use of substances with both PI and ASP properties is unprecedented in the literature. 

Creating a stable emulsion with water and hexane or citronellol was problematic. Earlier 

workers have used an ultrasonic probe to disperse the non-polar material into fine 

droplets within the water (Gonzalez-Navano and Braco, 1998). Not having access to an 

ultrasonic probe, we improvised. Rapid stirring with a magnetic stir bar proved 
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inadequate; the phases would separate within seconds. Placing the mixture in an 

ultrasonic bath had better results. If the mixture was contained in a thin-walled, 

disposable test tube, the ultrasonic bath was very effective at creating an emulsion that 

was stable for at least 12 hours. However, these thin-walled tubes often shatter in the 

bath. Thicker glassware does not break, but also does not transmit the ultrasonic 

vibrations as well as the thin-walled tubes. Using a 40 mL beaker, a modest proportion 

of the non-polar material gets dispersed, but the rest remains as a distinct phase no matter 

how long it is left in the bath. Our solution is to use a 40 mL beaker, and to rapidly stir 

the mixture with a metal spatula while it is in the bath. With both citronellol and hexane 

this method produces an emulsion that is stable over a number of hours. 

A simple experiment was conducted to measure the performance increases resulting from 

the different additives. Before dissolving the lipase, 50 of an organic substance was 

added to each pretreatment and emulsified, if necessary. The base conditions for each 

batch were 80% NaPhos, pH 8.5, and 30 h lyophilization. Figure 19 shows the results of 

this experiment. Each of the additives had a significant performance enhancing effect, 

relative to the pretreated lipase without any organic additive. The hexane treatment gave 

an RP of 70.9 which is comparable to the 90-fold increase in performance obtained by 

Gonzalez-Navarro and Braco (1998) when pretreating lipase with PI. The fact that the 

RP of the citronellol treatment is higher than either the isobutyl or hexane treatments 

suggests that the two types of activating materials, PI and ASP, may be complimentary. 

If this is the case, it may be possible to use a mixture of two materials, one which is 
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solely an ASP and one that solely forms PI, to achieve a greater performance 

enhancement. This could be important, for example, when the substrate is water miscible 

or is too expensive to use in the pretreatment. 

200 

No additional Hexane (PI) Isobutyl Alcohol Citronellol (PI and 
additive (ASP) ASP) 

Figure 19. Effect of adding 50 )iL of different types of organic substances. Base 

conditions are 80% NaPhos, pH 8.5 30 li lyopliilization; n«=2 eacii data point 

We next investigated the effect that concentration of an organic additive has on RP (see 
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Figure 20), using the same base conditions as the previous experiment, and either 

citronellol or hexane. The upper limit for both additives was about 50 additive per 18 

mL pretreatment solution; higher concentrations will not form a stable emulsion with our 

methods. The performance enhancing effect of citronellol is highly concentration 

dependent, up to about 50 moles per mole lipase, after which it plateaus. It is not 

surprising that this activating effect plateaus at some level; once each active site is 

occupied by a molecule of citronellol and each molecule is sitting on an interface, higher 

concentrations would have no further effect. The actual concentration required to have 

every active site occupied likely depends on how the ASP partitions between the active 

site, the enzyme surface and the surrounding water. The concentration required to have 

each lipase molecule sitting on an interface is likely mostly dependent on the micelle 

size. 

The performance enhancing effect of hexane was not apparent below 450 moles per mole 

lipase (50 in 18 mL water). A ^imitation in our experimental method may lead to an 

underestimate of hexane's effect. Hexane evaporates fairly rapidly at room temp (b. p.= 

68.7°C at 1 atm) and this evaporation may be accelerated in the ultrasonic bath. It is 

likely that some portion of the hexane is lost before the emulsion forms. 



96 

250 

200 

w 

I 150 
<2 hii 
a 
u 
I 100 
"u e£ 

50 

0 

I 10 100 1000 

moles organic additive per mole lipase 

Figure 20. Effects of pretreatments with (o) citronellol or (•) hexane at a range of 

concentrations. Base conditions are 80% NaPhos, pH 8.5 30 h lyophilization; n-2 

each data point 

We next examined the interaction and complementarity of an organic additive 

(citronellol), with a buffer salt pretreatment (NaPhos). We compared lipase treated with 

a range of [NaPhos], to a similar series which also had S ^L citronellol [32.4 moles 

citronellol per mole lipase] added to the pretreatment (see Figure 21). While our data is 

inadequate to defmitively demonstrate a positive interaction (the effects of the two 

treatments together is greater than the sum of each effect individually), the treatments are 
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certainly complementary. The RP achieved with 80 % (w/w) NaPhos and S jiL 

citronellol is greater than the RP achieved with any [NaPhos] without citronellol. This 

suggests that the performance enhancing mechanism(s) of citronellol is distinct from that 

of NaPhos. 
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Figure 21. Comparison of RP with 5 |iL citronellol added to pretreatment (•) [n'2], 

and without any citronellol added (o) (n=2-5| over a range of (NaPiios|. Base 

conditions are pH 8.5,30 b lyophilization. 
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4.1.5 Urea 

Attempts to improve performance by including urea in the pretreatment solution were 

unsuccessful. Pretreatment with 0.25 M urea (with 9.8 mM NaPhos to buffer) yielded 

lipase with an average RP of 0.79 (+/- 0.61). This performance is lower than completely 

untreated lipase, exactly the result one would normally expect when exposing an enzyme 

to a denaturant. However, this contradicts the results of Guo and Clark (2001), who 

achieved significant performance enhancements by treating enzyme with urea. The 

difference in our results may be due to differences in enzymes or experimental 

conditions. We did not investigate preoreatment with urea further. 

4.2 Pretreatment optimization 

Based on our studies of individual pretreatment factors, we selected three factors to 

optimize simultaneously. We attempted to choose a group of factors that potentially 

interact with each other, likely having an optimum combination that could not be 

predicted from the single factor experiments. 

KCl concentration is far less interesting than NaPhos concentration ([NaPhos]), which 

has a much stronger activating effect, so [NaPhos] was chosen as the first factor. The 

interaction between pH and [NaPhos] is interesting from the results of previous 

experiments, as well as from theory; pH was chosen as the second factor to optimize. 
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While citronellol has a strong performance enhancing effect, we did not consider it a 

good candidate to include in the optimization. First, in one-factor experiments, it's effect 

plateaued above a certain concentration, rather than peaking, as many factors did. 

Therefore, obtaining the maximum rate enhancement from citronellol doesn't require as 

much 'fine-tuning' as other factors. Second, we bad no evidence, or even speculation, 

that it's optimum level was dependent on other pretreatment factors. So, in the following 

optimization experiments, we included citronellol, but at a constant concentration. Urea, 

of course, was unattractive, because of the high likelihood that experiments using urea 

would have zero performance. Lyophilization time (LT) was interesting, because when 

pretreating lipase with NaPhos, performance is very sensitive to LT. Also, conceptually, 

there might be some interaction benveen [NaPhos] and LT; a higher [NaPhos] may slow 

the sublimation of water, increasing the duration of LT to reach the optimal water 

content. However, LT was not selected because, although low LT tended to increase 

performance, fairly often a preparation would not be fully dry when taken off the freeze-

dryer, and the sample would melt into a liquid, ruining the experiment. 

To avoid including an unattractive or problematic factor, a process condition, the 

concentration of acetic acid ([acetic]) in the reaction mixture, rather than a pretreatment 

factor was selected as the third factor. [Acetic] will affect the pH of the water layer 

surrounding the enzyme, so it presunuibly will interact with the other two factors, 

pretreatment pH and [NaPhos]. Evidence of an interaction between [NaPhos] and 
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[acetic] was shown in Figure 17. We were also interested to see if higher [acetic] could 

be used successfully when the other two factors are optimized simultaneously. 

For these experiments, we used a scaled down version of our normal reaction system. 

This reduced the amounts of enzyme and other reagents used per experiment, and 

reduced the necessary lyophilization time. However, the effect of the change in 

lyophilizate volume on the lyophilization process is hard to predict The LT was scaled 

down, from 30 to 20 hours, in proportion with all other extensive pretreatment factors, 

but it is unclear that this will result in pretreated lipase that has the same moisture content 

as the larger scale method. We have found lipase treated with NaPhos to be highly 

sensitive to lyophilization time/moisture content, so we will not make direct comparisons 

between results produced with this reaction system and the system used in most of the 

rest of the project. 

A set of conditions that had produced some of the highest RP (pH 8.5, 80% NaPhos, S^L 

citronelloi, 20 hours lyophilization, 0.12S M acetic acid in reaction mixture) was chosen 

as the starting point for the optimization. As described in Chapter 2, we used a procedure 

known as the 'method of steepest ascent' to attempt to rapidly discover the region of the 

optimum. Initially, a 2^ full-factorial experimental design was constructed around this 

starting point (see Figure 22). The design was augmented with 4 replications of the 

center point. 
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Figure 22. Experimental design and results from first step of optimization. Results 

units is Relative Performance. " represents the center point of the factorial 

design. 

Analysis of the factorial experiment found all the main effects ([NaPbos], [acetic] and 

pH) as well as the interactions pH* [acetic] and [NaPhos]* [acetic] to be significant at 

a=0.05. However, the effect of decreasing [acetic] was a surprisingly large increase in 

RP. This created a problem for the 'method of steepest ascent'. The method requires one 

to fit a first order model to the data from the factorial experiment and find the direction of 

most rapid increase (the gradient vector) according to this model. One then follows this 

vector through 'factor-space', conducting a number of experiments, whose conditions are 

specified by points along the vector. The problem that arose had to do with the strong 
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effect of decreasing [acetic]. First, the effect of this factor was so great that following the 

gradient would amount to changing only one variable, [acetic]. Second, very low [acetic] 

is undesirable, from a practical perspective. Dilute systems either have very high 

volumes or very low yields. Our approach to solving this process was to set [acetic] at 

the lower value of 0.075M, from this point on, continuing the optimization with only 

[NaPhos] and pH. 

Using the regression coefficients from the factorial analysis, we constructed the following 

1 "-order model: 

RP = 55.87 + 19.9([NaPhos] - 80) + 2.895(pH - 8.5) •[NaPhos] 

[units are % (w/w)] 

The gradient of this equation is: 

VRP = 19.91+2.895] 

where i is a unit vector in the positive [NaPhos] direction and j is a unit vector in 

the positive pH direction. 

We decided to use the point in the factorial experiment that gave the highest RP (90% 

NaPhos, pH 9,0.075 M acetic) as the starting point for the path. The equation of a line 

parallel to the gradient and passing through this point is: 

[NaPhos]-90 ^ pl^ ^ ^ 1454[NaPhos] - 4.093 
19.9 2.895 
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Using this equation, we chose the conditions for four experiments along the gradient 

vector (see Table 3). 

Table 3. Reaction conditions along gradient vector 

[NaPhos] 

(% w/w) pH 

91 ^ 

93 9.44 

95 9.73 

97 10.02 

The results of these experiments are shown in Figure 23. In the bottom plane, the box 

represents the area of the original factorial experiment; the dark shape above this is the 

fitted response surface. The arrow represents the direction of steepest ascent in the 

pH/[NaPhos] plane. 

As expected, RP increases for a short distance along the gradient, after which it falls. 

Unfortunately, the second experiment along the gradient (93% NaPhos, pH 9.44) was not 

completed due to an experimental error. 
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95 / 

Figure 23. Response surface from first optimization round and data points along 

direction of steepest ascent. 

At this point, we decided to construct a response surface experiment around the point that 

gave the highest response. The design used is known as a 'central composite design' and 

is essentially a 2^ factorial augmented with axial runs and center points. This design can 

produce second-order models that describe a domed or saddle shaped surface. This type 

of model is often necessary when the factor area includes an optimum. A schematic of 

the design and results are presented in Figure 24. 
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Figure 24. Response surface design and results 

Analysis of the results from the response surface design did not find any significant 

effects. A visualization of the data is presented in Figure 25. This surface was produced 

by a data smoothing method, known as Loess' method. This is presented here not as a 

predictive model, but simply as a way to help graphically interpret the data. Examining 

the complex shape of this surface, it is not surprising that a 1" or 2"''-order polynomial 

function could not fit the surface. 

We chose this as the end point for our optimization. The hill shape in the figure suggests 

that this region is at least a local, if not the global optimum, for these two factors. Based 

on the response surface, the optimum is located near 91% NaPhos, pH 8.95 and may 
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produce an RP greater than 180 (see Figure 26). If further optimization were desired, one 

could build another experiment around the top of the hill with higher resolution (smaller 

factor spacing). However, by this method, further increases in RP are likely to be small. 

Alternately, one could use a point at the top of the hill as a starting point for optimizing 

other factors, such as lyophilization time or [citronellol]. 

Figure 25. Response surface generated by Loess data smoothing using a S'' degree 

polynomial. 

We consider this optimization process highly successful. The entire process used only 26 

runs, which were conducted over three pretreatment and three reaction days. This 

PH 8.8 
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optimum probably would not be located by conducting one-factor experiments, and 

combining the optimum level of each factor. If the only data available was a single factor 

experiment on [NaPhos] (see • in Figure 21), and a single factor experiment on pH (see 

• in Figure 16), one would likely select 70% NaPhos at pH 8.5-11 as the optimum. 

According to the results of this process, this combination is likely far from optimum. 

Additionally, the one-factor experiments just cited required 29 experimental runs, making 

them less efficient in terms of time and resources used. 

89 90 91 92 93 

% Sodium Pho^hate 

Figure 26. Contour plot of response surface. Same data as Figure 25. 
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4 J Recovery, reprocessing and reuse of enzyme 

Due to the high price of most enzymes, the ability to recover, reprocess and reuse 

enzymes at the end of a reaction is critical to designing an industrially feasible process. 

Here, we will describe the combination of recovery, reprocessing and reuse as 

'recycling'. The primary obstacle to efficient recycling is the delicate structure of 

enzymes. Inappropriate methods may denature the enzymes in the recycling process. 

We investigated recycling using pretreatments and experimental methods sinular to those 

of earlier sections. Much of this data was collected by Francisco Sirvent, an 

undergraduate student working under my supervision. The analysis and interpretation of 

the data are mine. 

Recovery of lipase from a completed reaction was accomplished by extraction with 

deionized water. The hydrophilic lipase, the pretreatment salts and the acetic acid have a 

strong tendency to partition into the water phase during the extraction. The other reaction 

components, citronellol, CA and dodecane, are very non-polar and will have a strong 

tendency to remain in the hexane phase. This permits easy separation of enzyme from 

reaction product. 

After extraction, it is necessary to determine the amount of lipase recovered. Lipase 

concentration in the aqueous phase was determined by UV-spectroscopy. A standard 
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curve for UV absorbance at 280nm was constructed (see Figure 27; £2»=1.838 

niL/(mg*cm)). This method is simple, accurate (R^ = 0.9992), and non-destructive. 
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Figure 27. Standard curve for aqueous lipase concentration 

The goal for the recycling method was to recover as much of the lipase as possible, while 

maintaining activity and using a minimum volume of water (to minimize the time and 

energy needed to freeze-dry). Through trial-and-error we determined a method that 

extracts at least 88% of the lipase, while treating the enzyme gently and using only 6 mL 
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water. The mixture from a completed reaction is transferred to a separatory funnel. The 

empt>' reaction vial is rinsed with 2mL water, and then the water is transferred to the 

funnel. The funnel is swirled for 15 seconds, and then is set aside for 15 minutes to allow 

the phases to separate. Finally, the aqueous phase is drawn off from the bottom. This 

process is repeated with two more volumes of water. Unless we used gentle, short 

duration shaking, a very stable emulsion formed. This is undesirable both because of the 

long time required for the phases to separate, and because of likelihood that the lipase 

was being denatured by the shaking, losing activity and stabilizing the emulsion, as a 

surfactant would. 

The pH of the extraction water drops quite low [pH 3-4], due to the acetic acid if the 

lipase hasn't been treated with buffer salts. NaOH is used to adjust pH of the water back 

to that of the initial pretreatment (7.5 or 8.5). If unbuffered lipase is extracted and the pH 

is not adjusted, the enzyme displays very low activity (RP«l) when it is reused. After 

extraction and pH adjustment, the solution is frozen, lyophilized and used in another 

reaction 

We conducted a series of experiments in which lipase was repeatedly pretreated, reacted, 

and extracted. Figure 28 shows a decrease in performance of lipase with each subsequent 

reaction, for two different pretreatment conditions. This decrease is roughly what one 

would expect; enzymes tend to lose activity through time and handling. The batch 

treated with KCl lost activity much more rapidly than the batch treated with NaPhos. The 
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difTerence may have to do with the buffering properties of NaPhos, which would protect 

the lipase firom drastic pH changes, but this is not clear. 

0 12 3 

Reaction cycle 

Figure 28. Decrease in performance as lipase is extracted and reused. (•) 60% KCi 

(w/w), pH 7.5,17 iiour lyophilization; (•) 80% NaPlios, pH 8.5,30 hour 

lyophilization. 

We conducted another series of experiments to help define which part of the recycling 

process is responsible for the loss in activity. The black dots (•) in Figure 29 a and b 



112 

represent the NaPhos series from the previous experiment; a batch of lipase used 

repeatedly, losing activity with each cycle. The white dots (o) are reactions that were 

pretreated and lyophilized, then redissolved in water, frozen and lyophilized, without 

having gone in a reaction. These were only introduced to a reaction mixture after their 

last lyophilization. If the lyophilization process itself were responsible for the decrease in 

activity, one would expect this series to show decreasing performance with increasing 

rounds of lyophilization. The results are actually the opposite of this; the average RP of 

batches lyophilized three times is more than double the average RP of batches lyophilized 

only once. This increase in activity is difTicult to explain, but it is clear that repeated 

lyophilization alone does not reduce performance. 

A second variation involved putting the pretreated lipase through a sham reaction. 

Briefly, lipase was pretreated and lyophilized as normal, and then added to a reaction vial 

containing only hexane. The vial was placed in the incubator, on the shaker, for 24 

hours, after which it was extracted, frozen and lyophilized. This time, it was added to a 

real reaction, and the RP was measured. The average RP of 52.41 (see Figure 29b, V) 

demonstrates it is unlikely that the shaking, the exposure to hexane, or the extended 

incubation at 37°C is responsible for the loss in activity in recycled enzyme. 
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Reaction cycle 

1 2 3 

Reaction cyde 

Figure 29. Variations on the the reaction/ recovery cycle. Full reaction/recovery 

cycle (•); lipase pretreated and redissolved repeatedly (o); lipase subjected to 

simulated reactions ( V). 

The most likely cause for reduced activity is the acetic acid. We have shown previously 

that acetic acid has a strong inhibitory effect on lipase performance. Acetic acid is also 

the only component of the reaction mixture that will have a strong tendency to partition 

into the extraction water, along with the enzyme. In this work, the reactions were 

stopped before all the acetic acid had been consumed. Presumably, this acetic was 

carried into the next cycle of the reaction. During the recycling process, base is added to 

the aqueous solution to set the correct pH, but this does not reduce the amount of acetate. 
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We have not eliminated the other reaction components (dodecane, citroneilol, and CA) as 

possible causes for reduced activity, but they seem unlikely to be the cause. Further 

experiments will be needed to determine whether letting the reaction proceed to 

completion will alleviate the problem. Our results suggest that research into methods for 

enzyme recycling could be an important step towards making non-aqueous enzymatic 

reactions industrially feasible. 
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5 FUTURE OPPORTUNITIES 

Improved methods 

Continued research in this area could benefit from improved experimental methods. 

Using the same flask for both lyophilization and reaction could improve reproducibility. 

This would eliminate one weighing step and greatly reduce the freeze-dried material's 

exposure to atmospheric moisture. This could be accomplished by using much larger 

reaction flasks and lyophilizing them within a cabinet type freeze-dryer. 

Experiments could be expedited by developing a quicker analysis method. This might be 

accomplished spectrophotometrically, or by developing better chromatographic methods. 

This can be critical when monitoring several fast reactions in parallel. 

A scaled down reaction system using less enzyme could reduce the cost per experiment. 

The biggest obstacle here is measuring very small masses and volumes, without 

introducing more error. This could be accomplished by using a more sensitive balance, 

or possibly by creating large stock solutions of salts and enzymes. 

Further study 

The interaction between dry-enzyme moisture content (or water activity [a*]) and the 

other pretreatments could be an interesting area to explore. Based on the results 

presented in the previous chapter, we hypothesize the existence of an interaction between 

[NaPhos] and moisture content (or aw). The buffering capacity of NaPhos may be limited 
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by it's solubility in the small volume of water surrounding the dry enzyme. Smdying this 

would require sensitive, non-destructive methods to measure moisture content and aw 

Continuing with studies on enzyme recycling methods could greatly benefit industry. For 

further studies we recommend allowing the reactions to proceed much further than in the 

experiments we have described. This would consume most of the acetic acid and more 

closely model the industrial scenario. 

In order to prevent enzyme sticking to the walls of the reaction vessel, we recommend 

investigation into different surfaces or surface treatments. This would simplify enzyme 

recovery and could have beneficial effects on RP (through the reduction of mass transfer 

barriers). Vacuum filtration should be investigated as an alternative to water extraction. 

This could potentially be quicker and gentler to the enzymes. Of course, there is still 

much progress to be made in retaining activity through the recycling process, and testing 

the practical limits of reusability. 

New directions 

Additional types of pretreatment factors have surfaced during the course of our research. 

We hypothesize an effect of pretreatment enzyme concentration (or lyophilizate volume) 

on RP, based on the results of the experiment where lipase is simply dissolved in water 

and lyophilized before being used. The major factor we modified in this case was the 
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density of the freeze-dried material, by lyophilizing it from a more dilute solution than 

the manufacturer did. 

Other researchers have recently reported success using crown ethers as pretreatment 

additives (van Unen et al., 2002), but the use of these along with other pretreatments has 

not been explored here. 

Acetic acid has a very strong inhibitory effect on our reaction system, so development of 

a fed-batch reaction system could be very useful. Ideally the system would monitor 

[acetic], and maintain a constant, low concentration of acetic until all of the citronellol 

had been consumed. 

Beyond this, studies could explore different classes of enzymes and reactions. This 

would help in developing more general guidelines for optimum pretreatment of enzymes. 
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APPENDIX A: EXPERIMENTAL PROBLEMS AND 

EVOLUTION OF PROCEDURES 

In this section, we briefly discuss some experimental issues that were addressed early in 

the development of this project. 

Change in enzyme type 

Our very first experiments were performed using lipase from Mucor javanicus. This 

enzyme is used fairly often in the literature, and is significantly cheaper than lipase from 

Mucor miehei. These experiments all yielded ~0 RP. We soon began using the M. 

miehei lipase, because we had more success with it and because we had decided to 

pattem our reaction system after that of Laboret and Perraud (1999). 

Chromatographic method development 

Adaptation of existing GC methods was unsuccessful. The methods from the literature 

typically employ capillary columns, while the facility used in this project employs packed 

columns. We obtained a packed column with a stationary phase (5% SP-2100) very 

similar to those used in the literature. Even after optimizing the temperature program and 

fiow rate, we could not completely resolve the analyte peaks. Because complete 

resolution is critical for making accurate peak area measuremnents, we chose to develop 

our analytical method from scratch. 
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Switching to a less polar stationary phase (10% SP-IOOO) improved resolution 

significantly. Operating parameters, such as flow rate, injector and detector 

temperatures, and column temperature program, were optimized to maximize resolution 

and sensitivity, while minimizing analysis time. 

Equipment problems 

Many pieces of laboratory equipment used in this project did not operate correctly at first. 

Large amounts of time were consumed diagnosing and repairing these problems. These 

included: 

• Complete rebuild of vacuum pump 

• Replacement of temperature control board in incubator 

• Reconditioning vacuum system of freeze dryer 

• Extensive GC tune-up 

Development of reaction system 

Initially we used larger reaction vials fitted with red mbber septa. This system had two 

important problems. The septa lost their resistance to the hexane vapors after being 

punctured once or twice. The rubber would slowly deteriorate, allowing the potentially 

explosive vapors to escape, and possibly contaminating the reactions. This was solved by 

replacing the rubber septum-caps with silicon Mininert valves, which have superior 

resistance to the hexane. The size of the reaction vials was a problem when we wanted to 

scale down the reaction; the reaction couldn't be sampled without removing the cap. 
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Repeatedly opening the reaction vial could significantly reduce the concentration of 

acetic acid in the reaction mix, skewing the results of the experiment. 

RP vs. date 

The issues discussed above were all resolved before generating the data reported in this 

dissertation, so these types of changes are not relevant to interpretation of the results. 

Other types of procedural modifications were made throughout the project, in attempts to 

improve the reproducibility of the results, as discussed in Section 3.6. This introduces 

the possibility of a 'drift' in RP over time. RP could also drift due to increased 

experimenter experience, or changes in equipment performance over time. 

Figure 30 shows the results of all experiments conducted between January 1,2001 and 

the end of this project, irrespective of experimental conditions. At first glance, it may 

appear that there is a strong upward drift in RP values over this 20-month period. This is 

misleading. The earliest experiments used only KCl and non-optimal pH settings in their 

pretreatments, leading to low RP. Over time, more effective combinations of 

pretreatments were investigated, cubninating in the optimization experiments. We 

believe that this accounts for the upward trend in RP values over time. 
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Figure 30. RP of all experiments since 1/1/01 

The strongest evidence that RP did not truly drift over time is presented in Figure 31. 

This figure shows the results from a particular set of pretreatment conditions that was 

used many times [it was used as a control in normalization method that we later 

abandoned (see p. 71)]. Over a period of about nine months, this set of conditions was 

used 41 times. The scatter in RP values for this condition is quite large, as discussed in 

Section 3.6, but there is no trend over this nine-month period. We feel that drift in RP 

was not significant and does not impact the interpretation of the results. Additionally, all 
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data points within any particular chart were generally collected over a short period of 

time (2 days - 2 months), further reducing the impact of any potential drift. 
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Figure 31. RP for all experiments using tiie conditions 80% (w/w) NaPlios, pH 8.5, 

30 h lyophilization 



APPENDIX B: OPTIMIZATION DATA ANALYSIS 

Analysis of data from 2^ factorial experiment augmented with center points (1" 

optimization step): 

Estimated Effects and Coefficients for RP (coded units) 

Term Effect Coef SE Coef T P 
Constant 55.87 0.2563 218.01 0.000 
Block -0.04 0.2219 -0.19 0.865 
NaPhos 3.98 1.99 0.2563 7.77 0.016 
PH 11.58 5.79 0.2563 22.59 0.002 
[acetic] 110.87 -55.44 0.2563 -216.32 0.000 
NaPhos'pH 0.22 0.11 0.2563 0.42 0.713 
NaPhos* [acetic] -4.13 -2.01 0.2563 -8.06 0.015 
pH*[acetic] -11.57 -5.78 0.2563 -22.57 0.002 
CtPt -53.92 0.4963 -108.65 0.000 

Analysis of Variance for RP (coded units) 

Source DF Seq SS Adj SS Adj MS F P 
Blocks 1 144.3 0.0 0.02 0.04 0.865 
Main Effects J 24885.2 24885.2 8295.07 2E+04 0.000 
2-Way Interactions 3 301.9 301.9 100.62 191.51 0.005 
Curvature 1 6202.5 6202.5 6202.45 1E-K)4 0.000 
Residual Error 2 1.1 1.1 0.53 

Lack of Fit 1 0.8 0.8 0.78 2.94 0.336 
Pure Error 1 0.3 0.3 0.27 

Total 10 31534.9 



Analysis of data &om central composite experiment (final optimization step): 

The analysis was done using coded units. 

Estimated Regression Coefficients for Relative 

Term Coef SE Coef T P 
Constant 155.265 11.847 13.106 0.000 
PH -7.367 5.924 -1.244 0.282 
NaPhos 0.256 5.924 0.043 0.968 
pH^pH -2.303 7.836 -0.294 0.783 
NaPhos*NaPhos -6.573 7.836 -0.839 0.449 
pH*NaPhos 3.587 8.377 0.428 0.691 

S = 16.75 R-Sq = 37.9% R-Sq(adj) = 0.0% 

Analysis of Variance for RP 

Source DF Seq SS AdjSS Adj MS F P 
Regression 5 685.13 685.13 137.026 0.49 0.774 

Linear 2 434.66 434.66 217.329 0.77 0.520 
Square 2 198.99 198.99 99.496 0.35 0.722 
Interaction 1 51.48 51.48 51.481 0.18 0.691 

Residual Error 4 1122.87 1122.87 280.716 
Lack-of-Fit 3 1120.29 1120.29 373.430 144.94 0.061 
Pure Error 1 2.58 2.58 2.576 

Total 9 1808.00 
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APPENDIX C: HUMTOITY CONTROL TENT 

Problems caused by the pretreated enzyme absorbing atmospheric moisture are described 

in Section 3.6.2. This section describes a tent constructed to minimize the exposure of 

pretreated enzyme to moist air. Aiter lyophilization the pretreated enzyme is handled 

within this tent, until it is sealed in a reaction flask. 

The tent consists of a metal frame constructed from aluminum rods and connectors. 

Clear, thick plastic sheeting is draped over the frame and fixed to the countertop using 

duct tape. The front side of the sheeting has two large sUts that serve as armholes. Flaps 

of plastic sheet cover the slits when the armholes are not being used. 

Laboratory compressed air is passed through a Kaeser air-dryer which reduces the 

relative humidity of the air. A valve at the output of the air-dryer allows for rough 

control of the airflow rate. The dry air is used to purge the interior of the tent. Plastic 

tubing extends form the air dryer to the interior of the tent. The end of the tubing feeds 

into a 'diffriser', essentially a box with many tiny holes to distribute the airflow in many 

directions. 

An electronic humidity meter is used to monitor the environment inside the tent. Relative 

humidity in the tent could be held fairly constant within a period of use. Change in 

humidity outside the tent from day to day can influence the himiidity inside the tent, 

because the tent is not completely sealed. Adjustment of dry air flow rate was used to 
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maintain the interior of the tent a 18% relative humidity regardless of the humidity 

outside the tent. 
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