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ABSTRACT 

Lipid films are often described as potential surface coatings for the 

'biofunctionalization' of solid interfaces because of the ability to support tethered and 

integrated receptor protein activity and their ability to suppress the non-specific 

adsorption of soluble proteins. One significant shortcoming of lipid assemblies is the 

inherent lack of stability required for many technological applications because the non-

covalent forces between the constituent lipids are relatively weak. In this work, 

polymerized, supported lipid bilayers ((poly)PSLBs) composed of diene functionalized 

lipids have been prepared and characterized. Several parameters relating (poly)PSLB 

structure and stability to observations made in studies of polymerized bilayer vesicles 

will be described, including a comparison of UV photopolymerization and redox-initiated 

radical polymerization, the number and location of the polymerizable moieties in the lipid 

monomer, and a comparison to PSLBs produced with diacetylene lipids. Redox-initiated 

polymerization of films composed of bis-substituted diene lipids with at least one 

polymerizable moiety located near the acyl terminus produces dried PSLBs that are 

highly uniform and stable. All other conditions yielded PSLBs that contained a high 

density of defects after drying, including those formed from diacetylene lipids. The 

nonspecific adsorption of bovine serum albumin (BSA) is used to further characterize the 

polymer films to fluid PC bilayers, which have been established as protein adsorption 

"inert" surfaces. The results show that the protein resistance of a cross-linked 

(poly)PSLB composed of bis-sorbyl phosphatidylcholine (bis-SorbPC) is equivalent to 

that of a fluid PSLB composed of l-palmitoyl-2-oleoylphosphatidylcholine (POPC), even 
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after the former has been dried and rehydrated. Furthermore, the (poly)PSLB films can 

be formed in patterns or patterned with immobilized proteins by microprinting techniques 

which may facilitate their use in microarray detection schemes. 
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CHAPTER 1. INTRODUCTION TO LIPIDS, LIPID FILMS, AND 

POLYMERIZABLE LIPIDS FOR THE BIOFUNCTIONALIZATION OF 

SURFACES 

l .L MOTIVATION 

The 'biofunctionalization' of inorganic, metal, or polymer interfaces is an 

important area of study for the advancement of sensor technology or devices designed to 

function in the presence of biological matrices/'^ Broadly defined, biofunctionalization 

may refer to: i) the use of biological molecules such as proteins as functioning elements 

in devices ^ or, ii) interfaces that are chemically modified to resist fouling by biological 

species."*"^ The former definition may be applied to the use of immobilized receptor 

proteins, eg., antibodies, that bind target analytes with high specificity that is all but 

impossible to reproduce artificially. The latter issue arises from the tendency of soluble 

protein present in biological samples to adsorb onto nearly all surfaces, which is 

detrimental to the sensitivity, selectivity, and longevity of devices such as biosensors. 

For many applications, successful biofunctionalization of biosensor interfaces requires 

both the localization of functional biomolecules at transducer elements and the 

suppression of non-target analj^e adsorption. 

Biomimicry refers to artificial systems based on designs found in the natural 

biological world. One biomimetic approach to the functionalization of interfaces is based 

on lipid membranes, which are critically important to the structure and function of all 

cells in both plants and animals. A complex mixture of molecules, the basic structural 
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premise is that of a hquid crystaUine lipid bilayer supporting the activity of an array of 

proteins, graphically illustrated in Figure 1.1. 

Greatly simplified lipid structures have been reconstructed on solid supports for 

use in scientific study, and increasingly have received attention for the 

biofunctionalization of sensor surfaces. This is motivated by several reasons. First, they 

• Ext'acellular FIjid • CytoplacTi 

Figure 1.1. Graphical representation of the eukaryotic cell membrane including the lipid 
bilayer and embedded transmembrane proteins. Membrane compositions are extremely 
diverse. Carbohydrates can compose up to 10% (dry weight) of the membrane but are 
generally attached to membrane lipids or proteins, while the relative amounts of protein 
can vary from 20 to 80%.^ 
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offer the ability to minimize sensor 'fouling', i.e., the undesirable adsorption of non-

target protein molecules invariably present in biological matrices, by exploiting the 

characteristic protein adsorption resistance of the phosphorylcholine (PC) lipid 

headgroup.^' Second, supported lipid membranes have a well-defmed and 

controllable architecture that allows for favorable orientation and minimal denaturation of 

tethered water-soluble proteins.Finally, the bilayer motif exclusively provides the 

environment suitable for active transmembrane proteins which are of significant 

pharmaceutical interest due to the large number of drugs that target transmembrane 

receptors. Reconstruction of lipid membranes on solid supports in which transmembrane 

protein activity is retained has been demonstrated by many authors.Lipid mono- and 

bilayers can be self-assembled by vesicle fusion, an important issue for commercial 

applications, onto a variety of optically and electrically active substrates. 

Furthermore, recent developments in lipid micro-patterning techniques illustrate the 

potential of membrane-based biochips with parallel arrays of sensing elements for high 

90 
throughput biological or pharmaceutical screening or sensing. 

A key problem associated with implementing lipid structures in molecular devices 

is the inherent lack of stability that arises from the exclusively non-covalent forces 

responsible for the formation of the lipid lamellar (bilayer) phase. As a result, partial or 

complete loss of the lamellar structure occurs upon exposure to surfactants, organics, or 

removal from aqueous environments. In addition, lipid bilayer instability has been 

observed upon extended storage and exchange of the contacting buffer, in the presence of 

soluble proteins, and with variations in buffer pH and temperature.^^' These problems 
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compromise the ability to maintain, store, and/or reuse lipid membrane-based devices, 

and thus pose significant impediments to their reliable implementation. 

Interest in developing stabilized lipid films on solid supports has consequently 

received considerable scientific attention. From a broad perspective, two general 

approaches have been developed, one that seeks to preserve the ability of the constituent 

lipids to laterally diffuse, and a second that greatly reduces or eliminates lateral diffusion 

through the introduction of covalent bond networks. The former approach generally 

involves either the use of "template" molecules covalently attached to a substrate, around 

which free lipids can organize,^*"'"' or the formation of a lipid monolayer on an alkyl 

terminated SAM film to create a "hybrid" bilayer.'^""'*'^^''"'''^ These strategies have been 

demonstrated to extend the aqueous stability of lipid structures, presumably by increasing 

the energy barrier for the reformation of more thermodynamically favored spherical 

bilayers." '*^"''' However, they do not prevent lipid loss upon exposure to harsher 

conditions such as surfactant solutions or transfer across the air/water interface. 

The second approach is inspired by the physical and chemical stability of a cross-

linked polymer relative to its constituent monomers. A considerable body of work has 

shown that lamellar lipid assemblies can be polymerized from lipids containing reactive 

moieties.Linear polymerizations of vesicles composed of mono-substituted 

lipids cause moderate changes in the permeability of the bilayer to water-soluble 

molecules and resistance to vesicle dissolution in surfactant solutions. bis-Substituted 

lipids can be cross-linked, resulting in more dramatic changes in bilayer chemical and 

physical properties.'"^'It is well known that the properties of lipo-polymer vesicles, such 
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as the degree of polymerization, conversion, and cross-linking, are highly dependent 

upon a number of factors, including the type of polymerizable moiety, its location in the 

lipid, and the method of polymerization/'^ 

All of the factors shown to influence the stability/robustness of liposomes are 

likely to affect the same properties in supported poly-lipid films. Despite the interest in 

stabilized lipid films through the use of polymerizable monomers, these factors have not 

been critically examined in previous reports of poly-lipid films on solid supports.""^" 

Therefore, it is the goal of this work to investigate these issues with respect to the 

formation of robust bilayer-mimetic polymer films. 

This document describes the stabilization of lipid bilayer structures on silicon 

oxide substrates through the polymerization of self-assembled phospholipid monomers. 

It is hoped that the work described herein may be of general benefit to the understanding 

and eventual application of ultrathin biomimetic polymer films based on lipid monomers. 

In this chapter, the reader will be given background information in several pertinent areas 

including; i) lipids, and the use of supported lipid layers for fundamental study and in 

potential applications, ii) polymerizable lipids, especially those containing diene moieties 

which are featured throughout this document, iii) and a brief review of previous work in 

the field of stabilized supported lipid films. 
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1.2. LIPID STRUCTURE AND MESOPHASES 

Lipid molecules are a major component of all biological membranes. The role 

that lipids play in membrane function is an active area of research. Once believed to 

simply provide passive support for membrane protein components, it is now being 

discovered that lipids support proteins in a dynamic way through specific and dynamic 

lipid compositions that are closely related to protein flmction.^^ Lipids are a diverse class 

of molecules that form the basis of an electrically insulating, semi-permeable membrane 

between cells, their environment, and cellular components, while supporting the activity 

of membrane proteins. A comprehensive review of lipid structure and function is 

obviously beyond the scope of this text, however a basic review of lipids and lipid 

properties is included in this section. 

L2.1. Lipid Structure 

Lipids are amphiphilic molecules containing at least one hydrophobic tailgroup, 

and a polar hydrophilic headgroup. Lipid molecules found in biological membranes are 

generally double chained. An enormous diversity of lipid types exists in natural 

membranes, which sometime contain more than 100 different lipids in a single biological 

membrane.^ The most common class of lipids in biological membranes are 

glycerophospholipids, or more specifically, 1,2-diacylphosphoglycerides, the general 

structure of which is shown in Figure 1.2. These lipids have two hydrophobic tail groups 

and a phosphate group linked to the glycerol backbone. The most common tail group 

linkages are fatty acid esters at the sn-1 and sn-2 positions (sn, stereospecific numbering). 
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Figure 1.2. The general structure of the diacylphosphoglyceride is 
shown with many of the common headgroups found in biological 
membranes 
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An even number of carbon atoms in the acyl chains is generally found in natural 

glycerophospholipids, with 16, 18, and 20 carbons being most common. Unsaturation in 

the tails is also common. The lipid headgroup predominantly featured in this work is the 

phosphorylcholine moiety which will be discussed in greater detail in later sections. The 

nature of the headgroup, linkage, and tailgroup greatly affect lipid behavior in aggregated 

structure; the correlation of this behavior with biological membrane properties has long 

been an active area of research (for example, see ref 

Lipids can be extracted and isolated from natural sources in relatively large 

quantities by surfactant disruption of cell membranes followed by centrifugation on 

various density-gradient media such as sucrose polymers or coated silicas. These 

processes can generally isolate lipid classes or lipids with different headgroups but lipids 

with identical headgroups and different acyl chains are not easily separated.^ Therefore, 

there is an extensive history of synthetic approaches to naturally occurring lipids, and 

non-natural lipids designed for tailored properties and aggregate behavior [see reviews by 

O'Brien"^® and Ringsdorf for examples]. The synthesis of pure, single component lipids 

has greatly aided the study of lipid structure/function relationships. 

1.2.2. Lipid Phases 

The entropicly driven exclusion of water from the tailgroups, known as the 

hydrophobic effect, and the interaction of the headgroup with water, cause amphiphiles to 

aggregrate into separate, non-covalently associated phases, or mesophases. Above a 

finite concentration known as the critical micelle concentration (cmc) lipids will form a 
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separate phase. No additional lipid dissolved in solution will exist as free, solvated 

• • 9 8 • molecules. The cmc for most phospholipids is around 10' M. The thermodynamic 

8 58 principles that govern the formation of mesophases have been summarized elsewhere. ' 

In general, the geometry the aggregate adopts will minimize the free energy of the system 

which has contributions from i.) the intermolecular interactions that occur at the 

water/hydrophobic interfaces, and ii.) the free energy of the alkyl chains. The first 

condition is very dependant upon the packing of the lipids in the micelle and is largely 

governed by micelle shape and consequently by the lipid dimensions, i.e. the relative 

surface areas of the hydrophilic and hydrophobic parts of the amphiphile. The second is 

affected by the length of the alkyl chain(s) in the lipid. 

Many lipids demonstrate polymorphism, meaning that they can adopt different 

mesophases depending on conditions that affect the chemical potential of the system such 

as concentration, temperature, pressure and solvent conditions. The mesophases that 

lipids adopt range from simple micelles to more complicated inverted hexagonal 

structures. A few examples of lipid mesophases with associated lipid shapes, are given in 

Figure 1.3. By far, the most common structure associated with phospholipids is the 

lamellar phase. Due to the comparable areas of the headgroups and tailgroups in 

biological phospholipids, they assemble into 'planar' or lamellar phases in excess water. 

In solution, the lamellar phase generally exists as closed, spherical structures known as 

vesicles or liposomes, [section 1.2.4] 
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Figure 1.3. Example mesophases adopted by lipids in solution are shown, 
which depend on, among other things, lipid structure and water content. 



32 

1.2.2.a La and Lp phase 

Less structurally dramatic than polymorphic changes between mesophases but 

more relevant to biological membranes, are the subphases within the lamellar phase. 

Phospholipids in lamellar phases undergo a transition from the oft-called gel (LP) phase 

to the liquid (La) phase under certain conditions. Like most phase changes associated 

with lipids, this transition can be induced by thermotropic, lyotropic (water content), 

pressure, and depending on the lipid, pH and ionic strength changes. It is most common 

to associate changes in the lamellar phase with temperature since it is easily measured 

and controlled and allows thermodynamic parameters to be determined for the process. 

The temperature at which the transition from LP to La occurs is defined as the main 

phase transition temperature, Tm (synonymous with melting temperature). Below the T„, 

lipid acyl groups are characterized by a high degree of order, mostly trans- configurations 

of the acyl tails groups which results in maximum tail group extension towards the center 

of the bilayer. At the T^, gauche defects in single carbon bonds, and cis- conformations 

in double bonds are introduced that decrease the order of the acyl chains. This results in 

an increase in the overall area per molecule of the lipids, and consequently a decrease in 

bilayer thickness. The effect of acyl chain structure on the phase transition temperature 

for pure phosphatidylcholine lipids is reviewed in reference.The enthalpy of the 

process is generally between 6 and 10 kcal/mol depending on lipid type. Because the 

transition can only be measured for single lipid compositions, its exact biological 

relevance is unknown, however biological membranes are nearly always found in the La 

phase in bulk. It is speculated that localized regions of LP phase lipid may be required 
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for particular aspects of membrane function. Lipid rafts are localized regions of 

membranes enriched in certain lipid types frequently in the L(3 phase and are a topic of 

great interest scientifically.^" 

In addition to the tail group structural changes that accompany the LP-La phase 

transition, other properties are affected as well, including the rate at which individual 

lipids laterally diffuse within the two dimensional confines of the bilayer. This mobility 

is the origin of the descriptive term 'fluid' lipid bilayer which will be used throughout 

this text to convey lipid systems with laterally mobile constituents. L|3 diffusion rates are 

commonly two orders of magnitude less than La phase diffusion rates. Typical La 

values are 10"^cm^/s, or roughly a net distance of 2 fj,m per second.^ 

1.2.3. Lipid miscibility 

The miscibility of lipids is dependant upon the phase of the lipid components of 

the mixture. A lipid mixture with components in different lamellar phases (La or LP) 

will generally segregate into immiscible domains which can be observed with 

fluorescence microscopy if a dopant lipid that preferentially exists in one of the phase 

61 68 states is present. " The use of supported lipid bilayers and monolayers has greatly 

aided this aspect of membrane study, [see section 1.3] 

Lipids in like phases are generally miscible however they do not mix ideally. 

Ideal mixing would indicate that the enthalpy and entropy of mixing is zero, i.e. that 

interactions between unlike lipids do not result in preferential arrangements of neighbor 

lipids. The more similar the lipid structures, the closer to ideal behavior they exhibit. 
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Lipids in the L(3 phase typically deviate more from ideal behavior than La phase 

mixtures. Lipid mixing can be characterized by comparing the experimentally derived 

phase diagram from that predicted theoretically by regular solution theory. Phase 

diagrams of lipid mixtures are constructed experimentally using techniques (usually 

Differential Scanning Calorimetry (DSC)) that can monitor the fraction of the lipid 

components in each phase state. 

1.2.4. Liposomes 

Liposomes, frequently called vesicles (used interchangeably in this work), are 

spherical bilayers that enclose an aqueous volume and can be either single or multi

lamellar (Figure 1.4). Liposomes have been used extensively as model membranes for 

scientific study, and also have a long list of potential and realized applications involving 

the encapsulation of solutes.^' Liposomes are also useful for the study of 

transmembrane proteins, which can be assembled in biologically active form in mixtures 

• •  •  8 71 
of defined lipid composition. ' 

Vesicles can be produced in size ranging from 15 nm to several micrometers in 

diameter. The size of the liposome affects the packing density of the constituent lipids 

which has an effect on lipid phase and order. For example, small vesicles generally have 

broadened L|3-La phase transitions presumably due to the constraints that the small 

o n') 
radius of curvature has on lipid packing. ' Therefore liposomes of uniform diameter 

and shape are frequently used in scientific studies. The number of lamella and the size 

and distribution of vesicles in solution can be controlled via several methods, and vesicle 
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Figure 1.4. Vesicles are generally either multi-lamellar (MLV) or 
single lamellar (SLV). 



36 

size can be determined by a number of techniques including dynamic light scattering 

techniques and electron microscopy. 

Multi-lamellar vesicles (MLVs) are spontaneously formed by hydration of dried 

lipids accompanied by solution agitation, see Figure 1.5. Unilamellar vesicles can be 

formed by extrusion of multilamellar vesicles through poly-carbonate filters at 

temperatures above their Tm- Extrusion through very small pores can result in small 

unilamellar vesicles (SUVs) of varying diameter, down to around 50 nm in diameter.'' 

Extrusion produces a relatively narrow distribution of vesicle sizes''' which is important 

in some studies, particularly thermodynamic lipid properties. 

Another method that is used to form unilamellar vesicles is the detergent 

depletion or detergent dialysis technique. A single chain surfactant with a high cmc will 

disrupt a lamellar lipid structure and form mixed micelles with phospholipids. When a 

surfactant/lipid mixture is placed within a dialysis membrane with a relatively low 

molecular weight (MW) cutoff (approx. 3500), mixed micelles are retained, while free 

surfactant monomers diffuse through the membrane, ultimately leaving only lipid which 

assembles into vesicles. The size of vesicles that are produced depends on conditions, 

surfactant and lipid, rate of dialysis and is frequently in the range of 50-200 nm [for 

example see ref Lopez, et al. reported that the size of reconstituted PC 

(phosphorylcholine) vesicles from octylglucoside/PC solutions was affected by the initial 

ratio of the two before dialysis, with larger vesicles resulting from lower surfactant 

concentrations relative to the PC lipid.^^ Surfactants are also used to extract and stabilize 

transmembrane proteins from cell membranes. When these solubilized proteins are 
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Figure 1.6. The spontaneous formation of multi-lamellar vesicles from 
dried lipid film, and several pathways for controlling vesicle size are 
depicted in this graphic from Frank Szoka, Jr. & Demetrios 
Papahadjopoulos, (1980), "Comparative Properties and Methods of 
Preparation of Lipid Vesicles (Liposomes)", Ann. Rev. Biophys. Bioeng., 
9:467-508. 
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included in the dialysis procedure with lipids, proteo-liposomes are formed in which the 

protein is reconstituted into the lipid bilayer. This procedure is widely used for the study 

of transmembrane proteins and is discussed in greater detail in Chapter 6. 

The most common method for the generation of small unilamellar vesicles (SUV) 

is high powered sonication of aqueous lipid dispersions, which produces SUVs with 

diameters between 12 and 50 nm depending on a number of variables such as sonication 

79 77 
power and temperature, and lipid structure. ' This process is easy, rapid, and generally 

produces a relatively narrow distribution of vesicle sizes. Sonication is frequently 

performed using a sonicator micro-tip placed directly into the aqueous suspension of 

lipid; this process generally requires centrifugation of the resulting mix to remove 

sloughed bits of titanium in the solution. Alternatively, a cup horn can be fitted to the 

sonicator which allows sonication in any vessel in a controlled temperature water bath 

without sample-probe contact [Figure 1.6]. 
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Figure 1.6. Schematic of a cup horn sonicator system. The vessel to be sonicated is 
placed close to the horn but not in direct contact. 
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One drawback of the cup horn setup is that a relatively large probe (horn) is 

required, which reduces the intensity of the field applied to the sample and consequently 

increases the time required to form SUVs. As noted above, very small vesicles can 

constrain the packing of constituent lipids, affecting their phase, and the vesicle stability. 

In 25 nm diameter vesicles composed of dual chain lipids, it is estimated that 70% of the 

lipids are in the outer leaflet due to packing constraints.^^ 
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1.3. SUPPORTED LIPID FILMS 

Long chain amphiphilic monolayers have been studied since the pioneering work 

7Q 
of Langmuir and Blodgett who investigated monolayer films at the air water interface. ' 

Lipid films have been assembled on solid supports to facilitate the use of surface 

61 63 analytical techniques in the study of their properties and behavior since the early 80's. 

McConnell and coworkers at Stanford University were among the first to investigate 

phospholipids layers on solid supports for use in cell-cell recognition studies and have 

extensively investigated the phase behavior of solid-supported lipid mixtures and the 

interaction of the lipid monolayers with the solid support.^'' McConnell and 

Brian were first to report vesicle fusion [section 1.3.2], one of the most versatile methods 

to assemble supported bilayers, in a 1984 publication.^^ Since then, supported lipid films 

have received acceptance as capable membrane mimics that can in many cases preserve 

specific biological function.^® 

Lipid films on supports can take many forms; Langmuir-Blodgett deposited 

monolayers, multilayers, or bilayers, solvent evaporated multilayers, or self assembled 

bilayer and monolayers on hydrophilic or hydrophobic substrates respectively. Although 

lipids can be deposited on surfaces in multilayers, these structures are not as potentially 

useful as mono- and bilayer structures for biosensor coatings requiring analyte access or 

diffusion to incorporated biomolecules, or detection methods like surface plasmon 

resonance (SPR) or evanescent wave spectroscopies that require the analyte to be located 

very closely to the sensing platform. For the purpose of mimicking natural membranes, 

the bilayer is the most useful structure because its dimensions are comparable to real 
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membranes. This section provides an introduction to the assembly, properties, and some 

potential applications of supported mono- and bilayer films. 

1.3.1. Langmuir-BIodgett Schaefer deposition 

Amphiphiles deposited at the air-water interface from organic solutions arrange 

themselves in monolayers with their hydrophobic portions in the air and polar headgroups 

in the water. Upon evaporation of the deposition solvent, reduction of the air-water 

surface area with a moving barrier results in a corresponding increase in surface tension 

or pressure due to compression of the organic monolayer. Pressure/area isotherms (n-a) 

result from monitoring the surface pressure of the organic monolayer as a function of the 

area per molecule. An example isotherm is shown in Figure 1.7, illustrating the pressure-

induced phases that can exist at various areas per molecule for a model amphiphile, 

arachidic acid. 

The relationship between lipid behavior at the air-water interface to lipid behavior 

in bilayers is a matter of debate , but these films have nevertheless proven useful as 

membrane models because precise measurements of surface pressure as a function of the 

area per molecule can be made, providing information on amphiphile packing and 

orientation. The interaction of lipid headgroups with solutes and proteins in the subphase 

can be monitored as well, due to the high sensitivity of the surface pressure to slight 

changes in lipid conformation. 
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Figure 1.7. Example pressure-area isotherm for a single chain amphiphile. 

Highly ordered mono- and bilayers can be assembled on substrates by Langmuir 

Blodgett deposition. This process is depicted in Figure 1.8. Monolayers can be 

deposited with the polar group in contact with the substrate by passing a hydrophilic 

substrate (starting in the subphase) through the water/air interface vertically, while 

monolayers on hydrophobic surfaces are transferred into the subphase (starting in air) 

resulting in films with the polar headgroup oriented away from the substrate. Bilayers or 

multilayers can be assembled by repeated transfers through the interface. Alternatively, 

the outer leaflet of a bilayer, or a monolayer on a hydrophobic substrate, may be 

deposited by a Langmuir-Schaefer transfer, where the hydrophobic monolayer in air is 

transferred horizontally into the subphase through a compressed monolayer. This method 
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Figure 1.8. Langmuir-Blodett Schaefer assembly of a lipid bilayer. On hydrophilic substrates, the 
first monolayer is transferred vertically (a), and the second monolayer is transferred horizontally (b) 
resulting in a submerged bilayer (c.) Alternately, multilayer structures can be assembled by repeated 
Langmuir-Blodgett transfers (vertical dipping) with most Eimphiphiles. 
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is commonly used for the formation of the upper leaflet of LB assembled phospholipid 

bilayers; the vertical deposition of the outer layer of phosphorylcholine lipids has been 

observed to result in poor films with a high number of defects?^ 

The clear advantage that LB or LBS deposition procedures have over self-

assembly (next section) of bilayers is control over the area per molecule of the constituent 

lipids. Additionally, lipid bilayers with a defined (percentages of lipid types in mixtures) 

or asymmetric construction (differing lipid compositions in the inner and outer leaflet) 

can be assembled on nearly all planar surfaces. The drawbacks relative to self-assembly 

are numerous however, particularly for commercial processes. These include an 

increased process complexity, requiring several steps, incompatibility with non-planar 

substrates, difficulty or inability to incorporate membrane proteins, and a general 

incompatibility with large scale sample production. 

1.3.2 Self-assembly by vesicle fusion 

Lipid bilayers are frequently assembled on solid supports by the spontaneous 

adsorption, rupture and spreading of unilamellar vesicles on appropriate substrates, a 

process known as vesicle fusion.^^' Vesicle fusion is a process that Boxer and 

coworkers have described as involving a subtle balance of van der Waals, electrostatic, 

hydration steric forces.^^ A high degree of lipid lateral mobility is required for vesicle 

fusion; it has only been reported to occur in the La phase. Vesicle fusion has been 

reported to occur on a number of hydrophilic substrates including a variety of glasses 

silica, some polymer surfaces mica and recently, to TiOa and SrTiOa single 
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crystals.^^ The use of different substrates facilitates particular methods of analysis, for 

example, the atomic flatness of mica facilitates the use of scanning probe techniques, 

while single crystal Ti oxides are attractive because they support lower penetration depth 

evanescen t  f i e lds  wh ich  can  inc rease  sens i t ive  o f  evanescen t  wave  me thods .There  i s  

significant interest in fusion on water swollen polymer supports to accommodate 

cytoplasmic domains of incorporated transmembrane proteins. 

Glass was the first reported substrate used in vesicle fusion bilayers on glass, 

fused silicon, or quartz, are by far the most thoroughly characterized self-assembled lipid 

films. Fused lipid bilayers on glass surfaces 'float' on a very thin layer of water, believed 

to be 1-2 nm thick which may act as a 'lubricant' that preserves the fluidity of the inner 

leaflet. Evidence for this water layer is from neutron scattering experiments on supported 

p l a n a r  b i l a y e r s  a n d  N M R  e x p e r i m e n t s  o n  b i l a y e r s  s u p p o r t e d  o n  g l a s s  b e a d s . T h e  

lateral mobility of lipids in supported bilayers is usually determined by fluorescence 

recovery after photobleaching (FRAP).^ Tamm and coworkers have reported diffusion 

coefficients of 3 x 10"^ cm^/s for labeled phosphatidylethanolamine lipids in supported 

bilayers of PC lipids that were assembled by either vesicle fusion or Langmuir-Blodgett 

deposition,Other authors have reported similar values in supported lipids structures 

assembled by vesicle fusion. 

The net charge of the vesicles can affect vesicle fusion to glass; in one study, 

negatively charged vesicles required relatively high ionic strength or low pH solutions to 

fuse due to the electrostatic repulsion with negative deprotonated silanols on the glass 

92 • • • surface. The fusion of neutral or positively charged vesicles was virtually indifferent to 
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solution conditions. In the same study, the authors observed that Hpid spreading over 

mechanical abrasions (scratches) was independent of ionic strength but was retarded at 

buffer pH greater than 8 for both positively and negatively charged membranes, 

suggesting that the structure of water (degree of order) associated with the oxide surface 

affects lipid diffusion. 

Surfaces that retard the lateral mobility of lipids have been used as barriers to 

lipid spreading for creation of patterned lipid bilayers. For example, Boxer and 

coworkers have shown that eggPC vesicles will fuse to chrome and ITO surfaces, but do 

not have long range lateral mobility and can be used as barriers for domains of fluid lipid 

102 bilayers. In the same work, the authors found that the vesicles did not fuse at all to 

aluminum oxide surfaces. 

The mechanism of bilayer formation is poorly understood, given the general 

difficulty in studying delicate bilayer structures. One model gaining acceptance is that 

adsorption of unruptured vesicles occurs until such time that the surface concentration of 

these are high enough to fuse into larger vesicles before rupturing and spreading. This is 

supported by quartz-crystal microbalance and atomic force microscopy studies. 

Kasemo and coworkers have published several papers investigating the fusion process 

on oxide surfaces. 

1.3.3. Assembly on non-fusion promoting surfaces, hybrid bilayers. 

Many surfaces do not promote the fusion of laterally mobile lipid bilayers, most 

notably, electrochemically active substrates such as semiconductor or metal surfaces 
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which are of interest for the investigation of electrochemical properties of lipid 

assemblies or as transducers in lipid based sensor applications. Self-assembly of 

homogeneous lipid bilayers on these surfaces require surface modification. One such 

approach is through the formation of hybrid bilayers (Figure 1.9). Keller et al. have 

' SAM film 
\ \A.\AAAA\ 

Figure 1.9. Schematic of a 'hybrid' bilayer formed from assembly of a laterally mobile 
lipid monolayer on a covalently attached hydrophobic self-assembled monolayer. 

• XX 

reported that vesicles adsorb, but do not fuse to gold surfaces. However, the fusion of 

vesicles to gold can be induced through modification of the metal with hydrophobic 

monolayers. In this case, fusion to LB (section 1.3.1) deposited lipid monolayers result 

in completed bilayers, whereas fusion to an alkyl terminated self-assembled monolayer 

(SAM) results in the 'hybrid' bilayer. Lipids in hybrid structures have been reported to 

have lateral mobility coefficients similar to lipids in oxide supported bilayers or support-

1 07 
free membranes. 

As with fusion to hydrophilic substrates, the assembly process is poorly 

understood. It is generally assumed to be driven by the free energy of the hydrophobic 

surface in contact with water. Plant et al. have proposed mechanisms for the process 

based on kinetic studies with surface plasmon resonance.^ As with fusion to glass 
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surfaces, this process occurs rapidly and is dependent upon vesicle concentration.^^' 

Hybrid bilayers can also be assembled by the horizontal Schaefer transfer of lipids to 

hydrophobic surfaces. Another method used by both Plant and Swanson to form 

hybrid bilayers involves the use of a horizontal deposition procedure first described by 

Permer and coworkers for fatty acid molecules. This approach, shown in Figure 1.10, 

was found by Swanson and coworkers to transfer a single layer with phospholipids, while 

Krueger et al. found that a bilayer was transferred with phospholipids, and that the outer 

leaflet could be removed by simple blotting with filter paper. 
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Figure 1.10. Depiction of a Langmuir trough approach to supported bilayer on alkylated 
or hydrophobic substrates as reported by Penner and coworkers.The outermost leaflet 
can reportedly be removed by blotting with a Kim-Wipe. 

1.3.4. Template driven/Polymer supported lipid bilayers 

Zhang et al. reported a process to assemble a lipid monolayer on an amine 

modified silica surface using 'template' molecules around which free lipids could 

assemble.'^' This process is unique in that the resulting lipid monolayer is supported on a 

relatively hydrophilic support as opposed to traditional 'hybrid' bilayers. 

Phosphorylcholine lipids with a carboxylic acid modified tail reactcd in the presence of 

carbonyldiimidazole with amine terminated substrates to form approximately 30-40% 

coverage, around which free lipids from chloroform were found to assemble. The 
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measured lateral mobility of probe lipids in the assembly was about one order of 

magnitude slower than normal bilayer systems. 

Template molecules have also been used to aid the assembly of lipid films on 

polymer supports. The development of polymer coatings for lipid supports has primarily 

been motivated by the need to separate transmembrane proteins with significant 

cytoplasmic domains from contact with the substrate, which can compromise protein 

activity, to reproduce protein lateral mobility of natural membranes in the supported 

film,"^ and to reduce the surface roughness of some substrates.^^ Polymer coatings may 

1 1 o 
also serve to promote self-assembly of lipids on non-fusing substrates. Many research 

groups have been active in this area, investigating lipid films on single component and 

multi-component polymer supports, including poly-electrolyte films.^^' 

One of the earliest reports of polymer supported lipid films by Spinke et al. 

involved the use a methacrylic coblock polymer that contained template amphiphile 

07 
components. The assembly of lipid films was followed by SPR, however the films 

were not otherwise characterized. Knoll and coworkers have been particularly active in 

the development of template-assisted formation of lipid films on polymer supports and 

have investigated many permutations of covalently tethered polymers.'^' Fluid 

lipid films assembled by vesicle fusion on covalently tethered poly(ethyloxazoline-co-

ethyleneimine) films modified with alkyl chains (the template functionality) have been 

characterized by AFM and fluorescence microscopy.FRAP measurements on these 

structures indicate a correlation between increasing density of the polymer linked acyl 

chain 'template' moieties, and a declining lateral mobility of free lipids in the structure.^® 
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The authors note that without the acyl-chains, lipid film attraction to the polymer support 

is weak and results in the ready detachment of the lipid film, consequently, the 

preservation of lateral lipid mobility in polymer supported lipid films requires a 

compromise in film stability. 

Israelachvili and coworkers have used neutron reflectivity to investigate the 

fo rmat ion  o f  l ip id  f i lms  on  ca t ion ic  po ly (e thy lene imine )  (PEI )  suppor t s . "^ -They  

reported that neutral lipids interact weakly with PEI adsorbed on quratz substrates and 

form patchy mulit-layer films. However, PEI apparently inserted between pre-assembled 

lipid bilayers and quartz resulting in polymer supported bilayers. This observation likely 

attests to the relatively strong, electrostatically driven interaction between the polymer 

and substrate. 

An alternative to the soft cushion approach was investigated by Bunjes and 

coworkers who functionalized Au surfaces with thiopeptide (5 to 7 peptides long) 

modified lipid molecules that subsequently supported the self assembly of vesicles to 

form complete bilayers as measured by surface plasmon reflectometry (SPR).''° This 

approach attached lipid films to supports through a spacer linkage of defined composition 

and structure. 

1.3.5. Stability issues of supported lipid films 

Due to the ability of supported lipid films to support protein activity and suppress 

adsorption of dissolved proteins, they have been investigated as functional coatings for 

device applications, such as biosensor transducers,or coatings for capillary 
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columns where adsorption of proteins to the glass walls compromises the application 

of this powerful separation technique to proteins. However, the commercial application 

of these structures has not occurred due to a lack of film stability. Supported lipid films 

are 'notoriously difficult' to work with because they are very fragile systems that require 

•  8 / ^  •  . . .  
careful and delicate handling procedures. Lipid bilayer instability has been observed 

upon extended storage in, and exchange of, the contacting buffer, in the presence of 

• -17 
soluble proteins, and with variations in buffer pH and temperature. These conditions 

likely induce the reformation of more thermodynamically favored curved bilayer 

structures, or vesicles. The forces between lipids are exclusively non-covalent and as a 

result, partial or complete loss of the lamellar structure occurs upon exposure to 

surfactants or organics that form mixed micelles or solubilize the constituent lipids."^^ 

Furthermore, the driving force for the formation of the extended lamellar mesophase is 

the interaction with water, and this force is lost upon dehydration. Consequently, lipid 

bilayers are structurally destroyed by removing them from water or after a single 

exposure to the air/water interface. Dissolved air bubbles in contact with lipid films can 

serve as this air/water interface and result in the destruction of the films. 

The exact cause or mechanism for the destruction of dehydrated lipid bilayers is 

not known, and to the author's knowledge, has not been the subject of any previous 

report, although several authors have noted the loss of lipid structure upon dehydration.'^' 

122 
It is noted that lipids, as amphiphiles, are active at the air/water interface and the 

author speculates that one explanation may involve the transfer of lipid films to this 

interface to avoid dehydration of the lipid headgroups. This process is graphically 
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illustrated in Figure 1.11. Another possible explanation lies in the fact that lipids undergo 

o 19'^ 1 OS 
lyotropic (water dependant) phase transformations. ' " The sudden removal of water 

may induce the formation of non-lamellar phases more stable in the presence of limited 

water such as inverse micelles that, upon subsequent rinsing, do not reassemble into 

bilayers and are removed from the surface. 

Figure 1.11. Illustration depicting the possible mechanism for the removal of lipid 
bilayers upon transfer through the air/water interface. 

i 

Regardless of the mechanisms of destruction, these problems compromise the 

ability to maintain, store, and/or reuse lipid membrane-based devices, and thus pose 

significant impediments to their reliable implementation. Consequently, interest in 
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stabilizing supported lipid structures has resulted in a number of approaches designed to 

increase their mechanical stability which are described in the following section. 

One of the first approaches proposed to stabilize lipid films was the use of 

'hybrid' or 'templated' bilayer designs that contain a fraction of alkyl components 

covalently tethered to the substrate around which free lipids can assemble. This approach 

retains a significant fraction of laterally mobile lipids. Several authors have suggested 

that hybrid bilayers increase the stability of lipid films relative to bilayers on silicon 

1"^ O f t  ^0 19^ 1'57 
oxide surfaces. • > ' • Unfortunately, experimental evidence to support these 

claims is lacking. No demonstration of film stability after rinsing and drying, surfactant 

exposure, or organic solution rinsing has been published. To this author's knowledge, an 

increased stability in aqueous solution relative to 'normal' bilayers has also not been 

explicitly demonstrated. 'Normal' bilayers on glass microscope slides have been 

reported by Boxer and coworkers to be stable for several weeks. Chaikof and 

coworkers investigated the stability of hybrid films by following the loss of a 

radiolabeled lipo-peptide doped into DPPC (dipalmitoylphosphatidylcholine) films on 

OTS (octyltrichlorosilane) SAMs.^^ Under buffered aqueous conditions, they found that 

the films were stable for periods in excess of four weeks, however at temperatures above 

the Tm of the phospholipid, or in the presence of the protein albumin, significant lipid loss 

occurred within days. Consequently, they concluded that the system was insufficiently 

stable for the desired biomimetic applications. 

The second approach to increase stabilization of lipid films is through the 

introduction of covalent bonds between lipid molecules in supported films. Only a 
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handful of scientists have investigated the use of polymerizable lipids to form covalent 

networks in supported lipid films. The following section provides background 

information on polymerizable lipids and reviews previous reports of (poly)-lipid films on 

solid supports. 

1.4. POLYMERIZABLE LIPIDS 

Polymerizable lipids were developed in the interest of stabilizing self-organized 

lipid supramolecular structures and have an extensive history that predates efforts to 

stabilize supported lamellar films. Their development was motivated by issues 

previously discussed, i.e., the potential applications of mesophase structures being limited 

by the instability of the non-covalently assembled structures. Many extensive reviews 

cover the polymerization of hydrated lipid structures.'^®' 

All polymerizable lipids are obtained synthetically. Many have been designed to 

mimic natural lipids, for example, based on the design of glycerolipids featuring naturally 

occurring headgroups, and others are more purely synthetic such as those based on 

quaternary ammonium salts. For the purposes of this work, this introduction will focus 

on the former type of lipids and on the polymerization of lipids in lamellar phases, 

C7 

although nonlamellar phases have received considerable attention in the last decade. 

Polymerizable groups in phospholipids have been featured in different positions 

on the lipid, including various positions in the acyl chains or headgroups. In natural 

membranes, the headgroup is a very important factor in lipid behavior, therefore the 

preservation of natural groups like PC and PE require that the polymerizable groups be 



56 

located in the acyl chain region. It is notable that polymerization of acyl-located groups 

generally leads to the disappearance of the T^, due to the restricted internal motion of the 

acyl chains, whereas phase transitions can still be observed in the polymerization of some 

headgroup associated moieties.'^^ 

A number of polymerizable functional groups have been incorporated into lipid 

molecules. Figure 1.12 shows examples of the most commonly cited reactive groups in 

phospholipids.^^ An extensive literature review is available regarding polymerizable 

phospholipids from 1974 to 1997.^^^ The use of different moieties affect polymerization 

factors such as the required method of initiation, rate of polymerization, size of polymer 

fragments, and the conditions required to achieve efficient polymerization. All the 

moieties shown in Figure 1.12, except for the diacetylene group, can be polymerized in 

lipid acyl chains that are in either the La or LP phase. The diacetylene group, discussed 

in section has stringent packing requirements that require solid phase for effective 

polymerization. The following sections introduce the physical properties of vesicle 

lamellar structure affected by polymerization of constituent lipid monomers. 

1.4.1 Polymerization parameters that affect bilayer physical properties. 

In liposomes, polymerization under appropriate conditions: i) increases the 

stability of the liposome to surfactant and organic solvent dissolution in solution and 

decreases the solubility of the dried liposome polymer in organics, ii) decreases the 

permeability of small encapsulated molecules through the liposome, iii) decreases the 

lateral mobility of non-polymerized components in the structure, and iv) results in the 
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LA -J 



58 

phase segregation of polymer domains and unpolymerized or unreactive lipids. 

Interestingly, the latter property can increase the permeability of liposomes to small 

encapsulated solutes as a result of vesicle destabilization from domain formation; this 

phenomenon may be useful for target specific drug delivery applications. The degree to 

which properties i-iv are affected is related to such variables as the size of the polymer 

fragments, the extent of monomer conversion to polymer, and the degree of cross-linking. 

46,48-50,53,57, 129-138 

1.4.1 .a. Cross-linking versus linear polymerizations 

The polymerization of lipids with a single reactive group creates linear polymers. 

If more than one reactive group is present, linear polymer chains can be interconnected 

creating cross-linked polymers (Figure 1.13). Differences in linear and cross-linked lipid 

polymers are generally evident in physical properties. The effect of cross-linking on the 

properties of lamellar polymers was first investigated by Regen and coworkers in 1982 

with mono and bis-methacryloyl substituted PC lipids polymerized by direct UV 

photoirradiation. They found that the bis-substituted lipid produced polymers that could 

not be solubilized with chloroform, and had a greater affect on the membrane fluidity 

1 OQ 

than polymerization of the mono-functionalized lipid. Similarly, the permeability of 

liposomes polymerized with mono-functionalized monomers generally decreases to 30% 

of that in unpolymerized vesicles, whereas cross-linked vesicles can decrease solute 

permeability by 2 orders of magnitude."^^' This trend in the degree of property change 
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mono-Substituted Lipid Linear Polymers 

bis-Substituted Lipid Crosslinked Polymers 

Figure 1.16. Polymerization of lipid monomers produces cross-linked or 
linear polymers depending upon the number of reactive groups per 
monomer. 
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was mirrored in subsequent studies of mono- and bis-substituted lipids with different 

reactive groups, including acryloyl denoyl sorbyl , and diacetylene groups.'"^'' 

O'Brien and coworkers have investigated the mole fraction of bis-substituted lipid 

required to cross-link vesicles composed of several types of diene lipids. Both acryl and 

sorbyl functionalities, located near the end of the lipid acyl chains, required around 30% 

bis-lipid to induce cross-linking, in contrast, denoyl functionalized lipids, which are 

located close to the glycerol backbone, were cross-linked more efficiently and only 

required 12% bis-Denoyl lipid. It was speculated that the greater conformational freedom 

of the sorbyl and acyl moieties may favor macrocyclization processes that decrease the 

chances of cross-linking.'^'* The onset of cross-linking can be determined by the 

occurrence of significant property changes with an increase in the mole-fraction of bis-

functionalized lipid. For example, O'Brien and coworkers have generally used the 

dissolution of vesicles in surfactant or the fraction of lyophilized polymer soluble in 

organic solvents as tests to distinguish linear from cross-linked polymers. The degree of 

cross-linking (high or low) affects the physical properties of isotropic polymerizations 

(for example, high or low density polyethylenes); the differences in the physical 

properties of poly-vesicles with a range of cross-link have not been made evident from 

the reported studies to this author's knowledge. 

1.4.1.b. Degree of Polymerization 

The number of monomer units per polymer chain is the number-average degree of 

polymerization, Xn. Xn is directly related to the number-average molecular weight (Mn) 
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of the polymer through its product with the molecular weight of the monomer unit. The 

average molecular weight significantly affects polymer physical properties. In an 

isotropic (bulk, non-lamellar) polymerization, an increase in Mn is usually directly related 

to the mechanical strength of the polymer. In a lamellar polymerization, increasing Xn 

results in greater stabilization of vesicles to disrupting conditions such as exposure to 

surfactant solutions. For example, Sisson et al. reported that poly-(vesicles) composed of 

mono-SorbPC with Xn between 5 and 8 were completely lysed by excess Triton X-100 

(surfactant) while increasing the Xn to 50 resulted in stable poly-vesicles.In that work, 

the Xn was altered through the use of different methods of polymer initiation. O'Brien 

and coworkers were the first to investigate the relationship between Xn and the 

monomer/initiator concentrations and ratios in radical polymerizations in the lamellar 

131 132 phase. ' The determination of Xn for lipid polymers is relatively difficult due to the 

general insolubility of the polymer as the molecular weight increases, especially for 

cross-linked assemblies. For lipid polymers, transesterfication is performed which 

removes the lipid headgroups and disrupts the cross-linking, allowing the polymer to be 

solubilized for analysis with size exclusion chromatography. 

1.4. I.e. Degree of Conversion 

Another factor affecting the properties of polymerized lipid assemblies is the 

degree of conversion, or the percentage of monomer converted to polymer product. In 

efficient polymerizations, nearly 100 percent of the monomer is converted to polymer. 

To the author's knowledge, the properties of partially polymerized systems have not been 
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reported. However, the polymerization of reactive lipids in the presence of unreactive 

components has been investigated. If all the components are in the same phase (for 

example, La) prior to initiation, polymerization of the reactive lipids causes domain 

separation of the unreactive components. Similarly, in incompletely polymerized 

systems, the unreacted monomers are segregated from the polymer domains. Because 

unpolymerized lipid structures are unstable relative to their polymerized counterparts, the 

incomplete conversion of reactive lipid constituents in liposomes will not result in the 

complete stabilization of lamellar phase structures; unreacted lipid domains will be 

subject to surfactant or organic solvent dissolution and structural changes incurred from 

dehydration. 

Establishing the degree of conversion can be difficult if the monomer has a weak 

spectral signal. For example, due to the low extinction coefficient (approximately 100 

cm"'M"') of the diacetylene moiety, it is difficult to establish the extent of the 

polymerization in systems composed of diacetylene functionalized lipids.In contrast, 

the extinction coefficient for dienoyl groups is between 1.5-2.0 x lO"* cm"'M"' and can be 

used to closely follow the conversion of monomer to polymer in liposome 

polymerizations. 

1.4.2 Polymerizable Lipids on Solid Supports 

Despite the large number of polymerizable lipids that have been synthesized and 

characterized in liposomes,'"'^ reported attempts to stabilize phospholipids on solid 

supports have focused on only a few polymerizable groups. To the author's knowledge, 
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only diacetylene, acryloyl, methacryloyl, and dilinoleoyl (non-conjugated diene) have 

been used in supported lipid films. The following sections briefly review the most 

noteworthy of these reports. 

1.4.2.a. Diacetylene 

The diacetylene moiety has been frequently used in polymerization of both single 

148-151 double tail amphiphiles.^'- As early as 1980, Ringsdorf and coworkers 

demonstrated that diacetylene functionalized lipids, including phospholipids, could be 

polymerized in liposomes resulting in enhanced stability.'^* Much of the more recent 

work with diacetylenic amphiphiles has focused on their use as chemical sensing 

materials, based on shifts in the absorption spectrum of the conjugated polymer caused by 

mechanical stress induced by ligand binding to the lipid headgroups.'^"- Polymerization 

of diacetylene moieties is most commonly initiated with UV irradiation at 254 nm. 

Chapman and coworkers were the first to investigate supported diacetylene-

modified PC lipids. They initially looked at UV photopolymerized, LB deposited 

multilayers on glass and then multilayer films on a variety of medically relevant 

polymers in work that pioneered the use and study of phosphorylcholine as a 

'biocompatible' substrate coating.'' "•Chapman and coworkers achieved positive 

results with respect to the reduction of platelet activation and adhesion through this 

approach but have primarily focused on the use of the isolated phosphorylcholine moiety 

incorporated into methacrylate or polyurethane based polymers in later work.'^^ The 

diacetylene films reported by Chapman and coworkers were found to be robust, requiring 
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extended immersion in hot detergent solution to begin to remove the films. However, 

besides qualitative water contact angle measurements, which were between 70 and 90 

degrees, the films were not otherwise characterized.^' 

Aside fi"om Chapman's early work, the use of diacetylenes in supported lipid 

structures has been limited, although recently Knoll et al. used regio-selective 

polymerization to create patterned arrays of diacetylene-based PSLBs. During UV 

polymerization of LB assembled bilayers of diacetylene functionalized lipids, masks 

were used to selectively polymerize grid pattern regions of the film. The unpolymerized 

lipids were removed by rinsing the film in ethanol. The resulting lipid structure 

presented 'corrals' of blank substrate that could be filled with fluid lipid bilayers by 

vesicle fusion. The stabilized lipid films were not structurally characterized. 

Diacetylene is not an ideal candidate to stabilize a lipid bilayer because its 

p o l y m e r i z a t i o n  i s  t o p o t a c t i c ,  t h a t  i s ,  h i g h l y  s e n s i t i v e  t o  r e a c t i v e  g r o u p  p a c k i n g . T h e  

reaction can only occur in the solid analogous phase, which usually produces low degrees 

of conversion and precludes self-assembly techniques by vesicle fusion (at room 

temperature).'" Polymerization may be inhibited if the diacetylene containing lipid tails 

are not properly oriented with respect to neighbor groups, and polymerization of 

monolayers assembled on substrates is frequently unsuccessful.'"^ Many of the studies of 

diacetylene amphiphiles have been performed at the air-water interface which provides a 

great degree of control of lipid packing, while allowing molecules some degree of 

mobility necessary to accommodate the proper orientation for the polymer lattice.'^'-
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1.4.2.b. Acryloyl and methacryloyls in supported films 

In contrast to diacetylene lipids, lipids with alkene-functionalized tails (e.g. 

acryloyl, methacryloyl, sorbyl, and dienoyl) can be polymerized in either the solid or 

• 1 ^ S • • 

liquid analogous phases with a high degree of conversion (>90%). Polymerization of 

these moieties can be initiated in several ways, including direct UV photopolymerzation 

or through radicals produced by thermally dissociated molecules or redox reactions."^^ To 

the author's knowledge however, only the methacryloyl and acryloyl functionalities have 

been used to prepare alkene based lipid polymer films on planar solid substrates to date. 

In the early and mid-eighties, Regen and coworkers investigated the UV 

polymerization of monolayers of bis- and mono-methacryloyl phosphatidylcholine with 

varying acyl tail lengths that were adsorbed on (poly)ethylene from vesicle solutions. All 

of their reported films produced hydrophilic surfaces relative to unmodified polyethylene 

(PE), with sessile water contact angles ranging from 47 to 65 degrees (PE was measured 

at 91 degrees). The films formed from bis-functional methacrylate were unaffected by 

exposure to a chloroform/methanol solution.^^ However, the water contact angle data 

were indicative of a surface more hydrophobic than expected for a uniform array of 

zwitterionic PC headgroups (around 30 degrees, see ), suggesting incomplete surface 

coverage and/or significant film disorder. 

More recently, Chaikof and coworkers polymerized mono-acryloyl lipid 

monolayers on several modified surfaces, including alkyl-terminated SAMs (forming a 

hybrid bilayer) and an acrylate-based terpolymer using thermal or dye-sensitized radical 

initiation (Figure 1.14).^^^"'^'' The authors obtained more robust films on the SAM 
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supports when dye-sensitized radical initiation was used to initiate polymerization at 

room temperature versus thermally generated radicals at 70 degrees. This was consistent 

with observations reported in separate work ^^that found unpolymerized hybrid bilayers 

unstable at temperatures above their phase transition temperature. Although enhanced 

stability of the lipid monolayer relative to fluid lipid films was evident by the presence of 

a lipid layer after drying and rinsing the film (using infrared spectroscopy and angle-

resolved ESCA), contact angle measurements indicated that lipid loss occurred when 

films were rinsed with a surfactant (n-octyl-(beta)-glucopyranoside). This is consistent 

with the observation by several groups that in vesicles, linear lipo-polymers are generally 

less stable to dissolution in surfactants and organic solvents than cross-linked polymers."^^' 

53, 165, 166 

I.4.2.C. Dilinoyleoyl 

Vittala et al. have used atomic force microscopy to characterize UV polymerized, 

LB deposited monolayers of dilinoleoylphosphatidylethanolamine (DLiPE) on stearate-

modified mica surfaces.'^' This is a commercially available lipid (Avanti Polar Lipid, 

Alabaster, AL) that has unconjugated dienes in each acyl chain; it has not received 

scientific attention in the polymerization of liposomes, likely due to poor reactivity. 

Although UV spectroscopy indicated near quantitative conversion of monomer 

(absorbance at 235 nm) after extended exposure to UV irradiation, the AFM images 

reveal significant gaps/defects in lipid coverage. Thus, this approach appears to offer 

only marginal stability improvements over unpolymerized films. 
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1.4.3. Dienoate lipids 

The main focus of the work presented here involves the polymerization of 

dienoate (pictured in Figure 1.12) lipids. This section provides additional background 

information on the polymerization of dienoate-functionalized lipids. Dienoate-

functionalized lipids are attractive candidates for supported polymer films due to the high 

conversion observed in both La and LP phase polymerizations, and because the extensive 

characterization of these lipids in liposomes should aid in the development of optimal 

polymerization schemes and the understanding of the polymer product. 

Dienoate-containing amphiphiles have been studied by several research 

groups.'^®' Dienoate groups in lipids absorb light around 260 nm with 

s values around 25,000 M"'cm"' depending on solvent polarity and also on lipid chain 

packing.Irradiation of lamellar assemblies of dienoate lipids with UV light at this 

wavelength results in direct photopolymerization. Polymerization can also be initiated by 

thermal or redox generated radicals, peroxides, y-irradiation,^^^ or dye-sensitized 

• • • • 19Q . 
photoinitiation. In this work, the dienoate group is located at either the end of the acyl 

chain (sorbyl group) or near the lipid backbone (denoyl) in bis- or mono- functionalized 

lipids. [Figure 1.15] 

Polymerization of dienoate can produce a 1,4-, 1,2-, or a 3,4-product. 'H-NMR 

analysis of polymerized sorbyl-functionalized PC vesicles indicated that the 

polymerization proceeded by the 1,4-mechanism for thermally initiated polymerizations 

[Figure 1.16].'^^' A greater variability of products has been observed for single chain 

diene- and dienoate-amphiphiles through UV photopolymerzation, depending upon 
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substitution and reactive group packing; however the product resulting from the UV 

polymerization of dual chain PC lipid has not been established.^® 

o o 

Figure 1.16. H^NMR studies indicate that the 1,4 polymerization product is produced by 
thermal initiated radical polymerizations of Sorbyl lipids. 

Redox polymerization uses radicals generated from the reaction of an oxidant and 

a reductant to initiate chain polymerization. Many different redox initiators form radicals 

at low temperatures. The activation energy required for the redox reaction varies 

between couples and may be related to the rate of polymerization observed for some 

reactive lipids.'^' As opposed to thermally generated radicals which can be incorporated 

into the hydrophobic portion of the bilayer, radicals from redox reactions occurring in 

aqueous environments must diffuse to reactive groups such as the sorbyl moiety, that are 

located in the center of lipid bilayers. 

The most common radical generated by these reactions is the hydroxyl radical, 

w h i c h  i s  a  h y d r o p h i l i c  s p e c i e s  b u t  c a n  d i f f u s e  a c r o s s  b i l a y e r  m e m b r a n e s . T h e  

reaction pathways to both the hydroxyl and sulfoxy radical species for the 

persulfate/bisulfite couple are shown in Figure 1.17. 
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HSOs" + S2O8'" ^ HSO3* + SO4" * + SO4' 

SO/ * + H9O ^ HSO/ + *0H 

Figure 1.17. Pathway for the production of sulfoxy and hydroxyl radicals 
from the reaction of persulfate and persulfite species. 

Lei et al. have suggested that this is the initiator species in polymerization of vesicles 

composed of sorbyl lipids because ionic radicals generated are much less bilayer 

permeable/^^ Tsuchida and coworkers have suggested that in persulfate/bisulfite 

initiated polymerizations, the ^HSOs' species may be the initiating species due to 

previous studies with methyl methacrylate that showed the presence of sulfoxy end 

groups rather than hydroxyl groups.Support for their argument came from the 

observation that conversion of the denoyl lipid was limited to 50 percent at temperatures 

below the lipids Tm, presumably the outward facing lipids accessible to water soluble 

initiators, whereas above the T^, the reaction went to completion; in the La phase, the 

bilayer should be more permeable to ionic species. 

As mentioned previously, the method of initiation affects the Xn of the polymer 

product in dienoate-functionalized lipids in vesicles. Tsuchida et al. have reported the 

polymerization of mono- and bis-Den-phosphocholine (PC) molecules in vesicles using 

several initiation chemistries.'^^ Analysis of the degree of polymerization for the mono-

functionalized lipid revealed that UV photopolymerization produced a lower degree of 
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polymerization (Xn =18) than any other initiation method, regardless of the lipid phase 

during polymerization. Similarly, Lamparski et al. found the UV photopolymerization of 

1 -11 

bis-Sorb-phosphorylcholine lipids produced oligomeric polymers (Xn = 3-10). Other 

methods of initiation produced larger polymers in both studies. Lie et al. reported Xn of 

43 and 51 for the redox polymerization of mono-SorbPC with the couple K2S2O8/L-

• 135 Cysteine above and below the lipid Tm, respectively. For mono-DenPC, Tsuchida 

found a Xn of 45 with the redox couple NaHSOs/KiSiOg.^^^ The study by Lei et al. 

showed that the Xn's for bis and mono-functionalized Sorbyl lipids were nearly identical 

under similar polymerization conditions. 

As mentioned in section 1.4.1a, the onset of cross-linking marks a significant 

increase in the stability of liposomes. O'Brien and coworkers have used quasi-elastic 

light scattering (QELS) to monitor particle size changes which result from surfactant 

dissolution of vesicles to form mixed micelles. Figure 1.18 shows the light scattering 

result for the addition of Triton X-100 to polymerized and unpolymerized mono- and bis-

SorbPC vesicles by UV photoirradiation. Cross-linked bis-SorbPC vesicles are not 

affected by the surfactant addition. Graphic evidence of the stabilizing effect of cross-

linking in dienoate-lipids is shovm in Figure 1,19. The transmission electron microscopy 

image shows cross-linked vesicles of Den-SorbPC that have been exposed to methanol 

and lyophilized. Similar images were acquired for vesicles exposed to surfactant 

solutions or bath sonicated in water. 
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Figure 1.18. Light scattering experiments measuring the change in vesicle size as a function of 
added surfactant for polymerized and unpolymerized vesicles of bis- and mono-SorbPC. 
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Figure 1.19. TEM image of lyophilized "Nano-balloons", 
redox-intitiated polymer vesicles composed of DenSorbPC. 
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1.5. CONCLUSIONS 

There are many unique challenges associated with the study of ultra-thin lipid 

polymers on substrates relative to vesicles, in particular, the assembly of uniform 

supported films prior to polymerization, and the structural analysis of a system containing 

minute amounts of material present at an interface. Nevertheless, an understanding of the 

effects that various polymerization conditions and monomer structures have on the 

properties of the polymer film, and analysis of structural defects resulting from exposure 

to conditions that compromise fluid lipid bilayers is important if this approach is to be 

applied to sensor coating technology. 

The extensive body of work that characterizes the polymerization of vesicles 

structures, particularly by O'Brien and coworkers with diene lipids, has shown that 

stabilization is dependent upon, among other things, the lipid monomer and the chemistry 

of initiation. It is likely that the optimal stabilization of planar supported structures will 

follow similar trends. A brief survey of previous reports of substrate supported polymer 

lipid reveals that they have not used optimal reactive moieties or initiation methods to 

fully stabilize the lipid ensemble; they have not examined the effect of lipid structure or 

polymerization conditions on the resulting polymer film; or the effect that polymerization 

and consequent immobilization of the lipids has on the interaction of the film with 

biomolecules, for example, through protein adsorption studies. 

In this work, the polymerization and characterization of several dienoate-

functionalized lipid films is reported. A majority of the experimental methods used 

throughout the text are described in chapter 2. In chapter 3, the effect of diene location 
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on polymer film structure and the use of the diacetylene functional group in 

polymerizable lipids are investigated. In chapter 4, background on protein adsorption 

resistant surface coatings is provided before reporting the adsorption behavior of a model 

protein, bovine serum albumin, to the films examined in chapters 2 and 3 by fluorescence 

spectroscopy and atomic force microscopy. Chapter 5 demonstrates the use of 

microcontact printing methods to pattern lipid and protein structures with/on bis-SorbPC 

polymer films. Chapter 6 presents preliminary results on efforts to functionalize bis-

SorbPC films with transmembrane proteins. Finally, chapter 7 describes the important 

areas of work in the future use of supported lipids and potential applications of the films 

described within this document. 
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CHAPTER 2 

STABILIZATION OF SUPPORTED bis- AND mono-SORBPC LIPID BILAYERS 

BY POLYMERIZATION 

2.1. INTRODUCTION 

Diene-functionalized lipids appear well suited for the task of stabilizing supported 

membranes for several reasons, including the relative indifference of the acyl chain 

packing on the polymerization product which is demonstrated by the comparable 

polymer products reported for the polymerization of bis-SorbPC in both the La and Lp 

phase. This may negate potential effects from phase behavior induced by the interaction 

with the substrate, which has been shown to influence the polymerization of diacetylene 

amphiphiles on substrates.Furthermore, efficient polymerization can be initiated by 

several convenient methods including direct UV photopolymerization and redox initiated 

radical polymerization."^® An extensive investigation of the polymerization of diene lipids 

in liposomes provides a reference of comparison and basis of knowledge for the 

investigation of their polymerization on solid supports. 

Because the use of supported lipid polymers has, to date been limited, it remains 

unclear what roles variables such as the polymer size (degree of polymerization, X„), 

conversion, or cross-linking have on the structure/stability of supported lipid polymers. 

All of these factors can be affected through appropriate polymerization conditions and 

lipid selection. Furthermore, previous reports of stabilized lipid films have not shown 

what affect destabilizing conditions such as dehydration and surfactant exposure have on 
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the mesoscale structure and integrity of the lipid layers, for example, through an analysis 

of film defects resulting from the compromising conditions. 

To date, the most commonly used techniques for examining the structure of 

polymerized, supported lipid films have been ellipsometry, contact angle measurements, 

and IR spectroscopy. These techniques are useful for determining macroscopic film 

properties but are less well suited to investigating smaller scale structural features, e.g. 

inhomogeneities in the polymer film that could potentially arise from domain formation 

or incomplete polymerization. A low degree of conversion could lead to desorption of 

unreacted monomer and low mass oligomers, exposing the underlying substrate or the 

hydrophobic interior of the bilayer. Since proteins adsorb readily to most hydrophobic, 

1 Ifi 1 7R 
metal, oxide, and polymeric surfaces " [and references therein] an understanding of 

the nature and origin of defects present in lipo-polymer films is important to develop 

them for use in applications where the suppression of non-specific protein adsorption is a 

significant issue, such as biosensor platforms. One technique with the resolution to 

observe inhomogeneities in lipid films is atomic force microscopy (AFM) which has been 

used by several groups to examine defects in fluid, supported lipid bilayers immersed in 

waterand will be used in this work extensively along with other methods to 

investigate several parameters that relate polymerized supported lipid bilayer structure 

and stability to observations made in studies of polymerized bilayer vesicles. 

In this chapter, the successful stabilization of SorbPC bilayers on silicon oxide 

surfaces is described. Successfully stabilized films are defined within as those that 

closely resemble the structure of fluid lipid bilayers in uniformity and dimension after 
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exposure to conditions that would compromise the structure of fluid lipid bilayers. 

Dehydration of the lipid polymer is a convenient benchmark used to assess stability 

because it is perhaps the largest impediment towards commercial use of lipid based films. 

Additionally, many of most useful and sensitive analytical techniques for thin film 

structural analysis are most easily performed under ambient conditions. For the purposes 

of reusing sensor devices, cleaning or regeneration of surfaces by dissociating adsorbed 

species may require repeated washes with surfactant solutions. As described in section 

1.3.5, the exposure of unpolymerized lamellar phases to surfactant results in the 

formation of mixed micelles, and degree of surfactant dissolution has been commonly 

used to establish the presence of cross-linking in liposome polymerizations. Therefore 

surfactant rinsing provides another useful criterion to assess the extent of lipid film 

stabilization on solid supports. 

The long-term goal of this research project is the development of a general 

stabilized lipid platform for the biofunctionalization of surfaces that will allow the 

functional presentation of protein receptors, both tethered and transmembrane, and 

minimize non-specific protein adsorption. This chapter focuses on the use of bis-SorbPC 

as a model reactive lipid to examine assembly and polymerization parameters that affect 

the structure and stability of the resulting supported polymer film. 
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2.2. EXPERIMENTAL 

In this section, the methodology used to handle and prepare polymerizable lipids, 

assemble and polymerize supported bilayers, and characterize physical properties 

including film uniformity, thickness, and wetting behaviour are described. This 

methodology is applied analogously to other lipids in subsequent chapters, unless 

otherwise noted, and thus is omitted in those chapters. A description of the chemicals 

and materials particular to the work in each chapter will be provided in the Materials 

subsection. 

2.2.1. Polymerizable Lipids 

With the exception of diacetylene functionalized lipids, polymerizable lipids are 

not commercially available. bis-Sorbyl phosphatidylcholine (bis-SorbPC) and mono-

Sorbyl phosphatidylcholine (mono-SorbPC) (Figure 1.15) were prepared by a 

130 • modification of the procedure reported by Lamparski et al., by either Bruce Armitage 

or Tony Spratt working under Dr. David F. O'Brien at the University of Arizona. The 

synthetic procedures for the various alkyl length bis-SorbPCs all follow the same general 

route. All diene functionalized lipid structures were established by 'H NMR and HRMS. 

In addition the purity was confirmed by the presence of only one spot on TLC. 

Dioleoylphosphatidylcholine (DOPC) and phosphatidylethanolamine labeled with 

lissamine rhodamine B (Rh-DOPE) were purchased from Avanti Polar Lipids (see 

http://www.avantilipids.com for DAPC and Rh-DOPE structures). 2-(4,4-Difluoro-5-

octyl-4-bora-3 a,4a-diaza-j'-indacene-S -pentanoyl)-1 -hexadecanoyl-5'«-glycero-3 -
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phosphocholine (BodipyPC) was purchased from Molecular Probes (see 

http://www.probes.com for structure). All other reagents and solvents were purchased 

from standard commercial sources and used as received. 

The water used in all experiments for polymerizations or rinsing of samples in this 

and subsequent chapters, hereafter referred to as deionized water, was obtained from a 

Barnstead Nanopure system with a measured resistivity of 18 MQ-cm and total organic 

content specified as less than 10 ppb. Silicon wafer substrates (1,1,1) were purchased 

from Wacker. Fused silica substrates were purchased from Dynasil. 

2.2.2. Surface Preparation and Lipid Film Formation 

Silicon wafers and fused silica slides were used as substrates. They were cleaned 

by a either a 30 min. immersion in hot piranha solution, 70% HaSOVSOyo H2O2, or a 30 

min. immersion in 70 degree Chromerge bath (Manostat), followed by extensive rinsing 

and sonication in deionized water. These procedures produced hydrophilic substrates 

with a sessile water contact angle of less than 10 degrees. The thickness of the oxide 

layer on Si wafers, measured by ellipsometry, was 20±2 A. Substrates were stored in 

deionized water and used within 2 hours of cleaning and were blown dry with a directed 

stream of nitrogen immediately prior to lipid deposition. 

Supported lipid bilayers were prepared by vesicle fusion or Langmuir-Blodgett 

Schaefer (LBS) deposition. Prior to polymerization of reactive lipids, they were handled 

under yellow light to avoid photo-initiated polymerization. To prepare small unilamellar 

lipid vesicles (SUVs) for vesicle fusion, lipids from stock chloroform or benzene 
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solutions were dried under flowing Ar to remove the storage solvent, followed by drying 

overnight (generally, at least 4 hours) under vacuum (1 mTorr). The lipids were then 

resuspended in deionized water to a final concentration of 0.5 mg/ml unless otherwise 

noted, then vortexed and sonicated to clarity in a Branson Sonicator fitted with a cup 

horn. The temperature was maintained at greater than 10 degrees above the lipid main 

phase transition temperature (7^). Within 30 minutes of preparation, SUVs were used for 

vesicle fusion. After drying the substrate under flowing N2, a few drops (approx 60 |il) 

of SUV solution were deposited on the substrate. Lipids were fused at temperatures 

equal to or above their respective Tm for at least ten minutes. Lipids with T^'s greater 

than room temperature were fused on substrates placed on a hotplate warmed with water 

from a controlled temperature water bath circulator. SUVs readily self-assemble to form 

a planar supported lipid bilayer (PSLB) on hydrophilic glass surfaces.^^' The lipid-

coated substrate was then transferred to either a test tube (for redox polymerization) or to 

a shallow crystallization dish (for UV polymerization). Care was taken to not expose 

unpolymerized PSLBs to air or to excessive mechanical shocks. 

Alternatively, SUVs were created by extrusion of multi-lamellar vesicles (MLVs) 

through a 50 nm polycarbonate filter. This was performed with a 1 ml volume Avanti 

Mini-Extruder (Avanti Polar Lipids, www.avantilipids.com/Extruder.html). This 

procedure is reported to produce SUVs with a relatively narrow size distribution and a 

mean diameter of approximately 50 nm.^"^ Multi-lamellar vesicles (MLVs) were prepared 

by rehydration of the lipid, dried as described above, and subsequently run through a 

rapid freeze/thaw (immersion of vial into dry ice/isoproponal mixture, 40 degree C water 

http://www.avantilipids.com/Extruder.html
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bath, respectively) cycle 10 times. This procedure has been used frequently to produce 

101 

MLVs [for example, see ]. 

Supported bilayers and monolayers were also formed using Langmuir Blodgett 

Schaefer (LBS) deposition on a Nima model 61 ID Langmuir trough.^^' Reactive lipid 

(50 |ag) was spread from benzene (1 mg/ml) on a deionized water subphase. The solvent 

was allowed to evaporate for 30 min before the film was compressed. After an additional 

5 minute equilibrium period, the first monolayer was deposited by a vertical upstroke (10 

mm/min) at a surface pressure of 35-40 mN/m (the specific deposition pressure is 

described in the discussion) followed by a horizontal Schaefer transfer (500 mm/min) at 

the same pressure. Transfer ratios for the first monolayer were always near 100%. The 

bilayer was then transferred under water to a suitable container for polymerization. 

Pressure-area isotherms were collected at a barrier compression rate of 50 cm /min. 

2.2.3. Polymerization 

Direct UV polymerization was performed by exposing lipid bilayer films to light 

from a low pressure mercury pen lamp (Fisher Scientific) with a rated intensity of 4500 

|j,W/cm at 254 nm. The polymerizable lipid monomers used in this work have an 

absorbance maximum at ~260 nm. ' A 230 nm cutoff filter (UG5, Schott Glass) was 

used to block exposure of samples to shorter wavelengths, which can fragment polymer 

1 0-1 

chains into oligomers. In cases where oxygen was to be excluded during 

polymerization, solutions were purged with flowing Ar for at least 30 minutes before and 

during the polymerization procedure. Redox-initiated polymerization was performed 
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with deoxygenated solutions of potassium persulfate and sodium bisulfite, iron chloride 

and tert-butyl peroxide, or potassium bromate and L-cysteine hydrochloride; except 

where noted, the concentration of each component was 0.01 M. 

Two simple methods were used to introduce substrates into polymerization vessels. 

For small substrates (square or rectangle shaped, usually approximately 1 to 3 cm^, with a 

1 cm width) lipid material expenditure could be minimized by placing only 30 to 60 |4,1 of 

vesicle solution on a plastic base with the same approximate dimensions as the fusion 

substrate. The fusion substrate was then placed on the vesicle solution, which would 

support the substrate without allowing substrate contact to the plastic base due to the 

favorable wetting of the silicon dioxide and minimized wetting of the plastic base. Using 

tweezers, the plastic base was picked up, carefully flipped over, and rapidly pushed into 

the polymerization solution, usually in a test tube for redox polymerizations, or a shallow 

crystallization dish for UV photopolymerization. The base was flipped so that the 

substrate would fall away from the base into the solution and not slide along it once 

submerged. Alternately, the vesicle solution could be placed directly on fusion 

substrates. This was the method used for samples prepared on glass or quartz microscope 

slides because their thickness (and consequently, weight) prevented them from floating 

on solutions supported on plastic bases. To obtain comparable wetting of the substrate to 

the previous method, 75 to 100 )al were required for a 1 cm^ sample. After fusion, the 

substrates were rapidly submerged into the polymerization vesicle. The transfer of the 

sample into the polymerization vesicle must be rapid, otherwise the vesicle solution will 
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be rapidly drawn away from the substrate when it contacts the polymerization solution, 

possibly exposing the fused bilayer to air. 

The polymerization reaction was allowed to proceed under positive Ar pressure for 

a minimum of 2 hours, except where noted. After UV or redox polymerization, 

substrate-supported lipid films were removed from solution, rinsed with a stream of 

deionized water, at least 50 ml, and blown dry with nitrogen before analysis. 

2.2.4. Film Characterization 

2.2.4.a. Ellipsometry and Contact Angle Measurements 

Ellipsometric measurements of lipid film thickness were made with a Rudolph 

Research model 43603-200E ellipsometer, using the 632.8 nm line of a HeNe laser at a 

70° incident angle. Initial readings were taken on cleaned, bare Si wafers to determine 

the substrate optical constants and oxide layer thickness. A uniform refractive index of 

1.46 was assumed for all lipid films. The data were used to calculate the film thickness 

values using DaflBM version 2.0, a computer program supplied by Rudolph Research 

and implemented on a DOS-based PC system. Measurements were made at several 

physical locations on each sample, and on a minimum of three independently prepared 

samples for each type of film. 

Contact angles of deionized water on bare and lipid-coated substrates were 

measured using the sessile drop method. Images of multiple 3 |aL water droplets on each 

substrate surface were acquired using a Pulnex TM-7CN video camera and Video 

Snapshot Snappy. Images were converted into tagged image format using corresponding 



software, and angles were measured using Image-Pro Plus 1.3 software (Media 

Cybernetics). Contact angles were also measured with a Krtiss Model DSA 10 Mk2 Drop 

Shape Analysis system. Deionized water drops were delivered with a motor driven 

syringe. Drop shapes were analyzed with the software, Drop Shape Analysis (DSA) for 

Windows, version 1.70. Static drop analysis was performed with a volume of 1 |al, at 

multiple sites on each sample. Dynamic advancing and receding contact angles were 

measured on several still frames from videos of a drop expanding or receding at a rate of 

10 (j,l per minute. Sessile and advancing contact angles were best fit using the Tangent-1 

method provided with DSA software, while receding images were best fit with the 

Tangent-2 method, per Kruss instructions. Contact angle data reported herein are the 

mean of measurements on at least three independently prepared samples for each film 

type, made at three different physical locations on each sample. 

2.2.4.b. Atomic Force Microscopy 

Atomic force microscopy (AFM) was performed in tapping mode on a Digital 

Instruments Multimode III instrument. Tapping mode etched silicon probes (TESP) were 

purchased fi-om Digital Instruments, and were tuned to between 300 and 400kHz for 

measurements in air. Measurements on samples immersed in deionized water were 

performed in a fluid cell in tapping mode with contact mode probes (NP-20) tuned to 

approximately 33kHz as per supplemental Digital Instrument instructions. A minimum 

of three separate samples for each film type were prepared and imaged except where 

noted; for each sample, images were acquired at several different locations on each 



substrate. The images presented are typical and representative of the measurements on 

the respective samples, except where noted. Roughness analyses were also performed on 

some samples, conducted according to the manufacturer's software program. The root-

mean-square (RMS) average of the surface roughness value was calculated as the 

standard deviation of all the height values within a given area, 1 |j,m , unless otherwise 

noted. 

In some instances, the probe was used to intentionally damage regions of polymer 

films. Tip 'scratching' is performed by setting all instrumental gains to zero, followed by 

setting the setpoint to zero and scarming a small area for several minutes. This essentially 

forces the substrate to press against oscillating tip hard enough to retard the amplitude to 

zero, i.e. to be in constant contact with the tip. It is also noted that this procedure 

essentially 'dulls' the tip or encourages its fouling by adsorption of debris, and degrades 

resolution of subsequent images. 

Imaging very small surface features by probe microscopy can result in distorted 

dimension and size representation due to tip convolution effects.'^'*' Furthermore, 

(poly)bis-SorbPC films are expected to be soft or compressible relative to the silicon 

oxide substrate. Film features or measurements of film thickness may also be distorted 

by contact forces with the AFM probe. To minimize this, images were colleted with the 

minimum force required to obtain optimum resolution. For air tapping mode images, the 

driving amplitude applied was the automated instrument default, between 100 and 400 

mV. After the tip had engaged and imaging had commenced, the setpoint value was 

increased until contact with the surface was lost, then incrementally decreased until 
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optimal resolution was achieved. Setpoint values scaled with drive amplitude values and 

were generally between 0.2 and 1.2 V. This generally resulted in 'softer' imaging than 

the default engagement settings. 

2.2.4.c. Absorbance and Fluorescence Spectroscopy 

The conversion of bis-SorbPC monomer to polymer by UV- and redox-initiated 

polymerization was followed by UV-vis spectroscopy. The transmission cell was 

composed of three fused silica slides that were separated by two 'U' shaped gaskets and 

clamped together with clips. This configuration created two cell chambers, with a total of 

four parallel fused silica surfaces, which allowed light transmission measurements to be 

performed simultaneously on four supported lipid bilayers. To initiate the experiment, 

approximately 400 |li1 of a bis-SorbPC SUV suspension was added to each cell chamber. 

After vesicle fusion occurred, the chambers were rinsed with water to remove unfused 

vesicles and polymerization was initiated by the addition of potassium persulfate/sodium 

bisulfite or by UV irradiation. Absorbance spectra were collected at timed intervals with 

a Spectral Instruments 440 UV-vis spectrometer. Since the redox initiators were found to 

absorb light in the UV spectral region, the cell was rinsed with deionized water before 

each spectrum was acquired and then refilled with initiator to resume polymerization. 

Total internal reflectance fluorescence (TIRF) microscopy was used to measure 

fluorescence emission from Rh-DOPE and BodipyPC incorporated into polymerized bis-

SorbPC films. The liquid cell consisted of an o-ring compressed between a hollowed 

Teflon block and a fused silica microscope slide. Thus polymer films formed on fused 
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silica slides could be dried and rehydrated repeatedly by the sequential addition and 

removal of water from the cell. Using a fused silica prism and index matching fluid, the 

488 nm or 514 nm line from an argon ion laser was coupled into the slide at an angle that 

produced total internal reflection. One of the reflections that occurred in the portion of 

the slide underneath the hollowed Teflon block was used to excite fluorescence from the 

supported lipid film. Fluorescence emission was collected with a lOX objective, filtered 

using a 620 ± 90 nm (BodipyPC) or a 568±20 nm band pass filter (Rh-DOPE), and 

measured using a photomultiplier tube as described.Under the conditions the 

measurements were performed, photobleaching was negligible. 

2.2.4.d. Optical Microscopy 

Epifluorescence images were acquired on fluorescently doped films with a Nikon 

Diaphot inverted microscope using commercially available filter blocks and a Hg lamp 

apparatus (Nikon), [described in 
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2.3. RESULTS AND DISCUSSION 

The structures of the diene lipids used in this chapter are shown in Figure 1.15, all 

of which were provided through collaboration with the O'Brien Research group (C.S. 

Marvel Laboratories, Department of Chemistry, University of Arizona, Tucson, AZ 

85721) The use of Sorbyl lipids in vesicle studies was described in section 1.4.3, and 

were the first reactive lipids investigated in supported bilayers in this work. The results 

obtained with these lipids have proven useful for establishing reference films that aid in 

the interpretation of data resulting from lipids examined in chapter 3. 

2.3.1. Redox polymerized bis-SorbPC17,17 Films 

Lipid bilayers were formed from bis-SorbPC by vesicle fusion and subjected to 

redox-initiated radical polymerization before removing the film from water. These films 

are referred to below as redox(poly)bis-SorbPC. Table 2.1 lists the ellipsometric 

thickness and water contact angle measurements for the SorbPC lipid films discussed in 

this chapter including the redox(poly)SorbPC films. Note that if the lipid bilayer was not 

exposed to conditions that caused polymerization before the Si wafer was removed from 

water, the measured film thickness was negligible (5±5 A). AFM images of these 

surfaces were basically indistinguishable from images of clean Si wafers (Figure 2.1). 

This observation is consistent with those of other groups that near-quantitative lipid 

desorption occurs when a fluid lipid bilayer is transferred across the air/water interface 

Potential explanations for the loss of this lamellar structure were discussed in section 

1.3.5. 
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Table 2.1. Ellipsometric thickness and water contact angles measured for dried 
(poly)SorbPC films. 

Type of Film Ellipsometric Thickness (A) Water Contact Angle (degrees) 

After rinsing 
and drying 

After surfactant^ Sessile'' Advancing Receding'' 

Unpolymerized bis-
SorbPC17,17 

5 ± 5 (n=3) 

Redox(poIy)bis-
SorbPC17,17 

46 ± 3 (n=10) 45 ± 3 (n=3) 3 2  ± 3  3 7  ± 2  8 ± 3  

Redox(poly)bis-
SorbPC17,17 0.0(525 
mg/ml fusion 

4 6  ± 2  

UV(poly)bis-
SorbPC17,17 

28 ± 5 (n=5) 5 9  ± 4  7 0  ± 5  1 6 ±  1  

UV(poly)bis-
SorbPC15,15 

25 ± 2 (n=3) 

UV(poly)bis-
SorbPC19,19 

32 ± 4 (n=3) 

Redox(poly)mono-
SorbPC 

33 ± 2 (n=3) 

Redox(poly)mono-
SorbPC'.bis-SorbPC 
(7:3 molar ratio) 

4 1 . 5 ± 3  
(n-3) 

^ Films were bath sonicated in 2% Triton X-100 for 10 minutes. For all data points, 
n = 3. 
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Figure 2,1. AFM images and linescans of redox polymerzed bis-SorbPC films in air (a) and water (b), and 
clean Si substrate (c). 
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The ellipsometric thickness of a dried redox(poly)bis-SorbPC film formed on an 

Si wafer is 46 A , which agrees well with the expected thickness for a bilayer composed 

of fully extended bis-SorbPC molecules.It is also comparable to the thickness 

determined by a number of analytical methods (e.g., neutron reflectivity and AFM) for 

1 A-3 QO 

fluid bilayers composed of lipids having lengths comparable to bis-SorbPC. ' The 

film thickness did not change after bath sonication in a 1% solution of Triton X-100 for 

ten minutes or immersion in common organic solvents (e.g. acetone, chloroform). 

Furthermore, no change in ellipsometric thickness was observed after the films were 

boiled in water in a commercial microwave, frozen and thawed in water, or immersed 

directly in liquid nitrogen for 10 seconds. This stability indicates that the average 

polymer size in a redox(poly)bis-SorbPC film is sufficiently large to make it insoluble, 

and provides strong evidence that the polymers are cross-linked. 

The sessile water contact angle was 32 degrees, and the dynamic advancing and 

receding angles were 37 and 8 degrees, respectively. A direct comparison to a reference 

bilayer (e.g. DOPC) cannot be made since a contact angle cannot be measured on a fluid 

lipid bilayer that is not air-stable. However, the data here are similar to the 28 degree 

sessile, 52 degree advancing, and 8 degree receding contact angles reported by Cooper et 

al.'^' for a phosphorylcholine-terminated SAM film on gold. This is strong evidence that 

the redox(poly)bis-SorbPC film presents a densely packed array of PC headgroups at the 

film/air interface. 

AFM was used to examine the morphology of dried poly-lipid films. A typical 

image and line scan of a redox(poly)bis-SorbPC film formed on a Si wafer is presented in 



Figure 2.1a. These films are very continuous and smooth (RMS roughness of ca. 0.15 

nm). The RMS roughness values for very smooth surfaces can be influenced by the 

condition of the AFM tip being used; very sharp tips generally produce more resolved 

images which have higher RMS values. The images of redox(poly)bis-SorbPC films 

produced RMS values between 0.13 and 0.17 nm . No apparent changes in morphology 

were observed when a previously dried region of a film was imaged under water, Figure 

2.1b. However, it is noted that it is more difficult to obtain similar resolution with 

underwater imaging by tapping mode AFM than in air, and thus minor changes in 

topography may not be detected by this method. 

A linescan across a film deliberately damaged by repeated, high force scanning 

reveals a thickness of about 44 A, consistent with the ellipsometry measurement (Figure 

2.2a.). It is interesting to note that the damage occurring from mechanical tip abrasion is 

highly localized to the region of direct contact. There is no evidence of film perturbation 

in the form of wrinkles, stretched areas which might possibly result in localized film 

thinness, or secondary 'rips' in the regions adjacent to areas that have been damaged. 

This may reflect the collective strength of the non-covalent interactions that result in the 

adhesion of the film to the substrate. The image in Figure 2.2a was taken with the same 

tip that produced the damage and has reduced resolution relative to images taken with 

unused tips. The AFM image in Figure 2.2b was collected with a new probe (affording 

higher resolution) and depicts a region of a redox(poly)bis-SorbPC that has been 

intentionally scratched with a syringe tip, producing selective removal of the polymer 

film from the region contacted. As in the tip-damaged image, the perturbation to the film 
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Figure 2.4. AFM image and linescan for 
redox(poly)bis-SorbPC film region damaged 
by AFM tip (a) and scratched by the tip of an 
insulin syringe (b). 
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appears highly localized and confined to the specific region of contact, although there is 

apparent 'debris' adjacent to the scratch. No attempt to rinse the debris was performed. 

2.3.2 Vesicle concentration 

The preceding films were fused with a 0.5 mg/ml vesicle solution prior to 

polymerization and characterization. Although this is the concentration used 

predominantly throughout this work, it is interesting to note the results obtained from 

solutions with different vesicle concentrations. Redox(poly)bis-SorbPC prepared by 

fusion of solutions with 1, 0.5, 0.25, and 0.125 mg/ml bis-SorbPC vesicles all had 

identical water contact angles. However, films prepared with 0.063 mg/ml bis-SorbPC 

vesicles were more hydrophobic and had a water contact angle of 46 degrees. An AFM 

image of this film is shown in Figure 2.3. There appear to be shallow circular regions 

that are thinner/less dense than the surrounding area. The quality of film from this 

concentration did not improve by increasing the fusion period from 10 to 20 minutes 

suggesting that the film quality was not a result of incomplete fusion. 

This result may provide some insight into the behavior of bis-SorbPC at low 

surface lipid densities. Studies on the vesicle fusion process by Kasemo and coworkers 

using quartz crystal microbalance studies have revealed that fusion is preceded by 

adsorption of intact vesicles until a critical surface coverage is obtained before rapid 

OO OQ 1 OO 

rupture and fusion occur. ' ' The entire fusion process was found to scale with time 

(the process was slowed by reducing vesicle solution concentration, the lowest 

concentration was approximately 1 |J.g/ml), and the surface concentration of vesicles at 



Figure 2.3. AFM image of a redox polymerized bis-SorbPC 
bilayer assembled prior to polymerization from a solution 
containing 0.063 mg/ml lipid. 



which rupture occurred did not change with adsorption rate, i.e. the process was deemed 

essentially time independent. AFM studies of vesicle adsorption by Brisson and 

coworkers have also found adsorption of intact vesicles preceded fusion. Of course, 

these studies were performed with non-polymerizable lipids (EggPC was used by 

Kasemo and Brisson). These results suggest that redox(poly)bis-SorbPC films should be 

equivalent over the range of vesicle concentrations used above. The fact that film quality 

decreases at low vesicle concentration may indicate that the fusion process can occur 

differently for bis-SorbPC. One possible explanation would be that aggregates of bis-

SorbPC vesicles may fuse more readily than non-polymerizable lipids due to a decrease 

in vesicle stability, possibly originating from a destabilizing effect of the hydrophilic 

ester groups present in the acyl tails. Another destabilizing factor may be that bis-

SorbPC in vesicles has a phase transition temperature of 28.8 degrees and the films were 

fused very near that temperature at room temperature; instabilities in liposomes have 

been observed near the Tm, presumably due to the presence of boundaries between 

• • 189 separate lipid La and Lp domains. If lipid spreading upon vesicle adsorption is rapid, 

the fusion and spreading of bis-SorbPC vesicles at lower solution concentrations may 

lead to high coverage of a less dense film that inhibits further vesicle adsorption. 

Limited evidence for bis-SorbPC fusion at very low surface vesicle concentrations 

is shown in Figure 2.4a. bis-SorbPC was fused for only 30 seconds from a 0.001 mg/ml 

solution before polymerization was initiated. The small lipid domains are of appropriate 

thickness for a single bilayer, approximately 40 A, indicating vesicle rupture has 

occurred. Figure 2.4b shows an AFM image of vesicles that were extruded, and then 
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Figure 2.4. AFM image of (a) polymerized lipid structures resulting from fusion of a 0.001 mg/ml lipid 
solution and (b) adsorbed, solution polymerized vesicles. The horizontal distance depicted by the arrows in 
(b) is 117 nm. 
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polymerized that were allowed to adsorb to the silicon oxide substrate. The thickness of 

these 'flattened' vesicles is twice that of the domains in Figure 2.4a. This control 

experiment suggests that the lipid structures in Figure 2.4a are of a single bilayer and not 

unruptured vesicles. Of course, it cannot be ruled out that the polymerization process 

affects the fusion of unruptured vesicles on the surface. 

2.3.3 Degree of conversion 

The conjugated diene in the sorbyl moiety of bis-SorbPC has an absorption 

maximum near 260 nm. A spectrum of 4 lipid bilayers in this region is shown in Figure 

2.5a. Upon polymerization, this peak is reduced as the monomer is converted to an 

1 n 1 

individual double bond product that adsorbs at approximately 205-210 imi. The 

conversion of monomer to polymer can be followed thusly, and the degree of conversion 

estimated. To examine whether unreacted monomers would be stable within a 

predominantly polymerized network, a bis-SorbPC bilayer was removed from the 

polymerization vessel 10 minutes after initiating the reaction. UV absorbance 

measurements showed that during this time period, conversion of monomer to polymer 

was only ca. 80% complete. Figure 2.5b. The AFM image of the incompletely 

polymerized film is shown in Figure 2.6. The AFM image and linescan reveal a 

relatively rough surface composed of domains separated by gaps having an apparent 

depth of 10-25 A. This morphology was very uniform across the substrate surface; no 

regions of the substrate were found that were devoid of polymer film. The most likely 

explanation for the observed topography is that upon transfer of the film across the 
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Figure 2.5. (a) UV-Vis absorbance spectra of 4 bilayers unpolymerized 
bis-SorbPC supported on quartz slides, (b) absorbance at 260 nm 
measured at timed intervals during redox polymerization with 
persuifate/bisulfite couple. 
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Figure 2.6. AFM Image and linescan illustrating the effect of 
incomplete polymerization of bis-SorbPC films. The bilayer was 
polymerized in 10 mM persulfate/bisulfite solution for 10 minutes. 
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air/water interface, bis-SorbPC monomers and oligomers were desorbed, creating the 

observed gaps. Thus it is clear that near-quantitative reaction of the sorbyl groups is 

required to generate a lipid polymer film that is stabilized to lipid loss upon removal from 

water. 

2.3.4 Degree of polymerization 

2.3.4.a. Redox initiator concentration 

For diene lipids, the degree of polymerization is known to be influenced by the 

ratio of monomer to initiator and for redox polymerizations, by the ratio of oxidant to 

reductant. For example, in lipid vesicles composed of l-oleoloyl-2-[16-methyl-(E,E)-2-

4-octadecadienoyl]-5«-glycero-3-phosphoethanolamine, the degree of polymerization 

increased from oligomers {X„ = 10±2) at a oxidant:reductant (SaOs^'iL-cysteine) ratio of 

1:1 to greater than 200 when the ratio was increased to 10:1 In the study of mono-

SorbPC polymerizations in vesicles, at high conversion, the degree of polymerization was 

2 1 found to be proportional to [M] and [I]" , where [M] and [I] are the initial monomer and 

initiator concentrations, respectively.'^' This indicates that in radical polymerization of 

Sorbyl lipid bilayers, the polymerization does not terminate by chain coupling or 

disproportionation, but by primary termination, or the reaction of a radical initiator with 

the reactive polymer chain. 

To assess effects of these variables on poly-lipid films, polymerizations of bis-

SorbPC bilayers were performed at a variety of oxidant:reductant concentrations and 

molar ratios, ranging from nearly saturated solutions of persulfate (approx. 1 M) to 1 
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mM, and with persulfate:bisulfite ratios ranging from 10:1 to 1:1. At all concentrations > 

0.01 M, regardless of the oxidant:reductant ratio, redox(poly)bis-SorbPC films were 

indistinguishable as characterized by AFM and ellipsometry. Furthermore, films 

polymerized over this concentration range with an initiator ratio of 1:1 were extensively 

rinsed with chloroform and then remeasured for ellipsometric thickness. This was to 

investigate whether an increased population of lower molecular weight fragments, 

potentially more soluble to dissolution in organic solvents might be revealed, however no 

changes in thickness were observed. 

When polymerization was initiated with solutions that were 1 mM in both 

persulfate and bisulfite, significant defects were observed in the film, as illustrated in 

Figure 2.7a. This result appears to contradict the hypothesis that at lower initiator 

concentrations the frequency of chain termination reactions declines, which should 

increase the degree of polymerization the higher molecular weight fragments 

should be less easily desorbed upon drying the film, generating a more stable poly-lipid 

film. However, this hypothesis assumes that the structure of the unpolymerized lipid 

bilayer is maintained while reaction proceeds. To address this issue, a bis-SorbPC 

bilayer was formed by vesicle fusion; 1 hour was then allowed to elapse before bilayer 

polymerization was initiated with 0.01 M persulfate/bisulfite. The AFM image and 

linescan of the resulting film shown in Figure 2.7b display defects similar in size to those 

observed in bis-SorbPC films polymerized with 1 mM initiator. This result shows that 

unpolymerized bilayers of bis-SorbPC are unstable in aqueous solution and must be 

polymerized immediately after vesicle fusion. It is speculated that due to the relatively 
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Figure 2.7. AFM images and linescans for redox(poly)bis-SorbPC films initiated (a) with 1 mM 
persulfate/bisulfite and (b) and initiated 1 hour after fusion with 10 mM persulfate/bisulfite 
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polar ester groups in the center of the bilayer, the critical micelle concentration (cmc) of 

bis-SorbPC is greater than that of a lipid having pure hydrocarbon tail groups, e.g. DSPC. 

The cmc for the polymerizable lipids used throughout this work have not been reported. 

A greater cmc would increase the rate at which unreacted monomers dissolve into the 

bulk aqueous phase. If the bilayer is sufficiently 'thinned' or depleted of lipid, it may 

become destabilized such that reformation of vesicles is favored. 

Although adjusting the ratios and concentrations of the oxidant and reductant 

changes the solution concentration of initiating radicals, they must diffuse through the 

bilayer to react with the sorbyl groups. The actual concentration of initiator in the bilayer 

is therefore unknown. The invariant structure of poly(redox)bis-SorbPC films observed 

at all concentrations and ratios of oxidant and reductant suggests that radical diffusion 

limits the initiator concentration in the bilayer such that the polymer molecular weight is 

only weakly dependent on the aqueous oxidant and reductant concentrations. The fact 

that a redox initiator concentration effect was found for the lipid, l-oleoloyl-2-[16-

methyl-(E,E)-2-4-octadecadienoyl]-j'«-glycero-3-phosphoethanolamine, may be 

attributed to the location of the diene near the headgroup of the lipid, which is more 

directly accessible to aqueous phase initiators. In the vesicle studies that established the 

relationship between initiator concentration and the degree and rate of polymerization of 

bis-SorbPC, the hydrophobic initiator thermal AIBN was used because the monomer to 

initiator ratio can be precisely controlled.Polymerization initiation of supported bis-

SorbPC films via thermal dissociation of AIBN was not used here due to the known 

instability of lipid films to elevated temperatures.^^ 
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Redox initiators other than persulfate/bisulfite have been shown to effectively 

polymerize dienoyl groups in vesicles.'®^' Differences in the oxidizing and reducing 

strength of the redox couple are known to affect the rates of radical generation and 

isotropic radical polymerization. To determine if polymerization of bis-SorbPC lipid 

bilayers could be effected with other redox couples, experiments were performed using 

potassium bromate/L-cysteine hydrochloride and FeCla/tert-butyl peroxide as initiators. 

The bromate/L-cysteine couple yielded films that were comparable to those generated 

using persulfate/bisulfite, based on evaluations of film thickness (ellipsometry) and 

surface topography (AFM) (data not shown). The Fe(II)/tert-butyl peroxide couple did 

not initiate polymerization, as evidenced by the persistence of the bis-SorbPC monomer 

absorbance band at 260 nm after making several additions of freshly prepared, 

deoxygenated initiator solution to the transmission cell. In contrast, Tsuchida et al. 

found that Fe(II)/tert-butyl peroxide efficiently polymerized dienoyl lipid vesicles at a 

temperature of 8 degrees. However, at 30 degrees, no significant polymerization was 

observed, which they attributed to the 'dead-end polymerization' that occurs when a 

rapid 'explosion' of radical formation occurs, followed by rapid self-annihilation before 

the radicals can diffuse into the bilayer. This phenomenon is a probable cause for the 

inability to initiate polymerization of bis-SorbPC bilayers with Fe(II)/tert-butyl peroxide 

at room temperature. Another possibility may be hindered diffusion of the bulky t-butyl 

peroxide radical to center of the bilayer. Consistent with this explanation, at 8 degrees 

Tuschida et al. observed ca. 50% conversion of dienoyl lipid vesicles, which they 

interpreted to mean that only the outer leaflet of the bilayer was polymerized. 
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2.3.4.b UV photopolymerization of bis-SorbPC17,17 

Bilayers formed by fusion of bis-SorbPC vesicles were also polymerized by direct 

UV irradiation. These films are referred to below as UV(poly)bis-SorbPC. As noted in 

chapter 1, SorbPC lipid polymerization can be initiated by a number of methods and the 

resulting degrees of polymerization can vary significantly. Direct UV 

photopolymerization generally produces lower molecular weight fragments than radical 

initiated species, and the trends in polymer size for lipid polymerization do not depend 

upon the location of the diene moiety.'^^' Here, it is used as an alternative 

method to redox generated radicals for the generation of lipid polymer fragments. 

As for redox(poly)bis-SorbPC films, a variety of characterization techniques were 

used to examine the properties of UV(poly)bis-SorbPC films. UV-vis spectroscopy was 

used to monitor the polymerization rate and degree of monomer-to-polymer conversion. 

Under the illumination conditions described in section 2.2, the polymerization reaction 

appeared complete (>90% conversion) after 5 minutes. Figure 2.8. To ensure near-

quantitative conversion, bis-SorbPC bilayers were irradiated for 30 minutes here, and in 

all subsequent polymerizations before removal from the crystallization dish in which the 

polymerization was performed, unless noted otherwise. 

Ellipsometry and water contact angle measurements for UV(poly)bis-SorbPC 

films were listed in Table 2.1. The film thickness was 28 A, the sessile contact angle was 

59 degrees, and the advancing and receding contact angles were 70 and 16 degrees, 

respectively. These data show that there are significant differences in the structures of 

UV(poly)bis-SorbPC and redox(poly)bis-SorbPC films. The film was much thinner than 
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Figure 2.8. Absorbance at 260 nm for four bis-SorbPC bilayers on 
quartz substrates as a function of UV irradiance. 
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that expected for a bilayer, suggesting considerable lipid loss occurred upon removal of 

the supported film from water, leading to either exposure of the hydrophobic interior of 

the bilayer or, if the entire bilayer was removed in some areas, exposure of the underlying 

hydrophilic quartz. Since the contact angles were larger than those measured for 

redox(poly)bis-SorbPC films, the former interpretation is more plausible. 

AFM imaging provided additional support for the former interpretation. A typical 

image and linescan of UV(poly)bis-SorbPC formed on a Si wafer and polymerized 

according to the experimental information in section 2.2 is presented in Figure 2.9a. The 

surface morphology is much rougher (rms roughness of ca. 0.35 nm) than that of 

redox(poly)bis-SorbPC. The film is composed of domains having an apparent average 

diameter of 25 nm separated by gaps having an apparent width and depth of 25-50 nm 

and 10-25 A, respectively. These features are very uniformly distributed on the substrate 

surface; no regions were found that were completely devoid of polymer film or where the 

domains differed appreciably in size. Given the ellipsometric thickness of 29 A, the most 

likely explanation consistent with the observed topography is that upon withdrawal of the 

film from water, lipids or low molecular weight oligomers are desorbed, creating the gaps 

seen in Figure 2.9a. The depth of the gaps is no greater than the thickness of a lipid 

monolayer, indicating that material is desorbed primarily from the upper leaflet of the 

bilayer, although the aforementioned influences of tip size and shape make definitive 

statements of size and depth of structural defects unsound. 

In contrast to redox(poly)bis-SorbPC films, UV(poly)bis-SorbPC films were 

difficult to image under water, indicative of interaction between the film and the probe 



Figure 2.9. AFM image of UV(poly)bis-SorbPC in (a) air and (b) under water. The images 
are not of the same film. 
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tip. It was found that tips were rapidly contaminated, with material adhering to them 

shortly after imaging began, producing blurred images. In the best images obtained on 

hydrated UV(poly)bis-SorbPC films, the gaps seen in dried films were also visible, 

Figure 2.9b. Inadequate resolution and tip/sample interactions prevented a determination 

of whether the domains swelled when hydrated. 

The possibility was considered that UV photofragmentation, which has been 

reported for extended UV exposure during polymerization of diacetylene lipids, 

during the latter part of the standard 30 minute illumination period could generate low 

molecular weight structures that would be readily desorbed when the film was removed 

from water (although a 230 nm long pass filter was used specifically to avoid 

photofragmentation). However, the same morphology was observed for films that were 

irradiated for only 5 minutes, eliminating this possibility. 

UV absorbance measurements showed that both redox (persulfate/bisulfite) and 

UV photopolymerization methods produced an equivalent degree of conversion of 

monomer to polymer. However, as noted above, in (poly)SorbPC vesicles redox-

initiation produces a greater degree of polymerization (X„, of 50-500) than UV irradiation 

(Xn of 5-10). The small amount of material in a lipid bilayer on a ca. 1 cm^ planar 

substrate is insufficient to allow the degree of polymerization to be accurately 

determined, however it is reasonable to assume that the trends regarding relative X„ 

observed in vesicles also extend to polymerized supported films. Therefore the high 

defect density in UV(poly)bis-SorbPC films, relative to redox(poly)bis-SorbPC films, is 

attributed to the production of domains of cross-linked (poly)lipid, rather than a cross-
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linked (poly)lipid film that is semi-continuous. Neither polymerization method is 

expected to yield a mono-disperse polymer product; therefore a range of molecular 

weights should be present in a (poly)bis-SorbPC polymer film. Desorption of the smaller 

polymers, predominately from the outer leaflet of the bilayer, occurs when a 

UV(poly)bis-SorbPC film is passed through the air/water interface, producing the defects. 

In contrast, the polymer molecular weights present in redox(poly)bis-SorbPC films are 

apparently large enough to make them highly resistant to desorption, as well as insoluble 

in surfactants and organic solvents. Evidence from protein adsorption studies (chapter 4) 

provides further support for this interpretation. Drying and rehydrating a UV(poly)bis-

SorbPC film caused a significant increase in protein adsorption relative to unpolymerized 

and UV polymerized lipid films that were never removed from water. Thus the film 

structure is significantly altered by drying rather than polymerization. Lipid desorption is 

possibly driven by tendency for the polar lipid headgroups to remain strongly hydrated, 

coupled with the hydrophobic force driving the lipid tails to adsorb at the air/water 

interface of droplets on the poly-lipid surface. 

The effects of several other variables on UV polymerization of bis-SorbPC were 

examined. The structure of UV(poly)bis-SorbPC films was found to be insensitive to the 

presence/absence of oxygen during the polymerization reaction. The rate of 

polymerization, which was altered by changing the intensity of the UV light used to 

irradiate the film,^^' also did not have any measurable effect on film properties. The 

influence of phase state of the bilayer was also investigated. The main phase transition 

temperature {Tm) of bis-SorbPC is 28.8 degrees.^^^' At room temperature, a bis-
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SorbPC lipid bilayer should therefore consist of coexisting solid- and fluid-phase 

analogous domains (however, note that the lack of membrane curvature and the existence 

of intermolecular interactions between the substrate and the bilayer in a bilayer film may 

alter the Tm from that observed in vesicles). To examine if the phase state of the bilayer 

affected its polymerization, bis-SorbPC bilayers were polymerized at 4 degrees (in the 

solid-analogous phase) and at 40 degrees (in the liquid-analogous phase). No measurable 

effect on film structure was detected, which eliminates phase segregation as a 

contributing factor in creation of the film morphology shown in Figure 2.9a. 

Despite the general invariance of the UV(poly)bis-SorbPC film properties, 

seemingly random variations in film topography were occasionally observed. Figure 

2.10 depicts AFM images of UV(poly)bis-SorbPC films with varying domain size 

structures. The domain sizes ranged from the most common form described above and 

shown in Figure 2.9a, to domains with long range connectivity (2.10a), or larger domain 

sizes (2.10b). Interestingly, the ellipsometric thickness of the films was not affected by 

the differences in topography and was within the standard deviation of the values 

reported in Table 2.1, whether the film resembled that of Figure 2.9a or 2.10. Very 

rarely, large regions of substrate appeared bare, devoid of lipid structures entirely. Figure 

2.10c. In these instances the ellipsometric thickness ranged from 15-25 A, always less 

than the average for UV(poly)bis-SorbPC films. The gaps between the domains in these 

images are typically 30-40 A deep, and likely extend to the substrate surface. 

Changing the conditions of photopolymerization (intensity, duration, temperature) 

as described above, increasing fusion solution vesicle concentration, fusion duration and 



Figure 2.12. AFM images depicting the variability in UV(poly)bis-SorbPC film topography. Images are all 
on oxidized silicon and depict (a) long range cormectivity, (b) distribution of size for a single sample, and 
(c.) large gaps in the polymer films. 
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temperature, or final rinsing procedures (by decreasing the volume of rinse, or excluding 

the rinse altogether), had no measurable affect on the films topography. Interestingly 

however, the films with abnormal topography usually occurred on oxidized silicon 

substrates, and not on glass microscope slides or coverslips or quartz surfaces. This fact 

suggested that substrate chemistry or preparation may play a role in the variations found. 

Switching cleaning procedures between the piranha and chromerge methods or adjusting 

immersion durations did not affect the observed topography, and thus the origin of these 

occasional variations largely remains a mystery, although substrate conditions beyond 

laboratory control are suspected (e.g. oxide thickness differences or wafer dopant 

inclusions). For the measurements of contact angle reported in Table 2.1, control 

experiments were performed to confirm that the topographies of the measured films were 

typical i.e. Figure 2.9a topography. 

2.3.5. Dye sensitized polymerization 

Polymerization of vesicles composed of mono- or bis-SorbPC has been reported 

by visible light sensitized photoinitiation (VLSP).^^^ In the presence of dissolved 

oxygen, these lipids could be polymerized with reasonably highX„'s (approx. 100), by 

visible light irradiation of vesicles doped with commercially available membrane bound 

cyanine dyes. Although the mechanism of initiation is a matter of debate, it clearly 

involves a reactive intermediate from oxygen and the excited dye. It was speculated that 

the most likely cause of initiation was the formation of a superoxide anion via electron 

transfer from the exited dye molecule. Since no report of superoxide as an initiator could 
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be found, it was suggested that the formation of the hydroxyl radical proceeded its 

formation. The use of VLSP is attractive because is avoids the use of high-energy 

irradiation or reactive redox solutions which could harm biological molecules associated 

with the polymerizable bilayers. 

A preliminary investigation into the use of VLSP was performed with various 

cyanine dyes that had adsorption overlap with Argon ion laser lines. For example, the 514 

line of an Argon ion laser was used in conjunction with the dye DiIC(18)3 (Figure 2.11) 

according to reference. These dyes, due to the long alkyl chains are bound to the 

membrane, and can laterally diffuse in the bilayer. The dye was incorporated into the 

vesicles used for bilayer fusion at molar ratios of 1 to 5 %. The laser line (tuned to 

approximately 0.9W at the exit aperture) was expanded using a beam expander so that the 

incident radiation had a diameter of approximately 2 cm. Fused bilayers were placed in 

crystallization dishes under approximately 1 cm of water, and irradiated for various 

periods of time, greater than 30 minutes. Irradiation of sensitized vesicles with the same 

laser line was reportedly complete within 30 minutes, however it is difficult to make 

comparisons to the power used since vesicle polymerizations were performed in a 

cuvette, and the power of the Ar line was unreported. 

The best films obtained from this process are shown in Figure 2.12 and resulted 

from the use of DiIC(18)3, although no uniform films akin to redox polymerizations were 

observed, and large areas devoid of lipid were frequently present. However, large areas 

of stabilized lipid are observed, and these domains are more similar to the smooth regions 

of redox polymerized films than the domains observed for the UV polymerized films. 
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Figure 2.11. Structure (a) and absorbance/emission spectra (a) for 

l,r-dioctadecyl-3,3,3',3'- tetramethylindocarbocyanine perchlorate ('Dil'; DiICig(3)) 
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Figure 2.12. AFM image of bis-SorbPC bilayer polymerzed by 
visible light dye sensitization. 
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This suggests that some film regions may have sufficiently large molecular weights (X„) 

necessary for air stability. Significant film thickness was observed by ellipometry, 25 +/-

11 A, although as evident from the large standard deviation, they were not consistent, 

which may be a result of varying degrees of conversion. As mentioned, these results 

were preliminary. Minimal efforts to optimize this procedure have been made. The 

cause for the poor films may result from several issues, including inhomogeneous dye 

distribution or aggregation, sub-optimal lipid/dye ratios that result in non-optimal rates of 

polymerization which might favor bleaching versus initiation, non-optimal dissolved 

oxygen concentrations in solution (the solution was not saturated with oxygen), or non-

optimal illumination intensity, just to name a few. 

2.3.6. Additional Support for lipid bilayer structure 

Redox(poly)bis-SorbPC films were also analyzed by Time of Flight- Secondary 

Ion Mass Spectrometry (ToF-SIMS), X-Ray Photoelectron Spectroscopy (XPS) and X-

Ray reflectivity, and UV(poly)bis-SorbPC films by ToF-SIMS, through collaboration 

with Sally McCarthur and Dave Castner at the University of Washington, and Jarek 

Majewski at Los Alamos National Lab, Los Alamos. These complex techniques are 

briefly described and the results summarized in Appendix I. The X-Ray reflectivity 

results for the redox(poly)bis-SorbPC films provide an overall film thickness 

measurement (45 A) that is in excellent agreement with the ellipsometric thickness 

measurements reported above. This analysis also provided electron density profiles for 

the polymer film that suggested the outer leaflet was approximately half as dense as the 
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inner, substrate contacting lamella, and possessed a greater lipid tilt angle with respect to 

the substrate. It is believed that the film analyzed likely represents a substandard 

polymer film because it was assembled through fusion of a 0.1 mg/ml bis-SorbPC vesicle 

solution, which is close to the concentration (0.0625 mg/ml) that was later found to result 

in poor bis-SorbPC polymer films. The film was assembled at this concentration due to 

limited supplies of lipid at the time. The results do provide evidence that the elemental 

cross-section in the polymer film, i.e. substrate/inner leaflet headgroup region/tail 

region/outer leaflet headgroup region, is retained upon polymerization. 

The ToF-SIMS analysis revealed significant differences in the fragmentation 

patterns for UV and redox polymerized films. Fragmentation patterns for UV 

polymerized films contained more tailgroup associated fragments, whereas redox 

polymerized films contained more headgroup associated fragments, which suggests a 

more ordered film, consistent with the other methods of analysis presented in previous 

sections. XPS analysis of UV and redox polymerized bis-SorbPC films showed that 

carbon, oxygen, and phosphorous signals were all consistent with theoretical 

expectations, however the nitrogen signal was lower than predicted. Angle resolved 

measurements were made in an attempt to resolve atomic profiles, however this was 

problematic (see Appendix I, Characterization of bis-SorbPC Bilayers by Tof-SIMS and 

XPS) and did not produce meaningful results. 
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2.3.7. Films from bis-SorbPC15,15 and bis-SorbPC19,19 

The studies with bis-SorbPC17,17 were extended to lipids with greater and fewer 

methylene units between the sorbyl group and the backbone ester. These lipid have been 

useful in vesicle studies because they allow the phase separation of the lipids in different 

lipid mixtures and facilitate phase behavior/polymerization studies in general.'^' bis-

SorbPC15,15 and bis-SorbPC19,19 can be polymerized analogously to bis-SorbPC17,17; 

the only difference lies in the transition temperature of the lipid which is affected by lipid 

tail length. bis-SorbPC15,15 and bis-SorbPC19,19 have a transition temperature of 18.5 

and 42.5° C, respectively.'^' 

Prior to establishing that bis-SorbPC17,17 could be fused at room temperature 

(approx. 25 °C), the use of bis-SorbPC15,15 was potentially attractive due to its relatively 

low Tm which should facilitate vesicle fusion at room temperature (see section 1.3.3). UV 

photopolymerization of bis-SorbPC15,15 resulted in ellipsometrically thinner films than 

bis-SorbPC17,17 (Table 2.1). This is not unexpected due to the shorter length of the 

lipid. Typical AFM images indicated that similar domain structures to those in 

UV(poly)bis-SorbPC17,17 films occurred, although the domains were generally smaller 

(Figure 2.13a). 

Redox polymerization with persulfate/bisulfite resulted in films with rougher 

topography than redox(poly)bis-SorbPC17,17, (Figure 2.13b), and a more hydrophobic 

contact angle, 44 degrees. The relatively poor film is most likely the result of instability 

of non-polymerized bis-SorbPC15,15 supported films, resulting in a thinning of the film 

through lipid loss before polymerization can be effected. It is expected that, like bis-
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Figure 2.13. AFM images of bis-SorbPC15,15 films polymerized by (a) UV photopolymerization and 
(b) redox initiation (persulfate/bisulfite). 
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SorbPC17,17, the ester group destabilizes the lamellar structure, however bis-

SorbPC15,15 has even fewer hydrophobic methylene units to counter the effect of the 

ester. Qualitative observations of the energy required to sonicate vesicle solutions to 

clarity, and thus disrupt existing multi-lamellar vesicles in solution, suggest bis-

SorbPC15,15 is significantly less stable in lamellar structures. Solutions of bis-

SorbPC15,15 could frequently be made clear without sonication, by simply agitating the 

solution. 

UV polymerized films of bis-SorbPC19,19, fused on a substrate heated to 50 

degrees C, are thicker than UV(poly)bis-SorbPC17,17 films, consistent with the 

increased molecular length. The domain structure of these films was similar to the 

UV(poly)bis-SorbPC17,17 films; an example is shown in Figure 2.14a. Redox 

polymerization bis-SorbPC19,19 film fused at room temperature resulted in non-uniform, 

multi-layer structured films (Figure 2.14b), similar to redox(poly)bis-SorbPC17,17 films 

fused at 4°C (data not shown), demonstrating the requirement that vesicles must be fused 

in the Xa phase to produce uniform bilayers. Redox polymerization of bis-SorbPC 19,19 

fused at elevated temperatures unfortunately was not performed before the limited 

supplies of the lipid had degraded. However, it is clear from the uniformity and apparent 

single lamellar structure of UV(poly)bis-SorbPC19,19 films that conditions can be 

achieved whereby single bilayers are self-assembled on silicon oxide surfaces. There is 

no reason to believe that redox polymerization of bis-SorbPC19,19 would produce 

redox(poly)lipid films of a lesser quality than bis-SorbPC17,17. In fact, it is likely that 

the increased ratio of hydrophobic methylene to sorbyl ester group may increase the 
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Figure 2.14. AFM images of bis-SorbPC19,19 bilayers polymerized by (a) UVphotopolymerization 
(fused at 50°C) and (b) redox initition (persulfate/bisulfite), fused at room temperature. 
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stability of unpolymerized lipid layers and may prove useful for situations where 

polymerization is necessarily delayed after bilayer assembly. 

2.3.8. Langmuir-Blodgett Deposited redox(poIy)bis-SorbPC17,17 films 

Langmuir Blodgett deposition of bilayer films designed for commercial use is less 

attractive than self-assembled methods because the process is more complicated for the 

bulk production of samples, is not amenable to non-planar surfaces, and precludes many 

assembly schemes used for transmembrane protein incorporation. However, unlike 

vesicle fusion, it does provide a high degree of control over the area per molecule (apm) 

due to precise surface pressure control during monolayer transfer. 

Polymerization by persulfate/bisulfite of a bis-SorbPC bilayer assembled by a LB 

deposition of the irmer monolayer at 35 mN/m, followed by a Langmuir Schaefer transfer 

at the same pressure, resulted in films with a high population of defects as demonstrated 

by AFM images of representative samples, shown in Figure 2.15. The water contact 

angle for these films was 48 +/- 2 degrees (n=2). Although the focus of this work involved 

self-assembly methods, it is interesting to note here that the efforts to stabilize LBS 

deposited bilayer films were not as successful as the stabilization of vesicle fused 

redox(poly)bis-SorbPC films. This is somewhat surprising because, as noted in section 

1.3.2, LB bilayers have been extensively studied, and under appropriate assembly 

conditions can be fabricated such that they are nearly indistinguishable from fused films 

for most all applications. In the Saavedra lab (University of Arizona) LB bilayers have 
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Figure 2.15. AFM image of a redox(poly)bis-SorbPC film 
assembled by the Langmuir-Blodgett Schaefer method at a 
pressure of 35 mN/m. 



been prepared that demonstrate equivalent protein adsorption resistance to vesicle fused 

189 109 
films which suggests the films are structurally similar. ' 

One initial hypothesis for the relatively poor LB films was that deposition of the 

upper leaflet in the liquid condensed phase (region II of the bis-SorbPC pressure-area 

isotherm, Figure 2.16) may affect the permeability of the film to water soluble initiators 

species (likely the hydroxyl or sulfite radical). Therefore, the outer monolayer of the 

bilayer was deposited at a series of decreasing pressures, including 32, 28, and 24 mN/m, 

where bis-SorbPC is in the liquid expanded state. It is noted that while the transfer ratio 

of the inner monolayer was near 100% at 35 mN/m, deposition at lower pressures 

resulted in lower tranfer ratios (<70%) and thus the inner leaflet was necessarily 

deposited at this pressure. The resulting films exhibited the same structural defects as 

those in Figure 2.15. Changing the subphase from water to phosphate buffer had no 

measurable effect on film structure. 
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Figure 2.16. Pressure-area isotherm for bis-SorbPC17,17. 

Since changing the surface pressure of the upper monolayer to resemble 

condensed or expanded states (one of which is likely to emulate the phase state of fused 

bilayers) did not reduce the presence of defects in the polymer film, the phase state of the 

inner monolayer (necessarily condensed for transfer purposes) may be implicated for the 

resulting defects in the films. It is possible that at high surface pressures, the 

polymerization of the sorbyl groups is affected such that: i) conversion is reduced, ii) 

interdigitation with the upper monolayer is eliminated or reduced, affecting inter-leaflet 

cross-linking, or iii) topotactic polymerization effects are induced, that is, a different 

polymer product results from the polymerization of packed or limited mobility sorbyl 

groups relative to less confined moieties. There is some evidence for a packing affect on 

polymerization rates and products for dienes. The photopolymerization of 2,4-
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octadecadienoic acid was found to be retarded in highly condensed phases by Fukuda and 

coworkers, and different mechanisms were proposed for polymerizations of this molecule 

in the expanded or condensed phases. 

2.3.9. Redox(poly)bis-SorbPC17,17 film solvation in hexafluoroisoproponal 

One measure used to determine the efficiency of cross-linking in bilayer vesicle 

polymerizations is the weight percentage of the freeze-dried polymer product that can be 

solubilized. Hexafluoroisoproponal (HFIP) has been found to be very effective for 

solvating zwitterionic PC lipid polymers."^^ Dried (poly)vesicles of bis-SorbPC and 

DenSorbPC were found to be 30% and 40% soluble in HFIP, respectively, whereas 

linearly polymerized vesicles were greater than 86% soluble."^^' Here, AFM was used 

to examine the morphology of redox(poly)bis-SorbPC films after immersion in neat HFIP 

for various time periods. 

After immersion in neat HFIP for periods as short as 3 seconds, the 

redox(poly)bis-SorbPC film was observed to 'wrinkle' (Figure 2.17a). Immersion for 

longer periods (> 1 minute) appeared to cause areas of the film to partially delaminate 

from the Si wafer (Figure 2.17b). However the film remained contiguous and attached to 

the substrate at numerous points. The delaminated and wrinkled areas refracted light 

differently as observed by the video camera used for aligning the probe tip and laser 

(Figure 2.18a). An image of a boundary between delaminated and wrinkled regions is 

shown in Figure 2.18b. Small 'holes' are visible in the delaminated portion of the film, 

likely representing either solubilized lower molecular weight fragments or points where 



Figure 2.17. AFM image of (a) 'wrinkled' region and a (b) delaminated region of a redox(poly)bis-SorbPC 
film previously immersed in HFIP and dried. 
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Figure 2.19. The boundery region between regions of redox(poly)bis-SorbPC that axe wrinkled and delaminated 
can be imaged as shown in (a) because the delaminated region detracts light as can be seen in the optical micro
graph in (b). 
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the film remained attached to the surface. However, the film appears to be contiguous 

even after separation from the substrate, which implies a high degree of cross-linking 

such that the polymer film behaves as a semi-infinite molecular sheet. 

The topographical changes that occur as a result of HFIP immersion are largely 

reversible. Figure 2.19 shows AFM images of HFIP exposed films that have been stored 

in water for various lengths of time. The contact angle of a static water drop on a film 

briefly exposed to HFIP is 51 degrees. This indicates that disorder in the film that 

exposes the interior region of the polymer bilayer occurs after HFIP immersion. The 

contact angle decreases to 37°, nearly the original value for a redox(poly)bis-SorbPC film 

after extended rehydration. In the regions of high curvature, water interaction with the 

exposed bilayer interior may drive the film to adopt a planar structure. In Chapter 3, it is 

found that the topographical behavior of lipid polymer films in HFIP is affected by the 

location of the polymerizable group. 

If redox(poly)bis-SorbPC films are bath sonicated while immersed in HFIP, the 

film is observed to 'tear'. Two AFM images of this occurrence are shown in Figure 2.20, 

after 1 (a), and 5 (b) minutes of sonication respectively. The images in Figure 2.20a 

appear to show that the tears in the film can occur in the 'wrinkled' region of the film, or 

a region that is largely still attached to the substrate. A linescan analysis of the torn 

'sheets' of film in Figure 2.20a reveal that they are quite thin (1SA). Among the possible 

explanations for this are :i) that a significant amount of lipid material is lost in the form 

of small oligomers that are too small to be imaged individually, resulting in a 'collapsed' 

less dense film, ii) the two leaflets of the bis-SorbPC bilayer are not cross-linked, and the 
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Figure 2.19. Reversibility of wrinkling process revealed by AFM images. Image (a), redox(poIy)bis-SorbPC 
film exposed to HFIP and dried, (b) film from (a) immersed in water for 24 hours, and (c) film in (b) heated in 
water for 2 hours at 70 degrees. 
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Figure 2.20. AFM image of dried redox(poly)bis-SorbPC films bath sonicated 
in HFIP for (a)l min, and (b) 5 min. 
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thin sections of film in Figure 2.20 represent one polymerized lamella separated from the 

other, and iii) the film, solvated with HFIP and independent of the substrate, has laterally 

expanded before being readsorbed to the substrate upon removal from the neat solvent. 

The first explanation is unlikely because ellipsometric thickness measurements on the 

films after HFIP immersion, even after 24 hours, are unchanged from the original film. 

No region of the sonicated films can be found where two lamella are separated but 

converge to a single bilayer, so there is no evidence for argument ii. Thus, the third 

argument appears most likely. Covalent linkage near of the acyl chain termini should 

allow conformational changes to occur, significantly increasing the area per monomer 

without bond breakage depending on the frequency (degree) of cross-linking. It may be 

useful to examine the behavior of polymer films in HFIP that have a varying degrees of 

cross-linking, which would be possible by varying the ratio of mono- and bis-

functionalized lipids used to form the bilayer. (Section 2.3.6.) 

In conclusion, these experiments demonstrate that the polymer films can adopt 

regions of high curvature in both the 'wrinkled' areas (Figure 2.17a) and in regions of the 

sonicated films (Figure 2.20) that have folded back over other film regions and are 

apparently not rigid. This may be useful for lipid coatings on hydrophilic polymer 

supports that may swell or change volume depending on hydration states. The flexibility 

of the film implied by this observation may be important for the incorporation of active 

molecules in the polymer film. 
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2.3.6. Films Containing mono-SorbPC 

The stability of redox(poly)bis-SorbPC films provides strong evidence that these 

films are composed of cross-linked polymers. A linearly polymerized poly-lipid film 

should therefore be less stable if trends in (poly)vesicles are followed."*^ To investigate 

this issue, lipid bilayers were formed from mono-SorbPC and redox-polymerized under 

conditions identical to that used to produce redox(poly)bis-SorbPC films. Dried 

redox(poly)mono-SorbPC returned a mean ellipsometric thickness of 31 A (Table 2.1), 

much thinner than that of redox(poly)bis-SorbPC and comparable to UV(poly)bis-

SorbPC. A typical AFM image and linescan obtained on one of these films after drying 

is shown in Figure 2.21. The film morphology was similar to that observed for 

UV(poly)bis-SorbPC films. The domain-like features have an apparent diameter of 25 -

50 nm and are separated by gaps with an apparent depth of one lipid monolayer (1.5 to 2 

nm). A comparison of Figures 2.21 and 2.1a clearly illustrates the effect of the number 

of reactive groups per lipid on the resulting poly-lipid film structure. 

Regen and coworkers reported that the stability of (poly)vesicles to surfactant 

lysis increased in the order of unpolymerized monomer < linear polymer < cross-linked 

139 polymer. This trend was also observed in sorbyl polymerizations, where cross-linking 

caused a significant decrease in the solubility of (poly)vesicles in hexafluoroisopropanol. 

Consistent with the results of these studies, these results also demonstrate a significant 

difference in the air-stability of linear versus cross-linked sorbyl poly-lipid films. The 

enhanced stability may be due to a difference in molecular mass between linear and 
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cross-linked fragments or a difference in other physical properties between linear and 

cross-linked fragments of comparable mass. 

Mixtures of mono- and bis-functionalized polymerizable lipids can yield cross-

linked, highly stable (poly)lipids. Sisson et al."^^ found that approximately 30 mol% of 

bis-SorbPC mixed with mono-SorbPC was sufficient to produce cross-linked bilayer 

vesicles. To investigate if this observation extends to supported lipid bilayers, lipid 

bilayers were formed from 7:3 (mol/mol) mono-SorbPC;bis-SorbPC and redox-

polymerized under conditions identical to that used to produce redox(poly)bis-SorbPC 

films. AFM images of these mixed films (data not shown) were indistinguishable from 

images of pure redox(poly)bis-SorbPC films. The mean ellipsometric thickness of the 

mixed film was 42 A (Table 2.1,), which also agrees well with the 46 A measured for 

pure redox(poly)bis-SorbPC films. Therefore the onset of cross-linking in poly-lipid 

films apparently occurs at bis-lipid concentrations equivalent to that which produces 

cross-linked vesicles, suggesting that similar polymerization efficiency is achieved in the 

two types of bilayers. Furthermore, this observation helps to justify the comparisons 

between the extensively characterized vesicle polymerizations and the relatively less well 

characterized planar supported bilayer polymerizations. 

2.3.7. Incorporation of Non-Polymerizable Lipids Into bis-SorbPC Films 

To implement poly-lipid films in technological applications, e.g. as a sensor 

transducer coating, it will be necessary to develop methods to create films that are 

functionalized with dopant molecules that impart some desired chemical properties to the 
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films. For example, a number of commercially available lipids have modified 

headgroups that react with amino acid side chains or are recognized as ligands by water-

soluble proteins [see avanti polar lipids catalog or website]. These lipids can be 

incorporated into bilayer films, allowing proteins to be covalently or biospecifically 

tethered to the film surface. The (poly)-lipid films described above lacked such 

functionality. An obvious strategy to functionalize these films would be synthesis of a 

lipid with a reactive headgroup and a polymerizable tailgroup. The assumption 

underlying this strategy is that a minor mole fraction of functional lipids doped into a 

(poly)lipid film must be covalently attached to the bilayer structure to render the film 

stable to destabilizing conditions such as drying. The results obtained with 

UV(poly)lipid films (Section 2.3.4.b) and incompletely reacted redox(poly)lipid films 

(section 2.3.3) provide support for this assumption. As a further test, poly-lipid films 

were formed from vesicles composed of 7:3 (mol:mol) bis-SorbPC:DOPC and 

polymerized by redox initiation. A typical AFM image and linescan obtained on one of 

these films after drying is shovm in Figure 2.22. The film topography was similar to that 

observed for UV(poly)bis-SorbPC films, consisting of interconnected domains of 

polymer separated by gaps with an apparent depth of approximately one lipid monolayer. 

These data clearly show that significant desorption of non-polymerizable lipids occurs 

when a partially polymerized film is removed from water. 

Subsequently, films were prepared with increasing ratios of bis-SorbPC and 

DOPC to determine whether smaller amounts of non-polymerizable lipid could be 

stabilized to drying. Shown in Figure 2.23 are AFM images of films resulting from bis-
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Figure 2.22. AFM image of redox(poly)bis-SorbPC film 
composed of 7:3 ratio of bis-SorbPC and DOPC. 



Figure 2.23. AFM images of redox(poly)bis-SorbPC incorporated with (a) 15, (b) 10, and (c) 5 % DOPC 
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SorbPC/DOPC mixture ratios of 17:3 (a), 9:1 (b), 19:1 (c). As expected, the defects in 

the films decrease with decreasing DOPC lipid composition, and are basically 

undetectable by AFM for the 9:1 and 19:1 mixtures. The defects in 17:3 mixture appear 

as holes in the film. It is known that the polymerization of reactive lipids in the presence 

of non-reactive lipids will induce segregation of the polymer and unreacted lipids and 

cause vesicles in solution to fuse."^^ If the defects in these films occurred simply as the 

quantitative loss of segregated lipid, it might be expected that the defect population 

would parallel the percentage of DOPC included in the lipid mixture. However, the 

percentage of DOPC incorporated in the 17:3 (15% of the total lipid) mixture was '/a that 

of the mixture in Figure 2.22, while the holes appear to correspond to significantly less 

than 50% of the defective regions in Figure 2.23a (30% of the total lipid). This would 

suggest that the defects in the 7:3 ratio mixture may be caused by more than the loss of 

the DOPC upon drying. A likely explanation for this observation is increasing 

interference with the polymerization of bis-SorbPC lipids at higher DOPC ratios. 

Lamparski reported both a decreasing Xn and percent conversion for the polymerization 

of mono-SorbPC in vesicles as the lipid was diluted with the non-polymerizable lipid 

DPPC (dipalmitoylPC). TheX„ decreased from 191 to 153 with the inclusion of 10 % 

non-polymerizable lipid and conversion was approximately 80% (vesicles were 

polymerized by thermally initiated radicals with AIBN).'^^ It is also not known how the 

DOPC is distributed in the lipid bilayer before, during, or after polymerization; however 

it would appear from the image in Figure 2.22 that the DOPC was distributed fairly 

evenly throughout the polymer film, and was not segregated into large domains. Further 
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studies with bis-SorbPC/DOPC lipid mixtures are needed to assess the phase behavior 

before and during polymerization. 

The images for the 9:1 and 19:1 bis-SorbPC/DOPC film do not reveal defects in 

the form of holes; however it is possible that lipid loss still occurred, and was not 

resolvable by AFM. Additionally, the data presented above do not address whether very 

small mole fractions, e.g. 1%, of a functionalized, non-polymerizable lipid can be 

retained in a polymerized supported lipid bilayer that is composed almost entirely of 

cross-linked (poly)bis-SorbPC. If true, this would circumvent the apparent need to 

synthesize functionalized polymerizable lipids, making it relatively easy to create lipid 

polymer films bearing a variety of different lipid headgroups. To address this issue, 

redox-polymerized bilayers composed of 98.5 mol% bis-SorbPC and 1.5 mol% of either 

BodipyPC or Rh-DOPE were prepared on fused silica substrates. TIRF was used to 

measure the fluorescence intensity of these films as a function of the number of drying 

and rehydration cycles. The results are plotted in Figure 2.24. Before drying, both types 

of films were observed to be uniformly fluorescent by epifiuorescence microscopy at 

400X magnification. In the case of Rh-DOPE as the dopant, the measured intensity 

decreased with each cycle, until stabilizing at about 37% of the initial normalized 

intensity after 12 cycles. It is conjectured that the retained Rh-DOPE is largely confined 

to the inner leaflet of the polymer bilayer. For BodipyPC-doped films, the loss was less 

severe and was limited to the first two cycles, after which the retained lipid stabilized at 

about 83% of the initial amount. 
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Figure 2.24. Normalized fluorescence arising from dopant non-polymerizable-fluorescent lipids 
poly-bis-SorbPC films after a sequence of film rinse/dry cycles. 
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These data show that a significant percentage of each dopant is retained after only 

one drying. Thus incorporating a non-polymerizable lipid into a (poly)lipid film does 

provide some degree of stability when compared to the nearly quantitative desorption of 

lipids that occurs when a fluid bilayer is removed from water. However, these results 

also demonstrate that non-polymerizable lipids cannot be quantitatively retained when a 

(poly)lipid film is dried, even when they comprise only a small percentage of the total 

film. Finally, the extent of dopant loss clearly depends on its structure. The greater loss 

observed for Rh-DOPE is likely due to the presence of a more surface-active headgroup 

relative to the phosphorylcholine headgroup of BodipyPC. 

2.4. CONCLUSION 

The degree of stability required for commercial use of supported lipid films will 

vary with the intended application. Many applications can be envisioned requiring 

greater stability than afforded by unpolymerized lipid structures, for example, the surface 

coating of a biosensor intended to have a long-shelf life. Other applications will require 

even greater stability, e.g., a reusable, washable surface coating for a sensor that is used 

in the presence of surfactants and/or organic solvents. Towards this end, developing an 

understanding of the degree of supported lipid film alteration or damage upon exposure 

to these potentially destabilizing conditions is important in the design of robust, lipid-

based surface coatings. 

Several parameters relating the formation and polymerization conditions of 

Sorbyl functionalized lipids were investigated. The key findings are now highlighted. 

Redox polymerization of bis-SorbPC resulted in highly stable polymer films that 
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structurally resemble lipid bilayers. The remarkable stability is attributed to a high-

degree of polymerization and extensive cross-linking within the polymer, analogous to 

polymerizations in vesicles. Direct photopolymerization of bis-SorbPC produced films 

having a high defect density, which is attributed to the observation that this 

polymerization method generates smaller cross-linked domains that are more easily 

desorbed when the poly-lipid film is dried. However, the fact that UV polymerization 

yielded any film after drying still represents a significant increase in stability relative to 

an unpolymerized, fluid lipid bilayer. 

Although linear polymerization using pure mono-SorbPC also produced poly-

lipid films having a high density of defects, adding 30 mol% bis-SorbPC generated 

(poly)lipid films that were structurally comparable to those formed from pure bis-

SorbPC. This result is significant because it suggests that by using mixtures of mono-

and bis-functionalized polymerizable lipids, it may be possible to systematically adjust 

the elasticity of the polymer films, while still retaining a cross-link density sufficient to 

achieve stability. A more conformationally flexible film may place fewer conformational 

restrictions on incorporated biomolecules, e.g. transmembrane receptors, allowing their 

reconstitution into polymer lipid films with higher retention of bioactivity. Incorporation 

of functional biomolecules, including transmembrane proteins, into polymerized lipid 

bilayers is a subject of ongoing research activities in the Saavedra laboratories. 

The results obtained with BodipyPC and Rh-DOPE show that a non-

polymerizable lipid doped into an otherwise highly stable redox(poly)bis-

SorbPC film is not quantitatively retained when the film is removed from water. These 
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results indicate that when considering strategies to covalently tether a water-soluble 

protein to the surface of a poly-lipid film, the lipid that is reactive toward the protein 

should also contain a polymerizable moiety that allows it to be covalently anchored to the 

polymer network. 

Finally, several variables that were not investigated but have been shown to affect 

vesicle polymerizations are the subject of the following chapter, including the location 

and type of polymerizable group incorporated into the lipid. 
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CHAPTER 3 

SUPPORTED LIPID FILMS COMPOSED OF DENOYL AND DIACETYLENE 

FUNCTIONALIZED LIPIDS 

3.L INTRODUCTION 

The stabilization of supported films from Sorbyl lipids demonstrated many of the 

key parameters for the assembly and polymerization of lipid monomers, including the 

role of cross-linking and the affect of polymer size on bilayer stability. Polymerizable 

lipids have been synthesized with various polymerizable moieties that differ in the 

location of the reactive moiety, [see section 1.5] This chapter investigates supported 

bilayers resulting from the polymerization of diene lipids with at least one reactive group 

located near the glycerol backbone and the polymerization of diacetylene functionalized 

lipids. 

The structures of the diene lipids used in this chapter are shown in Figure 1.15. 

The diene group located next to the glycerol backbone of the lipid is the Denoyl 

functionality, identical, save for location, to the Sorbyl group. Denoyl lipids have been 

studied in vesicle polymerizations as extensively as Sorbyl functionalized lipids."*®' 

Polymerization can be induced identically to Sorbyl groups, i.e., through redox initiators 

or UV photopolymerization. Thermal initiated radical polymerization requires the use of 

water soluble species that can access the reactive dienes near the headgroup in place of 

hydrophobic initiators confined within the acyl chains. The location of the diene group 

affects the polymer product in vesicle polymerizations. Polymerizations of denoyl 
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groups in vesicles have shown that the degree of polymerization, Xn, is generally lower 

than for sorbyl polymerizations/^^' However, the cross-linking efficiency was found 

to be significantly higher than for sorbyl polymerizations. Only 12 percent of bis-

functionalized Denoyl lipid was required to induce cross-linking versus 30% of Sorbyl 

lipids.'^'' It was speculated that the greater conformational freedom of the sorbyl moiety 

may favor macrocyclization processes which decreases the chances of cross-linking. 

Heterobifunctional lipids have more than one type of reactive moiety and 

consequently have asymmetric tails. The unique aspect of heterobifunctional lipids is 

that the reactive groups can be polymerized independently, using separate initiation 

methods based on their reactivity or location. For example, Figure 3.1 summarizes 

several avenues for the separate or simultaneous polymerization of the reactive groups in 

the lipid, l-palmitoyl-2-(2,4,12,14-tetraenehexadecanoyl)-phosphatidylcholine. This 

lipid was found to form ladder like polymers; both groups reacted with the reactive 

groups in the same tail of the neighboring lipid, and thus linear polymers were created. 

Surfactant dissolution of vesicles polymerized from this lipid occurred regardless of the 

order of polymerization of the reactive moieties. In contrast, heterobifunctional lipids 

with a denoyl and sorbyl group in the sn-2 acyl tail are stabilized through cross-linking 

via radical polymerizations.The differences in the cross-linking behavior found for 

the two similar lipids could certainly be influenced by factors such as the thermotropic or 

lyotropic crystalline behavior of the monomers, or the reactivity of the diene moiety. For 

example, the separation of only six methylene groups between the two dienes in 1-
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Figure 3.1. The lipid l-palmitoyl-2-(2,4,12,14-tetraenehexadecanoyl)-
phosphatidylcholine can be polymerized with a number of 
initiation chemistries to selectively react the fiinctional moieties. 
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palmitoyl-2-(2,4,12,14-tetraenehexadecanoyl)-phosphatidylcholine may influence the 

formation of ladder polymers. 

There are several reasons that denoyl functionalized lipids are attractive for use in 

supported lipid assemblies. The increased cross-linking efficiency may allow greater 

freedom or selectivity in mono- and bis-mixture formulations to be stabilized, altering 

properties such as membrane elasticity or the function of incorporated molecules. 

Furthermore, polymerization closer to the lipid headgroup likely has a less disruptive 

affect on the ability of the tail groups to behave cooperatively, adopt gauche rotamers or 

undergo phase transitions.'^^ The behavior or activity of incorporated biomolecules may 

also be affected. The presence of the polar ester group in Sorbyl moieties may also affect 

or disturb hydrophobic segments of transmembrane molecules, or equally importantly, 

alter the permeability or diffusion of ionic species across the bilayer, affecting the 

insulation properties of the membranes that is critical for many proposed bilayer 

applications. The hydrophilic Sorbyl moiety likely increases the cmc of the lipid, 

affecting the stability of unpolymerized bilayers, which would reduce the time allowed to 

induce polymerization. Many functionalized film formation procedures with 

biomolecules may dictate that the polymerization of the supported membrane be delayed 

during assembly. Therefore, an investigation of the polymer films formed from these 

lipids is important. 

Collaborative efforts with the O'Brien research lab have provided the diene 

functionalized lipids that are investigated in this work; however as mentioned earlier, 

polymerizable lipids are largely unavailable commercially. One notable exception, is a 
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diacetylene functionalized lipid. Both mono- and bis-functionalized diacetylene lipids 

are available from Avanti Polar Lipids (http:// www.avantilipids.com). In their studies of 

LB monolayers and multilayers of diacetylenePC lipids, Chapman and coworkers 

pioneered the use of phosphorylcholine-containing materials as protein resistant 

7 0 
coatings. ' However, supported bilayers of diacetylenePC lipids have not been 

thoroughly investigated, which may be due to inherent problems in self-assembling and 

efficiently polymerizing these materials,as described in section 1.4. Specifically, 

information on the mesostructure of diacetylenePC poly-lipid films, such as film 

uniformity and defect density after drying, has not been reported in the literature, nor 

have quantitative data on protein adsorption properties. However, this functionality 

continues to receive scientific attention for use in supported structures. Therefore 

polymerized bilayers using a commercially available diacetylenePC lipid (DAPC) 

(Figure 3.2) are prepared and their structural features compared to (poly)lipid films 

fabricated from diene lipids. 

http://www.avantilipids.com
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Figure 3.2. Structure of the bis-diacetylene lipid (DAPC) used in this 
work. DAPC are available commercially and can be polymerized by 
UV light to form conjugated polymers that absorb in the visible light 
region. 
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3.2. EXPERIMENTAL 

The synthesis of bis-dienoyl phosphatidylcholine (bis-DenPC) was adapted from 

that reported by Dorn et al."^^, and performed by Dr. Bruce Bondurant at the University of 

Arizona under Dr. David F. O'Brien. Dienoyl sorbyl phosphatidylcholine (DenSorbPC) 

1 •^'3 

was prepared by the procedure reported by Liu et al. , by Dr. Sanchao Liu under Dr. 

David F. O'Brien. All diene functionalized lipid structures were established by 'H NMR 

and high resolution mass spectrometry. In addition the purity was confirmed by the 

presence of only one spot on TLC. l,2-bis(10,12-Tricosadiynoyl)-.s'«-glycero-3-

phosphocholine (DAPC) was purchased from Avanti Polar Lipids and used as received. 

The experimental protocol for film formation and characterization was described 

in the previous chapter and was applied identically to the work in this chapter. 

Absorbance spectra in the visible range were acquired for Langmuir-Blodgett- Schaeffer 

(LBS) DAPC films at various stages of polymerization using an ATR (attenuated total 

reflectance) setup described in.reference.'^^ 



3.3 RESULTS AND DISCUSSION 

3.3.1. Diacetylene Lipid Films 

DAPC bilayers were deposited using the LBS technique and polymerized by UV 

irradiation, closely following the procedures described by Morigaki et al..^^' In the 

case of DAPC bilayers, polymerization could not be effected with oxygen present in the 

solution; if the water in contact with the bilayer was not purged with Ar before and 

during the polymerization procedure, the thickness of the dried lipid film was negligible. 

The ellipsometric thickness for films irradiated for 1 hour was 43 A (Table 3.1), although 

significant film thicknesses were observed with irradiation times as short as 15 minutes. 

The 43 A value suggests that a nearly complete bilayer was formed. It is noted that 

although a refractive index of 1.46 was assumed for all films, the actual refractive index 

of each type of lipid layer is not known; it may vary due to differences in molecular 

packing and is likely to be anisotropic. In the case of DAPC, polymerization produces a 

conjugated material that may absorb in the visible spectrum [see below, These 

factors contribute uncertainty to the accuracy of using ellipsometry to determine the 

thickness of different types of dehydrated poly-lipid films. Therefore, when the 

ellipsometry values listed in Table 3.1 are compared to each other and to thickness values 

for hydrated, fluid lipid bilayers measured by other methods, the comparison should be 

considered semi-quantitative. 

Although the thickness measurements are indicative of a nearly a complete 

bilayer, the water contact angle suggest otherwise. The sessile, advancing, and receding 

water contact angles were 68, 80, and 27 degrees, respectively, which agree well with 
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Table 3.1. Elliposometric film thickness for DAPC films 

DAPC film formation and Film thickness in 

polymerization conditions angstroms 

UV(poly)DAPC, LBS, 1 hour 43 ± 21 (n=5) 

UV(poly)DAPC, LBS, 15 min 41 ± 5 (n-2) 

DAPC monolayer, LB, 
unpolymerized 29.5 (n=l) 

UV(poly)DAPC, vesicle 
fusion, polymerized 1 hour 40 ± 25 (n = 5) 

Redox(poly)DAPC, LBS 49 ± 10 (n = 3) 

Table 3.2. Film properties of bis-DenPC and 
DenSorbPC 

Type ofPSLB 

redox(poly)DenSorbPC 

Ellipsometric 
Thickness (A) 

45 ± 2 42 ± 3 
(n=6) (n=3) 

Water Contact Angle 
(degrees) 

Rec. 

39±3  45±2  15±3  

Before After 
Surfactant Surfactant Static Adv. 

redox(poly)bis-DenPC 
52  ±4  
(n=3) 

39  ±4  
(n=3) 

52  ±4  
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contact angles of 70-90 degrees reported by Chapman and coworkers for multilayer, 

headgroup-out (poly)DAPC films.However, all of these high values are much greater 

than expected for a film terminated uniformly with phosphorylcholine groups and are 

indicative of a disordered and/or incomplete bilayer in which the hydrophobic interior is 

exposed to the ambient environment. The fact that the contact angle on (poly)DAPC 

films was 20 degrees larger than that measured on UV(poly)bis-SorbPC films (which 

were thinner, Table 2.1) may be due to differences in the structure of the monomer acyl 

chains. A sessile contact angle of 72 degrees was measured on a bis-Sorb monolayer 

deposited by the LB transfer. This value is smaller than expected for a lipid monolayer 

containing hydrocarbon acyl chains and reflects the presence of the ester groups near the 

acyl chain termini of bis-SorbPC. Thus it is expected that defects in a (poly)lipid film 

that expose the acyl chain termini in the bilayer interior would produce a lower contact 

angle when the monomer is bis-SorbPC versus DAPC. 

A typical AFM image and linescan of the DAPC (poly)lipid film is shown in 

Figure 3.3. To the author's knowledge, these are the first published AFM data for dried 

diacetylene-based supported lipid films, which is somewhat surprising given the 

extensive use of DAPC and similar molecules to form polymerized vesicles and 

supported films^'^^' [Tamm and coworkers have published AFM images of 

hydrated LB assembled DAPC film The film morphology was rough with 

numerous defects, similar to that observed for UV(poly)bis-SorbPC films (Figure 2.9) 

and redox-polymerized films of 7:3 bis-SorbPC and DOPC (Figure 2.22). However, the 

domain-like features were frequently larger than those observed in diene lipid films. 
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Figure 3.3. AFM image and linescan of UV(poly)DAPC 
polymerized by irradiation with 254 nm light for 1 hour. 
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Analysis of AFM image linescans showed that the defects could largely be grouped into 

two classes, based on apparent depth: 2.5 to 3 run and 4.5 to 6 nm. These likely 

represent, respectively, defects in the outer leaflet of the bilayer and defects that extend 

through the bilayer to the substrate. 

Several experimental conditions were altered in an effort to improve the structural 

homogeneity of (poly)DAPC films, including; /) varying the intensity of the UV light and 

the time period that the film was irradiated, ii) polymerizing using the redox-initiation 

procedure employed to prepare redox(poly)bis-SorbPC films. Hi) depositing the bilayer 

by vesicle fusion at ca. 50 degrees (at which the bilayer is in the fluid-analogous phase 

given that the for DAPC is 43.1 degrees [Obtained from a LIPID AT search 

(http://www.lipidat.chemistry.ohio-state.edu/search.stm).]), and iv) varying the surface 

pressure at which the film was deposited, in an attempt to vary the packing of the lipid 

chains. 

Table 3.1 lists the ellipsometric thicknesses for films assembled and polymerized 

in various fashions. For reference, an unpolymerized DAPC LB monolayer deposited at 

35 mN/m was nearly 30 A thick. As noted above, UV polymerization of LBS bilayers 

for periods as short as 15 minutes produced significant film thickness, however these 

films generally had larger gaps than those irradiated for longer periods, and frequently 

large areas that were devoid of lipid altogether; an example is shown in Figure 3.4. 

Polymerization periods for greater than 30 minutes were used in all subsequent work with 

DAPC. 

http://www.lipidat.chemistry.ohio-state.edu/search.stm
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Figure 3.4. AFM image of a UV(poly)DAPC film polymerized by UV 
(254 nm) irradiation for 5 minutes. 
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Surprisingly, vesicle fusion resulted in films with comparable coverage, 

uniformity and thickness to LBS deposited films. An example AFM image is shown in 

Figure 3.5 of a fused film polymerized with UV irradiation. It is generally accepted that 

due to the critical influence of the diacytelene packing on the polymerization, self-

assembly is not a viable assemble process for DAPC layers and no reports of 

vesicle fused DAPC bilayers have been published to the author's knowledge. On some 

occasions, multilayer structures were formed by fusion, with ellipsometric thickness 

values over 60 A, which likely reflects the practical experimental difficulty controlling 

temperature during fusion using a calibrated hotplate with the very small volume of 

vesicle solution prone to rapid evaporation at 50 degrees. 

Another phenomenon, that to the author's knowledge has not been reported, was 

the (partially) successful polymerization of DAPC by redox initiators 

(persulfate/bisulfite). Polymerization of diacetylene groups in lipids has been reported to 

occur with gamma-ray irradiation and UV photoirradiation. It is known that some 

diacetylene monomers produce high-molecular weight polymers by a radical 1, 4-

polymerization, but again, this occurs only in the solid state. A typical AFM image, 

shown in Figure 3.6, demonstrates that these films also contained many structural defects. 

Among the multiple samples prepared and analyzed, there was a greater 

variability in the surface morphology (domain size, shape) and thickness of (poly)DAPC 

films as compared to diene lipid films, e.g. UV(poly)bis-SorbPC. This may reflect the 

sensitivity of the polymerization to the packing of the reactive groups in the lipid chains, 

which could be affected by the transfer process in both the LB and Schaefer deposition 
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Figure 3.5. AFM image of UV(poly)DAPC film assembled by 
vesicle fusion at 50° C. 
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Figure 3.6. AFM of a Redox polymerized DAPC film 
assembled by the LBS method. 
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steps. Although several combinations of film deposition and polymerization conditions 

produced significant coverage (i.e., an ellipsometric film thickness greater than 40 A), 

none of the DAPC films prepared or polymerized under a variety of conditions were 

devoid of significant defects as revealed by AFM imaging. In summary, LBS deposition 

followed by UV polymerization produced the 'highest quality' films; however, the 

structural homogeneity of these films was still poor relative to redox(poly)bis-SorbPC 

films. 

Polymerized diacetylene lipid films are conjugated and adsorb in the visible 

region of the spectrum. This aspect is one reason they are of scientific interest, the 

absorbance can be affected by ligand binding to the film. It is knovra that the absorbance 

spectrum is related to the relative size of the polymer chains, and can be used to 

characterize the polymerization. An absorbance spectrum for LBS UV(poly)DAPC film 

acquired using ATR spectroscopy is shown in Figure 3.7. Although the signal to noise 

ratio is relatively poor, a broad absorbance with a maximum at approximately 475 nm, 

with a shoulder at 515 nm is discernable. This absorbance is at higher energy than 

spectrum typically reported for single chain diacetylene surfactants which is indicative of 

shorter polymer chains, however it is very similar to those recorded for vesicle 

polymerization of a C23 bis-functionalized diacetylene PC molecule. This suggests 

that the polymerization product reported here is comparable to polymerization products 

in previous reports of diacetylene functionalized lipid analogues. 

Finally, since the DAPC monomer has a relatively low molar absorptivity, the rate 

and extent of its conversion to polymer could not be measured as was done for bis-
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Figure 3.7. Absorbance spectra for a single UV(poly)DAPC film 
collected with a visible ATR instrument. 
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SorbPC films. Furthermore, the degree of polymerization is not known for DAPC under 

the polymerization conditions used here. Therefore, experimental data to support 

attributing the defects observed in DAPC films to desorption of either unreacted 

monomers or low molecular weight oligomers cannot be provided. However, the 

similarities in morphology between (poly)DAPC films and (e.g.) redox(poly)bis-SorbPC 

films containing 30 mol% DOPC (Figure 2.22) strongly suggest that the high defect 

density in (poly)DAPC films is due to a low conversion efficiency. 

3.3.2. bis-DenPC and DenSorbPC Films 

Polymerized lipid bilayers were also prepared from bis-DenPC, which contains 

two reactive dienes located near the glycerol backbone, and DenSorbPC, which contains 

one sorbyl and one dienoyl moiety. Lipids with polymerizable groups located proximal 

to the glycerol backbone have been shown to effectively cross-link bilayers, producing 

vesicles with properties similar to those of (poly)vesicles formed from sorbyl-

functionalized lipids."'^' For example, in studies comparing the cross-linking 

efficiency of diene lipids, only ca. 12 mol% of bis-DenPC monomer was necessary to 

cross-link vesicles composed of mono-DenPC, compared to the 30% bis-substitution 

required cross-link sorbyl-functionalized lipid vesicles.The reactive moieties in 

heterobifunctional lipids such as DenSorbPC can be polymerized independently of one 

another by judicious selection of polymerization conditions.Very stable 

(poly)DenSorbPC vesicles can be dried and redispersed in water with retention of their 

spherical structure (see Figure 1.19).'^^ 
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Ellipsometric thickness and sessile water contact angle data for (poly)bis-DenPC 

and (poly)DenSorbPC films prepared by vesicle fusion and redox-initiated 

polymerization are listed in Table 3.2. Dried redox(poly)bis-DenPC films were 52 A 

thick, consistent with the expected thickness of a supported lipid bilayer. However after 

bath sonication in Triton X-100, a significant decrease in film thickness (to 39 A) was 

observed. The contact angle was 52 degrees, considerably greater than that on 

redox(poly)bis-Sorb, indicative of significant structural differences between the two types 

of bilayers. AFM imaging revealed a film that contained defects located uniformly 

across its surface (Figure 3.8). Analysis of linescans showed that the apparent depth of 

the defects was less than 3 nm, indicating that they were formed by loss of material from 

the outer leaflet of the poly-lipid film. The larger ellipsometric thickness for 

redox(poly)bis-DenPC films relative to bis-SorbPC films despite the presence of defects 

may be attributed to : i) slightly longer (1 methylene) acyl chains, ii) differences in the 

true refractive index in the molecues, predominantly due to the polar ester group in sorbyl 

moieties, or most likely iii) differences in the area per molecule (apm) at which the lipids 

self-assemble. The sorbyl moiety likely induces a greater disorder in the tail groups that 

may result in a greater apm and consequently, less dense polymer films. 

Polymerization of DenSorbPC produced dried films that were indistinguishable 

from redox(poly)bis-SorbPC films by AFM imaging. An example image and linescan is 

displayed in Figure 3.9. The ellipsometric thickness (45 A) was nearly identical as well, 

and upon bath sonication in Triton X-100, only a minor decrease was observed. Slightly 

greater sessile, advancing, and receding contact angles, 39, 45, and 15 degrees 
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Figure 3.8. AFM image and linescan of redox(poly)bis-DenPC film. 
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Figure 3.9. AFM and linescan of redox(poly)DenSorbPC. 
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respectively, were observed relative to redox(poly)bis-SorbPC films. It unknown 

whether this difference results from desorption of some material upon drying or if it is a 

phenomenon associated with polymerization process. It is possible that formation of a 

covalent network near the glycerol backbone produces a more rigid polymer network, 

limiting local headgroup mobility. In other words, the conformational freedom of the PC 

groups to rearrange during wetting may be restricted, whereas when the covalent network 

is located in the center of the bilayer (i.e. the case with bis-SorbPC), the headgroups may 

be less conformationally restricted. UV photopolymerization of DenSorbPC films 

resulted in polymer films that were very similar to the UV(poly)bis-SorbPC films 

reported in Chapter 2. The ellipsometric thickness was 33 +/- 2 A, (n=2), and the 

topography was characterized by domain structures 25 to 100 nm in diameter, as shown 

in Figure 3.10. This result suggests that a similarly low degree of polymerization occurs, 

analogous to the UV polymerization of bis-SorbPC bilayers. 

Regarding the differences observed between the three bis-substituted diene lipids 

examined in this work, it is noted that redox-polymerization of the two sorbyl-

functionalized lipids, DenSorbPC and bis-SorbPC, produced highly uniform films with a 

very low defect density, whereas bis-DenPC did not. Based on these observations, a 

plausible argument can be made that cross-linking across the two leaflets of the bilayer 

occurs with sorbyl lipids, and is important for creating a highly stable poly-lipid bilayer. 

However, this argument assumes that the degree of polymerization in the supported lipid 

bilayer geometry was equivalent for all three lipids. Moreover, the degree of 

polymerization of (poly)DenPC in vesicles is lower than that of (poly)SorbPCs for 
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Figure 3.10. AFM image of UV(poly)DenSorbPC. 
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equivalent reaction conditions.In that work, it was suggested that cross-linking 

near the lipid backbone created a greater barrier to monomer diffusion to the growing 

polymer chain than a linkage near the acyl chain terminus, graphically illustrated in 

Figure 3.11. Therefore, in summary, the defects in redox(poly)bis-DenPC films cannot 

solely be attributed to either a lower degree of polymerization or to the inherent inability 

of this monomer to form inter-monolayer covalent linkages. 

An interesting observation is the striking difference in the behavior of the 

redox(poly)DenSorbPC and redox(poly)bis-SorbPC films when immersed in HFIP. 

Immersion of a redox(poly)DenSorbPC film into HFIP did not cause wrinkling even after 

30 minutes, in comparison to the 'wrinkling' observed in redox(poly)bis-SorbPC films 

after very brief immersion (see Figure 2.19). The surface roughness did increase slightly, 

but the film morphology remained uniform, as seen in the AFM image in Figure 3.12. 

Note that there are three regions of connectivity in (poly)DenSorbPC: one each near the 

headgroup plane in the each leaflet and one at the center of the bilayer. It is speculated 

that this could affect the behavior of the polymer film in HFIP by i) reduction of the 

permeability of solvent molecules into the bilayer which prevents it from being solvated, 

or ii) an increased resistance to adopting regions of high curvature (i.e., a less flexible 

polymer bilayer) due to three regions of covalent linkage in the polymer; 

(poly)DenSorbPC has covalent bonds near both headgroup regions and the bilayer center, 

whereas (poly)bis-SorbPC films are linked only at the bilayer center. 
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Figure 3.11. Illustration depicting the polymerization moiety region for 
denoyl and sorbyl lipids. Increased impedance to monomer diffusion for 
bis-DenPC may result in lower molecular weight polymer by favoring 
non-coupling polymer termination processes. 
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Figure 3.12. AFM image of redox(poly)DenSorbPC film after 
immersion in HFIP for 30 min. 
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3.4. CONCLUSIONS 

In this and the previous chapter, it has been demonstrated that there are significant 

differences in the properties and stability of poly-lipid films formed from diene lipids, 

depending on the method of initiating polymerization and the number, type and location 

of the reactive groups in the lipid monomer. However, determining how these affect 

(poly)lipid film structure and stability is limited by the relatively small amount of 

polymer product present in ca. 50 A thick coating over a cm^ area, which precludes 

determining the degree of polymerization. Consequently it is difficult to determine 

conclusively if intra- and/or inter-leaflet cross-linking is required to stabilize a poly-lipid 

film, or if the instability observed when these linkages are absent (in polymerizations of 

mono-SorbPC and bis-DenPC, respectively) is due to production of low molecular weight 

polymer products that readily desorb when the poly-lipid is dried. 

Regardless, in this and the previous chapters results have been preseneted 

demonstrating that films composed of bis-substituted diene lipids with at least one 

polymerizable moiety located near the acyl terminus yield highly uniform, robust 

polymer films. Specifically, redox-initiated polymerization of bis-SorbPC and 

DenSorbPC produced highly cross-linked films in which the overall bilayer structure and 

uniformity is preserved upon drying. The results obtained with DAPC demonstrate that 

the type of polymerizable moiety is also an important parameter. Regardless of the 

deposition and polymerization method employed, the resulting DAPC poly-lipid film 

contained a high density of defects. The most likely explanation is that the sensitivity of 
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acetylene polymerization to reactive group packing precluded achieving a high degree of 

monomer-to-polymer conversion. 

Finally, the inherent resistance to nonspecific protein adsorption is one of the key 

features of PC lipid-based films that make them attractive for use in biosensing 

applications. Thus the protein resistance properties of polymerized versus fluid bilayer 

can provide information regarding defects in the polymer films investigated here and is 

the subject of the following chapter. 
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CHAPTER 4 

PROTEIN ADSORPTION TO STABILIZED POLY-LIPID FILMS 

4.1. INTRODUCTION 

4.1.1. Biofouling 

Proteins are large complex molecules that are highly surface active because their 

chemically heterogeneous structure can interact favorably with nearly all interfaces. A 

single protein molecule may contain a variety of polar and non-polar segments which can 

strongly physisorb at both hydrophobic and hydrophilic interfaces. The size and 

conformational flexibility of proteins allow them to undergo molecular rearrangements 

that further increase interactions and adopt multivalent configurations involving 

electrostatic, H-bonding, and hydrophobic forces. As a result, rapid, and in general, 

irreversible, adsorption occurs on surfaces in contact with solutions containing dissolved 

proteins that change interfacial properties.'*' In the case of sensor surfaces, this has 

a deleterious effect resulting in the obscurity of specific interactions between target 

analytes and immobilized receptors or the incurrence of false signals. In the case of 

medical implants, 'biofouling' can lead to device failure through thrombosis (blood 

clotting) around the implant and eventual bodily rejection.^ The cascade of events 

leading to thrombosis is complex, multifaceted and not completely understood, but the 

process is thought to involve the initial adsorption of proteins, followed by platelet 

adhesion and activation.Thus, approaches to making materials "biocompatible" have 
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predominantly focused on minimizing non-specific adsorption of proteins through the 

development of new polymers or coating materials. 

4.1.2. Adsorption resistant functionalities 

Toward the goal of creating "biocompatible" surface coatings that prolong the 

useful life of devices intended to operate in contact with biological fluids, several 

chemical functionalities have been identified that minimize the nonspecific adsorption of 

soluble proteins. Poly(ethylene glycol) (PEG) (also, poly(ethylene oxide) (PEG)) is one 

of the most extensively characterized of these functionalities. ' The PEG 

functionality can be immobilized at interfaces by several methods, for example, as 

individual polymer units covalently attached to substrates via SAMs or as part of 

adsorbed co-polymers. Earlier studies investigated PEG with higher molecular weight 

generations (MW > 1000 g/mol) formed polymer "brushes" (random coil, hydrated or 

swollen polymer) that were argued to resist protein adsorption through steric or entropic 

repulsion.^®''' However, this thinking does not explain the observation that SAM films 

' yOf .  
with as few as two PEG units are protein adsorption resistant. Grunze and coworkers 

have studied low molecular weight, end-grafted PEG films and found that molecular 

conformation of the PEG groups critically affects the water molecules associated with the 

om 01 n 
film and consequently, the protein adsorption properties. ' On Ag surfaces, the PEG 

film is tightly packed, more crystalline configuration that is found to exclude water and 

adsorb protein, whereas on Au the PEG film is helical and amorphous and protein 
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adsorption resistant. Here it is argued that strongly hydrogen bonded water molecules 

associated with Au PEG films prevent protein interaction with the substrate. 

Although the PEG moiety has long been the standard of adsorption resistant 

surface coatings, other functional groups that are comparably effective in reducing 

/• 'J 1 1 1 o 
protein adsorption have recently been identified. ' ' This is motivated in part by a 

number of drawbacks associated with PEG, including its autoxidation in the presence of 

O2 and transition metal ions, the oxidation of the PEG hydroxyl groups to aldehydes and 

acids by alcohol and aldehyde dehydrogenases,^''^'in addition to the property 

dependence on substrate discussed above. Significant advances in an understanding of 

factors that contribute to adsorption resistant surfaces have been made in part by 

Whitesides and coworkers who have used SPR to screen SAM films with over 60 types 

of functional group terminated SAMS for adsorption resistance.^ They have observed 

that resistant SAM films all contain similarities, in that they are polar, have a neutral 

overall charge, and are hydrogen bond acceptors, not donors. In one such example, 

Holmlin et al.^'^ reported that mixed self-assembled monolayers (SAMs) composed of 

equimolar positively and negatively charged tail groups, i.e. a "zwitterionic" SAM 

(Figure 4.1), adsorbed less than 1% of a monolayer of fibrinogen and lysozyme from a 1 

mg/ml solution, which is comparable to the protein resistance of oligo(ethylene glycol)-

terminated SAMs. In contrast, SAM films composed solely of either of the charged 

molecules adsorbed significant amounts of protein. 
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Figure 4.1. "Zwitterionic" SAM mixtures were found to be protein adsorption resistant. Single-component 
SAM films from the same study were also effective at reducing adsorption, although not to the same extent 
of the mixed SAMs. The head-group in fluid PC lipid bilayers is thought to lie parallel to the bilayer, 
presenting a similar charge arrangement as the mixed SAMs. 
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4.1.3. Phosphorylcholine moiety 

The finding that a zwitterionic SAM mixture is protein adsorption resistant is 

consistent with the well known protein resistance of the zwitterionic phosphorylcholine 

(PC) moiety. The native protein resistance of the plasma membranes of erythrocytes and 

platelets has long been associated with the PC headgroup, which comprises 

approximately 90% of the lipid headgroups in the non-thrombogenic outer leaflet of these 

membranes.^'Demonstrations of protein adsorption resistance on PC lipid films have 

recently been reported. For example: i) Malmstem observed that multilayer PC lipid 

films adsorbed significantly less fibrinogen, IgG, and human serum albumin than 

10 217 methylated silica. ' ii) Vogel and coworkers observed no adsorption of bovine serum 

albumin (BSA) from a 1.75 )aM solution to a SAM-supported POPC monolayer.^'^ Hi) 

219 • Puu observed negligible adsorption of albumin to supported bilayers of mixed lipid 

compositions containing PC lipids, as measured by the resonant mirror technique. Very 

recently, Glasmastar et al. quantitatively evaluated the adsorption of several different 

proteins to fluid PC lipid bilayers, showing that in the majority of cases, irreversible 

adsorption was negligible, therefore comparable to the best adsorption resistant surfaces. 

4.1.4. Stabilized Lipid Assemblies 

Due in part to their inherent protein resistance, lipid coatings composed of natural 

and/or synthetic PC lipids have recently been used in several biosensing applications.'^'' 

218 219 221 222 • • * An additional advantage of this strategy is that a planar supported lipid 

bilayer (PSLB) can be readily derivatized with molecules that impart a desired 
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functionality, e.g. chromophores, ligands, and proteins, including transmembrane 

14, 17, 18, 20,21,23, 25, 194, 195, 223, 224 receptor proteins. 

However, in a fluid PSLB formed from naturally occurring lipids, the molecules 

are only weakly associated with each other and the underlying substrate surface.^^ 

Consequently, these structures lack the robustness required for implementation in many 

technological applications (e.g., as a nonfouling coating in a washable, reusable 

biosensor). Improving the structural stability of supported lipid films while maintaining 

their inherent biocompatibility has therefore been a focus of research efforts for at least 

two decades.^' One strategy, pursued since the early 1980s, is covalent 

polymerization of the lipid monomers. Despite the considerable scientific attention this 

topic has received, only a few publications have addressed the protein adsorption 

properties of polymerized, supported mono- and bilayer lipid films. 

7 0 
Chapman and coworkers * were among the first to use polymerizable PC lipids to 

modify the surface properties of substrates. Langmuir-Blodgett mono- and multilayers of 

diacteylene-functionalized PC lipids were deposited on plastic surfaces and polymerized 

by UV irradiation. This procedure increased surface hydrophilicity and substantially 

decreased platelet adhesion and activation^. More recently, Marra et al.'^^ fused and 

radically polymerized a mono-acroyloyl functionalized PC lipid monolayer on an alkyi 

SAM film, producing a surface that significantly decreased platelet adhesion relative to 

bare glass. Both of these works indirectly demonstrate that polymerized PC lipids 

suppress protein adsorption since this process always precedes platelet adhesion and 

activation. However, in neither case was a comparison to fluid lipid PC layers 
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performed, so the effect of stabilizing or immobilizing the lipids on its protein resistant 

properties is unknown. 

Several other strategies have been used to create PC-terminated thin films on 

planar solids. For example, Nakabayashi and others incorporated PC moieties in 

hydrogel polymers, generally using monomers of PC-methacrylate polymerized with 

99S 
other vinyl components, to produce robust coatings. Further development of this 

strategy"' has demonstrated that thin films of a PC-containing copolymer are effective 

in reducing protein adsorption relative to uncoated substrates. However, these films lack 

the degree of structural control available from Langmuir-Blodgett and self-assembly 

methods, meaning that the copolymer strategy does not allow presentation of a uniform 

array of PC groups to the overlying medium. Thus another strategy is to create a PC-

161 997 998 919 
terminated SAM ' or a grafted monolayer. ' Whitesides and coworkers measured 

less protein adsorption on PC SAMs relative to saturated alkyl SAMs, but the degree of 

protein resistance was less than that of oligo(ethylene glycol)-terminated SAMs, the 

"standard" for protein resistance. This may be due in part to the packing arrangement in 

a PC SAM, which is not likely to assemble with the same surface area per PC moiety as 

that found in a fluid PC lipid bilayer. Consequently the dipole orientation of the PC group 

and associated water molecules,^® which may be important aspect of its protein 

resistance,may be altered in a PC SAM relative to a PC lipid bilayer. In 

summary, if one seeks to create a thin film in which the packing geometry of the PC 

termini mimic that found in a natural PC lipid bilayer, both the copolymer and SAM 

strategies appear to be problematic. Furthermore, neither film type is a suitable 
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architecture for reconstitution and stabilization of transmembrane protein receptors, 

which is of interest for development of biosensors and devices to screen pharmaceutical 

candidates [e.g. 

4.1.5. Chapter goals 

In chapters 2 and 3 of this work, we described the polymerization of planar 

supported lipid bilayers (PSLBs) composed of diene and diacetylene-functionalized 

lipids. Different polymerization conditions produced films with different structural 

features, but all were found to increase PSLB stability relative to unpolymerized PSLBs. 

Here we investigate the protein adsorption behavior of these PSLBs. Using a model 

protein, bovine serum albumin (BSA), adsorption behavior is compared among film 

types, including fluid PSLBs as well as reference surfaces that are not protein resistant, 

and is correlated to the density of structural defects in the films described in previous 

chapters. 

Albumin was chosen as a model because it has been used most frequently for 

adsorption studies due to its rapid adsorption to different surfaces and abundance in 

blood. The protein content of human blood plasma is around 70 milligrams per milliliter, 

60% of which is albumin.^^® Since the adsorption behavior on a variety of surfaces is the 

most extensively reported, albumin is a convenient choice here, allowing the broadest 

comparisons of the results to other reports of adsorption resistant surface coatings. The 

adsorption of albumin has actually been used as a method to passivate surfaces. Since 

albumins will form a packed monolayer on most surfaces, the pre-adsorption of albumin 
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has been used to reduce the adsorption of fibrinogen and platelets. However, this 

approach is short-lived because the adsorbed albumin eventually exchanges with other 

solution proteins.^^' 

4.2. EXPERIMENTAL 

4.2.1. Materials 

The polymerizable lipids bis-sorbyl phosphatidylcholine (bis-SorbPC), mono-

sorbyl phosphatidylcholine (mono-SorbPC), bis-dienoyl phosphatidylcholine (bis-

DenPC), and dienoyl sorbyl phosphatidylcholine (DenSorbPC) were synthesized as 

described previouslyl,2-bis(10,12-Tricosadiynoyl)-^«-glycero-3-

phosphocholine (DAPC), phosphatidyl-ethanolamine labeled with lissamine rhodamine B 

(Rh-DOPE), and POPC (l-palmitoyl-2-oleoylphosphatidylcholine) were purchased from 

Avanti Polar Lipids and used without further purification (see 

http://www.avantilipids.com for structures). Arachidic acid was purchased from Aldrich. 

BSA (A 3803), fibrinogen from human serum (F3879) and rhodamine isothiocyanate 

labeled-BSA (RITC-BSA) were purchased from Sigma and used as received. The 

RITC/BSA labeling ratio was between 1.1 and 1.4 (mol/mol). Proteins were dissolved in 

50 mM phosphate buffer, pH 7.4, prepared using water obtained from a Barnstead 

Nanopure system. 



187 

4.2.2. Planar Supported Lipid Bilayers (PSLBs) 

The methods that were used to prepare unpolymerized and polymerized PSLBs on 

fused silica and silicon wafer substrates were described in section 2.2. Briefly, all 

PSLBs except those composed of DAPC were deposited using the vesicle fusion method, 

whereas the DAPC PSLBs investigated here were deposited using the Langmuir-Blodgett 

Schaefer (LBS) method which was found to result in the most homogeneous films, and 

because this is the method used in previous reports. ' ' PSLBs composed of 

reactive lipids were subjected to either UV photopolymerization or redox-initiated radical 

polymerization; they were kept under water until the polymerization reaction was 

complete. PSLBs composed of non-reactive lipids, or reactive lipids that were 

deliberately not polymerized, were always maintained under water or buffer. Arachidic 

acid (AA) monolayers were deposited on fused silica substrates using a standard LB 

method.^^'' Briefly, AA was vertically transferred on the first upstroke at a surface 

pressure of 55 mN/m from a subphase of 10 mM CaCl2, producing a "tailgroup-out" 

monolayer. 

4.2.3. Total Internal Reflectance Fluorescence (TIRF) Spectroscopy 

RITC-BSA adsorption to unpolymerized and polymerized PSLBs composed of 

reactive lipids was measured using TIRP spectroscopy. A schematic of the experimental 

setup is shown in Figure 4.2. Measurements were also made at three reference surfaces: 

a fluid POPC PSLB, an AA monolayer, and clean (bare) fused silica. Excitation was 

provided by the 514 nm line from an argon ion laser. The laser beam was coupled into a 
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Figure 4.2. Schematic of the TIRF setup described in Section 4.2.3. 
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fused silica slide (Dynasil) using a right angle prism, propagated through the length of the 

slide via total internal reflection, and outcoupled via another right angle prism. The 

outcoupled beam was directed onto a reference diode detector to monitor fluctuations in 

source intensity. The slide was mounted in a small volume flow cell (approximately 50 

}a,l),'^^ which was in turn mounted on a Nikon Diaphot inverted microscope. 

Fluorescence emission was back-collected through the fused silica slide using a 4X 

objective focused on a total reflection of the laser beam that occurred within the cell 

volume. The emission was passed through a 568±20 nm bandpass filter and detected 

with a photomultiplier tube. The incident laser beam was mechanically chopped at 2.5 

kHz and phase sensitive detection was used to retrieve the fluorescence intensity. The 

experiment was interfaced to a PC using Lab Windows for data collection. All 

experiments were performed at ambient room temperature, ca. 25 C. 

To perform TIRF measurements on PSLBs without exposing them to air, small 

unilamellar vesicles (SUVs) of the appropriate lipid composition were injected into the 

flow cell, resulting in vesicle fusion. After 15 minutes, the cell was rinsed with 

approximately 250 |^1 of buffer to remove unfused vesicles before proceeding to the 

protein adsorption experiment. In some cases, TIRF measurements were conducted on 

PSLBs that were polymerized in situ, followed by rinsing with deionized water and 

buffer; protein adsorption experiments were then performed without exposing the PSLB 

to air. TIRF measurements were also conducted on polymerized PSLBs that had been 

dried. The (poly)PSLB was formed on a silica slide, rinsed with deionized water, dried 

with a flowing nitrogen stream, mounted in the TIRF flow cell and rehydrated. 
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In all cases, before the initial RITC-BSA solution was injected into the flow cell, 

the background intensity was measured for subsequent subtraction. After injecting the 

protein solution and allowing it to equilibrate for 30 minutes, the fluorescence intensity 

was measured. The cell was flushed with 500 [j.1 of buffer and the intensity was 

measured again. The procedure was then repeated using solutions of sequentially greater 

protein concentration. Making measurements before and after flushing the cell with 

buffer allowed the fluorescence emission from strongly adsorbed proteins to be 

distinguished from that of dissolved proteins. The latter quantity, measured with the flow 

cell filled with a known concentration of dissolved RITC-BSA, provided the means to 

normalize the surface fluorescence data measured on different substrate surfaces, 

accounting for fluctuations in experimental variables such as prism coupling efficiency 

and optical collection efficiency. ' Sequential measurements were performed on 

several surfaces without observing a decline in signal intensity, indicating that under the 

conditions the measurements were performed, photobleaching and desorption of adsorbed 

species was minimal. 

To further compare RITC-BSA adsorption on different surfaces, the fluorescence 

data (intensity versus protein concentration) were fit to one-site and two-site Langmuir 

adsorption models. The respective forms of the Langmuir isotherm were: 

F = [F„,ax(c)(i:a)] [(l+^a)c]-' (1) 

F = [Fniaxl (C) (^al)] [(1 + ^al) + [F„,ax2 (c) (iiCal)] [(1 + K^) c]"' (2) 
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where F is the measured fluorescence, c is the bulk concentration of BSA injected into 

the flow cell, K^. is the apparent binding constant, and Fmax is the maximum fluorescence 

at apparent saturation. The numeric subscripts on and Fmax in eq 2 refer to the 

respective binding sites. Both and Fmax were determined by a nonlinear least squares 

analysis of the experimental data, using software Origin v.6.0 implemented on a PC. 

Isotherms measured on different substrate surfaces were normalized as described above. 

4.2.4. Atomic Force Microscopy 

Atomic force microscopy was performed in tapping mode on a Digital 

Instruments Nanoscope III with silicon oxide tips (Digital) tuned between 300 and 400 

kHz. Images were acquired on dried samples before and after incubation with a 1 mg/ml 

BSA solution (50 mM phosphate, pH 7.4) for 30 minutes. After incubation the samples 

were briefly rinsed with deionized water and dried under a stream of N2. A minimum of 

three separate samples for each type of PSLB and reference surface were prepared and 

imaged; for each sample, images were acquired at several different locations on each 

substrate. The images and linescans presented below are typical and representative of the 

measurements on the respective samples. Roughness parameters were determined on a 1 

|am scan area using Digital Instruments software. Bearing analysis, which provides a 

surface height histogram, was performed using Digital Instruments software to estimate 

adsorbed BSA surface coverage on PSLB films. Images were collected with the 

minimum force required for optimal resolution as described in Chapter 2, section 2.2.4.b. 
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4.3. RESULTS AND DISCUSSION 

4.3.1. TIRF Measurements of Adsorbed BSA Surface Coverage 

4.3.1.a. Reference surfaces 

TIRF was used to measure the degree of RITC-BSA adsorption to a variety of 

PSLB and reference surfaces. Surface coverage values obtained after incubating a 1 

mg/ml (15 |liM) RITC-BSA solution with each type of adsorbent surface are listed in 

Table 4.1. These coverage values were determined by calibrating and normalizing the 

respective TIRF responses to that measured for protein adsorption on a "tail group-out" 

AA monolayer, which was used as a hydrophobic reference surface.^'^ Protein 

• • 1 nn 1 "TQ 
adsorption is highly favored at hydrophobic surfaces (see for example, references 

and as expected, the A A monolayer was observed to adsorb the greatest amount of 

RITC-BSA. Under the assumption that a monolayer of RITC-BSA was adsorbed on the 

AA monolayer under the stated conditions (i.e. apparent saturation), the percentages 

listed in Table 4.1 represent percent monolayer coverage. Results in later sections will 

demonstrate that at this concentration, adsorption isotherms for the AA monolayer have 

reached a plateau, therefore this is likely a valid assumption. However, as discussed 

previously by a number of authorsthe author notes that using TIRF to 

determine the surface coverage of an adsorbed protein film can be problematic. There 

are several contributing factors. Of most concern here is self-quenching of RITC 

fluorescence due to energy transfer, which may occur when RITC-labeled protein 

molecules are closely packed in an adsorbed film. This will cause the quantum yield to 

decrease as the surface coverage increases. A practical example of this phenomenon is 
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Table 4.1. RITC-BSA adsorption to various PSLBs and reference surfaces from a 
1 mg/ml solution. 

Type of Film or Reference Surface ® Relative adsorbed amount 

arachidic acid monolayer 100± 14,n=4 

fused silica 60±  12 ,n=5  

POPC bilayer, not dried 6 ± 7, n=4 

redox(poly)bis-SorbPC, dried and rehydrated 6 ± 4, n=4 

UV(poly)bis-SorbPC, dried and rehydrated 24 ± 4, n=2 

UV(poly)bis-SorbPC, not dried 7 ,n=l  

redox(poly)DenSorbPC, dried and rehydrated 27 ± 8, n=3 

DenSorbPC, unpolymerized, not dried 8 ± 3, n=2 

UV(poly)DenSorbPC, not dried 23 ± 4, n=2 

UV(poly)DAPC, dried and rehydrated 40±  l l ,n=3  

^ UV and redox refer to the method of PSLB polymerization. 

^ Values expressed as percentages normalized to the amount of BSA that was 

adsorbed on an arachidic acid monolayer. 

n refers to the number of independent measurements. 
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shown in Figure 4.3, where fluorescence yield for various rhodamine labeled proteins 

decreases at higher labeling ratios due to quenching. Considering the fractional surface 

coverage values presented in Table 1, the net effect of self-quenching is that the values 

listed for the most protein-resistant surfaces (e.g. POPC) are probably overestimated. 

Cognizant of these limitations, the data can still be quantitatively evaluated, allowing the 

protein resistance of (poly)PSLBs to be compared to the reference surfaces. 

Since protein adsorption on silica and glasses has been extensively studied, clean 

fused silica was also used as a reference surface. About 60% of a RITC-BSA monolayer 

was formed, which is in reasonably good agreement with published data. At a dissolved 

concentration of 1 mg/ml, the surface coverage of BSA adsorbed on bare glass and silica 

surfaces is reported to ca. one monolayer [e.g. "]. Nonspecific protein adsorption on 

most surfaces is frequently greatest at a pH near its pi, ' which is approximately 4.8 

for BSA. At neutral pH (at which the measurements were performed), BSA has a net 

charge of about -18. Assummg monolayer coverage occurs at ca. pH 4.8, then due to 

electrostatic repulsion, submonolayer coverage is more likely at neutral pH. Thus these 

results are reasonably consistent with published data. 

The third reference surface was a fluid PSLB composed of POPC, at which the 

surface coverage of nonspecifically adsorbed RITC-BSA was 6% of that on the AA 

monolayer. Other groups have reported that nonspecific adsorption of albumins and 

other proteins (e.g. fibrinogen) to fluid, PC lipid layers is negligible and sometimes 

undetectable, as measured using quartz crystal microbalance, surface plasmon resonance, 

and resonance mirror techniques.^'^"^^® The discrepancy with the results is likely due to 
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Figure 4.3. Graph from (www.probes.com) showing the reduction in conjugate fluorescence as the 
fluorophore/molecule ratio increases attributed to fluorescence quenching. This may occur on high coverage 
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the greater sensitivity of TIRF, which can easily detect less than 0.1% monolayer 

coverage of a protein labeled with a strongly fluorescent dye,^^^' in conjunction with 

fluorophore self-quenching phenomenon which would increase the calculated percentage 

of coverage for low adsorption surfaces relative to the AA monolayer. 

4.3.Lb. bis-SorbPC 

The results obtained with the reference surfaces were used to assess the protein 

resistance of polymerized PSLBs; specifically, the degree to which a (poly)PSLB mimics 

a fluid PSLB after the former is dried and rehydated. BSA adsorption from a 1 mg/ml 

solution to a redox(poly)bis-SorbPC PSLB that was dried and rehydrated produced a 

relative surface coverage of 6%, equivalent to that measured on a fluid POPC bilayer 

(Table 4.1). In chapter 2 of this report, redox-initiated polymerization of bis-SorbPC 

PSLBs was found to best preserve the bilayer structure after removal of the film from 

water. Structural characterization by ellipsometry and AFM revealed a highly uniform, 

nearly defect-free film of approximate bilayer thickness. The observation of protein 

resistance equivalent to a POPC bilayer provides additional evidence that the structure of 

a bis-SorbPC PSLB is maintained throughout redox polymerization, rinsing and drying, 

and subsequent rehydration. 

Cross-linking polymerization of the monomers in a bis-SorbPC PSLB eliminates 

lateral lipid diffusion. This was qualitatively observed by epifluorescence microscopy; 

scratches formed with a syringe needle in a hydrated redox(poly)bis-SorbPC PSLB doped 

with 1 mol% Rh-DOPE did not 'heal'. In contrast, scratches formed in a hydrated, fluid 
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POPC PSLB doped with 1% Rh-DOPE were observed to disappear in several minutes 

(Figure 4.4), which is qualitatively consistent with measurements of lateral lipid diffusion 

in fluid PSLBs.^^' In a recent paper,it was suggested that lipid lateral mobility may 

be a significant aspect of the protein resistance characteristic of a fluid PC lipid bilayer. 

However these results indicate otherwise; that is, immobilization of the lipid monomers 

does not affect the protein resistant properties of a PC PSLB. Although the decreased 

adsorption to PC functionalized polymers (see above) alluded to the notion that fluidity 

was not essential, no direct quantitative comparisons to fluid PC layers had been made to 

confirm this observation. 

Neither extensive buffer rinses nor rinses with high ionic strength buffer (500 mM 

NaCl) caused measurable desorption of the 6% monolayer coverage of RITC-BSA that 

adsorbed on redox(poly)bis-SorbPC BSA. However, approximately two-thirds (4% 

coverage) could be removed by rinsing the film with the surfactant Triton X-100 (2% 

v/v). These observations suggest that the small degree of nonspecific protein adsorption 

observed on redox(poly)bis-SorbPC is hydrophobicaly-driven. Re-exposing the 

surfactant-washed PSLB to 1 mg/ml RITC-BSA reproduced the 6% monolayer coverage 

initially measured, demonstrating the stability of the PSLB to surfactant exposure. 

Equivalent experiments could not be conducted with fluid POPC PSLBs, since exposure 

to Triton X-100 causes desorption of non-poljTnerized lipids from a solid support. 

As described in chapter 2, polymerization of a bis-SorbPC PSLB by direct UV 

irradiation produced a dried film that was only 28 A thick and more hydrophobic than 

redox(poly)bis-SorbPC (sessile water contact angles of ca. 59 degrees and 32 degrees. 



re 4.4. Epifluorescence images of 
e scratches in a) DOPC supported 
ers and b) polymerized bis-
PC bilayers, both containing 1% 

DOPE. The time lapse for the four 
es in (a) is approximately 2-4 

mmiites. The spot of reduced 
fluorescence near the scratches in all 
the images is likely due to an unclean 
lense on the camera or microscope 
objective. 



199 

respectively). AFM imaging of dried UV(poly)bis-SorbPC films revealed a significant 

density of defects which was attributed to the production of smaller, cross-linked 

domains that are more easily desorbed upon removal of the film from water, relative to 

the polymer units generated by redox-initiated polymerization. The higher defect density 

in UV(poly)bis-SorbPC PSLBs was accompanied by an increase in protein adsorption. 

The relative RITC-BSA surface coverage was 24%, four-fold greater than on POPC and 

redox(poly)bis-SorbPC (Table 4.1). The increase is attributed to hydrophobically-driven 

adsorption at the defects where the interior of the bilayer is exposed to the overlying 

solution. However, we note that 24% monolayer coverage still represents a significant 

improvement in protein resistance in comparison to the underlying bare silica substrate as 

well as the highly absorbing AA monolayer. 

RITC-BSA adsorption to UV(poly)bis-SorbPC was also measured on a film that 

was never dried. In this case, the PSLB was formed in the TIRF flow cell by fusion, 

rinsed, UV polymerized, and rinsed again before proceeding to protein adsorption 

measurements. In this case, the relative BSA surface coverage was only 7%, equivalent 

to that measured on POPC and redox(poly)bis-SorbPC bilayers (Table 4.1). This result 

shows that the greater protein adsorption measured on dried UV(poly)bis-SorbPC occurs 

as a result of removing the PSLB from water; in other words, the increase cannot be a 

consequence of the UV photopolymerization reaction. These results therefore provide 

additional support for the contention (see Chapter 2, section 2.3.4.b) that the structural 

defects present in a dried UV(poly)bis-SorbPC PSLB are created by desorption of lipid 

material when the film is dried. 
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4.3.I.e. DensorbPC 

In chapter 3, it was found that redox-initiated polymerization of DenSorbPC 

produced dried PSLBs that were structurally equivalent to redox(poly)bis-SorbPC 

PSLBs, as evaluated by ellipsometry, AFM, and stability to rinsing with Triton X-100. 

However, a significant difference in protein adsorption behavior was observed. The 

relative RITC-BSA surface coverage on redox(poly)DenSorbPC PSLBs was 27%, about 

4.5 times greater than on POPC and redox(poly)bis-SorbPC and comparable to that 

measured for dried UV (poly)bis-SorbPC films. The greater degree of protein adsorption 

was determined to be a consequence of the polymerization reaction. The relative RITC-

BSA coverage measured on an unpolymerized DenSorb PSLB that was never exposed to 

air was only 8%, comparable to POPC (Table 4.1). After in situ UV polymerization, 

without exposing the PSLB to air, the relative RITC-BSA surface coverage increased 

about three-fold to 23%. 

Although polymerization of a DenSorb PSLB clearly lessens its protein 

resistance, the structural origin of this change is not clear at this time. A possible 

explanation is that creation of a cross-linked network adjacent to the glycerol backbone 

alters the orientation of the PC headgroup and the structure of its solvation shell. 

Although we are not aware of any published studies that relate protein adsorption 

behavior to PC dipole orientation and solvation, these factors are likely to be an 

important aspect of the protein resistance of PC films. This explanation is based on the 

theoretical and experimental studies of Grunze and coworkers,who found that 

differences in orientation and water solvation of PEG SAMs on Au and Ag substrates 
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resulted in significant differences in protein adsorption resistance. Another explanation 

for the increased adsorption may be due to the nature of the polymer fragment 

boundaries. Polymerization near the glycerol group may produce better defined polymer 

fragment boundaries that expose hydrophobic portions of the tailgroup region. In 

comparison, the length of the acyl chain between the polymerized sorbyl group and the 

headgroup may allow molecular arrangements that disguise fragment boundaries in 

polymerzed bis-SorbPC films. As reported in chapter 3, the static contact angle is 6 

degrees higher for redox(poly)DenSorbPC than redox(poly)bis-SorbPC which may result 

from this phenomenon, graphically illustrated in Figure 4.5. However, a change in the 

PC headgroup orientation such that the methylated amine group is more exposed at the 

interface could have a similar affect on the contact angle. 

Polarized Fourier Transform Attenuated Total Reflectance Infrared Spectroscopy 

was used to investigate solvent cast multilayers of bis-SorbPC and DenSorbPC on ZnSe 

crystals, before and after UV-polymerization, in an attempt to examine changes induced 

in headgroup orientation. Unfortunately, the poor transmittance of the crystals in the 

pertinent wavelength region (choline associated adsorptions are predominatly <1000 cm" 

1^^123-125,240,241 combined with a difficulty subtracting the strong water absorbances in this 

region, result in very inconsistent baseline correction that create unreliable and non-

interpretable results. However, vibrational bands associated with the reactive group did 

diminish appropriately after polymerization. 

One series of experiments that would be useful in elucidating whether changes in 

the PC dipole occur upon polymerization of DenSorbPC, would be comparative 



Figure 4.5. Graphic depicting a possible explanation for the increased 
non-specific adsorption of BSA to polymerized DenSorbPC films. 
Polymerization near the headgroup may expose interior regions of the 
bilayer along polymer domain boundaries. 
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adsorption experiments with charged species of generally non-adsorbant species such as 

labeled dextrans, which can be purchased through Molecular Probes (Molecular Probes, 

Inc. Eugene, OR) in anionic and cationic forms. Dextrans are generally used in cell 

imaging studies due to the low non-specific binding they exhibit. Unfortunately, these 

experiments were not attempted due to date because of insufficient lipid supplies, which 

is also the reason that adsorption experiments were not performed with (poly)bis-DenPC 

films. 

4.3.l.d. DAPC 

In another section of chapter 3, we showed that the UV photopolymerization of 

DAPC, a diacetylene PC lipid, produced (poly)PSLBs with a relatively high defect 

density after drying, similar to UV(poly)bis-SorbPC. The relative surface coverage of 

RITC-BSA adsorbed on UV(poly)DAPC was 40% (Table 4.1), intermediate between the 

values measured for fused silica and UV(poly)bis-SorbPC. The greater degree of protein 

adsorption relative to UV(poIy)bis-SorbPC may reflect the more hydrophobic nature of 

the DAPC tailgroups relative to those of bis-SorbPC, which contain a ester group near 

their termini. This explanation assumes that the degree of protein adsorption is correlated 

with the hydrophobicity of the defect sites in these PSLBs. Although it is well 

established that protein adsorption is favored at hydrophobic surfaces,the underlying 

mechanism(s) are still poorly understood. 

RITC-BSA adsorption to UV(poly)DAPC was also measured on PSLBs that were 

not dried. In this case, the relative protein surface coverage was 20% (Table 4.1), half of 
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that measured on bilayers that were dried. These results indicate that removing the PSLB 

from water creates structural defects, probably due to desorption of lipid material, that 

strongly adsorb protein. At this time, we can not explain the greater amount adsorbed to 

the non-dried, polymerized DAPC film relative to fluid POPC bilayers. The increase 

may be related to phenomena observed for DenSorbPC films, whereby polymerization 

effects the amount of protein adsorption, possibly through perturbation of headgroup 

orientation. Alternatively, polymerization may result in exposure of the bilayer interior 

along polymer domain boundaries. 

4.3.2. Comparison of Protein Adsorption Isotherms 

RITC-BSA adsorption isotherms were measured on several PSLB and reference 

surfaces at dissolved protein concentrations ranging from nM to |iM. In an effort to 

quantitatively compare the isotherms, the data were fit to one-site and two-site Langmuir 

models (eqs 1 and 2). At the outset, we note the assumptions of the Langmuir model are 

not likely met in these experiments. Specifically, the inherent assumptions that only one 

type of surface site is present, that lateral interactions between adsorbed molecules are 

absent, and that the adsorption process is reversible and measured at equilibrium are 

probably not valid.^°' Therefore, the and Fmax values extracted from fitting the data 

are used here only as empirical parameters to enable apparent binding constants and 

relative binding site densities to be compared. The Langmuir model curve fits for the 

adsorption isotherms are shown in Figure 4.6. 
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Figure 4.6. Langmuir model curve fits to TIRF adsorption isotherms. 
Numerical parameters recovered from the isotherm fits are listed in Table 
4.2 
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Isotherms for RITC-BSA adsorption to an AA monolayer, clean fused silica, 

dried and rehydrated redox(poly)bis-SorbPC and redox(poly)DenSorbPC PSLBs, and a 

POPC PSLB are plotted in Figure 4.7. Adsorption to the AA monolayer rises to an 

asymptote at relatively low dissolved protein concentrations, qualitatively indicative of 

strong binding. The isotherm on fused silica is less steep. Both data sets were fit well 

using a single site Langmuir model (eq 1). Table 4.2 lists the parameters recovered from 

the respective fits: i) The Kg, values were 23 x 10^ and 2.1 x 10^ for the AA monolayer 

and fused silica, respectively, if) The corresponding Fmax values, which represent the 

relative density of binding sites at apparent saturation, were 0.98 and 0.79. These data 

suggest that at a BSA solution concentration of 1 mg/ml, the BSA coverage on fused 

silica surfaces is not at saturation. 

We turn now to a comparison of the redox(poly)bis-SorbPC and POPC data. 

Although when exposed to 1 mg/ml RITC-BSA, the surface coverages on these films are 

equivalent (Table 4.1), the isotherms are clearly different. As the expanded view in 

Figure 4.8 reveals, at dissolved protein concentrations less than 2.5 |j,M, the (poly)PSLB 

adsorbed more protein. The shape of the isotherm more closely resembles that of 

arachidic acid (i.e. comparatively strong binding) than POPC (i.e. weaker binding). 

Fitting the data sets to a one-site Langmuir model produced the following:, i) For POPC, 

the fit was adequate and returned a /Ca of 1.12 x 10^ and a Fmax of 0.10. The latter 

quantity indicates a site density of approximately 10% relative to that of an AA 

monolayer, which is consistent the surface coverage data listed in Table 4.1. ii) In 

contrast, for redox(poly)bis-SorbPC, a one site model produced a relatively poorer fit (R^ 
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Figure 4.7. TIRF isotherms for BSA adsorption on an arachidic 
monolayer(l), a redox(poly)DneSorbPC PSLB(2), clean fused silica(3), a 
redox(poly)bis-SorbPC PSLB (4), and a flud POPC PSLB(5). 
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Table 4.2. Parameters obtained from fitting BSA adsorption data to a single-site 
Langmuir adsorption model. 

Type of Film or 

Reference Surface ^ 

JTa X 10 ® @ f @ 
^ max 

arachidic acid monolayer 23 (± 2.7) 0.991 0.98 (± 0.028) 

fused silica 2.1 (±0.19) 0.996 0.79 (±0.031) 

POPC bilayer, not dried 1.12 (±0.073) 0.998 0.10 (±0.0032) 

redox(poly)bis-SorbPC, 
dried and rehydrated 

29 (± 5.6) 0.969 0.06 (± 0.007) 

UV(poly)bis-SorbPC, not dried 2.0 0.981 0.08 

redox(poly)DenSorbPC, 
dried and rehydrated 

6.3 (± 0.46) 0.997 0.29 (± 0.0065) 

^ UV and redox refer to the method of PSLB polymerization. 
® Values in parentheses are estimated standard deviations obtained from fitting the data. 
Where standard deviations are listed, at least three independent sets of isotherm data were 
measured for that surface. 
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Figure 4.8. Normalized BSA adsorption isotherms, taken from Figure 
4.7 an d plotted on an expanded scale, for redox(poly)bis-SorbPC(circle), 
and fluid POPC bilayer (square). 
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of 0.969) with a iiCa of 2.9 x 10^ and a Fmax of 0.06. Fitting the data to a two-site model 

was statistically better (R^ = 0.997), returning and K^a values of 8 (±2.6) x 10^ and 2 x 

lO' (±1.5) and Fmax values of 0.04 (±0.0068) and 0.02 (±0.0053). 

This analysis suggests that there are at least two classes of RITC-BSA adsorption 

sites on a rehydrated redox(poly)bis-SorbPC PSLB: i) a minor population (about one-

third of the total) of higher affinity sites that dominate the adsorption behavior at low 

protein concentrations, and ii) a larger population (about two-thirds of the total) of lower 

affinity sites, similar in binding strength to those on a POPC PSLB. An adsorption 

isotherm was also measured on a bis-SorbPC PSLB that was polymerized in the TIRF 

flow cell by UV irradiation and thus never dried. In this case, fitting the data to a one-site 

Langmuir model returned a i<Ca of 2.0 x 10^ and a Fmax of 0.08 (R^ = .981). The fit could 

not be improved using a two-site model. These result indicate that the subpopulation of 

higher affinity adsorption sites present on a rehydrated redox(poly)bis-SorbPC PSLB are 

produced when the film is dried. However, regardless of whether the film remains 

hydrated or is dried, the total density of adsorption sites was approximately 6-8% relative 

to that of an A A monolayer, which is consistent the surface coverage data listed in Table 

4.1. 

The probable origin of the higher affinity sites in a dried redox(poly)bis-SorbPC 

PSLB is that unreacted monomers or lower molecular weight polymer fragments are 

desorbed when the film is removed from water, exposing the hydrophobic interior of the 

bilayer. As in all radically initiated chain polymerizations, redox-initiated polymerization 

of bis-SorbPC will generate a polydisperse range of molecular weight fragments. 
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Although evidence from chapter 2 of this report suggests that redox(poly)bis-SorbPC 

behaves as a cross-linked, semi-continuous molecular film, small defects arising from 

desorption of a small number of monomers and/or low weight molecular oligomers 

would likely not be observable by the methods used to interrogate the film structure in 

earlier chapters. In other words, protein adsorption measurements are more sensitive to 

the presence of a small number of physically minute defects than ellipsometry and AFM. 

The isotherm for RITC-BSA adsorption to a redox(poly)DenSorbPC PSLB is also 

plotted in Figure 4.6. With respect to shape, the isotherm is more similar to fused silica 

than to redox(poly)bis-SorbPC. Fitting the data to a one-site model returned a of 6.3 x 

10^ and a Fmax of 0.29. Relative to the adsorption behaviors discussed above, these data 

are indicative of relatively weak binding to a relatively high density of adsorption sites. 

This finding provides additional support for the interpretation of the higher RITC-BSA 

surface coverage on (poly)DenSorbPC relative to (poly)bis-SorbPC (Table 4.1). As 

discussed above, the difference in protein adsorption on these two surfaces is not thought 

to arise from a greater degree of exposure of the hydrophobic bilayer interior of 

(poly)DenSorbPC. If protein adsorption on (poly)DenSorbPC is predominately 

hydrophobically driven, then the isotherm would likely mimic the shape of the isotherm 

on the hydrophobic A A monolayer, albeit with a lower density of sites. Rather, protein 

adsorption on (poly)DenSorbPC more closely mimics the relatively weaker adsorption on 

POPC, although the site density is about five-fold greater. In summary, the comparison 

of isotherms provides additional support for the proposal that cross-linking 



polymerization of the dienoyi groups in DenSorbPC may alter PC headgroup orientation, 

resulting in increased protein adsorption. 

4.3.3. AFM Measurements of Adsorbed BSA 

BSA adsorption to redox(poly)bis-SorbPC and redox(poly)DenSorbPC films was 

also examined by AFM. AFM has been used extensively to image protein films on a 

variety of surfaces, including supported lipid layers.'^' 197,242-244 some cases, 

individual protein molecules have been imaged, providing information on protein 

adsorption behavior, surface structure, and activity [e.g.'^^j. AFM measurements can 

also provide an estimate of surface coverage when the amount of adsorbed protein 

relatively low (i.e. submonolayer).^'*'^ 

In Figure 4.9, 4.10 and 4.11 AFM images and example linescansare shown of 

three surfaces measured before and after a 30 minute incubation in a 1 mg/ml BSA 

solution: a clean Si wafer, a Si wafer coated with a dried redox(poly)bis-SorbPC PSLB, 

and a Si wafer coated with a dried redox(poly)DenSorbPC PSLB respectively. For the 

Si02 surface, a change in surface topography occurred as a result of BSA adsorption. 

The rms roughness increased from 0.10 nm to 0.35 nm, as illustrated by comparing the 

linescans. This result is qualitatively consistent with the high degree of protein 

adsorption to fused silica measured by TIRF (Table 4.1). In contrast, BSA adsorption to 

the redox(poly)bis-SorbPC PSLB produced negligible changes in surface topography and 

rms roughness (the latter increased from 0.125 nm to 0.133 nm). However new surface 

features, presumably BSA molecules, are clearly visible in the post-adsorption image. 



Figure 4.9. AFM images and linescans obtained 
with 1 mg/ml BSA solution. 

on a clean Si wafer before (a) and after (b) incubation 

K) 



Figure 4.10. AFM images and linescans obtained on redox(poly)bis-SorbPC before (a) and 
after (b) incubation with 1 mg/ml BSA solution. 

to 
-ti. 
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Figure 4.11. AFM images and linescans obtained on redox(poly)DenSorbPC before (a) and 
after (b) incubation with 1 mg/ml BSA solution. The inset in (b) is a zoomed image showing 
the adsorbed BSA molecules. 
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These features were widely distributed, making it evident that most of the PSLB surface 

was protein-free. A greater degree of BSA adsorption to redox(poly)DenSorbPC is 

apparent by comparing the last set of images and linescans (Fig. 4.11). The surface 

features were visibly more dense than on the redox(poly)bis-SorbPC PSLB, and the rms 

roughness increased moderately, from 0.15 imi to 0.20 nm. Consistent with the TIRF 

measurements, images of redox(poly)DenSorbPC films that were exposed to BSA before 

drying were comparable in coverage to films that were dried and then exposed to the 

protein solution. 

On both types of PSLBs, the adsorbed proteins appeared randomly distributed. 

The apparent size of the adsorbates was fairly uniform, although a minority was slightly 

larger, both in the substrate plane and normal to the plane. With respect to the smaller, 

more uniform features, it is not clear if these are aggregates of protein molecules or 

possibly individual molecules. However, a "zoomed" image (Figure 4.11 inset) shows 

that many of these features have the shape of a prolate ellipsoid, with apparent lateral 

dimensions of 15-25 nm by 5-15 nm. Thus the aspect ratio is approximately 2 to 1, 

which is similar to the molecular dimensions of BSA (140 A by 40 A).^^' This similarity 

suggests that a significant fraction of the adsorbates imaged on PSLBs are individual 

protein molecules. The discrepancy between the apparent lateral dimensions and the 

known molecular dimensions is due to 'tip broadening' effects. It is well documented 

that lateral resolution in AFM is limited by convolution of the probe tip radius with 

features on the surface of the sample that are smaller than the tip radius. 

Consequently, molecular-scale features are often artificially enlarged. 



To compare and contrast with the TIRF measurements, the surface coverage of 

BSA adsorbed to the PSLB surfaces was estimated using a bearing analysis, which 

provides a histogram of surface feature height or depth. A bearing analysis was not 

performed on the BSA/Si wafer. Simulations with model surfaces and adsorbates have 

shown that protein coverages of greater than 50% cannot be accurately determined by 

AFM due to tip broadening effects.^'*'' Features corresponding to adsorbed protein 

molecules in each image were highlighted by selecting an appropriate threshold height. 

The analysis returned coverages of 1-2% (+/- 0.4%, n = 4)for redox(poly)bis-SorbPC 

and 7-8% (+/- 1.1%, n = 4) for redox(poly)DenSorbPC, expressed as a percentage of the 

total surface area on the respective PSLB. These surface coverages are lower than the 

corresponding estimates obtained from TIRF measurements (see above). 

Several factors probably contributed to this discrepancy: i) In the bearing 

analysis, it is assumed that all adsorbed proteins are detectable as topographic features. 

Since the substrate surface has an inherent, finite roughness, it is impossible to select a 

height threshold that highlights 100% of the protein features and simultaneously rejects 

all of the substrate features. However, the PSLB surfaces examined here were very 

smooth relative to the dimensions of BSA, which provides confidence that the percentage 

of undetected protein was minimal, ii) Tip broadening effects exaggerate the size and 

thus the surface area of a protein feature, iii) For reasons discussed above, when the 

absolute surface coverage is much less than a monolayer, the TIRF method is likely to 

generate an overestimate of relative surface coverage. 
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However, the TIRP and bearing analysis results are in relatively good agreement 

when the ratio of BSA surface coverages on the two types of PSLBs is considered. From 

both methods, a ratio of approximately 0.15-0.22 was obtained for the coverage on 

redox(poly)DenSorbPC relative to the coverage on redox(poly)bis-SorbPC. Thus in 

summary, the discrepancy between the results obtained using AFM and TIRF is 

attributed to systematic differences between the two methods. 

AFM was also used to measure the adsorption of fibrinogen from human serum to 

redox(poly)bis-SorbPC films. Fibrinogen is a large (340 kD) protein that is thought to 

play a central role in the fouling of materials in contact with blood. Figure 4.12 shows an 

AFM image of a dried redox(poly)bis-SorbPC that has been incubated with a Img/ml 

solution of fibrinogen in 50 mM phosphate buffer (pH 7.4). A bearing analysis of these 

films reveals that 2.0 +/- 1.0 % of the surface is covered with protein. On the (poly)bis-

SorbPC surface, the features corresponding to adsorbed fibrinogen are largely globular. 

In contrast, AFM images of adsorbed fibrinogen on Ti02 surfaces has revealed domains 

consistent with known solution protein structure.^"*^' However, many of the reported 

AFM images on both hydrophobic (silicon) and hydrophobic (silicon oxide) surfaces 

depict a similar, globular shape of adsorbed fibrinogen.^'*^' 
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Figure 4.12. AFM image of adsorbed fibrinogen on redox-
(poly)bis-SorbPC film after incubation for 30 minutes in a 
1 mg/ml solution. 
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4.4. CONCLUSIONS 

In chapter 2 of this report, we demonstrated that redox-initiated radical 

polymerization of bis-SorbPC produces a nearly defect-free, cross-linked PSLB. Here 

we have demonstrated that a dried redox(poly)bis-SorbPC bilayer, upon exposure to a 1 

mg/ml BSA solution, exhibits a resistance to nonspecific protein adsorption that is 

equivalent to a fluid POPC PSLB. This finding provides additional support to the 

evidence presented in Chapter 2 showing that the structure of a redox(poly)bis-SorbPC 

PSLB is not compromised upon removal from water or rinsing in surfactant solutions or 

organic solvents, which are conditions that destroy a fluid bilayer. Furthermore, since the 

lipids in a cross-linked bis-SorbPC PSLB are laterally immobile, these results 

demonstrate that fluidity is not required for a PC lipid bilayer to be protein resistant. 

TIRP measurements provide an upper estimate of the amount of BSA adsorbed 

from a 15 )aM solution; for both fluid POPC and redox(poly)bis-SorbPC PSLBs, the 

surface coverage was approximately 6% of a monolayer. The protein resistance of 

redox(poly)bis-SorbPC compares favorably to published data on protein adsorption to 

PC-functionalized thin films. Murphy et al." measured BSA adsorption on polymer 

films with incorporated PC groups. Adsorption from solutions that were 0.05 and 2 g/L 

in dissolved protein produced coverages of 20% and 36%, respectively, relative to the 

coverages measured on clean SiOj. Subsequent work with PC-bearing organic 

monolayers generated similar results.^^^ Whitesides and coworkers examined protein 

adsorption to PC-terminated SAMs on Au.® At dissolved protein concentrations of 1 

mg/ml, they measured surface coverages of 32% and 9% for fibrinogen and lysozyme. 
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respectively, relative to the amounts of these proteins adsorbed on a methyl-terminated 

SAM. 

Relative to redox(poly)bis-SorbPC, the protein resistance of other types of 

(poly)PSLBs was weaker. Specifically, PSLBs polymerized under different conditions or 

formed from different monomers contained a significant density of structural defects that 

resulted in a greater degree of protein adsorption. (This includes (poly)DAPC which 

historically has been considered to be a "biocompatible" material).^'^ However, 

regardless of monomer type or polymerization method, all of the (poly)PSLB films 

examined here exhibited some degree of protein resistance relative to a hydrophobic AA 

monolayer and a clean SiOa surface. This observation is consistent with numerous 

studies showing that the PC moiety resists irreversible protein adsorption. 

In conclusion, the results suggest that with further development, redox(poly)bis-

SorbPC PSLBs may be useful as transducer coatings in receptor-based biosensors, for the 

following reasons; i) Based on their observed protein resistance, they may be resistant to 

"biofouling" in complex biological matrices, ii) They are highly stable structures, which 

may allow rinsing, regeneration, and/or reuse under conditions that would compromise a 

fluid bilayer (e.g. surfactant washing), in) A (poly)lipid bilayer formed from bis-SorbPC 

may prove to be a suitable architecture for reconstitution and stabilization of 

transmembrane protein receptors. 
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CHAPTER 5. PATTERNED PROTEIN FILMS ON REDOX(POLY)-bIS-SORBPC 

FILMS BY MICROCONTACT PRINTING. 

5.1. INTRODUCTION 

The technology to fabricate spatially addressable, planar arrays of biomolecules is 

being developed in numerous laboratories, based on projected applications for these 

arrays in rapid screening assays and multianalyte biosensors. Surface immobilized 

antibodies and enzymes can frequently retain specific bioaffinity interactions for 

particular antigens and substrates, and are the basis of widely used immunological assays. 

Several methods to pattern proteins have been reported, among them photolithographic 

activation of surface groups that promote protein adhesion. More recently, micro-contact 

printing (|uCP) approaches, frequently called soft lithography, which are more convenient 

and accessible to more researchers, have been developed.^^^ Boxer and coworkers have 

pioneered development of methods to generate micropattemed fluid lipid bilayers.^^^' 

Based on their work, the potential for creating arrays of membrane-associated receptors 

at a biocompatible surface which mimics many of the properties of a native cell 

membrane is clear. The purpose of this chapter is to report efforts to form micro-

patterned arrays on/in stabilized lipid bilayers. Three approaches for patterning proteins 

films are taken: a) patterned protein molecules deposited on a uniformly polymerized 

lipid bilayer; b) patterned polymerized domains of lipids as a potential method to create 

regions suitable for the assembly of fluid arrays of lipids; and c) patterned lipids 

deposited on polymerized lipid bilayers by contact printing. All are based on pCP 

methods. 
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Originally, |aCP was developed for the patterned deposition of SAM films on gold 

by Whitesides and coworkersThe process is very simple; an elastomeric stamp 

typically composed of polydimethylsiloxane (PDMS) is cured on photolithographically 

manufactured silicon masters bearing sub-micron relief patterns. The stamp is 'inked' 

with an organic solution containing alkanethiols and brought into conformal contact with 

the substrate, which results in the rapid transfer and assembly of highly ordered 

alkanethiol SAM films?^® In most reports of patterning proteins with fiCP, the substrate 

surface chemistry has been modified to promote protein adsorption in certain substrate 

regions and disfavor it in others. For example, Lopez et al. patterned SAM films with 

poly(ethylene glycol)(PEG) and methyl-terminated molecules, resulting in protein 

adsorption to the methyl terminated regions. Inglis et al. demonstrated that polymer 

surfaces can be modified in a similar fashion when they showed that regions of 

polystyrene (a hydrophobic surface to which proteins readily adsorb) can be printed with 

adsorption resistant poly(lactic acid)-poly(ethylene glycol), resulting in patterned protein 

* 258 adsorption. 

One of the simplest protein patterning approaches involves the direct transfer of 

an adsorbed protein layer from a PDMS stamp by conformal contact to a target substrate. 

In a sense, the adsorbed proteins serves as the 'ink', akin to methodology with alkanethiol 

molecules, by forming a monolayer on the highly hydrophobic PDMS surface that can be 

efficiently transferred to target substrates. Protein films have been deposited in features 

as small as 500 nm. The size of the printed molecule domain is limited by the size of 

the features on the stamp. Very small features (nm scale) require both greater polymer 
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hardness and compressibihty demands than larger features and polymer modification and 

development is the subject of ongoing research. New elastomeric polymer compositions 

9sq 
have been reported that can accurately produce features as small as 100 nm. 

Protein transfer by )j,CP has been demonstrated to occur on a number of substrates 

including oxides and metals?"*^ The non-covalent forces responsible for protein transfer 

during stamping are largely unknown, however a recent study by Tan al.^®° has 

demonstrated that substrate wettability is a crucial aspect in protein transfer from stamp 

to substrate and that proteins will selectively transfer to regions of increased wettability 

in patterned SAM films. Surprisingly, this study demonstrated that there is an inverse 

correlation between surfaces that readily adsorb proteins from solution and surfaces that 

are amenable to printing of proteins. Proteins do not print from PDMS to highly 

hydrophobic surfaces that strongly adsorb most solution phase proteins, whereas more 

hydrophilic substrates such as glass and OH terminated SAMs, which generally adsorb 

solution proteins less strongly, are readily printed with proteins. This observation was 

also noted by Williams and coworkers who independently demonstrated that proteins 

can be printed to dried PEG functionalized films, a chemical moiety known for its 

inertness to protein adsorption when hydrated. However, rinsing with a surfactant 

solution resulted in quantitative loss of the physisorbed protein. 

The use of protein adsorption resistant substrates for the immobilization of 

patterned proteins is of interest in sensor coating applications due to the potential to 

minimize false signals from the adsorption of non-target proteins, and to prevent fouling 

of the sensor surface. The results by Tan et and Patel et al.^^\ suggest that protein 
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transfer from PDMS should occur to the dried redox(poly)bis-SorbPC films described in 

Chapter 2, due to their relatively high wettability. The structure of PEG films and the 

poly-lipidPC films described in this work are obviously quite different. For example, the 

hydrated component of the lipid polymer films is much smaller than in PEG. The 

question remains then, if proteins do transfer by PDMS stamping, whether they would be 

stable to rinses, or like proteins printed on PEG, rinse away from the film. This is 

investigated in section 5.3. 

Boxer and coworkers have demonstrated several methods to create spatially 

separated domains of fluid lipid bilayers. One approach involves patterned modification 

of substrates that eliminate lipid lateral diffusion, thus 'corralling' fluid domains.^^^ 

Another approach involves the use of )j.CP methodology to selectively desorb regions of a 

253 uniform planar bilayer. The remaining lipid bilayer regions remain separated because 

they undergo limited lateral expansion. Bilayers assembled by vesicle fusion on plasma 

oxidized PDMS stamps can also be transferred to glass substrates. Manipulation of fluid 

lipid bilayers by |j,CP methods is rather surprising given the fragility of the lamellar 

structure. A recent paper by Hovis et al. discusses the empirical parameters that affect 

lipid transfer.^^^ 

The approaches described by Boxer and coworkers could potentially be used to 

pattern stabilized lipid bilayers through the polymerization of patterned fluid lipid 

domains composed of appropriate reactive lipids. Fluid lipid regions could then be 

formed by vesicle fusion to the blank, or 'corral', regions of substrate between the lipid 

polymer domains. Due to the non-specific protein adsorption resistance of the fluid and 
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poly-lipid bilayers, proteins could be selectively immobilized through specific 

interactions with functionalized lipids doped in the fluid lipid domains. The use of 

specifically tethered proteins may provide some control over protein orientation which 

may increase interaction with soluble analytes and decrease substrate induced 

denaturation relative to direct protein transfer from PDMS. 

In this chapter, preliminary results are presented for several patterning approaches 

involving polymerized lipid films. The majority of the chapter focuses on ^CP 

approaches to pattern (poly)bis-SorbPC films with proteins or functionalized lipids. 

Patterned proteins can be immobilized to polymer lipid films via transfer from inked 

PDMS stamps, and through adsorption to lipo-polymer regions affected by PDMS stamp 

contact, resulting in well-defined, uniform patterned protein domains. Transfer of a dye 

functionalized lipid from PDMS stamps to (poly)bis-SorbPC films, described in section 

5.3.3, is more problematic and results in relatively poor patterns compared to protein 

transfer. Finally, attempts at creating patterned lipid polymer domains via |j,CP are 

reported. 
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5.2. MATERIALS AND METHODS 

All materials used to fabricate and polymerize lipid films are identical to those 

used in previous chapters. Phosphatidyl-ethanolamine labeled with lissamine rhodamine 

B (Rh-DOPE), and phosphatidyl-ethanolamine labeled with biotin (Bi-DOPE) were 

purchased from Avanti Polar Lipids and used without further purification (see 

http://www.avantilipids.com for structures). BSA (A 3803), BSA labeled with biotin (Bi-

BSA) and rhodamine isothiocyanate labeled-BSA (RITC-BSA) were purchased from 

Sigma and used as received. The RITC/BSA labeling ratio was between 1.1 and 1.4 

(mol/mol). Proteins were dissolved in 50 mM phosphate buffer, pH 7.4, prepared using 

water obtained from a Barnstead Nanopure system. 

5.2.1. (poly)bis-SorbPC films. The procedures used for the self-assembly by vesicle 

fusion and polymerization of bis-SorbPC bilayers via redox initiated radical 

polymerization were discussed in Chapter 2 and are applied here identically. 

5.2.2. PDMS inking and stamping. Polydimethylsiloxane stamps were fabricated using 

Sylgard 182 or 184 (Dow Corning) as directed by the manufacturer. Stamps used to 

create patterns were formed on a silicon master provided by Dr. Neal Armstrong 

(Department of Chemistry, University of Arizona) to produce stamps with 10 micron 

wide line features separated by 15 microns. Featureless stamps were created by curing 

the polymer in the lid of a coplin jar and using the side of the resulting stamp that was 

cured in contact with air. The stamps were cured for 2 hours at 100 degrees C in an 
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atmospheric oven. The patterned region of the stamp was approximately 1 cm . Excess 

PDMS was removed with a razor blade and the stamp was epoxied to a SEM stub and 

allowed to cure overnight. Stamps in all experiments were rinsed with ethanol and water 

extensively (>50 ml from rinse bottle in a direct stream) before use. In some 

experiments, stamps were made hydrophilic through surface oxidation of PDMS, carried 

out using a plasma cleaner (Harrick Scientific) under high power for 15-60 s. A small 

amount of air was leaked into the chamber throughout the plasma treatment. The kept the 

plasma supplied with oxygen, which could be observed by the plasma color (the plasma 

changes from pink to pale blue in the absence of oxygen.) 

Stamps used in protein inking/transferring experiments were incubated for 10 

minutes with a 1 mg/ml solution of protein dissolved in 10 mM phosphate buffer, pH 7.4, 

followed by brief rinsing (approximately 100 ml with a directed stream) with buffer and 

deionized water (described in section 2.2.1), before being dried with nitrogen briefly (1 

second direct stream) and used immediately. Stamps were brought into contact with 

(poly)bis-SorbPC films so that conformal contact (requiring light pressure by hand) was 

made either in air or under water for 5 seconds. After stamping, the lipid films were 

rinsed with water and dried with nitrogen before analysis. The stamping procedures for 

experiments with 'non-inked' PDMS stamps were the same as above. In experiments 

where (poly)bis-SorbPC films were exposed to protein from solution after PDMS 

stamping, films were exposed for 30 minutes to 1 mg/ml solution of either rhodamine 

labeled BSA or rhodamine labeled avidin, followed by a brief rinse with deionized water. 



5.2.3. Lipid inked PDMS stamps. In experiments where the PDMS stamp was inked 

with hpid, low concentration (10 |ag/ml) solutions of the inking lipid were created in 

ethanol. This solution was used to wet the end of cotton swab, which was applied to the 

PDMS stamp in a light rolling fashion to facilitate rapid evaporation of the ethanol 

solution. Stamps were brought into contact with the polymer films as described above. 

5.2.4. Atomic force microscopy. Atomic force microscopy was performed in tapping 

mode on a Digital Instruments Nanoscope III with silicon oxide tips (Digital) tuned 

between 300 and 400 kHz in air. A minimum of three separate samples for each type of 

PSLB and reference surface were prepared and imaged; for each sample, images were 

acquired at several different locations on each substrate. The images and linescans 

presented are typical and representative of the measurements on the respective samples. 

Bearing analysis, which provides a surface height histogram, was performed using 

Digital Instruments software to estimate adsorbed BSA surface coverage on PSLB films. 

For images larger than 100 |am , a j-head scanner was used in place of the e-head used in 

previous chapters. 

5.2.5. Fluorescence imaging. Epifluorescence images were acquired on fluorescently 

doped films with a Nikon Diaphot inverted microscope using commercially available 

filter blocks and a Hg lamp apparatus (Nikon), [described in Phimphivong, S.; Kolchens, 

S.; Edmiston, P. L.; Saavedra, S. S. Anal Chem. Acta. 1995, 307, 403-417.] 

Fluorescence images were collected with a 20X objective and focused onto a liquid 
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nitrogen cooled CCD camera (Photometries). Full chip images (512 by 512 pixels) were 

integrated for 0.5 to 5 seconds. Pixel counts in the most highly fluorescent regions were 

typically between 5-14 x 10^. The images were converted to byte format and saved as tiff 

files. Fluorescence intensity profiles were extracted from images for comparison 

purposes. 
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5.3 RESULTS AND DISCUSSION 

5.3.1. BSA transfer from PDMS to redox(poly)bis-SorbPC films 

The hydration state of the poly-bis-SorbPC film, PDMS stamp, and protein 

adsorbed to the stamp by inking, has a significant effect on the transfer efficiency during 

printing of PDMS adsorbed BSA. Figure 5.1a and b show atomic force microscopy 

images of BSA printed in air and under water on poly-bis-SorbPC films respectively. 

The AFM images clearly indicate that more protein is transferred to the dried bis-SorbPC 

film than to hydrated films. A uniform BSA layer is transferred in air that is sufficiently 

dense that imaging of individual BSA molecules or aggregates is not possible. Linescans 

(Figure 5.1c) of the dry transferred films indicate that the protein layer is between 1.5 and 

2.5 nm thick. Conversely, features with dimensions similar to those observed for solution 

adsorbed BSA molecules (see section 4.3.3) are resolved on the films printed underwater. 

A bearing analysis performed in the printed region of the image in Figure 5.1b returns 

coverage values between 13-15 %. This can be compared to the <2% coverage for BSA 

adsorption from solution to redox(poly)bis-SorbPC films as measured by bearing analysis 

of AFM images. 

Fluorescence microscopy was also used to examine the relative amount of BSA 

transferred in air versus water. The experiments were repeated by printing rhodamine 

labeled BSA on (poly)bis-SorbPC films supported on fused silica surface to collect 

fluorescence intensity measurements. The intensity profiles for RITC-BSA printed on 

dry and hydrated poly-bis-SorbPC films are shown in Figure 5.2. The profiles are 

normalized to the background fluorescence intensity to account for variances in lamp 
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Figure 5.1. AFM images of BSA printed on a) a dry 
redox(poly)bis-SorbPC films and b) a hydrated 
redox(poly)bis-SorbPC films. 
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Figure 5.2. Background normalized intensity profiles from fluorescent images of RITC-
BSA stamped to dry and hydrated redox(poly)bis-SorbPC films. 
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output and optical collection efficiency. On average, the intensity for the dry stamped 

film is about 10 times greater relative to background than the wet stamped film. If it is 

assumed that the bearing analysis of the wet stamped image (Figure 5.1b) is accurate 

(approx. 13-15% coverage), then these values suggest that the coverage in printed areas 

of the dry stamped films represents approximately monolayer or greater coverage. 

In the AFM images of both the dry and wet stamped protein patterns, the area 

between the transferred protein lines is apparently void of proteins. This suggests that the 

protein does not significantly laterally diffuse during the water rinsing prior to imaging 

which involves flow from a directed stream of around 100 ml. Further experiments are 

required to ascertain that nature of the interaction between the polymer film and stamped 

protein, particularly the use of electrolyte solutions to examine contributions by 

electrostatic forces. 

When the BSA printed to dried poly-bis-SorbPC films is soaked with 2% Triton 

X-100 solution, a significant decrease in the protein coverage is observed, however a 

finite amount of BSA can still be observed in AFM images. Figure 5.3 shows a region of 

transferred protein that remains after a 15 minute surfactant soak. Individual features, 

presumably proteins, can be discerned. Using a bearing analysis, it is estimated that 20% 

of the film is covered with BSA in the printed regions. Fluorescence measurements on 

RITC-BSA printed films that have been surfactant soaked indicate a decrease to about 

approximately 30 % of the original value. (Figure 5.4) The decrease in intensity is less 

than would be predicted from the AFM results and may result from standard deviation 

between different samples. The discrepancy may also be affected by error associated 
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Figure 5.3. AFM image of the remaining protein on a redox(poly)-
bis-SorbPC film stamped with BSA in air (Figure 5.1a) after rinsing 
with Triton X-100 for 15 minutes. 
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Figure 5.4. Intensity profile of fluoresence images of RITC-
BSA printed to dry redox(poly)bis-SorbPC films before and 
after 15 min surfactant rinse. 
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with the different analytical methods, including problems with artificially low 

fluorescence at high surface coverage resulting from self-quenching as discussed in 

Chapter 4. 

The fact that more BSA is transferred during dry stamping is not surprising; it is 

suspected that the protein adsorption resistance of PC bilayers may be related to water 

molecules associated with the lipid headgroup. It is likely that hydration of polar 

functionalities in the proteins and polymer film reduces dipolar interactions during wet 

stamping. The fact that transfer occurs at all to hydrated films may indicate that by 

applying pressure, the BSA molecules are forced to disrupt or displace the headgroup-

associated water molecules and thus breach the headgroup region and interact with the 

non-polar region of the film. 

Among the factors likely to influence protein transfer during wet stamping are 

the duration of conformal contact, pressure at which the stamp is in contact with the 

films, the condition of the PDMS stamp (PDMS can be made hydrophilic by air plasma 

treatment), and obviously, the species and amount of protein adsorbed to the PDMS 

stamp. Further experiments are required to establish the relationship between these 

factors and protein transfer. Manipulation of these factors may allow control over the 

density of transferred proteins 

To the author's knowledge, this is the first demonstration that printed proteins can 

be transferred to a hydrated protein adsorption resistant substrate. Although reports of 

printing to dried PEG supports exist, examples of printing to hydrated PEG films were 

not included in the reports. Williams and coworkers^^^ demonstrated avidin molecules 
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can be printed to dried PEG assemblies with a transfer efficiency approximated at 50%. 

Upon rinsing the surface with surfactant solution (sodium dodecyl sulfate) however, 

quantitative loss of surface bound protein was observed. The persistence of the protein 

on the bis-SorbPC films after surfactant rinses may be related to differences in the 

proteins used, BSA versus avidin, or it may be related to structural differences in the two 

adsorption resistant moieties (PEG vs. PC); the PEG films investigated with stamping 

have a significantly larger hydrated volume, and even when dehydrated, may prevent 

proteins from interacting with the substrate or the hydrophobic portions of the SAM 

molecules during stamping. 

Although some of the adsorbed proteins from |a,CP likely retain bioactivity, the 

method is clearly inefficient since a significant fraction of the adsorbed proteins are likely 

to be inactivated due to incorrect molecular orientation and/or surface-induced 

denaturation. One method to yield patterned proteins with favorable orientation and 

minimal surface interaction would be to immobilize proteins by specific interaction with 

surface bound ligands. A schematic of this approach using |j,CP in conjunction with 

redox(poly)bis-SorbPC films to pattern ligand bearing proteins to which solution proteins 

specifically bind is shown in Figure 5.5a. BI-BSA (biotinylated BSA) was stamped on 

(poly)bis-SorbPC films in air under identical conditions as above, the film was then 

incubated with 1 mg/ml RITC-avidin solutions for 30 minutes. The fluorescence image 

in Figure 5.5b shows that RITC-avidin preferentially binds to regions of the polymer film 

that have been printed with BI-BSA (biotinylated BSA). In comparison, glass substrates 

printed with BI-BSA and incubated with RITC-avidin solution resulted in poorly 
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resolved patterns due to the high degree of non-specific binding to bare silicon oxide 

surfaces (Figure 5.6). These experiments illustrate two concepts: i) appropriately labeled 

proteins stamped to the polymer film can present ligands accessible to dissolved proteins, 

and ii) that the non-specific adsorption resistance of the poly(lipid) in regions not printed 

is retained after the stamping procedure. The potential to assemble patterned protein 

architectures separated by adsorption resistant regions using biotin-streptavidin 

complexes is clear and illustrated in Figure 5.7. 

5.3.2. BSA Adsorption to PDMS stamped redox(poIy)bis-SorbPC films 

As discussed in the last section, protein transfer from the PDMS stamp to 

redox(poly)bis-SorbPC films may involve the perturbation of the lipid headgroups or 

water associated with them. To address the question of whether PDMS contact in the 

absence of protein affects the resistance of (poly)bis-SorbPC films resistance to non

specific protein adsorption from solution, RITC-BSA adsorption experiments were 

performed on poly-lipid films after PDMS printing with non-inked stamps. After a 30 

minute incubation with 1 mg/ml solution of RITC-BSA, (poly)bis-SorbPC films that had 

been contacted with non-inked PDMS stamps were investigated with fluorescence 

microscopy. 

RITC-BSA was found to adsorb to areas of redox(poly)bis-SorbPC films that 

were brought in contact with hydrophobic non-inked PDMS. Figure 5.8 shows the 

intensity profile for the fluorescence image compared to the intensity profile for RITC-

BSA transferred in air from PDMS to (poly)bis-SorbPC films (section 5.3.1). The 



Figure 5.6. Fluorescence image of rhodamine-avidin 
adsorbed from solution to a quartz slide with mCP biotin-
BSA pattern. The syringe scratch removes most of the 
adsorbed protein and demonstrates the lack of contrast 
between printed and non-printed areas of the substrate 
resulting from significant protein adsorption to non-printed 
areas. 
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biotin-labeled protein streptavidin 

Figure 5.7. Drawing illustrating the potential thin film 
architectures possible through |aCP'ing proteins on bis-SorbPC 
films. Using conventional biotin-aviding interactions, the activity 
of the outer layer of proteins may be increased through the 
reduction of surface interactions relative to printed proteins. 
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Figure 5.8 Intensity profile of a fluorescence image of rhodamine 
labeled avidin adsorbed from solution to a redox(poly)bis-SorbPC film 
after 'printing with an uninked PDMS stamp in air. The profile is compared 
to the profile from fluorescence images of Rh-avidin printed to the polymer 
films directly. (Figure 5.2) 
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relative amount of RITC-BSA adsorbed after non-inked stamping was approximately 

37% relative to dry stamp transferred films. Interestingly, only about 50% of the RITC-

BSA was removed upon a 15 min surfactant soak (Triton X-100, 2%), compared to 70% 

for stamp transferred films. 

Among the possible explanations for the BSA adsorption to PDMS contacted film 

regions is the damage/perturbation of film structure, loss of lipid material, or 

deposition/transfer of PDMS material from the stamp. Atomic force microscopy images 

of films stamped with non-inked PDMS stamps do not conclusively reveal any changes 

to film structure or reveal features that might correspond to PDMS debris. Occasionally, 

extremely faint contrast could be seen between stamped and non-stamped regions when 

the pressure applied to the stamp was increased, as shown in Figure 5.9, but most often, 

the films were indistinguishable to non-stamped polymer films. To examine whether the 

perturbation that affects the poly-lipid film's adsorption resistance could be reversed by 

extended water incubation, films were stamped and were stored in water overnight 

(approximately 16 hours), and then incubated with RITC-BSA. These films did not 

appear to "recover" their adsorption resistance, that is, the fluorescence images of 

adsorbed RITC-BSA to these films appeared to have comparable contrast to those shown 

in Figure 5.8, however they were not compared quantitatively. 

Beebe and coworkers have reported that the PDMS packing material used in the 

package shipping of AFM tips can contaminate the probes with silicon oil^^^. Very 

recently, Kasemo and coworkers have investigated the transfer of silicone during jj.CP^^'^. 

To test whether this PDMS contact may contaminate poly-lipid films, low incident angle 
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Figure 5.9. AFM image of a redox(poly)bis-SorbPC film after contact 
with an im-inked PDMS stamp. Very faint contrast in the image can be 
seen in the pattern of the 10 mm stamp features when the contrast in the 
image is maximized through software enhancement. The lines run 
diagonally upper right to lower left in this image. The image also contains 
piezo scanner motion artifacts which give it an undulating appearance. 



XPS spectra were taken on (poly)bis-SorbPC films that were briefly (5 seconds) 

contacted with featureless PDMS stamps. Spectra were collected by Dr. Ken Nebesny at 

the University of Arizona with a Kratos Axis-Ultra X-ray photoelectron spectrometer 

equipped with a monochromatic A1K® source at 1486.6 eV. Spectra were taken at low 

incident angle (approximately 10 to 20 degrees) to minimize contribution from the 

silicon-based substrate. The XPS spectra indicate a slight increase in the Siap peak on 

stamped (poly)bis-SorbPC films relative to standard, unstamped films (data not shown), 

which suggests some PDMS contamination, however this increase was not quantitated. 

All PDMS stamps were sonicated in ethanol then rinsed in deionized water before use to 

minimize residual oils, however, the efficacy of this process is not known. 

Adsorption to the PDMS contacted regions is significantly reduced if i.) contact is 

made on redox(poly)bis-SorbPC films underwater with hydrophobic PDMS stamps or ii.) 

the PDMS stamps are oxidized by air plasma treatment. Fluorescent images of polymer 

films contacted with hydrophobic PDMS under water show barely discernable lines after 

incubation with RITC-BSA. A fluorescence intensity profile is shown in Figure 5.10a. It 

is worth noting qualitatively that hydrophobic PDMS contact with poly-lipid films in air 

result in the stamp adhering to the lipid film and substrate with sufficient strength to 

necessitate pulling the substrate off of the stamp with tweezers (for example). PDMS 

stamps brought into contact with lipid films and substrates underwater did not adhere. 

Furthermore, plasma treated PDMS stamps do not adhere to films, even when contacted 

in air. A fluorescence image of a redox(poly)bis-SorbPC films exposed to RITC-BSA 

after being conformally stamped in air with a non-inked, plasma treated PDMS stamp is 
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FigureS.lO. a) Fluorescence intensity profile for adsorbed RITC-BSA 
to redox(poly)bis-SorbpC film stamped with a non-inked hydrophobic 
PDMS stamp underwateer, and b) fluorescence image of adsorbed RITC-
BSA to a redox(poly)bis-SorbPC film stamped with a plasma 
oxidized PDMS (non-inked) stamp in air. 
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shown in Figure 10b. Over a vast majority (est. >99%) of the surface, no patterned 

adsorption could be observed. In a few areas on the 1 cm^ test area, regions with faint 

stamp patterns could be observed. This inhomogeneity may occur as a result of a non-

uniformly flat PDMS stamps causing localized regions of higher pressure during 

stamping, localized regions of destabilized PDMS from the plasma treatment that 

contaminates the film, or regions of lesser film quality prior to stamping, although the 

evidence does not support a definitive argument. However it is clear that over the vast 

majority of the film surface, no increased adsorption resulted from stamp contact. This 

indicates that mechanical pressure (at the pressures used in this study) likely does not 

cause significant non-reversible conformational changes in the film that increase protein 

adsorption. In conclusion, the author speculates that the factor that contributes the 

greatest to the observed protein adsorption increase after PDMS contact is contamination 

from the hydrophobic contaminants such as silicon oil. Transfer of such material would 

be retarded in water or if the surface of the PDMS was oxidized. Further experiments are 

necessary to determine whether it is possible to remove PDMS transferred contaminants 

from the stable poly-lipid films through rinses with appropriate organic solvents or 

surfactants to restore the film's protein adsorption resistance. 

5.3.3. PDMS transfer of lipid molecules to redox(poly)bis-SorbPC films 

I^CP was originally developed for site-directed delivery of relatively small 

alkanethiol molecules that were immobilized to appropriate substrates through covalent 

bonds. In this section, initial experiments investigating the transfer of PDMS adsorbed 
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lipid molecules to (poly)bis-SorbPC films is reported. The basic premise is that stamp 

transferred amphiphiles may potentially insert and anchor their hydrophobic tails into the 

(poly)-lipid structure when the ensemble is hydrated. The motivation is the patterned 

fimctionalization of the (poly)-lipid films with ligand functionalities that react with target 

biomolecules. A ligand-modified protein pattern formed on the (poly)-lipid films, as 

described above, is one approach to a similar end. However, the use of proteins may be 

problematic in some applications due to potential interactions with target molecules 

through charged or hydrophobic protein domains. 

Stamps were 'inked' with Rh-DOPE lipid, and brought into brief contact (approx. 

5 sec.) with redox(poly)bis-SorbPC films. The films were then immersed in deionized 

water briefly (approx. 30 sec.) before being dried with a stream of nitrogen. Figure 5.11a 

and b show two example fluorescent images of the resulting films. The film in Figure 

5. lib is significantly more uniform, and resulted from decreasing the concentration of the 

inking solution 100 fold, from approximately 10 ^ig/ml to 0.1|ag/ml while increasing the 

number of inking and drying application steps with the cotton swab from around 5 to 

approximately 20 or more. A close examination of the image indicates that the lipid is 

still non-uniform with small spots of varied fluorescence intensity. The differences in the 

images resulting from a change in the stamp inking procedures suggests that uniformity 

of the transferred lipid on the polymer films depends upon the uniformity of the lipid on 

PDMS prior to stamping. The well-defined spots visible on the film in Figure 5.11a 

would suggest that the lipid was regionally concentrated on the surface of the stamp from 

the evaporation of small drops of the deposition solvent. 



Figure 5.11. Fluorescence image of rhodamine-DOPE transferred to redox(poly)bis-SorbPC films from 
PDMS stamps inked with concentrations of a) 10 p,g/ml and b) 0.1 |J.g/ml (lipid/ethanol). 
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Stamping Au substrates with alkanethiols result in well ordered, spatially defined 

patterns due to the 'autophobicity' of the monolayer films That is, the alkanethiol 

SAM film rapidly formed during the printing process is not wetted by the alkanethiols in 

the stamp reservoir, which would result in degradation of the SAM pattern if excess 

molecules were transferred to the substrate. It is unlikely that RITC-DOPE diffuses into 

the PDMS stamp, more likely it is localized on the surface due either to its polar 

headgroup, or prohibitive size relative to linear alkanethiol molecules. Therefore, the 

transfer process of lipids is more akin to protein printing than traditionally |iCP of 

alkanethiols. Consequently, one of the key steps in the optimization of this process will 

likely involve the stamp inking process. Evaporation of a carrier solvent may not be the 

best approach for the uniform deposition of lipid molecules on PDMS. Another approach 

that should be investigated is the Langmuir Blodgett deposition of molecules on 

hydrophobic or hydrophilic PDMS stamps. Other issues that must be considered in the 

development of this approach are: i) determination of whether transferred amphiphiles 

insert into the poly-lipid film; this may be investigated with the appropriate use of 

amphiphiles containing environmentally sensitive fiuorophores in the hydrophobic 

portion of the molecule, ii) the use of single chain amphiphiles which may insert into 

cross-linked poly-lipid films more readily than dual chain amphiphiles, iii) the lateral 

mobility of transferred species on/in the poly-lipid film during or after the initial 

hydration step which may affect the resolution or preservation of the patterned film. 
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5.3.4. Patterning of poly lipid structures by PDMS stamping 

As discussed in section 5.1, Boxer and coworkers have demonstrated that fluid 

lipid bilayers can be patterned via PDMS stamping methods. The two methods that have 

been emulated here with polymerizable lipids to create patterned stabilized bilayers 

structures are depicted in Figure 5.12. Fluid lipid bilayers of bis-SorbPC17,17 were 

assembled on oxidized silicon wafers in deionized water. PDMS stamps were brought 

into contact with the fluid lipid films underwater, removed, and the resulting lipid film 

was polymerized by UV irradiation (Figure 5.12a). Although UV polymerization results 

in sub-optimal poly-lipid films (see chapter 2), it was used in these preliminary 

experiments due to its relative ease compared to redox polymerization. An AFM image 

of the patterned poly-lipid film is shown in Figure 5.13. The region where stamp contact 

was made is largely devoid of lipid structures. The stamp pattern is not perfectly 

reproduced; systematic thin lines of lipid polymer next to the larger domains most likely 

resulted from the stamp slipping on the substrate during lipid removal, and small domains 

of lipid can be observed in the stamped region. It should be noted that this particular film 

was stamped at a high pressure, beyond the required force to achieve conformal contact. 

Unfortunately, all subsequent attempts to use redox-initiated polymerization after 

stamping failed to produce comparable patterning to that in Figure 5.13. Figure 5.14 

shows AFM images from various efforts to reproduce the patterning. Typically, the 

images indicate that some lipid has been removed, and have holes, or gaps in the film 

where the PDMS stamp made contact. 
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Figure 5.13. AFM image of UV-polymerized bis-SorbPC 
domains patterned by PDMS stamp contact to the unpolymerized 
bilayer. 
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Figure 5.14. Representative AFM image of attempts to 
pattern redox-(poly)bis-SorbPC films by PDMS stamping with 
uninked stamps prior to polymerization. Typically, little lipid 
was removed and contrast in the image is due to the defective film 
structure in the stamped region 
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A nvimber of conditions were varied to reproduce the effective lipid removal 

observed in Figure 5.13. These include the stamp application pressure and stamp contact 

duration, and performing the stamping process in pH 7.4 10 mM containing lOOmM 

NaCl Tris buffer, all of which affects the efficacy of the stamping process according to 

Hovis et al.^^^ It was also reported that switching the PDMS stamp precurser kit from 

Sylgard 184 to 182 (both from DuPont; Sylgard 182 does not continue to cure or harden 

over time at room temperature) increased the probability of lipid transfer. This was tried, 

but had no apparent effect on the transfer of bis-SorbPC lipids. 

One variable that could not be manipulated and was reported to affect lipid 

transfer from substrate to stamp is the size and shape of the features on the stamp. Hovis 

et al.^^^ reported that large features separated by small features transferred better than 

small features, and that checkerboard patterns worked better than the continuous design 

employed here. The stamp used in their work featured 100 |Lim squares separated by 10 

)am charmels. They reported successful lipid transfer approximately 80% of the time with 

around 80 to 95% of the lipid transferred. Further experiments with alternate stamp 

designs need to be performed to ascertain the effect that this variable has on lipid transfer. 

Lipid transfer is poorly understood, and relies on a 'delicate balance of shifting forces' 

(Dr. Stephen Boxer, Stanford University). An increase in the boundary regions (interface 

between transferred and remaining lipid bilayer where lipid rearrangement must occur to 

avoid water interaction with the exposed bilayer interior) caused by closely spaced small 

features on the stamp may negatively affect the probability of lipid transfer. 
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Attempts were also made to pattern films by the polymerization of lipid domains 

transferred to oxidized silicon from patterned PDMS stamps (Figure 5.12b). This process 

differs from the lipid removal stamping procedure described above in that no new lipid 

bilayer borders are created upon transfer. Figure 5.15 shows an AFM image of strips of 

redox polymerized domains resulting from this procedure; lipid structures that accurately 

reproduced the stamp pattern were not observed. To examine whether any lipid material 

was transferred in this process, fluorescence microscopy was used to observe 

fluorescently doped (1%) bis-SorbPC lipid mixtures that were stamped as described 

above. Several attempts revealed discernable fluorescent patterns of transferred, 

unpolymerized lipid domains consistent with the stamp design, however AFM images of 

the polymerized structures did not reveal the expected patterned structures. This 

indicates that although some lipid transfer occurred, polymerization did not stabilize the 

transferred lipid structure. Hovis et al. reported that eggPC lipid bilayers transferred in 

t h i s  f a s h i o n  w e r e  o n l y  8 5 %  a s  d e n s e  a s  v e s i c l e - f u s e d  f i l m s  o n  g l a s s  s u b s t r a t e s . O n e  

possible explanation for the results with bis-SorbPC bilayers is that lipid transfer by this 

process results in a compromised, lower lipid density film that is not as efficiently 

polymerized, and consequently, stabilized, as 'standard' bis-SorbPC films. This may 

result from poor lipid transfer (<100%) from the PDMS, or from inferior lipid films 

assembled on the PDMS prior to transfer; note that the lipid bilayers on the oxidized 

PDMS have not been examined here, or in previous efforts by the Boxer research group. 

Finally, Hovis et used eggPC lipids in all their patterning experiments, and it is 

possible that differences in lipid, specifically, lipid phase, may affect the transfer process. 
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Figure 5.15. AFM imageof redox polymerized domains 
of bis-SorbPC bilayers. The lipid was transferred to the 
silicon substrate from oxidized (plasma-treated) PDMS stamps. 
Despite numerous attempts, this approach did not result in significant 
lipid transfer. 
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At room temperature, bis-SorbPC is very near its (28.8 °C), which may result in films 

with different PDMS supported phase states relative to eggPC, which has a lower 

collective Tm-

5.4. CONCLUSION 

The ability to pattern immobilized proteins, through direct stamping, non-specific 

adsorption from stamp altered regions of (poly)bis-SorbPC films, or through subsequent 

binding to ligand-modified adsorbed proteins, may be of use in multi-analyte array 

applications. This chapter described the use of |aCP to pattern a model protein, BSA, on 

(poly)bis-SorbPC films through each of the aforementioned approaches. The patterned 

BSA on the poly-lipid films immobilized by both direct PDMS stamp transfer, and 

through protein adsorption after PDMS contact was stable to water rinses. Significant 

coverage (20-30%) was present after surfactant washes. Lipid transfer from PDMS to 

poly-lipid films was less successful, resulting in patterned coverage with non-uniform 

distribution. Non-uniform coverage of lipid on the PDMS prior to stamping resulting 

from solvent evaporation is likely the problem. The nature of protein adsorption to 

PDMS contacted film regions was not conclusively determined. An understanding of the 

primary interactions between PDMS, inked proteins, and (poly)-lipid films is important if 

consistent patterns are to be produced by |liCP methods described by Boxer and 

coworkers. 
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CHAPTER 6. INCORPORATION OF TRANSMEMBRANE PROTEINS INTO 
bis-SORBPC FILMS 

6.1. INTRODUCTION 

The development of proteo-lipid membrane architectures in which functional 

transmembrane receptors are reconstituted into synthetic lipid bilayers that are stabilized 

to conditions that would structurally compromise conventional, fluid bilayers is a long-

term goal of this project. Such architecture could potentially be designed such that 

specific binding of small ligands or proteins to incorporated receptors would be 

detectable using a variety of analytical methods. The primary motivation for creating 

such structures would be receptor-based biosensing or pharmaceutical screening of ligand 

libraries. This is due to the central importance of these ligands to biological function and 

behavior in health and disease in complex organisms; it is estimated that over 50% of all 

current drugs are targets for g-protein coupled receptors (GPCRs). Large libraries of 

drug candidates (such as small molecules or proteins) can now be generated in an 

automated fashion.^^^ However, rapid screening of these libraries for therapeutic agents 

presents a challenging analytical task. Current detection, quantization, and bioassay of 

ligands to these receptors is very expensive and time consuming, involving use of 

radioactivity, and whole cell, membrane or even whole animal assays. The development 

of assays based on stabilized lipid membranes may provide one potential solution to the 

problem. 

Transmembrane proteins are, in general, only active in a biological lipid 

membrane environment, therefore the use supported lipid membranes is required for 



261 

study with surface analytical techniques. Reconstitution of transmembrane receptors into 

fluid supported lipid films has been reported in numerous papers. ' ' ' > The 

retention of bioactivity for receptors reconstituted in this maimer and fused to solid 

supports has been observed. In the most frequently employed method, the receptor is 

solubilized in an aqueous buffer containing a surfactant above its critical micelle 

concentration (cmc). In the presence of lipid molecules, selective removal of the 

surfactant from the solution causes the insertion of the receptor into the liposomes, 

forming proteo-liposomes (section 1.2.4) which can then be used for vesicle fusion 

assembly. 

The spontaneous insertion of proteins and molecules through detergent depletion 

into pre-assembled lipid mono- or bilayers has been reported by several groups. This 

approach is potentially attractive compared to the fusion of proteo-liposomes for a 

number of reasons. First, as discussed below, the vesicle fusion process has been 

1 7 
reported by Boxer and coworkers to be affected by the presence of higher amounts of 

incorporated protein which places an upper limit on the amount of protein that can be 

'loaded' into the films. Second, the formation of proteo-liposomes does not dictate the 

vectorial orientation of the protein in the liposome, and consequently may result in 

protein being both 'face-up' and 'face-down' in supported fused films which would 

significantly decrease the efficiency of the protein population. While the spontaneous 

insertion approach does not assure uniform insertion, it stands to reason that many 

membrane proteins may insert into films in a preferred or favored orientation due to their 

asymmetric structure and heterogeneous chemical nature. For example, proteins with a 
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large hydrophobic region and a single large hydrophilic domain may favorably insert 

with the large hydrophilic domain away from the substrate. It may be that proteins with 

large hydrophilic extracellular and intracellular domains would not insert as uniformly. 

As an aside, quantitative measurements of the fraction of receptors that retain activity, as 

well as the fraction that are 'correctly oriented' in the membrane (i.e., 'outside-out) for 

1 -7 'yn(\ 
either assembly approaches have been rare. ' 

The lack of stability of supported proteo-lipid structures is a considerable barrier 

for commercial or non-laboratory applications. Thus the cross-linked polymerization of 

lipid monomers discussed in this work may be a viable approach to enhance the structural 

stability of a proteo-lipid supported film, rendering it suitable for technological 

implementation. An apparent disadvantage of this approach is that lateral mobility is 

771 
greatly attenuated upon cross-linking. However, not all transmembrane receptors 

require lateral lipid mobility to maintain bioactivity. Reconstitution of cj^ochrome 

OT) 
oxidase on a planar electrode and a photosynthetic reaction center on a planar glass 

1 7 
substrate are two representative examples; insertion in a lipid bilayer is required to 

maintain the structural integrity and vectorial electron transfer activity of these proteins, 

but lateral lipid mobility is not. Although a majority of the lipids in fluid supported 

bilayers are mobile, transmembrane receptors reconstituted into the bilayers are usually 

found to be laterally immobile.The close proximity of the cytoplasmic domain to 

the underlying support likely leads to strong, nonspecific adsorption of the protein, even 

if its protusion below the bilayer membrane is small. Nonspecific adsorption may cause 

conformational changes in the protein and as a consequence, diminished bioactivity. 
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To preserve lateral mobility of receptors reconstituted in supported bilayers, 

'tethered' membranes and membranes supported on hydrophilic polymer cushions have 

8^ 119 990 97^ 
been prepared and investigated. ' ' ' The general consensus at this time appears to 

be that reconstitution of a fully active receptor in its native conformation into supported 

lipid films requires that the bilayer be separated from the underlying solid support by a 

hydrophilic spacer layer that is about 30 angstroms thick. Although some important data 

119 • 
have been reported [eg. ] it is still not clear if such a spacer layer is a requirement for 

technological implementation of reconstituted receptors. 

As a first approach to the incorporation of transmembrane proteins into bis-

SorbPC films, bare silica surfaces v^ere employed in this work. The initial issues that 

need to be addressed regarding the incorporation of active transmembrane protein 

receptors in bis-SorbPC films is the approach to protein incorporation in the 

unpolymerized film and the assay of protein activity after polymerization. In previous 

chapaters, bis-SorbPC films have been formed by the Langmuir Blodgett technique and 

vesicle fusion using predominantly single lipid component compositions. Mixed mono 

and bis-functionalized lipids form uniform films, however films containing non-

polymerizable entities such as cholesterol or unreactive lipids resulted in films with 

defects (Chapter 2). Therefore, it is unknown how incorporated proteins will affect the 

fusion process, or affect the polymerization process. Furthermore, to the author's 

knowledge, the effect of radicals produced by redox solutions on protein activity has not 

been investigated. 
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Two different proteins, the human d-opioid receptor (HDOR) and cytochrome c 

oxidase (CCX), will be used in this work to assess the generality of two approaches to 

proteo-polymer lipid film formation involving: a) the fusion of proteo-liposomes, and b) 

insertion of proteins into prefused lipid films, both followed by polymerization. The 

HDOR, an approximately 46kD GPCR, and its corresponding ligands are potentially 

good models for exploring the concept of stabilizing a GPCR in a polymerized supported 

bilayer. The protein has been cloned in a stably transfected cell line, the isolated 

receptor is fully functional and can be solubilized, purified and reconstituted into lipid 

bilayers with maintenance of maintaining binding properties. An extensive body of 

work is available describing these proteins, their isolation, and the design of artificial 

peptides ligands.^®® Here, fiuorescently labeled DPDPE (c-[D-Pen^, D-Pen^] 

enkephalin) and deltorphin II are used to examine binding to redox polymerized bis-

SorbPC films containing HDOR. 

Cytochrome c oxidase (CCX) is a well-studied transmembrane enzyme that plays 

a crucial role in aerobic respiration. It catalyzes electron transfer from ferrocytochrome c 

to dioxygen and couples this process to proton transfer across the mitochondrial 

membrane, resulting in conversion of the free energy in the redox process to an 

electrochemical proton gradient. Vectorial electron transfer involves four metal centers 

in the enzyme. The structure of the complex enzyme is well characterized.^^^ In the 

Hawkridge laboratory at Virginia Commonweath University, the capability to isolate 

bovine CCX from fresh beef hearts has been established. The isolation and purification 

technique being used is well known.^^^ To pursue studies of CCX using electrochemical 



methods, Hawkxidge and coworkers have developed a procedure involving dialysis of 

lipids and protein in the presence of a partial SAM monolayer on gold to reconstitute 

CCX into electrode-supported hybrid bilayer membrane?'^ They have extensively 

characterized this system and investigated direct electron transfer between CCX and its 

reaction partner, cytochrome c (cyt c). Here, the ionic strength dependent binding of 

fluorescently labeled cytochrome c to CCX is used to investigate the incorporation of 

CCX into bis-SorbPC films. Cytochrome c contains a positively charged face that 

strongly interacts with a negatively charged domain on CCX; the specific binding is 

reversible at high ionic strength and can therefore be used to establish whether cyt c 

binding to the lipid membrane is associated with CCX binding or non-specific. 
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6.2. EXPERIMENTAL 

6.2.1. Materials: Proteins and Ligands 

Human 5-opiod receptor (HDOR). The transmembrane protein human delta opioid 

receptor was donated by Dr. Victor Hruby (University of Arizona). The isolation and 

purification of the HDOR protein and the synthesis of the ligands described below 

including were performed by Isabele Alves. Aliquots harvested from Chinese hamster 

ovary cells were purified according to or by a modified procedure from reference. 

The concentration of the protein was determined by a radiolabel binding assay and was 

generally around 66 nM. The protein was suspended in 25 mM HEPES buffer containing 

30 mM octylglucoside, protease inhibitor and 0.5 M KCl. 

The HDOR binding agonists analogs of DPDPE and deltorphinll containing 

tetramethyl rhodamine isothiocyanate (TRITC) were synthesized by Isabele Alves. The 

structures are shown in Figure 6.1. The ligands were sparingly soluble in aqueous 

solutions but could be sufficiently dissolved in phosphate buffer and filtered through 0.2 

micron syringe filters to yield micromolar concentration solutions as determined by UV-

Vis absorbance measurements, assuming s = 65,0000 M"'cm"' at 555 nm. 
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Tyr-D-Pen-Gly-Phe-D-Pen-Lys-TRITC 
DPDPE analog 

Tyr-D-Ala-Phe-Glu-Val-Val-Gly-(spacer)-TRITC 
Deltorphin II analog 

Figure 6.1. Structure of HDOR ligands used in this study. 

Cytochrome c Oxidase (CCX). Cytochrome c oxidase was donated by Dr. Fred 

Hawkridge (VCU). The concentration of the protein was 2 mg/ml and was suspended in 

50 mM Tris buffer containing 200 mM sucrose and 0.1%(v/v) Triton X-100 (abbrev. TX-

100). CCX was stored frozen in a liquid nitrogen dewar and aliquots were thawed 

immediately before use. 

Cytochrome c was purchased from Sigma and used as received. Tetramethyl 

rhodamine isothiocyanate (TRITC) was purchased from Molecular Probes, Inc.(Oregan, 

USA). The labeling procedure provided by this manufacturer was used to label the 

cytochrome c. The label ratio was determined by UV-VIS absorbance at 555 nm 

(s = 65,000 M"^cm"\ RITC) and 408 nm (s = 96,000 M"'cm"', cyt c). The absorbance of 

C}^ c at 555 nm in the labeled sample was determined by using the ratio of the absorbance 

at 410 and 555 nm of an unlabeled cyt c solution and subtracted to determine the labeling 

ratio. 
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6.2.2. Proteo-Film Formation. 

Vesicle Fusion of Proteo-liposomes. The preparation of proteo-liposomes was 

performed by solution dialysis of lipids, surfactant and transmembrane protein. The 

surfactants used were deoxycholate or octylglucoside based on their relatively high cmc 

values (8 and 25 mM respectively) which accelerates the dialysis process. Dispo-dialyser 

tubes were utilized from Spectra-por because they allowed easy dialysis of smaller 

volumes, between 1 and 2 ml. bis-SorbPC or DOPC lipids were dried with an Argon 

stream and under vacuum as described in section 2.2, and rehydrated with buffered 

surfactant solution (20mM deoxycholate, or 40mM octylglucoside, in 50 mM phosphate 

pH 7.4) to a concentration of 0.5 mg to 1 mg/ml in a Yi dram vial. Protein solution, either 

HDOR or CCX, was added to the vial so that the molar ratio of lipid to protein was a 

controlled value of 1000 to 1 (CCX) or 1500 to 1 (HDOR). This solution was vortexed, 

allowed to sit, capped at room temperature for 30 min, and vortexed again before being 

transferred to the Dispo-dializers. The solutions were dialyzed versus 50 mM phosphate 

buffer for 3 days in IL beakers, changing the dialysis solution 2-3 times daily at room 

temperature, covered from light with constant stirring. In HDOR experiments, the 

dialysis was performed at 4° C in a cold room. A qualitative measure of the 'completion' 

of the dialysis was to place a drop of the dialysis solution on a plastic weighing dish and 

note the contact angle. Low angles were indicative of incomplete dialysis, presumably 

due to the presence of excess surfactant, whereas after three days, the contact angle 

approached higher values similar to those of phosphate buffer on the hydrophobic plastic. 

After dialysis, the proteo-liposome solution was used for vesicle fusion to silica surfaces 
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as described in section 2.2. It is noted that the use of poly-(styrene) Bio-Beads (Bio-Rad 

Laboratories) appeared to hasten the dialysis process. Bio-Beads adsorb surfactant, and 

when placed outside the dialysis membrane, the dialysis procedure appeared to be 

completed (as determined by the contact angle observation) after 2 days; however 3 days 

were allowed in all cases regardless. 

Protein insertion into preformed bilayers. An alternate approach to the fusion of 

proteo-liposomes for protein incorporation into supported bis-SorbPC bilayers was the 

spontaneous insertion of the protein into unpolymerized supported bilayers. A small cell 

with a volume of approximately 2 ml was assembled using o-rings and washers which 

allowed solutions to be added or removed from the surface. Lipid bilayers were formed 

by vesicle fusion on silica surfaces in these cells. Once vesicle fusion had occurred, the 

solution was exchanged several times to remove excess imfused vesicles. Small aliquots 

(10 to 100 |liL) of surfactant solubilized CCX or HDOR were then added to the cell and 

allowed to equilibrate for 20 minutes. The cell solution was then exchanged first with 

water, and then with redox initiator solution as described in section 2.2. After 

polymerization, the cell was disassembled underwater and films were analyzed for ligand 

binding by TIRF or dried and examined by AFM. 

6.2.3. Film Analysis 

TIRF analysis of ligand binding. Fluorescence measurements of rhodamine labeled 

ligand binding to proteo-lipid films were performed similarly to protein adsorption 
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measurements reported in Chapter 4. Films were assembled in the small volume TIRF 

cell (section 4.2) and solutions were introduced via injection holes in the approximately 

80 |liL cell. Background measurements were made before incubating films containing 

CCX with labeled cytochrome c (1-4 [iM, 50 mM phosphate buffer pH 7.4), or films 

containing HDOR with labeled agonist ligand (1-5 |^M in phosphate buffer) for thirty 

minutes. The cell was then rinsed with buffer until a stable initial fluorescence 

measurement was obtained. To estimate targeted protein or ligand binding, the cell was 

then incubated with high ionic strength buffer (50 mM phosphate, 500 mM NaCl) in 

CCX experiments, or with a solution containing unlabeled DPDPE at a concentration of 1 

mM to competitively displace the bound labeled ligand in HDOR experiments. Final 

fluorescence measurements were then made to ascertain the amount of remaining 

fluorophore. In some cases, rhodamine labeled dextrans were introduced to the cell 

following adsorption experiments to allow normalization of the data from experiment to 

experiment. 

AFM. Atomic force microscopy measurements were performed identically to those 

reported in previous chapters, see section 2.2. 
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6.3. RESULTS AND DISCUSSION 

6.3.1. Atomic Force Microscopy of Proteo-liposome films. 

6.3.1.a. Films formed by spontaneous insertion. 

Atomic force microscopy images were collected for polymerized proteo-lipid 

films assembled by spontaneous insertion of CCX into supported bilayers of bis-SorbPC 

on oxidized silicon wafers. Figure 6.2a shows an AFM image of a polymerized film that 

was incubated for 15 minutes with 70 p,L of CCX solution prior to polymerization. The 

surface is very rough, with a "bead" like appearance that covers the entire image area. 

No regions were found that resembled bare substrate. It is not possible to definitively 

ascribe the round bead-like features to the presence of CCX, however the image would 

indicate a fairly high and uniform coverage of protein if the features are CCX molecules. 

When the volume of protein solution used in the incubation was reduced in an 

attempt to resolve individual protein features, a different film topography was observed. 

Figure 6.2b shows an AFM image of a film incubated with only 10 )j.l of protein solution 

for 15 minutes. This image appears to show many regions of film that has been disrupted 

by surfactant as indicated by the presence of holes in the film. There is a confined region 

of raised features that may correspond to adsorbed protein. Subsequently, in a control 

experiment, when an assembled film of bis-SorbPC was incubated with 70 i^L of a 0.1% 

Triton X-100 solution in the absence of protein, the AFM images were devoid of features 

and were indistinguishable from bare substrate, indicating that the film had been removed 

by the surfactant despite the fact that the solution was diluted to concentrations below the 



Figure 6.2. AFM images of films formed by spontaneous insertion of CCX into bis-
SorbPC bilayers prior to polymerization, using a) 70 |LIL of protein solution, and b) 10 |LIL 
of protein solution. The images are 1 
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cmc. This result suggests that the features in the image in Figure 6.2a correspond to 

adsorbed CCX on substrate without a supporting lipid polymer film. 

The obvious drawback to this assembly approach is the temporary exposure of 

unpolymerized films to surfactant solutions, which is known to destroy fluid bilayers. 

Although the technique involves spontaneous dilution of the protein solution to levels 

such that the protein carrier surfactant is present below the cmc, the remaining surfactant 

molecules are in equilibrium between free molecule and micellar phases. The cmc of 

Triton X-100 is 0.24 mM. In the solution provided by the Hawkridge laboratory, the 

concentration of Triton X-100 is approximately 1.5 mM. When 10 to 70 microliters of 

this solution is added to the 2 ml cell containing the bilayer, the concentration is well 

below the cmc. The insertion of surfactant in the bis-SorbPC bilayer and reformation of 

micelles may result in lipid loss from the bilayer. 

Other authors have used this approach for the formation of supported proteo-lipid 

films. For example, both Knoll^^ and coworkers and Hawkridge^^^' and 

coworkers have incorporated CCX into films through surfactant solublized protein 

insertion methods on modified peptide or alkylated surfaces. The covalent attachment of 

hydrophobic moieties may provide the anchor for the retention of lipid species during the 

insertion process, which for both authors was in excess of 10 hours. Knoll and coworkers 

did however, report the presence of defects in bilayers on peptide tethered films to the 

extent that only 70% of the surface was completely covered with lipid. Another 

prominent example of the protein insertion approach has been shown by Tollin and 

coworkers who have used bilayers that span teflon pores supported on glassy surfaces to 
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268 269 study the activity of several transmembrane proteins including CCX and HDOR ' 

There is an excess of lipid contained in organic solvent located at the plateau-Gibbs 

border of the Teflon orifice. It is possible that the removal of lipid through surfactant 

interaction is countered by the supply of excess lipid in the reservoir. It is clear from our 

results that unpolymerzed bis-SorbPC bilayers are not sufficiently stable to the presence 

of dilute surfactant solutions for this approach to be considered viable with the supported 

fluid layer employed in this work. This approach however, would appear to offer the 

greatest control over the density and perhaps orientation of some transmembrane proteins 

and the use of the alternate bilayer approaches employed by Hawkridge or Tollin and 

coworkers should be considered for additional experiments. For example it may be 

useful to try the insertion in the presence of both surfactant and excess bis-SorbPC which 

may lead to equilibrium insertion and removal of both protein and bis-SorbPC from the 

supported film. 

6.3.1 .b. AFM of films formed by fusion of proteo-liposomes. 

The results from the previous section provide substantial evidence that 

spontaneous insertion of CCX from a diluted surfactant solution considerably 

compromises the lipid integrity of unpolymerized bis-SorbPC films. As an alternative 

method for protein incorporation, proteo-liposomes were used in vesicle fusion 

experiments and the polymerized films were analyzed with AFM. Boxer and coworkers 

have used fusion of proteo-vesicles in a previous work with photosynthetic reaction 

center proteins'^. In that work they reported that at lipid to protein ratios less than 500, 
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films were not uniform. This likely arises from the decrease in membrane fluidity caused 

by excess immobilized protein on the substrate. 

In this work, CCX was incorporated into liposomes at a protein/lipid ratio of 1 to 

1000. The films, shown in Figure 6.3a-b, varied somewhat in the heterogeneity of the 

structures. Clearly, the images do not represent the idealized structure of clear protein 

structures separated by uniform stabilized bilayer regions. In a previous work 

investigating CCX incorporated into hybrid films formed on Ag surfaces by AFM, phase 

contrast imaging allowed the authors to distinguish proteins and protein aggregates. The 

proteins were measured to be about 14 nm in diameter which is consistent with CCX 

dimensions (about 8 nm in diameter) when tip artifacts are considered.^'^ Larger 

domains were interpreted to be aggregates of several CCX molecules. Here, phase 

images of proteo-poly-bis-SorbPC films were acquired in addition to tapping mode; 

however the images do not reveal additional contrast relative to the height mode images 

(data not shown). Many of the smaller features observed in the height mode images have 

dimensions that are comparable to those reported by Porter and coworkers. They are 

unlike the features that have been observed in bis-SorbPC films without incorporated 

protein. Therefore, the features may correspond to incorporated CCX, however it is a 

possibity that the presence of the CCX interferes with the efficacy of the polymerization 

of bis-SorbPC, resulting in defects with similar dimensions to proteins and aggregates. 

The regions between the 'protein' features in Figure 6.3a-b are not as uniform or 

smooth as standard bis-SorbPC films, and show some resemblance to UV polymerized 

films (ie., films with a known low degree of polymerization, see Chapter 2). This may 



Figure 6.3. AFM images of redox polymerized bis-SorbPC films from vesicles formed 
from detergent dialysis. Image a) and b) contained CCX at a lipid to protein ration of 1000 to 1 
and image c) contained no CCX. Z-scale is 10 nm. 
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arise from several reasons, however the most likely reasons are that: i) not all the 

surfactant is removed by the dialysis procedure, or ii) the presence of CCX interferes 

with the polymerization. Figure 6.3c shows a polymerized bis-SorbPC film that was 

prepared from vesicles dialyzed three days in the absence of CCX but otherwise identical 

to the preceedure for the preteo-vesicles. It appears to be comparable to standard bis-

SorbPC redox films from Chapter 2, which may suggest that argument ii (above) 

contributes the greatest to the relatively defective film structure observed in Figures 6a-b. 

As noted by Lamparski,*'*'* the presence of 10% unpolymerizable lipid in the 

polymerization of mono-SorbPC vesicles reduced the degree of conversion by up to 27%. 

The large and immobile (relatively) CCX molecules may reduce the efficiency of the 

polymerization, resulting in a decreased degree of polymerization or conversion. 

Films fused from vesicles containing HDOR were also analyzed with AFM. The 

images are very similar to those with CCX in that some raised features are present amid a 

film of compromised quality relative to control redox polymerized bis-SorbPC films. 

The HDOR is a 46kD protein, much smaller that CCX. All the proteo-incorporated films 

were more difficult to image clearly than control polymer films which could indicate the 

presence of softer, looser, material (proteins) at the interface. In contrast, UV 

polymerized films from Chapter 2 were not difficult to image clearly, demonstrating that 

lower molecular weight lipid-polymer fragments not removed by drying do not make 

imaging difficult. 
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6.3.2. TIRF investigation of ligand binding to incorporated proteins. 

6.3.2.a. CCX 

The AFM results in the previous section indicated that both approaches to proteo-

film formation can result in a high degree of surface coverage with lipid/protein material. 

However, this analysis does not definitively indicate whether the surfaces features are 

proteins, or if so, whether they are suitably oriented to interact with ligands from 

solution. Since CCX interacts strongly with cytochrome c through ionic interactions, a 

binding assay that distinquishes nonspecific adsorption from ionically adsorbed proteins 

should provide an indication of the accessibility and hence orientation of CCX molecules 

in the film. 

TIRF measurements on the reversible binding of cytochrome c were performed by 

incubating films with labeled Cyt c at various concentrations between 0.4 and 4 

micromolar for 30 minutes, followed by rinsing the cell with low ionic strength buffer to 

remove excess and loosely adsorbed protein. The residual fluorescence measured reflects 

specific and non-specifically adsorbed cytochrome c. The cell was then rinsed with a 500 

mM NaCl buffer rinse to remove cytochrome c that is bound electrostatically, 

presumably to incorporated CCX. Table 6.1 shows normalized percentage of adsorbed 

cytochrome c that was removed by the high ionic strength rinse for different poly-proteo-

lipid films. The CCX to lipid ratio in the proteoliposomes was 1 to 1000. Control 

experiments to determine the amount of cytochrome c that reversibly binds to quartz, 

POPC bilayers and bis-SorbPC films without incorporated CCX were also performed. 
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Table 6.1. Binding of cytochrome c to films and surfaces studied by TIRP. 

Surface Desorption of Adsorbed Cyt C by 
500mM NaCI rinse 

Treatment of film prior to 
assay 

bis-SorbPC-CCX^ 

bis-SorbPC-CCX" 

bis-SorbPC-CCX' 

bis-SorbPC-CCX'' 

DOPC-CCX^ 

DOPC-CCX'' 

74+/-5 (n=2) 

80 
70 
62 

33 
69+/-5.6 (n=2) 

a-film was dried, rehydrated, and 

rinsed witti 15 mM BSA solution prior 

to incubation with 4 Cyt c 

b-film was not dried prior to incubation 

with 0.4 i^M Cyt c 

c-film was not dried prior to incubation 

with 4 (xlVI Cyt c 

d-film was dried and rehydrated prior 

to incubation with 4 nlVI Cyt c 

The following films were incubated with 1.84 juM Cyt c 

bis-SorbPC-CCX' 

bis-SorbPC, without CCX 

POPC, without CCX 
quartz 

69+/-8% (n=3) 

21+/-18%(n=4) 

0 % +/-13 (n=2) 
73 +/- 30% (n=2) 
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The data is presented as the percentage of adsorbed cytochrome c that is removed by the 

high ionic strength rinse. The assumption that is made is that the cytochrome c removed 

by this rinse is that which is bound to the CCX incorporated or adsorbed to the film or 

substrate. All the CCX functionalized bis-SorbPC films investigated were found to have 

greater than 60% of the adsorbed cytochrome c removed by a 30 minute incubation in 

500mM NaCl buffer (HIS, high ionic strength). Films that had not been dried before 

analysis had a slightly larger percentage of the adsorbed cyt c removed by the HIS rinse. 

A BSA rinse was used in some experiments to minimize non-specific adsorption to the 

films and seemed to be effective; however the negative charge of BSA at pH 7.4 may 

affect the adsorption of positively charged cytochrome c and was excluded in most 

experiments. In comparison, adsorption of cyt c to proteo-DOPC films depended upon 

the solution concentration of cyt c. At lower concentrations, 0.4 |j,M, a comparable 

percentage of removable binding to bis-SorbPC films was observed, whereas at higher 

concentrations, less of the adsorbed cyt c was removed by the HIS rinse. This may be 

attributable to a greater non-specific binding to fluid lipid films at higher solution protein 

concentrations. Cyt c has been shown to adsorb non-specifically to some degree to PC 

fluid lipid films and may insert into the bilayer at higher solution concentrations.^^^ 

Complicating the interpretation of this data is the fact that one control experiment 

in which cyt c was adsorbed to quartz, revealed that at the low concentration of cyt c used 

in the experiment, a significant percentage of the protein is removed by HIS rinse. In 

comparison, Edmiston found that only 40% percent was removed from glass surfaces that 

had been incubated with 35 p-M Cyt c solutions, then soaked inHIS (250 mM salt) for 24 
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hr (Edminston, PHD Dissertation, U. Arizona). It is possible that at lower protein 

solution concentrations, a subpopulation of substrate binding sites are occupied with 

relatively high binding affinity that is based on electrostatic interactions. This result begs 

the question of whether the films of CCX-bis-SorbPC contain defects that expose quartz 

substrate, which might account for the reversibility of the binding. 

In experiments where labeled dextrans were used to correct for scattering, the 

results from different experiments can be compared quantitatively, i.e. the fluorescence 

data can be normalized. It is found that the amount of cytochrome c that is removed from 

the poly-proteolipid films by HIS rinsing is on average three times the amount that was 

removed from the quartz surface. Furthermore, the amount of non-removable, 'non

specific' adsorbed protein is three times as great as well. This evidence, in conjunction 

with the AFM data that shows a high degree of lipid/material surface coverage, suggests 

that some Cyt c binding to the CCX-bis-SorbPC films arises from interactions with 

incorporated or adsorbed CCX. Unfortunately these experiments were performed on a 

limited number of samples; definitive statements or conclusions would be much stronger 

if they came from a larger pool of data. 

6.3.2.b. HDOR by fusion of proteo-liposomes 

Human delta opiod receptor has been incorporated into supported bilayers by 

Tollin and coworkers and investigated by coupled plasmon-waveguide resonance 

(CPWR), an analytical technique that can monitor optical changes in thin films. Using 

this method, binding of agonist and antagonist molecules to HDOR, and the 

corresponding differences in the structural changes accompanying the ligand binding. 
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have been observed. In this work it was hoped to investigate whether HDOR ligand 

binding activity could be maintained in polymerized films, or whether the polymer matrix 

would restrict conformational changes and hinder ligand binding. 

Two ligands, rhodamine labeled DPDPE and rhodamine labeled deltorphin II, 

were tested for binding to films formed by vesicle fusion of proteo-liposomes. The 

rhodamine label was attached through an isothiocyanate linker to a lysine residue placed 

at the end of the peptide sequence. The labeled DPDPE had just the one additional lysine 

residue, while the deltorphin had five 'spacer' residues between the ligand and the 

rhodamine (B-ala, glycine, B-ala, glycine, lysine). In solubilized binding studies 

performed in the Hruby group, HDOR displayed much higher affinity for the the labeled 

deltorphin analogue than the labeled DPDPE analogue, with affinity for the deltorphin 

analogue being nearly equivalent to unlabeled DPDPE. 

Due to the extremely low concentration of the stock HDOR solutions, the ratio of 

protein to lipid could not be made higher than 1 to 1500. A rough estimation of protein 

surface coverage based on a molecular area estimated from molecular weight (i.e, 46kD 

protein that approximately spans the lipid bilayer occupies ca. 60 times the area of a lipid 

molecule) suggests that the protein could maximally occupy 8% of the surface area in a 

lipid bilayer at this ratio. Given that some population of the protein may reside inverted 

in the bilayer, this estimation represents a generous upper limit of coverage. The ligands 

used for the binding assay are hydrophobic and only sparingly soluble in aqueous 

solution, which suggests that non-specific binding followed by partitioning to the bilayer 

interior might interfere with TIRF measurements. However, a control experiment using a 
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fluid POPC bilayer fused in the TIRF cell revealed very little (virtually unmeasurable) 

non-specific binding. Unfortunately, control experiments investigating non-specific 

binding to POPC or bis-SorbPC films formed by fusion of dialyzed lipids were not 

performed. It is unreasonable to assume that these POPC bilayers are perfect models of 

the polymerized bis-SorbPC films or POPC bilayers formed from dialysed vesicles. 

Therefore, non-specific adsorption analysis to these films needs to be performed in future 

experiments. 

Similar to the assay for Cyt c binding in the previous section, binding of labeled 

ligand was performed by measuring the background fluorescence signal, followed by 

incubating the films for 30 minutes with ligand (5.5 )j,M for rhodamine-DPDPE, 1 |liM for 

rhodamine-Deltorphinll), then rinsing the cell with buffer until a stable fluorescence 

intensity was obtained. Then a high concentration (1 mM) of unlabeled DPDPE was 

injected into the cell and equilibrated for 30 minutes to an hour before being rinsed 

repeating the fluorescence intensity measurement. DPDPE binds with high affinity (~ 1.2 

to 85 nM to HDOR and is expected to competitively displace HDOR bound 

labeled ligand. 

Table 6.2 lists the results for the binding of the ligands to HDOR-functionalized 

DOPC and bis-SorbPC films. The HDOR-bis-SorbPC films were assembled in the TIRF 

cell, redox polymerized, but had not been dried. On both poljmier and fluid lipid 

bilayers, binding decreased upon addition of DPDPE, which suggests some bio-specific 

interaction with HDOR. A larger percentage of adsorbed rhodamine-DPDPE was 

removed from HDOR-DOPC films than the polymerized bis-SorbPC counterparts; 
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Table 6.2. Ligand binding to lipid films by TIRF. 

Film % ligand removed by DPDPE 
incubation 

rhodamine-DPDPE study 

DOPC-HDOR® 60 +/- 4 (n=4) 

bis-SorbPC-HDOR' 33 +/-11 (n=4) 

rhodamine-Deltorphin study 

DOPC-HDOR 17(n=1) 

bis-SorbPC-HDOR® 14+/.7 (n=4) 

bis-SorbPC-HDOR (polymerized 
with UV) 

15+/-4(n=2) 

®data is for 2 films each from 2 separate isolations of HDOR 
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however using labeled dextran calibration to compare the amount removed between the 

two films indicates that the amount of labeled-DPDPE removed from HDOR-bis-SorbPC 

was 22% more than the HDOR-DOPC films. This indicates that there was significantly 

more non-specific, non-removable rhodamine-DPDPE adsorbed to the polymer films. 

This may be a result of the presence of hydrophobic defects having an affinity for the 

relatively hydrophobic ligand. 

There was a significant difference between the DOPC and polymer films in the 

amount of buffer rinse required to achieve a steady fluorescence signal after incubation of 

the films with rhodamine-DPDPE. After only a 500-1000 p,l rinse, the HDOR-DOPC 

films had reached a stable signal from adsorbed labeled ligand. The HDOR-bis-SorbPC 

films required a rinse volume between 3000-5000 |al to achieve a stable signal. This 

suggests that there was a large population of weakly adsorbed rhodamine-DPDPE on the 

polymer films. The most likely explanation for this phenomenon is the presence of a 

large population of low affinity binding sites arising from defects in the polymer film; 

however it can not be ruled out that the low affinity binding sites reflect a population of 

HDOR molecules with diminished binding strength resulting from either exposure to 

redox solutions or confinement within the polymer structure. 

Despite the fact that the labeled Deltorphin ligand displayed a higher binding 

affinity in solubilized HDOR binding studies (from communication with Isabelle 

Alvarez, Hruby research group, University of Arizona), less 'specific' binding was 

observed in experiments with HDOR-DOPC and bis-SorbPC films. This may occur as a 

result of an increased non-specific binding due to hydrophobicity. The ligand itself is 
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composed of predominantly non-polar residues. Unfortunately, labeled dextran 

calibration experiments were not performed with this ligand so a comparison to the 

amount specifically bound to labeled DPDPE cannot be done. There was not a 

significant difference in specific binding when HDOR-bis-SorbPC films were 

polymerized in-situ by UV irradiation. 

Unlike CCX, which is known to be a robust protein (personal communication 

with Dr. Fred Hawkridge), HDOR is sensitive to a number of conditions which greatly 

affect its activity, including the surfactant used during extraction and purification and the 

amount of time spent outside of cell membrane. HDOR cannot be frozen or it loses 

activity. It is possible that the polymerization conditions used with bis-SorbPC films, 

namely exposure to redox solutions that have a pH of ca. 4, may compromise the activity 

and lifetime of the protein. Unfortunately, at this stage in the project, the experimental 

control is hindered by several unaddressed variables that compromise the validity of these 

reported results. The largest barriers to addressing these issues are likely i) the non

specific binding (leading to a broad array of affinities) of a hydrophobic ligand to lipid 

films which greatly reduce the sensitivity of measuring specifically bound ligand, ii) the 

limited density of HDOR molecules that can be effectively placed in the films by vesicle 

fusion of proteo-liposomes, and iii) the unknown state of activity of the protein which is 

likely degraded during the lengthy (3 days) dialysis procedure. 



287 

6.4. CONCLUSIONS AND FUTURE DIRECTIONS 

The results in this chapter suggest that transmembrane proteins have been 

incorporated into redox(poly)bis-SorbPC films with limited success. AFM images of 

proteo-(poly)-lipid films show features that could potentially be incorporated proteins, 

and TIRF studies indicate some reversible binding of target ligands to both CCX and 

HDOR in the films. However, the results also illustrate many of the limitations of the 

experimental methods used throughout this work. For example, AFM cannot definitively 

determine the chemical nature or identity of small 'blob' features on or in the polymer 

films. Fluorescence binding measurements require carefully performed controls to 

establish the nature of the binding, i.e. whether it is specific or non-specific. Non

specific adsorption to lipid films will be very sensitive to minute defects in the lipid film 

that might vary in number according to the method of film assembly (i.e. surfactant used 

in the formation of proteo-liposomes used for fusion). In experiments with both 

transmembrane proteins, there was nearly as much non-removable (i.e. non-specific) as 

specifically bound adsorbed protein (cyt c) or ligand (HDOR). 

To specifically address whether proteins have been incorporated into the (poly)-

lipid films in a fully active form, it would be best to use analytical methods that are less 

sensitive to non-specific binding, or that respond to the specific activity of the 

transmembrane protein. For example, HDOR will not bind ligand when inactive, 

however the electrostatic binding between CCX and cyt c could presumably still occur 

without the associated electron transfer. In order to establish whether CCX has been 

incorporated in a fully active form, experiments will need to be performed that establish 
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whether electron transfer accompanies the binding of cyt c to CCX in polymer films. 

This may be possible by using proteo-(poly)-lipid films on electroactive substrates or 

perhaps using novel broadband waveguide spectroscopy to measure spectral shifts from 

CCX in polymer films upon cyt c binding^^®. Furthermore, it should be established 

whether CCX even requires a lipid bilayer environment to reversibly bind cyt c, through 

control experiments where TIRF binding measurements are performed on an adsorbed 

CCX monolayer on quartz. 

Unfortunately, one limitation to the use of sorbyl lipids in this application may be 

the disruptive effect that immobile, unreactive species have on their polymerization. 

Although enhanced stability relative to unpolymerized bilayers was observed for proteo-

(poly)lipid films, the films were not as defect free as 'standard' bis-SorbPC films studied 

in chapter 2. This problem will be exacerbated with increasing levels of protein dopant. 

It might be possible to minimize this problem through the incorporation of a small cross-

linking agent in the lipid tail region during polymerization such as divinylbenzene, i.e., a 

small reactive molecule that might be able to diffuse readily in the presence of 

transmembrane proteins and polymer domains. 
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CHAPTER 7. SUMMARY AND FUTURE DIRECTIONS 

Lipid mono- and bilayers have long been of interest for modeled study of natural 

membranes. Many appealing properties associated with certain model membranes make 

them of interest for a variety of applications in solution (liposomes) or as surface coatings 

(supported films). These properties include the support of natural membrane components 

such as transmembrane or tethered proteins and the resistance to protein adsorption from 

solution. The stability requirements for lipid films are dictated by the demands of the 

particular application, however for all but laboratory based scientific study, unmodified 

fluid lipid bilayers are insufficiently robust. 

In this research project, the polymerization of bis-functionalized dieneoate lipids 

resulted in highly stable, ultra-thin polymer films. Trends observed in liposome studies 

were generally observed in the supported films examined here, including the dependence 

of stability on factors such as the degrees of polymerization, conversion, and cross-

linking. A key factor in the polymerization of supported bis-SorbPC films is the 

temporal stability of the unpolymerized bilayer. To minimize defects in the polymer 

film, the rate of polymerization must be higher relative to liposome polymerizations. The 

resiliency demonstrated by redox(poly)bis-SorbPC films with respect to rinses or even 

bath sonication in common organic or surfactant solutions, repeated rinsing and drying, 

exposure to boiling or freezing aqueous conditions, or mechanical contact (as by plasma 

treated PDMS, Chapter 5) is unprecedented with respect to previous reports of supported 
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lipid polymer films which have used lipids or polymerization conditions that do not 

permit optimization of one or more of the factors listed above (section 1.4.2). 

Prior to this research, it had not been demonstrated that a non-fluid, polymerized 

lipid film presenting PC moieties could be equivalently resistant to protein adsorption as 

fluid PC films. This is the case for polymerized films of bis-SorbPC lipids, however 

films composed of lipids with reactive groups near the lipid backbone (e.g., DenSorbPC) 

are found to be less protein adsorption resistant despite their comparable structure and 

stability. It is likely that this phenomenon results from headgroup perturbation associated 

with polymerization near the backbone. These results should provide general guidelines 

for the design of future lipids used in stabilized lipid assemblies. 

As thin polymer films, the redox(poly)bis-SorbPC films may be useful for 

adsorption resistant coatings for capillary columns or biosensor chips designed to work in 

contact with solutions containing proteins. For example, PC lipids have been used as 

19 1 
coatings for capillary electrophoresis columns and shown to allow highly efficient 

separations of both anionic and cationic proteins. The instability of the films necessitates 

frequently reassembly of the structure and is likely due to mechanical distress placed on 

them by shear force of the run buffer through micrometer scale capillaries. The stability 

of poly-lipid films in this work should provide durable, single-treatment coatings. Many 

authors have demonstrated that lipid films can be used to form sensor platforms to detect 

binding and surface coverage of many biological molecules including proteins and 

1 "IT OR 1 , 
viruses. ' Polymerized assemblies should be particularly useful for the development 

of bilayer-coated immunoassay designs due to the ease of functionalization with reactive 
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lipids. Detection schemes that require lipid lateral motion to accommodate multivalent 

binding may prove more problematic; it remains to be seen whether high-affinity 

multivalent binding sites can be 'templated' into polymer lipid films through 

polymerization of a lipid assembly with component reactive groups pre-arranged through 

interaction with the target species (which is then removed after lipid polymerization). 

Throughout this research the films were thought of, and consequently investigated 

as, 'stabilized' lipid bilayers. Having demonstrated that the polymerization of bis-

SorbPC with redox initiators occurs with such efficiency as to produce an essentially 

mono-molecular entity (most graphically demonstrated by the film's behavior when 

apparently solvated by HFIP, chapter 2), a shift towards thinking of the films as ultrathin 

polymers with a perfect distribution of polar and non-polar components may suggest 

potential 'non-biological' applications. A great deal of flexibility in the films interfacial 

properties (potential, polarity) should exist through modification of reactive lipid 

monomers. Furthermore, the uniform, ss3.5 run thick hydrophobic region of the polymer 

may be useful for the alignment of non-polar molecules, or moderately amphiphilic 

molecules. For example, in a collaborative project, Saavedra and coworkers are 

investigating the incorporation of artificial photosynthetic reaction centers (APRC's) and 

diffusive quinone proton (Q) pumps into polymerized lipid membranes formed on 

indium-tin-oxide supported polymer supports. The goal is the development of 

biomimetic energy transduction process. The APRC's adsorb photons and undergo 

charge separation that reduces or oxidizes membrane localized quinone species at 

opposite membrane interfaces, which results in the transport of a proton across the 
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membrane. Another potential application for the poly-lipid films investigated in this 

work may be in selectively permeable membranes. Recently, very interesting work as 

been done with self-assembled cyclic peptide assemblies in membranes by Ghadiri and 

coworkers.^^^' They have shown that eight-residue cyclic peptides can self-assemble 

to form open-ended tubular structures that can function as transmembrane channels for 

ions or molecular transport (Figure 6.1). 

' 0 P K 

Figure 7.1. Self-assembled nanotubes in lipid membranes from cyclic peptides as 

described in ref. 282. 

The most pressing work remaining in the characterization of the poly-lipid films 

reported here is the development of methodology to assemble the films on non-silica 

supports and the investigation of the insulating properties of the films. Many of the 
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proposed uses of lipid films in sensors involve electroactive substrates. Furthermore, use 

of the poly-lipid films as semi-permeable membranes, including the examples given 

above, will require high impedance to non-specific ion transport across the polymer 

membrane. A study of ion mobility across polymerized or unpolymerized bis-SorbPC 

lipids has not been yet been performed in vesicles either. Although this work 

characterized the physical dimensions of the polymer film extensively, the order and 

organization of the hydrocarbon tails within the bilayer is unknown. These factors may 

affect the orientation and mobility of incorporated probe molecules in the polymer film. 

Vibrational spectroscopy studies (Raman, IR) and the analysis of the orientation 

distribution of probe molecules, on supported bilayers or vesicles, may be of use in 

answering these questions. Some investigation into the effect that polymerization of 

terminal dienes has on the acyl chain structure of the lipids has been reported by Binder 

and CO workers. They have shown that polymerization by UV does disturb the 

crystallinity observed in the pre-polymerized films as determined by attenuated total 

reflectance (ATR) IR on ZnSe crystals. 

For several reasons, a search for alternate reactive groups to those investigated here 

should be performed. It is possible that the presence of polar groups in the center of the 

bilayer, such as the dienoate ester, may reduce the insulating properties of the bilayer. 

Such groups may also have a negative affect on the stability of incorporated 

transmembrane proteins. Since unpolymerized bilayers of bis-SorbPC are not very 

stable, therefore some film assembly techniques that require pre-formation of the bilayer 

before a process involving the prolonged incorporation of molecules cannot be used. 
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Potential alternate candidates include the styryl group which was produced a Xn of 400 in 

"yoA 
styrene-PC vesicles polymerized with UV light , or terminal diene groups which can be 

polymerized with UV or gamma irradiation and stabilize vesicles to surfactant dissolution 

However, the Xn for terminal dienes has not been reported, and it was found that UV 

photopolymerization stabilized vesicles of bis-SorbPC but did not stabilize supported 

films as well as other initiation methods (Chapter 2). 
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The following reports were submitted by collaborators who characterized redox 

polymerized bis-SorbPC films. 

Characterization of Bis Sorb Bilayers by ToF-SIMS and XPS 

(CH3)3N-(CH2)2-P0 4-CH2-CH-0C0-(CH2)9-0C0-(CH)4-CH3 

CH2- 0C0-(CH2)9-0C0-(CH)4-CH3 

Figure 1. Chemical composition of Bis Sorb Phosphatidylcholine 

Samples Received 
Set 1. 4 x REDOX 
Set 2. 2 x REDOX 

2 x U V  
2 X unpolymerized 

Set 3. 4 x REDOX 
4 x U V  
4 x unpolymerized 

Set 4. 4 x unpolymerized. 

XPS Analysis 
Analysis was performed using a SSI X-Probe equipped with a monochromated AlKa 
source at a power of 200W (800 )j,m spot). Elements present on the surface were 
identified from a survey scan. For further analysis and quantification spectra from the 
individual peaks were collected at 150 eV pass energy (res 4). High-resolution spectra 
were collected at 50 eV (res 2). Multiple points were analyzed on a selection of samples 
from each batch (n= 14 points per polymerization type). All data was collected at 55 deg 
(from the normal) unless otherwise stated. 

Table 1. Averaged XPS atomic concentrations for UV and REDOX polymerized 
bilayers. 
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UV C 1s 01s i N Is P2p Si 2p 0:C Si;C 
Av 54.8 26.5 i 0.8 1.6 16.3 0.48 0.30 

Std Dev 1.7 1.1 1 0.1 0.3 0.7 0.03 0.02 

REDOX 
Av 61.0 24.5 1.3 1.9 11.3 0.40 0.19 

Std Dev 1.3 0.6 0.3 0.2 0.8 0.02 0.02 

Student t-test was used to compare the two sets of data and indicated that there was a 
significant difference (p<0.001) between the REDOX and UV polymerized samples. 

Si present is due to underlying Si wafer as evidenced by analysis of the Si peak (fig 2) 
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Si 
99 eV 

Si02 
103 eV 

107 106 105 104 103 102 101 100 99 98 
Binding Energy (eV) 

97 

Fig 2. XPS detail scan of the Si region showing the presence of Si02 

To remove the effects of the wafer from the atomic composition calculations, the average 
peak area ratio of Si to Si02 was calculated over all the samples (60:40). As such, it could 
be reasonably assumed that a proportion of the O Is signal equivalent to 2 x 0.4 At% Si 
was due to the wafer oxide layer. In addition to this, a second factor was incorporated 
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into the calculation to allow for the differences in mean free path ( X )  between Si and O. 
The final equation for the SiOa free atom % oxygen was 

Onew ~ Oorig ~ 2 (0.4Siorig)^o/^Si 

Where lo/^si = 3.39/4.09 = 0.83. 

Student t-test was used to compare the two sets of data after removal of the Si component 
and indicated that the only significant difference (p<0.01) between the REDOX and UV 
polymerized samples was evident in the nitrogen signal. 
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Table 2. Adjusted XPS atomic concentrations with Si wafer contribution removed 

UV C 1s 0 1s N Is P2p 0:C 
Av 75.2 21.5 1.1 2.2 0.29 

Std Dev 1.5 1.4 0.2 0.4 0.02 

REDOX 
Av 75.2 20.9 1.6 2.3 0.28 

Std Dev 0.9 0.7 0.4 0.2 0.01 

Theory 74.1 22.2 1.9 1.9 0.30 

C, O and P signals were all consistent with theory, but the N content was lower than 
predicted. Comparison of the Si signal in Table 1 indicates that the UV polymerized layer 
is either thinner than the REDOX sample or this layer is not continuous. 

In addition to analyzing the atomic composition, peak fitting was performed on the high-
resolution Cls spectra. Figure 3 shows a representative peak fit, with four peaks fitted to 
the data CHx (284.6 eV), C-N"" (285.7 eV), C-0 and *C-0-C-0 (286.2 eV) and 
C-0-*C=0 (288.6 eV). In quantifying the data (Table 3), the C-N^ (285.7 eV), C-0 and 
*C-0-C=0 (286.2 eV) were summed. It was felt that while the 2 peaks were entered into 
the peak fit to obtain a more accurate CHx peak fit, the resolution of data did not warrant 
their separation in quantification. 
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CHx 

4.5K 

4K 

3.5K 
C-N+ 

C-0-C=0. C-C^\ 3K 

p 2.5K 

i-*c=0 
2K 

1.5K 

292 291 290 289 288 287 286 285 284 283 282 281 
Binding Energy (eV) 

Figure 3. XPS high-
resolution Cls spectrum with peak fit from REDOX polymerized bilayer. 

Binding E (eV) 284.6 +  1 .1 ,+1 .6  +4.0 
C-K+C-0 

CHx + *c-o-c=o c-o-*c=o 
Theory 65 25 10 

UV 
Av 61.8 26.7 11.5 

Std Dev 1.0 1,2 0.7 

REDOX 
Av 60.5 29.4 10.2 

Std Dev 1.4 1.0 0.7 

Table 3. XPS C Is peak fitting results for the polymerized bilayers. 

Angle dependent XPS was performed on 2 samples from each type of polymerization to 
establish a depth profile of the bilayers. Sampling depth is approximately 10 x cos 0 nm. 
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Table 4. Variations in XPS atomic composition with analysis angle for polymerized 
bilayers. Angle is measured relative to the normal. 

UV C 1s 0 1s N 1s P2p  Si 2p 0:C Si:C 

sets 0 S9.0 28.7 0.8 2.5 29.0 0.74 0.74 

55 49.5 29.1 1.0 1.6 18.8 0.59 0.38 

68 57.0 28.9 1.1 1.4 11.6 0.51 0.20 

80 65.9 26.6 0.4 1.1 6.0 0.40 0.09 

0 S7.1 30.2 1.2 2.7 28.8 0.82 0.78 

55 47.9 30.9 1.0 1.5 18.6 0.65 0.39 

68 55.8 30.1 0.7 1.4 11.9 0.54 0.21 

80 63.5 28.1 1.0 1.0 6.5 0.44 0.10 

REDOX 0 47.9 26.4 1.2 2.2 22.3 0.55 0.47 

sets 55 59.0 26.4 1.9 1.4 11.4 0.45 0.19 

02212002A 68 64.9 25.8 1.3 1.5 6.5 0.40 0.10 

80 73.2 23.5 0.4 1.2 1.6 0.32 0.02 

Set 3 0S2S 0 46.2 28.9 1.4 1.9 21.5 0.63 0.47 

55 57.6 27.7 1.3 1.3 12.1 0.48 0.21 

68 63.8 27.0 1.3 1.4 6.6 0.42 0.10 

75 67.1 25.4 0.7 1.6 5.1 0.38 0.08 
80 72.5 23.8 1.0 1.1 1.6 0.33 0.02 

Again the data was adjusted to remove the Si component using the same equation 
discussed earlier. In this instance the Si to SiOa ratios were calculated at each angle-

Table 5. Adjusted XPS elemental compositions without Si wafer contribution. 



301 

C 1s O 1s N Is P2p 0:C 
uv 0 66.2 28.3 1.3 4.3 0.43 

sets 55 72.0 24.2 1.4 2.4 0.34 
68 71.6 25.4 1.3 1.7 0.35 
80 74.4 23.8 0.5 1.3 0.32 

0 62.6 30.8 1.9 4.6 0.49 
55 69.5 26.9 1.4 2.2 0.39 
68 70.5 26.7 0.9 1.8 0.38 
80 72.5 25.3 1.1 1.1 0.35 

REDOX 0 69.9 25.0 1.8 3.3 0.36 

sets 55 72.8 23.3 2.3 1.7 0.32 
68 73.3 23.5 1.5 1.7 0.32 
80 76.5 21.8 0.4 1.3 0.28 

Set S 0323 0 66.5 28.8 2.0 2.7 0,43 
55 72.1 24.6 1.6 1.6 0.34 
68 72.1 24.9 1.4 1.5 0.35 
75 74.1 23.3 0.8 1.8 0.31 
80 74.8 23.1 1.0 1 . 1  0.31 

It is difficult to tell from this data if the subtraction of the Si signal was effective. One 
problem with the angle resolved data in general is that all the elements in the coating are 
distributed throughout the layer. In addition to this, the exact density of the coating may 
vary, a factor that affects the mean free path of the individual elements and thus the 
region of the overlayer from which the signal is emanating. In an attempt to predict the 
effect of changing the sampling depth, we calculated the chemistry of the bilayers in 5 A 
increments (assuming a total layer thickness of 45A as reported from ellipsometry in 
earlier communications) and plotted changes in the individual elements with increasing 
layer thickness (Figure 4). One limitation of this is that no factor has been added to 
account for attenuation as the elements pass through the overlayer from varying depths. 
The expected sampling depth for the individual elements was calculated for a number of 
assumed overlayer densities and plotted (Figure 5). Comparison of these two calculations 
suggests that as was seen in the experimental results, angle resolved XPS is not readily 
suited to the analysis of these types of complex layers as there are too many variables 
such as mean free path, density and elemental distribution convoluting the data analysis. 



302 

Figure 4 Estimated changes in elemental composition of the bis-sorb lipid bilayers with 
increasing thickness. 
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Figure 5. Variation in the calculated analysis depth for individual elements with variation 
in the takeoff angle and density of the lipid overlayer. 
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Density = 0.95 

Density = 1.5 

Takeoff Angle 

ToF-SIMS and Multivariate Analysis. 

Samples were analyzed using a Phi 7200 Reflectron ToF-SIMS with a 8 kV Cs^ 
source. All samples were run as insulators. Using a 100 |im raster size, three spots were 
collected on each sample in both positive and negative ion mode. Spectra were calibrated 
using the standard sets of CH3, C2H3, C3H5 and C7H7 for positive and CH, OH and C2H 
for negative. 

Principal component analysis (PCA) of the spectra was performed using the PLS 
Toolbox V 2.0 (Eigenvector Research, Manson, WA) for MATLAB (The Mathworks Inc, 
Natick, MA). Prior to this multivariate analysis, a peak set was created assigning a 
centroid peak value and area of integration window for each peak detected in all spectra. 
The areas of these peaks were then calculated for every spectrum and normalized to the 
total intensity of all peaks in each individual spectrum to correct for differences in total 
secondary ion yield between spectra. The process produced a matrix of n peaks and m 
samples, representative of all of spectra collected. Data was mean centered (set at the 
origin) to ensure that the variance in the data set was due to differences in sample 
variances rather than differences in sample means. 

PCA examines the differences between spectra and reduces the multidimensional 
(multipeak) aspect of each spectrum to new variables called principal components (PCs) 
that describe the greatest amount of variation in the sample set. The original data is thus 
reduced to a cross product of two smaller matrices, scores and loadings. The resulting 
principal components (PCs) are linear combinations of all of the original variables and 
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therefore capture more information than any one of the original variables. Scores give the 
relationships between the samples on each principal component, while loadings relate the 
old variables (ToF-SIMS peaks) to the new principal components. 

PCA analysis indicated a clear separation of the UV and REDOX polymerized 
samples with PC 1 capturing 78% of the variation in the data set and the scores plot 
clearly separating the two types of samples (Figure 4). Analysis of the loading plot for PC 
1 indicated that the variations between the sample types were could be related to the 
coating composition. In both instances all the same peaks were present in the 
fragmentation pattern, but the relative intensities of these peaks varied. Peaks associated 
with the head group loaded with the REDOX samples, while peaks associated with the 
lipid tails and the silicon wafer loaded with the UV samples (Figure 5). This result 
suggests that there may be a greater degree of order associated with the REDOX samples, 
resulting with a higher yield of the head group ions. Disorder and possible gaps in the UV 
samples is indicated by the increased presence of tail groups and substrate signal within 
the ToF-SIMS sampling area (~l-2nm deep and 100|j,m^). 
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Figure 4, PC A scores plot comparing ToF SIMS spectra from UV and REDOX 
polymerized bilayers. 
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Figure 5. PCA loadings plot comparing REDOX and UV polymerized bilayers. 
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REFLECTOMETRY 

The reflectivity of a surface is defined as the ratio of the number of particles (neutrons or 

photons) elastically and specularly scattered from the surface to the number of incident 

particles. When measured as a function of wavevector transfer (defined below), the 

reflectivity curve contains information regarding the sample-normal profile of the in-

plane average of the coherent scattering cross sections. X-rays are scattered from the 

electrons, whereas, neutrons are scattered from nuclei. As will be shown below, the x-ray 

(neutron) reflectivity yields a profile of the electron density (coherent neutron scattering 

length density, SLD). If one knows the chemical constituents of the investigated system 

and knows the electron density or SLD distribution, the concentration of a given atomic 

species at a particular depth can then be calculated. 

Neutron Reflectometry 

Detailed theoretical descriptions of the x-ray and neutron reflectometry have been given 

in literature (Als-Nielsen, 1986a; Russell, 1990; Smith and Majkrzak, 1999). To 

summarize basic principles of the technique lets consider the situation shown in Fig. 1 

where a neutron is incident on a flat substrate covered with a thin layer of a material. That 

neutron may be reflected, transmitted and refracted. In addition, each of the deBroglie 

waves associated with the moving neutron may interfere constructively or destructively 

with the another. To understand how these measurements yield information regarding the 

flat material, we begin by considering that far from the source, the incident neutron can 
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be treated as a plane wave with wavevector, kj. The magnitude of the wavevector in the 

air is given by: 

where is the neutron wavelength, v, is the velocity of the neutron, his Planck's 

constant divided by 2 , and m„ is the mass of the neutron, kj = for elastically 

scattered neutrons. We then look for wave functions that satisfy the one dimensional 

Schrodinger wave equation (since the component of the neutron k^ vector parallel to the 

surface is conserved during the scattering process). In the air, the wave function at the 

interface between the layer and the air is described by: 

Similarly, wave flmctions in the layer and the substrate can be written as 

= + Be (3) 

{{fiz) = , (4) 

respectively. In the Eqn. 2-4 , the ki, kayer and ksubstrate describe the components of the 

neutron k^ vector normal to the interface. 

The amplitude of the incoming wave is imity, of the reflected wave is r, and of the 

transmitted wave in the substrate is t. When one examines the current density of neutrons 

at the interface and if we define the reflectivity, R, to be the ratio of reflected neutrons to 
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the number of incoming neutrons, we find that the reflectivity is simply the square of the 

amplitude of the reflected wave, R = |rp. 

For specular reflection, the momentum transferred to the neutron in the collision is 

perpendicular to the surface and is given by: 

The energy of the neutron in free space is given by: E=^l^/2m„. Whenever the 

neutron encounters a material in space, that material presents a potential energy step to 

the neutron given by the Fermi psuedopotential: 

where kc is related to the number of nuclei per unit volume of type i {i.e. the density of 

atoms of a particular chemical species) in the layer, Ni, and the coherent neutron 

scattering length of the nuclei of type i, bj, by: 

and is called the scattering length density (SLD). bf may be complex with it's 

imaginary component giving rise to absorption and the real part may be either positive or 

negative depending on the isotope (see for example the table in Lovesey, 1986). 

Conservation of energy dictates that: 

47rsm(6jJ (5) 

(7) 

>< l̂ayer = ) = (8) 
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By matching wave functions and their derivatives at the interfaces (e.g. air-layer and 

layer-substrate), one can solve for R (Russell, 1990; Smith and Majkrzak, 1999), thus, the 

SLD's and thicknesses of the layers determine the reflectivity. Fig. lb shows calculated 

reflectivity curves corresponding to the simple experiment in Fig. la. The goal of the 

reflectivity experiment is to measure RfQ^) and then infer (z) hy fitting a model of the 

SLD to the data. 

Fig.l 

50A alkane layer 

Q, =471 sin(0)A [A-1] 

The example in Fig. la also highlights one of the advantages of neutron scattering. If we 

substitute deuterium for hydrogen, we would have a significantly different SLD (7.74 • 

10"^ A"^ versus -0.41 • 10"® A'^ for deuterated and protonated hydrocarbon chains, 

respectively). This illustrates that by employing isotopic substitution, one can change the 

contrast between various parts of the system to gain a better understanding of their 

structures. 
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Figure lb also illustrates some of the common features found in reflectivity curves. 

Whenever the energy of the neutron is at or below the potential of the substrate (i.e. 

v^henever ko < )> the neutrons are perfectly reflected from the surface. The 

onset of total reflection is called the critical edge and the value of Qz at that point is 

referred to as Qcrmcai- Also, Figure lb shows that fringes arise from interference between 

waves being reflected from the top surface and the buried interface between the substrate 

2/r 
and the layer. For this simple case, the fringes have a spacing, dj^ng^^ . The 

^layer 

amplitude of the fringes relates to Ae contrast between the layers and the overall falloff 

of the curve obeys the Fresnel law (Als-Nielsen, 1984). Finally, most interfaces 

are not discontinuous but are graded due to mixing or surface roughness. The surface 

roughness (characterized by the root mean square displacement from the average 

interface, ) can also be obtained from the reflectivity curve (Als-Nielsen, 1986b; Nevot 

and Croce, 1980) 

X-ray Reflectometry 

Essentially all of the discussion above describing neutron reflectometry is applicable to x-

ray reflectometry. The basic difference is that neutrons are scattering from the nuclei 

where x-rays scatter from the charges in the system, the electrons (Braslau et al. 1985 and 

1988). In that case, we use the charge density instead of the scattering length density such 

that: 

(9) 
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where ro is the classical radius of the electron (2.82 • 10'^ A), ei i s the electron density, 

is the x-ray linear absorption coefficient (averaged over the constituent atoms) and is 

the x-ray wavelength. As in the case of the neutron, the imaginary term accounts for the 

absorption of the x-rays by the material. 

Comparison of X-ray and Neutron Reflectometry 

The ability to change contrast through isotopic substitution makes neutron reflection a 

powerful tool. However, neutron sources are inherently weak compared to the brilliance 

of available synchrotron light sources. This usually limits neutron reflectivity to a value 

of /?~10'®. On the other hand x-ray reflectivities down to R~10*® are typical and allow one 

to probe larger values of Qz {i.e. shorter length scales). 

A big advantage of neutron scattering is the low absorption of neutrons in many solid 

state materials (for example, monocystalline silicon or quartz). This allows neutrons to 

penetrate through thick layers of substrate to probe buried, solid-liquid interfaces. 

Neutrons are virtually non-destructive for hydrocarbon layers but high flux synchrotron 

x-ray beams can damage organic films. 
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X-ray and neutron reflectivity measurements of the 90% In203/10% SnOj (InSnO) 

sample. 

The x-ray and neutron reflectivity measurements were performed in order to characterize 

the structure of the InSnO layer at the quartz surface. The reflectivity data allows one to 

determine the electron or scattering length density profile perpendicular to the interface. 

The surface coverage, thickness, the relative position (in the case of multilayer structure) 

and the roughness of individual layers can then be calculated from the scattering length 

density profile. Based on known facts about the system (approximate thickness of the 

layer and possible electron density), a model reflectivity profile was generated and 

compared to the measured reflectivity profile. The model was then minimized with the 

Marquardt-Levenburg non-linear least squares fitting routine in order to obtain the best 

least squares fit to the data and the most physically reasonable parameters. 

Our philosophy was to use the simplest yet most physically reasonable model to 

fit the experimental data. The results that are presented are the best fits to the data using 

simple, insightful models. Large variations in the parameter space were allowed, but we 

restricted our models to those that generated reasonable results based on the known 

lengths and scattering length or electron densities. This enabled us to fit the data with a 

high level of self-consistency. 

Figure 2 shows the x-ray reflectivity of the InSnO sample. The solid line is the least-

square fit to the data using a box model and the best fit of the electron density distribution 

versus the distance in the direction normal to the surface is shown as the inset to Figure 2. 

The parameters from this fit are summarized in Table 1. 
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Fig. 2 

InSnO 

Length [A] 

0.05 0.1 0.15 0.2 0.25 0.3 0.35 0.4 0.45 

Q,[A-'] 

The electron or scattering length densities of InSnO layer was modeled as one box of a 

specified thickness and two root mean square roughness factors, 07 and cx2 were used to 

smear out the quartz-InSnO and InSnO-air interfaces. The measured thickness of the film 

was 532 (2) A. The calculated electron density for the 90% In203/10% Sn02 is 1.897 e' 

/A'^. The values of the fitted electron density is 1.81 eVA"^. The 4.5% differences 

between the calculated and the measured electron densities suggest that the layer contains 

some defects (voids, cracks, etc). In order to obtain a good fit to the measured data two 
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r.m.s. roughness parameters had to be implemented. The roughness of the quartz-InSnO 

interface was 07 = 4.3 A and the InSnO-air was 05 = 12.5 A, respectively. 

X-Ray Reflectivity Data of InSnO Sample 

Electron 
Density 

[eVA^] 

Thickness 

[A] 

Quartz-
InSnO 

Roughness 

[A] 

InSnO-
Air 

Roughness 

2 
[A] 

1 

1.81 
(0.05) 

532 
(2) 

4.3 
(0.1) 

12.5 
(0.1) 

470 

Calculated electron density of bulk 90% IniOa/lOVo SnOa: 
1.897 eV A', electron density of quartz: 0.8 eV A' 

In the fitting procedure we had to introduce the imaginary part of the InSnO electron 

density to accoimt for the absorption of the X-ray in the material. The obtained number 

matched well the theoretical value. 

Neutron reflectivity data, measured for much smaller Qz range and therefore less precise 

than the X-ray reflectivity, (Figure 3, Table 2) confirmed the results of the X-ray 

experiments, 

> 
rH tft-s 

U 10"* 

Pi lo'' 

lO-" 

10' 

10-* 

InSnO 

Length [A] 

0.04 0.08 0.12 0.16 
Qz[A-'] 
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Neutron Reflectivity Data of InSnO Sample 

Scattering 
Length 
Density 

[10-® A"^] 

Thickness 

[A] 

Average 
Roughness 

[A] 
3.7 
(0.1) 

530 
(10) 

12.2 
(0.3) 

1.5 

Calculated scattering length density of bulk 90% In203/I0% SnOj: 
4.077- 10"® A"̂ . Scattering length density of quartz: 4.2- 10"̂  A'̂  

X-ray and reflectivity measurements of the polymerizable lipid bilayer on quartz 

surface. 

Figure 4 shows the x-ray reflectivity of the lipid bilayer at quartz surface. The solid line 

is the least-square fit to the data using box model and the best fit of the electron density 

distribution versus the distance in the direction normal to the quartz surface is shown as 

the inset to Figure 4. The parameters from this fit are summarized in Table 3. 

The simplest model which fits the data consists of three boxes. The first and third boxes 

represent the averaged electron densities of the first and the second lipid layers. The 

thickness of these boxes are 23.3 A and 20.8 A, respectively. The electron density of the 

first box (in contact with the quartz subphase) is 0.32 eVA^ and the fitted value for the 

electron density of the third box (in contact with air) is 0.15 eVA^. The calculated average 

electron density of the bis-sorbyl phosphatidylcholine (402e7(45 A^- 27 A), assuming 

perpendicular arrangement of the molecules to the interface and the area per molecule of 

45 A^) is approximately 0.331 eVA^. This is in a good agreement with the value obtained 

from the reflectivity fit and indicates that the first layer creates dense and compact 
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structure at the quartz surface. The thickness of this layer of 23.3 A is less than the full 

extension of the molecule (27 A). 

Fig. 4 

10° 

tu 

Length [A] 

10' 

0.05 0.1 0.1S 0.2 0.25 0.3 0.35 0.4 0.45 

Qz[A-'] 

This means that the molecules are tilted approximately 30° with respect to the surface 

normal. The electron density of the second layer is almost twice less than the value 

obtained for the first one (Table 3) and its average thickness is 20.8 A. This indicates an 

incomplete monolayer structure with the surface occupancy of only 45% and average tilt 

of the molecules of about 40°. In order to obtain good fit to the data we had to assume a 

small 1 A air gap between the two lipid layers (not visible in the inset of Fig. 4 due to 

roughness) and smear all the interfaces by separate roughness parameters. 

X-Ray Reflectivity Data of Polymerizable Bilayer on Quartz 
Electron Thick Electron Thick Electron Thick - - T 
Density ness Density ness Density ness quartz- first second third 
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First First Second Second Third Third first layer- layer- layer -air 
Layer Layer Layer Layer Layer Layer layer second third 

layer layer [A] 
[eVA'] [A] [e/A'] [A] [eVA'l [A] [A] [A] [A] 

0.32 23.3 0.01 1 0.15 20.8 3.9 6.5 3.3 5.7 643 
(0.01) (0.6) (0.005) (0.2) (0.01) (0.6) (0.1) (0.4) (0.5) (0.3) 

In conclusion; the quality of the second lipid layer is far from being perfect. Its surface 

occupancy is only about 50% of the first layer. The lipid layer in contact with quartz 

appears to be very continuous and well formed. 
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