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ABSTRACT 

One attractive technology for restoration of hydrocarbon-contaminated 

groundwater is in situ bioremediation, a process where the degradative capacity of 

biological systems, usually bacteria, is harnessed to facilitate clean-up of environmental 

pollutants. However, the successful implementation of in situ bioremediation is 

contingent upon understanding how physicochemical and microbial factors affect the 

fonnation and dynamics of microbially active regions, known as bioactive zones (BAZs), 

in porous media. In this study, a novel, laboratory-scale fiber optic detection system was 

developed and employed to monitor real-time, in situ BAZ formation and dynamics 

during naphthalene transport in saturated porous media. 

Biological activity was measured non-destructively by detecting in situ 

bioluminescence from Pseudomonas putida RB1353, a naphthalene degrading, lux 

reporter organism. The first investigation focused on examining the impact of 

temperature, pH and initial cell number on P. putida RB1353's peak luminescence and 

f max during naphthalene catabolism. Statistical analyses based on general linear models 

indicated that temperature, pH, and initial substrate concentration accounted for 99.9% of 

the variability in luminescence during naphthalene catabolism. These results 

demonstrated that with careful characterization and standardization of measurement 

conditions, attainment of a reproducible luminescence response and an understanding of 

the response are feasible. 

The second investigation evaluated several potential limitations of the fiber optic 

detection system and the ability of the detection system to capture BAZ dynamics. The 
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results indicated that the system is not adversely affected by biofilm formation on the 

optical fiber tips or by bioluminescence attenuation in the porous medium. Additionally, 

the utility of the detection system was demonstrated by effectively capturing the 

dynamics of in situ bacterial activity during naphthalene catabolism under changing 

physicochemical conditions. 

The third investigation employed the detection system to monitor real-time, in situ 

BAZ formation and dynamics during naphthalene transport in saturated porous media 

containing defined physicochemical and microbial heterogeneities. Despite successful 

transport of bacteria into sterile regions, BAZ formation was limited by local 

physicochemical conditions. Furthermore, bacterial transport against the advective flow 

enabled BAZ formation upgradient of inoculated regions. Ultimately, such investigations 

will improve the utility of in situ bioremediation by enhancing our understanding of BAZ 

dynamics in complex, heterogeneous systems. 
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CHAPTER 1 

INTRODUCTION 

Explanation of Dissertation Format 

This dissertation comprises two chapters and six appendices. Chapter one 

provides an introduction to the research problem and a review of the current literature. 

The literature review is being prepared for submission to Environmental Health 

Perspectives and discusses water quality in the United States and the economic benefits 

of remediating polluted groundwater. Chapter two provides a summary of the present 

study that is discussed in detail in Appendices A through F. 

Appendix A describes the genetic regulation and biochemistry of Pseudomonas 

putida RB1353, the bioreporter employed in the present study. Three manuscripts are 

presented in Appendices B, C, and D. The manuscript in Appendix B is published in 

Applied and Environmental Microbiology, Appendix C is published in Analytica 

Chimica Acta, and Appendix D is being prepared for submission to Environmental 

Science and Technology. While my advisor, Dr. Raina M. Maier. and Dr. Mark L. 

Brusseau provided invaluable insight and guidance, the ideas addressed in the 

manuscripts (Appendices B, C, and D). including the design, execution, and data 

analysis, are my own and represent my original work. For Appendix B, Dr. Robert F. 

Frye assisted with the statistical analysis. For Appendix C, Michele K. Mahal provided 

intellectual discussions and assistance with the column experiments. In addition, I am a 

co-author of a published manuscript (Yolcubal et al., 2003). As a co-author, 1 helped 
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design and execute several column experiments to address the impact of terminal electron 

acceptor availability on the formation of bioactive zones in saturated porous media. 

Furthermore, I provided editorial assistance in preparing the manuscript for publication. 

The results of additional studies are arranged in two Subdivisions presented in 

Appendix E. Subdivision I addresses the complexity of elucidating the limiting reagent in 

the catalytic cycle of the luminescence reaction and all data and conclusions presented 

are my own ideas and represent my original work. Subdivision II addresses the 

differences in bioreporter activity between batch and column systems under different 

chemical conditions. The majority of the data and conclusions presented in Subdivision II 

are my own and represent my original work. However, some of the column data was 

provided by Dr. Man Yolcubal. Appendix F presents an explanation of the naphthalene 

rebounding phenomenon observed in many column experiments. Some of the column 

experiments are presented in Appendix C and some are presented in the co-authored 

paper by Yolcubal et al. (2003). 

Explanation of Problem 

In the last half-century, environmental tragedies such as the Donora smog of 1948 

in Pennsylvania, the Santa Barbara oil spill of 1969 in California, Love Canal and Three-

mile Island in New York. Times Beach in Missouri, and the Exxon Valdez oil spill of 

1989 in Alaska have broadened the public's awareness of how hazardous materials can 

adversely affect human health and the environment (Easton, 1972; Kennedy, 2002: 

Gibbs, 2002; EPA, 2004c). As a result, extensive environmental legislation was passed 
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in the 1970s and 1980s to limit environmental degradation and preserve human health in 

the United States. Despite the protection afforded by the new environmental regulations, 

many areas still pose a threat to human health as a result of past activities and current 

chemical disposals. Therefore, the demand for scientifically sound, innovative and 

economically viable technologies to reclaim these contaminated areas remains high. 

Activities associated with industrial, military, commercial, agricultural, and 

domestic operations led to the usage of over 8 million synthetic and naturally occurring 

organic chemicals, as well as numerous inorganic chemicals, in the last century. (Lenhard 

et al., 1995; Swoboda-Colberg. 1995; Wackett. 1996). Currently, the EPA's Toxic 

Substances Control Act Chemical Inventory lists over 75,000 chemicals with 

approximately 2.300 new chemicals added to the inventory each year (Zeeman et al., 

1995: Bonaventura and .lohnson, 1997). Many of these industrial chemicals have been 

released into the environment in enormous quantities over the last few decades (Chen et 

al., 1999). For example. Ember (1992) estimated that in 1990 alone. US manufacturers 

released over 2.2 billion kg of toxic substances into the environment and this figure is 

expected to increase as the US population grows. Such extensive production and 

environmental discharge of chemicals is now resulting in widespread water pollution 

(Foster and Chilton, 2003; Meybeck, 2003). 

Furthermore, attention to environmental hydrocarbon contamination is increasing 

as accidents, such as the Exxon Valdez oil spill in Alaska that released over 200,000 

barrels of crude oil into Prince William Sound and smaller oil spills in Texas, Rhode 

Island, Delaware Bay and the Gulf of Mexico, become more frequent (Leahy and 
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Colwell, 1990). The worldwide annual anthropogenic input of petroleum into the 

environment is estimated to be between 1.7 and 8.8 million metric tons (National 

Academy of Sciences, 1985). Of particular concern are underground storage tanks (UST), 

which have a troubling history in the US. The EPA estimates that, as of 2003, over 

436,000 regulated UST systems had confirmed releases into the environment in the US 

(Rothenstein, 2003). Over the past decade, new releases have been reported at rates of 

500 to 1000 per week (Conner and McHugh, 2002) and leaking USTs continue to be 

reported at a rate averaging 20,000 per year. Currently, a cleanup backlog of over 

139,000 USTs still exists (Rothenstein, 2003; Conner and McHugh, 2002). Many of the 

UST releases contain polycyclic aromatic hydrocarbons (PAH) that pose serious threats 

to human health and the environment (EPA. 1999a). Specifically, PAHs are known to 

have toxic, mutagenic, and/or carcinogenic properties (Madsen et al., 1992; Mastrangelo 

et al., 1996; Mehlman, 2002), to bioaccumulate in aquatic organisms (Meador et al., 

1995), and to have enhanced genotoxic and carcinogenic effects when present in mixtures 

(Kaiser, 1997). Currently, there are 16 PAHs listed as priority pollutants for remediation 

by the EPA. including naphthalene (Liu et al., 2001). 

Over the past several decades, many technologies have been developed in an 

attempt to remediate environments contaminated with petroleum hydrocarbons. The most 

common remediation approach for contaminated groundwater is pump-and-treat, a 

technology that removes contaminated groundwater via extraction wells, treats the 

contaminated water in aboveground systems, and then injects the remediated water back 

into the ground. Currently, approximately 75% of Superfund sites, as well as Resource 
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Conservation and Recovery Act sites, employ pump-and-treat. However, engineering-

based technologies that rely on pump-and-treat systems have proven very costly and in 

some cases ineffective at reducing contaminant concentrations to compliance standards 

(MacKay and Cherry, 1989; MacDonald and Kavanaugh, 1994). For example, a 1994 

review of pump-and-treat systems at 77 sites revealed that remediation goals were 

attained at only 8 sites and were highly unlikely to be attained at 42 sites (NRC, 1994). 

The inefficiency of pump-and-treat was associated with sorption of the contaminant onto 

soil particle surfaces, subsurface physical heterogeneities, diffusion of the contaminant 

into inaccessible portions of the soil matrix, and inadequate site characterization (NRC, 

1994). Therefore, the high costs and inefficiency associated with traditional engineering-

based approaches warrants the development of new technologies and/or alternative 

strategies to facilitate decontamination, reduce the financial burden of site cleanup, and 

help ensure regulatory compliance. 

One attractive technology for restoration of polluted sites is in situ 

bioremediation. In general terms, bioremediation is the technological process whereby 

biological systems, usually microorganisms, are harnessed to facilitate clean-up of 

environmental pollutants (Head, 1998). Bioremediation has a number of advantages over 

conventional remediation strategies (Boopathy, 2000; Romantschuk et al., 2000). The 

primary advantage is the ability of bioremediation to be implemented in situ, thus 

eliminating the cost associated with removal and ex-situ treatment and the potential 

hazard of exposing personnel to harmful materials. Another advantage is the ability of 

microorganisms to completely degrade the organic contamination to the innocuous end 
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products of carbon dioxide and water (NRC, 1994). Despite the lower cost and enhanced 

contaminant removal that bioremediation affords over conventional technologies, the 

application of in situ bioremediation is limited by a lack of understanding of the behavior 

of microorganisms in natural environments. Specifically, research is needed that focuses 

on how physical, biological, and chemical factors affect microbial activity towards 

environmental pollutants. In fact, research has already shifted from a focus on the genetic 

engineering of 'superbugs' to a more realistic focus: the elucidation of factors affecting 

pollutant transformation and mineralization in natural environments (Head. 1998). 

Specifically, research is beginning to address how the efficacy of bioremediation is 

impacted by chemical conditions, such as availability of nutrients, terminal electron 

acceptors, and contaminant concentrations (Yolcubal et al., 2003). Currently, there is a 

demand for understanding how physical heterogeneity in subsurface environments affects 

biological activity. 

The development of reporter organisms is proving instrumental in increasing our 

understanding of how physical, chemical, and biological conditions affect the 

biodegradation efficacy of microorganisms. A reporter organism is an organism that 

contains a transcriptionai fusion between a promoter of interest and a reporter gene to 

enable analysis of gene expression. When placed in an environment suitable for 

expression of the pathway, the pathway is induced and the reporter gene or operon 

produces an easily detectable product, such as photons, that can be detected by electronic 

means (Burlage et al., 1996). The most commonly used reporter genes include lacZ, gfp. 

luxAB, and luxCDABE and bioreporters have been developed for assaying gene 
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expression (Stewart and Williams, 1992; Steinberg et al., 1995), metabolic activity (King 

et al., 1990; Buralge et al., 1994; Unge et al., 1999; Porteous et al., 2000). spatial 

distribution of organisms in the environment (Ramos et al., 2000), and toxicity 

assessment (Kelly et al., 1999; Choi and Gu, 2001). Of the reporter genes mentioned, the 

luxCDABE gene cassette is preferable for two reasons. First, the operon encodes all the 

enzymes necessary to produce all pathway reagents, therefore addition of exogenous 

substrates is not required for signal production. Second, the bioluminescent signal 

generated by IvxCDABE fusions is typically short lived, thus allowing for repetitive 

sampling under dynamic conditions (Ruby and Hastings, 1980). However, one downside 

of the luxCDABE gene cassette is the dependency on ATP and reducing power [e.g.. 

NAD(P)H] within the bacterial cell. 

The research in this dissertation focuses on the development and implementation 

of a novel, laboratory-scale system that employs a Im bioreporter organism to enhance 

our understanding of bacterial activity during hydrocarbon biodegradation in saturated, 

physically heterogeneous soil environments. The knowledge acquired will facilitate the 

development of more cost-effective, time-efficient remediation technologies for the 

reclamation of petroleum contaminated groundwater by providing insight into the factors 

controlling bacterial activity and how these factors can be altered to optimize biological 

activity in the field. 
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Literature Review 

Protecting Human and Environmental Health in the 21®* Century: the Challenge 

of Water Quality Restoration in the United States 

you can't have a healthy economy without a healthy environment. We need not 

choose between breathing clean air and bringing home secure paychecks. The fact is, our 

environmental problems result not from robust growth, but from reckless growth. The 

fact is that only a prosperous society can have the confidence and the means to protect its 

environment. And the fact is healthy communities and environmentally sound products 

and services do best in today's economic competition. 

President William Jefferson Clinton 

Earth Day Speech April 21, 1993 

Introduction 

During the twentieth century, industrialization dramatically enhanced the quality 

of life in the United States, but not without consequences. Chemical industries have 

developed, and continue to develop, a baffling diversity of compounds, many of which 

have found their way into the nation's water supplies. Concurrently, demand for water 

has dramatically increased and shortages are developing in many areas, even as reuse of 

water and water conservation are implemented. As a result, we are standing on the 

precipice of deteriorating water quality at a time when economic expansion and 

population growth have brought about an ever-increasing demand for clean water. 
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Despite recent protections afforded by environmental regulations, the exigence for 

scientifically sound, innovative, and economically viable technologies to protect and 

reclaim the nation's deteriorating water supplies is increasing. Furthermore, there is a 

need to assess the value of the Earth's ecosystem services and to recognize that 

ecosystems have a finite resilience to pollution. This paper provides an overview of: 1) 

the current state of water in the United States, with an emphasis on groundwater and 

potential threats to human health; 2) the healthcarc costs and economic losses associated 

with contaminated water; 3) the environmental policies aimed at preserving human health 

through improved water quality; 4) the emergence of multilateral, in situ reclamation 

strategies to reduce the financial burden of policy compliance; and 5) the need to realize 

the value of ecosystem services, define ecosystem resilience, and maintain enforcement 

of environmental regulations. 

Freshwater Demand and Quality in the United States 

To appreciate the extent of society's influence on freshwater resources in the 

United States (US), one must first understand freshwater availability. The average daily 

precipitation in the US is approximately 15.9 trillion L (EPA, 2004a). When measured 

over a year, this equals enough water to cover the contiguous US to a depth of 76 cm. Of 

the 15.9 trillion L of precipitation/day, ~70% returns to the atmosphere via 

evapotranspiration and -30% enters streams and eventually can recharge groundwater 

(EPA, 2003). The amount of water from precipitation that is subject to recharge is highly 

variable and depends on the properties of surface soils, vegetation, local topography, and 
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the depth to the water table (Alley et al., 2002). These percentages translate to -4.8 

trillion L of precipitation that enter streams and groundwater on a daily basis. This 

volume can be compared to water use, which in 2000 was estimated to be 1.3 trillion 

L/day in the US (Hutson et al.. 2004) or -27% of the freshwater replenishing streams and 

groundwater daily from precipitation. 

So why are there water concerns in the US? First, the heterogeneous distribution 

of precipitation across the US results in areas where surface water is scarce. 

Consequently, groundwater is frequently the main source of water for agricultural, 

industrial, and residential demands (Alley et al., 1999). In the near term, use of 

groundwater seems sensible because it comprises over 25% of all freshwater and 

represents the principal freshwater reserve and future water supply in the US. In the long 

term, use of groundwater is worrisome because it is replenished so slowly. In some 

desert regions, water reaching the water table is estimated to have infiltrated the soil 

surface as long as 120,000 years ago (Edmunds and Tyler, 2002). Furthermore, in the 

western US, tracer data indicates that recharge rates 15,000 years ago were -20 times 

greater than the current recharge rates (Phillips, 1994). In 2000, an unsustainable -315 

billion L/day of fresh groundwater were withdrawn in the US with the majority, -68%, 

used for irrigation of agricultural lands (Hutson et al.. 2004). This represents a disturbing 

trend. Since 1950, the percentage of the total annual volume of irrigation water derived 

from groundwater has increased from 23% to 42%. Overall, groundwater withdrawals 

have increased 14% since 1985. As of 1999 an estimated 270 km"\ or roughly equivalent 

to half the water in Lake Erie, had been withdrawn from the High Plains aquifer that 
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stretches from South Dakota to Texas (USGS, 2002). Such demands on groundwater in 

many regions of the US have caused a lowering of the water table, resulting in salt-water 

intrusion, loss of discharge to surface water, and loss of aquifer water volume (USGS, 

1998). 

What does it take to replenish groundwater? On average, the rate of exchange of 

fresh groundwater (e.g.. the time required to replace the water) is approximately 280 

years or 1/9,000 the rate of exchange in rivers (Heath, 1983). Of particular concern is the 

fact that 50% of the population in the nation relies on groundwater as a source of drinking 

water and many food crops are irrigated with groundwater (Solley et al., 1998). 

Furthermore, since groundwater and surface water are inextricably linked, with 

groundwater supplying half of the water flow in US streams, groundwater depletion can 

have adverse impacts on watershed ecology, recreational potential, and drinking water 

availability (EPA, 1999a). 

The second major water concern in the US is deteriorating water quality resulting 

from waste discharges into the environment. Poor water quality resulting from 

microbiological and chemical contamination is a contributing factor to the total disease 

burden and death of humans (Murray and Lopez, 1996). In the twentieth century, 

activities associated with industrial, military, commercial, agricultural, and domestic 

operations have led to the usage of over 8 million synthetic and naturally occurring 

organic chemicals as well as numerous inorganic chemicals (Lenhard et al., 1995; 

Swoboda-Colberg, 1995; Wackett, 1996). Currently, the EPA's Toxic Substances Control 

Act Chemical Inventory lists over 75,000 chemicals with approximately 2,300 new 
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chemicals added to the inventory each year (Zeeman et al., 1995; Bonaventura and 

Johnson, 1997). Many of these industrial chemicals have been released into the 

environment in enormous quantities over the last few decades (Chen et al., 1999). For 

example. Ember (1992) estimated that in 1990 alone, US manufacturers released over 2.2 

billion kg of toxic substances into the environment and this figure is expected to increase 

as the US population grows. Such extensive production and environmental discharge of 

chemicals is now resulting in widespread water pollution (Foster and Chilton, 2003: 

Meybeck, 2003). 

Astonishingly, the figure of 2.2 billion kg of toxic chemicals released in 1990 

does not include accidental releases or releases from contaminated sites associated with 

past activities. According to a 1999 EPA report to congress, hazardous waste sites, 

underground storage tanks, and pesticides are among the greatest concerns as potential 

sources of water contamination (EPA, 1999a). A report compiled by the US General 

Accounting Office (GAO. 1988) on hazardous waste sites in the US indicates that as 

many as 425.000 former industrial and commercial sites containing hazardous waste may 

exist throughout the nation. As of 1995, approximately 40,000 uncontrolled hazardous 

waste sites had been identified in the US (Johnson, 1995). Furthermore, the EPA 

estimates that 217,000 sites nationwide contain contaminated soil, groundwater, or both 

(EPA, 1997a). At US Department of Energy facilities alone, there exists over 1.8 billion 

m^ of contaminated groundwater and 75 million m' of contaminated soil with the 

potential to contaminate groundwater (NRC, 1999). The health consequences of 

consuming even trace amounts of the complex mixtures of hazardous compounds that are 
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leaching into the groundwater at many of these sites is currently unknown. However, one 

might assume that the health effect prognosis is not positive. 

Underground storage tanks (UST) have a troubling history in the US. The EPA 

estimates that more than 1 million USTs, predominantly employed for hydrocarbon 

storage, have been in service in the US and, as of 2003, over 436,000 regulated UST 

systems had confirmed releases into the environment (Rothenstein, 2003). Over the past 

decade, new releases have been reported at rates of 500 to 1000 per week (Conner and 

McHugh, 2002). In an attempt to correct the overwhelming problem of UST leaks, all 

USTs were required to be upgraded to prevent leaks or closed by December 1998 (40 

CFR Part 280). The new regulations have helped reduce the number of active USTs in 

2003 to 696,000, or 20% fewer than in 1998. However, leaking USTs continue to be 

reported at a rate averaging 20.000/year and a cleanup backlog of over 139,000 USTs still 

exists (Rothenstein, 2003; Conner and McHugh, 2002). Many of the UST releases 

contain chemicals such as benzene, toluene, ethylbenzene, and xylene (BTEX) as well as 

polycyclic aromatic hydrocarbons (PAH) that pose serious threats to human health and 

the environment (EPA, 1999a). Specifically, BTEX compounds and PAHs are known to 

have toxic, mutagenic, and/or carcinogenic properties (Madsen et al., 1992; Mastrangelo 

et al., 1996; Mehlman, 2002) and PAHs are known to bioaccumulate in aquatic 

organisms (Meador et al., 1995). Currently, there are 16 PAHs listed as priority pollutants 

for remediation by the EPA (Liu et al.. 2001). 

Pesticides are another threat to the nation's water resources. A study by Col bum 

and Short (1999) indicates that 252 million kg of active herbicide ingredients were 
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applied in the US in 1995 alone. Such heavy application has resulted in contamination of 

groundwater and drinking water supplies. A US Geological Survey study conducted 

under the National Water Quality Assessment Program indicated that over 60% of the 

monitored groundwater sites on agricultural lands were contaminated with pesticides 

(EPA, 2003). Furthermore, regular detection of herbicides in drinking water supplies has 

occurred in every part of the US. Approximately 14.1 million Americans drank water 

contaminated with the herbicides atrazine, cyanazine, simazine, alachlor, and metolachlor 

in 1994 (Wiles et al., 1994; Barbash and Resek, 1996) and, in the mid 1990s, 4.3 million 

Americans were exposed to levels of carcinogenic herbicides in drinking water that 

exceeded the EPA's standard of acceptable cancer risk (Cohen and Wiles, 1997). 

Researchers who participated in the Biosphere 11 studies between 1991 and 1993 

provided startling evidence of pesticide bioaccumulation. During their tenure in the 

enclosed environment of Biosphere 11, the scientists performed routine urine analyses and 

discovered that their bodies were excreting pesticide residues. Since each scientist lost 

nearly 20% of his or her body weight (predominantly fat), the most plausible explanation 

was that the pesticides were stored in the body fat from past exposure and released as 

their body fat was metabolized (Davis, 2002). Such exposure and observed 

bioaccumulation is disconcerting since the suspected health effects associated with 

herbicide contact include endocrine disruption (Brucker-Davis, 1998) and neurotoxicity 

(Evangelista De Duffard et al., 1995) and the known health effects include non-

Hodgkin's lymphoma (Scherr and Mueller. 1996), prostate cancer (Morrison et al., 1993 ), 

and impaired development (Garry et al., 1996; Munger et al., 1997). Furthermore, a study 
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by Arnold and Klotz (1996) indicates that synergistic interactions between chemicals, for 

example dieldrin and endosulfan, result in greater endocrine disruption than that which 

occurs from either chemical alone. 

Exacerbating the degree of water contamination and the potential for human 

exposure is the interchange between surface and subsurface water systems. Groundwater 

contamination is now recognized as a conduit for nonpoint source pollution to surface 

water. Currently, as a result of accidental or intentional releases of hazardous waste in 

the US, over 5,600 km^ of chemical plumes in underground aquifers require remediation 

to prevent adverse effects on public health and the environment (NRC. 2003). 

Furthermore, there is little doubt that these chemical plumes are contributing to the 

482,000 km of stream and 20,000 km' of US lakes classified as polluted (EPA 1999b). 

One example is the Colorado River which was designated in 2004 as America's Most 

Endangered River by American Rivers, a national river protection and advocacy 

organization. The designation stems from two different contaminated groundwater 

plumes entering the Colorado River. The source of the first plume is the Kerr-McGee 

plant near Henderson, Nevada, a defunct war-munitions complex with high levels of 

ammonium perchlorate, a toxic compound known to be a competitive inhibitor of iodide 

transport to the thyroid (Greer et al.. 2002). The groundwater under the Kerr-McGee 

plant contains approximately 9.3 million kg of perchlorate dissolved in 34 billion L of 

water (Hogue, 2003) and feeds into the Las Vegas Wash, a tributary of the Colorado 

River that flows into Lake Mead. The groundwater plume contributed between 226 and 

453 kg/day of perchlorate into the wash in the 1990s, resulting in perchlorate levels as 
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high as 24 parts per billion in Lake Mead (Hogue, 2003). Today, an active reclamation 

project is expected to reduce the inputs to around 23 kg/day. However, the project does 

not address the 9 million kg of perchlorate-contaminated sediments in the Las Vegas 

Wash. 

The second plume involves an abandoned uranium tailings site once operated by 

Atlas Corporation near Moab, Utah. The site is unlined and contains approximately 9.5 

million metric tons of uranium wastes, including 1.6 billion L of contaminated liquid. As 

a result, the uranium content in the groimdwater near the Moab site exceeds the EPA 

groundwater standards at uranium tailings piles by 530-fold (ORNL. 1998). A study 

conducted by the Oak Ridge National Laboratory estimates that 36.520 L/day or 25.4 

L/min of uranium-contaminated water enters the Colorado River at the Moab site 

(ORNL, 1998). Furthermore, the tailings at Moab contain high levels of ammonia, a 

marker of mill contamination, which is also leaching into the groundwater and eventually 

entering the Colorado River. As a result, the Fish and Wildlife Service's biological 

opinion is that the contamination of the Colorado River at the Moab site is likely to 

jeopardize the continued existence of four endangered species that inhabit the area; the 

razorback sucker, humpback chub, bonytail chub, and Colorado squawfish (FWS, 1998). 

The degradation in Colorado River water quality resulting from the surfacing of 

contaminated groundwater is alarming. Not only do ~25 million people (7% of the US 

population) rely on Colorado River water as a source of drinking water, but much of the 

agriculture in the southwest US relies on Colorado River water for irrigation. This 
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problem is well illustrated by the detection of perchlorate residues on lettuce grown in 

Southern California (Hogue. 2003). 

Therefore, despite the dawning of environmental consciousness over the last 50 

years, population growth coupled with the burgeoning demand for petroleum and 

anthropogenic chemicals continues to contribute to the depletion and spoliation of 

freshwater resources in the US. Presently, a diligent effort is needed to develop a 

national basis for characterizing water availability and quality and this effort should be 

strategic in scope and multilateral in approach. 

Paying the Price: Healthcare Costs and Economic Losses Associated with 

Contaminated Water 

While recent research provides a starting point for understanding the magnitude 

of health costs and economic losses associated with chemically contaminated water in the 

US, these estimates must be refined so that regulators, policy makers, and the general 

public can have confidence in using them as decision-making tools. A starting point, 

based on the known extent of contaminated water in the US and existing cost estimates, is 

an annual healthcare financial burden in the hundreds of billions of dollars. This is a 

daunting number, upwards of 1% of the $11 trillion 2003 US gross national product 

(BEA, 2004). 

How can this estimate be refined? Currently, most studies, including those 

reviewed in this paper, do not focus exclusively on contaminated water or consider all 

diseases or all types of contamination. For example, a study by Muir and Zegarac (2001) 
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evaluated the economic and health costs in the US and Canada connected with several 

diseases and health impairments suspected of having an environmental causation, such as 

exposure to contaminated water, including: 1) diabetes; 2) Parkinson's disease; 3) 

neurodevejopmental effects and hypothyroidism; and 4) deficits in intelligence quotient. 

The calculated annual cost associated with the four case studies was $568 to $793 billion 

for the US and Canada combined. Of the total costs, the authors hypothesize that 10% to 

50% were environmentally induced (e.g., $57 to $397 billion per year). 

A more limited study by Lybarger et al. (1998) examined the costs of medical 

care and Jost productivity resulting from exposure to volatile organic compounds (VOC) 

in drinking water around 258 Superfund sites (e.g., contaminated sites that pose an 

imminent hazard and are listed on the EPA's National Priorities List (NPL) under the 

Comprehensive Environmental Response, Compensation, and Liability Act). The health 

conditions examined were those occurring in excessive rates in the VOC-exposed 

populations, as compared to unexposed populations, and included: 1) birth defects; 2) 

urinary tract disorders; 3) diabetes; 4) eczema and skin conditions; 5) anemia; 6) speech 

and hearing impairments in children; and 7) stroke. Assuming the absence of remedial 

interventions, the annual costs were estimated at $330 million from these 258 sites alone. 

However, the authors emphasize that the estimated economic burden does not include all 

contaminants at all Superfund sites or account for the decrease in property values around 

Superfund sites. Further, if these numbers are extrapolated to include the 1238 sites 

listed on the NPL as of April 2004 (EPA, 2004b), as well as the -40,000 identified 

uncontrolled hazardous waste sites in the US, the total annual economic expense would 
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exceed $1.5 billion for all Superfund sites and $50 billion for all uncontrolled hazardous 

waste sites. Finally, it must be noted that even if all hazardous waste sites were 

remediated to comply with federal regulations within the next year, health expenses 

would persist into the future as adverse health conditions arise in populations with past 

exposures. 

As a final example. Landrigan et al. (2002) estimated the health costs associated 

with exposure to chemical environmental pollutants, such as contaminated water, for four 

types of pediatric diseases: 1) lead poisoning; 2) asthma; 3) cancer; and 4) 

neurobehavioral disorders. Excluding asthma, since asthma is more likely to result from 

exposure to contaminated air, the estimated annual cost of these pediatric illnesses 

associated with environmental chemical exposure was $52.9 billion. Again, the authors 

emphasize that the reported cost is likely low due to conservative estimates and poor 

associations between late complications and etiology. 

Of the studies discussed above, only Landrigan et al. included health costs 

associated with cancer cases resulting from exposure to environmental contaminants in 

the US. Despite being the second leading cause of death in the US (CDC, 2002). the 

connection between cancer illnesses and toxic chemical exposure in humans via contact 

with contaminated water remains difficult to prove. The difficulties reside in establishing 

an accurate human dose-response relationship using animal exposure studies, the 

controversy over whether animals can be employed as surrogates for human studies, and 

the complexity of additional factors that predispose cancer risks in humans (Huff, 1999). 

Yet several studies indicate that contaminated water consumption has occurred in areas 
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associated with childhood cancer clusters (Costas et al., 2002; Richardson et al., 1999) 

and current investigations at other cancer clusters, such as Sierra Vista and Maryvale, 

Arizona, and Fallon, Nevada, may help establish a relationship between the consumption 

of contaminated water and the incidences of leukemia. Additionally, occupational 

exposure to many chemicals that currently contaminate groundwater, such as 

trichloroethylene, is known to result in cancer illnesses (Wartenberg et al., 2000). 

Therefore, to sunnise that at least some of the economic and health burden associated 

with cancer illnesses in the US is associated with exposure to contaminated water seems 

plausible. The estimated new cases of cancer in 2004, excluding skin and respiratory 

cancers which are primarily associated with sun exposure and smoking, is 1,122,130 

(Jama! et al., 2004) and the National Institutes of Health estimated cost associated with 

all cancer illnesses in the US in 2003 was $171.6 billion (ACS, 2004). Since most cancer 

cases are of unknown etiology, the supposition that even a few percent of new cases are a 

result of exposure to contaminated water implies an annual expense in the billions of 

dollars. 

It must be mentioned that the economic burden associated with contaminated 

water is not limited to the costs connected to human illnesses. From an ecological 

perspective, decreasing ecosystem biodiversity ensuing from deteriorating environmental 

fitness is threatening multibillion-dollar industries such as agriculture, biotechnology, and 

pharmaceuticals (Warford, 1995). Additionally, the economic losses associated with 

decreased recreational revenues can be significant. Several studies conducted in Maine 

have provided an assessment of the potential economic costs of water quality degradation 
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in lakes (EPA. 2000). Based on recreational revenues generated by lake-based 

expenditures, the annual benefit of avoiding a measurable decrease in water quality in 

Maine's lakes exceeds $2 billion. Furthermore, even though no comprehensive study has 

been conducted on the cumulative economic losses associated with fish consumption 

advisories resulting from chemical bioaccumulation, the costs are likely to be in the 

billions of dollars per year. Currently, 100% of the Great Lakes and the comiecting 

waters between the Great Lakes are under advisory. Excluding the Great Lakes, the 

number of lakes and river miles under fish consumption advisories has increased from 

14,962 lakes and 74,505 river miles in 1993 to 79,119 lakes and 485.205 river miles in 

2001 (EPA, 2003 ). In 2003, there were 2,618 advisories representing almost 28% of the 

nation's total lake acreage and 14% of the nation's total river miles (EPA, 2003). 

Therefore, the unpalatable reality is that growing deterioration of environmental 

water quality continues to adversely affect the ecological fitness and economic vitality of 

the US. Currently, an analysis of the origins of the pollution problem, in conjunction 

with a more comprehensive analysis of the economic, ecological, and health costs 

associated with contaminated water, is required. Such an analysis would allow a 

pragmatic evaluation of costs and benefits associated with water quality protection that 

encompasses the values of both clean freshwater resources as well as economic 

development of US industries. 
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Environmental Policy and the Cost of Compliance 

Over the past forty years, environmental tragedies, such as the Santa Barbara Oil 

Spill in California, the burning of the Cuyahoga River in Ohio, the Love CanaJ waste site 

in New York, and the Exxon Valdez oil spill in Alaska, have increased public awareness 

of hazardous waste problems (Easton, 1972; Kennedy, 2002; Gibbs, 2002; EPA, 2004c). 

Specifically, such events incited public concern regarding the detriment to human health 

and environmental quality associated with hazardous waste sites and unplanned 

hazardous material releases. In response to growing public concern and pressure from 

environmental advocacy groups, the federal government enacted a suite of environmental 

laws to help mitigate the adverse health effects and environmental degradation linked to 

hazardous materials. The following laws, summarized in Table 1, have a direct impact on 

water quality in the US: 1) Federal Insecticide, Fungicide, and Rodenticide Act (FIFRA); 

2) Clean Water Act (CWA); 3) Safe Drinking Water Act (SDWA); 4) Resource 

Conservation and Recovery Act (RCRA); 5) Toxic Substances Control Act (TOSCA); 

and 6) Comprehensive Environmental Response, Compensation, and Liability Act 

(CERCLA). 

While a detailed analysis of each environmental law is beyond the scope of this 

paper, brief overviews of sections 303(d) and 305(b) of the CWA and CERCLA are 

provided to illuminate the changing approach to water quality management and the 

economic aspects of policy compliance. Under section 303(d) of the CWA, states are 

required to identify any waters in violation of current water quality standards, to establish 

priorities regarding impaired waters, and to implement total maximum daily loads 
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(TMDL) to improve water quality and restore compliance (Boyd, 2000). The strength 

behind the TMDL approach is the focus on total pollutant load reductions from all 

sources to ensure that a waterbody remains in compliance with water quality standards. 

Despite the profound importance to water quality management, section 303(d) was not 

often enforced at the State or the Federal level in the 1970s or 1980s. However, in the 

last decade, section 303(d) has gained momentum as a solution to overcoming 

nonattainment of water quality goals caused by nonpoint source pollution. To put this 

into context, the original intent of the CWA was an "end-of-the-pipe" approach to 

regulating point source pollution. However, it has become apparent that point sources 

represent a small fraction of the pollution entering waterbodies (Carpenter et al, 1998 ). 

In fact, less than 10% of the nation's impaired streams in 1996 were polluted by 

industrial point sources (EPA, 1998). In response to this finding, the EPA used provisions 

within section 303(d) and the Water Quality Plarming and Management Regulation (40 

CFR Part 130) to implement a new TMDL program in 2000. The new TMDL rules shift 

the focus from known point sources to any source contributing to water quality 

degradation, including nonpoint sources. As Boyd (2000) emphasizes, the shift to an 

"ambient" approach to water quality management under the new TMDL rules will force 

regulation and reporting to be increasingly concerned with "the in situ quality of 

waterbodies themselves." Therefore, section 303(d) of the CWA is currently providing 

the backbone for implementation of new regulations to address the burgeoning water 

quality impairment associated with nonpoint sources of pollution throughout the nation. 
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Section 305(b) of the CWA was established to provide a framework for the EPA 

and the US Congress to assess the quality of the nation's waters. The regulations 

implementing section 305(b) require states to prepare and submit a biennial report to the 

EPA which includes; 1) an inventory of water quality in the state's waterbodies; 2) the 

extent of compliance with the "fishable/swimmable" directive of the CWA; 3) an 

attainment projection for compliance with the requirements of the CWA including 

pollution discharge elimination and any additional recommendations to achieve 

compliance; 4) an estimate of the environmental impact, the economic and social costs, 

the economic and social benefits, and the estimated date of such achievement; and 5) a 

description of the nature and extent of nonpoint sources of pollutants, including 

recommendations of programs and costs required to manage and reduce nonpoint 

sources. After the reports have been submitted, the EPA must transmit the reports along 

with an analysis to Congress. Section 305(b) has been instrumental in providing a 

detailed historical record of the nation's water quality. Such data has enabled scientists 

and policymakers to assess the effectiveness of water quality regulations in improving 

human and environmental health through pollution reduction. In fact it was the 305(b) 

reports of the 1990s that revealed the extent of nonpoint source pollution and the pressing 

need for the new TMDL regulations under section 303(d). 

CERCLA mandates cleanup of hazardous waste sites and hazardous material 

releases from active and inactive facilities in the US. Under CERCLA and the Superfund 

Amendments and Reauthorization Act, parties responsible for the release of hazardous 

materials into the environmental are liable for the cost of remediation, including damages 
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to natural resources. Therefore, the future possibility of incurring massive financial 

liability is a major stimulus for facilities to comply with current environmental 

regulations and mandated remedial actions. In broad terms, CERCLA consists of two 

main components: 1) site characterization and risk assessment; and 2) risk management 

activities culminating in selection and implementation of a remedial action. 

Remediation costs for CERCLA sites are considerable and, as mentioned earlier, 

there are currently 1238 sites on the NPL. A recent study estimates that Superfund risk 

assessment and site remediation activities between fiscal years 2000 and 2009 will cost 

$14 to $16 billion (Probst and Konisky, 2001). Examining costs on an individual site 

basis reveals that the average cost of risk assessment and selection of a remedial action at 

an NPL site is ~ $ 1.1 million (EPA, 1989) and the average NPL site cleanup cost ranges 

from $25 to $30 million (Probst et al, 1995; CBO, 1994). Some NPL sites greatly 

exceed the average remediation cost, such as the Rocky Mountain Arsenal site in 

Colorado with an estimated cleanup expense of $2.1 billion (DOD. 1996). In addition to 

the current NPL sites, there were 11,830 sites as of April 2004 in the Comprehensive 

Environmental Response, Compensation, and Liability Information System (CERCLIS), 

a listing of sites that may warrant cleanup (EPA, 2004d). Assuming that some of these 

CERCLIS sites are upgraded to NPL status, Russell and Davis (1995) estimate the total 

cleanup costs for 3,000 NPL sites at $75.7 billion. 

Estimates that include total remediation costs for all NPL as well as non-NPL 

sites, reveal that at least $187 billion will be necessary to restore soil and groundwater at 

hazardous waste sites in the US (EPA, 1997a). Another estimate by the National 
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Research Council (1994) predicts a cost of $280 billion with a range from $140 to $630 

billion depending on the stringency of the remediation policies. Furthermore, these 

estimates do not include the cost of remediating future contamination, an expense likely 

to be significant. For example, at an average cleanup cost of $125,000 per contaminated 

UST site (EPA, 2004e), the economic burden of the -20,000 new IJST leaks reported per 

year will be $2.5 billion per year. Additionally, pollution associated with emerging 

contaminants, such as perchlorate and methyl tert-butyl ether (MTBE), is expected to 

impose significant future remediation expenses. 

A recent topic of debate is whether the remediation of hazardous waste sites, 

especially NPL sites, is economically feasible. One factor complicating the issue is that 

remediation technologies are not 100% efficient at removing contamination and the 

health effects associated with exposure to residual contaminant levels are currently 

unknown. Representing one side of the debate are studies typified by Hamilton and 

Viscusi (1999) who conducted a study to assess the cost-effectiveness of Superfund 

cleanups by deriving a cost per cancer case averted as a result of remediation efforts. The 

results of the study indicate that many remediations do not pass a partial benefit-cost test. 

For example, the expected number of cancers averted by remediation at the majority of 

the Superfund sites examined was less than 0.1 cases per site and the average cost of 

aversion was over $100 million per cancer case. However, as noted by the authors, their 

analysis does not address the full measure of the Superfund program's costs and benefits. 

For example, their analysis does not include the value of natural resource restoration, 

noncancer illnesses, or decreased property values. The other side of the debate is 
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represented by studies such as that by Kiel and Zabel (2001) who employed the hedonic 

technique (a method that enables estimation of the implicit prices of goods) to estimate 

house prices around the Superfund sites in Wobum, Massachusetts. The results indicate 

an economic benefit between $72 and $122 million for the cleanup of the Wobum sites. 

Since the estimated cost of remediation is $47 million per site, the authors conclude that 

cleanup of the Wobum Superfund sites will result in a positive net benefit to the 

community. Ultimately, these studies signify the need for more comprehensive cost-

benefit analyses by conducting holistic assessments of hazardous waste sites including 

the perceived and actual risks, the economic and health consequences, and the cost of 

remediation. 

Despite the need for more accurate studies, a comparison of the rough estimates 

of the economic and health costs associated with chemical environmental contamination 

to the cost estimates for remediation of hazardous waste sites makes a compelling case 

for cleanup. The current cost estimate for remediating all hazardous waste sites appears 

to be approximately equal to the combined economic and health burden imposed by 

environmental contamination in one year alone. Recall that the expenses associated with 

health impairments known or suspected of having an environmental causation (e.g.. 

exposure to contaminated water) are estimated in the hundreds of billions of dollars per 

year. Also recall that the economic impacts associated with chemically polluted waters 

are likely to be in the billions of dollars per year. Therefore, the estimated $140 to $630 

billion price tag to remediate all hazardous waste sites in the US is comparable to the 

annual economic and health burden associated with environmental contamination. In 
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making this comparison we recognize that hazardous wastes sites do not account for all 

of the sources of environmental contamination. Yet cleanup of waste sites will help 

mitigate the annual financial burden by reducing future human exposure and further 

environmental contamination. Considering that the Department of Health and Human 

Services (2001) predicts that the annual national heaJth expenditure will increase from 

$1.1 trillion in 1997 to $2.2 trillion in 2008 (DHHS, 2001), it appears that spending $140 

billion to remediate all hazardous waste sites is money well spent. Even at $630 billion 

this is only $63 billion/year over 10 years. 

While the appropriation of billions of dollars and the logistics of pollution 

abatement may seem implausible, such ambitious actions are not without precedent 

(Gore, 1995). Following World War II, the devastation to the infrastructure of Europe 

left many countries in economic distress and vulnerable to the hand of communism. In 

response, the US launched the Marshall Plan, also known as the European Recovery 

Program, which endowed an infusion of aid to assist in the reconstruction of Europe. 

Over a three-year period, the US provided $13 billion in aid, almost 10% of the federal 

budget at the time and equivalent to more than $100 billion today (Rubin, 1999). The 

Marshall Plan was consciously designed to facilitate recovery by influencing change in 

the economic, social, and political systems of Europe. This broad scope enabled the 

Marshall Plan to successfully address human welfare while promoting economic 

expansion. With the Marshall Plan as a framework for the successful translation of 

ambitious and complex initiatives into bold achievements, a future free from the apparent 

antagonism between ecological fitness and economic expansion is conceivable. 
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Minimizing Cleanup Costs: The Emergence of Multilateral, In Situ Approaches 

Despite the economic and health benefits associated with environmental cleanup, 

cost and the state-of-the-science have been and remain the main barriers to implementing 

comprehensive remediation. Historically, engineering-based technologies relied on 

excavation and/or pump-and-treat systems and were very costly and in some cases 

ineffective at reducing contaminant concentrations to compliance standards (MacKay and 

Cherry. 1989; MacDonald and Kavanaugh, 1994). An illuminating example with respect 

to cost is the remediation of the Baird and McGuire Superfund site in Holbrook, 

Massachusetts, in the mid 1990s that employed excavation followed by incineration. 

Despite successful removal of contaminants, the remediation costs were in excess of 

$130 million (EPA, 1997b). In terms of compliance, a 1994 review of pump-and-treat 

systems at 77 sites revealed that remediation goals were attained at only 8 sites and were 

highly unlikely to be attained at 42 sites (NRC. 1994). The high costs and inefficiency 

associated with traditional engineering-based approaches begs for the development of 

new technologies and/or alternative strategies to facilitate decontamination, reduce the 

financial burden of site cleanup, and help ensure regulatory compliance. 

Current remediation strategies are progressively employing multilateral, in situ 

approaches involving natural attenuation as well as novel engineered processes (e.g., 

enhanced in situ bioremediation) to minimize health risks, enhance restoration, and 

reduce costs at contaminated sites (NRC, 1994; Siegrist et al, 2001). Specifically, in situ 

engineered-systems employ approaches, such as surfactant/cosolvent flushing (Rao et a!., 
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1997; Tick et al., 2003; Shiau et al, 2003; Brooks et al, 2004), soil vapor extraction 

(Aelion and Kirtland. 2000; Lee et al., 2001), and air sparging (Bass et al., 2000; 

Johnston et al, 2002), to facilitate mass transfer and recovery while oxidation/reduction 

(Vitolins et al., 2003; Li and Schwartz, 2004), bioremediation (Head et al.. 2003), and 

natural attenuation (Tiehm and Schulze. 2003) are employed as methods of in situ 

contaminant destruction. 

The EPA (1999c) defines natural attenuation as the "use of natural processes 

[without human intervention] to contain the spread of contamination from chemical spills 

and reduce the concentration and amount of pollutants at contaminated sites" and 

specifically includes "biodegradation; dispersion; dilution; sorption; volatilization; 

radioactive decay; and chemical or biological stabilization, transformation, or destruction 

of contaminants." Despite this broad definition, natural attenuation of many pollutants, 

including organic molecules, metals, and inorganic nitrogen compounds, is primarily 

attributable to microbial processes (Christensen et al., 2001; Lovley, 2001). Furthermore, 

the efficacy of natural attenuation is realized in a report by the Lawrence Livermore 

National Laboratories that examined groundwater contamination plumes at 271 leaking 

USTs and found that natural attenuation stabilized or reduced the size of the plumes at 

90% of the sites (Rice et al., 1995). 

Unlike natural attenuation, enhanced in situ bioremediation involves the 

manipulation of the natural environment to increase the biodegradation efficiency at 

contaminated sites and includes technologies such as bioventing, bioaugmentation. 

biobarriers. and chemical modification of the site. Despite this difference, the success of 
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both strategies relies upon the biodegradability of the contaminant compounds. 

Consequently, natural processes have traditionally been employed for the remediation of 

sites contaminated with more readily biodegradable compounds such as petroleum-based 

fuels, including BTEX compounds (Gibson et al., 1998; Cunningham et al., 2001), and 

chlorinated solvents, including vinyl chloride (Leetham and Larson, 1997; MacDonald, 

2000). Currently, researchers are assessing the potential of natural processes to remediate 

sites contaminated with more recalcitrant compounds such as trinitrotoluene (NRC, 2000; 

Lewis et al., 2004), uranium (Abdelouas et al., 2000; Anderson et al., 2003; Istok et al., 

2004), polychlorinated biphenyls (Kastanek et al., 1999; Singer et al., 2000; Pakdeesusuk 

et al., 2003). and MTBE (Zanardini et al., 2002; Wilson et al., 2002; Amerson and 

Johnson. 2003; Schimier et al., 2003). As a result of these studies and evidence of 

actualization in the field, the use of natural processes is becoming more widespread. For 

instance, natural attenuation is now considered by the EPA as an acceptable strategy for 

management of contaminants at CERCLA, RCRA, and UST sites and is currently 

employed at tens of thousands of contaminated sites throughout the nation, including 

more than 15,000 UST sites (NRC. 2000; Mulligan and Yong, 2004). 

Of the multilateral, in situ strategies being developed, those that incorporate the 

remediation abilities of natural processes are most likely to realize the greatest economic 

efficiency. For example, in situ bioremediation of subsurface solvent contamination at 

the Savannah River site in Aiken. South Carolina, proved to be 33% less costly than 

traditional pump and treat systems and 40% more effective in terms of contaminant 

removal (DOE. 2002). An EPA study of approximately 150 contaminated sites revealed 
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that bioventing resulted in a cost savings of 50 to 90% over traditional technologies 

(EPA, 2001; DOE, 2002). Additionally, the installation of a biobarrier at Port Hueneme, 

California, to remediate MTBE contaminated groundwater cost less than conventional 

pump and treat systems and reduced the long-term operation and maintenance costs from 

$250,000 to $75,000 per year, a 70% savings (DOD, 2003). 

Further financial optimization of site remediation can be achieved through: 1) the 

implementation of more comprehensive risk assessments to determine the imminence of 

risks; 2) the development of innovative models and monitoring technologies to assess and 

predict the course of remediation; and 3) the generation of new, more effective in situ 

remediation technologies and the expeditious transfer of these technologies into the field. 

Traditionally, all contaminated sites were considered impending hazards to human and 

environmental health and as such, were presumed to present an implicitly unacceptable 

risk that demanded immediate mitigation. However, the recent advent of more 

comprehensive risk assessments is changing the traditional paradigm and opening the 

door for field trials of innovative, multilateral, remediation alternatives at sites imposing 

only moderate or low risks. For example, the integrated use of geostatistical models and 

novel monitoring devices, such as in situ sensor technologies, is providing a more 

accurate interrogation of contaminant distributions in subsurface environments and is 

expected to significantly reduce the costs associated with environmental restoration 

(Crumbling et al., 2001). A new methodology developed by Reed et al. (2000) combines 

a fate-and-transport model, plume interpolation, and a genetic algorithm to optimize 

sampling locations and sampling frequency. When applied to a groundwater-monitoring 
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project at Hill Air Force Base in Utah, the methodology revealed that a change in 

sampling strategy could reduce monitoring costs by 60% without a significant loss in 

accuracy. Therefore, financial optimization of site remediation is likely to increase as 

models and monitoring techniques are improved and incorporated into multilateral 

approaches. 

Finally, one of the greatest problems facing comprehensive site remediation is 

how and where to invest available funds to maximize the benefit to human health and the 

environment. In addition to actual remediation efforts, a relatively small amount of 

research funding has been appropriated for the development of innovative remediation 

approaches (compared to the societal cost of hazardous waste sites). This research has 

engendered a wealth of innovative remediation technologies and approaches in the 

academic arena. Unfortunately, there currently exist economic and ideological barriers to 

bringing such promising technologies into widespread use. Specifically, most parties 

investing in remediation efforts still practice "technology conservatism" and are 

unwilling to accept the unforeseen risks and potential failure associated with novel 

remediation approaches (Eccles, 1999; MacDonald and Kavanaugh, 1994). 

Consequently, financial incentives for employing innovative remediation strategics and 

for the expeditious transfer of technology from the academic sector into remediation 

firms, need to be offered to develop an infrastructure that ensures the best available, most 

cost-effective technologies are realized in the field. In summary, the development of 

innovative, multilateral remediation approaches that incorporate natural processes along 

with the establishment of remediation priorities through improved risk assessments and 
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provision for financial incentives for the rapid field application of novel 

technologies/strategies, will minimize the economic burden associated with contaminated 

site remediation. 

Ecosystem Services: Realizing Ecological Value in Free Market Economies 

Long-term prosperous social and economic development is dependent upon 

cultivating an understanding of the dynamic interactions between the ecological, 

economic, and social systems of the world. The inherent instability of these systems 

ensures that humanity will have to live with change (Folke et al., 2002). It is a major 

shift in paradigm to discard the notion that the environment is stable and immune to 

perturbations and to accept that the environment has a finite resilience (Folke, 2003). 

Therefore, one challenge facing society is to develop strategies for coping with 

environmental change, such as deteriorating water quality, while defining a threshold for 

ecosystem resilience. 

On a planet where water is the elixir of life and essential for sustainable 

ecosystem function, our society thoughtlessly consumes and abuses the Earth's water 

resources. Only relatively recently has consideration been given to the fact that the 

ecosystems we depend on for economically valuable services have finite resources. Here 

an ecosystem service is defined as "the conditions and processes through which natural 

ecosystems, and the species that make them up, sustain and fulfill human life" and 

examples include waste treatment and nutrient recycling (Daily, 1997). The estimated 

average global monetary value provided by ecosystem services is a staggering $33 trillion 

per year using a static, partial analysis approach, or $180 trillion per year using a more 
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dynamic model (Costanza et al., 1997: Boumans et ai., 2002). Unfortunately, human 

activities over the last century have led to environmental deterioration in every ecosystem 

on Earth (Vitousek et al, 1997). As a result, we are now in the Anthropocence era, a 

time when humanity's influence on the environment must be considered to understand 

the structure and functioning of Earth's ecosystems (Crutzen and Stoermer. 2000; Folke 

et al., 2002). Currently, the full consequences associated with deteriorating ecosystem 

fitness are unknown, but alterations may significantly affect human welfare in present 

and future generations. Consequently, there is a need to address the full implications 

associated with environmental alterations, such as deteriorating water quality, and, more 

importantly, to incorporate the value of ecosystem services into today's market economy. 

The concept of value is an important factor when making decisions concerning 

ecosystems; however, value is a relative term that has different meanings in different 

disciplines. As Farber et al. (2002) emphasize, decision-making that integrates the 

economic and ecological meanings of value into value systems will be essential for 

maintaining ecosystem sustainability while enhancing human welfare. Policy 

development will always be influenced by ideals from multiple value systems, but policy 

decisions that impact the environment must not neglect the benefits that society derives 

from the properties or processes of ecosystems, such as waste assimilation (Costanza et 

al.. 1997). Furthermore, as emphasized by Falkenmark (2003), there is a need for 

process-oriented approaches to ecosystems that accentuate the reliance of ecosystem 

services on water, the 'bloodstream of the biosphere'. 
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The benefits of developing markets that reflect the value of ecosystem services is 

just being realized. One example discussed by Chichilnisky and Heal (1998) involves a 

natural capital investment by New York City to restore a watershed in the Catskill 

Mountains that supplies water to the city. Until recently, the watershed had provided 

purification processes sufficient to cleanse water to EPA standards. However, 

contamination with sewage, fertilizer, and pesticides over the last half century 

deteriorated the efficacy of the watershed processes and resulted in water quality 

violations. In order to restore the water to compliance standards. New York City had two 

choices; 1) build a water treatment plant to remove the biological and chemical 

contaminants; or 2) restore the integrity of the watershed. The estimated capital 

investment associated with the water treatment plant was $6 to $8 billion with a $300 

million annual operations and maintenance expense. Alternatively, the estimated natural 

capital investment for watershed restoration was $1 to $1.5 billion. Faced with these 

options. New York City opted for watershed restoration and the decision is expected to 

save $6 to $8 billion dollars over 10 years. Another example of the economic value of 

ecosystem services is ecotourism. As discussed earlier, the annual economic benefit, 

based on recreational revenues, of avoiding a measurable decrease in water quality in 

Maine's lakes exceeds $2 billion. That these examples are global is illustrated by a study 

in the Xingshan County of Hubei Province in China that estimated the economic value of 

the forest ecosystem services in the county to be $70.2 million per year (Guo et al.. 

2001). 
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Despite these examples of the importance and benefit of considering ecosystem 

services, incorporation of the economic benefits of ecosystem services in today's free 

market economy will be challenging. One solution may be to delegate the responsibility 

of ecosystem management, restoration, and conservation to private corporations or 

public-private ventures in exchange for the rights to any natural capital revenues 

generated by the ecosystem services. Such privatization would incorporate self-interest 

and profit motives into the value of healthy ecosystems, a pivotal step in engaging market 

forces in environmental restoration and protection (Chichilnisky and Heal, 1998). 

Regardless of the solution, preeminent decisions regarding environment fitness will 

require future social and economic decisions to consider ecological consequences. To 

realize this objective, scientists must develop a better understanding of the value and 

dynamics of ecosystem services and society must be better educated about society's 

reliance on these services. 

Such change in the free market economy will undoubtedly be slow, so in the 

interim, society must maintain sound environmental regulations to preserve and, if 

necessary, restore ecosystems through pollution abatement and to prevent future 

environmental contamination. Unfortunately, a recent Gallup Poll (April 19, 2004; Saad, 

2004) indicates that Americans are decreasingly concerned about environmental 

protection, with 28% of Democrats and 62% of Republicans rating the condition of the 

environment as "excellent or good". Furthermore, the environment has slipped from first 

place in 2000 to third place as the most important problem facing the nation 25 years 

from now. Additionally, 44% of all respondents indicated that economic growth should 
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take precedence over environmental protection, up from 23% in 2000 and 19% in 1990. 

and the proportion of Americans choosing environmental protection over economic 

growth is at an all time low. Such sentiment is likely to dissuade the monetary and 

political support required to uphold current environmental regulations and to enact future 

environmental legislation. 

In fact, at this pressing time when humanity needs to be a responsible steward of 

the Earth's ecosystems, the current political climate is dismantling sound environmental 

regulations and threatening restoration efforts through budget cuts. For example, in 2000 

the Bush Administration acquiesced to industrial demands and eliminated a CWA 

regulation that prohibits the Army Corps of Engineers from issuing permits for waste 

disposal activities that can destroy w-aters of the United States (67 Fed. Reg. 31129; 

Kennedy, 2002). The Army Corps of Engineers now has the authority to issue permits to 

mining industries for disposal of mining waste into streams of the United States. 

Currently, the destruction of over 1,600 kilometers of streams by waste fills has been 

authorized. In 2002 the EPA proposed a limit of one part per billion of perchlorate in 

drinking water in reply to studies indicating health risks at low exposure levels. In 

response, the Pentagon discarded plans to require perchlorate testing at its facilities and 

the Bush Administration designed legislation to provide the Pentagon and affiliated 

contractors liability protection from claims associated with perchlorate (CGR, 2003). 

Additionally in 2002. the Bush Administration proposed relaxing TMDL cleanup 

requirements by allowing polluted waters to be classified as achieving compliance based 

on speculative nonpoint source reductions that are often unenforceable (Kennedy, 2002). 
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Under the Bush Administration, the '"polluter pays" mentality of hazardous waste 

cleanups has been abandoned. The Superfund Trust Fund is now depleted and the burden 

of environmental cleanup has been shifted to the American taxpayer. The Bush 

Administration further undermines environmental restoration and protection efforts by 

dramatically cutting funds for fiscal year 2005 (0MB, 2004). Under the new proposed 

budget, the total spending for environmental programs will suffer a $1.9 billion reduction 

(a decrease of 5.9%). Within these reductions, the EPA's overall budget would fall to 

$7.8 billion, a 6.9 percent decrease from 2004 (AAAS, 2004). The question then is how 

can the influence of the sometimes rapidly changing political agendas on ecosystem 

degradation be minimized. The solution, since cost is the most obvious constraint on 

remediation efforts and innovative technology development, is a coordinated long-range 

monetary commitment between government, industry, and academia. This should not be 

a difficult sell. As outlined here, while the initial investment is high, the long-term 

dividends provide an excellent return on the investment. 

Conclusions 

The extent of water quality deterioration in the US resulting from current and past 

production and disposal of hazardous materials is presenting society with an undeniably 

complex and formidable challenge. Currently, environmental contamination associated 

with hazardous materials is imposing risks on human and ecological health and adversely 

affecting the economy through increased healthcare costs and recreational revenue losses. 

Consequently, there is a burgeoning demand for adequate, responsible, and cost-efficient 
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cleanup solutions to restore environmental integrity and comply with federal mandates. 

Attainment of such solutions will require the establishment of remediation priorities 

based on enhanced risk assessments and the development and expeditious 

implementation of innovative, multilateral remediation strategies. Additionally, the 

success of comprehensive, long-term environmental restoration is contingent upon 

sufficient funding and the maintenance of productive collaborations between academia, 

industry, and government. 

Furthermore, humanity is wholly dependent upon the fitness of the biosphere for 

survival and, as the primary environmental steward, is morally obligated to maintain 

ecosystem integrity. Currently, significant distortions exist in the way free markets 

calculate the value of healthy ecosystems and decisions often legitimize ecological 

destruction for economic advancement. The concept of environmental permanence and 

invulnerability must give way to the realization that ecosystems have a finite resilience. 

Complicating the issue is the increasing public perception that the environment is in good 

condition. As a result, society is awkwardly balanced between firmly entrenched 

economic ideas and the need to incorporate fundamental changes to protect human health 

and ensure future environmental sustainability. Consequently, the development of a 

strategic and systematic plan that enables free market systems to take concerted steps 

towards ecological and economic integration is critical. 
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Table 1. Summary of environmental laws that affect water quality in the United States. 

Law Codified Date Enacted Summary 

Federal 
Environmental 

Pesticide 
Control Act 

(Federal 
Insecticide, 

Fungicide, and 
Rodenticide 

Act) 

7 U.S.C. 
§§ 136-

136y 

1947 
(significant 
amendments 
in 1972 and 

1996) 

Regulates the sale, distribution, and application of 
pesticides and requires registration of pesticides with the 
Administrator of the US Environmental Protection 
Agency. Registration of pesticides determined to cause 
unreasonable adverse health or environmental effects can 
be suspended or cancelled by the Administrator. The Act 
contains regulations promoting safe storage and disposal 
of pesticides, mandates appropriate labeling of pesticides, 
and makes any usage deemed inconsistent with the 
labeling unlawful. States must prepare a prevention plan 
that targets vulnerable groundwater to continue use of 
pesticides of concern. 

Federal Water 
Pollution 

Control Act 
(Clean Water 

Act) 

33 U.S.C. 
§§ 1251-

1387 

1948 
(significant 

amendments 
in 1972) 

Establishes regulations for discharging pollutants into the 
waters of the US and mandates "fishable/swimmable" 
waters wherever attainable. The Act provides for; 1) a 
permit system to regulate point sources of pollution; 2) 
areawide water quality management to reduce nonpoint 
sources of pollution; and 3) regulation of oil spill 
cleanups. Section 103 establishes comprehensive 
groundwater programs for reduction, elimination, and 
prevention of groundwater contamination. The Act also 
establishes the National Contingency Plan (NCP), a 
process for evaluating contaminated sites and suggesting 
the best plan for remediation. 

Safe Drinking 
Water Act 

42 U.S.C. 
§§ 300f-

300j 

1974 
(significant 

amendments 
in J 986 and 

1996) 

Protects public water systems from harmful contaminants 
by directing the EPA to evaluate contaminants that pose 
risks to human health. Specifically, the Act delegates 
authority to the EPA to promulgate Maximum 
Contaminant Levels (MCL), enforceable standards that 
define safe concentration levels for hazardous 
compounds in drinking water. Additionally, four 
programs under this Act promote source water protection; 
1) the Sole Source Aquifer Program; 2) the Wellhead 
Protection Program; 3) the Underground Injection 
Control Program; and 4) the Source Water Assessment 
Program. 
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Table 1. (cont inued) 

Law Codified Date Enacted Summary 

Resource 
Conservation 
and Recovery 

Act 

42 U.S.C. 
§§6901-

6992k 

1976 Authorizes environmental agencies to mandate the 
cleanup of contaminated sites and provides for 
comprehensive "cradle-to-grave" management of 
hazardous waste. This includes a system to track the 
transportation of wastes as well as federal performance 
standards for hazardous waste treatment, storage, and 
disposal facilities. This Act also enforced the phasing out 
of land disposal of hazardous wastes (e.g., open dumps). 
The EPA, through the 1986 amendments, is now 
authorized to manage environmental problems associated 
with underground storage tanks. However, the 
amendments do not address abandoned or historical sites 
(see CERCLA). 

Toxic 
Substances 
Control Act 

15 U.S.C. 
§§2601-

2692 

1976 Mandates controls on toxic substances by requiring 
premarket notification of EPA by the manufacturer of a 
new chemical. The EPA is required to adopt rules 
demanding the testing of any chemical suspected of 
presenting an unreasonable human health or 
environmental risk. Based on testing, a court injunction 
can be obtained barring the chemical from distribution or 
sale. Furthermore. EPA has the authority to recall 
chemicals already on the market. This Act also prohibits 
all but closed-circuit uses of polychlorinated biphenyls. 

Comprehensive 
Environmental 

Response, 
Compensation, 
and Liability 

Act 

42 U.S.C. 
§§ 9601-

9675 

1980 
(significant 
amendments 

in 1986) 

Supports the cleanup of hazardous substance releases 
from vessels as well as active and inactive facilities to 
minimize contamination and risk to humans and 
ecological receptors. The Act's main purpose is to 
address contamination from past events, rather than 
future pollution prevention. Remedial actions are 
financed by the Hazardous Substances Response Trust 
Fund (e.g., Superfimd), generated by a tax on the sale of 
hazardous chemicals. Remediation costs must be shared 
by the affected state and, within certain limits and subject 
to few defenses, anyone associated with the hazardous 
substance release is strictly liable to reimburse the fimd 
for cleanup costs, including damage to natural resources. 
The Act also revises the National Contingency Plan that 
was first established under the Clean Water Act. The 
Superfund Amendments and Reauthorization Act 
(SARA) of 1986 provides for cleanup standards and 
stipulates rules through the NCP for the selection and 
review of remedial actions. The NCP establishes the 
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Table 1. (continued) 
National Priorities List, a list of priority sites that pose 
the greatest risks to human health and the environment. 
SARA strongly recommends that remedial actions use 
on-site treatments that "permanently and significantly 
reduce the volume, toxicity, or mobility of hazardous 
substances" and requires remedial action that is 
"protective of human health and the environment, that is 
cost-effective, and that utilizes permanent solutions and 
alternative treatment technologies or resource recovery 
technologies to the maximum extent practicable." 
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CHAPTER 2 

PRESENT STUDY 

The methods, results, and conclusions of this study are presented in the papers 

appended to this dissertation. The following is a summary of the most important findings 

in these papers. 

Siimmary 

Objective 1. The objective of the first paper presented in this dissertation 

(Appendix B) was to elucidate the sensitivity and improve the reproducibility of P. putida 

RB1353's luminescence response to augment P. putida RB1353's utility as an indicator 

of nah gene expression under dynamic conditions in porous media systems. This was 

accomplished by conducting ten series of batch experiments to evaluate the impact of 

temperature, pH and initial cell number (variations within an order of magnitude) on P. 

putida RB1353's peak luminescence and Fmax during salicylate and naphthalene 

catabolism (e.g., lux and nah gene expression). The order and parameters of the 

experiments were determined based on a stepwise protocol and cell growth stage, 

substrate concentration, and dissolved oxygen were controlled. First, a series of 

-J temperature experiments was conducted at a specific pH (~7) and cell number (~5 x 10 

CPU mL"') to determine the sensitivity of lux gene expression (e.g., peak luminescence) 

t o  t e m p e r a t u r e .  N e x t ,  a  s e r i e s  o f  p H  e x p e r i m e n t s  w a s  p e r f o r m e d  a t  - 2 4 ° C  a n d  - 5 x 1 0  

CPU mL"' to determine the sensitivity of lux gene expression to pH. Finally, a series of 
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initial cell number experiments was conducted at ~24°C and pH ~6.2 to determine the 

sensitivity of lux gene expression to initial cell number. 

To evaluate the significance of three parameters, temperature, pH, and initial cell 

number, on P. putida RB1353's luminescence response, a statistical software program 

was used to develop general linear models. Specifically, each parameter was evaluated to 

determine if a relationship existed between the parameter and the luminescent response. 

Furthermore, the interactions between parameters were evaluated to determine whether 

parameter interactions were significantly influencing peak luminescence. 

The statistical analyses indicated that, under constant oxygen tension, temperature 

and pH accounted for 98.1% of the variability in luminescence during salicylate 

catabolism and 94.2% and 49.5% of the variability in Fmax during salicylate and 

naphthalene catabolism, respectively. Temperature, pH, and initial substrate 

concentration accounted for 99.9% of the variability in luminescence during naphthalene 

catabolism. Initial cell number, within an order of magnitude, did not have a significant 

influence on either peak luminescence or Fmax during salicylate and naphthalene 

catabolism. Over the ranges of temperature and pH evaluated, peak luminescence varied 

by more than 4 orders of magnitude. 

The results of this investigation demonstrate that after an extensive evaluation of 

the environmental and physiological parameters influencing lux reporter organisms, 

attainment of a reproducible luminescence response and an understanding of the response 

are feasible. Therefore, P. putida RB1353 luminescence was determined to be an 

acceptable indicator of nah gene expression in dynamic systems. Additionally, the 
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characterization of P. putida RBI353 provides a sound basis for understanding how 

environmental and physiological factors may influence the bioluminescence response in 

other lux reporter organisms implemented in laboratory-scale systems. 

Objective 2. The objective of the second paper presented in this dissertation 

(Appendix C) was to expand the detection capacity and evaluate the potential limitations 

of a novel, fiber optic detection system developed in our laboratory to monitor real-time, 

in situ P. putida RBI 353 gene expression under dynamic conditions in saturated porous 

media. Since the initial design and performance report by Yolcubal et al. (2000), the 

system has been expanded from one to six optical fibers to allow spatial monitoring 

within the flow cell and hardware has been modified to ensure stable voltage 

amplification and consistent calibration between detection units. Therefore, research in 

this paper was performed to provide an update on the system's ability to capture the in 

situ dynamics of microbial degradation of naphthalene under changing physicochemical 

conditions and to address the concerns of; 1) potential microbial activity perturbations 

during fluid extraction for physicochemical analysis; 2) light attenuation due to biofilm 

formation on the fiber optics; 3) sorption of naphthalene within the system; and 4) light 

transmission through porous media. 

A number of column experiments were conducted using the fiber optic detection 

system to monitor P. putida RB1353 catabolic gene expression during naphthalene 

transport in saturated porous media. Specifically, experiment 1 was conducted to monitor 

the dynamics of P. putida RBI 353 NAH7 gene expression while assessing the impact of 
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fluid sampling on microbial activity and experiments 2 and 3 were conducted to assess 

the ability of the fiber optic detection system to accurately report the dynamics of N AH7 

gene expression during naphthalene transport under limiting oxygen conditions. The 

results indicated that sample extraction caused an abrupt oscillation behavior in the 

bioluminescence response. However, the oscillations were second-order and did not 

appear to impact the primary luminescence profile. This emphasizes the importance of 

nondestructive sampling methods when studying microbial activity since extracting 

samples may influence in situ gene expression or the /wx-based measurement of activity. 

The bioluminescence responses observed in experiments 2 and 3 exhibited similar 

profiles indicating that the fiber optic detection system was producing reliable data. 

Furthermore, an unexplainable oscillation in oxygen concentration that impacted 

microbial activity was successfully detected by the system. 

Since Pseudomonas sp. are known to form biofilms on plastic surfaces, electron 

microscopy was performed on the tips of the optical fibers to address the issue of light 

attenuation due to biofilm formation. Electron microscopy revealed that no biofilms were 

present. Therefore, luminescence detection sensitivity was not adversely affected by 

biofilms during the column experiments. 

Experiments were also conducted to address the concern of naphthalene sorption 

to the optical fibers. Specifically, batch experiments were performed to develop a 

partition coefficient, K4, for naphthalene partitioning between the optical fibers and the 

aqueous phase. The results indicated minimal naphthalene sorption to the optical fibers. 
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To determine the impact of light quenching by the porous media on detection 

sensitivity, light transmission through three different Accusand® media (20/30. 40/50, 

and 50/70 mesh) was examined. Based on the maximum light transmission distance and 

the light collection angle of the optical fibers (e.g., 60°), the calculated maximum volume 

•2 

of porous media where collection occurred was 0.12, 0.04, and 0.04 cm for the 20/30, 

40/50, and 50/70 media, respectively. These results indicate that light collection occurs 

only in a small region at the tip of the optical fibers. Such a small collection area is 

advantageous for laboratory-scale systems where physicochemical conditions typically 

vary over short distances. Additionally, small collection areas will facilitate the study of 

how interfaces affect microbial dynamics in physically and/or chemically heterogeneous 

porous media. 

Therefore, the evaluation of potential system limitations indicated that the system 

is not adversely affected by biofilm formation on optical fiber tips or by bioluminescence 

attenuation in porous media. The detection system also effectively captured the in situ 

dynamics of bacterial gene expression during naphthalene catabolism under changing 

physicochemical conditions. 

Objective 3. The objective of the third paper presented in this dissertation 

(Appendix D) was to employ the novel fiber optic detection system developed in our 

iaboratory to monitor real-time, in situ BAZ formation and dynamics during naphthalene 

transport in saturated porous media containing defined physicochemical and microbial 

heterogeneities. Biological activity was measured using the lux reporter bacterium P. 
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putida RB1353. In Experiments 1-3, 300 mg of naphthalene crystals were packed in the 

bottom Va of a low permeability region, surrounded by a high permeability matrix, to 

simulate a contaminant source zone. In all three experiments, the high permeability 

matrix contained an initial bacterial concentration of -10^ CFU/g sand. The low 

permeability zone contained an initial bacterial concentration of 0, -10'*, and ~10^ CFU/g 

sand for Experiments 1, 2, and 3, respectively. Experiments 1-3 represent a scenario 

where subsurface injection of bacteria capable of degrading the contaminant (e.g., 

bioaugmentation) resulted in successful inoculation of the high permeability matrix, but 

varying degrees of inoculation in the low permeability zone. The objectives of 

Experiment 1 were to assess bacterial transport via advective flow from the high 

permeability matrix into the low permeability source zone and to determine whether the 

transported bacteria could successfully establish BAZs under the chemically dynamic 

conditions within the low permeability region (e.g., fluctuating naphthalene and DO 

concentrations). The objectives of Experiments 2 and 3 were to assess the ability of a low-

and high cell number resident bacterial population within the low permeability zone to 

establish BAZs and to monitor BAZ dynamics in response to changing physicochemical 

conditions. 

In Experiment 4, 300 mg of naphthalene crystals were homogeneously distributed 

throughout a low permeability region, surrounded by a high permeability matrix, to 

simulate a contaminant source zone that comprises the entire low permeability region. 

The high and low permeability regions contained an initial bacterial concentration of 

f 1 , 
-10 and -10 CFU/g sand, respectively. The objective of Experiment 4 was to monitor 
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BAZ formation and dynamics within the low permeability zone as the advective flow, via 

dissolution, progressively removed naphthalene from the upgradient to the downgradient 

end of the low permeability zone. 

In Experiment 5, an aqueous naphthalene solution (-20 mg/L) was injected into a 

physically heterogeneous column containing a low permeability region surrounded by a 

high permeability matrix. The high permeability matrix was initially sterile whereas the 

low permeability zone contained an initial bacterial concentration of ~10^ CFU/g sand. 

Experiment 5 represents a situation where a toxic contaminant concentration has passed 

through the high permeability matrix resulting in sterilization of the bacterial population. 

The objective of Experiment 5 was to monitor BAZ formation and dynamics within the 

column in response to a naphthalene pulse and to assess the ability of the bacteria to 

transport out of the low permeability zone and establish BAZs in the high permeability 

matrix. 

In general, BAZ formation and dynamics in all experiments were controlled by 

the complex interplay between physicochemical and microbial processes and typically 

occurred at the porous medium interfaces. For example, despite successful transport of 

bacteria into sterile regions, BAZ formation was often limited by local physicochemical 

conditions (e.g., naphthalene and DO bioavailability). This suggests that bioaugmentation 

in the field should not only focus on the transport of the injected microorganism, but also 

on the attendant bioavailability of essential nutrients and terminal electron acceptors. 

Additionally, bacterial transport against the advective flow enabled BAZ formation 
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upgradient of inoculated regions. This indicates that bacterial chemotactic responses in 

porous media environments may significantly influence the location and size of BAZs. 
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APPENDIX A 

PSEUDOMONAS PUTIDA RB1353: 

GENETIC REGULATION AND BIOCHEMISTRY OF THE NAH7 

AND PUTK9 PLASMIDS 

Introduction 

The lux reporter bacterium described in this dissertation, Pseudomonas putida 

RB1353, was developed and kindly provided by Burlage et al. (1990) and extensively 

characterized by Neilson et al. (1999) and Dom et al. (2003; Appendix B). P. putida 

RB1353 contains two plasmids, NAH7 and pUTK9 (Fig. 1), and bioluminesces during 

naphthalene catabolism. The objective of this appendix is to provide the reader with an 

understanding of the biochemistry and genetic regulation of the NAH7 and pUTK9 

plasmids during naphthalene biodcgradation. 

Plasmid NAH7 

Bacterial naphthalene catabolism is almost exclusively encoded on plasmids as 

there have been few reports of genes for NAH degradative capacity on bacterial 

chromosomes. The natural host for the large, catabolic, self-transmissible NAH7 plasmid 

is the soil bacterium P. putida PpG7. The NAH7 plasmid includes genes for naphthalene 

catabolism that are organized into two operons. referred to as the upper (nah operon) and 

lower {sal operon) pathways (Figs. 1, 2). The biochemistry and genetic regulation of 

these degradative pathways have been extensively studied and reviewed (Dunn and 
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Gunsalus, 1973; Yen and Serdar. 1988; Schell. 1990; Eaton and Chapman, 1992; Eaton, 

1994). The upper pathway (nah) codes for the breakdown of naphthalene to salicylate, 

while the lower pathway {sat) codes for the breakdown of salicylate to 4-hydroxy-2-

0X0valeric acid (Figs. 2. 3, 4; Yen and Serdar. 1988). The nah and sal operons are 

separated by a regulatory gene, nahR, as shown in Figure 2. Some evidence exists that the 

lower pathway {sal) is comprised of two distinct genetic elements, nahR-nahG and the 

catechol meta cleavage operon from pWWO (toluene metabolic plasmid). For example, 

the region between nahG and nahH is 831 bp and contains a 327 bp ORF with no known 

function (You et a!., 1991) and a sequence comparison between nahH and xylE from 

pWWO revealed an 81% identity (Ghosal et a!., 1987). This suggests that there was a 

recombination event between the nahR-nahG operon and the catechol meta cleavage 

operon from pWWO. 

(i) Biochemistry of the nah operon 

As mentioned above, the nah operon (upper pathway) contains the genes that 

code for the enzymes that metabolize naphthalene to salicylate (Figs. 2, 3). The first step 

in the pathway is the conversion of naphthalene, via addition of molecular oxygen across 

the double bond at the 1,2 position, into cis-1,2-dihydroxy-1,2-dihydronaphthalene. The 

reaction is catalyzed by the naphthalene dioxygenase system encoded by nahAa-d (Jerina 

et al., 1971; Jeffrey et al, 1975). Naphthalene dioxygenase consists of three protein 

components, iron-sulfur flavoprotein, a two-iron, two-sulfur ferredoxin, and an iron-

sulfur protein, which are essential for the dihydrodiol formation. The nah A a gene 
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encodes the flavoprotein, the nahAb gene encodes the ferredoxin, and the nahAc and 

nahAd genes encode the terminal dioxygenase subunits a and p, respectively (Ensley and 

Gibson, 1983). 

The second step in the NAH degradative pathway involves the conversion of cis-

1,2-dihydroxy-1,2-dihydronaphthalene to 1.2-dihydroxynaphthalene. The reaction is 

NAD^-dependent (e.g., requires nicotinamide-adenine dinucleotide as an electron 

acceptor) and is catalyzed by cw-naphthalene dihydrodiol dehydrogenase encoded by 

nahB (Patel and Gibson. 1974). The third step in the oxidation of naphthalene is 

catalyzed by the Fe^"- dependent 1,2-dihydroxynaphthalene dioxygenase, encoded by 

nahC, and involves the addition of molecular oxygen across the double bond of 1,2-

dihydroxynaphthalene at the 1,2 position (Patel and Bamsley, 1980; Harayama and 

Rekik, 1989). The proposed ring cleavage product is 2-hydroxy-4-(2'-oxo-3.5-

cyclohexadienyl)-buta-2,4-dienoate which spontaneously isomerizes to 2-

hydroxychromene-2-carboxylate and subsequently undergoes spontaneous isomerization 

to ^raw-o-hydroxybenzylidenepyruvate (Eaton and Chapman, 1992; Eaton, 2000). The 

isomerization is also enhanced by 2-hydroxychromene-2-carboxylate, the nahD gene 

product. 

The next step in the biochemical cascade is the conversion of trans-o-

hydroxybenzyl idenepvTuvate to salicylaldehyde and pyruvate by the tram-o-

hydroxybenzylidenepyruvate hydratase-aldolase enzyme encoded by ncihE (Eaton, 1994, 

2000). The final step in the conversion of naphthalene to salicylate is the oxidation of the 

keto group on salicylaldehyde to a carboxyl group. The oxidation is catalyzed by 
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salicylaldehyde dehydrogenase, an NAD'^-dependent enzyme encoded by nahF (Davies 

and Evans, 1964; Yen and Gunsalus, 1982). As described below, salicylate is ultimately 

metabolized by the sal operon and participates in the regulation of the NAH system. 

(ii) Biochemistry of the sal operon 

The sal operon encodes the enzymes necessary for the conversion of salicylate 

into 4-hydroxy-2-oxovaleric acid. The initial step in the degradation of salicylate is 

catalyzed by the flavoprotein, salicylate hydroxylase, encoded by the nahG gene and 

includes the simultaneous hydroxylation/decarboxylation of salicylate to catechol (Fig. 4; 

Schell, 1990). The next stage is the metabolism of catechol via the meta-cleavage 

pathway which involves the cleavage of the bond between a carbon atom with a 

hydroxyi group and the adjacent carbon atom. Therefore, the initial ring cleavage of the 

catechol is mediated by catechol 2,3-dioxygenase encoded by the nahH gene resulting in 

2-hydroxymuconic semialdehyde (Ghosal et al., 1987). The semialdehyde is then 

degraded through a series of enzymatic reactions outlined in Figure 4 to produce 4-

hydroxy-2-oxovaleric acid. The conversion of 4-hydroxy-2-oxovaleric acid via an 

aldolase cleavage into acetaldehyde and pyruvate is catalyzed by 2-oxo-4-

hydroxypentanoate aldolase encoded by nahM. Since nahM expression shows no polar 

effects from Tn5 insertions in the ndh or sal operons, nahM is not believed to be a part of 

either the nah or sal operon (Yen and Gunsalus. 1982). 
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(iii) Genetic regulation of plasmid NAH7 

Naphthalene degradation via the NAH system is positively regulated by the nahR 

gene product, a member of the LysR family of transcriptional activators described by 

Henikoff et al. (1988). One predominant feature of the LysR family of activators is that 

they are transcribed from promoters that are very close to (usually overlapping) and 

divergent from the promoters of one set of structural genes they control. In the case of the 

NAH system, nahR is divergently transcribed from nahG, the first gene in the sal operon 

(Fig. 2). Transcription of nahR is constitutive and the divergent sal and nahR promoters 

overlap at -35. Therefore, nahR transcription is potentially autoregulated by its own 

product since the transcription start site of nahR is within the NahR-binding site of the sal 

promoter (Schell, 1990). Currently, the autoregulation is thought to result in a 2- to 3-fold 

reduction in nahR transcription (Schell and Paris, 1987). 

The primary inducer for the NAH system is salicylate, a metabolite of 

naphthalene degradation; however other compounds such as 2-aminobenzoate, 4-methyl 

salicylate, and 4-chlorosalicylate have been shown to induce transcription (Bamsley, 

1975; LeBlond et al., 2000). In the presence of salicylate, the transcription of the nah and 

sal operons is increased over 20-fold (Schell, 1985). Interestingly, naphthalene does not 

directly induce the upper or lower pathway. However, when naphthalene is present, 

constitutive low levels of expression of the upper pathway results in conversion of 

naphthalene to salicylate, at which time full induction occurs (Yen and Serdar. 1988; 

Burlage et al, 1990). 
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Plasmid pUTK9 

Plasmid pUTK9 is a genetic construct and contains a subclone in which the 

NAH7 upper pathway promoter is fused with the luxCDABE genes from Vibrio fischeri 

(formerly classified as Achromobacter fischeri and Photobacterium fischeri; Figs. 1,5), a 

bioluminescent marine bacterium and symbiont of the deep sea squid Euprymm scolopes 

(Burlage et al., 1990). The ha operon encodes the enzymes necessary for bacterial 

bioluminescence and, due to the fusion with the NAH7 upper pathway promoter, the ha 

operon on pUTK9 is under the same regulatory control as the nah and sal operons on the 

NAH7 plasmid described above. 

(i) pUTK9 lux operon biochemistry 

The biochemistry, physiology, and molecular biology of bacterial 

bioluminescence have been extensively reviewed (Hastings et al., 1985; Meighen, 1988, 

1991, 1993; Campbell, 1989; Tu and Mager, 1995; Wegrzyn and Czyz, 2002). The 

general bioluminescence reaction, catalyzed by bacterial luciferase, involves the 

oxidation of reduced flavin mononucleotide (FMNH2) and a long-chain fatty aldehyde 

resulting in the emission of blue-green light at 490 nm (Tu and Mager, 1995). 

FMNH2 + R-CHO + O2 -> FMN + R-COOH + H2O + light (490 nm) 

In the reaction, one atom of molecular oxygen is incorporated into the carboxylic acid 

product and the other oxygen atom is incorporated into water (Fig. 6; Suzuki et al., 1983). 
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The aldehyde utilized in the biochemical reaction encoded by the lux operon of V. 

fischeri is tetradecanal; however acetaldehyde can also serve as a substrate in the 

reaction, but with less efficiency (Hastings et aL, 1963; Cho et al, 1986). 

The bacterial luciferase is a heterodimeric, flavin-dependent monooxygenase and 

the two subunits, a and /?, are encoded by the IwcA and luxB genes (Fig. 5). The amino 

acid sequences of the a and p subunits have 30% identity suggesting that the two genes 

arose by gene duplication (Meighen, 1993). Furthermore, the a subunit contains the 

active site of bacterial luciferase as well as the binding site for FMNHa (Meighen et aL, 

1971). The exact role of the ft subunit is unknown, but the /? subunit is essential for 

luciferase function. Some evidence suggests that the (i subunit affects the interaction of 

luciferase with the reduced flavin (Meighen and Bartlet, 1980). More recent evidence 

suggests that the /? subunit is important in catalyzing the light emission and that the 

simultaneous presence of the a and p subunits is required for proper protein folding when 

generating active luciferase (Baldwin et al., 1993; Xin et al., 1994). In the presence of 

FMNH2, luciferase binds to FMNH2 and reacts with molecular oxygen to form the 

intermediate luciferase dihydro-4a-peroxy-FMN (Fig. 6; Lhoste et al., 1980). The flavin 

4a-peroxide then reacts with tetradecanal to form an excited species, luciferase-bound 

flavin 4a-hydroxide (Hastings et al., 1985). Upon decay, the excited species emits blue-

green light (490 nm). 

A multienzyme fatty acid reductase complex comprised of a reductase, acyl-

transferase, and synthetase is responsible for catalyzing the synthesis of aldehydes for the 

bioluminescence reaction and is encoded by the luxC, luxD and ImE genes, respectively 
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(Fig. 5). Specifically, the transferase diverts fatty acids from the pathway leading to lipid 

biosynthesis and catalyzes the transfer of activated fatty acyl groups (RCOX) to water as 

well as other oxygen and thiol acceptors. The transferase enzyme has a high specificity 

for 14-carbon acyl groups, resulting in the formation of tetradecanoic acid (Meighen, 

1991). 

RCOX + HOH (HSR') RCOOH (RCOSR') + XH 

The synthetase is responsible for catalyzing the A TP-dependent activation of the fatty 

acid resulting in the formation of a fatty acyl-AMP intermediate and the reductase is 

responsible for catalyzing the NADPH-dependent reduction of the activated fatty acyl 

group to aldehyde (Fig. 6; Wall et al., 1986). 

RCOOH + ATP + NADPH ^ NADP + AMP + PPi + RCHO 

Now, the only substrate still required for the luminescence reaction is FMNHa. P. 

putida is a dark bacterium, but contains the necessary NAD(P)H:FMN oxidoreductase to 

catalyze the reduction of FMN to FMNHj (Fig. 6; Hastings et al., 1985). 

NAD(P)H + H' + FMN NAD(P)" + FMNH. 
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Therefore, all that is required to make P. putida a luminescent bacterium is the genetic 

transfer of the genes for luciferase and fatty acid reductase as described below. 

Pseuiomonas putida RB1353 Construction 

The following is a brief discussion of the construction of P. putida RBI353 as 

reported by Burlage et al. (1990). Initial experiments utilizing P. putida PpG7, the natural 

host of the NAH7 plasmid, revealed that this strain lacks the appropriate aldehyde 

substrate required in the luminescent reaction (e.g., tctradecanal). Therefore, P. putida 

PB2440, a strain shown to contain the appropriate substrate, was selected as the host for 

the construction of RB1353. First, since PB2440 does not naturally contain NAH7, the 

NAH7 plasmid was mated into PB2440 forming P. putida HK53. The engineered 

plasmid pUTK9 was then introduced into HK53 via electroporation producing P. putida 

RBI353 (note: RBI353 is an identical sister clone to RBI351, the strain reported by 

Burlage et al.). When exposed to naphthalene, P. putida RB1353 exhibited a luminescent 

response that correlated well with naphthalene catabolism. Furthermore, comparison of 

P. putida RB1353 to the parent strain, P. putida HK53. has shown that the lux genes do 

not have an inhibitor)' effect on the expression of the naphthalene catabolic operon 

(Burlage et al., 1990). Therefore, expression of the naphthalene biodegradation pathways 

can be monitored by measuring the bioluminescence emitted during naphthalene 

catabolism. 
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Appendix A Figure Legends 

Figure 1. The NAH7 and pUTK9 plasmids of Pseudomonasputida RB1353. The NAH7 

plasmid encodes the genes necessary for naphthalene catabolism and is organized 

into two operons, nah and sal. The pUTK9 plasmid is a genetic construct 

containing a fusion of the upper pathway promoter from NAH7 to the luxCDABE 

genes from Vibrio fischeri. NAH7 was mated into P. putida RBI353 from P. 

putida PpG7 and pUTK9 was introduced via electroporation. In the presence of 

naphthalene, both the NAH7 and pUTK9 pathways are expressed resulting in 

simultaneous naphthalene catabolism and bioluminescence. 

Figure 2. Schematic representation of the NAH7 system encoding the naphthalene 

catabolic pathways. The upper pathway {nah operon) codes for the enzymes to 

metabolize naphthalene to salicylate. The lower pathway {sal operon) codes for 

the enzymes to metabolize salicylate to 2-oxo-4-hydroxypentanoate. The nah and 

sal operons are induced when the regulatory protein, NahR, interacts with 

salicylate. NahR is divergently transcribed from the sal operon. (Modified from 

Schell. 1990) 

Figure 3. Metabolism of naphthalene to salicylate encoded by the upper pathway {nah 

operon) of plasmid NAH7. Enzymes: nahAa-d, naphthalene dioxygenase; nahB, 

cis-naphthalene dihydrodiol dehydrogenase; nahC, 1,2-dihyroxynaphthalene 
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dioxygenase; nahD, 2-hydroxychromene-2-carboxylase; nahE, trans-o-

hydroxybenzylidenepyruvate hydratase-aldolase; nahF, salicylaldehyde 

dehydrogenase. (Adapted from Yen and Serdar, 1988; Schell, 1990) 

Figure 4. Metabolism of salicylate to 4-hydroxy-2-oxovaIeric acid encoded by the lower 

pathway (sal operon) of plasmid NAH7. The degradation of the catechol occurs 

via the meta cleavage pathway. Enzymes: nahG, salicylate hydroxylase; nahH. 

catechol 2,3-dioxygenase; nahl, 2-hydroxymucomte semialdehyde 

dehydrogenase; nahJ, 4-oxalocrotonate tautomerase; nahK, 4-oxalocrotonate 

decarboxylase; nahL. 2-oxopent-4-enoate hydratase; nahN, 2-hydroxymuconic 

semialdehyde hydrolase. The final step in the degradation pathway is the 

conversion of 4-hydroxy-2-oxovaleric acid to pyruvate and acetaldehyde via 2-

oxo-4-hydroxypentanoate aldolase encoded by nahM. The nahM gene product is 

not encoded by either the nah or sal operons. (Adapted from Yen and Serdar. 

1988; Schell, 1990) 

Figure 5. Schematic representation of the lux operon on pUTK9 encoding the luciferase 

and fatty acid reductase enzyme complexes. The ImCDABE genes from Vibrio 

fischeri are fosed to the upper pathway {nah operon) promoter from NAH7. 

Therefore, during naphthalene catabolism, the ha operon is expressed resulting in 

bioluminescence. 
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Figure 6. Schematic representation of the biochemical pathway of the bacterial luciferase 

catalytic cycle. Enzymes: Ei, bacterial luciferase; E2,s,r, synthetase and reductase 

enzymes of the fatty acid reductase complex; £24, transferase enzyme of the fatty 

acid reductase complex; E3, NAD(P)H;FMN oxidoreductase. In the presence of 

FMNH2, luciferase binds to FMNHi and reacts with molecular oxygen to form the 

intermediate luciferase dihydro-4a-peroxy-FMN. The flavin 4a-peroxide then 

reacts with tetradecanal to form an excited species, luciferase-bound flavin 4a-

hydroxide. Upon decay, the excited species emits blue-green light at 490 nm. The 

fatty acid reductase complex is responsible for catalyzing the synthesis of 

tetradecanal for the bioluminescence reaction and the NAD(P)H:FMN 

oxidoreductase is responsible for catalyzing the generation of FMNH2. (Modified 

from Hastings et al., 1985) 
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Abstract 

One limitation of employing Iwc bioreporters to monitor in situ microbial gene 

expression in dynamic, laboratory-scale systems is the confounding variability in the 

luminescent response. For example, despite careful control of oxygen tension, growth 

stage, and cell number, luminescence from Pseudomonas putida RBI353, a naphthalene-

degrading, lux bioreporter, varied by more than 7 fold during saturated flow column 

experiments in our laboratory. Therefore, this study was conducted to determine what 

additional factors influence the luminescent response. Specifically, this study 

investigated the impact of temperature, pH and initial cell number (variations within an 

order of magnitude) on P. putida RB1353's peak luminescence and Fmax during salicylate 

and naphthalene catabolism. Statistical analyses based on general linear models indicated 

that under constant oxygen tension temperature and pH accounted for 98.1% of the 

variability in luminescence during salicylate catabolism and 94.2% and 49.5% of the 

variability in Fmax during salicylate and naphthalene catabolism, respectively. 

Temperature, pH and initial substrate concentration accounted for 99.9% of the 

variability in luminescence during naphthalene catabolism. Initial cell number, within an 

order of magnitude, did not have a significant influence on either peak luminescence or 

Fmax during salicylate and naphthalene catabolism. Over the ranges of temperature and 

pH evaluated, peak luminescence varied by more than 4 orders of magnitude. The 

minimum parameter deviation required to alter lux gene expression during salicylate and 

naphthalene catabolism was a 1°C change in temperature, a 0.2 change in pH or an order 

of magnitude change in initial cell number. Results from this study indicate that there is 
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a need for careful characterization of the impact of environmental conditions on both the 

expression of the reporter and catabolic genes as well as the activities of the gene 

products. For example, even though lux gene expression was occurring at ~35°C, the 

luciferase enzyme was inactive. Furthermore, this study demonstrates that with careful 

characterization and standardization of measurement conditions, attainment of a 

reproducible luminescent response and an understanding of the response are feasible. 

Introduction 

One of the major constraints of implementing in situ bioremediation is the lack of 

understanding of how physical, biological and chemical factors affect microbial activity 

(7). In an attempt to understand how these factors impact bioremediation, reporter 

organisms have been developed that allow monitoring of microbial interaction with 

organic compounds in dynamic systems (6, 20). Reporter organisms are genetically 

engineered organisms in which a reporter gene(s), such as li4x, luc or gfp, that encodes for 

a detectable gene product is under regulatory control of an inducible catabolic operon 

(12). In general, due to a relatively short half-life, luciferase {lux or luc) is preferable in 

applications where dynamic measurement of gene expression is required (4. 5, 12, 21). 

However, several groups have observed that bioluniinescence is sensitive to 

physiological and environmental factors (2, 3, 8, 10, 15, 17, 19, 22). Therefore, in order 

to utilize reporter organisms to monitor in situ gene expression in dynamic, laboratory-

scale systems, a comprehensive analysis of the parameters influencing expression of the 

catabolic operon and the reporter gene(s) must be conducted. 
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In lux bioreporters, the luminescence reaction is catalyzed by the luciferase 

enzyme and involves the oxidation of an aliphatic aldehyde and a reduced flavin 

mononucleotide (FMNH2) with the liberation of energy in the form of blue-green light at 

490 nm. The luciferase enzyme is encoded by the ItaAB genes and the aliphatic aldehyde 

is regenerated by a fatty acid reductase complex encoded by the luxCDE genes (16). The 

lux reporter organism employed in this study, Pseudomonas putida RB1353, was 

developed by Burlage et al. (3) and contains two plasmids, NAH7 and pUTK9 

(kanamycin resistance). Plasmid NAH7 contains genes for naphthalene catabolism that 

are organized into two operons, referred to as the upper and lower pathways. The upper 

pathway codes for the breakdown of naphthalene to salicylate, while the lower pathway 

codes for the breakdown of salicylate to acetylaldehyde and pyruvate (23). The primary 

inducer for the upper and lower pathways is salicylate. Plasmid pUTK9 is a genetic 

construct and contains a subclone in which the NAH7 upper pathway promoter is fused 

with the luxCDABE genes from Vibrio fischeri (3). When exposed to naphthalene. P. 

putida RBI353 exhibits a luminescent response that correlates with naphthalene 

catabolism (3). 

In this study, the main substrate of interest was naphthalene, a polycyclic aromatic 

hydrocarbon and a US Environmental Protection Agency priority pollutant (11). 

However, salicylate was also used to characterize expression since salicylate is an 

inducer of both the upper and lower pathways on the NAH7 plasmid. Furthermore, 

salicylate is non-volatile with relatively high solubility whereas naphthalene is volatile 

with relatively low solubility (31.7 mg L"' at 25°C) (1). Therefore, salicylate was used to 
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initially assess how the expression of the lux and nah genes is affected by temperature, 

pH and initial cell number. 

By comparison of P. putida RB1353 to the parent strain, P. putida HK53, Burlage 

et al. (3) have shown that the lux genes do not have an inhibitory effect on the expression 

of the naphthalene catabolic operon. Furthermore, in a previous study, our laboratory 

examined the influence of parameters such as cell growth stage, initial cell number (order 

of magnitude variations), substrate concentration, oxygen tension and the interference of 

potential background carbon substrates on P. putida RB1353 nah and lux gene expression 

during salicylate catabolism (17). However, despite controlling these parameters, large 

variations in bioluminescence between repeated experiments were observed in our 

laboratory when employing P. putida RB1353 to study in situ gene expression during 

salicylate catabolism in a saturated soil flow column (data not published). Therefore, 

elucidation of the impact of additional parameters, such as temperature, pH and initial 

cell number (variations within an order of magnitude), on the expression of the lux genes 

and the naphthalene and salicylate catabolic operons was warranted. Furthermore, 

resolving the sensitivity of the luminescent response to these parameters was determined 

to be essential to enhance detection of P. putida RB1353 gene expression in soil systems. 

In soil, luminescence is attenuated by a factor of 10 or more depending on the soil 

employed. Therefore, the objective of this research was to elucidate the sensitivity and 

improve the reproducibility of P. putida RBI353's luminescent response to augment P. 

putida RB1353's utility as an indicator of nah gene expression under dynamic conditions 

in soil systems. 
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Materials and Methods 

Bacterial strain and growth media. P. puiida RB1353 (NAH7. pUTK9) was 

kindly provided by Robert Burlage, University of Wisconsin, Milwaukee, WI and Gary 

Sayler, Center for Environmental Biotechnology, University of Tennessee. Knoxville, 

TN. Stock solutions of P. putida RB1353 were stored in 50% glycerol (Spectrum 

Chemical Mfg. Corp., New Brunswick, NJ) at -20°C. To prevent plasmid loss, the stock 

solutions were used to inoculate a fresh culture for each experiment. Cultures were 

prepared in Luria Broth (LB) containing 10 g of tryptone, 5 g of yeast extract and 10 g of 

NaCl in 1 L of deionized H2O. The pH was adjusted to 7.0 and the medium was 

supplemented with 100 mg L"' kanamycin sulfate (Sigma Chemical Co., St. Louis, MO) 

to select for pUTK9. Agar plates were prepared by adding 15 g L"' of Bacto Agar (Difco 

Laboratories, Detroit, MI) to the LB medium. Mineral salts broth (MSB) was used as the 

medium for growth on sodium salicylate and naphthalene and contained (in g L"') 

KH2PO4,1.5; Na2HP04, 0.5; MgS04 • THsO, 0.2: NH4CI, 2.5; FeCh, 3 x 10"*; and CaCb • 

2H2O, 0.013 (Spectrum Chemical Mfg. Corp., New Brunswick, NJ). 

Cell preparation. The following procedure was used to culture cells for all 

experiments. P. putida RBI353 LB streak plates were prepared and maintained at 24°C 

for 48 hours. A single colony was selected and used to prepare a pre-culture by 

inoculating 30 mL of LB in a 250-mL Erlenmeyer flask. The flask was placed on a 200 

rpm shaker maintained at 24°C. After 24 hours, a 100 jiL aliquot was withdrawn and 

serial dilutions were prepared in 0.85% saline. Growth cultures were inoculated by 
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dispensing 100 fiL of the 10^ CFU mL"' dilution into 30 mL of LB in a 250-mL 

Erlenmeyer flask. The flask was placed on a 200 rpm shaker maintained at 24°C. After 

the culture reached stationary phase, approximately 48 hours (17), a 29 mL aliquot was 

withdrawn from the growth culture, centrifuged for 10 min at 9,800 x g to pellet the cells 

(model J2-21 with JA-20 rotor, Beckman Instruments Inc., Fullerton, CA), washed once 

in 29 mL of 0.85% NaCl and resuspended in 29 mL of MSB. The final suspension was 

approximately 10^ CFU mL"'. Cell density was initially determined 

spectrophotometrically (550 nm) with a U-2000 spectrophotometer (Hitachi Instruments, 

Inc.. Fremont, CA) and later confirmed by viable LB plate counts of serial dilutions. 

Quantitation of sodium salicylate, naphthalene, dissolved oxygen (DO), 

temperature, pH and luminescence, (i) Sodium salicylate. Samples (1 mL) were 

added to 0.1 mL of 2.75 M NaOH to disrupt the cell membranes and inhibit further 

sodium salicylate degradation. While waiting to be analyzed, the samples were stored in 

the dark to prevent photolysis of sodium salicylate. Before analysis, the samples were 

centrifuged at 16.000 x g for 10 min to pellet cell debris (Eppendorf model 5415C). The 

sample supematants were analyzed for sodium salicylate concentration on a U-2000 

spectrophotometer at 296 nm and the concentrations were plotted as a function of 

sampling time. Sodium salicylate concentrations were determined from a standard curve. 

(ii) Naphthalene. Samples (10 mL) were added to 2 mL of dichloromethane in 

16 mL glass chromatography vials and sealed with Teflon coated septa. The vials were 

inverted 5 times to promote partitioning of the naphthalene into the dichloromethane and 
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then stored overnight in the dark. The extraction process separated the cells from the 

naphthalene, thereby preventing cell interference during naphthalene analysis. Next, 1 

mL of dichloromethane was withdrawn from each sample and injected into a 2 mL glass 

chromatography vial sealed with a Teflon septum. The samples were then loaded onto a 

GC-17A gas chroniatograph (Shimadzu, Columbia, MD) and analyzed for naphthalene 

using an RTX-5 chromatography column (L=15, ID=0.25, DF=0.25; Resteck Corp., 

Bellefonte, PA). The carrier gas was helium at 1.2 mL min"\ measured at 65°C. The 

oven program was 65°C for 1 min. 65-210°C at 15°C min'', and then 210°C for 3 niin. 

The injector was splitless at 200°C and the detector was a flame ionization detector at 

210°C using helium as the makeup gas. The naphthalene concentrations were determined 

by comparing the area under the naphthalene peaks to a standard curve and plotted as a 

function of the sampling time. 

(iii) DO. Samples (1 mL) were analyzed for DO using a micro-oxygen electrode 

and an oxygen meter (Microelcctrodes, Inc., Bedford, NH). For each sample, DO was 

measured for 1 min immediately following sample collection. The oxygen meter was 

calibrated using buffer sparged with N2, ambient air and O2 gas for 0, 8.5 and 40 mg L"' 

values, respectively. In all experiments, the DO never decreased below 8.5 mg L"'. 

(iv) Temperature. Samples (5 mL) were analyzed immediately after collection 

for temperature in 20 mL glass vials using a chemical thermometer. The thermometer 

was calibrated to a digital thermostat and has an accuracy of ± 0.1 °C. 

(v) pH. Analysis of pH was performed on the temperature samples immediately 

after collection using a hydrogen electrode and a Beckman 034 pH meter (Beckman 
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Instruments Inc., Fullerton, CA). The pH meter was calibrated using pH 4 and pH 7 

standards and has an accuracy of ± 0.01. 

(vi) Luminescence. Samples (2 mL) were analyzed for luminescence in 20 mL 

glass scintillation vials using a 1600TR Tri Carb liquid scintillation analyzer (Packard 

Instrument Co., Meriden, CT). Samples were immediately counted for 1 min in the 

single-photon mode, generating relative values expressed in counts per minute (cpm). 

The luminescence values obtained were plotted as a function of time and compared to 

substrate degradation. 

Temperature, pH and initial cell number experiments. Ten series of 

experiments were conducted to evaluate the effect of temperature, pH and initial cell 

number on P. putida RBI353 lux and nah gene expression. The order and parameters of 

the experiments were determined based on a stepwise protocol and cell growth stage, 

substrate concentration and dissolved oxygen were controlled according to Neilson et al. 

(17). Salicylate, with its relative ease of use compared to naphthalene, was employed 

initially to assess how lux and nah gene expression are affected by temperature, pH and 

initial cell number. First, a series of temperature experiments was conducted at a specific 

pH (~7) and cell number (~5 x lO' CPU mL"') to determine the sensitivity of lux gene 

expression (i.e. peak luminescence) to temperature. Next, a series of pH experiments was 

conducted at ~24°C and ~5 x 10^ CPU mL"' to determine the sensitivity of lux gene 

expression to pH. Finally, a series of initial cell number experiments was conducted at 

~24°C and pH ~6.2 to determine the sensitivity of lux gene expression to initial cell 
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number. At the start of each experiment, samples (1 mL) were withdrawn and serial 

dilutions were plated on LB plates to determine the initial cell number in each 

experimental culture. During the experiments, samples were withdrawn from each 

culture every 15-20 minutes and analyzed for salicylate or naphthalene, DO, pH, 

temperature and luminescence as described above. 

(i) Salicylate: temperature and pH experiments. Cultures were prepared by 

adding 20 mL of cells, prepared as described above, and 20 mL of filter sterilized sodium 

salicylate (1000 mg L'') to 1.96 L of MSB in a 2.8 L Erlenmeyer flask. After mixing, 

300 mL was dispensed into 1 L Erlenmeyer flasks; the number of flasks contingent upon 

how many different temperatures or pHs were being evaluated. For the temperature 

experiments, the flasks were incubated using environmental shakers (Orbit-Environ 

Shaker Model 3527, Lab-Line Instruments Inc., Mellrose Park, IL) maintained at the 

desired temperature and 200 rpm. For the pH experiments, the flasks were mixed using 

environmental shakers maintained at -24°C and 200 rpm. 

(ii) Salicylate: initial cell number experiments. Cultures were prepared by 

adding the appropriate volume of cells, prepared as described above, and 3 mL of filter 

sterilized sodium salicylate (1000 mg L"') to MSB in each of four 1 L Erlenmeyer flasks 

(300 mL total volume per flask). The flasks were mixed using environmental shakers 

(Orbit-Environ Shaker Model 3527, Lab-Line Instruments Inc., Mellrose Park, IL) at 200 

rpm and maintained at 24°C and pH 6.2. 

(iii) Naphthalene: temperature, pH and initial cell number experiments. 

Parameters for the naphthalene experiments were selected based on the results of the 



126 

salicylate experiments. One difference is that all salicylate experiments were conducted 

in 1 L glass Erlenmeyer flasks whereas all naphthalene experiments were conducted in 

custom-made 3 L Tedlar bags (Midan Co., Chino, CA) with zero head space. However, 

control experiments were performed with salicylate in Tedlar bags to ensure that the 

difference in experimental conditions between salicylate and naphthalene cultures did not 

influence P. putida RB1353 luminescence or substrate degradation. Each Tedlar bag 

contained a gas evacuation valve, a septum covered port for sample extraction, a valved 

port for fluid injection and a glass stir bar for mixing. Tedlar bags were filled using an 

Acuflow Series 11 pump (Fisher Scientific International Inc., Pittsburg, PA) at a flow rate 

1 i of 8 mL min" . During pumping, a saturated naphthalene solution (30 mg naphthalene L" 

MSB), prepared by adding naphthalene crystals to 1 L of sterile MSB and mixing for 24 

hrs, was filtered through a stainless steel glass wool filter to remove any remaining 

naphthalene crystals and diluted with oxygen sparged MSB to obtain the desired 

naphthalene concentration. Oxygen sparging of the MSB solution was necessary to 

prevent the cultures from dropping below 8.5 mg O2 L"' during naphthalene degradation. 

All samples were withdrawn with glass syringes and stainless steel needles to prevent 

naphthalene volatilization and sorption. For all experiments the total volume in each 

Tedlar bag was 1.8 L. After filling with the appropriate volume of naphthalene/MSB 

solution, the desired amount of cells, prepared as described above, were injected through 

the Teflon septum port and all Tedlar bags were mixed using stir plates. For the 

temperature experiments, the Tedlar bags were placed in environmental shakers set to the 
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desired temperature. For the pH experiments, the pM was adjusted to the desired value 

prior to cell injection using 1 M NaOH. 

Influence of substrate on peak luminescence. A series of experiments was 

conducted with P. putida RBI353 to evaluate the influence of substrate type on peak 

luminescence. Both salicylate and naphthalene experiments were conducted in Tedlar 

bags, filled as described above. All experiments were conducted using the same 

experimental conditions (i.e. 6.25 x 10"' M substrate concentration, 23.5°C, pH 6.15, ~5 

X 10^ CPU mL"', 30 mg L"' DO, mixing rate of 100 rpm). At the start of each 

experiment, samples (1 mL) were withdrawn and serial dilutions were plated on LB 

plates to determine the initial cell number in each experimental culture. During the 

experiments, samples were withdrawn from each culture every 15-20 minutes and 

analyzed for salicylate or naphthalene, DO, pH, temperature and luminescence as 

described above. 

Statistical analysis. To evaluate the significance of three parameters, 

temperature, pH and initial cell number, on P. putida RBI353 luminescence, SYSTAT 

(Ver. 9, SYSTAT Software Inc., Richmond. CA) was used to develop general linear 

models. Specifically, each parameter was evaluated to determine if a relationship existed 

between the parameter and the luminescent response. Furthermore, the interactions 

between parameters were evaluated to determine whether parameter interactions were 

significantly influencing peak luminescence. In all cases, the independent variables 
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included temperature, pH, initial cell number or initial substrate concentration and the 

dependent variable was luminescence. Initial substrate concentration was included since 

some variability in initial substrate concentration existed (9.78 ± 0.25 mg L'^ for 

salicylate and 10.25 ±0.1 mg L"' for naphthalene). To determine whether interactions 

between independent variables were influencing peak luminescence on a log basis, the 

logio and loge of luminescence were calculated and used as the dependent variable. 

Furthermore, the logio and loge of the independent variables were calculated and used to 

evaluate whether interactions between the independent variables were occurring on a 

sigmoidal basis. In addition, maximum substrate degradation rates were calculated from 

the slope of the substrate concentration curves and used as the dependent variable to 

determine what independent variables were influencing Vmm.-

Results 

Temperature experiments. From the series of experiments conducted to 

determine the impact of temperature on P. putida RB1353's luminescent response and 

substrate degradation rate, temperature was found to have a significant influence during 

both salicylate and naphthalene catabolism (Fig. 1). Over the temperature range tested 

dixring salicylate catabolism, peak luminescence varied over 3 orders of magnitude (272 

to 158536 cpm) as temperature decreased from 35 to 20°C (Fig. lA). Maximum 

degradation rate (Fmax) varied 2.05 fold (1.41 mg h"', R~ - 0.984, n = 14 to 2.90 mg h"', 

- 0.996, n = 9) with F„,ax lowest at 20°C and approximately the same for 25, 30 and 

35°C. While peak luminescence occurred at 20.0 ± 0.1 °C, the luminescent response was 



129 

erratic and oscillated during salicylate catabolism. Furthermore, Fmax was significantly 

lower at 20.0 ± 0.1 °C (1.41 mg K\ 0.984, n = 14) than at 25.9 ± 0.2T (2.90 mg K\ 

R~ = 0.996, n = 9). Therefore, a second experiment was performed to investigate the 

impact of temperature on the luminescent response between 20 and 25°C. Results 

showed a peak luminescence of 135,216 cpm and a Fmax of 2.00 mg h"' (/?" = 0.997, n = 

9) at 23°C (Fig. IB). 

Over the range of temperatures tested during naphthalene catabolism (20 - 35°C), 

peak luminescence varied over 3 orders of magnitude (480 to 278256 cpm) and Fmax 

varied 3.94 fold (1.34 mg h"'. = 0.984, n = 6 to 5.28 mg h"'. R- = 0.996, n = 4; Fig. IC 

and ID). As temperature increased from 20 to 35°C, luminescence decreased. Fmax was 

lowest at 35°C, intermediate at 20°C and highest at 25 and 30°C. Further testing at 23°C 

demonstrated a peak luminescence of 278,256 cpm and a Fmax of 4.60 mg h"' (i?^- 0.988, 

n = 4; Fig. ID). 

pH experiments. Following the temperature study, a series of experiments was 

conducted to determine the impact of pH on P. putida RB1353's luminescent response 

and substrate degradation. Both luminescence and substrate degradation were found to 

be significantly influenced by pH during salicylate and naphthalene catabolism (Fig. 2A 

and 2B). Over the pH range tested during salicylate catabolism (pH 5 - 8), peak 

luminescence varied over 4 orders of magnitude (16 to 290000 cpm) and Fmax varied 8.89 

fold (0.440 mg h"', = 0.992, n = 8 to 3.89 mg h"', R^ = 0.989, n = 9). Peak 
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luminescence was higher at pH 6 than at pH 5 and decreased from pH 6 to 8. f'max 

remained relatively constant from pH 5 to 6.6 and then decreased from pH 6.6 to 8. 

A smaller pH range was evaluated during naphthalene catabolism (pH 6.0 to 6.6; 

Fig. 2C). The variations observed in peak luminescence and Fmax were 1.8 fold and no 

significant variation, respectively. As pH increased, peak luminescence decreased from 

pH 6.0 to 6.6 and I max remained relatively constant. 

Initial cell number experiments. Following the pH study, a series of 

experiments was conducted to determine the impact of initial cell number on P. putida 

RBI 353's luminescent response and substrate degradation (Fig. 3). The effect of varying 

initial cell number between 2 x lO' CFU mL"' and 8 x 10^ CFU mL"' during salicylate 

catabolism and between 5 x 10^ CFU mL"' and 1x10® CFU mL"' during naphthalene 

catabolism did not have a significant impact on F. putida RB1353's peak luminescence 

or V'msK-

Sensitivity and reproducibility' of luminescent response. The sensitivity of P. 

putida RB1353's luminescent response to temperature, pH and initial cell number during 

salicylate and naphthalene catabolism was determined by examining the experimental 

conditions and peak luminescence for all the experiments conducted. The sensitivity of 

the luminescent response was found to be similar during both salicylate and naphthalene 

catabolism. As illustrated by the three-dimensional plots of temperature, pH and peak 

luminescence, the minimum parameter deviation required to alter lux gene expression 
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was a change of 1°C in temperature, a change of 0.2 in pH or an order of magnitude 

change in initial cell number (Fig. 4). 

To confirm this observation and to determine the reproducibility of the 

luminescent response, three salicylate and three naphthalene catabolism experiments 

were conducted where temperature, pH and initial cell number values were constrained 

within the minimum deviations indicated by the present study (23.5 ± 0.5°C, pH 6.1 ±0.1 

and 5.0 ± 2.5x10^ CFU mL"') and where cell growth stage, substrate concentration and 

dissolved oxygen were controlled according to Neilson et al. (17; Fig. 4). By dividing the 

standard deviation by the average peak luminescence value for the three salicylate and 

three naphthalene experiments, the peak luminescence values were determined to vary by 

15.6% and 3.81% for the salicylate and naphthalene catabolism experiments, 

respectively. 

Influence of substrate on peak luminescence. Under the same experimental 

conditions and substrate concentration, the peak luminescence during naphthalene 

catabolism was 40 ± 5% greater than peak luminescence during salicylate catabolism 

(data not shown). The difference in peak luminescence may be a result of naphthalene 

induced membrane disruption which leads to a greater availability of fatty acids for the 

luminescent reaction (10). Additional research is currently being conducted in our 

laboratory to further elucidate this phenomenon. 
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Statistical analysis. During salicylate catabolism, peak luminescence and F^ax 

were a function of temperature and pH. As indicated by the values, the influence of 

temperature and pH accounted for 98.1% of the variation observed in peak luminescence 

and 94.2% of the variation observed in Fmax (Table 1). During naphthalene catabolism, 

peak luminescence was a function of temperature, pH and initial naphthalene 

concentration and Fmax was a function of temperature and pH. As indicated by the R 

values, the influence of temperature, pH and initial substrate concentration accounted for 

99.9% of the variation observed in peak luminescence and the influence of temperature 

and pH accounted for 49.5% of the variation observed in Fmax (Table 2). 

Discussion 

When employing lux bioreporters to monitor in situ microbial gene expression in 

dynamic, laboratory-scale systems, the physiological conditions of the organism as well 

as environmental conditions must be considered when interpreting the bioluminescent 

response. Since catabolic lux bioreporters are constructed based on transcriptional 

fusions between lia genes and promoters from hydrocarbon degradation pathways, both 

the lux genes and the catabolic genes are expressed simultaneously. However, this study 

indicates that the activities of the lux and catabolic gene products may be impacted in 

different ways when subjected to the same environmental and physiological conditions. 

For example, during salicylate catabolism from 20 to 35°C, peak luminescence was 

highest and Fmax was lowest at 20°C. In contrast, during salicylate and naphthalene 

catabolism at approximately 35°C, the catabolic gene activity was sufficient to 
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metabolize all of the available substrate, but the luciferase activity was virtually zero (i.e. 

less than 400 cpm; Fig. 1). The thermostability of bacterial luciferases are known to vary 

depending on the organism in which luciferase is expressed (13). Furthermore, Vibrio 

fischeri luciferase is thermolabile with enzyme denaturation occurring above 30°C (14). 

In addition, a similar result was observed during naphthalene catabolism since peak 

luminescence was highest at pH 6.0, a value below the pH optima of 7.0 for naphthalene 

dioxygenase activity (Fig. 2; 18). Therefore, even though similar levels of gene 

expression are occurring for the reporter and catabolic genes, the bacterial luciferase and 

the catabolic gene product activities exhibit different temperature and pH optima. This 

suggests that there is a need for careful characterization of the impact of environmental 

conditions on both the expression of the reporter and catabolic genes as well as the 

activities of the gene products in order to understand and optimize in situ reporter 

performance. 

One limitation of employing lux bioreporters to monitor in situ microbial gene 

expression in dynamic, laboratory-scale systems is the confounding variability in the 

luminescent response. Several studies indicate that linear luminescent responses are 

attainable over a range of substrate concentrations when lux bioreporters are used as 

biosensors to determine the bioavailability of environmental pollutants (8, 9). However, 

these studies do not address the complexity of monitoring the dynamics of in situ gene 

expression during substrate catabolism (17). The statistical analyses in this study indicate 

that pH and temperature, in conjunction with the controlled variables of cell growth 

stage, substrate concentration and dissolved oxygen, account for essentially all the factors 
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affecting the luminescent response in P. pulida RB1353. By asserting vigilant control of 

the variables influencing peak luminescence, reproducibility was attained during both 

salicylate and naphthalene catabolism (Fig. 4). 

The results of this investigation demonstrate that after an extensive evaluation of 

the environmental and physiological parameters influencing lux reporter organisms, 

attainment of a reproducible luminescent response and an understanding of the response 

are feasible. Furthermore, the characterization of P. putida RBI353 provides a sound 

basis for understanding how environmental and physiological factors may influence the 

bioluminescent response in other lux reporter organisms implemented in laboratory-scale 

systems. However, results from this investigation also suggest that while lux bioreporters 

have tremendous potential for studying in situ gene expression in simplified, controlled 

laboratory systems, the interpretation of luminescent responses in complex field 

environments will be difficult. 
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Table 1. Factors influencing peak luminescence and I 'max during salicylate catabolism. 

Dependent variable = loge(lmninescence), i?^=0.981, n=24 

Effect CoefFicient SE t P 

Temperature 9.25 x 10'^ 1.55 x 10"' 5.95 1.00 x 10"' 
pH 2.93 4.42 x IQ"' 6.64 1.40 x 10"" 

Temperature x pH -1.95 x 10 ' 2.67 x IQ"^ -7.32 3.20 x 10"'' 

Degrees of Mean 
Source Sum of squares freedom square F ratio P 

Regression 2.60 x lO"' 3 8.66 x lO^ 3.69 x lO^ 9.99 x 10'"' 

Residual 4.92 x lO' 21 2.34 

Dependent variable = F„... j?^=0.942, n=23 

Effect Coefficient SE t_ P 

Temperature 4.83 x 10"' 7.47 x 10"- 6.47 2.00 x 10"® 
Temperature x pH -5.67 x 10'- 1.13 x IQ'^ -5.01 6.00 x IQ'^ 

Degrees of Mean 
Source Sum of squares freedom square F ratio P 

Regression 1.88 x 10^ 2 9.42 x lo' 1.69 x 10' 1.09 x 10"'' 

Residual 1.17 x lo' 21 5.55 x lO"' 
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Table 2. Factors influencing peak luminescence and Vmax during naphthalene catabolism. 

Dependent variable - log,(luminescence), g^=0.999, n=16 

Effect^ Coefficient SE t P 

Temperature -2.39 X 10' 7.11 -3.36 7.22 X 10-' 
pH 5.91 X 10' 2.18 X 10' 2.72 2.18 X 10"-

Co 2.44 X 10' 7.86 3.11 1.12 X 10"-

Temperature x pH 1.53 5.37 X 10 ' 2.86 1.71 X 10"^ 

Temperature x Co 1.37 5.32 X 10"' 2.58 2.74 X 10"^ 

pH ^ Co -9.40 2.79 -3.37 7.18 X 10"" 

Degrees of Mean 
Source Sum of squares freedom square F ratio P 

Regression 2.01 X 10-' 6 3.35 X 10" 2.28 X 10' 4.33 X 10"'^ 

Residual 1.47 10 1.47 X 10"' 

Dependent variable = /f^=0.495, n= =15 

Effect' Coefficient SE t P 

Constant -3.09 X 10' 1.05 X 10" -2.93 1.37 X 10"^ 
Temperature 1.34 X 10^ 4.57 X 10' 2.94 X o

 
pH 5.00 X 10- 1.71 X 10^ 2.93 1.36 X 10"^ 

Temperature x pH -2.18 X 10' 7.42 -2.94 1.34 X 10"-

Degrees of Mean 
Source Sum of squares freedom square F ratio P 

Regression 6.82 3 2.27 3.59 4.99 X 10"^ 
Residual 6.97 11 6.34 X 10"' 

^Co, Initial substrate concentration. Constant, predicted value of the dependent variable when ail 
regressors are set to zero. 
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Appendix B Figure Legends 

Figure 1. P. putida RB1353 substrate degradation and luminescence over a range of 

temperatures during salicylate (A, B) and naphthalene (C, D) catabolism. Solid 

lines with open symbols represent substrate degradation and dotted lines with 

closed symbols represent luminescence. 

Figure 2. P. putida RBI353 substrate degradation and bioluminescence over a range of 

pHs during salicylate (A, B) and naphthalene (C) catabolism. Solid lines with 

open symbols represent substrate degradation and dotted lines with closed 

symbols represent luminescence. 

Figure 3. P. putida RBI353 substrate degradation and bioluminescence over a range of 

initial cell numbers during salicylate (A) and naphthalene (B) catabolism. Solid 

lines with open symbols represent substrate degradation and dotted lines with 

closed symbols represent luminescence. 

Figure 4. Three dimensional plots of temperature, pH and peak luminescence for all 

salicylate and naphthalene catabolism experiments. Squares (•) indicate the 

salicylate and naphthalene experiments that were conducted to evaluate the 

reproducibility of the luminescent response. 
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Abstract 

One of the major constraints to successful implementation of in situ 

bioremediation is our lack of understanding of how microbial activity is influenced by the 

physicochemical conditions in the subsurface environment. Our laboratory has 

successfully developed a novel fiber optic detection system that employs a ha bioreporter 

organism to non-invasively monitor real-time, in situ microbial activity in porous media. 

An evaluation of potential system limitations indicates that the system is not adversely 

affected by biofilm formation on the optical fiber tips or by bioluminescence attenuation 

in the porous medium employed. Additionally, the detection system effectively captures 

the dynamics of in situ bacterial gene expression during naphthalene catabolism under 

changing physicochemical conditions in saturated porous media. Therefore, this system 

enables laboratory-based studies of how physicochemical conditions in the subsurface 

influence microbial activity and will assist in improving: 1) our fundamental 

understanding of how transformation-related nonideality, such as nonsteady state 

microbial activity, affects contaminant transport and fate; and 2) our ability to predict the 

efficacy of in situ bioremediation in dynamic, heterogeneous subsurface environments. 

Keywords: Bioreporter; Iiix: Bioremediation; Naphthalene; Bioluminescence 
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1. Introduction 

One promising alternative remediation technology that has received considerable 

attention over the last decade is in situ bioremediation, a process that stimulates 

indigenous microbial populations via addition of nutrients or electron acceptors to 

enhance biodegradation of organic compounds in subsurface environments [1]. Despite 

the advantages of reduced costs and enhanced remediation times when compared to 

conventional remediation approaches such as pump and treat [2-4], the application of in 

situ bioremediation at field sites remains limited [5], The major constraint to successful 

implementation of in situ bioremediation is the lack of understanding of: 1) how 

microbial activity affects contaminant transport and fate; and 2) how microbial activity is 

influenced by the physicochemical conditions in the subsurface environment (e.g. 

physical and chemical heterogeneity, substrate properties and concentration, nutrient 

availability, environmental conditions, and electron acceptors) as well as the 

physiological dynamics and biochemical interactions within the microbial community 

[6,7]. Consequently, additional research concerning how coupled physical and chemical 

processes influence microbial activity (e.g. biodegradation) in soil environments is still 

necessary to improve: 1) our understanding of how transformation-related nonideality, 

such as nonsteady state microbial activity, affects contaminant transport and fate; and 2) 

our ability to predict the efficacy of in situ bioremediation in dynamic, heterogeneous 

environments. 

Since the 1970s, numerous approaches have been employed to assess microbial 

activity in soil environments. Conventional methods include the measurement of enzyme 
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activity [8], respirometry, adenylate energy charge, heat and substrate disappearance [9]. 

More recently, the development of genetic approaches has enhanced our understanding of 

in situ microbial activity by enabling: 1) the activity of a single bacterial species to be 

examined at the genetic level as opposed to the collective activity of a community; and 2) 

observation of specific metabolic pathway expression in a population. For example, 

mRNA extraction techniques with subsequent reverse transcriptase PGR or direct probe 

hybridization have been employed to study polycyclic aromatic hydrocarbon catabolism 

in soil and groundwater samples [10-13] and to assess the potential biodegradation 

activity of bacteria in deep subsurface environments [14]. However, the results from 

mRNA extraction techniques must be interpreted with caution due to the inherent 

difficulties of extracting RNA from soil (e.g., preferential mRNA extraction) and PGR 

amplification bias [15,16]. Another molecular approach has been the development of 

bioreporter organisms. These organisms are genetically engineered organisms that 

contain a reporter gene(s) that encodes a detectable gene product under regulator)' control 

of an inducible catabolic operon [17]. Numerous bioreporters have been constructed by 

fusing metabolically responsive promoters [ 18-20] to reporter genes such as inaZ coding 

for ice nucleation protein [21], lacZ coding for j3-galactosidase [22], gf'p coding for the 

green fluorescent protein [23,24], lux genes coding for the bacterial luciferase system 

[25,26], luc genes coding for firefly luciferase, and genes coding for the enzyme catechol 

2.3-dioxygenase [27]. Gurrently, the most widely employed bioreporters utilize the gfp 

or Im reporter genes and both reporter signals can be monitored in situ with 

nondestructive sampling. The green fluorescence protein is a stable protein and has the 
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advantage of allowing microbial activity assessments in situations where real-time 

monitoring is not feasible. However, due to a relatively short half-life, luciferase is 

preferable in applications where dynamic measurement of gene expression is required 

and real-time monitoring is available [17,18,28.29], 

Recently, research groups, including our laboratory, have performed studies using 

conventional or molecular techniques to elucidate how physicochemical conditions affect 

microbial dynamics in soil systems [30-40]. For example, Meikle et al. [30.31] employed 

a lux bioreporter, Pseudomonas fluorescens 10586s/FAC510, to monitor microbial 

activity under different matric potentials and in the presence of indigenous microflora. 

Microbial activity decreased with increasing matric potential and luminescence was 

found to be a more sensitive and reproducible indicator of microbial activity than 

radiorespirometry or dehydrogenase activity. Murphy et al. [32] conducted intermediate-

scale experiments in a flow-cell to determine the influence of physical heterogeneity on 

microbial degradation of benzoate. The results indicate that benzoate biodegradation was 

controlled by the spatial and temporal variations in nutrient flux generated by non

uniform flow within the heterogeneous media. Additionally, Brusseau et al. [34] 

examined the impact of residence time, substrate concentration, and electron acceptor 

concentration during benzoate biodegradation in hydrocarbon contaminated aquifer 

material. The rate and magnitude of biodegradation were dependent upon a combination 

of the three physicochemical variables with the greatest biodegradation occurring for 

longer residence times without limiting substrate or electron acceptor concentrations. 

Ripp et al. [35] conducted the first field release of a genetically engineered 
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bioluminescent organism, Pseudomonas fluorescens HK44, to monitor in situ 

bioremediation of naphthalene. Microbial activity was monitored by luminescence 

collection with optical fibers and a portable PMT based system. P. fluorescens HK44 

provided real-time data reflecting degradation activity and proved the utility of 

bioreporters as tools to monitor in situ microbial activity. Yarwood et al. [36] monitored 

the bacterial growth dynamics of P. fluorescens HK44 exposed to glucose under 

unsaturated flow conditions using a two-dimensional light transmission chamber and a 

charged-coupled device camera. The temporal and spatial bacterial colonization pattern 

was found to be dependent upon oxygen availability. Research conducted in our 

laboratory also supports the dependency of microbial activity on the temporal and spatial 

availability of the terminal electron acceptor [37]. 

Our laboratory has developed a novel fiber optic detection system that employs a 

lux bioreporter organism to monitor real-time, in situ microbial activity in porous media 

[41]. Since the initial design and performance report, the system has been expanded from 

one to six optical fibers to allow spatial monitoring within the flow cell and hardware has 

been modified to ensure stable voltage amplification and consistent calibration between 

detection units. However, some potential limitations regarding system performance 

include light attenuation by the porous media or as a result of biofilm formation on the 

optical fibers, sorption of hydrophobic compounds to the optical fibers, and microbial 

activity interference during fluid sampling. Therefore, the objectives of this paper are to 

provide an update on the system's ability to capture the in situ dynamics of microbial 

biodegradation of naphthalene under changing physicochemical conditions and to address 



158 

the concerns of; 1) potential microbial activity perturbations during fluid extraction for 

physicochemical analysis; 2) light attenuation due to biotilm formation on the fiber 

optics; 3) sorption of naphthalene within the system; and 4) light transmission through 

porous media. 

2. Experimental 

2.1 Fiber optic detection system 

The design, calibration, and initial performance of the fiber optic detection system 

are described in detail by Yolcubal et al. [41 J. In general, a stainless steel column 

(ModCol, St. Louis, MO) was engineered to contain 3 sampling ports for aqueous 

analysis and 6 fiber optic ports for collection of light generated by a bioluminescent 

reporter bacterium (Fig. lA). The fluid sampling ports are located near the column inlet 

(0.2 cm), midpoint (5.0 cm) and effluent (10.0 cm) while the fiber optic ports are located 

along the column axis at 0.2, 2.1, 3.1, 5.0. 7.5. and 9.6 cm from the inlet. The collected 

light is routed via optical fibers (PGR-FB3000. Moritex USA, Inc., San Diego) to gated 

photomultiplier tubes (PMTs; 931 A, Burle Industries, Lancaster, PA) that convert the 

light signals into electrical signals (Fig. IB). The current leaving the PMTs travels to a 

conditioning circuit for noise filtration and signal amplification. The output current from 

the conditioning circuit is then routed to a signal processor for data acquisition (Cyber 

Research, Inc., Branford, CT) and the processed data is recorded using a personal 

computer. 
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2.2 lux reporter bacterium 

The lux reporter bacterium utilized in our system, Pseudomonas putida RBI353, 

was developed and kindly provided by Burlage et al. [42] and extensively characterized 

by Neilson et al. [43] and Dom et al. [44]. P. putida RB1353 contains two plasmids, 

NAH7 and pUTK9 (kanamycin resistance). Plasmid NAH7 includes genes for 

naphthalene catabolism that are organized into two operons, both regulated by the nahR 

gene product and referred to as the upper and lower pathways. The upper pathway codes 

for the breakdown of naphthalene to salicylate, while the lower pathway codes for the 

breakdown of salicylate to acetyl aldehyde and pyruvate [45]. Naphthalene does not 

directly induce the upper or lower pathway. The primary inducer for the two pathways is 

salicylate. However, when naphthalene is present, constitutive low levels of expression of 

the upper pathway results in conversion of naphthalene to salicylate, at which time full 

induction occurs [42.45]. 

Plasmid pUTK9 is a genetic construct and contains a subclone in which the 

NAH7 pathway promoter is fused with the luxCDABE genes from Vibrio fischeri. When 

exposed to naphthalene, P. putida RBI351, an identical sister clone to P. putida RB1353, 

exhibited a luminescent response that correlated well with naphthalene catabolism [42]. 

Furthermore, comparison of P. putida RBI351 to the parent strain, P. putida HK53, 

Burlage et al. [42] has shown that the lux genes do not have an inhibitory effect on the 

expression of the naphthalene catabolic operon. Therefore, biodegradation can be 

monitored by measuring the bioluminescence emitted during naphthalene catabolism. 
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2.3 Culture media and substrate solution 

Cell cultures were prepared in Luria broth (LB) containing 10 g of tryptone, 5 g of 

yeast extract and 10 g of NaCl in 1 1 of deionized H2O. The pH was adjusted to 7.0 and 

the medium was supplemented with 100 mg 1"' kanamycin sulfate (Sigma Chemical Co.. 

St. Louis, MO) to select for pUTK9. Agar plates were prepared by adding 15 g 1"' of 

Bacto Agar (Difco Laboratories, Detroit. MI) to the LB medium. Mineral salts broth 

(MSB), adjusted to pH 7.0, was used as the nutrient/electrolyte solution during column 

experiments and contained (in g 1"') KH2PO4, 1.5; Na2HP04, 0.5; MgS04 • 7H2O, 0.2; 

NH4CI, 2.5; FeCls, 3 x lO"^; and CaCb • 2H2O, 0.013 (Spectrum Chemical Mfg. Corp., 

New Brunswick, NJ). 

Substrate solutions were prepared by adding naphthalene crystals (CioHg; EM 

Science, Gibbstown, NJ) to sterile, oxygen sparged MSB in 1-1 glass bottles and mixing 

for 24 h to ensure saturation. Sparging was performed to reduce oxygen limitations 

during the column experiments. The saturated naphthalene solutions (-30 mg 1"'; -35 mg 

O2 r^) were transferred to a custom-made 3-1 Tedlar bag (Midan Co., Chino, CA) by 

pumping at 8 ml min"' (Acuflow series II pump, Deerfield, IN) through a stainless steel 

glass wool filter to remove any remaining naphthalene crystals. To prevent naphthalene 

volatilization, the Tedlar bag was maintained with zero headspace using a gas evacuation 

valve. When necessary, oxygen saturated MSB (-35 mg 1"') was used to dilute the 

naphthalene solution to the desired concentration. 
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2.4 Cell preparation 

To prevent plasmid loss, cultures of P. putida RB1353 were lyophilized and 

stored at -20°C. For each experiment, a lyophilized culture was used to prepare a pre-

culture by inoculating 30 ml of LB in a 250-ml Erlenmeyer flask. The flask was placed 

on a 200 rpm shaker maintained at 24°C. After 24 h, a 100 fil aliquot was withdrawn and 

serial dilutions were prepared in 0.85% NaCl. Growth cultures were inoculated by 

dispensing 100 {il of the 10^ CPU ml"' dilution into 30 ml of LB in a 250-ml Erlenmeyer 

flask. The flask was placed on a 200 rpm shaker maintained at 24° C. After the culture 

reached stationary phase, approximately 48 hours [43], a 29 ml aliquot was withdrawn 

from the growth culture, centrifuged for 10 min at 9,800 x g to pellet the cells (model Ji

ll with JA-20 rotor, Beckman Instruments Inc., Fullerton. CA), washed once in 29 ml of 

0.85% NaCl and resuspended in 29 ml of MSB. The final suspension was approximately 

10® CFU ml"'. Serial dilutions were then prepared using MSB to obtain a final 

concentration of approximately 10^ CFU g"' dry sand upon inoculation of the porous 

medium. Cell density was initially determined spectrophotometricaliy (550 nm) with a U-

2000 spectrophotometer (Hitachi Instruments, Inc., Fremont, CA) and later confirmed by 

viable LB plate counts of serial dilutions. 

2.5 Column experiments 

The stainless steel column (described in section 2.1) was connected to a single-

piston pump (SSI Acuflow series II, Deerfield, IN) using stainless steel tubing. Prior to 

assembling the system, sterilization was achieved by autoclaving the column, tubing and 
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porous media for 1 h and oven drying at 105°C for 24 h. The pump was sterilized by 

flushing with a 2% bleach solution for 2 h, followed by a rinse with 0.01% sterile 

sodium-thiosulfate solution and sterile deionized, distilled water. 

Sterile column experiments were conducted to characterize the retention and 

transport behavior of naphthalene in the system. Sterile 20/30 mesh Accusand® (Unimin 

Corporation, Ottawa, MN) was incrementally packed in the column under sterile 

conditions to obtain a uniform bulk density. During packing, six optical fibers were 

inserted 2.5 cm into the column (measured from the column wall) and positioned where 

the tips of the fibers were in the center of the column. Pentafluorobenzoic acid (PFBA; 

Sigma Aldrich Inc., St. Louis, MO) was used as a nonreactive, conservative tracer to 

characterize the hydrodynamics of the column system. Data from the sterile column 

experiments were modeled with a one-dimensional advection-dispersion transport model 

(CFITIM) to independently estimate partition coefficients and confirm retardation factors 

[46], 

Experimental columns were prepared by inoculating 420 g of sterile 20/30 mesh 

Accusand® with 20 ml of P. putida RBI 353. The inoculated sand was thoroughly mixed 

under a laminar flow hood to ensure homogeneous distribution of bacteria. Initial cell 

density was determined by removing subsamples and plating serial dilutions in triplicate 

on LBK plates. The column was then incrementally packed with the inoculated sand to 

obtain a uniform bulk density. After packing, the column was saturated from the bottom 

with sterile MSB at a flow rate of 1 ml min"'. Saturation was determined by gravimetric 

analysis. Once saturated, a naphthalene pulse at the concentration of interest was injected 
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into the column at a flow rate of 1 ml min"'. During the experiment, samples were 

collected from the naphthalene reservoir and fluid sampling ports and analyzed for 

dissolved oxygen and naphthalene concentrations. After the experiment, the column was 

disassembled and sand samples were removed, serially diluted in MSB and plated on 

LBK to determine the final bacterial concentration. 

2.6 Quantification of dissolved oxygen, naphthalene, and luminescence 

Samples (2.5 ml) were collected from the fluid sampling ports using a luer-lock 

glass syringe to prevent volatilization and sorption of naphthalene. Dissolved oxygen 

(DO) concentration was determined using a micro-oxygen electrode and an oxygen meter 

(Microelectrodes, Inc., Bedford, NH). For each sample, DO was measured for 1 min 

immediately following sample collection. The oxygen meter was calibrated using buffer 

sparged with N2, ambient air. and O2 gas for 0, 8.5 and 40 mg 1"' values, respectively. 

Naphthalene concentration was determined using UV/VIS spectrophotometry (UV-1601, 

Shimadzu) at 276 nm. Luminescence was collected using the multiple fiber optic 

detection system described in section 2.1. 

2.7 Naphthalene sorption to optical fibers 

The optical fibers consist of a polymethyl methacrylate core and a fluorinated 

polymer cladding. Sorption of naphthalene to the optical fibers was examined by placing 

six 2.5 cm segments of optical fiber in a naphthalene solution and monitoring 

naphthalene disappearance with time. The partition coefficient, K<j, was calculated using 
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Kd=[(Cai/Caf)-l]Vw/Mof (1) 

where Cai is the initial concentration of naphthalene in the aqueous phase, Caf is the final 

concentration of naphthalene in the aqueous phase, Vw is the volume of water, and Mof is 

the mass of the optical fiber. The retardation of naphthalene associated with the optical 

fibers in the column system was approximated using 

R=l+pKd/e (2) 

where p is the bulk density of the optical fiber in the system (m/1^), 0 is the fractional 

volumetric fluid content (TVP), and Kd is the naphthalene partition coefficient between 

the optical fibers and the aqueous phase (e.g., sorption; P/m). 

2.8 Electron microscopy 

Before each experiment, the tips of the optical fibers were hand polished using 3 

|am, 1 fim, and 0.3 fim aluminum oxide polishing films (Buehler Inc., Lake Bluff, IL) to 

remove surface scratches. After naphthalene experiments, the optical fibers located at 0.2 

cm and 2.1 cm were analyzed for biofilm formation using scanning electron microscopy 

(SEM 515, Philips, Holland). The tips of the optical fibers were removed, rinsed with 

sterile, deionized water and Au coated using a HUMMER® 6.2 sputtering system 

(Anatech Ltd.. Union City, CA). The Au was applied for 120 seconds at 8.5 volts. 20 

milliamps. and 40 millitorr. The rate of Au deposition was approximately 15 nm per 

minute. Control fibers were also prepared using the same protocol. 
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2.9 Light transmission through porous media 

Light transmission through optically translucent 20/30, 40/50, and 50/70 mesh 

size silica sand (e.g., Accusand®) was assessed using a regulated DC light source and 

neutral density filters to obtain a constant photon flux similar to the bioluminescence 

observed during column experiments (e.g., -300 mV). One optical fiber was used to 

deliver the regulated light source into a light-proof box packed with the porous media and 

saturated with MSB and a second optical fiber was used to collect and route the 

transmitted light to the detection system. The distance between the tips of the optical 

fibers was measured using a dial caliper/micrometer (Mitutoyo, MTI Corporation, 

Aurora, IL) and the porous medium was repacked between each measurement to ensure 

uniform bulk density. Before packing, the porous media were washed with deionized 

water to remove any particulates. 

The optical properties of the porous media have been described elsewhere [47]. 

The saturated porous media were assumed to be homogeneous and therefore light 

attenuation should he an exponential function in agreement with Beer's law [48]. The 

intensity of the photon flux, I, through a medium of thickness dj is described by 

I = Cloexp(-aidi) (3) 

where C is an optical correction term, Iq is the initial intensity of the light source, and a, 

is the absorption coefficient of the medium. Since there were no differences in the points 

of emission and observation in the experiments, C was omitted. 
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3. Results and Discussion 

3.1 Hydrodynamic characterization of the system 

A nonreactive tracer. PFBA, was used to assess the hydrodynamics within the 

system. The column was homogeneously packed with 20/30 mesh Accusand® and all six 

optical fibers were inserted 2.5 cm into the column under sterile conditions. The 

breakthrough curve (ETC) obtained for PFBA was sharp and symmetrical, indicating 

ideal transport (Fig. 2). The mass recovery of PFBA was complete, indicating no abiotic 

loss mechanisms. A retardation factor, R, of 0.99 was determined by calculating the first, 

normalized temporal moment. The Brenner solution of the CFITIM optimization model 

yielded a Peclet number of 36.9. These results indicate that flow in the system is uniform 

and that the optical fibers do not cause physical nonideal transport, e.g. areas with 

minimal advective flow. 

Naphthalene transport was also monitored under the same conditions. The 

naphthalene BTC was asymmetrical with significant tailing (Fig. 2). The first, normalized 

temporal moment yielded an R value of 2.00. Since mass recovery was complete, the 

retardation of naphthalene was attributed to a reversible, sorption-related process. Using 

the Peclet number from the PFBA data and R from the moment analysis, the CFITIM 

optimization model was employed to generate a two-parameter (P, co) optimized 

simulation of the naphthalene BTC. The optimized |3 and co values were 0.57 and 0.38, 

respectively, indicating that naphthalene retardation in the system was controlled by rate-

limited sorption. 
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Since naphthalene is a hydrophobic compound known to adsorb to plastics [49], 

experiments were conducted to address the concern of naphthalene sorption to the optical 

fibers. Specifically, batch experiments were performed to develop a partition coefficient, 

Kd, for naphthalene partitioning between the optical fibers and the aqueous phase. 

Provided that batch conditions are similar to column-system conditions, R values 

calculated from sorption data can be applied to the column system [50,51]. Using 

equation (1) and the results from the batch experiments, a Kd value of 3.59 cm^ g"' was 

calculated. Incorporation of the Kd value into equation (2) yielded an R value of 1.06, 

indicating relatively minimal naphthalene sorption to the optical fibers. Additional 

experiments revealed that the primary cause of naphthalene retardation in the system was 

sorption by the porous medium. 

3.2 Monitoring microbial activity during naphthalene catabolism 

A number of column experiments were conducted using the fiber optic detection 

system to monitor P. putida RBI353 catabolic gene expression during naphthalene 

transport in saturated porous media. Table 1 provides a summary of the parameters for 

the three experiments discussed in this paper. The initial and final microbial counts 

indicate that cell elution during column saturation reduced the initial concentration of P. 

putida RBI353 by approximately an order of magnitude. Therefore, at the onset of the 

naphthalene pulse for each experiment, the initial bacterial concentration was 

approximately 2x10^ CFU g sand"'. A detailed study of bacterial growth and cell elution 

in the column system has been reported elsewhere [52,53]. 
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Experiment 1 was conducted to monitor the dynamics of P. putida RBI353 

NAH7 gene expression while assessing the impact of fluid sampling on microbial 

activity. The concentration of naphthalene injected was low (e.g., influent concentration 

of 7.88 ± 0.04 mg 1"') to prevent oxygen limitation within the column. Figure 3A shows 

data collected from the 0.2 cm location. During the first pore volume, the naphthalene 

and oxygen concentrations increased while the microbial activity (e.g., bioluminescence) 

remained minimal. Subsequently, bioluminescence began to increase, indicating 

induction and expression of the NAH7 and pUTK9 pathways. As gene induction 

increased (e.g., bioluminescence), naphthalene and oxygen concentrations decreased. The 

correspondence between the decrease in naphthalene and oxygen concentrations and the 

increase in bioluminescence demonstrates that the detection system was accurately 

reporting gene expression during naphthalene catabolism. The bioluminescence peak 

(e.g., maximum gene expression) was dictated by the given physicochemical conditions 

(e.g., bioavailable naphthalene). The concentration of naphthalene reaching the 0.2 cm 

location was dynamic, decreasing with lime as a result of increasing biodegradation by 

the bacterial population between the column inlet and 0.2 cm. Therefore, as the 

bioavailable naphthalene decreased, the bioluminescence also decreased due to reduced 

gene induction. Eventually, the naphthalene concentration decreased to a point where 

microbial activity (e.g., bioluminescence) was no longer detected at the 0.2 cm location. 

Examination of the bioluminescence response at the 0.2 cm location revealed 

several second-order perturbations in microbial activity during fluid extraction from the 

0.2 cm sampling port (Fig. 3B). As a result of sample extraction, the bioluminescence 
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exhibited an abrupt oscillation behavior. In some instances, more than one-half pore 

volume (e.g., 0.6 h) was required before the microbial activity returned to the activity 

level before sample extraction. This indicates that studying microbial activity by 

extracting and analyzing aqueous samples may influence in situ gene expression or the 

/wx-based measurement of activity and lead to experimental artifacts. Therefore, 

employing nondestructive sampling methods is advantageous when monitoring in situ 

microbial activity. 

Experiments 2 and 3 were conducted to assess the ability of the fiber optic 

detection system to accurately report the dynamics of NAH7 gene expression during 

naphthalene transport under limiting oxygen conditions. Previous research indicates that 

under conditions of controlled temperature, pH, and initial cell number. NAH7 gene 

expression is primarily influenced by oxygen and substrate availability [37.43,44]. Since 

fluid analysis in several experiments, including experiment 1, supported that 

bioluminescence was an accurate indicator of gene expression, fluid was only collected 

from the 10 cm location (e.g., column effluent) for experiments 2 and 3 to avoid 

influencing microbial activity. 

For experiment 2, the fiber optic detection system proved sensitive and effective 

at reporting microbial activity throughout the column. Figure 4 shows the 

bioluminescence collected at each sampling location. The bioluminescence response was 

highest at the 0.2 cm location and lowest at the 9.6 cm location. These results were 

expected since the bacteria nearest to the column inlet encountered the naphthalene pulse 

approximately 1.2 h before the bacteria at the 9.6 cm location. Hence, for a given 
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temporal measurement, the highest level of gene induction should occur near the inlet of 

the column. As the level of microbial activity between the column inlet and the 5.0 cm 

location increased, the demand for oxygen increased. Eventually, an anoxic zone formed 

in the middle of the column and migrated towards the column effluent. As illustrated in 

Figure 4, the 5.0 cm location was the first location where the bioluminescence decreased 

to background levels, followed by the 7.5 and 9.6 cm locations. As microbial activity 

near the inlet continued to increase, less oxygen was available for the bacteria down 

gradient, resulting in the decrease in bioluminescence at the 3.1 cm location followed by 

the 2.1 cm location and eventually the 0.2 cm location. 

Figure 5A shows bioluminescence at the 7.5 cm location along with naphthalene 

and oxygen concentrations measured at 10 cm. Since microbial activity was minimal at 

the 9.6 cm location, fluid analysis at the 10 cm location was expected to be representative 

of conditions at the 7.5 cm location. The fluid analysis illustrates that the decrease in 

bioluminescence corresponds precisely with the decrease in oxygen concentration. The 

rebounding naphthalene concentration is an indication of oxygen constraints during 

naphthalene catabolism. The rebound in naphthalene concentration may have resulted 

from the accumulation and degradation of an intermediate compound that competes for 

oxygen in the system. Effluent analysis indicated that during peak microbial activity, 

salicylate was present at approximately 3.8 mg 1"'. Additionally, Bouchez et al. [54] have 

shown that mineralization of a compound to CO2 requires more oxygen than the 

production of biomass precursors. Therefore, the rebounding could also indicate a shift 

from biomass production to complete mineralization. 
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Experiment 3 was conducted under similar conditions to confirm the observations 

of experiment 2 and determine the ability of the fiber optic detection system to produce 

consistent data. The bioluminescence response observed in experiment 3 exhibited a 

similar profile to experiment 2 (data not shown) indicating that the fiber optic detection 

system was producing reliable data. Furthermore, an unexplainable oscillation in oxygen 

concentration that impacted microbial activity was successfully detected by the system 

(Fig. 5B). At approximately 5 pore volumes, the bioluminescence began to decrease at 

the 7.5 and 9.6 cm locations due to oxygen limitation and the naphthalene concentration 

began to increase. However, at the same time, an unexplainable event occurred and the 

oxygen concentration began to increase. As a result, microbial activity increased at the 

7.5 and 9.6 cm locations as indicated in the bioluminescence profile at 7 pore volumes. 

The increase in microbial activity was also confirmed in the naphthalene profile since the 

increase in naphthalene concentration temporarily reached at plateau at 9 pore volumes. 

At 8 pore volumes, the oxygen became limiting at the 7.5 cm location resulting in the 

decrease in bioluminescence. The anoxic front then migrated toward the effluent resulting 

in the bioluminescence decline at 9.6 cm. 

The results from the three experiments indicate that the fiber optic detection 

system developed in our laboratory effectively reports in situ microbial activity in 

saturated porous media. Accordingly, the detection system can be employed to conduct 

additional research concerning how coupled physical and chemical processes influence 

microbial activity in soil environments. The acquisition of such data will prove 
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invaluable in improving the understanding of contaminant transport and fate as well as 

the utility of in situ bioremediation as a low cost alternative cleanup technology. 

3.3 Electron microscopy of optical fibers 

Since Pseudomonas sp. are known to form biofilms on plastic surfaces [55,56], 

electron microscopy was performed on the tips of the optical fibers to address the issue of 

light attenuation due to biofilm formation. After each column experiment, the optical 

fibers located at the 0.2 and 2.1 cm locations (e.g., the locations of highest microbial 

activity) were carefully extracted and the tips of the optical fibers were removed and 

examined using electron microscopy. Figure 6 shows a representative example of an 

optical fiber surface after a column experiment compared to an optical fiber control. The 

main difference between the experimental and control fibers was the presence of salt 

crystals on the experimental fiber, an artifact of sample preparation. Therefore, biofilms 

did not appear to form, indicating that system sensitivity was not adversely affected by 

biofilms during the column experiments. 

3.4 Light transmission through porous media 

Previous research indicates that the quenching of luminescence by sand particles 

can affect the sensitivity of luminescence detection [41,57]. To determine the impact of 

light quenching on detection sensitivity, light transmission through three different 

Accusand® media (20/30, 40/50. and 50/70 mesh) was examined. Particle size analysis 

for the three Accusand® media is reported in Table 2 as typical mean percentage retained 
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upon sieving (ASTM E-11). For all three media, light transmission decreased 

significantly with increasing distance from the optical fiber (Fig. 7). An order of 

magnitude decrease in light transmission occurred with a distance of 2 mm for the 20/30 

medium and 1 mm for the 40/50 and 50/70 media. A graphics program (SigmaPlot 2001, 

ver. 7.101, SPSS Inc.) was employed to generate a function describing the light 

attenuation. For all media, light absorption by the porous medium increased 

exponentially with distance in accordance with Beer's law. The generated equations are 

reported in Figure 7 and in all cases the equations fit the data with an R-squared value of 

0.99 (N = 8; P < 0.0001). Based on the maximum light transmission distance and the light 

collection angle of the optical fibers (e.g., 60°), the calculated maximum volume of 

porous media where collection occurred was 0.12, 0.04, and 0.04 cm' for the 20/30, 

40/50, and 50/70 media, respectively. These results indicate that light collection occurs 

only in a small region at the tip of the optical fibers. Such a small collection area is 

advantageous for laboratory-scale systems where physicochemical conditions typically 

vary over short distances. Furthermore, small collection areas will facilitate the study of 

how interfaces affect microbial dynamics in physically and/or chemically heterogeneous 

porous media. 

4. Conclusion 

Our laboratory has successfully developed a novel fiber optic detection system 

that employs a lux bioreporter organism to monitor real-time, in situ microbial activity in 

porous media. An evaluation of potential system limitations indicated that the system is 
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not adversely affected by biofilm formation on optical fiber tips or by bioluminescence 

attenuation in porous media. Furthermore, the detection system effectively captured the 

in situ dynamics of bacterial gene expression during naphthalene catabolism under 

changing physicochemical conditions. Ultimately, the detection system will be employed 

to acquire additional data concerning how coupled physical and chemical processes 

influence microbial activity (e.g. biodegradation) in soil environments. Such information 

is essential to improve our understanding of how transformation-related nonideality, such 

as nonsteady state microbial activity, affects contaminant transport and fate as well as to 

improve the utility of in situ bioremediation as a low cost alternative cleanup technology. 
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Table 1. Summary of experimental parameters during naphthalene transport in RB1353 inoculated 20/30 mesh. 

Accusand® under saturated conditions.® 

Initial [RBI353]'* Final [RBI353] Co' 02" ALPWV" HRT^ 

CFU g sand"' 

Distance from 

Inlet CFU g sand"' (mg ]"') (mg r') (cm h"') (h) 

Experiment 1 2.50 + 0.12 X 10' 0.2 cm 

5.0 cm 

9.6 cm 

2.70 ±0.17 X 10® 

3.01 ±0.62 X 10® 

1.21 ±0.40 X 10'' 

7.88 ±0.04 34.17 ±0.94 7.93 1.17 

Experiment 2 2.20 + 0.54 X 10' 0.2 cm 

5.0 cm 

9.6 cm 

3.28 ±0.34 X 10® 

4.25 ± 0.28 X 10® 

2.26 ± 0.09 X 10® 

28.90 ±0.38 30.19 ± 1.21 8.48 1.25 

Experiment 3 2.01 ±0.51 X 10' 0.2 cm 

5.0 cm 

9.6 cm 

3.19 ±0.99 X 10® 

3.48 ± 0.99 X 10® 

1.91 ±0.30 X 10® 

24.20 ±0.33 32.6512.12 8.43 1.24 

"Bulk density and porosity for all experiments were 1.73 g cm"' and 0.35, respectively. 

''Average number ± standard deviation of triplicate plate counts. 

''Co; Injected substrate concentration ± standard deviation of triplicate readings. 

''O2; Injected oxygen concentration ± standard deviation of triplicate readings. 

'ALPWV; Average linear pore water velocity. 

*^HRT; Hydraulic residence time. 
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Table 2. Accusand® particle size analysis. 

Typical Mean % Retained on Individual Sieves 

Mesh(ASTME-ll) 20/30 40/50 50/70 

20 0.4 

25 72.1 

30 26.7 

35 0.8 

40 0.1 

45 51.5 

50 47.1 1.1 

60 1.4 54.3 

70 43.0 

100 1.6 
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Appendix C Figure Legends 

Figure 1. Digital graphics of the fiber optic detection system employed to monitor the 

real-time, in situ microbial activity of P. putida RBI353 during naphthalene 

catabolism. (A) A cross section of the stainless steel column, illustrating the 

optical fiber and fluid sampling ports. The green color represents bioluminescence 

from P. putida RB1353 during naphthalene catabolism. (B) The column 

connected to the fiber optic detection system (PMTs; photomultiplier tubes). 

Figure 2. Hydrodynamic characterization of naphthalene transport in the stainless steel 

column. The open symbols represent data points collected (e.g., breakthrough 

curves) during sterile column experiments with the conservative tracer 

pentafluorobenzoic acid (PFBA) and naphthalene (-30 mg f'). The solid lines 

were generated with a one-dimensional advection-dispersion transport model 

(CFITIM) to obtain additional transport parameters. The retardation factor (R), 

Peclet number (P). beta and omega values indicate that naphthalene transport was 

influenced by rate-limited sorption within the system. 

1 1 Figure 3. (A) Luminescence, naphthalene (~8 mg f ) and dissolved oxygen (-30 mg 1" ) 

data collected from the inlet location (0.2 cm) during naphthalene transport in 

experiment 1 (see Table 1 for experimental conditions). (B) Expansion of dotted 

region in (A) showing luminescence oscillations during fluid extraction from the 
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0.2 cm port. These oscillations indicate that fluid extraction influences microbial 

activity. 

Figure 4. Luminescence emitted by P. putida RBI353 at various locations along the axis 

of the stainless steel column during naphthalene transport in experiment 2 (see 

Table 1 for experimental conditions). 

Figure 5. Luminescence, naphthalene (-25 mg 1"'). and dissolved oxygen (-30 mg 1"') 

data collected from various locations during naphthalene transport in experiments 

2 and 3 (see Table 1 for experimental conditions). (A) Experiment 2; 

Luminescence at the 7.5 cm location plotted with the naphthalene and dissolved 

oxygen (DO) concentrations in the effluent (e.g., 10 cm). The increase in 

luminescence coincides with the decrease in naphthalene and a plateauing of DO. 

The luminescence decreases as a result of DO limitations. (B) Experiment 3: 

Luminescence at the 7.5 and 9.6 cm locations plotted with the naphthalene and 

DO concentrations in the effluent (e.g., 10 cm). An unexplained DO oscillation 

occurred between 5 and 10 pore volumes and the resultant impact on microbial 

activity (e.g., bioluminescence) was successfully detected by the system. 

Figure 6. Scanning electron microscopy of a control optical fiber tip (A, B) and an 

optical fiber tip employed in a P. putida RBI 353 inoculated naphthalene transport 

experiment (C, D). The images indicate that no biofllm formed on the optical 
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fiber tips during the experiments. The debris on the experimental fiber (D) is 

mainly salt crystals from the electrolyte solution and a few scattered bacteria. 

Figure 7. Light transmission through three different mesh sizes of translucent silica sand 

(20/30, 40/50. and 50/70 mesh Accusand®). Error bars represent the standard 

deviation of triplicate experiments. The symbols represent data obtained during 

light measurements in the different sands. The lines were generated by fitting and 

correlate well with Beer's law. 
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Abstract 

Successful implementation of in situ bioremediation is contingent upon 

understanding how physicochemical and microbial factors affect the formation and 

dynamics of microbially active regions known as bioactive zones (BAZs). In this study, a 

novel fiber optic detection system developed in our laboratory was employed to monitor 

real-time, in situ BAZ formation and dynamics during naphthalene transport in saturated 

porous media containing defined physicochemical and microbial heterogeneities. 

Biological activity was measured using a lia reporter bacterium, Pseudomonas puticia 

RB1353. that bioluminesces during naphthalene catabolism. Despite successful transport 

of P. putida RBI353 into sterile regions, BAZ formation was limited by local 

physicochemical conditions (e.g., naphthalene and DO bioavailability). Furthermore, P. 

putida RB1353 migration against the advective flow enabled BAZ formation upgradient 

of inoculated regions. 

Introduction 

Improper storage and accidental spills of petroleum-based fuels containing 

polycyclic aromatic hydrocarbons (PAH) have resulted in frequent soil and groundwater 

contamination (Balba et al, 1998; Nadim et al., 2000). Exposure to such contamination 

poses serious threats to human health and the environment (Sepic et al., 1996; EPA, 

1999) since PAHs are known to possess toxic, mutagenic, and/or carcinogenic properties 

(Madsen et al., 1992; Mastrangelo et al., 1996; Mehlman, 2002) and to bioaccumulate in 



199 

aquatic organisms (Meador et al., 1995). Currently, there are 16 PAHs, including 

naphthalene, listed as priority pollutants for remediation by the EPA {Liu et al., 2001). 

The use of microorganisms to remediate petroleum-contaminated sites, e.g. 

bioremediation, has gained considerable interest since traditional remediation 

technologies, such as pump-and-treat, are proving expensive and, in some cases, 

ineffective at reducing contaminant concentrations to compliance standards (MacKay and 

Cherry, 1989; MacDonald and Kavanaugh, 1994). In addition to the cost advantage over 

traditional technologies, bioremediation is attractive due to: (1) the potential of reducing 

site disturbance and human exposure by treating contaminants in situ; and (2) the 

possibility of complete mineralization of the organic pollutants to inorganic compounds 

(Head, 1998). However, the utility of in situ bioremediation is limited by our lack of 

understanding of how coupled physicochemical and biological factors influence bioactive 

zone (BAZ) formation and dynamics. Bioactive zones are regions where the microbial 

community is sufficiently active to catabolize bioavailable substrates and successful in 

situ bioremediation is contingent upon the formation and maintenance of BAZs 

(Odencrantz et al., 1990; Wookeun et al., 1990; Keijzer et al., 1999; Mahinthakumar et 

al., 1999). Consequently, additional research concerning how coupled physicochemical 

and biological processes influence BAZ formation and dynamics in porous media is still 

necessary to improve: 1) our understanding of how transformation-related nonideality, 

such as nonsteady state microbial activity, affects contaminant transport and fate; and 2) 

our ability to predict the efficacy of in situ bioremediation in dynamic, heterogeneous 

environments. 
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Over the last decade, research groups, including our laboratory, have performed 

laboratory-scale studies to assess the impact of coupled factors on microbial activity in 

porous media. For example. Brusseau et al. (1999) examined the impact of residence 

time, substrate concentration, and electron acceptor concentration during benzoate 

biodegradation in hydrocarbon contaminated aquifer material. The rate and magnitude of 

biodegradation were dependent upon a combination of the three physicochemical 

variables with the greatest biodegradation occurring for longer residence times without 

limiting substrate or electron acceptor concentrations. Additionally, Murphy et al. (1997) 

conducted intermediate-scale experiments in a flow-cell to detemiine the influence of 

physical heterogeneity on microbial degradation of benzoate. The results indicate that 

benzoate biodegradation was controlled by the spatial and temporal variations in nutrient 

flux generated by non-uniform flow within the heterogeneous media. Yarwood et al. 

(2002) monitored the bacterial growth dynamics of P. fluorescens HK44. a lux 

bioreporter, exposed to glucose under unsaturated flow conditions using a two-

dimensional light transmission chamber and a charged-coupled device camera. The 

temporal and spatial bacterial colonization pattern was found to be dependent upon 

oxygen availability. 

In addition to the research discussed above, several field- and laboratory-scale 

studies have focused on characterizing BAZ dynamics in porous media. For example, 

Devlin et al. (2004) examined field-scale bioactive zone development in response to in 

situ sequenced bioremediation of mixed contaminants in groundwater and found that 

nutrient injection stimulated BAZ formation and enhanced bioremediation over the 
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natural attenuation control. Additionally, Dyer et al. (2003) examined the reduction of 

1,2-dichloroethane at the field-scale in response to injection of methanol, ammonium 

chloride, and sodium chloride. The results indicated that BAZ formation was limited by 

inadequate mixing of the carbon substrate within the test zone and clogging of the 

recharge wells. Wookeun et al. (1990) examined the effect of nitrate induced BAZ 

formation on the transformation rates of halogenated organics at the laboratory-scale and 

found that greater rates were achieved with increasing residence time of the halogenated 

organics within the BAZ. In another study, Odencrantz et al. (1990) investigated BAZ 

formation in response to electron acceptor availability at the laboratory-scale and 

concluded that BAZ size and location were controllable through location-specific 

electron acceptor injection. Keijzer et al. (1999) developed an analytical approximation, 

based on contaminant removal rates and BAZs, to characterize in situ aquifer 

bioremediation performance. This study found that a decrease in electron acceptor 

concentration or a decrease in flow rate produced a smaller, more efficient BAZ that 

enhanced in situ bioremediation performance. 

Despite previous research, additional studies are still required to further enhance 

our understanding of BAZ formation and dynamics in saturated porous media, especially 

for substrates, such as naphthalene, that exhibit limited bioavailability. To address this 

demand, our laboratory developed a novel, fiber optic detection system that employs a 

lux bioreporter organism to monitor real-time, in situ microbial activity in porous media 

at the laboratory-scale (Yolcubal et al, 2000; Dorn et al, 2004). The fiber optic detection 

system was recently employed to investigate the dynamics of in situ bacterial activity in 
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response to changing salicylate and electron acceptor (e.g., dissolved oxygen (DO)) 

concentrations. The results indicated that the location and size of the BAZs were 

correlated with salicylate and DO bioavailability (Yolcubal et al., 2003). The objective of 

this study was to utilize the fiber optic detection system to study real-time, in situ BAZ 

dynamics during naphthalene transport in saturated porous media containing defined 

chemical, physical, and microbial heterogeneities. 

Experimental Materials and Methods 

Apparatus, porous media, and hydrodynamic characterization. The design, 

calibration, and performance of the fiber optic detection system are described in detail 

elsewhere (Yolcubal et al., 2000; Dorn et al., 2004). In general, a stainless steel column 

(5.0 cm inner diameter, 10.0 cm length; ModCol, St. Louis. MO) was engineered to 

contain 3 sampling ports for aqueous analysis and 6 fiber optic ports for collection of 

light generated by a bioluminescent reporter bacterium. The fluid sampling ports are 

located near the column inlet (0.2 cm), midpoint (5.0 cm) and effluent (10.0 cm) while 

the fiber optic ports are located along the column axis at 0.2, 2.1, 3.1, 5.0, 7.5, and 9.6 cm 

from the inlet. The collected light is routed via optical fibers (PGR-FB3000, Moritex 

USA, Inc., San Diego) to gated photomultiplier tubes (PMTs; 931 A, Burle Industries, 

Lancaster, PA) that convert the light signals into electrical signals. The current leaving 

the PMTs travels to a conditioning circuit for noise filtration and signal amplification. 

The output current from the conditioning circuit is then routed to a signal processor for 
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data acquisition (Cyber Research, Inc., Branford, CT) and the processed data is recorded 

using a personal computer. 

To simulate groundwater flow during column experiments, the stainless steel 

column was connected to a single-piston pump (SSI Acuflow series II, Deerfield, IN) 

using stainless steel tubing. Prior to assembling the system, sterilization was achieved by 

autoclaving the column, tubing and porous media for 1 h and oven drying at 105°C for 24 

h. The pump was sterilized by flushing with a 2% bleach solution for 2 h, followed by a 

rinse with 0.01% sterile sodium-thiosulfate solution and sterile deionized, distilled water. 

The porous media employed for all experiments were 20/30 (0.68 mm mean 

particle diameter) and 50/70 (0.23 mm mean particle diameter) mesh size silica sand 

(Accusand®, Unimin Corporation, Ottawa, MN). The properties of the porous media have 

been described elsewhere (Schroth et al., 1996). Physically homogeneous and 

heterogeneous control experiments were conducted to characterize the retention and 

transport behavior of naphthalene in the system. During column packing with the porous 

media, six optical fibers were inserted at the desired locations within the column. 

Pentafluorobenzoic acid (PFBA; Sigma Aldrich Inc., St. Louis, MO) was used as a 

nonreactive, conservative tracer. The homogeneous control was prepared by 

incrementally packing 20/30 mesh Accusand® into the stainless steel column to obtain a 

uniform bulk density. For the heterogeneous control and all other experiments, a low 

permeability zone of 50/70 mesh Accusand® comprising -10% of the column volume 

(2.5 cm diameter; 4.0 cm length) was incrementally packed within the 20/30 mesh 

Accusand® (Fig. 1). The low permeability zone was generated using a mold that was 
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removed during column packing. Data from the sterile column experiments were 

modeled with a one-dimensional advection-dispersion transport model (CFITIM) to 

independently estimate partition coefficients and confirm retardation factors (van 

Genuchten, 1981). The hydraulic conductivities, K. for the 20/30 and 50/70 zones in the 

heterogeneous columns were approximated using the Kozeny-Carmen equation (1) and 

reported in Table 1 (Maidment, 1993 ). 

K  =  p g n ' d j l [ m f i { l - n f ]  ( 1 )  

where p is fluid density, g is gravitational acceleration, n is porosity, dm is mean grain 

size, and // is fluid viscosity. 

lux reporter bacterium. The lux reporter bacterium utilized in our system, 

Pseudomonas putida RB1353, was developed and kindly provided by Burlage et al. 

(1990) and extensively characterized by Neilson et al. (1999) and Dom et al. (2003). P. 

putida RB1353 contains two plasmids, NAH7 and pUTK9 (kanamycin resistance). 

Plasmid NAH7 includes genes for naphthalene catabolism that are organized into two 

operons. both regulated by the nahR gene product and referred to as the upper and lower 

pathways. The upper pathway codes for the breakdown of naphthalene to salicylate, 

while the lower pathway codes for the breakdown of salicylate to acetylaldehyde and 

pyruvate (Yen and Serdar, 1988). Naphthalene does not directly induce the upper or 

lower pathway. The primary inducer for the two pathways is salicylate. However, when 

naphthalene is present, constitutive low levels of expression of the upper pathway results 
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in conversion of naphthalene to salicylate, at which time full induction occurs (Burlage et 

a!., 1990; Yen and Serdar, 1988). 

Plasmid pUTK9 is a genetic construct and contains a subclone in which the 

NAH7 pathway promoter is fused with the luxCDABE genes from Vibrio fischeri. When 

exposed to naphthalene, P. putida RB1353 exhibited a luminescent response that 

correlated well with naphthalene catabolism (Burlage et al., 1990). Furthermore, by 

comparing P. putida RB1353 to the parent strain, P. putida HK53, Burlage et al. (1990) 

illustrated that the lux genes do not have an inhibitory effect on the expression of the 

naphthalene catabolic operon. Therefore, BAZs can be monitored by measuring the 

bioluminescence emitted during naphthalene catabolism. 

Reagents and bacterial preparation. Cell cultures were prepared in Luria broth 

(LB) containing 10 g of tryptone, 5 g of yeast extract and 10 g of NaCl in 1 L of 

deionized HiO. The pH was adjusted to 7.0 and the medium was supplemented with 100 

mg/L kanamycin sulfate (Sigma Chemical Co., St. Louis, MO) to select for pUTK9. 

Agar plates were prepared by adding 15 g/L of Bacto Agar (Difco Laboratories, Detroit, 

MI) to the LB medium. Mineral salts broth (MSB), adjusted to pH 7.0, was used as the 

nutrient/electrolyte solution during column experiments and contained (in g/L) KH2PO4, 

1.5; Na2HP04. 0.5; MgS04 • 7H2O, 0.2; NH4CI, 2.5; FeCli, 3 x lO"^; and CaCb • 2H2O, 

0.013 (Spectrum Chemical Mfg. Corp.. New Brunswick, NJ). 

For all experiments. MSB (experiments 1-4 and naphthalene dissolution control 

experiment) or a naphthalene solution (naphthalene transport control experiments and 
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experiment 5) was injected via pumping into the column at a flow rate of 1 mL/min 

(Acuflow series II pump, Deerfield, IN). For experiments 1-4 and the naphthalene 

dissolution control, naphthalene crystals (45-60 mesh based on ASTM E-11 sieve 

analysis; CioHg; EM Science, Gibbstown, NJ) were directly incorporated into the 50/70 

mesh Accusand® during column packing (Table 2). For the naphthalene transport control 

experiments and experiment 5, the naphthalene solution was prepared by adding 

naphthalene crystals to sterile, oxygen sparged MSB in 1-L glass bottles and mixing for 

24 h to ensure saturation. Sparging was performed to reduce oxygen limitations during 

the column experiments. The saturated naphthalene solutions (-30 mg/L; -35 mg O2/L) 

were transferred to a custom-made 3-L Tedlar bag (Midan Co.. Chino, CA) by pumping 

at 8 mL/min through a stainless steel glass wool filter to remove any remaining 

naphthalene crystals. To prevent naphthalene volatilization, the Tedlar bag was 

maintained with zero headspace using a gas evacuation valve. When necessary, oxygen 

saturated MSB (-35 mg/L) was used to dilute the naphthalene solution to the desired 

concentration. 

To prevent plasmid loss, cultures of P. putida RB1353 were lyophilized and 

stored at -20°C. For each experiment, a lyophilized culture was used to prepare a pre-

culture by inoculating 30 mL of LB in a 250-mL Erlenmeyer flask. The flask was placed 

on a 200 rpm shaker maintained at 24°C. After 24 h, a 100 |iL aliquot was withdrawn 

and serial dilutions were prepared in 0.85% NaCi. Growth cultures were inoculated by 

dispensing 100 fiL of the 10^ CFU/mL dilution into 30 mL of LB in a 250-mL 

Erlenmeyer flask. The flask was placed on a 200 rpm shaker maintained at 24°C. After 
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the culture reached stationary phase, approximately 48 hours (Neilson et ai., 1999), a 29 

mL aliquot was withdrawn from the growth culture, centrifuged for 10 min at 9.800 x g 

to pellet the cells (model J2-21 with JA-20 rotor, Beckman Instruments Inc., Fullerton, 

CA). washed once in 29 mL of 0.85% NaCl and resuspended in 29 mL of MSB. The 

concentration of the final suspension (~10^ CFU/mL) was initially determined with a U-

2000 spectrophotometer (550 nm; Hitachi Instruments, Inc., Fremont, CA) and later 

confirmed by viable LBK plate counts. Serial dilutions were then prepared from the final 

suspension using MSB to obtain the desired CFU/g dry sand. Stirring under a laminar 

flow hood was performed to ensure that the inoculated 20/30 and/or 50/70 mesh 

Accusand® contained a homogeneous distribution of bacteria. Initial cell density was 

determined by removing Accusand® subsamples during column packing and plating 

serial dilutions in triplicate on LBK plates. After each experiment, the column was 

disassembled and sand samples were removed, serially diluted in MSB, and plated on 

LBK to determine the final bacterial concentration. 

Chemical analysis. Column effluent samples (2.5 mL) were collected from the 

10.0 cm sampling port using a luer-lock glass syringe to prevent volatilization and 

sorption of naphthalene. Dissolved oxygen concentration was determined using a micro-

oxygen electrode and an oxygen meter (Microelectrodes, Inc., Bedford, NH). For each 

sample, DO was measured for 1 min immediately following sample collection. The 

oxygen meter was calibrated using buffer sparged with N2, ambient air, and O2 gas for 0, 

8.5 and 40 mg/L values, respectively. After DO measurement, the sample remaining in 
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the syringe was injected into a UV/VIS spectrophotometer (UV-1601, Shimadzu) and 

aqueous naphthalene concentration was determined by comparing absorbance at 276 nm 

to a standard curve. Luminescence was collected using the multiple fiber optic detection 

system described in the Apparatus section above. 

At the end of each experiment, the residual naphthalene mass was determined by 

dichloromethane extraction and gas chromatography. Specifically, the porous media was 

removed from the column, placed in 100 mL of dichloromethane, and gently mixed for 5 

minutes. The extraction process separated the bacterial cells from the porous media and 

naphthalene, thereby preventing cell interference during naphthalene analysis. Next, 1 

mL of the dichloromethane extraction was withdrawn and injected into a 2 mL glass 

chromatography vial sealed with a Teflon septum. The samples were then loaded onto a 

GC-17A gas chromatograph (Shimadzu, Columbia, MD) and analyzed for naphthalene 

using an RTX-5 chromatography column (L-15, ID=0.25, DF=0.25; Resteck Corp.. 

Bellefonte. PA). The carrier gas was helium at 1.2 mL/min, measured at 65°C. The oven 

program was 65°C for 1 min, 65-210°C at 15°C/min, and then 210°C for 3 min. The 

injector was splitless at 200°C and the detector was a flame ionization detector at 210°C 

using helium as the makeup gas. The naphthalene concentrations were determined by 

comparing the area under the naphthalene peaks to a standard curve and plotted as a 

function of the sampling time. 
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Experimental Design 

Five experiments that employed the fiber optic detection system were performed 

to develop a better understanding of in situ BAZ formation and dynamics during 

naphthalene transport in saturated porous media containing defined physicochemical and 

microbial heterogeneities. In Experiments 1-3, 300 mg of naphthalene crystals were 

packed in the bottom % of a low permeability region (e.g., 50/70 mesh Accusand®; Table 

2), surrounded by a high permeability matrix (e.g., 20/30 Accusand®), to simulate a 

contaminant source zone. In all three experiments, the high permeability matrix contained 

an initial bacterial concentration of -10^ CFU/g sand. The low permeability zone 

contained an initial bacterial concentration of 0, -10^ and ~10' CFU/g sand for 

Experiments 1, 2, and 3, respectively (Table 3). Experiments 1-3 represent a scenario 

where subsurface injection of bacteria capable of degrading the contaminant (e.g., 

bioaugmentation) resulted in successful inoculation of the high permeability matrix, but 

varying degrees of inoculation in the low permeability zone. Experiments 1 and 2 also 

represent a situation where contaminant concentration in the source zone has been 

decreased to microbiaily nontoxic levels following an initial, toxic contaminant 

concentration that sterilized or reduced the resident bacterial population. The objectives 

of Experiment 1 were to assess bacterial transport via advective flow from the high 

permeability matrix into the low permeability source zone and to determine whether the 

transported bacteria could successfully establish BAZs under the chemically dynamic 

conditions within the low permeability region (e.g., fluctuating naphthalene and DO 

concentrations). The objectives of Experiments 2 and 3 were to assess the ability of a low 
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and high cell number resident bacterial population within the low permeability zone to 

establish BAZs and to monitor BAZ dynamics in response to changing physicochemical 

conditions. 

In Experiment 4, 300 mg of naphthalene crystals were homogeneously distributed 

throughout a low permeability region (e.g., 50/70 mesh Accusand®; Table 2). surrounded 

by a high permeability matrix (e.g., 20/30 Accusand®). to simulate a contaminant source 

zone that comprises the entire low permeability region. The high and low permeability 

regions contained an initial bacterial concentration of -10® and -10^ CFU/g sand, 

respectively. The objective of Experiment 4 was to monitor BAZ formation and 

dynamics within the low permeability zone as the advective flow, via dissolution, 

progressively removed naphthalene from the upgradient to the downgradient end of the 

low permeability zone. 

In Experiment 5, an aqueous naphthalene solution (-20 mg/L) was injected into a 

physically heterogeneous column containing a low permeability region (e.g., 50/70 mesh 

Accusand®; Table 2) surrounded by a high permeability matrix (e.g., 20/30 Accusand®). 

The high permeability matrix was initially sterile whereas the low permeability zone 

contained an initial bacterial concentration of -lO' CFU/g sand. Experiment 5 represents 

a situation where a toxic contaminant concentration has passed through the high 

permeability matrix resulting in sterilization of the bacterial population. The objective of 

Experiment 5 was to monitor BAZ formation and dynamics within the column in 

response to a naphthalene pulse and to assess the ability of the bacteria to transport out of 

the low permeability zone and establish BAZs in the high permeability matrix. 
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Results and Discussion 

Hydrodynamic characterization of the system. A non-reactive tracer, PFBA, 

was used to assess the hydrodynamics within the system. The column was either 

homogeneously packed with 20/30 mesh Accusand® or heterogeneously packed with 

20/30 and 50/70 mesh Accusand®, as described in the Materials and Methods section, and 

six optical fibers were inserted into the column under sterile conditions. In the 

homogeneous column, the breakthrough curve (BTC) obtained for PFBA was sharp and 

symmetrical, indicating ideal transport (Fig. lA). The mass recovery of PFBA was 

complete, indicating no abiotic loss mechanisms. A retardation factor, R, of 0.99 was 

determined by calculating the first, normalized temporal moment. The Brenner solution 

of the CFITIM optimization model yielded a Peclet number of 36.9. These results 

indicate that flow in the system was uniform and that the optical fibers did not cause 

physical nonideal transport, e.g. areas with minimal advective flow. 

In the heterogeneous column, the breakthrough curve (BTC) obtained for PFBA 

contained tailing in the arrival and elution waves, indicating non-uniform flow within the 

column (Fig. 2A). Non-uniform flow was expected due to the lower hydraulic 

conductivity in the 50/70 zone. The mass recovery of PFBA was complete, indicating no 

abiotic loss mechanisms. An R of 0.98 was determined by calculating the first, 

normalized temporal moment. Modeling of the PFBA BTC in the heterogeneous system 

is currently underway to further evaluate the impact of the low permeability zone on non-

reactive chemical transport. 
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Naphthalene transport was also monitored under the same conditions in the 

homogenous and heterogeneous control columns. In the homogeneous column, the 

naphthalene BTC was asymmetrical with significant tailing (Fig. 2B). The first, 

normalized temporal moment yielded an R value of 2.00. Since mass recovery was 

complete, the retardation of naphthalene was attributed to a reversible, sorption-related 

process. Using the Peclet number from the PFBA data and R from the moment analysis, 

the CFITIM optimization model was employed to generate a two-parameter (P, co) 

optimized simulation of the naphthalene BTC. The optimized P and co values were 0.57 

and 0.38, respectively, indicating that naphthalene retardation in the system was 

controlled by rate-limited sorption. 

In the heterogeneous column, the naphthalene BTC was asymmetrical with 

significant tailing (Fig. 2B). The first, normalized temporal moment yielded an R value of 

2.06. Since mass recovery was complete, the retardation of naphthalene was attributed to 

a reversible, sorption-related process. The higher retardation in the heterogeneous column 

was due to greater sorption of naphthalene to the 50/70 mesh Accusand® in the low 

permeability zone. Modeling of the naphthalene BTC in the heterogeneous system is 

currently underway to further evaluate the impact of the low permeability zone on 

reactive chemical transport. 

For the naphthalene dissolution control experiment, naphthalene crystals (300 mg; 

45-60 mesh (ASTM E-11)) were packed in the bottom Vi of the low permeability zone 

(e.g.. 50/70 zone near region 3 in Fig. 1) and MSB was pumped into the column at 1 

mL/min. Samples were collected from the middle of the 50/70 zone (5.0 cm; region 4 in 
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Fig. 1) and the column effluent (10.0 cm) and analyzed for naphthalene concentration 

(Fig. 3). The aqueous analysis from the 50/70 zone indicated that naphthalene dissolution 

rates were sufficient to generate bioavailable aqueous phase naphthalene concentrations 

in the 50/70 zone. The effluent analysis revealed that naphthalene was being transported 

out of the 50/70 zone. 

Bacterial growth, transport, and adhesion to porous media. In order for 

bioremediation to be a viable alternative to traditional remediation strategies, a 

population of microorganisms capable of degrading the contaminant of concern must be 

present. Consequently, an understanding of the formation and dynamics of BAZs in 

response to bacterial transport and adhesion in porous media systems is important for 

improving the utility of bioremediation. 

In Experiments 1 and 5, the final microbial distribution analysis (Table 3) 

indicated that P. putida RBI353 was successfully transported into regions that were 

initially sterile (Table 3). Of particular interest is the observation that in Experiment 5, P. 

putida RBI353 migrated against the advective flow resulting in establishment of a 

bacterial population 1.0 cm upgradient from the inoculated low permeability zone (Fig. 1, 

region 2). Furthermore, lateral transport of P. putida RBI 353 out of the low permeability 

region was also observed in Experiment 5 (Fig.l, region 6). 

The observed bacterial transport and attendant adhesion to the porous medium 

likely involved multiple factors. The state of microbial activity (e.g., growth vs. non-

growth conditions) is known to influence the distribution of bacteria between the solid 



214 

(e.g., adhered) and aqueous phases. Specifically, bacterial growth has been reported to 

enhance advective bacterial transport by increasing aqueous phase bacterial concentration 

(Murphy et al, 1997; Shaw and Bums, 1998; Murphy and Ginn, 2000; Yolcubal et al., 

2002). This type of transport is known as cell-division-mediated transport since the 

mother cell remains attached while the daughter cell is released into the aqueous phase 

(Marshall, 1996). In Experiment 1, growth occurred at the upgradient interface between 

the low and high permeability zones (Fig. 1, region 3), potentially enhancing bacterial 

transport into the low permeability zone (Fig. 1, region 4). Furthermore, in the absence of 

required nutrients or substrate (e.g., starvation conditions), bacterial cells undergo 

endogenous respiration (Kjelleberg et al., 1987) and an increase in cell division occurs 

(Novitsky and Morita, 1977; Kjelleberg et al., 1993). In Experiment 1. starvation induced 

cell division likely occurred due to the absence of naphthalene in the high permeability 

matrix upgradient of the low permeability zone, thereby increasing the aqueous phase 

bacterial concentration and facilitating transport. 

Variations among subpopulations in the P. putida RBI353 monoculture may have 

also contributed to enhanced bacterial transport in Experiments 1 and 5. Subpopulations 

within monocultures are known to comprise distinct cell surface properties that can either 

enhance or reduce bacterial adhesion to porous media (Simoni et al., 1998). A reduction 

in bacterial adhesion typically results in the transport of bacteria over greater distances 

and the predominant factor affecting attendant bacterial adhesion is the physical 

heterogeneity of the porous medium, such as different permeabilities that slow advective 

flow rates (Pontes et al., 1991; Ren et al., 2000). The primary bacterial polymers 
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affecting bacterial transport via electrostatic, van der Waals, or hydrophobic interactions 

with the porous media include lipopolysaccharides (Williams and Fletcher, 1996), 

proteins (DeFlaun et al., 1990), and extracellular polysaccharides (Pringle et aL, 1983). 

Therefore, the starvation and growth conditions in Experiments 1 and 5 may have altered 

bacterial membrane composition in favor of transport. 

Another potential factor controlling bacterial transport in Experiments 1 and 5 is 

chemotaxis. Pseudomonas putida strains are chemotactic towards naphthalene and the 

chemotactic ability, encoded on the NAH7 plasmid, is thought to be either metabolism-

independent, via chemosensing through transmembrane chemoreceptors, or metabolism-

dependent (Samanta and Jain, 2000; Pandey and Jain, 2002). Therefore, the most 

plausible explanation for bacterial transport against the advective flow in Experiment 5 is 

that P. putida RB1353 exhibited a plasmid-mediated chemotactic response to the 

upgradient injection of aqueous phase naphthalene. Furthermore, it is likely that many of 

the factors controlling bacterial transport were at play in Experiments 2-4. However, 

bacterial transport was probably not a significant factor controlling BAZ dynamics in 

these experiments since a resident bacterial population existed in both the high and low 

permeability regions. 

BAZ formation and dynamics. Microbial degradation of contaminant 

compounds (e.g., BAZ formation and dynamics) in porous media systems is controlled 

by the complex interplay between physicochemical and microbial processes. Typically, 

BAZ formation only occurs at the optimal juncture between physicochemical and 
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microbiological processes where bioavailable levels of essential nutrients, substrate, and 

terminal electron acceptors are sustained. Therefore, to optimize in situ bioremediation, 

information concerning how physical, chemical and biological processes influence BAZ 

formation and dynamics is essential. 

For all experiments, the naphthalene and DO concentrations at 10.0 cm (e.g., 

column effluent) and the luminescence collected throughout the column are presented in 

Figures 4-8. In Experiments 1-4, regions of biological activity occurred at the upgradient 

and side interfaces between the high and low permeability zones (Figs. 4B-7B. regions 3 

and 5). In addition, biological activity also occurred in the middle of the low permeability 

zone during Experiment 2 and during the first 15 PV in Experiments 3 and 4 (Figs. 5B-

7B, region 4). Preferential microbial activity at porous medium interfaces arises due to 

the physical heterogeneity producing localized pore-scale mixing of nutrients (e.g., 

naphthalene and DO; Szecsody et al., 1994; Murphy et al., 1997; Morley et al.. 1998). 

Specifically, DO was primarily transported with the advective flow through the high 

permeability zone while naphthalene dissolution was occurring in the low permeability 

zone. Therefore, for most of the time, the interfaces were the predominant regions 

containing bioavailable levels of both naphthalene and DO. For experiments 2-4. DO was 

initially transported into the low permeability zone as evidenced by BAZ formation (e.g.. 

luminescence) at region 4 during the first 15 pore volumes (Figs. 5B-7B). In experiment 

1, DO was likely transported into region 4, but the absence of a resident population of P. 

putida RB1353 prevented BAZ formation (Fig. 4B). The induction of microbial activity 

in region 3 in Experiments 1, 3, and 4 eventually lead to the consumption of all 
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bioavailable DO and caused anoxic conditions in the middle of the low permeability zone 

(confirmed by fluid analysis, data not shown). As DO concentrations decreased, 

biological activity ceased as illustrated by the decrease in luminescence. Furthermore, 

growth in region 3 may have resulted in a reduction in advective flow through the low 

permeability zone by a process known as bioclogging (Table 3). Specifically, bioclogging 

is the reduction of hydraulic conductivity and porosity of a saturated porous medium due 

to microbial growth (Baveye et al., 1998). In region 3, bioluminescence eventually 

decreased due to biodegradation and dissolution reducing the naphthalene concentration 

below bioavailable levels. In experiment 2, the existence of a BAZ beyond 15 PV in the 

center of the low permeability zone (e.g., region 4) was intriguing, but the exact 

mechanism enabling sustained biological activity is unknown. One explanation is the 

continued transport of oxygen into region 4 after 15 PV via diffusion from the high 

permeability matrix or via a preferential flow path through region 3 where biological 

activity was minimal (e.g., a path tlirough region 3 where the biological activity was not 

consuming all of the bioavailable oxygen). 

The naphthalene mass balances for all experiments are presented in Table 4. 

Interestingly, biodegradation in Experiments 2 and 3. which were injected with the same 

number of pore volumes, was the same. This indicates that, despite activity in the middle 

of the low permeability zone in Experiment 2, the overall bacterial activity in the 

columns was the same. Furthermore, there was little difference in the amount of 

biodegradation between Experiment 1 and Experiment 4, despite Experiment 4 receiving 

almost twice as many pore volumes of MSB. This supports the observation that 
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biological activity ceased in the middle of the low permeability zone in Experiment 4 

after 15 PV, even though a resident concentration of naphthalene crystals was present 

(Fig. 7B, region 4). The most interesting result of Experiments 1-4 is the implication that 

bacterial transport into sterile regions does not guarantee that a BAZ will be established. 

Therefore, bioaugmentation in the field should not only focus on the transport of the 

injected microorganism, but also on the attendant bioavailability of essential nutrients and 

terminal electron acceptors. 

The formation and dynamics of BAZs in Experiment 5 were controlled by 

bacterial transport and DO bioavailability. Biological activity was observed for all 

monitored locations (Fig. 8B). The first region to respond to the naphthalene pulse, 

region 3. was the first area where P. piitida RB1353 encountered naphthalene. As 

naphthalene infiltrated the low permeability zone, a BAZ formed in regions 4 and 5. 

Subsequent bacterial transport out of the low permeability zone resulted in BAZ 

formation in the high permeability matrix; regions 2, 6, and 7. The initial biological 

activity was greatest at the porous medium interfaces (regions 3 and 5). As bacterial 

transport occurred against the advective flow, a BAZ formed at region 2. Eventually, 

biological activity was greatest in region 2 due to the close proximity of the region to the 

column port where naphthalene and DO were being injected. The increase in biological 

activity throughout the column resulted in a decrease in DO reaching downgradient areas. 

Therefore, the BAZ in region 4, with the slowest flow rate, decreased first, followed by 

region 7, then regions 5 and 6, and then region 3. The compression of BAZs towards the 

column inlet in response to enhanced microbial activity has also been observed in 
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homogeneous column experiments conducted by Yolcubal et al. (2003) and Dom et al. 

(2004). Therefore, the results of Experiment 5 indicate that microbial transport out of low 

permeability regions, following sterilization of the high permeability matrix by a toxic 

contaminant plume or an in situ chemical remediation method (e.g., permanganate), can 

lead to successful formation of BAZs and contaminant reduction in the high permeability 

matrix. 

Conclusions 

The experiments presented in this study enabled real-time, in situ monitoring of 

BAZ formation and dynamics in porous media containing physicochemical and microbial 

heterogeneities. Despite successful transport of bacteria into sterile regions, BAZ 

formation was limited by local physicochemical conditions (e.g., naphthalene and DO 

bioavailability). Furthermore, bacterial transport against the advective flow enabled BAZ 

formation upgradient of inoculated regions. The information acquired by employing our 

fiber optic detection system will help improve our understanding of how coupled 

physicochemical and microbial processes affect BAZs. and hence contaminant transport 

and fate, in dynamic, porous media environments. However, additional studies are 

required to address the impacts of growth-mediated and chemotactic transport on BAZ 

dynamics. Ultimately, an understanding of BAZ dynamics in complex, heterogeneous 

porous media is essential to improve the utility of in situ bioremediation as a low cost 

alternative remediation strategy. 
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Table 1. Summary of porous media parameters during naphthalene catabolism under heterogeneous, saturated conditions." 

Porous Media Zone'' Porosity Bulk Density (g/cm^) Hydraulic Conductivity (cm/s)"^ 

High Permeability (20/30) 0.37 ±0.01 1.65 ±0.00 0.15 ±0.01 

Low Permeability (50/70) 0.3910.01 1.62 ±0.00 0.02 ± 0.00 

"For all experiments, the hydraulic residence time was 1.23 h. 

''20/30 and 50/70 refer to the Accusand® mesh size based upon ASTM E-11 sieve analysis. 

"Calculated using the Kozeny-Carmen equation. 



Table 2. Initial DO and substrate concentrations during naphthalene cataboiism in the heterogeneous, saturated column experiments. 

Experiment DO (mg/L)" Naphthalene*''" 

1 40.48 300 mg naphthalene crystals homogeneously distributed in bottom % of 50/70 zone 

2 40.48 300 mg naphthalene crystals homogeneously distributed in bottom % of 50/70 zone 
3 40.48 300 mg naphthalene crystals homogeneously distributed in bottom % of 50/70 zone 
4 40.48 300 mg naphthalene ciystals homogeneously distributed throughout 50/70 zone 
5 25.75 ± 0.82 20.40 ± 0.55 mg/L of naphthalene injected into column 

^Injected oxygen concentration ± standard deviation of triplicate readings; 40.48 mg/L indicates oxygen saturation at 24°C. 

'T^aphthalene location in column; 50/70 refers to the Accusand® mesh size based upon ASTM E-11 sieve analysis. 

'^Experiment 5; injected naphthalene concentration ± standard deviation of triplicate readings. 

to 
to 



Table 3. Initial and final bacterial numbers for P. putida RBI353 in Experiments 1-5. 

Sampling Location" Figure 3 Location'' Experiment 1' Experiment 2' Experiment 3' Experiment 4"^ Experiment 5'^ 

(CFU/g sand) (CFU/g sand) (CFU/g sand) (CFU/g sand) (CFU/g sand) 

20/30 mesh Accusand® Initial 2 3.60 ±0.10 X 10' 4.54 ±0.49 X 10' 1.75 ± 0.06 X 10' 4.40± 1.18 X 10'^ 0 

50/70 mesh Accusand® Initial 4 0 1.66±0.11 X 10" 1.58 ± 0.06 X 10' 1.37 ±0.12 X 10' 2.86 ±0.09 X 10' 

0.2 cm 1 ND ND ND ND 0 

2.1 cm 2 ND ND ND ND 2.28 ±0.27 X 10' 

3.1 cm 3 8.00 ±0.15 X 10' 1.00 ±0.76 X 10* 3.53 ± 1.31 X 10' 3.38±0.18 X 10' 9.12 ±0.30 X 10'^ 

5.0 cm (50/70 zone) 4 2.43 ±0.14 X 10"^ 1.50 ±0.13 X 10^ 2.38 ±0.41 X 10" 1.08 ±0.56 X 10*^ 2.00 ±0.36 X 10"^ 

5.0 cm (heterogeneity interface) 5 ND ND ND ND 2.60 ± 0.06 X 10' 

5.0 cm (20/30 zone) 6 ND ND ND ND 8.04 ± 1.73 X 10' 

7.5 cm (heterogeneity interface) 9 7.57 ±2.68 X 10'^ 4.40 ±0.87 X 10*^ 2.58 ±1.25x10'' 2.25 ± 1.09 X 10'^ ND 

7.5 cm (20/30 zone) 7 ND ND ND ND 3.88 ±0.86 X 10"^ 

9.6 cm 8 1.89 ±1.38 X 10' 6.32 ±0.12 X 10'' 5.77 ±3.16 X 10' 

X 
00 -H 

p
 10'^ 1.78 ± 0.49 X 10' 

'Distance from column inlet; 20/30 and 50/70 refer to the Accusand® mesh size based upon ASTM E-11 sieve analysis. 

'Figure 2 provides a visual representation of the sampling locations. 

'Average number ± standard deviation of triplicate plate counts; ND = not determined. 

K) K) OJ 



Table 4. Naphthalene mass balances for Experiments 1-5. 

Source of Mass Loss 

Experiment Initial (mg) Final (mg) Elution (mg) Volatilization (mg)^ Biodegradation (mg)*' 

1 300.0 75.47 40.34 20.69 163.50 
2 300.0 179.29 23.79 20.69 76.23 
3 300.0 180.88 23.47 20.69 74.96 
4 300.0 37.67 59.19 20.69 182.45 
5 77.41 0.98 36.91 0 39.52 

^Mass of naphthalene lost in the control experiment. 

''Biodegradation = Initial - Final - Elution - Volatilization 

K) 
K> 
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Appendix D Figure Legends 

Figure 1. Graphical depiction of the locations sampled when determining the initial and 

final bacterial concentrations reported in Table 3. 

Figure 2. Hydrodynamic characterization of naphthalene transport under physically 

homogenous and physically heterogeneous conditions in the stainless steel 

column. (A) PFBA and (B) naphthalene (-30 mg/L) breakthrough curves. The 

solid lines were generated with a one-dimensional advection-dispersion transport 

model (CFITIM) to obtain additional transport parameters. In the homogeneous 

system, the retardation factor (R), Peclet number (P), beta and omega values 

indicate that naphthalene transport was influenced by rate-limited sorption within 

the system. In the heterogeneous system, naphthalene transport was influenced by 

rate-limited sorption and non-uniform flow resulting from the differences in flow 

rate between the low and high permeability regions. 

Figure 3. Dissolution of naphthalene crystals in the heterogeneous column system under 

sterile conditions. Naphthalene crystals (300 mg) were packed in the bottom VA of 

the low permeability zone (e.g.. 50/70 zone) and MSB was pumped into the 

column at 1 mlVmin. Samples were collected from the middle of the 50/70 zone 

(5.0 cm) and the column effluent (10.0 cm) and analyzed for naphthalene 
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concentration. The aqueous analysis from the 50/70 zone indicated that 

naphthalene dissolution rates were sufficient to generate bioavailable aqueous 

phase naphthalene concentrations in the 50/70 zone. The effluent analysis 

revealed that naphthalene was being transported out of the 50/70 zone. 

Figure 4. (A) Effluent analysis and (B) BAZ dynamics in Experiment 1. The BAZs (e.g., 

bioluminescence) only occurred at the porous medium interfaces (regions 3 and 5) 

where naphthalene, DO, and P. putida RB1353 were present. Since bacterial 

transport led to the establishment of a bacterial population within the 50/70 zone 

(Table 3), the lack of biological activity in regions 4, 8, and 9 was attributed to 

limited DO. Therefore, a dead zone (e.g.. zone of no biological activity) occurred 

downgradient of region 3, even in the 20/30 matrix. A lack of bioavailable 

naphthalene prevented BAZ formation in region 6. The highest level of biological 

activity was present in region 3 due to nonlimiting DO conditions. As the 

naphthalene concentration decreased, due to dissolution and biodegradation, the 

biological activity in region 3 declined and eventually ceased. 

Figure 5. (A) Effluent analysis and (B) BAZ dynamics in Experiment 2. The BAZs (e.g., 

bioluminescence) predominately occurred at the porous medium interfaces 

(regions 3 and 5) and within the low permeability zone (region 4). The lack of 

biological activity in region 6 and region 9 was attributed to limited naphthalene 

and DO concentrations, respectively. The highest level of biological activity was 



227 

present in region 3 due to nonlimiting DO conditions. As the naphthalene 

concentration decreased, due to dissolution and biodegradation, the biological 

activity in region 3 declined, enabling a higher concentration of DO to be 

transported into region 4. Consequently, biological activity in region 4 increased. 

Figure 6. (A) Effluent analysis and (B) BAZ dynamics in Experiment 3. The BAZs (e.g., 

bioluminescence) predominately occurred at the porous medium interfaces 

(regions 3 and 5) where naphthalene, DO, and P. putida RBI353 were present. 

Low levels of biological activity initially occurred in regions 4 and 6. However, 

increasing biological activity in region 3 reduced the amount of DO and 

naphthalene transported downgradient. resulting in a rapid decline in biological 

activity in regions 4 and 6. The lack of biological activity in region 9 was 

attributed to limited DO concentrations. The highest level of biological activity 

was present in region 3 due to nonlimiting DO conditions. As the naphthalene 

concentration decreased, due to dissolution and biodegradation, the biological 

activity in region 3 declined. 

Figure 7. (A) Effluent analysis and (B) BAZ dynamics in Experiment 4. The BAZs (e.g., 

bioluminescence) predominately occurred at the porous medium interfaces 

(regions 3 and 5) where naphthalene, DO, and P. putida RB1353 were present. 

Low levels of biological activity initially occurred in regions 4 and 8. However, 

increasing biological activity in region 3 reduced the amount of DO transported 
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downgradient, resulting in a rapid decline in biological activity in regions 4 and 6. 

The lack of biological activity in regions 6 and 9 was attributed to limited 

naphthalene and DO concentrations, respectively. The highest level of biological 

activity was present in region 3 due to nonlimiting DO conditions. As the 

naphthalene concentration decreased, due to dissolution and biodegradation, the 

biological activity in region 3 declined. 

Figure 8. (A) Effluent analysis and (B) BAZ dynamics in Experiment 5. Only the low 

permeability zone contained an initial inoculation of P. putida RB1353. 

Therefore, BAZ formation throughout the column was contingent on P. putida 

RB1353 transport out of the low permeability zone. Regions 3, 4, and 5, the only 

regions initially containing P. putida RB1353, were the first areas to develop 

BAZs. However, as P. putida RBI 353 transport out of the low permeability zone 

began to occur (Table 3), BAZs were observed in regions 6 and 7. Interestingly, 

P. putida RB1353 eventually transported against the advective flow (e.g.. 

upgradient) and established a BAZ in region 2. As the biological activity in region 

2 increased, the concentration of DO and naphthalene transported downgradient 

decreased. Consequently, downgradient biological activity (e.g., regions 3. 4, 5, 6, 

and 7) also decreased. 



229 

Figure 1 

1 

0 (?)© 

—-

(i 

I ^ 

I I 
s 

i 



Figure 2A 

1.2 

A Homogeneous Porous Media 

° Heterogeneous Porous Media 

CFITIM - Homogeneous 
ioBo ftofpoapoaooo 

Homogeneous 
R = 0.99 
P = 36.9 © 

U 
U 
^ 0.6 

S 
0.4 

0.2 

J' A & 

5 7 6 4 2 3 0 

Pore Volume 

o 



Figure 2B 

^ Homogeneous Porous Media 

D Heterogeneous Porous Media 

— CFITIM - Homogeneous 

a 
• 

• 
• 

% 
B • 

V 

Homogeneous 
R = 2.00 
P = 36.9 
p = 0.57 
w = 0,38 

• o. 

15 20 

Pore Volume 

25 30 



Figure 3 

a 
i i 

-B- 5.0 cm (within 50/70 gone) 

-A- 10.0 cm (effluent) 

Naphthalene mass eluted from column = 30.14 rag 

A-

1 

20 40 60 

Pore Volume 

80 100 120 

to La to 



Figure 4A 

Naphthalene (10.0 cm) 

Dissolved Oxygen (10.0 cm) 

Initial naphthalene mass (mg) = 300.0 

Final naphthalene mass (mg) = 75.47 

Naphthalene mass loss due to volatilization (mg) = 20.69 

Naphthalene mass eluted from column (mg) = 40.34 

Naphthalene mass loss due to biodegradation (mg) = 163.50 

-B-
-B-

50 1§§ 150 200 250 

Pore Volume 

300 350 400 



Figure 4B 

Initial Conditions 

20/30 Accusand®~10' CFU/g 

50/70 Accusand* = Sterile • 

300 mg naphthalene crystals_ 
in bottom % of50/70 zone 

SO 150 200 

Pore Volume 

E 
C 1̂  

No Luminescence Response 

® ® ® ©  

250 300 350 400 

U3 
4^ 



Figure 5A 

B- Naphthalene (10.0 cm) 

Dissolved Oxygen (10.0 cm) 

Initial naphthalene mass (nig) = 300.0 

Final naphthalene mass (mg) = 179.29 

Naphthalene mass loss due to volatilization (mg) = 20.69 

Naphthalene mass eluted from column (mg) = 23.79 

Naphthalene mass loss due to biodegradation (mg) = 76.23 

20 40 60 80 

Pore Volume 

100 

30 

25 

20 

15 

10 

B 
a « M 

© 
-O a» 

0 

1 

120 

so UJ 



Figure SB 

140 

Initial Conditions 

20/30 Accusand®~10' CFU/g 120 

50/70 Accusand® ~10* CFU/g 

300 mg naphthalene crystals 
, in bottom '/4 of50/70 zone 

80 -

60 -

40 • 

No Luminescence Response 

20 -

100 60 80 0 40 21 

Pore Volume 



40 

-B~ Naphthalene (10.0 cm) 

-A- Dissolved Oxygen (10.0 cm) 

25 

20 40 

Figure 6A 

25 

Initial naphthalene mass (mg) = 300.0 

Final naphthalene mass (mg) = 180.88 

Naphthalene mass loss due to volatilization (mg) = 20.69 

Naphthalene mass eluted from column (mg) = 23.47 

Naphthalene mass loss due to biodegradation (mg) = 74.96 

20 

15 

10 

a Oi 
M 

o 
•2 

© 

60 80 

Pore Volume 

100 120 

U) 
--J 



Figure 6B 

160 

140 Initial Conditions 

20/30 Accusand*-10' CFU/g 

50/70 Accusand® -10' CFU/g 

300 mg naphthalene crystals 
in bottom 'A of50/70 zone 

No Luminescence Response 

12a 100 

250 200 150 100 

Pore Volume 

KJ 
o© 



Figure 7 A 

25 ffl 

-B- Naphthalene (10.0 cm) 

-A-Dissolved Oxygen (10.0 cm) 

[] 

-S 10 t] 

100 

Initial naphthalene mass (mg) - 300.0 

Final naphthalene mass (mg) = 37.67 

Naphthalene mass loss due to volatilization (mg) = 20.69 

Naphthalene mass eluted from column (mg) = 59.19 

Naphthalene mass loss due to biodegradation (mg) = 182.45 

-a—G- -B- -e 

200 300 400 

Pore Volume 

500 600 700 



Figure 7B 

Initial Conditions 

20/30 Accusand®~10' CFU/g 

50/70 Accusand® -10' CFU/g 

300 mg naphtlialene crystals 
distributed throughout 50/70 zone 

No Luirunescence Response 

®0 

loa tso 208 2S0 

Pore Vtrfume 
350 400 709 

300 400 

Pore Volume 

500 600 700 

to 
o 



Figure 8A 

0.8 

-S- Naphthalene (10.0 cm) 

-A- Dissolved Oxygen (10.0 cm) 0.7 

0.6 

0.5 

© 

U 
u 

0.4 Naphthalene mass injected into column (mg) = 77.41 

Final Naphthalene mass in column (mg) = 0.98 
0.3 

Naphthalene masseluted from column (mg) = 36.91 

0.2 Naphthalene mass loss due to biodegradation (mg) = 39.52 

0.1 
* 

50 45 40 20 30 35 25 0 5 10 15 

Pore Volume 

to 
4i>. 



Figure 8B 

Initial Conditions 

20/30 Accusand* = Sterile 

50/70 Accusand® -10' CFU/g 

Naphthalene injected (-20 mg/L) 

Pore Volume 



243 

Appendix D References 

Balba, M.T., N. Al-Awadhi, and R. Al-Daher. 1998. Bioremediation of oil-
contaminated soil: microbial methods for feasibility assessment and field evaluation. J 
Microbiol Meth 32:155-164. 

Baveye, P., P. Vandevivere, B.L. Hoyle, P.C. DeLeo, and D. Sanchez de Lozada. 
1998. Environmental impact and mechanisms of the biological clogging of saturated soils 
and aquifer materials. Crit Rev Environ Sci Technol 28:123- 191. 

Brusseau, MX., M.Q. Hu, J.M. Wang, R.M. Maier. 1999. Biodegradation during 
contaminant transport in porous media 2. The influence of physicochemical factors. 
Environ Sci Technol 33:96-103. 

Burlage, R.S., G.S. Sayler, F. Larimer. 1990. Monitoring of naphthalene catabolism by 
bioluminescence with nah-lux transcriptional fusions. J Bacterial 172:4749-4757. 

DeFIaun, M.F., A.S. Tranzer, A.L. McAteer, B. Marshall, and S.B. Levy. 1990. 
Development of an adhesion assay and characterization of an adhesion-deficient mutant 
of Pseudomonas fluorescens. Appl Environ Microbiol 56:112-119. 

Devlin J.F., D. Katie, and J.F. Barker. 2004. In situ sequenced bioremediation of 
mixed contaminants in groundwater. J Contam Hydrol 69:233-261. 

Dom, J.G., R.J. Frye, R.M. Maier. 2003. Effect of temperature, pH. and initial cell 
number on luxCDABE and nah gene expression during naphthalene and salicylate 
catabolism in the bioreporter organism Pseudomonas putida RB1353. Appl Environ 
Microbiol 69:2209-2216. 

Dom, J.G., M.K. Mahal, M.L. Brusseau, and R.M. Maier. 2004. Employing a novel 
fiber optic detection system to monitor the dynamics of in situ lux bioreporter activity in 
porous media: system performance update. Anal Chim Acta 525:63-74. 

Dyer M., E. van Heiningen, and J. Gerritse. 2003. A field trial for in situ 
bioremediation of 1.2-DCA. Eng Geol 70:315-320. 

Environmental Protection Agency. 1999a. Safe drinking water act, section 1429, 
groundwater report to congress. EPA-816-R-99-016. US Environmental Protection 
Agency, Washington, DC. 



244 

Fontes, D.E., A.L. Mills, G.M. Hornberger, and J.S. Herman. 1991. Physical and 
chemical factors influencing transport of microorganisms through porous media. Appl 
Environ Microbiol 57:2473-2481. 

Head, I.M. 1998. Bioremediation: towards a credible technology. Microbiology 144:599-
608. 

Keijzer, H. M.I.J, van Dijke, and S.E.A.T.M. and der Zee. 1999. Analytical 
approximation to characterize the performance of in situ aquifer bioremediation. Adv 
Water Resour 23:217-228. 

Kjelleberg, S. M. Hermansson, and O. Marden. 1987. The transient phase between 
growth and nongrowth of heterotrophic bacteria, with emphasis on the marine 
environment. Annu Rev Microbial 41:25-49. 

Kjelleberg, S., N. Albertson, K. Flardh, L. Holmquist, A. Jouper-Jaan, R. Marouga, 
J. Ostling, B. Svenblad, and D. Weichart. 1993. How do non-differentiating bacteria 
adapt to starvation? Antonie van Leeimenhoek 63:333-341. 

Liu, K.L., W.J. Han, W.P. Pan, and J.T. Riley. 2001. Polycyclic aromatic hydrocarbon 
(PAH) emissions from a coal fired pilot FBC system. J Hazard Mater 84:175-188. 

MacDonald, J.A., and M.C. Kavanaugh. 1994. Restoring contaminated groundwater: 
An achievable goal? Environ Sci Technol 28:362A-368A. 

MacKay, D.M. and J.A. Cherry. 1989. Groundwater contamination: limits of pump-
and-treat remediation. Environ Sci Technol 23:630-636. 

Madsen, E.L., A. Winding, K. Malachowsky, C.T. Thomas, W.C. Ghiorse. 1992. 
Contrasts between subsurface microbial communities and their metabolic adaptation to 
polycyclic aromatic-hydrocarbons at a forested and an urban coal-tar disposal site. 
Microb Ecol 24:199. 

Mahinthakumar, G., J.P. Gwo, G.R. Moline, and O.F. Webb. 1999. Subsurface 
biological active zone detection using genetic search algorithms. J Environ Eng 
125:1103-1112. 

Maidment, D.R. (ed.) 1993. Handbook of Hydrology. McGraw-Hill, Inc. New York, 
NY. p.6.24. 

Marshall, K.C. 1996. Adhesion as a strategy for access to nutrients. In: Bacterial 
adhesion, molecular and ecological diversity, M. Fletcher (ed). John Wiley, New York, 
p.59-87. 



245 

Mastrangelo, G., E. Fadda, and V. Marzia. 1996. Polycyclic aromatic hydrocarbons 
and cancer in man. Environ Health Perspect 104:1166-1170. 

Meador, J.P., J.E. Stein, W.L. Reichert, and U. Varanosi. 1995. Bioaccumulation of 
polycyclic aromatic hydrocarbons by marine organisms. Rev Environ Contam Toxicol 
143:79. 

Mehlman, M.A. 2002. Carcinogenic effects of benzene: Cesare MaJtoni's contributions. 
In: Carcinogenesis bioassays and protecting human health. Ann NY Acad Sci 982:137-
148. 

Morley, L.M., G.M. Hornberger, A.L. Mills, and J.S. Herman. 1998. Effects of 
transverse mixing on transport of bacteria through heterogeneous porous media. Water 
Resour Res 34:1901-1908. 

Murphy, E.M., T.R. Ginn, A. Chilakapati, C.T. Resch, J.L. Phillips, T.W. Wietsma, 
and C.M. Spadoni. 1997. The influence of physical heterogeneity on microbial 
degradation and distribution in porous media. Water Resour Res 33:1087-1103. 

Murphy, E.M. and T.R. Ginn. 2000. Modeling microbial processes in porous media. 
HydrogeolJ S:142-\5S. 

Nadim, F., G.E. Hoag, S. Liu, R.J. Carley, and P. Zacfc, 2000. Detection and 
remediation of soil and aquifer systems contaminated with petroleum products: and 
overview. J Petrol Sci Eng 26:169-178. 

Neilson, J.W., S.A. Pierce, R.M. Maier. 1999. Factors influencing expression of 
luxCDABE and nah genes in Pseudomonasputida RBI353 (NAH7, pUTK9) in dynamic 
systems. Appl Environ Microbiol 65:3474-3482. 

Novitsky, J.A. and R.y. Morita. 1977. Survival of a psychrophilic marine vibrio under 
long-term nutrient starvation. Appl Environ Microbiol 33:635-641. 

Odencrantz, J.E., B. Wookeun, A.J. Valocchi, and B.E. Rittmann. 1990. Stimulation 
of biologically active zones (BAZs) in porous media by electron-acceptor injection. J 
Contam Hydrol 6:37-52. 

Pandey, G. and R.K. Jain. 2002. Bacterial chemotaxis toward environmental pollutants: 
role in bioremediation. Appl Environ Microbiol 68:5789-5795. 

Pringle, J.H., M. Fletcher, and B.C. Ellwood, 1983. Selection of attachment mutants 
during the continuous culture of Pseudomonas fluoresces and relationship between 
attachment ability and surface composition. J Gen Microbiol 129:2557-2569. 



246 

Ren, J.H., A.I. Packman, and C. Welty. 2000. Correlation of colloid collision 
efficiency with hydraulic conductivity in silica sands. Water Re sour Res 36:2493-2500. 

Samanta, S.K. and R.K. Jain. 2000. Evidence for plasmid-mediated chemotaxis of 
Pseudomonas putida towards naphthalene and salicylate. Can J Microbiol 46:1-6. 

Schroth, M.H., S.J. Ahearn, J.S. Selker and J.D. Istok. 1996. Characterization of 
Miller-similar silica sands for laboratory hydrologic studies. Soil Set Am .760:1331-1339. 

Sepic, E., C. Trier, and H. Leskovsek. 1996. Biodegradation studies of selected 
hydrocarbons from diesel oil. Analyst 121:1451-1456. 

Shaw, L.J. and R.G. Bums. 1998. Biodegradation-transport interactions of pulse 
applied 2,4-D in repacked soil column microcosms. J Environ Qual 27:1472-1478. 

Simoni, S.F., H. Harms, T.N.P. Bosma, and A.J.B. Zehnder. 1998. Population 
heterogeneity affects transport of bacteria through sand columns at low flow rates. 
Environ Sci Technol 32:2100-2105. 

Szecsody, J.E., F.J. Brockman, B.D. Wood, G.P. Sterile, and M.J. Truex. 1994. 
Transport and biodegradation of quinoline in horizontally stratified porous media. J 
Contani Hydrol 15:277-304. 

van Genuchten, M.Th. 1981. Research Report No. 119. U.S. Salinity Lab, Riverside, 
CA, p. 88. 

Williams, V. and M. Fletcher. 1996. Pseudomonas flmrescens adhesion and transport 
through porous media are affected by lipopolysaccharide composition. Appl Environ 
Microbiol 62:100-104. 

Wookeum, B., J.E. Odencrantz, B.E. Rittmann, and A.J. Valocchi. 1990. 
Transformation kinetics of trace-level halogenated organic contaminants in a biologically 
active zone (BAZ) induced by nitrate injection. J Contam Hydrol 6:53-68. 

Yarwood, R.R., M.L. Rockhold, M.R. Nicmet, J.S. Selker, and P.J. Bottomley. 2002. 
Noninvasive quantitative measurement of bacterial growth in porous media under 
unsaturated-flow conditions. Appl Environ Microbiol 68:3597-3605. 

Yen, K., C.M. Serdar. 1988. Genetics of naphthalene catabolism in pseudomonads. Crit 
Rev Microbiol 15:247-268. 

Yolcubal, 1., S.A. Pierce, R.M. Maier, and M.L. Brusseau. 2002. Biodegradation 
during contaminant transport in porous media: V. the influence of growth and cell elution 
on microbial distribution. J Environ Qual 31:1824-1830. 



247 

Yolcubal, L, J.L. Piatt, S.A. Pierce, M.L. Brusseau and R.M. Maier. 2000. Fiber optic 
detection of in situ lux reporter gene activity in porous media: system design and 
performance. Anal Chim Acta 422:121-130. 

Yolcubal, L, J.G. Dorn, R.M. Maier, and M.L. Brusseau. 2003. The influence of 
substrate and electron acceptor availability on bioactive zone dynamics in porous media. 
J Contam Hydrol 66:219-237. 



248 

APPENDIX E 

SUBDIVISION 1 

ELUCIDATING THE IN VIVO LIMITING REAGENT IN THE CATALYTIC 

CYCLE OF BACTERIAL LUCIFERASE ENCODED BY THE pUTK9 PLASMID 

OF PSEUDOMONAS PUTIDA RB1353 

Evolution and Energetics of Bacterial Bioluminescence 

The ecological benefits for higher organisms, such as fish or squid, establishing a 

symbiotic association with luminescent bacteria are known to include light emission to 

attract prey, intraspecies communication, and escaping from predators (Morin et al., 

1975; Nealson and Hastings, 1979; Bassler and Silverman, 1995), but elucidating the 

biological role of luminescence in free-living bioluminescent bacteria has been 

problematic. In fact, until recently, the origin of bacterial bioluminescence seemed 

inconsistent with the Charles Darwin theory of evolution (Czyz and Wegrzyn, 2001; 

Labas et al.. 2001). 

In some cases, bacterial luminescence can consume up to 20% of the total cellular 

energy (Nealson and Hastings, 1979; Bassler and Silverman, 1995). As discussed in 

Appendix A, reduced riboflavin 5'-phosphate (FMNH2) and a long-chain aliphatic 

aldehyde are oxidized in the bioluminescence catalytic cycle, however the energy 

produced during the oxidations (AG*^ = -115 kcal mof') is not employed for tf" gradient 

establishment. ATP synthesis, or osmotic work. Instead the energy is used to populate the 
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singlet excited state of the FMN 4a-hydroxyide emitter (68 kcal mol"') that generates a 

490-nm photon (59 kcal mol'') upon decay (Merenyi et al, 1992; Tu and Mager, 1995). 

Thermodynamically, the energetics of the bioluminescence reaction is well 

understood. First, to generate the FMNHi and aliphatic aldehyde substrates required by 

luciferase, one ATP is hydrolyzed to AMP and PPi (AG" = -10 kcal mol"') and two 

NAD(P)H are oxidized (AG" = -52.5 kcal mol"' x 2; Tu and Mager, 1995). 

Approximately 68 kcal mol ' is required to populate the singlet excited state of the FMN 

4a-hydroxide emitter (Merenyi et al., 1992). This energy is transferred to the emitter 

during the interaction between the flavin 4a-hydroxy radical and the reduced carboxylic 

acid radical, which generates approximately 90 kcal mol"' (Merenyi et al., 1992). 

So what is the ecological benefit to the bacterium? Recent research indicates that 

when anabolic processes are impaired, luciferase acts as a free-energy dissipating valve 

to help correct the imbalance in cellular redox potential. Specifically, the luciferase 

pathway can scavenge excess reducing equivalents, thereby restoring the redox potential 

by reoxidizing reduced coenzymes (Makemson and Hastings, 1986). Other research has 

demonstrated that luminescence stimulates DNA repair through activation of the 

photoreactivation process, thereby allowing photolyase to function independent of 

external light (Czyz et al.. 2000; 2003). Furthermore, the luciferase pathway may 

contribute to the detoxification of deleterious oxygen derivatives, such as H2O2 (Rees et 

al., 1998; Timmins et al., 2001). 

Even though the thermodynamics of bacterial bioluminescence have been 

elucidated and potential evolutionary advantages proposed, explicating the environmental 
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and biological factors affecting the catalytic cycle is difficult (Appendix A). Subdivision 

1 of Appendix E discusses a series of experiments aimed at elucidating the in vivo 

limiting reagent in the bioluminescence pathway of Pseudomonas putida RB1353 during 

salicylate catabolism in batch cultures and how cellular membrane disruption affects the 

luminescence catalytic cycle. Knowledge of the limiting reagent will enable a better 

understanding of how changes in environmental or biological conditions may affect the 

luminescence response during catabolism. 

Overview of Experimental Methods 

To determine the limiting reagent in the bioluminescence catalytic cycle during 

salicylate degradation by Pseudomonas putida RBI353, batch experiments were 

performed and samples were withdrawn at specified times to monitor luminescence as 

described in the materials and methods of Appendix B. Briefly, for every time point 

examined, two 2-mL samples were withdrawn. One sample was used to monitor 

luminescence during salicylate degradation and the other sample was amended with a 

reagent required in the catalytic cycle (e.g., decanal, ATP, or NADH) to the desired 

concentration. If the added reagent was a limiting factor in the reaction, then 

luminescence was expected to be greater in the amended sample when compared to the 

unamended sample. After extraction and amendment, the samples were immediately 

placed on a scintillation counter to monitor luminescence as described in Appendix B. 
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Effect of Decanal, ATP, and NADH on In Vivo Luminescence 

The natural aldehyde substrate for Vibrio fischeri luciferase is tetradecanal, 

however decanal is also known to serve as a substrate for the bacterial bioluminescence 

reaction (Hastings et al., 1963). In the scientific literature, it is well known that the 

addition of decanal during bioluminescence will enhance the luminescence response 

(e.g.. increase photon output per unit time). Since the in vivo production of tetradecanal 

requires ATP, NADPH, and tetradecanoic acid, an enhancement in the luminescence 

response upon addition of decanal (e.g., a surrogate for tetradecanal) would indicate that 

a limiting factor exists. The limiting factor could be a shortage of ATP, NADPH or 

tetradecanoic acid or a slow turnover in the fatty acid reductase enzyme complex. 

Upon addition of decanal during salicylate catabolism, the luminescence response 

significantly increased over the control (final concentration of 1.0 mM; Fig. 1). The 

experimental parameters are reported in Table 1. Therefore, there must be a limiting 

reagent in the catalytic cycle that is affecting the production of the required aldehyde. 

In the same manner as decanal, ATP (final concentration of 0.1 mM) and NADH 

(final concentration of 0.2 mM) were added to extracted samples and the luminescence 

response was monitored (Fig. 2 and Table 1). NADH was added instead of NADPH, 

since NADPH is extremely expensive and rapidly oxidizes in vitro. If NADPH is the 

limiting reagent, addition of NADH will result in the production of NADPH via a 

membrane-bound transhydrogenase. This enzyme catalyzes the reversible transfer of a 

hydride ion equivalent between NAD(H) and NADP(H) and is coupled to the proton 

motive force (Voordouw et al., 1983; Hoek and Rydstrom, 1988). Upon repetition of the 



252 

ATP and NADH experiments, no significant difference in the luniinescence response was 

observed between the amended samples and the control. However, since ATP and NADH 

are large compounds, there was a possibility that the compounds were not traversing the 

bacterial membrane. To enhance transport across the cell membrane, a series of 

experiments was conducted to determine the effectiveness of known membrane 

permeabilizers to open channels in the membrane without interfering with the 

luminescence reaction. 

Cell Membrane Permeabilization 

A number of different compounds, including ethylenediaminetetraacetic acid 

(EDTA), dimethyl sulfoxide (DMSO), polymyxin B, and monorhamnolipid. were 

examined at various concentrations to assess the ability of the compounds to permeabilize 

the bacterial membrane of P. putida RB1353 without interfering with the in vivo 

luminescence reaction. These compounds are known to abolish the integrity of the outer 

membrane by chelating divalent cations that stabilize molecular interactions in the outer 

membrane (e.g., EDTA and DMSO; Leive, 1974; Helander et al, 1997). intercalating 

into the bacterial membrane (e.g., polymyxin B; Newton. 1956; Storm et al., 1977; Wu et 

al., 1999; Hancock and Chappie, 1999) or facilitating the release of lipopolysaccharide 

from the outer membrane (e.g., monorhamnolipid; Al Tahhan et al., 2000). To assess 

membrane permeabilization. a fluorescent dye uptake assay was performed. 

Specifically, P. putida RB1353 cells were grown as described in Appendix B. 

Briefly, at 48 h, the cells were harvested via centrifugation and washed with a mineral 
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salts broth (MSB) to remove any extracellular materials in the supernatant. The cells were 

resuspended in MSB to a standard absorbance of 1.0 at 600 nm. The resuspended cells 

were then treated with the cell permeabilizing compounds for 5 min, centrifuged and 

washed with MSB to remove the cell permeabilizer. Then, 2-{4-dimethylaminostyrl)-1 -

ethylpyridinium (DMP^) was immediately added to each treatment to achieve a final 

concentration of 50 jiM. DMP^ is a hydrophobic molecule that fluoresces only when 

present in a hydrophobic environment and can therefore be used as a probe to examine 

outer membrane permeability (Sedgwick and Bragg, 1996). Upon DMP^ addition, 

samples were scanned for 5 min and data was recorded in 5 s intervals. The DMP*^ 

fluorescence was analyzed with an excitation wavelength of 485 nm and an emission 

wavelength of 577 nm using a fluorescence spectrophotometer (Hitachi, San Jose, CA). 

Furthermore, two control experiments were performed to ensure that the washed 

cells did not contain a sufficient concentration of hydrophobic cellular contents or 

rhamnolipid to interact with DMP^ and cause a false positive result. Analysis of the 

supematants after washing yielded no fluorescence. Therefore, the sole source of DMP" 

fluorescence was the interaction of DMP ' with the hydrophobic environment inside the 

outer membrane of the bacterial cell. 

At the concentrations examined (0.1 niM and 1.0 mM) only monorhamnolipid 

and polymyxin B enhanced outer membrane permeability. (Figs. 3 A and 3B; polymyxin 

B data not shown). However, upon examination of the effect of monorhamnolipid and 

polymyxin B on the luminescence catalytic cycle, polymyxin B was found to completely 

inhibit luminescence at the concentrations examined. The inhibition of luminescence by 
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polymyxin B may be the result of cell lysis or an adverse effect on respiration (Wu et al., 

1999). Conversely. 0.1 mM monorhamnolipid was found to enhance the luminescence 

response (Fig. 4). 

Explanation of Enhanced Luminescence upon Monorhamnolipid Addition - Is 

Tetradecanoic Acid the Limiting Factor? 

Research indicates that the flux of fatty acid through the fatty acid reductase 

system described in Appendix A is critical for light emission in luminescent bacteria 

(Meighen, 1988). Therefore, the observation that monorhamnolipid enhanced the 

luminescent response was intriguing. Monorhamnolipid has been shown to induce 

removal of lipopolysaccharide (LPS) from bacterial membranes (Al-Tahhan et al., 2000). 

Upon analysis of the LPS released from monorhamnolipid exposure, Al-Tahhan et al. 

(2000) found that the fatty acid content contained tetradecanoic acid. Interestingly, the 

fatty acid reductase from Vibrio fischeri has a high specificity for tetradecanoic acid 

(Meighen, 1991). To determine whether tetradecanoic acid availability was limiting the 

luminescence reaction, 0.44 nM tetradecanoic acid was added to samples extracted 

during naphthalene catabolism. Upon addition of tetradecanoic acid, bioluminescence 

was significantly enhanced (Fig. 5). 

Since tetradecanoic acid addition resulted in an enhanced response, the 

conversion of fatty acid into aldehyde by the fatty acid reductase complex can be ruled 

out as the limiting factor. Furthermore, NADH and ATP are not limiting since they are 

required to produce the FMNH2 and aldehyde substrates for the luminescence reaction 
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(e.g., if the concentration of NADH or ATP were diminished, stimulation of 

luminescence would not occur). This suggests that tetradecanoic acid is the limiting 

reagent. However, since rhamnolipid has been shown to stimulate the uptake of 

hydrophobic compounds (Wouter and Janssen, 2002), the enhanced uptake of 

naphthalene can not be ruled out as the reason for increased luminescence. 

There are two possibilities for a tetradecanoic acid limitation. First, the 

concentration of tetradecanoic acid being shunted into the luminescence pathway may be 

low due to a shortage of tetradecanoic acid in the cell. Second, the binary complex of 

luciferase with tetradecanoic acid dissociates at a rate 3-fold slower than the luciferase-

FMN complex indicating that the release of tetradecanoic acid is the slowest step in the 

decomposition of the luciferase enzyme complex (Li and Meighen, 1994). Therefore, if 

the luciferase enzyme is present in concentrations greater than the concentration of 

available tetradecanoic acid, the tetradecanoic acid may be bound to the luciferase 

complex and unavailable for recycling back through the fatty acid reductase complex. 

Such a scenario would limit the amount of aldehyde available for the luminescence 

reaction, consistent with the observation that decanal also enhances the luminescence 

response. 

A study by Heitzer et al. (1998) supports the hypothesis that membrane disruption 

can lead to enhanced bioluminescence. Specifically, Heitzer et al. (1998) examined the 

bioluminescent response from Pseudomonas fluorescens HK44. a to-based bioreporter. 

to mixed organic contaminant samples as well as environmental samples. Upon exposure 

to the solvents toluene, />-xylene, and acetone, which were determined to be noninducing 
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based on measurement of mRNA levels, a significant increase in bioluminescence 

occurred. Several studies indicate that exposure to solvents can cause significant changes 

in fatty acid composition of bacterial membranes (Sikkama et al., 1995) resulting from 

changed synthesis patterns of fatty acid (Ingram, 1977, 1982; Pinkart et al., 1996). Also 

solvent exposure is known to release fatty acids from the cell membrane into the 

supernatant (DeSmet et al., 1978). Therefore, the enhanced bioluminescence was 

postulated to be a result of increased fatty acid synthesis caused by solvent interaction 

with the cell membrane and subsequent increases in aldehyde availability for the 

luciferase-catalyzed reaction. 
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SUBDIVISION 2 

COMPARISON OF PSEUDOMONAS PUTIDA RB1353 LUMINESCENCE 

REPSONSE AND SUBSTRATE DEGRADATION RATES DURING 

SALICYLATE AND NAPHTHALENE CATABOLISM IN BATCH AND 

COLUMN SYSTEMS 

Factors Affecting Pseudomonas putida RBI353 Luminescence 

Various physiological and environmental factors are known to influence the 

luminescence response in lux bioreporters (Appendix B; Burlage et al., 1990; Meikle et 

al., 1994; Blouin et al., 1996; Heitzer et al.. 1998; Neilson et al., 1999). As discussed in 

Chapter 1, there are many advantages to bioreporters containing the entire ImCDABE 

cassette. However, the disadvantage of employing the entire cassette is that generation of 

the aldehyde from the corresponding fatty acid is an ATP- and NADH-dependent process 

as discussed in Appendix A. Therefore, aldehyde generation not only increases the 

metabolic load of the cell, but also depends on the channeling of fatty acids into the 

luminescence catalytic cycle (de Weger et al., 1991; Hill et al., 1993). 

Another factor influencing the luminescence response in P. putida RB1353 is the 

coupling of the luminescence reaction to the naphthalene degradation pathway of NAH7, 

a pathway that involves oxidation reactions. An oxidation reaction, as opposed to a 

hydroxylation reaction, involves direct incorporation of molecular oxygen from O2 rather 

than from water (Appendix A; Hayaishi et al., 1970; Gibson and Subramanian, 1984). 

Therefore, during naphthalene catabolism, the luciferase system is competing with the 
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naphthalene dioxygenase and cytochrome oxidase for available oxygen. Even though the 

contribution of the luciferase pathway to the global O2 consumption remains 

controversial, luciferase appears to have a 4 to 5 times higher affinity for oxygen than 

cytochrome oxidase (Bourgois et al., 2001). Furthermore, the total O2 consumption by the 

luciferase pathway in naturally occurring luminescent bacteria is estimated to be 11.7 ± 

2.1% of the overall cellular O2 consumption and the electronic flux produced during 

catabolism only enters the luciferase pathway when the respiratory chain is saturated 

(Bourgois et al., 2001). However, as mentioned in Subdivision 1, bioluminescence may 

consume up to 20% of the total cellular energy (Nealson and Hastings, 1979; Bassler and 

Silverman, 1995). Consequently, the luminescence response in P. putida RBI353 is 

tightly coupled to the cellular energy status and O2 availability. 

P. putida RB1353 Luminescence Response and Substrate Degradation Rates during 

Salicylate and Naphthalene Catabolism in Batch and Column Systems 

Introduction 

The experiments characterizing the effects of environmental factors on the 

luminescence response in P. putida RBI353 (Appendix B) were performed in batch 

systems to ensure that all variables were controlled. However, the study of in situ 

catabolism of salicylate and naphthalene by P. putida RBI353 in saturated porous media 

(Appendices C and D; Yolcubal et al., 2003) involved experiments conducted in the 

flow-through column system described in Appendix C. A comparison of substrate 
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catabolism in batch and column systems was performed to develop a better understanding 

of the differences in the luminescence response between salicylate and naphthalene 

catabolism in static and flow through systems. 

Batch system 

Salicylate and naphthalene catabolism experiments were performed as described 

in Appendix B. The experimental conditions are reported in Table 1. For both the 

salicylate and the naphthalene catabolism experiments (Figs. 6, 7), the maximum 

substrate degradation rate coincided with peak luminescence. The main difference, 

however, was the amount of substrate degraded at the time of peak limiinescence. During 

salicylate catabolism, peak limiinescence occurred when the salicylate concentration was 

half the initial concentration. During naphthalene catabolism, peak luminescence 

occurred when the naphthalene concentration was -10% of the initial concentration. 

This difference is due to the fact that salicylate is the inducer for the NAH7 and 

pUTK9 plasmids, as discussed in Appendix A. At time zero in the salicylate experiments, 

salicylate was present in the highest concentration resulting in immediate induction of the 

naphthalene degradation and luminescence pathways. As salicylate was degraded, energy 

was produced for bioluminescence, but induction began to decrease since salicylate was 

being removed from the system. Therefore, salicylate degradation rates began to slow and 

peak luminescence occurred before all the substrate was consumed. Conversely, in the 

naphthalene experiments, salicylate was only present after naphthalene degradation 

commenced. Therefore, as the naphthalene degradation rate increased, the amount of 
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salicylate available for pathway induction increased. This positive feedback resulted in 

peak luminescence occurring just prior to the consumption of all the naphthalene in the 

system. 

Column system 

Several series of column experiments were performed as described in Appendix C 

to compare the luminescence response and substrate degradation rates between salicylate 

and naphthalene catabolism under limiting and non-limiting dissolved O2 conditions. The 

experimental conditions are reported in Table 1. Under non-limiting O2 conditions, the 

decrease in luminescence during both salicylate and naphthalene catabolism was the 

result of decreasing substrate concentration at the sampling location (Figs. 8, 9). As the 

substrate concentration decreased, the induction of the NAH7 and pUTK9 pathways 

slowed and less luciferase and substrate degradation enzymes were produced. Therefore, 

luminescence decreased due to lower levels of luciferase and energy generation (e.g.. 

biological activity decreased in the zone being monitored). The decrease in available 

substrate occurred due to increasing nah and sal pathway induction in P. putida RB1353 

cells upgradient from the sampling location. The increasing pathway induction resulted in 

increased substrate consumption near the column inlet, thereby reducing the substrate 

concentration reaching the sampling location. The degradation rates reported on the 

figures indicate biological activity upgradient of the sampling location (e.g., this is why 

the maximum degradation rates reported occur as the luminescence is decreasing). This 

phenomenon is described in Yolcubal et al. (2003). Therefore, under non-limiting O2 
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conditions, the predominant factor affecting the luminescence response in P. putida 

RBI353 is the concentration of substrate available for pathway induction and energy 

generation. 

Under limiting O2 conditions, a decrease in luminescence occurred at -9.5 and 

-3.0 mg L"' O2 during salicylate and naphthalene catabolism, respectively (Figs. 10. 11, 

12). As discussed in Appendix A, O2 is required not only in the luminescence pathway, 

but also for energy production (e.g., oxidation reactions). Therefore, O2 consumption is 

dependent on the level of nah and lux operon induction. The observed difference in O2 

concentration at peak luminescence resulted from salicylate catabolism removing 

salicylate from the system and naphthalene catabolism generating salicylate in the 

system. As salicylate was removed from the system, gene induction decreased resulting 

in decreased luminescence. Therefore, even though the overall degradation of salicylate 

was limited by O2 availability, the initial decrease in luminescence resulted from a 

decrease in lux operon expression as salicylate was removed from the system. For 

naphthalene, gene induction continued to increase as naphthalene was degraded. 

Therefore, luminescence during naphthalene catabolism decreased as a result of O2 

limitation. 

Reproducibility of O2 consumption and maximum gene induction are illustrated in 

Figures 10 and 11 where luminescence decreased at -20 pore volumes and a dissolved O2 

concentration of -9.5 mg L"' (e.g., this supports that salicylate availability was the main 

factor controlling peak luminescence during salicylate catabolism). The decrease in 

available O2 and substrate occurred due to increasing pathway induction in P. putida 
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RB1353 cells upgradient from the sampling location. The increasing pathway induction 

resulted in a higher O2 and substrate demand in the upgradient cell population, thereby 

reducing the available O2 and substrate reaching cells at the sampling location where 

luminescence was being monitored. This phenomenon is described in Yolcubal et al. 

(2003). 

Furthermore, the maximum degradation rate during naphthalene catabolism (0.53 

mg h"') was much less than the degradation rate during salicylate catabolism (-2.20 mg 

h"'). One explanation for the lower degradation rate during naphthalene catabolism under 

limiting O2 conditions is that naphthalene catabolism requires more O2 than salicylate 

catabolism (e.g., more oxidation reactions are involved in the enzymatic degradation of 

naphthalene). Another explanation is the higher level of gene induction in the salicylate 

experiments, since salicylate directly induces the nah operon and was injected into the 

column at greater concentrations than naphthalene. 
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Appendix E Figure Legends 

Figure 1. P. putida RB1353 luminescence during salicylate catabolism in batch systems 

and the luminescence response upon addition of decanal (1.0 mM final 

concentration). Error bars represent the standard deviation of triplicate 

experiments. Experimental conditions are reported in Table 1. 

Figure 2. P. putida RB1353 luminescence during salicylate catabolism in a batch system 

and the luminescence responses upon addition of ATP (0.10 mM final 

concentration) and NADH (0.20 mM final concentration). Experimental 

conditions are reported in Table 1. 

Figure 3. DMP^ dye uptake by P. putida RB1353 after exposure to monorhamnolipid. 

Increased fluorescence is an indication of increased cell membrane 

permeabilization. Error bars represent the standard deviation of triplicate 

experiments. (A) DMP^ fluorescence in the supernatant, in untreated cells, and in 

cells treated with monorhamnolipid (0.1 and 1.0 mM final concentrations). (B) 

DMP^ fluorescence between untreated cells and monorhamnolipid treatment (0.1 

mM final concentration) to illustrate cell membrane permeabilization. 
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Figure 4. P. putida RB1353 luminescence during salicylate catabolism in a batch system 

and the luminescence response upon addition of monorhamnolipid (0.10 mM final 

concentration). Experimental conditions are reported in Table 1. 

Figure 5. P. putida RBI353 luminescence during salicylate catabolism in a batch system 

and the luminescence response upon addition of tetradecanoic acid (0.44 nM final 

concentration). Experimental conditions are reported in Table 1. 

Figure 6. P. putida RBI353 substrate degradation rates and luminescence during 

salicylate catabolism in a batch system. Error bars represent the standard 

deviation of triplicate experiments and experimental conditions are reported in 

Table 1. 

Figure 7. P. putida RB1353 substrate degradation rates and luminescence during 

naphthalene catabolism in a batch system. Error bars represent the standard 

deviation of triplicate experiments and experimental conditions are reported in 

Table 1. 

Figure 8. P. putida RB1353 substrate degradation rates and luminescence during 

salicylate catabolism (Co = 21.86) in a column system with non-limiting dissolved 

oxygen conditions. Experimental conditions are reported in Table 1. 



265 

Figure 9. P. putida RB1353 substrate degradation rates and luminescence during 

naphtlialene catabolism (Co = 7.90) in a column system with non-limiting 

dissolved oxygen conditions. Experimental conditions are reported in Table 1. 

Figure 10. P. putida RB1353 substrate degradation rates and luminescence during 

salicylate catabolism (Co = 62.41) in a column system with limiting dissolved 

oxygen conditions. Experimental conditions are reported in Table 1. 

Figure 11. P. putida RB1353 substrate degradation rates and luminescence during 

salicylate catabolism (Co = 89.75) in a column system with limiting dissolved 

oxygen conditions. Experimental conditions are reported in Table 1. 

Figure 12. P. putida RB1353 substrate degradation rates and luminescence during 

naphthalene catabolism (Co = 29.24) in a column system with limiting dissolved 

oxygen conditions. Experimental conditions are reported in Table 1. 



Table 1. Experimental parameters for data presented in Appendix E. 

Figure 

(Appendix E) 

Initial Concentration of RBI 3 53® 

(CPU ml/' or CPU g sand"') 

Co^ 

(mg L'') 

02'^ 

(mg L"') 

ALPWV^ 

(cm h"') 

HRT® 

(h) 

1 1.94 ±0.68 X 10^ 11.63 ±0.09 (S) 24.43 ± 0.59 batch batch 

2 1.67 ±0.25 X 10^ 12.22 (S) 25.72 batch batch 

4 2.30 ±0.10 X 10^ 9.96 (S) 24.15 batch batch 

5 2.83 ± 0.45 X lo' 12.67 (S) 25.84 batch batch 

6 2.40 ± 0.67 X 10' 12.51 ±0.13 (S) 29.44 ±2.21 batch batch 

7 2.81 ±0.52 X 10' 9.43 ±0.30 (N) 25.47 ±0.84 batch batch 

8 2.00 ±0.28 X 10' 21.86 (S) 36.92 8.72 1.15 

9 2.51 ±0.26 X 10' 7.90 (N) 34.17 8.56 1.17 

10 1.40 ± 0.38 X 10' 62.41 (S) 35.86 8.48 1.18 

11 2.60 ± 0.27 X lo' 89.75 (S) 32.70 8.88 1.13 

12 1.28 ±0.67 X 10' 29.24 (N) 29.70 8.91 1.12 

to OS OS 

Average cell number ± standard deviation of triplicate plate counts 

^ Co", initial or injected substrate concentration ± standard deviation of triplicate readings. (S ) = salicylate, (N) = naphthalene. 

" Oj. initial or injected dissolved oxygen concentration ± standard deviation of triplicate readings 

ALPWV: average linear pore water velocity 

^ HRT: hydraulic residence time 
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APPENDIX F 

EXPLANATION OF SUBSTRATE REBOUNDING DURING NAPHTHALENE 

CATABOLISM IN COLUMN EXPERIMENTS 

Introduction 

A decrease in aqueous phase naphthalene concentration resulting from 

naphthalene consumption in catabolic reactions, followed by an increase in aqueous 

phase naphthalene concentration, is referred to as rebounding. During naphthalene 

degradation under limiting oxygen conditions in the flow system described in this 

dissertation, the naphthalene concentration increased, e.g. rebounded, as the oxygen 

concentration decreased (Appendix C, Figure 5A). The rebounding was imexpected since 

oxygen demand was hypotliesized to remain constant. Under constant oxygen demand, 

the naphthalene concentration is expected to decrease and then stabilize when all the 

available oxygen is being consumed in the naphthalene oxidation reactions. However, 

since the naphthalene concentration increased as the oxygen concentration decreased, the 

oxygen demand in the system must have changed. 

Explanation of Oxygen Demand Dynamics 

Microbial oxygen utilization during substrate degradation is dependant upon 

electron shunting. Electrons are shunted from the electron donor (e.g., the substrate) to 

one of four paths: transferred to an intermediate electron acceptor to generate energy 

(e.g., NADH2), utilized to build macromolecules in biomass synthesis (essential 



285 

metabolites), utilized to reduce O2 (the terminal electron acceptor in oxygenation 

reactions), or sequestered in intermediates (Woo and Rittmann 2000). Furthermore, 

substrate degradation to CO2 requires more oxygen than substrate degradation to 

intermediate metabolites (Bouchez et al. 1995). Therefore, less oxygen is required when 

bacterial cells form essential metabolites from substrate intermediates than when bacterial 

cells mineralize the substrate to COi. Essential metabolites are the compounds from 

which all cellular building blocks, such as amino acids, are formed. 

In the naphthalene column system, the electron acceptor is oxygen. Initially, P. 

putida RB1353 exists in a growth or quasi-growth phase (e.g., degrading naphthalene to 

metabolites and intermediates). The quasi-growth phase is defined by the bacterial cells 

preparing to grow, but only a small percentage, if any, of the cells actually divide. In the 

growth or quasi-growth phase, the level of induction of the NAH7 pathway increases 

resulting in increasing oxygen consumption. Eventually, when rebound starts to occur, P. 

putida RBI353 is reaching a stationary or quasi-stationary phase where naphthalene (or 

naphthalene intermediate) is being mineralized to CO2. Therefore, oxygen demand 

increases. 

During naphthalene catabolism in experiments discussed in this dissertation, 

salicylate, an intermediate in naphthalene catabolism, was observed in concentrations as 

high as 3 mg L"'. Furthermore, the stationary or quasi-stationary phase was most 

prominent near the column inlet. In the stationary or quasi-stationary phase, the level of 

induction of the NAH7 pathway and oxygen consumption increased to a maximum rate. 

The maximum rate was defined by oxygen availability and is represented in Figure 1. 
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Therefore, the most plausible explanation is that an increased oxygen demand occurred 

when biodegradation became more constrained as metabolic activity shifted from 

biomass production to complete mineralization of naphthalene (e.g., CO2 production). 
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Appendix F Figure Legend 

Figure 1. Hypothetical oxygen consumption rate during naphthalene catabolism by 

Pseudomonas putida RBI353 in flow through column systems. The arrow 

indicates the point at which substrate rebounding begins to occur. 



Figure 1 

Point where rebounding begins 

NAH7 Induction Level 
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