
Visible-light induced reactions in
lamellar phospholipid assemblies

Item Type text; Dissertation-Reproduction (electronic)

Authors Clapp, Paula Jean, 1968-

Publisher The University of Arizona.

Rights Copyright © is held by the author. Digital access to this material
is made possible by the University Libraries, University of Arizona.
Further transmission, reproduction or presentation (such as
public display or performance) of protected items is prohibited
except with permission of the author.

Download date 24/05/2023 20:17:56

Link to Item http://hdl.handle.net/10150/282185

http://hdl.handle.net/10150/282185


INFORMATION TO USERS 

This manuscript has been reproduced from the microfihn master. UMI 

films the text directly fi-om the original or copy submitted. Thus, some 

thesis and dissertation copies are in typewriter face, while others may be 

firom any type of computer printer. 

The quality of this reproduction is dependent upon the quality of the 

copy submitted. Broken or indistinct print, colored or poor quality 

illustrations and photographs, print bleedthrough, substandard margins, 

and improper alignment can adversely affect reproduction. 

In the unlikely event that the author did not send UMI a complete 

manuscript and there are missing pages, these will be noted. Also, if 

unauthorized copyright material had to be removed, a note will indicate 

the deletion. 

Oversize materials (e.g., maps, drawings, charts) are reproduced by 

sectioning the original, beginning at the upper left-hand comer and 

continuing from left to right in equal sections with small overlaps. Each 

original is also photographed in one exposure and is included in reduced 

form at the back of the book. 

Photographs included in the original manuscript have been reproduced 

xerographically in this copy. IBgher quality 6" x 9" black and white 

photographic prints are available for any photographs or illustrations 

appearing in this copy for an additional charge. Contact UMI directly to 

order. 

UMI 
A Bell & Howell Information Company 

300 North Zeeb Road, Ann Aibcr MI 48106-1346 USA 
313/761-4700 800/521-0600 





VISIBLE-LIGHT INDUCED REACTIONS IN LAMELLAR PHOSPHOLIPID 

ASSEMBLIES 

by 

Paula Jean Clapp 

A Dissertation Submitted to the Faculty of the 

DEPARTMENT OF CHEMISTRY 

In Partial Fulfillment of the Requirements 
For the Degree of 

DOCTOR OF PHILOSOPHY 

In the Graduate College 

THE UNIVERSITY OF ARIZONA 

19 9 6 



DMI Nximber: 9713434 

UMI Microform 9713434 
Copyright 1997, by UMI Company. All rights reserved. 

This microform edition is protected against unauthorized 
copying under Title 17, United States Code. 

UMI 
300 North Zeeb Road 
Ann Arbor, MI 48103 



2 

THE UNIVERSITY OF ARIZONA ® 

GRADUATE COLLEGE 

As members of the Final Examination Committee, we certify that we have 

read the dissertation prepared by Paula J. Clapp 

entitled Visible-Liqht Induced Reactions in Lamellar Phospholipid 

Assemblies 

and recommend that it be accepted as fulfilling the dissertation 

requirement for the Degree of Doctor of Philosophy 

KoberfjU. Bates 7 Date 

G&. / nhs A.-
David F. O'Brien Date 

fi 
J^mes E. Mulvaney Date 

7/f-S"/P h 
Site ' 

l//sh  ̂
Gordon Toll in Date 

Final approval and acceptance of this dissertation is contingent upon 

the candidate's submission of the final copy of the dissertation to the 
Graduate College. 

I hereby certify that I have read this dissertation prepared under my 

direction and recommend that it be accepted as fulfilling the dissertation 
requireme 

Dissertation Director Date 

David F, O'Brien 

7f'7f% 



3 

STATEMENT BY AUTHOR 

This dissertation has been submitted in partial fulfillment of 
requirements for an advanced degree at The University of Arizona and is 
deposited in the University Library to be made available to borrowers under 
rules of the Library. 

Brief quotations from this dissertation are allowable without special 
permission, provided that accurate acknowledgment of source is made. 
Requests for permission for extended quotation from or reproduction of this 
manuscript in whole or in part may be granted by the head of the major 
department or the Dean of the Graduate College when in his or her judgment 
the proposed use of the material is in the interests of scholarship. In all other 
instances, however, permission must be obtained from the author. 

SIGNED: 



4 

ACKNOWLEDGMENTS 

Acknowledging every Individual or organization partially responsible for 
the completion of the work reported within this document is nearly impossible. 
I hope that those who know they have played a role are proud of what they 
find here. 

In an attempt to acknowledge those who deserve the recognition, I 
would like to begin by extending my deepest gratitude to Dr. David F. O'Brien, 
whose insight and imagination not only generated the ideas that were the 
beginnings of this research but also provided motivation and direction in my 
growth as a scientist. Several of my coworkers in the O'Brien research group 
have very helpful in my and the projects' developments. Many thanks go to 
Dr. Rajan Ramaswami, Dr. Elizabeth Atkinson, Dr. Marek Romanowski, Dr. 
Henry LamparskI, Dr. Doyle Bennett, Christy Miller, and Bruce Bondurant. A 
very special thank you is extended to Dr. Bruce Armitage who not only 
provided an extensive data base for my projects to stem from but also never 
faltered in his belief in me and my capabilities. Finally, I need to acknowledge 
many people of the University of Arizona Chemistry Department for their help 
and encouragement: Debbie Boberg, Wayne Adickes, Charlie Amiing, Steve 
Moder, Ted Weigt, Larry Cook, Arnold Raisimring, Ron Clayton and Bob 
Smith. 

Many friends and relatives who have survived this degree pursuit right 
along with me deserve an incredible amount of thanks for their support and 
encouragement. Thanks everyone for putting up with my mood swings, 
problems and general whining. I hope I have shown the great appreciation I 
feel toward by parents, brothers, sisters, nieces and nephews for their words of 
encouragement and love. I truly am indebted to the friends I've made while 
here in Arizona for providing me with many happy times and memories to take 
with me. 

And last, but not my any means least, my sincerest thanks and my love 
to Robert Kemery. Thanks for sticking through it with me, and here's to a long 
life of happiness. I love you. 

Oh yeah, thanks also to Neil Young, Van Morrison, the Counting Crows, 
Dr. Hook, Guns and Roses and Jackson Browne for keeping me company the 
many hours I sat typing this document at home. Always remember, things are 
far better than they appear. 



DEDICATION 

5 

This document is dedicated to my mother, Norma Clapp. This 

achievement, marked by the completion of this degree, reflects the never 

ending support and encouragement Mom has provided to me. I love you, 

Mother, and I cherish you. I dedicate the work presented here to Norma 

Clapp, in hopes of extending my sincerest gratitude for a lifetime of love. 



6 

TABLE OF CONTENTS 

LIST OF ILLUSTRATIONS 12 

LIST OF TABLES 17 

ABSTRACT 18 

I. PHOSPHOLIPIDS AND THEIR SUPRAMOLECULAR 

STRUCTURES 19 

I.A. Amphiphilic Molecules 19 

I.A.I. Lipid Self-Assembly 21 

I.A.2. Lipid Phases 23 

I.E. Phospholipid Bilayer Assemblies: Properties and 

Applications 30 

I.B.I. Biological Membranes 30 

I.B.2. Liposomes 33 

I.B.3. Liposome Entrapment of Hydorphilic and Hydrophobic 

Agents 34 

I.B.4. Lateral Diffusion and Reorganization of Lipids in 

Bilayers 36 

I.e. Polymerization of Lipids in Assemblies 38 

I.C.1. Lipid Monomers 38 

I.C.2. Lipid Assembly Polymerizations 40 

I.C.3. Properties and Applications of Polymerized Lipid 

Assemblies 41 



7 

II. INTRODUCTION TO VISIBLE-LIGHT SENSITIZED VINYL 

POLYMERIZATIONS 44 

11. A. Why Sensitize Vinyl Polymerization to Visible-light? 44 

II.A.1. Characteristics of VIsibie-llght Sensitized 

Polymerizations 45 

II.A.2. Sensitizers and Lipid Assemblies 47 

II.B. Types of Sensitizers 49 

II.B.1. Photosensitizers for Catlonic Polymerizations 50 

li.B.2. Sensitizers for Radical Polymerizations: Type 1 52 

II.B.3. Sensitizers for Radical Polymerizations: Type II 54 

II.C. Type II Sensitizers 55 

II.C.1. Xanthene Sensitizers 55 

II.C.2. Thiazine Dyes 58 

II.C.3. Cyanine Photosensitizers 61 

II.C.4. Additional Sensitizers 64 

II.D. Conclusions 67 

III. A PHOTOCHEMICAL MOLECULAR DEVICE SUPPORTED BY A 

PHOSPHOLIPID MEMBRANE 73 

IIIA Introduction 73 

III.B. Experimental 76 

III.B.1. Materials 76 

III.B.2. Liposome Preparation 77 

III.B.3. Determination of Liposome Concentration 78 

III.B.4. Binding of Pigments to Liposomes 79 



8 

III.B.5. Calculation of Concentration of Membrane-Bound 

CyS"'' and PhaBnB" 80 

ill.B.6. Singlet-Lifetimes of Membrane-Bound Pigments 82 

III.B.7. Energy Transfer Experiments 82 

III.B.8. Fluorescence Quenching Experiments 83 

III.C. Results 85 

III.C.1. Optical Properties of Pigments 85 

III.C.2. Energy Transfer Between 'P4+ and Cy3+ on the 

Liposome Surface 88 

III.C.3. Energy Transfer Between *Zn-p4+ and Cy3+ on the 

Liposome Surface i 91 

III.C.4. Vectorial Photoinduced Electron Transfer in 

Liposomes: Fluorescence Quenching 94 

III.C.5. Vectorial Photoinduced Electron Transfer in 

Liposomes: Photobleaching 101 

III.D. Discussion 103 

IV. VISIBLE-LIGHT SENSITIZED POLYMERIZATION OF LIPID 

BILAYERS 113 

IV.A. Introduction 113 

IV.B. Experimental 118 

IV.B.1. Materials 118 

IV.B.2. Liposome Preparation 119 

IV.B.3. Visible-light In-adiation 121 

IV.B.4. Rate of Polymerization 122 



9 

IV.B.5. Chemical Actinometry 123 

IV.B.6. Transesterification Reaction 123 

IV.B.7. Size Exclusion Chromatography 124 

IV.B.8. Electron Paramagnetic Resonance 

Spectroscopy 124 

IV.B.9. Sensitizer Bleaching and Fluorescence 

Quenching 125 

IV.C. Results 126 

IV.C.1. Interaction of Cyanine Dyes with Lipid Bilayers 126 

IV.C.2. Visible-light Sensitized Polymerization of Lipid 

Bilayers 129 

IV.C.3. Polymer Characterization 132 

IV.C.4. Choice of Sensitizer 134 

IV.C.5. DilC(18)3 Exchange from bis-AcrylPC Bilayers to 

DOPCibis-SorbPC Bilayers 141 

IV.C.6. Quantum Efficiencies of Monomer and Dye 

Consumption 142 

IV.C.7. Rate of Polymerization as a Function of Incident Light 

Intensity and Monomer Dilution 143 

IV.C.8. Effect of pH on Polymerization Rate 145 

IV.C.9. Spin Trapping of Radical Species 146 

IV.D. Discussion 150 

IV.D.1. Quantum Efficiencies 151 

IV.D.2. Polymer Characterization 152 

IV.D.3. Factors Influencing the Rate of Polymerization 152 



10 

IV.D.4. Rate of Sensitizer Bleaching 157 

IV.D.5. Interaction of Sensitizer with Bilayers 157 

IV.D.6. Sensitization Mechanism 158 

IV.D.7. Conclusion 161 

V. VISIBLE-LIGHT SENSITIZED DESTABILIZATION OF LIPOSOMES..:....163 

VA Introduction 163 

V.B. Experimental 169 

V.B.I. Materials 169 

V.B.2. Preparation of Liposomes 170 

V.B.3. Determination of Liposome Size 171 

V.B.4. Incorporation of Sensitizing Dye into Prepared 

Liposomes 171 

V.B.5. Visible-light In-adiation 171 

V.B.6. Leakage Assay 172 

V,B.7. Fusion Assay 175 

V.B.8. Lipid Mixing Assay 176 

V.C. Results 177 

V.C.I. Visible-light Sensitized Polymerization 177 

V.C.2. Destabilization of Multilamellar Liposomes 177 

V.C.3. Destabilization of Unilamellar Liposomes 179 

V.C.4. pH Sensitive Destabilization 181 

V.C.5. Temperature Sensitive Photo-Sensitized 

Destabilization 182 

V.C.6. Delivery from Partially Polymerized Liposomes 186 



11 

V.C.7. Attempted Fusion and Lipid Mixing Assays 188 

V.D. Discussion 190 

V.D.I. Dark Stability 190 

V.D.2. Efficiency of Sensitized Polymerization Induced 

Liposome Destabilization 190 

V.D.3. Hydrogen Ion Concentration Control of Liposome 

Destabilization 191 

V.D.4. The Role of Temperature in Liposome 

Destabilization 192 

V.D.5. Conclusions 194 

APPENDIX A-1. Cy3+ Lifetime Data 195 

APPENDIX A-2. EPR Spectra of DMPO and Its Derivatives 200 

REFERENCES 204 



12 

LIST OF ILLUSTRATIONS 

CHAPTER I 

FIGURE 1-1. General structure of a double-chained amphiphiie 19 

FIGURE 1-2. Examples of glycerophospholipids 21 

FIGURE 1-3. Illustrations of lipid phases 22 

FIGURE 1-4. DPPC and DPPE phase diagrams 27 

FIGURE 1-5. Lipid shapes and aggregate assemblies 29 

FIGURE 1-6. Schematic of a bilayer leaflet illustrating lateral diffusion...32 

FIGURE 1-7. Locations for polymerizable groups in lipids 39 

CHAPTER II 

FIGURE 11-1. Acridine orange 51 

FIGURE 11-2. /Wesodlphenyltetrabenzoporphyrin metallo complex 51 

FIGURE 11-3. (Trichloromethyl)-1,3,5-triazine 53 

FIGURE 11-4. (Trichloromethyl)-1,3,5-triazine/sensitizer derivative 53 

FIGURE 11-5. General stmcture of xanthene sensitizers 56 

FIGURE 11-6. Methylene blue 59 

FIGURE 11-7. DilC{4)3-n-BuPh3B" complex 61 

FIGURE 11-8. Merocyanine 540 62 

FIGURE 11-9. Neutral cyanine sensitizer. 63 

FIGURE 11-10. /V,A/-Dioctadecyloxacarbocyanine p-toluenesulfonate....64 

FIGURE 11-11. Julolidyl-substituted ketocoumarin 66 

FIGURE 11-12. Pentaerythritol triacrylate 67 

FIGURE 11-13. Amphiphilic A/-ethoxypyridinium activator 71 



13 

CHAPTER III 

FIGURE III-1. Staictures of catlonic pigments 85 

FIGURE III-2. Absorption spectra of p4+ and Cy3+ and emission 

spectrum of p4+ 87 

FIGURE III-3. Absorption spectra of Zn-p4+ and Cy3+ and emission 

spectrum of Zn-p4+ 88 

FIGURE III-4. p4+ emission spectra as a function of Cy3+ addition 89 

FIGURE III-5. Plot of [Cy3+] versus change in p4+ fluorescence 

intensity 90 

FIGURE III-6. Zn-P'^+ emission spectra as a function of Cy3+ 

addition 92 

FIGURE lil-7. Plot of [Cy3+] versus change in Zn-p4+ fluorescence 

intensity 93 

FIGURE III-8. PhsBnB" concentration dependent quenching of p4+, Zn-

P^, or Cy3+ fluorescence 95 

FIGURE III-9. Stem-Volmer plot of three component P^"'" PMD as a 

function of electron donor concentration 98 

FIGURE 111-10. Stem-Volmer plot of three component Zn-p4+ PMD as a 

function of electron donor concentration 100 

FIGURE III-11. Schematic of one leaflet of a DOPC/DOPA (9:1) bilayer 

illustrating the most probable locations of PMD 

components 103 

FIGURE 111-12. Schematic of the PMD reaction pathways 107 



14 

CHAPTER IV 

FIGURE IV-1. Structures of cyanlne dyes and lipid monomers 115 

FIGURE IV-2. Plot of sensitized polymerization progress for bis-

SorbPGi5,i5, bis-AcrylPCi6,i6 and bis-SorbPCi5,i5 

following argon purging 116 

FIGURE IV-3. Plot of monomer concentration versus Irradiation time..122 

FIGURE IV-4. Visible absorption spectra of DilC(18)3 in methanol, bis-

SorbPC bilayers and 3:1 DOPEibis-SorbPC bilayers 127 

FIGURE IV-5. UV/vis absorbance spectra of sensitized polymerization 

progress 130 

FIGURE IV-6. UV/vis absorption spectra of DMPG:DilG(18)3 liposomes 

before and after visible-light irradiation 131 

FIGURE IV-7. Size exclusion chromatogram of transesterification 

products : 134 

FIGURE IV-8. Stnjctures of additional sensitizing cyanlne dyes 135 

FIGURE IV-9, Sensitized polymerization progress for aqueous soluble 

and ballasted cyanines 136 

FIGURE IV-10. Dye bleaching progress with various sensitizers 137 

FIGURE IV-11. Monomer conversion with various sensitizers 138 

FIGURE lV-12. Monomer and sensitizer consumption with and without 

EDTA present 138 

FIGURE IV-13. Structure of BODIPY(CIO) 500/510 139 

FIGURE IV-14. UV/vis spectra of BODIPY(CIO) 500/510 in methanol and 

bilayers 140 



15 

FIGURE IV-15. UV/vis spectra of CuPc in CHCI3 and 

bilayers 141 

FIGURE IV-16. Rate of sensitized polymerization as a function of 

irradiation intensity 144 

FIGURE IV-17. Polymerization progress as a function of pH 145 

FIGURE IV-18. EPR spectrum of DMPO derivative after irradiation of 

sensitizer. 146 

FIGURE IV-19. Reaction pathways for DMPO in the presence of 

superoxide radical anion or hydroxyl radical with and 

without DMSO 147 

FIGURE IV-20. UV/vis spectra of DilC(18)3 in buffer and bilayers with 

and without DMSO 148 

FIGURE IV-21. EPR spectrum of DMPO derivative after irradiation of 

sensitizer in the presence of DMSO 149 

FIGURE IV-22. Sensitized polymerization progress of mono- and bis-

SorbPC 156 

CHAPTER V 

FIGURE V-1. Immunoliposomal delivery of therapeutics to cells 164 

FIGURE V-2. ANTS/DPX leakage assays 173 

FIGURE V-3. Fluorescence time scans of leakage from MLVs 178 

FIGURE V-4. Fluorescence time scans of leakage from LUVs and lysis of 

LUVs 179 

FIGURE V-5. Percent leakage versus time for LUV sample 180 

FIGURE V-6. Leakage as a function of pH 181 



16 

FIGURE V-7. Initial leakage rates versus pH 182 

FIGURE V-8. Leakage as a function of temperature 184 

FIGURE V-9. Initial leakage rates versus temperature 185 

FIGURE V-10. Leakage from partially polymerized LUVs 187 

APPENDIX A.I. 

FIGURE A.1-1. Transient absorption spectrum of Cy3+: 50 ps 196 

FIGURE A.1-2. Transient absorption spectrum of Cy3+: 50, 750, and 

2000 ps 197 

FIGURE A.I-3. Decay of Cy3+ absorbance at 485 nm 198 

FIGURE A.I-4. Recovery of Cy3+ absorbance at 662 nm 199 

APPENDIX A.2 

FIGURE A.2-1. EPR spectrum of DMPO derivative in the presence of 

hydrogen peroxide 201 

FIGURE A.2-2. EPR spectrum of DMPO derivative in the presence of 

DMSO 202 

FIGURE A.2-3. EPR spectrum of DMPO with DMPC liposomes and 

DMSO present 203 



LIST OF TABLES 

17 

CHAPTER I 

TABLE 1-1. Principal lyotropic lipid mesophases 24 

CHAPTER III 

TABLE III-1. Zn-p4+ absorption maxima and exctinction coefficients....77 

TABLE III-2. Photophysical properties of Cy3+, p4+, and Zn-p4+ 86 

TABLE 111-3. Stem-Volmer, energy and electron transfer quenching 

constants 96 

TABLE III-4. Stem-Volmer constants and porphyrin lifetimes at various 

cyanine concentrations 99 

CHAPTER IV 

TABLE IV-1. Wavelengths of maximum absorbance and the 

corresponding extinction coefficients for bis-SorbPCi5,i5 

in various environments 132 

TABLE IV-2. Rates of sensitized soriDyl polymerizations 144 

TABLE iV-3. Rates of sensitized polymerization as a function of pH....146 

CHAPTER V 

TABLE V-1. Average percent polymerizations as a function of irradiation 

time for 3:1 DOPE:bis-SorbPCi7,i7 liposomes 177 



ABSTRACT 

18 

Cyanine photosensitizers are visible-light absorbing dyes commercially 

useful in photography and available in a variety of structures with tunable 

redox, absorptivity and excited state properties. The areas of research 

described In this dissertation all utilize cyanine dyes to photosensitize various 

processes to visible-light within the confines of lamellar phospholipid 

assemblies. In Chapter Ml, an efficient three component, liposome-bound 

photochemical molecular device for transfer of energy and electrons is 

described. A porphyrin (free base or metallated) serves as the energy donor, 

a cyanine functions as the energy acceptor/electron acceptor and PhaBnB' 

acts as an electron donor. In Chapter IV, the first example of visible-light 

sensitized bilayer polymerization is presented. Sensitizing the polymerization 

of two-dimensional lipid assemblies to visible-light is part of a current research 

effort to exploit the properties of polymerized supramolecular structures. 

Extending the polymerization sensitivity of such amphiphile aggregates to 

lower energy visible-light creates possibilities for applications where UV 

photolysis would not be useful. Applications of liposomes as drug delivery 

vehicles thus far have relied upon such release mechanisms as pH sensitivity 

or target specific interactions to empty the liposome contents to the cell. 

Chapter V describes a new system for the successful destabilization of 

liposomes at pH 4.5 via visible-light sensitive polymerization of lipids. Visible-

light sensitized polymerization induces the release of liposome aqueous 

contents providing temporal and spatial control over the release event and 

lower energy irradiation with more tissue penetration than UV photolysis. 
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CHAPTER I 

PHOSPHOLIPIDS AND THEIR SUPRAMOLECULAR STRUCTURES 

I.A. Amphiphiilc Molecules 

Amphiphilic molecules, e.g. lipids, and the aggregates they form are an 

interesting class of molecules due to their propensity to fomn supramolecular 

assemblies in aqueous dispersions. Figure 1-1 illustrates the generic structure 

of a double-chained amphiphile highlighting the hydrophilic and hydrophobic 

regions. These variations along the structure dictate trends of molecular 

aggregation in aqueous solution and at air/water interfaces. Amphiphiles 

interact with one another to exclude water from the hydrophobic tails and 

promote optimum hydration of the hydrophilic headgroup. In addition to 

single- and double-chained amphiphiles, molecules termed bolamphiphiles 

exist. These compounds are distinguished by the presence of two hydrophilic 

headgroups linked by alkyi chains. 

Figure 1-1. Schematic of a double-chained amphiphile with the hydrophobic 
and hydrophilic regions highlighted. 

Hydrophobic Tails Hydrophilic Headgroup 

^/\/\A/\/\/\/VV\/\/^^ -J 

Phospholipids, a major component of biological membranes, are 

double-chained amphiphiles with a phosphate functionality in the headgroup. 

An important class of phospholipids are the glycerophospholipids 
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distinguished by the presence of the three carbons of glycerol in the lipid 

backbone at the hydrophobic/hydrophilic interface. Glycerophospholipids are 

composed of two hydrocarbon tails derived from fatty acids and a phosphate 

containing headgroup each attached to the glycerol backbone (Figure 1-2). 

The phosphate moiety is most commonly bonded to position three of the 

glycerol and the tails are connected at glycerol carbons one and two through 

ester or ether bonds. In addition to the plethra of naturally occurring lipids, 

laboratory lipid synthesis has produced a wealth of examples of synthetic 

glycerophospholipids by varying headgroup and tail compositions. Three 

phospholipid headgroups are shown in Figure 1-2, phosphatidylcholine (PC), 

phosphatidylglycerol (PG), and phosphatidylinositol (PI). Other common 

examples of headgroups for glycerophospholipids include phosphatidylserine 

(PS), diphosphatidylglycerol (DPG), phosphatidic acid (PA) and 

phosphatidylethanolamine (PE). Phospholipid tail composition in nature 

relies on the availability of fatty acid precursors. All the hydrocarbon tails 

shown in Figure 1-2 are available naturally and are just a small sampling of the 

biologically produced fatty acid tails produced. Phospholipid tail composition 

can be altered synthetically by chain length, branching, incorporation of 

numerous functional groups and unsaturation. 
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HO. 

o 

1 -Arachadinoyl-2-stearoyl 
phosphatidylinositol 

2-Oleoyl-1 -palmitoyi 
phosphatidylcholine 

2-Oleoyl-1-palmitoyi 
phosphoglycerol 

Figure 1-2. Examples of glycerophosphollpid structures. 

I.A.1 Lipid Self-Assembly 

Lipids are poorly soluble in water. This solubility, described as the 

critical aggregate (micellar) concentration (cmc), ranges from - 10"6 M 

for lipids with phosphatidylcholine headgroups depending on the hydrocarbon 

tail composition."' At lipid concentrations below the cmc, lipid molecules are 

individually solubilized. Concentrations exceeding the cmc lead to lipid 

aggregate formation. Cmc values vary with lipid headgroup and hydrophobic 

tail composition. Increased hydrocarbon chain length decreases the cmc, 

while ease of headgroup hydration is directly proportional to cmc, e.g. cmc of 

PC > cmc of PE.^ Concentrations of lipid in water that exceed the cmc lead to 

the formation of a variety of ordered phases, such as those shown in Figure I-

3, via aggregation of the lipid molecules. These assemblies form and inter 
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convert as a function of concentration, temperature and pressure, illustrating 

the lyotropic and thennotropic liquid crystalline properties of phospholipids. 

• • 

Micellar Phase Lamellar Phase 

Inverted Hexagonal Phase Cubic Phase 

Figure 1-3. Possible phases displayed by lipids in water as a function of 
concentration and temperature. 

As seen in Figure 1-1, amphiphiles have regions of quite diverse 

physical properties, i.e. hydrophilic versus hydrophobic. This diversity drives 

the fomiation of self-assembled structures. The presence of a long aliphatic 

tail or tails predisposes the molecule to low water solubility. To solvate 

amphiphiles, water molecules form an ice-like structure around the tails, 
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essentially immobilizing the solvent at the interface. This is a much less 

favorable entropic interaction than the structure of liquid water that results from 

the strong hydrogen-bond attractive forces between H2O molecules. 

Therefore, water forces hydrophobic molecules out of solution to achieve the 

preferred H2O-H2O interactions. However, the interaction of water with the 

hydrophilic lipid headgroup is favorable, providing a driving force for 

amphiphiles to remain in suspension as aggregates. Hydrophobic tails 

interact with each other through favorable van der Waal's and London 

dispersion forces forming oily regions that exclude water and leave the 

headgroup in an orientation suitable for interaction with water at the lipid-

water interface. These energetics produce an overall negative Gibb's free 

energy of amphiphile aggregate formation called the hydrophobic effect.^ 

Therefore, the balance of the hydrophilic and hydrophobic regions of an 

amphiphile determines the propensity of lipid aggregate formation in aqueous 

solution.^ Furthermore, lipid structure determines what types of aggregates 

can occur and under what conditions the various phases exist. 

I.A.2 Lipid Phases 

Lipids aggregate to form mesophases as a function of concentration, 

temperature and pressure. These lyotropic and thermotropic changes in lipid 

structure are a result of lipid liquid crystallinity. The lipid mesophases display 

long-range ordering in one-, two- or three-dimensions. Table 1-1, from "The 

Phospholipids Handbook","^ lists the various known lyotropic lipid 

mesophases. 
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Solidlike Lamellar Phases 

Type Name Phase Structure 

3-D Lc 3-D crystal 

2-D Lc2D 2-D crystal 

Pp" Rippled gel 

P5 Ordered ribbon phase 

B Ordered ribbon phase? 

1-D Lp Untilted gel 

Lp- Tilted gel 

Lpi Interdigitated gel 

Lap Partial gel 

Fluid Phases 

Type Name Phase Structure 

1-D La Fluid Lamellar 

2-D H Hexagonal 

HC Complex hexagonal 

R Rectangular 

M Oblique 

3-D Q Cubic 

T Tetragonal 

R Rhombohedral 

O Orthorhombic 

Table 1-1. Principal lyotropic lipid mesophases. Table from "The 
Phospholipids Handbook" page 409.'^ 
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The phase names L, H and Q denote lamellar, hexagonal and cubic phase 

types, respectively. Lipid mesophases are further characterized by the 

subscripts I for normal (oil in water) and II for reverse (water in oil) type 

phases. The subscripts describing chain confonnation are C for crystalline, p 

for ordered gel analogous, a for liquid analogous, a|3 for coexisting gel and 

liquid analogous regions and 5 represents helically coiled confomnations. The 

temperature at which a lipid mixture undergoes the phase change from 

crystalline to liquid crystalline is termed Tq. The main phase transition is 

symbolized by Tm and refers to the Lp to La phase change. Three-

dimensional lamellar crystals display long- and short-range order in three-

dimensions, making them true crystals. Two-dimensional phases have 

translational ordering in two-dimensions and are therefore partially 

disordered. One-dimensional mesophases are ordered locally through 

bilayer formation. These bilayers stack into multilayers with water between 

them. 

To illustrate the relationship between lipid phase, water content and 

temperature, two phase diagrams are given in Figure 1-4. The partial phase 

diagrams for dipalmitoyi phosphatidylcholine (DPPC) and dipalmitoyi 

phosphatidylethanolamine (DPPE)'^ illustrate lipid phase dependence on 

temperature and percent water content for these two lipids, and the 

comparison of the two diagrams provides information on the headgroup 

participation in determining lipid phase. The phase diagram for DPPC (left 

diagram) is dominated by the La phase. The formation of nonlamellar phases. 

Ha and Qa, requires extreme conditions including high temperature and low 

water content. Alternatively, the DPPE phase diagram displays much larger 
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regions of nonlamellar phase (Ha=H||). Since the hydrocarbon tails of the two 

lipids are identical, variations in phase behavior must be explained by 

differences in headgroup structure and behavior. Phosphatidylethanolamine 

headgroups are less hydrated than phosphatidylcholine headgroups due to 

inter-lipid hydrogen bonding between ammonium and phosphoryl 

components of the PE headgroups. This property reduces the RE headgroup 

size and diminishes water-lipid interactions (hydration). These properties 

reduce the stability of the PE gel and fluid lamellar phases. Diminished 

hydration also explains the absence of the undulated gel phase in the phase 

diagram of DPPE. The inverted hexagonal phase, Ha or Hn, is stabilized by 

the less hydrophilic PE headgroup due to the smaller headgroup size 

promoting nonlamellar curvature and less requirement for water incorporation 

into the phase. Phospholipids that readily form nonlamellar phases are 

termed polymorphic. 
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Figure 1-4. Partial phase diagrams of DPPC (left) and DPPE from 
"Phospholipids Handbook."'*' 

The shape of the lipid molecule plays an important role in phase 

detemiination since the supramolecular architectures vary in the degree of 

curvature to which the assembled molecules must conform. This 

phenomenon is illustrated in Figure 1-5 where Israeiechviii's theory of 

molecular shape is represented by simplified diagrams of possible 

amphlphilic geometries.® When the hydrophilic headgroup of the amphiphile 

occupies a larger area than the tails, a miceilar aggregate will often be 

preferred to a bilayer structure since the higher curvature in the micelle 
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accommodates the headgroup size while allowing room for hydrocarbon 

chain interaction. Lamellar structures are more stable for amphiphilic 

molecules with tubular geometries where the diameter of the molecule is 

similar over the entire length. Experimental support for this theory was 

obtained by Lee et. al. for a series of dioleoyi lipids of varying headgroup 

size.® Headgroup volumes were calculated from covalent radii and plotted 

versus the affect of lipid addition on the lamellar to hexagonal phase transition 

of a 95 mole percent PE suspension. A linear correlation with R = 0.95 was 

achieved. 

The shape concept of lipid phase fonnation described above ignores 

the interactions between the aggregates, and the chains are assumed to be 

free to fill any available volume within a certain length from the interface. The 

theory qualitatively explains the trends in lipid propensity to form a phase, but 

certain phase transition features are left out, most notably the fact that there 

occurs an abrupt curvature change during the lamellar to inverted hexagonal 

phase. Kirk et al. proposed a more comprehensive model to describe lipid 

phase behavior.^ Four free energy contributions were considered for the lipid 

-phase transitions between the La, Hn and inverted micellar phases. 

Curvature energy associated with bending a monolayer, free energy to pack 

hydrocarbon chains in a non-homogeneous environment, hydration repulsion 

energy due to surface polarization and free energy due to electrostatic 

interactions were all crudely estimated. Together the terms more fully 

characterize the propensity of a lipid to form different phases by accounting for 

more of the interactions occurring during phase transition. 



29 

Amphiphile Shape Aggregate structure 

Triton X-100 

DPPC 

DOPE 

micelle 

bilayer 

Hjj phase 

Figure 1-5. Schematic representation of the relationship between lipid 
molecular shape and aggregate structure. 
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I.B. Phospholipid Bilayer Assemblies: Properties and Applications 

Aggregation of lipids in aqueous solution creates supramolecular 

assemblies that behave as cohesive units of associated molecules. Inherent 

to all lipid supramolecular structures is the occurrence of a hydrophobic region 

and an aqueous domain. The continuity of each of these domains and the 

water content of the phase is dependent upon the assembly morphology. For 

example, in liposomal lipid assemblies aqueous compartments are separated 

from bulk solution by layers of lipid molecules (Section I.B.2.). This property 

allows for encapsulation of aqueous soluble particles (Section I.B.3.). The 

presence of hydrophobic domains provides unique opportunities for 

solubilizing hydrophobic molecules in aqueous dispersions. Other special 

features of the phases are a result of such structural features as size and 

surface area. 

Bilayers and monolayers are typical structures spontaneously fonned 

by many lipids upon dispersion in water above the cmc or upon contact with 

water at an air-water interface. Extended bilayers are two-dimensional arrays 

two molecules thick with a hydrophilic surface and a hydrophobic interior. The 

individual assemblies stack to give a higher degree of order in aqueous 

dispersions. At gas-water interfaces, such as on Langmuir troughs, lipids form 

monolayers. Lipid molecules arrange with their headgroups in contact with 

the water and their tails extending up above the aqueous surface. 

i.B.1. Biological Membranes 

All cells are surrounded by a bilayer membrane. Phospholipids are the 

major lipid form found in most cell membranes, excluding neural tissue. The 
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phospholipid headgroups discussed in Section I.A. occur in nature in different 

abundances depending on the location and purpose of the biological 

membrane. For example, the phospholipid found in highest abundance in rat 

liver, sheep liver, sheep kidney, sheep spleen, sheep heart and sheep brain is 

PC, sometimes exceeding 50 % of the total phospholipid composition of the 

tissue.® Bilayer membrane incorporation of other lipid types is meriibrane 

function dependent. The presence of polymorphic and charged lipids is 

enhanced in membranes as they are needed to alter membrane properties 

and/or functions. Other components of biological membranes include integral 

proteins, cholesterol, diacylglycolipids and sphingomyelin. Membrane 

associated components Include peripheral proteins, which interact with the 

surface of the membrane. The membrane provides a semi-permeable barrier 

whose function goes far beyond simply protecting the cell from intrusion by 

foreign agents and loss of cellular components. The cellular membrane 

provides a medium required for the success of biological processes involving 

membrane components. 

Bilayer membranes are semi-permeable because interaction of most 

aqueous-soluble particles with the hydrophobic bilayer interior is unfavorable. 

Such non-permeating species are kept on the appropriate side of the 

membrane unless a membrane transport system actively moves them across 

the bilayer. Molecules that can tolerate the membrane interior, such as 

cholesterol, enter the bilayer and can be exchanged into the aqueous phase 

at either interface. A second feature of the bilayer is the ability to 'trap' 

molecules into the hydrophobic region. Lipophilic molecules, such as integral 

membrane proteins, prefer to remain as part of the lipid assembly. Their 
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bioiogicai function is dependent upon inclusion into the biiayer membrane. 

Functions that are performed by cellular membrane components depend 

strongly on the ability of the components to diffuse within the two-dimensional 

lipid biiayer. Molecular movement throughout a biiayer is termed lateral 

diffusion. Molecules move about in the x-y plane determined by the lipid 

biiayer with little movement out of the plane in the z-direction (Rgure 1-6). 

More discussion on lipid lateral diffusion can be found in Section I.B.4. 

Figure 1-6. Schematic of one leaflet of a lipid biiayer where lateral diffusion 
(movement of molecules) occurs in the X and Y directions. 

Biological membranes are quite complex structures, and their functions 

are key to the life of a cell. Therefore it is desirable to obtain as much 

information as possible about cellular membrane functions. However, the 

study of biiayer processes is complicated by the complexity of the system. 

Researchers have difficulty isolating functions of individual membrane 

proteins, for example, due to the inability to separate these functions from all 

the others occurring at the same time in the cell. The use of model 

membranes, such as lipid biiayer dispersions or lipid monolayers with 
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incorporated proteins, to study bilayer properties and functions has provided 

infonnatlon useful to developing a more complete understanding of biological 

membrane function. Liposomes are a type of lipid supramolecular structure 

that have been used extensively as simple models for cell membranes. 

I.B.2. Liposomes 

Liposomes or vesicles are supramolecular structures spontaneously 

fonned or induced to form by lamellar phases of lipids in water. They are self-

supported assemblies of bilayers that enclose aqueous compartments and 

remain suspended in aqueous solution. Lipid bilayers have been considered 

models of biological membranes (Section I.B.I.), and liposomes have been 

utilized experimentally as models to deduce information about biological 

membranes.Types of liposomes include small unilamellar liposomes 

(SUV), large unilamellar liposomes (LUV) and multilamellar liposomes (MLV). 

SUV and LUV assemblies have one bilayer of lipid molecules surrounding the 

inner aqueous compartment. Multilamellar assemblies seem to be onion-like 

in appearance with several rings of lamellae, concentrically oriented with 

regions of water between apposing bilayers. 

Just as in any lamellar lipid array, lipids of the liposome bilayer are well 

ordered in a gel analogous or liquid analogous lamellar liquid crystalline 

phase. However, since the lipids are in a mesophase with some degree of 

freedom they are free to diffuse about in the plane of their respective leaflet of 

the bilayer (see Section I.B.4). Lipids in LUV or MLV structures can pass 

through the main phase transition from gel-like to liquid-like phases. 

Geometric packing constraints due to the high curvature in SUV assemblies 
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modify the phase change capabilities of the component lipids.ljv and 

MLV structures typically form spontaneously and are generally considered 

thermally stable. However, SUV formation tends to require energy. As a 

result SUV have limited thermal stability. 

Liposomes can be fonned and characterized by numerous techniques. 

For example, MLVs are produced upon hydration of neutral lipid filnris, and 

LUVs are obtained If negatively charged phospholipids are employed.^^ The 

liposomes thus produced are not of homogeneous size. Techniques that 

generate homogeneously sized liposome dispersions employing the principle 

of shear force to reduce the size and number of liposome lamellae include 

ultrasonication^^ and extrusion through pores of known size.^'^ Liposome size 

distribution can be determined by size exclusion chromatography, dynamic 

light scattering and analytical ultracentrifugation. Sizes of SUVs ranges from 

-20 nm to -80 nm. LUVs are typically less than 200 nm. MLVs are on the 

order of 200 nm to 500 nm. Electron and cryo-electron microscopies are tools 

employed to detemnine liposome size, structural variations and lamellarity. 

I.B.3. Liposome Entrapment of Hydrophilic and Hydrophobic 

Agents 

Molecules that strongly oppose interaction with the hydrophobic or 

hydrophilic region of a lipid assembly will be constrained to the environment in 

which they are solubilized. Such molecules will not be free to travel between 

the regions due to the barrier, aqueous or lipidic, that bounds the particular 

compartment. For example, aqueous soluble agents can be successfully 

trapped in the interior aqueous compartment of liposomes. Non-entrapped 
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solutes can be separated from the liposomes by size exclusion 

chromatography. Minimal leakage is observed as long as the lipid assembly 

structure is pore free and the entrapped agent is truly lipophobic. The 

possibility of encapsulating species, hydrophilic or hydrophobic, into lipid 

assemblies suggests many potential uses for the structures, e.g. drug delivery. 

In addition, charged, water soluble species can be localized via electrostatic 

interactions at the surface of an oppositely charged lipid bilayer,^® expanding 

the possibilities for liposome utilization. 

Many therapeutic agents cannot be administered without some way of 

protecting them and the body from unfavorable interactions occurring before 

the drug reaches the intended site of action. Lipid assemblies are ideal 

carriers of lipophilic or hydrophilic agents since molecules are encapsulated 

into the assembly structure and not free to interact with the surrounding 

environment. Furthermore, lipids are biologically compatible molecules 

unless synthetic modifications of a phospholipids structure create 

incompatibility. Also, LUVs are small enough to travel through the blood 

stream and the vasculature to reach tissue interstitia. These properties make 

liposomes excellent choices for study as therapeutic agent delivery systems 

with the potential for spatial and temporal control of drug release. 

Liposomes are also used to organize reagents into close proximity by 

holding them in specific regions of the lipid assembly. The distance between 

reactive molecules is a key factor in determining the rate of a reaction, i.e. 

dilute solutions promote less frequent molecular collisions than more 

concentrated samples. The hydrophobic domains and hydrophilic-

hydrophobic interfaces of lipid bilayer assemblies can be used to locally 
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concentrate reactants in a directionally non-random manner and thus 

enhance the apparent reaction rates. Alternatively, some non-lamellar 

assemblies, such as cubic phases, could localize aqueous soluble species 

into the water channels. Examples of reactions enhanced by high local 

concentration and non-random orientations in bilayers are phospholipid 

polymerization''^ and energy and electron transfer between bilayer associated 

species. 

i.B.4. Lateral Diffusion and Reorganization of Lipids in Bilayers 

Lipid assemblies are dynamic entities. The component molecules are 

continuously in motion within the array (Figure 1-6). Measurement of lateral 

diffusion rates have been accomplished using the fluorescence recovery after 

photobleaching (FRAP) technique, the excimer technique, ESR, and nmr.^® 

FRAP employs a small amount (< 1 mole %) of a fluorescent-marker lipid 

doped into the lipid assembly of interest. A small area of lipid suspension 

containing the marker is irradiated to bleach the fluorescent molecules in that 

domain. The time required for other markers to diffuse into the dark region is 

monitored to determine the rate of diffusion within the assembly. Lateral 

diffusion coefficients obtained for DMPC by the various methods at 

temperatures from 24 to 35°C range from 1.6 to 22 ^m^ s""!.''® 

Lipid lateral reorganization is the phenomenon of lipid molecules 

rearranging their local concentrations within the assembly via lateral diffusion. 

This often refers to a homogeneously dispersed lipid aggregate composed of 

two or more lipid types reorganizing into a heterogeneous dispersion of 

homogeneous lipid domains of each lipid type. This may happen if the lipids 



of choice are phase separating due to immiscibility at a particular temperature 

or as the result of a reaction within the bllayer that produces a change in lipid 

structure, e.g. polymerization. The result of such a phenomenon is the 

formation of new domains having properties different from the original lipid 

mixture and each other. If a polymorphic lipid such as PE Is incorporated into 

a liposome containing PC, the lipids will mix and remain stable In the lamellar 

form at appropriate molar ratios. However, If an event causes phase 

separation of the two lipids, enriched PE domains will be destabilized leading 

to leakage of the liposomal aqueous contents. 
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I.e. Polymerization of Lipids in Assemblies 

Polymerizations in assemblies exploit unique properties of the 

structures, e.g. high local lipid concentrations and non-random molecular 

orientations (Section I.B.3.). Polymerizable lipids have been designed and 

synthesized for utilization in assemblies such as bilayer membranes for 

applications involving lipid rearrangements induced by polymerization. 

Polymerization of lipids in liposomes, first reported in 1980,2"'-23 ^een 

shown to cause either liposome stabilization or destabilization, depending on 

the circumstances.2'^-26 Polymerizable lipids synthesized to date have 

incorporated monomeric units electrostatically associated with or covalently 

attached to the headgroup, near the lipid backbone, in the lipid tail interior or 

at the end of the hydrophobic chain.The various methods to initiate 

the bilayer polymerizations include direct photolysis and radical production by 

heat, UV light or redox reactions. Reviews by Regen and O'Brien outline 

these reported initiators.^^-^^ Dialkyl-lipid monomers with a reactive group in 

only one tail produce linear polymers. Bis-substitution may lead to 

crosslinking if lipid conformations allow both chains to react.^® Available 

reviews highlight the characteristics of lipid bilayer polymerization and the 

two-dimensional polymers formed.^°'''^'20>27.29.30 

I.C.1. Lipid Monomers 

The location of the monomer on the lipid structure and the type of 

monomer are key factors in developing a lipid for polymerization in 

assemblies. Monomer functionalities can be included in any part of the lipid 

structure, each generating a different type of polymeric system (Figure 1-7). 
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Polymerization of reactive moieties in the lipid headgroup, D, allow retention 

of lipid hydrocarbon tail mobility but may alter the hydration properties of the 

lipid headgroup. Alternatively, a monomer unit at the end of the lipid tail, A, 

limits chain mobility following polymerization but does not alter the headgroup 

function. Polymerizable counterions electrostatically associated to the 

headgroup, E, form a polymer net over the surface of the lipid structure. Other 

potential sites for monomer moieties are along the hydrocarbon tail anywhere 

from the end to near the backbone (B and C), as an appendage from the 

hydrocarbon tail, and as part of a modified glycerol backbone. An added 

characteristic of monomer units in the lipid tail is the opportunity of bis-

substitution leading to a crosslinked instead of a linear polymer. 

B D 

Figure 1-7. Possible locations for a polymerizable functional group in a 
phospholipid structure. X = polymerizable group. 

Types of monomer units incorporated into lipids include methacryloyi, 

acryloyi, sorbyl, diacetylene, thiol, lipoyi, styryl, vinyl, and substituted amino 

acid. Methacrylate, acrylate and sorbate monomer units have all been 

introduced into the end of the hydrocarbon tails in bis- and mono-
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substitution.Phospholipids with dienoyi in the hydrocarbon tail near the 

glycerol backbone have also been synthesized in mono- and bis-substitution 

fashion. Thiol and lipoyi monomer groups have been included in one or both 

of the hydrocarbon tail ends of phospholipids, and thiols have also been 

incorporated further up the hydrocarbon tail.^^ styryl functionality has been 

incorporated into phospholipid tail ends but only the mono-substituted lipids 

would form liposomes.33.34 Polymerization of diacetylene moieties mono- or 

bis-substituted in phospholipid tail interiors especially profits from the ordering 

of hydrocarbon tails in the L3 phase since polymerization of diacetylenic 

moieties is known to require a high degree of ordering to align the monomers 

prior to polymerization.^®'^® 

I.C.2. Lipid Assembly Polymerizations 

Polymerization of phospholipids in assemblies differs from solution 

polymerization in that aggregation of the lipid molecules orients the monomer 

units within the assembly. Solution polymerization relies on three-

dimensional diffusion of monomers and growing polymers to create reaction 

probability. Monomer and growing polymer diffusion in lipid assemblies is 

limited to two dimensions removing one direction of mobility. Also, initiating 

species in solution polymerization have equal opportunities of colliding with 

reactive molecules. However, in lipid assemblies the regional variations in 

supramolecular physical and chemical properties dictate where initiating 

species are capable of diffusing. Therefore, monomer units in the 

hydrophobic interior may require a different type of initiator (hydrophobic) 

than those moieties at the lipid-water interface (hydrophiiic).^^ Regardless of 
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the differences between solution polymerization and lipid assembly 

polymerization, reaction mechanisms are consistent in both media. However, 

reaction rates, modes of termination, polymer molecular weights, and 

polydispersity may be affected by the polymerization environment. 

As state previously, phospholipid assembly polymerization has been 

initiated by direct photolysis and radical production by heat, UV light or redox 

reactions. Typical UV absorbing phospholipid monomer groups include 

dienoate (^max - 254 nm), diacetylene (kmax ~ 254 nm), and styryl (Xmax ~ 244 

nm). Common thermally labile radical generators used in lipid assembly 

polymerization are hydrogen peroxide, azobis(isobutyronitrile) (AIBN), and 

azobis(2-amidinopropane) dihydrochloride (AAPD). An example of a redox 

initiating system for phospholipid assembly polymerization is potassium 

persulfate with sodium bisulfate.^^ The choice of initiator is a function of 

monomer type, location of polymer group, and sensitivity of lipid to 

polymerization conditions (temp, irradiation). 

I.e.3. Properties and Applications of Polymerized Lipid 

Assemblies 

Polymerized lipid assemblies have properties distinctly different than 

the monomeric assemblies from which they are derived. Following 

polymerization, phase behavior is altered, lipid miscibility is affected, and 

assembly stability is changed. During polymerization reactions, lipids are 

diffusing normally due to the dynamic nature of lipid assemblies. However, 

once lipids become covalently joined forming a larger molecule via 

polymerization reactions, diffusion of the growing polymer and of the other 
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lipids around the polymer is affected. Polymers formed may create barriers 

through which other lipids cannot pass. The ultimate result is lipid 

reorganization into domains of polymer and monomer/nonpolymerizable 

lipids. If bis-substituted monomer is incorporated into the lipid mixture, 

crosslinking of the linear polymers can be achieved. In this case, a gel point is 

reached where lipid lateral diffusion is drastically retarded.^^ 

Perhaps the most easily imagined application for polymerizable lipid 

assemblies is the stabilization of a thermotropic phase. Soon after the first 

reports of polymerization of lipids in liposomes, researchers found that 

conversion of lipid from monomer to polymer prolonged the shelf-life of 

liposomes, inhibited increases in liposome size, enhanced liposomes 

tolerance of organic solvents and surfactants and altered bilayer pemneability 

properties.More recently lipid polymerization has been shown to 

stabilize nonlamellar assemblies. Lee et. al. fonned nonlamellar phases with 

mixtures of a mono-substituted polymerizable RE and a bis-substituted 

polymerizable PC.^® A 3:1 molar ratio of PEiPC existed in a lamellar phase at 

temperatures below 60°C and in a nonlamellar phase above this temperature. 

Greater than 80 % conversion of lipid monomer while in the nonlamellar 

phase produced a stabilized nonlamellar structure. This phase remained 

stable for several days at 0°C, well below the 60°C lamellar-nonlamellar 

phase transition temperature. 

Alternatively, liposomes can be destabilized upon polymerization of 

some of the lipid components. Key to this approach is the preparation of 

liposomes of mixed lipid systems composed of polymerizable lipids along with 

nonpolymerizable lipids of which some or all are polymorphic.^'^ As described 
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above, domain formation occurs during polymerization. If domains of 

polymorphic lipid are fomned, these areas of the lipid assembly may become 

unstable under the appropriate conditions. This concept has been exploited 

in the design of liposomal compositions for drug delivery applications. 

Destabilization of the polymorphic lipid domains leads to leakage of the 

liposome aqueous contents. Control of when destabilization occurs by 

controlling the polymerization event provides a potential method for delivering 

therapeutic agents with temporal control. Spatial control of drug release 

would depend on recognition events between the liposomes and tissue as 

well as the location where polymerization is induced. 
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INTRODUCTION TO VISIBLE-LIGHT SENSITIZED VINYL 

POLYMERIZATIONS 

II.A. Why Sensitize Vinyl Polymerizations to Visible-light? 

There are numerous methods for initiating the polymerization of vinyl 

monomers. Direct photolysis with UV light is suitable for any monomer with a 

substantial extinction coefficient or high enough concentration (optical 

density). Radical initiators generated thermally, photolytically, or via redox 

reactions will induce the radical chain polymerization of almost all monomers 

containing vinyl groups. Emulsion polymerizations of vinyl monomers typically 

utilize peroxides, azo compounds or redox initiation systems. Ionic chain 

polymerizations are highly selective toward vinyl monomers. A vinyl monomer 

with electron donating substituents will be most susceptible to cationic 

polymerization, and vinyl monomers with electron withdrawing groups may 

undergo anionic polymerization. Cationic polymerizations are most commonly 

initiated by protonic or Lewis acids. Anionic polymerizations can be initiated 

utilizing numerous basic (nucleophilic) species, e.g. NaNH2, alkoxides, 

hydroxides, amines, cyanides. 

Although all of the initiation methods mentioned above successfully 

cause the polymerization of various vinyl monomers, some polymer 

applications require special initiation systems. For example, in vivo 

polymerizations for drug delivery or other therapeutic reasons should avoid 

the addition of potentially hamnful initiating agents such as acids, bases, and 

metals. Altematively, direct UV photolysis of monomers in vivo is potentially 



45 

harmful and Inefficient due to significant tissue damage and minimal tissue 

penetration. Sensitizing vinyl polymerizations to visible-light via addition of an 

appropriate light absorbing species to the monomer preparation is 

advantageous in many applications where lower energy irradiation is possible 

or necessary. For example, in vivo applications of visible-light sensitized 

polymerization have the advantages of a lower energy excitation source and 

deeper tissue penetration than UV photolysis. Additionally, polymer 

applications in photoimaging/photolithography and with fiber-optic light 

sources exploit the sensitivity of human vision, natural light sources (solar), 

and advances in laser supply in response to the growing demand for 

advanced and more environmentally conscious technology. The development 

of high power tunable lasers for excitation of neariy any visible-light absorbing 

chromophore has expanded the possibilities for designing visible-light 

sensitive systems. 

As the science of sensitizing polymerizations to visible-light continues 

to develop, more potential applications will emerge. However, relatively few 

visible-light sensitizing protocols are known and even fewer have found 

practical use. Difficulties in the development of visible-light sensitizing 

systems include obtaining significant quantum efficiencies, minimizing dye 

bleaching reactions, selecting appropriate activators and fine tuning the 

wavelength of absorption. 

II.A.1. Characteristics of Visible-light Sensitized Polymerizations 

To characterize reactions induced by photoexcitation, all excited state 

decay processes must be considered. These processes include radiative 
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decay, internal conversion, intersystem crossing, energy transfer, electron 

transfer, and other bi- and intra-molecular reactions. Sensitized 

polymerizations result from excited state reactions that lead to initiator 

formation. Radiative and nonradiative pathways are competitive excited state 

decay modes in sensitized polymerization mechanisms. Intersystem crossing 

is a potential step in a sensitization pathway if triplet states are suspected as 

reactive species. Electron transfer and energy transfer reactions are common 

steps in mechanisms for generating polymerization intiators. 

Quantum efficiency, irradiation intensity, and energy of absorbance are 

all critical factors for describing a sensitization system. The quantum efficiency 

of the polymerization is a measure of how much light must be absorbed to 

initiate the polymerization reaction. A meaningful way to represent this value 

is in temris of the number of monomers consumed per photon absorbed by the 

sensitizer. Since the photons absorbed by the sensitizer lead to initiator 

formation, it is possible to have a quantum efficiency as defined with a value 

much greater than one due to propagation of the polymer chain. However, 

quantum efficiencies of monomer consumption of less than one are 

sometimes observed due to such inefficiencies as competitive excited state 

pathways, sensitizer bleaching reactions and alternative reactions with 

initiator. Intensity of incident irradiation is related to the rate of the 

sensitization process since it controls the number of excited state sensitizers at 

any given time. Increased Irradiation intensity produces more photoexcited 

sensitizers and therefore more frequent production of initiators. Choice of 

irradiation source may limit the reaction efficiency and/or flexibility in choosing 

a sensitizer. Common irradiation sources include He/Ne lasers (red light 
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emission), Argon ion lasers (predominantly green light emission), and high 

pressure arc lamps such as Hg/Xe (emission from UV to near IR). 

II.A.2. Sensitizers and Lipid Assemblies 

Since the focus of the work presented in this document is to sensitize 

the polymerization of lipids in assemblies, it is important to consider the 

interaction of sensitizing molecules with these supramolecular lipid structures. 

As described in Chapter I, lipid phase is sensitive to water content and 

temperature. Another factor influencing lipid phase structure is the presence 

of additional molecules associated with or incorporated into the assembly. To 

efficiently sensitize the polymerization of lipid monomers which are 

aggregated into structures of high local monomer concentration, the initiating 

species should be either generated near the lipid assembly or have a high 

affinity for interacting with the supramolecular structure. Sensitizers that are 

present in the bulk aqueous medium may not be as efficient as a sensitizer 

associated with the lipid assembly simply due to the proximity of initiator 

formation to the site of action. 

Localizing the sensitizer in the vicinity of the lipid assembly may be 

accomplished in various ways. Perhaps the most easily imagined is the 

interaction of a hydrophobic sensitizer with the hydrophobic portion of the lipid 

assembly. Hydrophobic molecules become imbedded into the hydrophobic 

interior to avoid contact with water and promote interactions with the lipid tails. 

Alternatively, a sensitizer can be designed as a lipidic molecule, with 

hydrophobic tail(s) and a hydrophilic headgroup so that it incorporates into the 

lipid assembly in a manner similar to the host lipids. Electrostatic association 
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of the sensitizer to the surface of an assembly with a non-neutral surface 

charge also localizes the sensitizing molecules near the monomers. 

All of these methods for localizing a sensitizer near the lipid assembly 

may alter the lipid phase properties. Phase characteristics are determined by 

the interactions of lipid tails with each other, lipid headgroups with each other, 

and lipid headroups with water. These interactions are adjusted when 

additional components are introduced. Certainly the amount of sensitizer 

present plays a significant role in determining the extent of the phase altering 

effects. Concentrations up to a threshold value may have no discernable 

effects on the lipid phase properties. This is undoubtedly a key issue to 

evaluate when adding sensitizers to a lipid assembly. 
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II.B. Types of Sensitizers 

A light-absorbing molecule useful for sensitizing polymerization 

reactions to photon absorption is defined here as any substance doped into a 

monomer system which upon photo-excitation generates an initiating species 

with or without the requirement of additional cofactors. Polymerization 

reactions have been sensitized to light ranging from ultraviolet to near infra

red by sensitizers that produce initiating species via several modes of excited 

state interactions. For the purposes of this thesis only visible-light sensitizers 

will be discussed. Therefore, the molecules of interest will absorb between 

400 and 700 nm. Light of this energy range is produced by the sun, common 

arc lamps, such as Hg(Xe), or by any of a number of lasers. Commonly, 

irradiation leads to radical production via bond cleavage. The energy of 

visible-light photons (50 to 70 kcal/mol) Is not enough to cleave most covalent 

bonds. Therefore, subsequent reactions that generate the energy necessary 

for bond cleavage are required, such as oxidation-reduction reactions. 

Photosensitizers have been reported to initiate radical and cationic 

polymerizations. Photosensitizers for cationic polymerization of susceptible 

monomers typically react with cofactors to form Lewis or protonic acids that 

initiate the polymerization. Sensitizers of radical polymerizations generate 

initiating radicals upon excitation via homolytic a- or p-cleavage (Type I) or 

reaction with an activator (Type II). Examples of Type II reactions are energy 

and electron transfers between photo-excited photosensitizer and activator. 

Electron transfers between dyes and activators produce oxidized and reduced 

species that typically undergo fast subsequent reactions to preclude back 

electron transfer, e.g. homocleavage of one transfer product. 
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II.B.I Photosensitizers for Cationic Polymerizations 

Monomers reactive to cationic conditions include cyclic ethers, cyclic 

acetais and some vinylic compounds containing electron-donating 

substituents. Sensitized cationic polymerizations are initiated with the same 

types of species as non-sensitized cationic polymerizations, i.e. Lewis or 

Bronsted acids. Diaryl iodonium and triarylsulfonium salts have been reported 

to sensitize cationic polymerizations to UV light (K < 240 nm).'^° The salts are 

stable enough to be stored for extended periods in the presence of highly 

reactive monomers without reacting. The suggested reaction pathway 

involves photolytic cleavage of an Ar-I bond (Equation 1) followed by reaction 

with a proton source to produce an initiator-coinitiator complex (Equation 2) 

that can proceed to donate a proton to induce cation polymerization. The 

counterion, X, is a nonnucleophilic and photostable anion, e.g. BF4", SbFe" or 

PF6', and the proton source can be the solvent or an added cofactor such as 

alcohol. 

There is some controversy over the actual pathway for initiator formation in this 

system. It has also been postulated that charge transfer/electron transfer from 

photo-excited iodonium to its counterion leads to fonnation of aryl iodide and a 

reduced counterion. The reduced counterion then reacts with a hydrogen 

source to generate a strong Bronsted acid for cationic initiation.'^^ The end 

result is identical in either case making determination of the actual mechanism 

difficult. 

Ar2l+X- -> Arl+-(X-) + Ar-

Arl+-(X-) + S-H H+(X-) + S- + Art 

(1) 

(2) 
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The polymerizations systems described above are sensitive to UV light. 

Extension of the sensitivity of diaryliodonium and triarylsulfonium salt 

photoinitiation to visible-light has been achieved. Visible-light irradiation of 

acridinium sensitizers (-450 nm) such as acridine orange (1) or yellow in the 

presence of diaryl iodonium salt leads to cationic initiation of polymerization.'^^ 

The mechanism of sensitization could involve energy or electron transfer from 

the excited state sensitizer to the salt. More recently reported is the 

sensitization of the photoinitiator system via triplet state electron transfer from 

meso-diphenyltetrabenzoporphyrin metallo complexes (2).'^2.43 

(CH3)2N N N(CH3)2 

1 

2 

The complexes absorb between 400 and 650 nm depending on the type of 

metal and the presence of onium salts. The rate of formation for metallo 
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porphyrin cation radical during laser flash photolysis via triplet state electron 

transfer to diphenyliodonium salt was determined to be -2 x 10® s"'' in the 

absence of oxygen. Each electron transfer potentially leads to formation of a 

cationic intiator, depending on the efficiency of the reduced diaryliodonium to 

produce an initiating species. Without knowing the quantum efficiency of 

formation of the metalloporphyrin cation radical and since laser flash 

photolysis generates a high power pulse of irradiation, it is difficult to comment 

on the significance of the rate of radical formation stated above. The 

application of this sensitization to polymerizations of (meth)acryloyl monomers 

has been reported.'^^ 

II.B.2. Sensitizers for Radical Polymerizations: Type I 

Homolytic photofragmentation of excited state Type I sensitizers 

produces two free radicals.^ 

A-B* -» A- + B- (3) 

Initiation of polymerization evolves from the reaction of one or both radicals 

with monomers. Examples of compounds that undergo photofragmentation 

rnclude halogen compounds, azo compounds, aromatic carbonyl compounds, 

hexaarylbisimidazoles, peroxides and peresters.^® 

Photoinitiation via UV light absorption by (trichloromethyl)-1,3,5-

triazines (3) is believed to involve homolytic cleavage of a C-CI bond.'^® 

Extension of the wavelength sensitivity toward visible light has been 

accomplished by substitutions of chromophores on the triazine ring and by the 

use of sensitizers, such as covalent attachment of sensitizing dyes (4). 
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Most of the other examples of Type I photolnitiators require substantial 

structural transformations to become visible-light absorbing. Alternatively, 

visible-light absorbing sensitizers can be added to activate the Type I 

photoiniators. Therefore, many of the UV absorbing Type I sensitizers can be 

considered activators in Type II visible-light photosensitization systems. 

Visible-light absorption by the Type II sensitizer leads to energy or electron 

transfer to the activator (Type I sensitizer) followed by homolytic cleavage of 

the activator. 
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II.B.3. Sensitizers for Radical Polymerizations: Type II 

Type II photosensitizers are by far the most common class of visible-

light sensitizers available. The initiator is generated through a series of 

reactions that begin with photo-excitation of the sensitizer followed by energy-, 

electron- or charge-transfer to or from an activator. The activator should not 

absorb the incident irradiation, and the sensitizer/activator reaction should be 

fast to compete with fluorescence and non-radiative decay pathways of the 

excited state sensitizer. Electron transfer reactions leading to initiator 

formation are the predominant sensitization mechanisms reported.'^^ '*® The 

electron transfer can be to or from the photo-excited sensitizer. Photo-

reducible sensitizers are much more common than photo-oxidizabie 

sensitizers.'^"'Examples of activators for photo-reducible dye sensitization 

are amines and organoborates. Activators to photooxidizable sensitizers 

include iodonium polyhalogen hydrocarbons and oxygen. The remainder of 

this introduction to photosensitizers will be devoted to Type II sensitizers. 
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II.C. Type II Sensitizers 

II.C.I. Xanthene Sensitizers 

Xanthenes are highly colored photoreducible or photooxidizable 

sensitizers with 3 fused aromatic rings and 1 pendant aromatic ring all 

moderately to highly substituted with halogens and carbonyl substituents (5, 

where X and Y are typically halogens and Z is typically an 0 containing 

moiety). The sensitizers have high extinction coefficients (-100,000 M"'' cm" 

"I). Upon excitation, xanthenes become good electron acceptors or donors for 

suitable activators. They typically absorb green light (near 520 nm) and can 

have high intersystem crossing efficiencies if they are highly substituted by 

halogens. Therefore, energy transfer to triplet oxygen is an unwanted side 

reaction for these sensitizers. Often oxygen is purged from the system prior to 

irradiation. In the presence of oxygen, an induction period is typically 

observed during which energy transfer to oxygen occurs until enough oxygen 

is removed from the system to diminish its competition with the desired 

reaction. These sensitizers have been applied in stereo- and photo

lithography. 

Electron donating activators commonly employed with xanthene 

sensitizers are triethanolamine and triethylamine. Upon oxidation, the amines 

rearrange and/or cleave to produce radical initiators. Sensitizer bleaching is 

concomitant with polymer formation due to disruption of the chromophore 

upon electron acceptance and subsequent reactions. 
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Kumar and Neckers reported the visible-light sensitized homo- and 

copolymerization of oxime acrylates with polyfunctional acrylates using an 

argon ion laser irradiation source.^® The sensitizing dyes used were the 

decarboxylated, acetylated derivative of Rose Bengal (5: Yi = CI, Y2 = I, Zi = 

H, Z2 = -CO2CH3) and eosin (5: Yi = CI, Y2 = Br, Z^ = -COONa, Z2 = -ONa), 

both sensitive to 514 nm irradiation. Activators employed were triphenyl n-

butyl borate, triethanolamine (TEA), triethylamine and triethanolamine 

triacrylate (TEAT). Polymerizations were carried out at room temperature and 

under ambient air atmosphere. Monomer/sensitizer/activator mixtures were 

prepared and irradiated in a manner that produced spikes of solid polymer 

that could be separated from the mixture and weighed to determine percent 

conversion. Sensitizer concentrations were approximately lO"'^ M with 

activator concentrations in molar excess (10"2-10""' M). Laser power and 

length of irradiation time controlled depth of polymer spike penetration into the 

mixture. Comparison of TEA and TEAT activators in eosin sensitized 

polymerization of acrylates showed that TEA produced faster polymer 
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formation and higher percent monomer conversion. Essentially complete 

conversion of monomers in the copolymerization dipentaerythritol 

pentaacrylate with 2,3-butadlone monooxime acrylate was obtained in 

approximately 10 sec upon irradiation with a 200 mW, 514 nm laser using 

eosin sensitizer with TEA. The authors postulate that an intramolecular radical 

transfer from nitrogen atom to oxygen atom via a five-membered cyclic 

transition state available to TEA enhances its polymerization initiating ability 

over that of TEAT. 

Initiator formation in the Rose Bengal derlvative/borate system reported 

by Kumar and Neckers also Involves electron transfer from the activator to 

excited state sensitizer.'^® However, initiator formation in this case results from 

fragmentation of the reduced sensitizer. The Rose Bengal derivative utilized 

in these sensitized polymerization reactions is the decarboxylated and 

acetylated fonn of Rose Bengal. Upon reduction, this sensitizer eliminates an 

acetyl radical which serves as initiator. The authors do not mention 

participation of the oxidized borate in the initiation event. However, it is known 

that oxidized triphenyl n-butyl borate cleaves to form triphenyl boron and an n-

butyl radical capable of initiation.'^^ 

A unique example of xanthene sensitized polymerization has 

application in microencapsulation and cell transplantation. Pathak et al. used 

eosin sensitizer and triethanolamine activator to sensitize the polymerization 

of water-soluble poly(ethylene glycol)-based macromers.'^® The sensitization 

was perfomried in direct contact with cells and tissue without cytotoxicity. PEG-

diacrylates or -multiacrylates served as macromers to be crosslinked via 

visible-light sensitization. Sensitized polymerizations (514 nm) of macromers 
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were performed in suspensions with cells, eosin, triethanolamine and N-

vinylpyrrolidinone. Visible-light sensitization lead to crosslinking of the 

macromers into permselective gels surrounding the cells. The eosin 

sensitized polymerization scheme occurred in the presence of dissolved 

oxygen, a requirement for cell viability. Encapsulated cells were found to be 

95 % viable, exactly comparable to the viability of non-encapsulated control 

cells. Extrusion of the original suspension produced microsphere droplets 

0.5-0.8 mm in diameter which could then be gelled via visible-light sensitized 

polymerization. A sphere 0.5 mm in diameter could be polymerized in 100 ms 

at 6 W cm"2 irradiation intensity. 

II.C.2. Thiazine Dyes 

A series of monographs by Chen were published in 1965 reporting a 

study of visible-light sensitized polymerizations of acrylamide in aqueous 

solution utilizing thiazine dyes with various cofactors and activators under a 

variety of conditions in an attempt to optimize the polymerization rate and the 

sensitized polymerization quantum efficiency.'^^"®^ The reactions were carried 

in aqueous solution in the presence of oxygen. Under the conditions 

employed, the sensitizer methylene blue (6, A,max = 665 nm) with the activator 

triethanolamine produced polyacrylamide of molecular weights near one 

million. The mechanism of initiator formation was postulated to be similar to 

that observed for the xanthene/amine systems. Electron transfer from amine to 

excited state dye followed by rearrangement/fragmentation of the oxidized 

amine yields a radical initiator. 
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Polymerization rate was first order in absorbed light intensity and could be 

maximized by varying the initial dye concentration. At low dye concentrations, 

the sensitizer exists in a non-aggregated state. As the concentration of 

sensitizer increases, the aggregation state is enhanced. Rates of 

polymerization and absorption spectral data indicate that the non-aggregated 

state of the dye serves as a sensitizer while dye aggregates function as chain 

terminators. Quantum efficiencies for monomer conversion range from 5.6 x 

102 to 2.7 x 103 monomers consumed/photon absorbed, increasing as the 

time of irradiation exposure increases. This increase in quantum efficiency 

during polymerization progress results from the combination of a decrease in 

photon absorption due to dye bleaching and a continuous increase in the rate 

of monomer consumption. Over 30 % conversion of monomer was achieved 

in less than 90 sec under optimum conditions. 

Chen further reported that methylene blue/triethanolamine sensitization 

of acrylamide polymerization was enhanced by the addition of the doubly 

anionic dye eosin Y, a xanthene which absorbs maximally near 500 nm.®° If 

addition of an anionic species could reduce methylene blue aggregate 
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formation, the sensitized polymerization should become more efficient. The 

interaction between the two dyes, monitored by UV/vis absorption 

spectroscopy, diminished the methylene blue absorptivity and inhibited 

methylene blue aggregate formation. Very little change was observed in 

eosin Y absorbance properties. Irradiation conditions allowed photon 

absorption by either dye. Both dyes sensitized acrylamide polymerization 

when irradiated in the absence of the other. However, methylene blue 

produced substantially faster rates and higher molecular weights. Eosin Y 

sensitized polymerization involved an induction period presumably during 

which triplet interactions with oxygen were occurring until oxygen presence 

was reduced to a noncompetitive level (see Section II.B.1.). With both dyes 

present in the appropriate ratios, the sensitized polymerization rate was higher 

than with only methylene blue. However, the polymer molecular weight was 

reduced from that produced with methylene blue sensitization. The sensitized 

polymerization rate as a function of the ratio of cationic to anionic dye 

displayed a parabolic relationship. Mole ratios of methylene blueieosin Y 

ranged from 2.3:1 to 1.2:1, High eosin Y content (1.2:1) lead to no 

enhancement of the methylene blue sensitization rate. However, at 25°C the 

rate was of methylene blue sensitized acrylamide polymerization was 

enhanced by a factor of 3.5 upon the addition of eosin (2.3:1 methylene 

blue:eosin Y). 

Eaton reported the imagewise visible-light sensitized polymerization of 

films of vinyl monomer mixtures with methylene blue or Rose Bengal.®^ The 

activators in this system were benzyltrialkylstannanes. Excited state sensitizer 

serves as electron acceptor from the stannane complex. The oxidized 
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benzyltrialkylstannane fragments to yield an alkyi radical initiator (methyl or n-

butyl). Mixtures of mono-and poly-functional acrylate and methacrylate 

monomer films were sensitized to visible-light polymerization as evidenced by 

infrared spectroscopy of the product. 

II.C.3. Cyanine Photosensitizers 

Cyanines are visible-light absorbing dyes with methine bridges joining 

aromatic heterocycles. Typically cationic, cyanines most commonly are 

employed with organoborate activators as their counter Ion (7, Xmax = 550 

nm). 

Photoexcitation of the cyanine makes it a better electron acceptor from borate 

(Equation 4), and electron transfer is followed by hemolytic cleavage of the 

oxidized organoborate (Equation 5). The organic radical thus produced 

initiates vinyl polymerization. 

+ 

7 

Cy+ + ArsRB" -> Cy + ArsRB-

ArsRB- -> ArsB + R-

(4) 

(5) 
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The above reaction pathway was thoroughly investigated by Schuster and 

coworkers.'^^ The series of reactions produce initiating radicals in good yield 

because the back electron transfer reaction (reverse of Equation 4) is slower 

than cleavage of the oxidized borate (Equation 5). The excited state of 

merocyanine (8, A,max = 540 nm) also reacts with triarylalkyi borate anions to 

sensitize polymerizations.'^® 

Photo-generated reduced cyanine is a good electron donor to suitable 

substrates. This property has been exploited by the incorporation of additional 

activators. Peresters present in the reaction medium can accept an electron 

from reduced cyanine and subsequently cleave to generate an initiator for 

vinyl radical polymerization as reviewed by Davidson.®® The sensitized 

polymerization of methacrylate monomers was reported in a patent by 

Murofushi and Hosoda using a cyanine/borate/benzophenone tetrabutyl 

perester visible-light sensitizing system. Presumably the efficiency of the 

polymerization evolves from the fact that a single excited dye potentially 

generates two initiating species, one from the borate cleavage and one from 

the perester cleavage. Additionally, cyanine is regenerated via oxidation by 

perester. 

8 
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Other examples of cyanine sensitization involve excited state dye acting 

as an electron and/or energy donor. Eaton reviewed an early 1970's patent 

by Moore reporting the sensitization of vinyl monomer polymerization to 

visible-light using a neutral cyanine (9) and polyhalogen hydrocarbon 

activator In the absence of oxygen. 

9 

An electron from the excited cyanine is accepted by the polyhalogen 

hydrocarbon (Equation 6), 

*Cy + CH2Br2 -> Cy+' + CH2Br2'- (6) 

and a haloalkyi radical acts as the initiator (Equation 7). 

CH2Br2"* Br + CH2Br* (7) 

A sensitizing system composed of a cyanine sensitizer and an A/-alkoxy 

pyridinium activator was reported by Farid et al.^^ An extensive series of 

sensitizers were employed including compound 7 with an I" counterion. The 

pyridinium derivatives are good electron acceptors for the excited state 

cyanines chosen and yield an oxgen-based alkoxy radical initiator following 

the photoreaction. Mono- and bis-acrylate monomers were reportedly 

responsive to this sensitized polymerization system. 

Bubeck and coworkers reported using amphiphilic cationic cyanines, 

such as the one shown below (10, Xmax = 490 nm), to sensitize the 

polymerization of multilayers of diacetylenic fatty acids.®® 
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Monomer and sensitizer were transferred from a Langmuir trough onto quartz 

plates. Sensitizer concentrations were maintained below 5 mole % for 

successful transfer and below 1 mole % to reduce dye aggregate formation to 

a negligible amount. Incorporation of cyanine into the diacetylenic multilayers 

resulted in a red shift in the dye absorption maximum as compared to the 

absorption in methanol solvent. Excitation of the multilayer embedded 

amphiphilic dye produced polydiacetylene with the same absorption 

properties as polydiacetylene fomned upon direct UV photolysis of the fatty 

acid monomer. The quantum yield for polymer formation was determined for 

sensitized polymerization and UV photolysis induced polymerization. The 

values were found to be 7.2 x 10"^ and 10 monomers reacted/photon 

absorbed, respectively. The mechanism of sensitization was postulated to be 

a combination of charge transfer and energy transfer from excited state 

cyanine to monomer with a competing reaction of energy transfer from excited 

cyanine to polymer. No induction period was reported, indicating excited state 

dye interactions with oxygen do not inhibit the process. 

II.C.4. Additional Sensitizers 

Gratzel and coworkers reported the polymerization of microemulsion 

droplets utilizing an organometallic visible-light sensitizer.®® Monomers 
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employed include styrene, divinylbenzene, acrylamide, methyl methacrylate, 

and acrolein. Ruthenium bis-pyridinium [Ru(bpy)3)] or the amphiphilic version 

Ru(bpy)2(2Ci7-bpy) served as the light absorbing sensitizer (k > 450 nm). 

Degassed, translucent, oil-in-water microemulsion suspensions were 

prepared with the monomer and sensitizer as integral components of the 

microemulsions. The sensitization reaction proceeds via an electron transfer 

reaction between the Ru-pyridinium sensitizer and an amphiphilic persulfate 

activator, (CTA)2S208. Due to its amphiphilic nature, the activator is localized 

into the microemulsion droplets near the sensitizer and monomer. After 

persulfate accepts an electron from the ruthenium complex, the radical ion 

decays to eventually produce a hydroxyl radical (Equations 8-10). 

*Ru(bpy)32+ + SaOs^- Ru(bpy)33+- + SaOs^"-

SaOs^-- SO42- + S04-- (9) 

S04-- + H2O -> HSO4- + HO- (10) 

Rates for quenching of Ru-pyridinium complex fluorescence by persulfate 

were determined via Stem-Volmer analysis. For the emulsion polymerization 

of a styrene/divinyl benzene monomer system rate constants were 0.38 x 10^ 

and 6.12 x 10^ M""! s""! for the amphiphilic and normal ruthenium complex, 

respectively. Enhanced rates with the amphiphilic version of the sensitizer are 

attributed to the favorable geometry of the amphiphilic version in relation to the 

activator. 

Several examples of ketocoumarins as visible-light sensitizers of vinyl 

polymerizations can be found in the literature. Williams et al. reported the 

sensitized polymerization of acrylate-type monomers with a series of 

ketocoumarins in a dry film.®° The julolidyl-substituted ketocoumarin shown 
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below (11) shows sensitivity over the wavelength range 360 to 550 nm. The 

report demonstrates how tuning of the sensitizer structure creates the ability to 

utilize various activators with different mechanisms for Initiator formation. 

Some excited state ketocoumarlns were suitable for accepting an electron 

from an amine, others for donating an electron to an alkoxypyrldinium salt, and 

still others for charge transfer with acetic acid derivatives. 

o 

11 

Fouassier et al. reported the ketocoumarln visible-light sensitized (k 

480-520 nm) polymerization of methacrylate and acrylate derivatives. Two 

activators were used with the sensitizer, A/-phenylglycine (PG) and diphenyl 

lodonlum chloride (DPI). The system was most sensitive when both activators 

were present. The triplet state of the ketocoumarin was Implicated as the 

reactive species. Interaction of triplet ketocoumarin with PG results In 

hydrogen atom transfer to generate the ketyl form of the sensitizer and an 

amine radical. DPI and triplet ketocoumaring undergo electron transfer 

generating oxidized ketocoumarin and reduced DPI. The two quenching 

agents have similar rates of quenching ketocoumarin triplet state, 2 x 10^ M""! 

s""!. 
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II.D. Conclusions 

Sensitizing vinyl polymerizations to visible-light has proven to be a 

challenging development In polymer chemistry. Sensitization systems have 

promise in photolithography, xerography and medical applications. However, 

relatively few sensitizing systems are available (as shown in this review), and 

even fewer of these examples have found application. These facts stress the 

importance for continued research toward the development of new and more 

efficient visible-light sensitizing polymerization methods. 

Fouassier et al. conducted a series of experiments comparing UV and 

visible-light sensitized polymerizations of PETA (12) and comparing various 

UV and visible-light irradiation sources.®"* 

1 2  

Benzil dimethyl ketal (Xmax < 400 nm) and eosin/methyldiethanolamine (X.max 

> 500 nm) were the UV and visible sensitization systems, respectively. UV 

irradiation sources were polychromatic light (2 KW continuous lamp, -lO""® 

photons cm-2 s*""), mode-locked Ruby laser (6 ps pulses, 300 ps half-width, 10 

ns separated, 80mJ, A, = 347 nm), excimer laser (1 pulse, 15 ns, 50 mJ, X = 

308 nm), nitrogen laser (1 pulse, 8 ns, 3 mJ, X = 337 nm), and 15 W 

continuous argon ion laser (50 mW, X = 363.8 nm). Sources for visible-light 

irradiation were 15 W continuous wave argon ion laser (900 mW, X, = 514 nm). 
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modulated continuous Nd laser (30 mW, 150 ns pulse half-width, 12500 Hz 

repetition rate, X = 530 nm), and modulated continuous wave Cu vapor laser 

(3 W, 25 ns pulse half-width, 5000 Hz repetition rate, X = 510 nm). 

Sensitization of polymerization was characterized in terms of absorbed dose 

required to generate identical polymerization extent. Results indicated that the 

UV system was virtually insensitive to the irradiation source. However, 

comparison of the visible irradiation sources illustrated a vast difference in 

their requirements for absorbed dose, some sources requiring a dose 3.4 

times that of others. Relative absorbed doses were reported as 1, 1.3 and 3.4 

for visible-light sensitized polymerization using Cu vapor laser, argon ion 

laser, and Nd laser, respectively. Average quantum yields for disappearance 

of monomer upon UV and visible-light irradiation from CW argon ion laser 

were estimated to be 2 x 10"^ and 1 x 10^ monomers reacted/photon absorbed, 

respectively. However, irradiation times using either sensitization mechanism 

were comparable due to the availability of high power visible-light sources. 

Recall the comparison of cyanine sensitized polymerization of diacetylene 

amphiphiles to direct UV photolysis (Section II.C.3.). These results also 

indicate a substantially more quantum efficient polymerization under UV 

photolysis, although not UV sensitized as in the case described above. These 

experimental results indicate that, at least for the monomer/sensitizer systems 

studied, visible-light sensitization systems have lower efficiencies than UV 

sensitive polymerizations. 

As discussed previously in this chapter, there is interest in using visible-

light sensitizers to cause the polymerization of lipids in assemblies. Four 

amphiphilic sensitizers were discussed in this introduction, two carbocyanines 
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(Section II.C.3., 7 and 10),  nnerocyanine (Section II.C.3., 8),  and 

Ru(bpy)2(2Ci7-bpy) (Section II.C.4.). Certainly, it is plausible that any of 

these lipid-like sensitizers could incorporate into lipid assemblies. 

Amphiphilic carbocyanines and merocyanine have been utilized as probes in 

lipid bilayers, and therefore their ability to interact with lipid assemblies is well 

documented.®2-65 At relatively low concentration (< 1 %) the cyanines exist as 

monomers in lipid bilayers. Higher dye concentrations result in dye 

aggregation. Aggregation is potentially disadvantageous due to changes in 

excited state properties. 

Nearly any ionic sensitizer can be electrostatically associated to a lipid 

assembly surface under the appropriate conditions. The lipid suspension 

should be in low ionic strength buffer; the surface charge of the lipid assembly 

should be of the appropriate sign and appropriately dense; and the counterion 

of the sensitizer should be readily exchangable and not participating in the 

sensitization mechanism. It has been shown that aqueous soluble, cationic 

cyanines will electrostatically associate with anionic liposome surfaces.®® 

Cationic methylene blue and dianionic eosin are other sensitizers which could 

potentially bind with charged lipid surfaces. 

The interaction of activators with lipid assemblies also directly effects 

the efficiency of the sensitized polymerization. Activators such as alkylaryl 

borates, diaryl iodides and organotin derivatives are relatively hydrophobic 

potentially leading to substantial localization of the activator within the lipid 

assembly. Flewelling and Hubbell found that Ph4B" resides in the bilayer 

interior with a high association constant (~105).67.68 altemative to amine 

activators may be the use of amine functionalized lipid headgroups. 
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Localization of the activator near or within the lipid assembly along with the 

sensitizer should enhance the rates of excited state interactions over that 

observed in the bulk aqueous phase. 

Cyanines are used extensively as photosensitizers. The cyanine 

sensitization systems outlined above include the use of several different 

activators including alkyi aryl borate and A/-alkoxy pyridinium derivatives. The 

mechanisms of interaction with photoexcited dye for both activators are 

electron transfer reactions. However, borate activators serve as an electron 

donor while pyridinium activators serve as electron acceptors. Both electron 

transfer reactions lead to subsequent degradative processes of reacted 

activator producing initiating species. Back electron transfer is inhibited by 

these cleavage reactions. As mentioned above, some cyanine derivatives are 

amphiphilic. Also, it is known that Ph4B' binds to lipid bilayer interiors. It is 

feasible to imagine amphilic derivatives of A/-alkoxy pyridinium (13) or 

counter-ion assoiation of pyridinium activator with anionic amphiphilic 

cyanine. Therefore, either of these two cyanine sensitization methods have 

potential application in lipid assembly polymerization. 
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Thorough comparison of the efficiencies of the sensitization systems 

discussed is difficult due to lack of relevant information such as quantum 

efficiencies of polymer formation for polymerizations of similar monomers 

under similar conditions. However, some significant conclusions can be 

drawn. Several of the sensitization methods described were effective in the 

presence of air and in water, e.g. eosin'^® and methylene blue'^^. Medical 

applications would certainly require sensitization under ambient aqueous 

conditions. Two of the systems discussed provided excited state sensitizer 

quenching rate constants. Quenching rate is related to the rate of initiator 

formation. Rates of 2 x 10® s*"' and 2 x 10^ s*"" were reported for porphyrin 2 

reaction with diaryl iodonium and ketocoumarin 11 reaction with DPI or PG, 

respectively. Actual quantum efficiencies for momoner conversion were 

reported for methylene blue/amine sensitization of acrylamide aqueous 

polymerization (2.7 x 10^ monomers reacted/photon absorbed), cyanine 

sensitized polymerization of diacetylene lipid films (7.2 x 10"^ monomers 

reacted/photon absorbed) and eosin/amine sensitized polymerization of a 

multifunctional acrylate monomer (12) (2 x 10^ monomers reacted/photon 
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absorbed). Variations in quantum efficiencies may be due to competitive 

excited state processes, type of initiator formed, reactivity of monomer, and 

types of polymerization termination reactions. Cyanine sensitization of 

diacetylene films stands out as strikingly inefficient compared to the other two 

methods. It can not be determined whether this is actually a function of the 

cyanine sensitization method or the polymerization conditions in the film. 

However, the relatively low quantum efficiency of the direct UV photolysis of 

the film (10 monomers reacted/photon absorbed) suggests the inefficiency 

may be a function of the lipid film environment. 

Finally, two examples were provided that exploit at least two 

sensitization reactions simultaneously to yield a more efficient system. Chen 

reported the use of methylene blue and eosin Y together to enhance the rate 

of acrylamide polymerization.®^ Fouassier et al. utilized two activators, DPI 

and PG, in ketocoumarin sensitized polymerization of methacrylate and 

acrylate derivatives to yield a more efficient polymerization.®^ Perhaps this 

approach of saturating the system with potential reactions of excited state 

senstizers is a method that should be further explored. 
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CHAPTER III 

A PHOTOCHEMICAL MOLECULAR DEVICE SUPPORTED BY A 

PHOSPHOLIPID MEMBRANE 

III.A. Introduction 

Photochemical molecular devices (PMDs) have been defined by 

BalzanI and Scandola®® as "assemblies of molecules capable of performing 

light-induced functions". Examples of such systems range from simple donor-

acceptor diad molecules^® to the intricate reaction centers of photosynthetic 

organisms.These systems are under intense investigation both for 

practical applications such as solar energy conversion as well as to 

understand the basic processes involved in light energy transduction 

mechanisms in biological systems. 

The individual components of PMDs most often function as donors or 

acceptors for energy and/or electron transfer reactions. Reasonable reaction 

efficiencies necessitate that the components be held in close proximity to one 

another. Conceptually, the simplest means of fulfilling this requirement is 

through covalent linkage of the various moieties. Such an approach offers fine 

control over intercomponent distances and orientations/®-^'^'^® parameters 

which are critical to energy and electron transfer applications. One potential 

drawback to covalently linked systems is that the overall synthetic yields are 

often low. Recently, PMDs have been reported in which the individual 

components are assembled by noncovalent interactions such as 
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complementary hydrogen bonding patterns®^ and simultaneous coordination 

to transition metals 

Another strategy for PMD assembly involves sequestering the desired 

components within microheterogeneous media such as micelles, 

microemulsions or liposomes. These supramolecular assemblies offer two 

appealing features: (1) Confining reactants to organized media effectively 

increases their local concentrations, often leading to enhanced or altered 

reactivity relative to that observed in homogeneous media.®^'®"^ (2) The 

anisotropic nature of organized media permits localization of reactants within 

different regions of the assembly, facilitating vectorial reactions.®®'®® 

Within the regime of supramolecular assemblies, lipid bilayers 

represent an extremely flexible medium in which to confine chemical 

reactions. Judicious selection of constituent lipids as well as membrane-

bound reactants can lead to reaction at the hydrophilic surface, in the 

hydrophobic interior or across the interface of the membrane in a reasonably 

predictable manner. In this report, we present a liposome-based PMD 

consisting of a cationic porphyrin (antenna pigment), a cationic cyanine dye 

(receiver pigment) and an anionic borate (electron donor). Previously, 

Armitage et al. demonstrated vectorial photoinduced electron transfer from the 

borate to the cyanine dye in phospholipid membranes."'®'®® The hydrophobic 

triphenylbenzylborate anion, bound in the interior of the bilayer, functioned as 

electron donor while the hydrophilic cationic cyanine dye acting as light 

absorber and electron acceptor was electrostatically bound to the membrane 

surface. Irradiation with red light initiated vectorial electron flow from the 

membrane interior to the surface. Also previously demonstrated was an 



energy transfer system that utilized a surface-associated porphyrin as an 

energy donor to sensitize excitation of the aforementioned cyanine dye.^° 

This blue light sensitive system performs an energy transfer reaction on the 

liposome surface. Coupling the porphyrin-cyanine energy transfer with the 

cyanine-borate electron transfer results in the system described here, where 

the sensitivity of the simple cyanine-borate electron transfer PMD has been 

extended to the blue region of the visible spectrum, with the surface-

associated porphyrin acting as an antenna pigment.®® Ideally, irradiation with 

blue light causes excitation of the porphyrin followed by energy transfer to the 

cyanine, triggering electron transfer from the borate to the cyanine. The PMD 

thus exhibits two sequential reactions following excitation with the novel 

feature that the two steps proceed with orthogonal orientation: energy transfer 

occurs parallel to the membrane surface while the subsequent electron 

transfer step occurs perpendicular to the surface. Improvement of the PMD 

efficiency was achieved by replacing the porphyrin antenna pigment with its 

zinc substituted derivative. 
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III.B. Experimental 

III.B.1. Materials. 

A/,A/'-bis-[(3-trimethylammonio)propyl]thiadicarbocyanine tribromide 

(Cy^"'') was purchased from Molecular Probes (Eugene, OR) and used as 

received. 5, 10, 15, 20-tetrakis-[4-(trimethylammonio)phenyl] 21H, 23H-

porphine, tetra-p-tosylate salt and sodium tetraphenylborate (Ph4B') 

were purchased from Aldrich Chemical Company (Milwaukee, Wl) and used 

as received. Methanol and acetonitrile (J. T. Baker Inc., Phillipsburg, NJ; 

Photrex grade) were used as received. Milli-Q water (Millipore Co..Bedford, 

MA) was used in all experiments. L-a-dioleoylphosphatidylcholine (DOPC) 

and L-a-dioleoylphosphatidic acid (DOPA) were purchased from Avanti Polar 

Lipids (Pelham, AL) and used as received. Purity was checked by thin layer 

chromatography (65:25:4 CHCl3/MeOH/H20 eluent). Lipids were stored as 

chloroform solutions at 5°C. 

Synthesis of the tetramethylammonium salt of triphenylbenzylborate 

(PhsBnB") is reported elsewhere.The white crystalline solid gave 

satisfactory ^ H-NMR and melting (decomposition) points. Zinc-p4+ was 

produced via metallation of p4+ by Bruce Armitage, and verification of product 

identity and purity was achieved via comparison of UV/vis absorption and 

emission properties with those reported in the literature.®^ Zn-p4+ UV-vis 

spectrum shows a A,max of 416 nm. The absorbance maximum reported by 

Kalyanasundaram was 419 nm for Zn-p4+. Additionally, the wavelength of 

maximum fluorescence was experimentally found to be 610 nm for Zn-p4+ 

with a corresponding literature value of 606 nm. Literature values for Zn-P^+ 
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wavelengths of peak absorbance and their corresponding absorptivity 

coefficients were similar to those obtained experimentally (Table lll-l).^^ 

Experimental 

Peak absorbances, nm 416 (380000) 

(e, M-l cm-l) 551 (180000) 

590 (8000) 
Table III-1. Absorption maxima and 
obtained experimentally and found in the 

Literature^^ 

419 (448000) 

552 (182000) 

592 (6100) 
absorptivity coefficients of Zn-P^+ 
literature. 

III.B.2. Liposome Preparation. 

An appropriate amount of DOPC/DOPA (9:1) stock solution (in 

chloroform) was added to a 10 mL pear-shaped flask. The solvent was 

evaporated by passing a stream of argon gas over the sample, leaving a film 

of lipid on the wall of the flask. Residual solvent was removed by drying under 

vacuum for at least two hours. The lipid film was hydrated with buffer (10 mM 

imidazole, pH=7.0) and vortexed. The sample was then subjected to ten 

freeze-thaw cycles, accomplished by immersion for four min in a dry 

ice/isopropyl alcohol bath followed by ten min in a water bath. Liposomes 

were formed by extrusion ten times through two 0.1 ^m polycarbonate filters 

(Nuclepore Co.; Pleasanton, CA) at a pressure of 250 psi.^'^ The extruder 

(Lipex Biomembranes, Inc.; Vancouver, B. C.) was warmed to a temperature of 

37 °C. 
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III.B.3 Determination of Liposome Concentration. 

The resulting liposomes were assayed for phosphatidylcholine content 

(90% of the total lipid content).This was done by removing 40 jiL of the 

liposome suspension and adding this to approximately 0.5 mL spectral grade 

methanol in a test tube. The solvent was then removed by placing the test tube 

in a warm water bath and passing argon gas over the solution. Subsequently, 

0.5 mL spectral grade chlorofonn was added and evaporated as above. The 

first step ensures that the liposomes are disrupted while the second 

guarantees the complete removal of methanol. This is particularly important 

since methanol can cause inaccurate results in the assay. 

After drying, 2.0 mL spectral grade chloroform was added to the lipid 

film followed by 2.0 mL of the ammonium ferrothiocyanate test solution 

(prepared by dissolving 3.04 g ammonium thiocyanate and 2.703 g ferric 

chloride in 100 mL water). The test tube was vortexed for one min then 

allowed to stand for ten min. The optical density of the chloroform layer at 488 

nm was measured and compared to a calibration curve to determine the 

phosphatidylcholine content in the liposome suspension. (Phosphatidic acids 

are not detected in this assay, which requires a positive charge to be present 

in the lipid.) The entire procedure was done in triplicate. The calibration curve 

was generated by starting with a solution of DOPC in chloroform of known 

concentration (in which case the evaporation steps were unnecessary). 

The liposomes were sized by dynamic laser light scattering 

(Brookhaven BI-8000AT correlator with a 5-mW He-Ne laser light source 

operating at 632.8 nm; Brookhaven Instruments Corp., Holtsville, NY) utilizing 

four separate analysis packages to extract the set of exponential functions 
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which made up the autocorrelation functions. Measurements were made in 

triplicate at 60°, 90° and 120° scattering angles.®"^ Liposomes prepared by 

extrusion as outlined above were 105 ± 5 nm in diameter. 

The diameter together with the lipid concentration were then used to 

determine the liposome concentration. The number of lipids in a single 

unilamellar liposome (NJ was calculated using values for the bilayer width 

(50 A),^® the area per molecule (70 and using Equation 1 : 

N l = +  r - h n o  =  9 . 0  X 1 0 4  ( 1 )  

where ro = 525 A and rj = 475 A correspond to the outer and inner radii of the 

liposome. The lipid concentration determined by the ammonium 

ferrothiocyanate assay was then divided by the number of lipids per liposome 

to give the liposome concentration. 

III.B.4. Binding of Pigments to Liposomes. 

Cy^"^ was previously found to bind to DOPC/DOPA liposomes using 

absorption and fluorescence spectroscopies.^The UV-vis absorption 

spectra of 3.85 |iM solutions of P'^'*' in the absence and presence of 

DOPC/DOPA liposomes were acquired on a Varian DMS-200 (Varian 

Techtron Pty. Limited, Victoria, Australia) double beam instrument. The 

absorption maximum shifted from 410 nm to 417 nm in the presence of the 

liposomes. The UV-vis absorption spectra of 0.49 mM solutions of Zn-p4+ 

were acquired in the absence and presence of DOPC/DOPA liposomes. The 
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absorption maximum shifted from 416 nm In water to 422 nm in the presence 

of liposomes. 

Fluorescence spectra of 10.0 p.M solutions of in the absence and 

presence of 1.0 nM DOPC/DOPA liposomes were acquired on a Spex 

Fluorolog II spectrofluorometer (Spex Industries, Inc., Edison, NJ). Excitation 

was at 414 nm, which is an isosbestic point in the absorption spectra for the 

porphyrin In water and on DOPC/DOPA liposomes. No self-quenching of p4+ 

or Cy3+ fluorescence was observed for up to 100 P^"'" and 400 Cy3+ per 

liposomes.®® 

III.B.5. Calculation of Concentration of Membrane-Bound Cy^'*' 

and PhsBnB'. 

In order to calculate the concentration of membrane-bound Cy^"'" and 

PhsBnB" the volume of their respective binding domains within the lipid 

bilayer must be estimated. For Cy3+, it can be assumed that the dye is bound 

only to the exterior surface of the membrane. This seems reasonable as 

human erythrocytes are impermeable to Cy3+.9^ A second assumption is that 

Cy3+ is bound within a 5 A-wide domain within the hydrophilic head-group 

region of the membrane. This is consistent with previous arguments favoring 

a well-defined binding site for liposome-bound Cy^+.ss For a 1050 A-

diameter liposome, the volume of the outermost 5 A of the membrane is 1.7 x 

10"^ A3 = 1.7 X 10-20 |_, Multiplying this number by the total number of 

liposomes in the sample (vide supra) gives the total volume available to Cy3+. 

Binding of 200 Cy3+ per liposome gives a concentration of 19.5 mM. 

Alternatively, estimating the width of the Cy3+ binding domain at 3.5 A and 
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multiplying this by the surface area of a vesicle will provide a different binding 

volume (1.1 X 10"20 Uvesicle). The former calculation was used here; 

whereas, the latter method was used in a previous publication.^^ 

For PhsBnB", the volume of the binding domain is estimated by analogy 

with Ph4B", a close structural analogue. Flewelling and Hubbell have 

assigned Ph4B" to two binding sites within the membrane, each approximately 

8 A wide and 5 A from the nearest surface.®® While diffusion by PhsBnB" 

between the two binding sites is permitted, the depth of the potential wells at 

these sites indicates that at any given time, virtually ail of the borate molecules 

will be in one of the two sites. Therefore, the total volume of these two binding 

domains, 5.0 x 10^ A^ = 5.0 x 10*20 l per liposome, is taken as the available 

volume. Binding of 200 PhaBnB" per liposome gives a concentration of 6.6 

mM. 

Ph4B' partitions from water into lipid bilayers with an equilibrium 

constant of -[qSGT.qq.qq phsBnB" is expected to have similar partitioning 

behavior. The volume of bilayer available for borate binding is four orders of 

magnitude less than the bulk aqueous volume. This difference creates the 

possibility that as much as 10-15% of the borate molecules are solvated in the 

buffer. If borate molecules located in the bulk aqueous phase complexed with 

Cy3+, they would induce changes in the cyanine absorption spectrum as 

previously reported."'®-®®-^'' If this occurs it should be more pronounced at 

lower liposome concentrations due to the greater difference in the bilayer to 

water volume ratio. The Cy3+ absorption spectral shapes at 1 nM and 5 nM 

liposome concentrations with 400 Cy3+ and 1000 PhsBnB" per liposome 
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were Identical when normalized for the concentration difference. Therefore, 

only membrane bound borates appear to interact with the dye molecules. 

III.B.6. Singlet-Lifetimes of Membrane-Bound Pigments. 

The singlet excited state lifetimes of membrane-bound Cy3+, p4+, and 

Zn-p4+ were estimated based on their respective lifetimes in water. For p4+ 

and Zn-P^^+i Kalyansundaram reported values of 9.3 ns and 1.75 ns.^^ The 

lifetime of Cy3+ in water was measured at the University of Illinois Laser 

Laboratory using a picosecond time-scale apparatus described elsewhere.^'^ 

A value of 950 ps was obtained, Cy3+ lifetime data are shown in Appendix 

A.1. Assuming that the radiative rate constants for the two pigments do not 

change upon binding to the liposome, the lifetimes of the membrane-bound 

dyes are given by Equation 2: 

^ membrane 
^membrane / „ /0\ 
^ ^ H.O ^ ^ W 

The relative fluorescence yields were obtained by exciting liposomal and 

aqueous solutions of each dye at their respective Isosbestic points In order to 

insure excitation of equal numbers of dye molecules In each case. The 

lifetimes (xmembrane) obtained by this procedure are 10.5 ns for p4+, 3.85 ns for 

Zn-p4+, and 1.7 ns for Cy3+. 

III.B.7. Energy Transfer Experiments. 

P'*'^ was added to a suspension of 5.0 nM DOPC/DOPA liposomes in a 

ratio of 10 porphyrins per liposome. The fluorescence emission spectrum was 

recorded with excitation at 417 nm, the P'^ absorption maximum. Subsequent 
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spectra were recorded after addition of Cy^"^ to the liposomes in 20 Cy^"^ per 

liposome increments, up to 460 Cy^"^ per liposome. The ratio of emission 

Intensity at 650 nm without and with Cy3+ was calculated for each addition 

and plotted versus cyanine concentration. Additionally, a sample was 

prepared having 460 Cy^"^ per liposome but no The emission spectrum 

was then acquired under identical conditions to the porphyrin-containing 

sample. Similar experiments were performed using Zn-P^+ and Cy3+. 

Excitation was at Zn-P^"*" absorption maximum, 424 nm, and emission was 

monitored at 610 nm. Cy3+ were added in 20 per liposome increments up to 

200 per liposome to a liposome suspension containing 10 Zn-p4+ per 

liposome. 

ill.B.8. Fluorescence Quenching Experiments. 

Electron-transfer quenching of p4+, Zn-p4+, and Cy3+ fluorescence by 

PhaBnB" was studied using standard Stem-Volmer analysis.'^-^^® P'^ (10 per 

liposome) was added to 5.0 nM DOPC/DOPA liposomes. The emission 

Intensity at 696 nm was measured with excitation at 417 nm. PhaBnB" was 

added in 200 borate-per-liposome increments up to 1000 PhaBnB" per 

liposome. The emission intensity was recorded after each addition. Zn-P^+ 

(10 per liposome) was added to 5.0 nM DOPC/DOPA liposomes. The 

emission intensity at 609 nm was measured with excitation at 424 nm. 

PhsBnB" was added as described above in 200 borate-per-liposome 

increments while recording the emission intensity after each addition. Similar 

experiments were run for Cy^"^ (various concentrations, excitation at 669 nm), 

mixtures of P"^ and Cy^"^ (excitation at 417 nm) and mixtures of Zn-p4+ and 
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Cy3+ (excitation at 424 nm). Tine ratio of the emission intensity without and 

with PhsBnB" (IQ/I) was calculated for each addition and plotted versus 

[PhaBnB*]. 
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III.C. Results 

III.C.1. Optical Properties of Pigments. 

Structures of and Cy^"*" are shown in Rgure III-1. Zn-p4+ structure 

is derived from p4'+ structure via the replacement of the two central amino 

hydrogens with bonds to Zn along with coordinate bonds between zinc and 

the two other central nitrogens. Addition of one pigment (or a combination of 

one of the porphyrins and cyanine) to a suspension of DOPC/DOPA 

liposomes in low ionic strength buffer results in electrostatic association of the 

cationic dye(s) with the anionic membranes. 

ficCHJj 

(CHjhN WCHjh 

(Pl:)3 (3 Br) 

Cy^ 

•^N(CH3)3 

Figure III-1. Structures of cationic pigments. 
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Binding of dyes results in (a) bathochromic shifts of the absorption maxima, (b) 

enhanced fluorescence yields and (c) increased singlet lifetimes of all dyes 

(Table lli-2). Similar spectral perturbations have been observed for binding of 

anionic cyanine dyes to cationic lipid bilayers-''^''-^^^ 

Dye ^max (H2O) ^max (vesicle) Fluorescence 
Yield 
Enhancement 

T, ns 

Cy3+ 650 nm 669 nm 90 % 1.7 

p4+ 410 nm 417 nm 13% 10.5 

Zn-P4+ 416 nm 422 nm 120 % 3.85 

Table III-2. Photophysical properties of Cy3+, p4+, and Zn-P^+. 

As seen in Figure III-2, the absorption spectra of P^"*" and Cy^"^ are completely 

resolved from one another, permitting selective excitation of either 

chromophore. However, the fluorescence emission spectrum of P^"^ has 

extensive overlap with the absorption spectrum of Cy^"^ (Figure III-2), 

indicating that energy transfer from P^"^ to Cy^"*" should be very efficient. Thus 

photochemistry involving excited Cy^"^ should result from either direct 

excitation of Cy^"*" in the red or from excitation of P'^'^ in the blue followed by 

energy transfer to Cy^"*". Figure 111-3 illustrates the similar interaction of Cy3+ 

with Zn-p4+ showing the resolved absorption spectra and overlap between 

Zn-p4+ emission and Cy3+ absorbance. 
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Figure III-2. Absorption spectra of liposome bound p4+ (A) and Cy3+ (C); 
emission spectrum of p4+ (B), Overlap of p4+ emission with Cy3+ absorption 
is shaded. 
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Figure III-3. Absorption spectra of liposome bound Zn-P^+ (A) and Cy3+ 
(C): emission spectrum of Zn-P4+ (B). Overlap of Zn-P4+ emission with Cy3+ 
absorption is shaded. 

III.C.2. Energy Transfer Between and on the Liposome 

Surface. 

Energy transfer reactions in liposome-based systems have been 

studied using a) amphiphilic dyes which are integrated into the bilayer,"'°2'^°^ 

b) charged, water-soluble dyes which are electrostatically associated with an 

oppositely charged membrane surface^or c) a combination of 

amphiphilic and hydrophilic dyes.^°®'^^° Figure III-4 illustrates the effect of 

increasing surface concentration of Cy^"^ on the fluorescence emission 

spectrum of P^"^. As more Cy^"^ is bound to the liposome surface, the 
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characteristic doubly-peaked porphyrin fluorescence Is quenched and 

replaced by the cyanine emission profile, evidence of singlet energy transfer 

from to Cy^"*". The clean isoemlssive point at 660 nm indicates that 

quenching occurs solely by energy transfer. Excitation at 417 nm in the 

absence of leads to virtually no Cy^"*" emission. Overall, the Cy^"*" 

emission yield upon excitation at 417 nm is enhanced 60-fold by binding of 

just 10 porphyrins per liposome, proving that the cyanine emission evident In 

Figure III-4 is sensitized by energy transfer from the porphyrin. 

Emission intensity values from Figure 111-4 were used to determine the 

Stem-Volmer constant for energy transfer. Emission Intensity ratios (Iq/I) at 

650 nm without and with Cy3+ were plotted against cyanine concentration. 

The slope'of the straight line obtained is the Ksv for energy transfer (Figure 111-

5). Ksv for energy transfer Is 29.1 m""!; the corresponding rate constant (Ket) 

is 2.7 X 109 M-i s-i. 

•a H 

n 
c 

2 
P4-.+-

.2-

aoo 750 600 650 700 
Wavelength (nm) 

Figure III-4. Emission spectra of liposome-bound P^+ (10 per liposome; 4.7 
nM liposomes) in the presence of increasing amounts of Cy3+. Each 
successive spectrum corresponds to addition of 20 Cy3+ per liposome. 
Excitation at 417 nm. 
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Figure III-5. Plot of Cy3+ concentration versus change in fluorescence 
Intensity at 650 nm. Data obtained from spectra in Figure III-4. 

Ro, the average distance of - Cy3+ separation when porphyrin 

emission is 50% quenched, was calculated from the experimental data. 360 

Cy3+ per liposome are required to quench the fluorescence of 10 P^"'" per 

liposome by 50% (Figure III-4). The RQ for 370 pigments randomly distributed 

on the surface of a 100 nm vesicle is 52 A. Altematively, RQ was calculated 

using Equation S:"'"''' 

Ro = (JK2Qn-4)i^(9.79 x 103) (3) 

where J is the overiap integral, K is the orientation factor (estimated to be 2/3), 

Q is P^+ fluorescence quantum yield in the absence of Cy3+ and n is the 

refractive index (1.5). The reported porphyrin quantum yield, 0.07,^^ vvas 



91 

enhanced by 13% to 0.08 in the same manner that the lifetime was enhanced. 

J was calculated using Equation 4: 

(4) 

where F^is the nomialized p4+ emission spectrum, E;i is the Cy3+ absorption 

spectrum in terms of extinction coefficient and A is the wavelength in cm. The 

calculated J value was 1.3 x 10-12 cm^/M which yields a Rq of 46 A. 

III.C.3. Energy Transfer Between *Zn-p4+ and Cy3+ on the 

Liposome Surface 

Figure 111-6 illustrates the effect of increasing surface concentration of 

Cy3+ on the fluorescence emission spectrum of Zn-p4+. As more Cy^"'" is 

bound to the liposome surface, the characteristic doubly-peaked zinc-

porphyrin fluorescence is quenched and replaced by the cyanine emission 

profile. This phenomenon is attributed to singlet energy transfer from excited 

state zinc-porphyrin to cyanine as described in the previous section. 
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Figure III-6. Emission spectra of liposome-bound Zn-P4+ (10 per liposome; 
5.0 nM liposomes) in the presence of increasing amounts of Cy3+. Each 
successive spectrum corresponds to addition of 20 Cy3+ per liposome. 
Excitation at 424 nm. 

Emission intensity values from Figure III-6 were used to determine the 

Stem-Volmer constant for energy transfer. Emission intensity ratios (Iq/I) at 

610 nm without and with plotted cyanine against Cy3+ concentration (Figure II-

7). The slope of the straight line obtained, Ksv for energy transfer, is 62 M""!. 

The con-esponding rate constant (kEr) is 1.6 x iC® M-1 s"!. 
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Figure III-7. Plot of Cy3+ concentration versus change In fluorescence 
intensity at 610 nm. Data obtained from spectra in Figure III-6. 

Ro was calculated from the experimental data. 170 Cy3+ per liposome 

quench Zn-P4+ (io per liposome) fluorescence emission by 50 %. 

Calculating the average distance of separation between the pigments on the 

liposome surface yields an Ro of 74 A. Alternatively, calculating R© using 

Equations 3 and 4 yields a J value of 9.7 x 10""IS cm^/M and subsequently an 

Ro of 33 A. Constants used in Equation 3 were the same as for calculations 

with p4+ with an estimated fluorescence quantum yield for Zn-p4+ of 0.02. 

Zn-P4+ fluorescence quantum yield was not available in the literature but was 

estimated through comparison with emission spectral intensities for p4+ and 

Zn-P^. The ratio of fluorescence intensity maximum for p4+ on DOPC/DOPA 

liposomes to its estimated fluorescence quantum yield was assumed to be 

equivalent to the same ratio for Zn-P^. 
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lli.C.4. Vectorial Photoinduced Electron Transfer in Liposomes: 

Fluorescence Quenching. 

Emission from surface-associated P4+, Zn-P^+, and Cy3+ is quenched 

by vectorial electron transfer from the hydrophobic donor Ph3BnB", which 

resides in the membrane interior.In initiarexperiments, quenching of 

in the absence of Cy3+ (using 417 nm excitation), Zn-p4+ in the absence of 

Cy3+ (using 424 nm excitation), and Cy^"'" in the absence of porphyrin (using 

669 nm excitation) by PhsBnB" were studied. The resulting Stern-Volmer 

plots are linear (Figure III-8) and yield quenching constants (Ksv) which, 

together with lifetimes (x) permit calculation of the electron transfer rate 

constants: 

^ = (5) 
T(J)  
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Figure III-8. Fluorescence quenching as a function of PhsBnB" 
concentration for two component electron transfer systems (10 per 
liposome, 10 2n-p4+, or 200-400 Cy3+ per liposome; 5.0 nM liposomes), 

Stem-Volmer constants as well as rate constants for the energy and electron 

transfer reactions are collected in Table III-3. 
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Reaction Ksvi kq, M""! s'l 

•p4+ + Cy3+^P4+ + •Cy3+ 29.1 ±0.4 2.7x 109 

*P4+ + Ph3BnB--^p3+-+ PhaBnB- 31.5 ±2.9 3.0x109 

*Zn-p4+ + Cy3+^Zn-p4+- + *Cy3+. 62.6 1.6x 1010 

*Zn-p4+ + Ph3BnB"->Zn-p3+* + 
PhaBnB-

6.1 1.6 X 109 

*Cy3''" + Ph3BnB-->Cy2+- + PhsBnB- 33.4 ±2.4 2.0x 1010 

Table III-3. Stern-Volmer, energy and electron transfer quenching 
constants. 

Equation (6) is derived from the classical Stern-Volmer equation. 

^ = 1+/i:J(2] = l+[Q = Ph,BnB-) (6) 

This equation cannot be used for photoinduced electron transfer from 

PhsBnB" to Cy3+ sensitized by energy transfer from or Zn-p4+ to Cy3+. 

As outlined below, a quadratic dependence of the relative fluorescence yield 

on borate concentration is predicted. 

The quantum yield (<E>o) for sensitized cyanine fluorescence is simply 

the product of the energy transfer quantum yield and the cyanine fluorescence 

quantum yield [Equation (7)]: 

kET[C] 

+ k^nr + kET[C] k°f + k^nr (7) 

([C] is cyanine concentration.) 
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In the presence of PhaBnB", the quantum yield now includes an electron 

transfer quenching component: 

'̂ et[C] Iff 

kPf + kPnr + MC] + kPet[B] ' k'^f + kV + k%,[B] 

([B] is PhaBnB' concentration.) 

The ratio of Equation (7) to Equation (8) provides an experimentally useful 

equation, since the quantum yield ratio is equivalent to the easily measured 

fluorescence intensity ratio: 

n I 1 r jfsE. 1 
o  ] _ *  k P i  +  k ^ + k E T C C ]  J  K ' l  +  k ' n ,  J  

Equations (10) and (11) describe the lifetimes of p4+ and Cy3+, respectively, 

in the absence of the electron donor. 

xP = 1 

x= = 

+ kPpr + kET[C] (10) 
1 

Î C . I-C 
f nr ("j "I) 

(Note that this is not equal to the lifetime for or Zn-p4+ given in Table 

111-2.) 

Substitution of Equations (10) and (11) into Equation (9) provides a much 

simplified form of the quantum yield ratio. 

|°= (1 + kPetxPpDd + 
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Replacing ketx with Ksv [Equation (6)] simplifies the expression even further 

^ + 1 (13) 
<p 

Quenching experiments were performed using p4+, PhsBnB' and 

Cy3+. Figure 111-9 shows the results for three different cyanine concentrations. 

3.6 

200 Cy^"" 
300 Cy^"^ 

400 Cy^^ 
2.8 

2 
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[PhjBnB*], M 

Figure III-9. Fluorescence quenching as a function of PhaBnB" 
concentration for the three component PMD (10 P'^^ per liposome; and 200, 
300 or 400 Cy3+ per liposome; 5.0 nM liposomes). 
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Fitting to second-order polynomials yields correlation coefficients of at least 

0.999, The Kl, in Equation (13) is identical to that given in Table III-2 for 

electron transfer from PhsBnB' to Cy3+ since ket and x are the same for 

excited CyS"'" whether it is produced by absorption of red light or by energy 

transfer from p4+. on the other hand, should be dependent on the cyanine 

concentration. Since energy transfer from P'^+ to Cy^"'" decreases the 

porphyrin lifetime, should decrease with increasing cyanine 

concentration. Using Ar^= 33.4 M-i (Table III-2) and the results of the second-

order fits in Figure III-9, and are calculated for a variety of cyanine 

concentrations (Table III-4). (The minimal curvature evident in Figure III-9 is 

due to the relatively small contribution the second-order term in Equation (13) 

makes to the overall quenching for the borate concentrations used in these 

experiments). 

#Cy3+ per liposome K (M-1) xP (ns) 

0 31.5 ±2.9 10.5 

200 24.2 ±5.2 8.1 

300 10.9 ±1.0 3.6 

400 C
D

 1+
 

o
 

<o
 

2.9 

Table III-4. Stern-Volmer constants and porphyrin lifetimes at various 
cyanine concentrations. 



100 

The three component PMD with Zn-P4+ as the antenna pigment was 

examined using the method of fluorescence quenching. Figure 111-10 shows 

the results as a function of borate quencher concentration. 

2.4 

2 

1.6 

1.2 

0.8 
0.036 0.027 0.009 0.018 

[PhjBnB-], M 
0 

Figure 111-10. Fluorescence quenching as a function of PhaBnB" 
concentration for the three component PMD (10 Zn-P^ per liposome and 200 
Cy3+ per liposome; 5.0 nM liposomes). 

Analysis of the data for Zn-P"^, as described above for the system containing 

yields a slightly negative K^. Spectra in Rgure III-6 do not show a clean 

isoemissive point like that seen in Figure III-4. Also, the relative enhancement 

to which the cyanine fluorescence is sensitized is much lower with Zn-P'^^ 

than with P"^; however, the relative Stem-Volmer constants for energy transfer 
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indiate is a better energy donor than P4+. These results indicate there 

may be competing pathways between photoexcited Zn-P'^^ and Cy3+ such as 

electron and energy transfer. This added competition to the PMD reaction 

pathway scheme precludes the use of Equation 13 to analyze the 3-

component system containing metallated porphyrin. 

III.C.5. Vectorial Photoinduced Electron Transfer in Liposomes: 

Photobleaching 

For liposome systems involving direct excitation of the cyanine, back 

electron transfer from reduced cyanine to oxidized borate was not found to be 

a significant pathway,presumably due to the known rapid decomposition 

of the incipient boranyl radical.'^^'^'^'®®'''''2."'i3 Rather, the reduced dye 

ultimately undergoes irreversible bleaching of its absorption band.®® In the 

absence of either the energy donor (P^"^) or the electron donor (PhsBnB"), 

nominal bleaching occurs upon excitation at 417 nm. (In the presence of 

PhsBnB", excitation at 669 nm leads to rapid bleaching of the cyanine, 

regardless of whether or not the porphyrin is present.) In the presence of both 

and PhsBnB", the system exhibits greatly enhanced reactivity, illustrating 

that all three components are required to be present in order for the blue light 

activated PMD to function. Additionally, substitution of the weaker electron 

donor tetraphenylborate (Ph4B")®'^-®® for PhsBnB" and irradiation under 

identical conditions leads to virtually no bleaching of the cyanine. Previously, it 

was reported that liposome-bound Cy^"*" is neither quenched nor 

photobleached in the presence of Ph4B'.''®'®^ 
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Spectroscoplcally, suffers the same fate as Cy^"*" upon photo-

induced reduction by PhsBnB"; that is, it photobleaches.®® In this case, 

maximal bleaching of occurs in the absence of the energy acceptor 

(Cy^'*') whereas minimal bleaching occurs in the absence of the electron 

donor (PhsBnB'). Bleaching is inhibited approximately 50% when Cy3+ and 

PhsBnB* are present. Bleaching experiments with Zr\-P^+ were not 

performed but results are expected to be similar to P'^^. 
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III.D. Discussion 

Figure 111-11 illustrates the liposome-based PMD described above. 

(Only the outer leaflet of the bilayer is shown for simplicity.) 

(CHalaN 
Ov O 

DOPC DOPA 
Figure 111-11. Schematic of one leaflet of a DOPC/DOPA (9:1) bilayer 
illustrating the most probable locations of borate anions and pigments. 

The cationic pigments are bound to the membrane surface by 

electrostatic attraction to the anionic DOPA lipids. Meanwhile, the hydrophobic 

borate burrows into the interior of the bilayer. This may seem counterintuitive 
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due to the negative charge on the borate, however the presence of the large 

aromatic groups tends to shield the charge from water. Indeed 

tetraphenylborate anion, the close structural analogue of PhsBnB", is known 

to partition from water into lipid bilayers with an equilibrium constant of 

approximately The system is thus configured for the following 

sequence: 

p4+ hv(417iim) ^ *(p4+) 

nP''-')+Cy3+ Energy Transfer , p4+ +,(Cy3+) (15, 

*(Cy3'^)+Ph,BnB" Electron Transfer , ̂ ^2+' +phjBnB- (16) 

The intense Soret band of the porphyrin (emax = ^-0 x 10^ M'^ cm'^) 

permits Step (14) to proceed very efficiently. The large overlap between 

porphyrin emission and cyanine absorption (Figure 111-2) leads to facile energy 

transfer, Step (15), along the membrane surface. In Step (16), the excited 

cyanine is quenched by electron transfer from the borate bound in the interior 

of the bilayer, a vectorial reaction occurring perpendicular to the membrane 

surface. 

Figure 111-12 outlines the various reaction pathways available to the 

system (photophysical processes such as fluorescence are not shown for 

simplicity). Direct excitation of either pigment (417 nm for 669 nm for 
O I 

Cy"^ ) is facile due to their well-resolved absorption spectra. Red-light 

irradiation leads to vectorial electron transfer from PhsBnB" to Cy^"^, resulting 
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in quenching of Cy^"'' fluorescence and irreversible bleaching of the 

absorption band of the dye. The electron transfer step is irreversible due to 

rapid decomposition of the oxidized borate. It is interesting to note that ket for 

electron transfer from PhaBnB" to Cy3+ is nearly an order of magnitude 

greater than for the analogous reaction involving This is likely due to 

three factors: 1) The reduction potential for Cy3+ (ca. -0.88 V based on the 

literature value for the thiadicarbocyanine bearing ethyl rather than 

trimethylammoniumpropyl substituents^^^) is 270 mV higher than that of (-

1.1 Since the excitation energy of p4+ is ca 100 mV greater than that of 

Cy3+ there is ca. 170 mV difference in the excited states which favors electron 

transfer to the cyanine. 2) A smaller reorganization energy is expected for 

electron transfer to Cy3+ relative to p4+. It was previously demonstrated that 

Cy3+ binds in a region of the membrane possessing an effective dielectric 

constant of 13-14."'''® Because of its symmetrical structure, we envision 

binding of p4+ flat to the surface of the membrane, exposing the porphyrin to 

water (e«78). The lower dielectric of the environment surrounding Cy3+ 

should favor a lower reorganization energy and thus a faster electron transfer 

reaction.3) The deeper penetration of Cy3+ into the bilayer suggests a 

shorter donor-acceptor separation relative to p4+, leading to faster electron 

transfer,^although orientation differences could offset this effect. 

Electron transfer from p4+ to Cy3+ is energetically favorable, and 

photoexcitation of the dyes enhances their redox properties. However, this 

process is not considered competitive with energy transfer for the following 

reasons. Electron transfer between excited cyanine and p4+ evidently does 

not occur because the Cy3+ fluorescence is not quenched by the porphyrin. 
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The possibility of electron transfer from the excited porphyrin to Cy3+ is also 

unlikely because of the average distance of separation. The rates of both 

electron and energy transfer depend on the cyanine concentration since each 

process is distance dependent. The rate of energy transfer is proportional to r 

6 while the rate of electron transfer is proportional to e-^r. Using the value of r 

= Ro = 49 A (see Section III.C.2.) gives r® - 1 x lO""'® and e-2r - i x 10"*°. 

Since the rate constants for the two processes depend differently on distance, 

the isoemissive point in Figure III-3 would not be present if electron transfer 

does in fact compete with energy transfer. Therefore, at the cyanine 

concentrations and p4+ - Cy3+ distances used in this PMD, electron transfer 

between the dyes is not competitive with energy transfer. 



i4+ 

hv (417nm) 

+ Cy 

PhsBnB 

PhgBnB* +P^-'- +Cy^^-

Porphyrin 
Bleaching 
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+  C y  3+ 

hv (669 nm) 

P''^ + Cy 3+ 

PhaBnB 
f 

P"^"- + Cy^-" +Ph3BnB 
t 

Cyanine 
Bleaching 

Figure 111-12. Schematic of the PMD reaction pathways. 

Irradiation at 417 nm results in exclusive excitation of p4+. The excited 

porphyrin can either transfer energy to Cy3+ (c) or accept an electron from 

PhsBnB" (d). The excited cyanine produced by the former reaction can 

radiatively return to the ground state. The quenching of this emission 

illustrated in Figure III-5 could result from electron transfer from PhsBnB" (e). 

Alternatively, Step (d), which quenches p4+ in competition with energy 

transfer, also could "quench" the sensitized cyanine fluorescence by 

preventing production of excited Cy3+. The observation that the porphyrin 

lifetime decreases with increasing Cy3+ concentration (Table III-4) provides 

unequivocal proof that in the presence of the borate energy transfer occurs 
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from •p4-+ to Cy3+ although it does not eliminate the possibility that Step (d) 

competes with (c). The rate constants for energy and electron transfer from 

*p4+ (Table III-4) allow the use of Equation (17) to calculate the efficiency of 

energy transfer. Indeed, at the highest concentrations used - 400 Cy3+ per 

liposome = 39.1 mM and 2000 PhsBnB" per liposome = 66.6 mM - ca. 60% of 

the excited porphyrins are quenched by energy transfer: 

"srlcy"] [c/-] 
<»'„ k̂ ,[PlHBnB-] [Ph^BnB-] 

One of the principal goals for a PMD based on photoinduced electron 

transfer is the storage of energy as chemical potential in the redox products. 

For the system described here, these products are Cy2+' and PhaBnB* . The 

sequences (a,c,e) and (a,d,f) both yield these products. Since Cy3+ is more 

easily reduced than P^+, Step (f) is thermodynamically possible. Although 

electron transfer to Cy3+ is thermodynamically possible from both the excited 

and the reduced states of p4+, it is kinetically probable only from the latter. 

The relatively short excited state lifetime of *p4+ and the large average 

distance of separation between the cyanines and porphyrins diminish the 

probability of diffusive encounter between 'P^h- and Cy3+. In contrast the 

p3+- is likely to be stable over a much longer period than *p4+, thereby 

increasing the probability of electron transfer from the reduced porphyrin to the 

cyanine. Thus Step (d) is not necessarily detrimental to the system. The real 

source of inefficiency arises from the competition between Steps (f) and (g). 

Bleaching of p4+ is irreversible, effectively removing the antenna pigment 

from the PMD. Based on porphyrin photobleaching results,®® the partitioning of 
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p3+. between Steps (f) and (g) can be estimated. In the photobleaching 

experiments, 400 Cy3+ per liposome was found to inhibit bleaching by 

approximately 50%. Thus, 

—!!!£S£!L = 0 50 (18) 
^bleach 

where and <l>hicach are the quantum yields for bleaching of p4+ in the 

presence and absence, respectively, of Cy3+. 

<I) <6 0 M9^ ^bleach=^2 » ^bUach \ ' bleach^ d g ' bleach d g 

=0.85<I>j (for 2000 PhjBnB per liposome) (20) 

0.854) ,<I> 
= L_£— = 0.50 (21) 

4) 0 50 
= ̂  = 0.59 (22) 

cD^ 0.85 ^ ' 

Therefore, in the presence of Cy3+, 41% of the reduced porphyrins (P3+") 

react by Step (f) while the remaining 59% ultimately bleach. These 

calculations indicate that for 400 Cy3+ and 2000 PhsBnB" per liposome, only 

ca. 24% of the porphyrin molecules react by the undersired sequence (a,d,g). 

This feature imposes some restrictions on the system. Step (c) would be 

enhanced relative to Step (d) by either decreasing the PhsBnB" concentration 

or increasing the Cy3+ concentration. The former option would lead to a lower 
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efficiency for Step (e), electron transfer from PliaBnB" to Cy3+, while the latter 

runs the risk of saturating the liposome surface with Cy3+, preventing the 

binding of p4+. Without the antenna pigment bound to the liposome, the PMD 

will not be sensitive to blue light. 

Improvement of the efficiency of the three component PMD discussed 

above would require Inhibiting Step (d) while enhancing Step (c). The zinc 

porphyrin derivative was employed as an alternative blue-light absorbing 

antenna pigment in hopes of generating a more efficient PMD. The undesired 

electron transfer reaction from borate to *Zn-p4+ (Step d) has a lower rate 

constant than the same reaction of borate to *p4+, 1.6 x lO^o versus 3.0 x 10^ 

M""' s""!, respectively. This difference in electron transfer quenching rate can 

not be explained by the difference in reduction potentials since Zn-p4+ has a 

slightly more favorable ground state potential than p4+ for borate reduction 

(p4+, -1.10 V; Zn-p4+, -1.02 V). Perhaps the magnitude of the rate 

dissimilarity is due to differences in binding of the two porphyrin pigments to 

the liposome surface creating a larger distance of separation between the 

zinc-porphyrin derivative and borate. Furthermore, the *Zn-p4+ to Cy3+ 

energy transfer reaction has a higher rate constant than the same reaction 

between •p4+ and Cy3+, 1.6 x lO""® M'ls""' and 2.7 x 10^ M""! s""!, 

respectively. Calculations of overlap integrals and Rq values indicate that 

energy transfer should be slightly more efficient for p4+ (P^"*", J = 1.3 x 10""'2 

cm3 M'"!, Ro = 46 A; Zn-P4+, J = 9.7 x 10"^3 qit,3 M""*, Rq = 33 A). However, 

experimentally detemriined Rq values indicate that liposome-bound Zn-p4+ is 

the better energy donor (p4+, Rq = 52A; Zn-p4+, Rq = 74A). However, these 

Ro values refer to distances for quenching of porphyrin fluorescence and not 
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sensitization of cyanine fluorescence. Comparing Figures III-4 and lil-6 shows 

that *P^ is better at sensitizing cyanine emission than •Zn-P4+. Competitive 

reactions are suspected in the interaction of *Zn-p4+ with Cy3+ that lead to 

porphyrin fluorescence quenching, e. g. electron transfer. 

The PMD described above takes advantage of the many degrees of 

freedom available in the design of lipid bilayers as media for chemical 

reactions. Properties such as fluidity, surface charge and membrane dipole 

potential are easily varied simply by selecting different lipids from which to 

construct the membrane. The liposomes used here as the hosts for the P'^'^-

Cy3+.ph3BnB' PMD play two very important roles. First, concentration of the 

three components of the system upon binding to the liposome removes the 

need for covalent linkage of the respective parts. Second, the anisotropic 

medium afforded by the membrane results in a nonrandom yet predictable 

distribution of the three components. In addition, it should be noted that the 

use of liposomes of uniform and well-defined size permit reasonable 

calculation of the concentration of bound reactants. This is critical to the 

quantitative analysis described above, since these concentrations are used to 

generate the Stem-Volmer plots from which the reaction rate constants are 

extracted. The cationic pigments are bound electrostatically to the anionic 

surface of the membrane leading to energy transfer parallel to the liposome 

surface whereas the hydrophobic borate anion is bound within the bilayer 

interior, resulting in vectorial electron flow perpendicular to the surface. Thus 

energy transfer and electron transfer operate not only sequentially but also 

orthogonally. 



112 

The facility with which different physical properties can be endowed 

upon lipid bilayers coupled with the vast array of energy/electron donors and 

acceptors available suggest myriad possible configurations for liposome-

based PMDs. (An additional appealing feature of lipid bilayers as media for 

PMDs is the possibility of incorporating transmembrane processes into these 

systems.) The system described above is composed of very simple 

components and features "easy assembly". 
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CHAPTER IV 

VISIBLE-LIGHT SENSITIZED 
POLYMERIZATION OF LIPID BILAYERS 

IV.A. Introduction 

Polymerization of lipid assemblies exploits the organizational 

properties of supramolecular assemblies and generates new polymeric 

structures with abundant potential applications. Both polymerization induced 

stabilization and destabilization of lipid supramolecular structures have been 

demonstrated.^'^"^® Stabilization of lipid assemblies creates new molecular 

architectures which may find use in material or separations sciences. Stable, 

polymerized cubic or hexagonal phases create structures resembling zeolites, 

mesoporous covalently strung mazes of atoms and channels useful in 

separating molecular species based on size. Destabilization of a liposomal 

lamellar phase generates a porous or fusogenic liposome for potential use in 

delivery of encapsulated agents, such as therapeutics. 

Thus far, initiation of lipid bilayer polymerizations has been limited to a 

few initiator sources, namely AIBN, AAPD, UV photolysis and various hydroxyl 

"radical producers (Section I.C.2.). Since lipid assembly properties may be 

altered by the presence of additional molecules, UV photolysis has the 

advantage over other initiating systems of not requiring incorporation of 

initiator sources into the lipid assembly. Additionally, irradiation induced 

polymerizations offer temporal and spatial control over the initiation event. 

These controls could prove invaluable In potential lithographic and medical 

applications. However, monomer absorbances in the UV spectrum are 

relatively high energy, and UV light does not penetrate substances to any 
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appreciable depth. These properties preclude the use of UV photolysis in 

certain applications, e.g. delivery of therapeutics in vivo. To address this 

issue, a search for a visible-light sensitive initiating system suitable for bilayer 

polymerizations was undertaken. 

Sensitization of vinyl polymerization to visible-light has been a subject 

of current interest due to widespread possible uses especially in 

photoimaging and medical applications. Extending the sensitivity of 

photoimaging systems to include visible-light enhances their versatility and 

provides new options for irradiation sources. Visible-light photosensitizers for 

medical uses exploit the lower-energy properties of the irradiation 

wavelengths and deeper tissue penetration as compared to UV sources. 

It has been shown that certain amphiphilic cyanine dyes (Figure IV-1) 

a r e  c a p a b l e  o f  s e n s i t i z i n g  l i p i d  p o l y m e r i z a t i o n  t o  g r e e n  o r  r e d  l i g h t . T h e  

sensitized polymerization of synthetic lipid bilayers was accomplished via 

irradiation of lipid assembly-bound cyanine dyes with visible-light under 

ambient conditions. The system requires the presence of oxygen and was not 

successful in sensitizing the polymerization of lipids with monomeric units 

known to be sensitive to oxygen presence, i.e. acryloyi (Figure IV-2). It is 

particularly notable that the polymerization occurred without addition of an 

activator and was dark stable. In fact, the polymerization reaction described 

was actually inhibited when a borate activator was included. Recall that 

cyanine sensitizers have been previously reported with borate anion 

activators required for successful initiation of solution polymerizations.^^ 
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n = 1. m = 17. X = C(CH3)2 D''C1 8(3) 

n = am = 17. X = C(CH3)2 DiiCi 8(5) 

n = 1.m = 17.X = 0 DiOC18(3) 

V 

.5  ̂

bis-DenPC: R = H'= hc,5,^^^,x^(CH2)i2CH3 

0 

Q mono-SorbPCi6.i7 • R = (CHzjg-O' 

R' = (CH2),gCH3 
o^o.^o^R' o 
0  0 -  0  

bis-SorbPCi7,i7: R = R'= (CHjjj-O' 

0 

bis-SorbPCi5,i5; R = R'= (CHajr-o' 

0 

bis-AcrylPCis,i6; R = R' = (CH2)r-o''''^^ 

Figure IV-1. Structures of cyanine dyes capable of sensitizing lipid bilayer 
polymerizations to visible-light and examples of lipid monomers. 
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Figure IV-2. Plot of % conversion of monomer versus time for DilC(18)3 
sensitized polymerization of bis-SorbPCi5,i5, bis-AcrylPCi6,16 and bis-
SorbPCi5j5 following argon purging. 

Described in this chapter Is the continued characterization of cyanine 

dye sensitized polymerization of lipid bilayers. The primary objectives of this 

investigation include; (1) the formation of polymeric lipid supramolecular 

assemblies upon visible-light irradiation; (2) a study of the effects of 

controllable variables on the polymerization, i.e. cyanine dye structure, pH, 

photolytic light intensity, assembly composition; (3) determination of the 

probable mechanism of the sensitized initiation. The system employs lipid 

bilayers composed of purely polymerizable lipid or of a mixture of 

polymerizable- and non-polymerizable lipid to which has been associated a 

cyanine dye. Visible-light photolysis in the presence of sensitizer and air 
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leads to lipid polymerization as well as bleaching of the sensitizing dye. Since 

medical and photoimaging applications are not always compatible with 

sensitization protocols that require activators, removal of oxygen and/or 

removal of excess color, this visible-light sensitization of polymerization offers 

several important advantages. 
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IV.B. Experimental 

IV.B.1. Materials 

The polymerizable lipids 1-palmitoyl-2-[10-(2',4'-hexadienoyloxy)decanoyl]-

sn-glycero-3-phosphatidylcholine (mono-Sorb-PCi 6,17)> 1,2-bis-[10-(2',4'-

hexadienoyloxy)decanoyl]-sn-glycero-3-phospha-tidylcholine (bis-

SorbPCi 7,17) and 1,2-bis-[8-(2',4'-hexadienoyloxy)octanoyl]-s/7-glycero-3-

phosphatidylcholine (bis-SorbPCi5,i5) were generously provided through 

the synthetic efforts of Henry Lamparski using the procedure described 

previously.1,2-bis-[12-(2'-propenoyloxy)dodecanoyl]-sn-glycero-3-

phosphatidylcholine (bis-Acryl-PCi6,16) was synthesized as reported 

earlier."® 1,2-Dimyristoyl-sn-glycero-phosphocholine (DMPC) was purchased 

as a 20 mg/ml solution in CHCI3 from Avanti Polar Lipids, Inc. (Alabaster, AL) 

and stored at -40°C. Lipid purity was confirmed by thin-layer chromatography 

(TLC) with chloroform/methanol/water (65:25:4 by volume). Pure lipids eluted 

to a single spot with an Rf of 0.35-0.40. Stock benzene solutions of 

polymerizable lipids (ca. 20 mg/ml) were stored at -40°C as an amorphous ice. 

Cyanine dyes were purchased from Molecular Probes (Eugene, OR). 

Concentrations in methanol were determined via visible absorption 

spectroscopy using literature values for extinction coefficients. Purity was 

confirmed by UV/vis spectroscopy as well as TLC on plates pretreated with 5% 

NaCI04 in methanol and eluted with CHGI3 containing 5% of the 

NaCI04/methanol solution by volume. Dyes were stored as solids or in 

methanolic solution both at -40°C. 
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HPLC and spectrophotometric grade methanol were purchased from 

J.T. Baker (Phlllipsburg, NJ) and used as received. Trisodium phosphate 

(98+%) and sodium chloride for buffer preparations were purchased from 

Aldrich (Milwaukee, Wl) and Mallinckrodt (Paris, KY), respectively, and used 

as received. 

5,5-Dimethyl-1-pyrrollne-N-oxide (DMPO) was obtained from Aldrich 

(Milwaukee, Wl) and stored at -40°C. Methyl sulfoxide (DMSO),99.9% HPLC 

grade, was purchased from Sigma-Aldrich (St. Louis, MO; Milwaukee, Wl) and 

used as received. 

Rienecke's salt was purchased from Sigma with ammonium as the 

counterion and stored at room temperature. The potassium derivative was 

produced via ion exchange in a KNO3 aqueous solution. The product was 

recrystallized from cold Milli-Q containing KNO3 and storedas a solid at -40°C. 

KNO3, perchloric acid (HCIO4) and Fe(N03)3 were obtained from Curtin 

Matheson Scientific, Inc. (Houston, Texas), Fischer Scientific Company (Fair 

Lawn, New Jersey) and J. T. Baker, Inc. (Phillipsburg, New Jersey), 

respectively, and used as received. 

IV.B.2. Liposome Preparation 

Large unilamellar liposomes and multilamellar liposomes were 

prepared as follows: approximately 3 mg of dried lipid film was obtained from 

a stock solution in benzene (10 mg/ml) by passing a gentle stream of argon 

over the sample followed by drying under vacuum for at least 2 hours. If dye 

was to be incorporated in all leaflets of lipid bilayers, an aliquot of dye solution 

was added to yield the appropriate ratio of lipid to dye and the drying 
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procedure was repeated. All steps performed in the presence of dye were 

carried out in the dark. Phosphate buffer solution (PBS, 10 mM phosphate, 

150 mM NaCI, pH 7.5) was added to hydrate the lipids to a concentration of 

approximately 1 mg/ml. Vortex agitation lead to release of the lipid film from 

the flask walls and generation of a homogeneous suspension. Ten 

freeze/thaw cycles consisting of immersion of the sample in -70°C dry 

ice/isopropanol bath until frozen followed by thawing in a room temperature 

water bath (approximately 8 minutes) produced extended lipid bilayers. 

Extrusion of the lipid suspension through 2 stacked 0.1 ^im or 0.6 |im 

Nuclepore filters ten times at 37°C and 250 or 100 psi gave unilamellar or 

multilamellar liposomes, respectively.^'^ Extrusion was performed using a 

stainless steel extruder from Lipex Biomembranes (Vancouver, BC). The lipid 

concentration was determined by adding an aliquot of liposome suspension to 

methanol and obtaining a UV absorption spectrum (8254 nm = 48,000) on a 

Varian DMS 200 double-beam UVA/isible spectrophotometer. Extending the 

spectrum into the visible region for bilayers containing dye allowed for the 

determination of dye concentration as well. Some dye was lost during 

extrusion due to dye adherence to the Nuclepore filters and Tygon tubing 

precluding control of the lipididye ratio. Furthermore, the handling of samples 

in the dark during liposome preparation can be inconvenient. 

The addition of dye to preformed liposomes permitted its incorporation 

into presumably only the outer leaflet. After formation of liposomes, an 

appropriately sized sample was prepared, typically 1 ml of 60 fiM lipid to yield 

a useful optical density (<2.0). An aliquot of dye in methanol was added 

directly to the liposome suspension such that the volume of organic solvent 
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was < 1% of the total volume. The sample was incubated at the desired 

temperature for 15 minutes to allow equilibration of the dye with the lipid 

bilayer. The UV/vis spectra Indicated the dye was partly aggregated initially 

and became progressively less aggregated over the 15 min incubation. 

IV.B.3. Visible-light Irradiation 

Samples were unstirred and thermostatted at 37°C throughout 

experiments unless otherwise stated. 

1^ Hg(Xe) Lamp. Samples were irradiated in cuvettes of 1 cm 

pathlength using the visible-light produced by the filtered output of a 200 W 

Hg(Xe) arc lamp (Coming filter CS3-72, X<470 nm). Power was measured at 

the front of the sample cuvette with a Coherent 210 Power Meter. Light 

intensity was varied to determine the relationship between intensity and 

polymerization rate using optical density filters placed directly after the cut-off 

filter. 

2) Argon Laser. The 514 nm line of a 2 W Coherent Argon Ion laser 

was directed onto the sample cuvette through a beam expander. The change 

in diameter from 1.5 mm to 19.1 mm provided an incident beam that irradiated 

the entire front of the cuvette. 

3) Monochromated HgfXe) Lamp. 450 W Hg(Xe) lamp was passed 

through a double-grating monochromator with slit widths of 8 mm and a 

bandpass of 14 nm. Irradiation light intensity was determined using chemical 

actinometry as described in this section. 

Polymerizations were monitored by UV/vis spectroscopy using a Varian 

DMS-200 double beam spectrophotometer. The percent conversion of sorbyl 
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monomer to polymer was estimated from the change in optical density of the 

monomer maximum as described in Section IV.B. 

IV.B.4. Rate of Polymerization. Polymerization rates were determined 

from plots of bis-SorbPC concentration versus time (Figure IV-3), ignoring 

slow initial and final rates. The initial slower rate is a function of the initiation 

process. The final slow stage of the polymerizaion may be due to an increase 

in viscosity (decrease in rate of lateral diffusion in the bilayer) and decreased 

monomer concentration. The linear section of the reaction progress was fitted 

to a least squares giving a correlation coefficient of 0.997 or better. 

i . . . i • . . • , . J i ' 

y =. 5.3e-05 (-7.7e-0a Mslx R- 0.999 
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Figure IV-3. Plot of bis-SorbPC concentration as a function of irradiation 
time during DilC(18)3 sensitized polymerization at 37°C. The slope of the 
linear section of the plot was used to calculate the rate of polymerization. 
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IV.B.5. Chemical Actinometry 

The quantum efficiency of the polymerization was obtained via 

chemical actinometry using Reinecke's salt as described by de Mayo.^^^ The 

lamp flux (photons/s) from the monochromated output of a 450 W Hg(Xe) lamp 

was determined using the potassium version of Reinecke's Salt. An aqueous 

solution of Reinecke's salt was prepared in Milli-Q such that the absorbance 

was greater than 2.2 optical density units. 5 % Fe(N03)3 in 1.2 M HCIO4 was 

prepared by diluting 70 % (12.3 M) HCIO4 to the appropriate concentration 

and adding enough solid ferric nitrate to yield a 5 mole % solution. Reinecke's 

salt produces thiocyanate ion upon irradiation. The ion can be detected 

spectrophotometrically as a complex with ferric ion. Quantum efficiencies 

defined as the number of monomer or dye molecules consumed per photon 

absorbed were calculated from the flux determined from chemical actinometry 

and the number of monomer and dye molecules consumed per second 

derived from UV/vis spectra. 

IV.B.6. Transesterification Reaction 

Following polymerization, samples were lyophiphilized to a dry, fine 

powder and transesterified as previously described"'to enhance their 

solubility for further analysis using size exclusion chromatography, and "IH-

nmr. The cleavage reaction separates the polymer chains from the glycerol 

backbone through ester cleavage at one of the two ester sites on each 

hydrocarbon tail. 
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IV.B.7. Size Exclusion Chromatography 

The average molecular weight range of transesterified poly(mono-

SorbPC) was estimated by SEC on a Waters Maxima 820 Chromatograph 

(Millford, MA) using an Ultrastryragel lO^A column with an effective molecular 

weight range of 200 to 3 x 10^. Tetrahydrofuran (THF) was used as the 

mobile phase and was filtered through 0.45 |xm Waters nylon filters and 

purged with helium. A Waters Model R401 differential refractometer served as 

detector, and the system was interfaced to a NEC Powennate 1 computer with 

Maxima 820 version 3.31 software. Calibration and analyses were performed 

as described by Sells and O'Brien.^''® 

IV.B.8. Electron Paramagnetic Resonance Spectroscopy 

A 2 mM solution of DMPO in phosphate buffer solution was prepared. 

Pure DMPC and DMPC/DilC(18)3 (dye in both leaflets) liposomes were 

prepared in PBS. Suspensions were then diluted with PBS and PBS/DMPO 

to a final concentration of 10 mM DMPO and 50 iiM DilC(18)3 (when 

applicable) and 1M DMSO (when applicable). Irradiations were perfomed as 

before with the filtered output of a 200 W Hg(Xe) arc lamp at 37°C. Following 

polymerization, an aliquot of the sample was transfered to a quartz EPR 

capillary for analysis. Spectra were obtained on a Bruker ESR300 with the 

following spectrometer settings: microwave power 2.00 mW, modulation 

frequency 100 kHz, modulation amplitude 2.851 G, sweep 35.8 G/min and 

receiver gain 2.00 x 10^. 
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IV.B.9. Sensitizer Bleaching and Fluorescence Quenching 

Two liposome populations were prepared: A) bls-AcrylPC:DilC(18)3 

15:1 and B) DOPC:bis-SorbPC 4:1. Bleaching experiments were conducted 

by irradiating (as described above) either sample A alone or A and B together 

while monitoring the change in sensitizer optical density via visible absorption 

spectroscopy as described previously. Fluorescence dequenching results for 

sample A and samples A and B combined were obtained from emission 

spectra (560-750 nm) while exciting at 556 nm. The integrals of the emission 

scans indicate relative fluorescence yields. 
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IV.C. Results 

IV.C.1. Interaction of Cyanine Sensitizers with Lipid Bilayers 

The aggregation state of cyanine sensitizers in lipid bilayers was 

studied by absorption spectroscopy. The sensitizer absorption spectra show 

a monomer band and a higher energy band that is usually ascribed to H-

aggregates. The ratio of absorbance intensities of these two bands and the 

broadness of the spectrum indicates the extent of sensitizer aggregation. 

DilC(18)3 in methanol is monomeric (Figure IV-4-A). In contrast the spectra of 

DilC(18)3 in bis-SorbPC and DOPE:bis-SorbPC bilayers indicate that varying 

degrees of sensitizer aggregation are possible in lipid assemblies. The extent 

of aggregation was dependent on the nature of the lipid assembly 

composition. Cyanine sensitizer was either added from a methanol stock 

solution to preformed liposomes (never exceeding 1% organic solvent by 

volume) or combined as a solid with the dry lipid prior to hydration. 

Equilibration of the sensitizer molecules with preformed lipid bilayers was 

generally accomplished by sample incubation in the dark at 37°C. During 

incubation the sensitizer molecules equilibrate from an initial state of higher 

aggregation into a less aggregated equilibrium status. A fifteen minute 

equilibration time was suitable for all sensitizer/lipid preparations since 

between 5 and 10 minutes a state was achieved that remained 

spectroscopically unchanged for at least 1.25 hours. Addition of cyanine to 

preformed liposomes composed of other lipids often led to more aggregated 

sensitizer incorporation (see spectrum in DOPE:bis-SorbPC, Figure IV-4). 
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Attempted sensitized polymerizations with the cyanine in an aggregated state 

are much slower, and the dye bleaches at an enhanced rate. 
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Figure IV-4. Visible absorption spectra of 2.5 (iM DilC(18)3 in A) methanol, 
B) bis-SorbPC bilayers and C) 3:1 DOPE:bis-SorbPC bilayers. 

Addition of EDTA containing buffer to liposome suspensions reduces 

the state of aggregation and the extent of red-shift. DilC(18)3 in 3:1 DOPE:bis-

SorbPC liposomes (30:1 lipid:dye) has a relatively aggregated spectrum with 

a ratio of monomer to aggregate absorbances of 1.46. In the presence of 

EDTA the dye spectral shape is narrower and more monomeric with a ratio of 

1.53. The overall optical densities are also very different with and without 

EDTA. For the same concentration of dye and lipid, 30:1 lipid:dye, the optical 

density is enhanced by 23 % in the presence of EDTA. Thus there is a 

decrease in optical density observed for aggregated systems, indicating the 

aggregated form has a lower extinction coefficient than the monomeric form. 
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Absorption properties of DilC(18)3 were studied as a function of 

mediunn and extent of polymerization. The wavelength of maximum 

absorbance shifts as either variable is adjusted. DilC(18)3 absorbance 

maximum undergoes a red shift when incorporated into lipid assemblies as 

compared to the value in methanol (Figure IV-4). The DilC(18)3 absorbance 

maximum typically shifts from 549 nm in methanol to 556 nm in bis-SorbPC 

bilayers. The sorbyl absorbance of the lipid shows a similar, but smaller shift 

when dye is present (<3 nm). As the polymerization proceeds, a blue shift is 

observed in sensitizer absorbance. This shift is on the order of 1.5-3 nm 

depending on the extent of bleaching/polymerization. Negligible change in 

sensitizer absorptivity coefficient was observed for DilC(18)3 in methanol 

versus bilayers. The emission spectral shape is slightly altered and the 

relative fluorescence intensity is reduced by approximately 50 % for DilC(18)3 

in bilayers versus methanol. It is expected that fluoresence quantum yields 

will be enhanced once a molecule is placed in a more rigid environment such 

as a lipid bilayer due to inhibition of nonradiative decay via molecular motion. 

The reduction of fluorescence yield in this system can be explained by self-

quenching due to aggregation. Fluorescence dequenching experiments 

illustrate that upon the addition of more liposomes, preferably those containing 

bis-SorbPC, DilC(18)3 fluorescence is enhanced due to the exchange of 

sensitizer between liposomes and decreased aggregation (Section IV.C.5.). 

As polymerization proceeds, changes in dye absorption spectrum 

shape indicate alterations are occuring in the dye's state of aggregation. 

Based on the relative peak intensities of the monomer and aggregate bands a 

comparison is derived for the change in organizational character. The ratio of 
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monomer to aggregate absorbance intensities changes from -1.54 initially to 

1.36 or lower as polymerization progresses, indicating a growing state of 

aggregation. 

IV.C.2. Visible-light Sensitized Polymerization of Lipid Bilayers 

Liposomes containing polymerizable lipid were prepared as described 

in Section IV.B.2. Cyanine dye sensitizer was added and lipid polymerization 

was accomplished by sample irradiation with light from the filtered output of a 

Hg(Xe) light source, excluding UV light that would be directly absorbed by the 

lipid. Irradiation of polymerizable lipid bilayers in the absence of sensitizer 

produced no change in monomer absorbance for up to 1 hour of irradiation, 

indicating no direct irradiation of monomer occurs. Successful sensitized 

polymerizations were also achieved using the monochromated output of a 

Hg(Xe) lamp or the expanded 514 nm beam from an Argon laser. All samples 

containing dye were handled in the dark before and after irradiation. The 

changes in sample absorption during the polymerization and bleaching 

reactions (Figure IV-5) provided information on monomer loss, polymer 

fonnation and dye bleaching. 
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Figure IV-5. UV/vis spectra obtained at 2 min intervals during DilC(18)3 
sensitized polymerization of bis-SorbPCi5,i5 (26:1 lipididye) at 37°C. Total 
time = 20 min. 

The sorbyl monomer group has a ^max near 258 nm. The photopolymer 

obtained absorbs maximally near 195 nm. The changes in monomer and 

polymer absorption during the reaction were similar to those reported 

previously for the AIBN initiated polymerization of SorbPC bilayers.''^^ 

The percent conversion of sorbyl monomer to polymer was estimated 

from the change in optical density of the monomer maximum near 258 nm. 

This method gives a low estimate due to the presence of cyanine dye and 

photoproduct chromophores that absorb in the same region and whose 

absorbance increases as the polymerization reaction proceeds. Figure IV-6 



131 

shows the UV/vis absorption spectrum of DilC(18)3 in unreactive saturated 

lipid bilayers (dimyristoylPC). 
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Figure IV-6. UV/vis absorption spectra of DMPC:DilC(18)3 liposomes 
before (A) and after (B) 10 minutes of irradiation at 37°C with visible-light 
showing the changes in UV absorbance due to dye bleaching. 

During sensitized polymerizatons, the growth in sensitizing dye absorption in 

the UV region prevents the SorbPC absorption at 258 nm from reaching its 

lowest absorbance value even upon complete conversion of SorbPC 

monomer to polymer. Therefore, the estimate of percent conversion 

calculated below is an underestimate of the actual value. In addition, 

complete polymerization of bis-SorbPC via direct photolysis typically leads to 

85% loss of absorbance: thus the % monomer loss at a given time (t) for 

sensitized polymerization was estimated as follows: 

% monomer loss = (Aq - At)/0.85Ao 
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where Aq and At are the sample optical densities at 258 nm initially and at 

time t. 

The bis-SorbPC extinction coefficient is sensitive to the sample 

environmentJ^^ The extinction coefficients for the lipid in methanol and 

bilayers listed in Table IV-1 were used to determine bis-SorbPC 

concentrations in the indicated media. 

^max (nm) e (L mol""' cm""!) 
Methanol 254 48,000 
Liposome suspension 254 29,600 
bis-SorbPC/Dil 258-260 27,200 
liposomes 
bis-SorbPC/DOPE 254 30,800 
liposomes 

Table IV-1. Wavelengths of maximum absorbance and the corresponding 
extinction coefficients for bis-SorbPCi5,i5 in various environments. 

IV.C.3. Polymer Characterization 

The poly(mono-SorbPCi6,17) from DilC(18)3-DS sensitized 

polymerization was transest.erified prior to further analysis by H-nmr and size 

.exclusion chromatography (SEC). Lyophilization of partially polymerized 

mono-SorbPCi6,17 bilayers gave a film that was only slightly soluble in 

dichloromethane and mostly insoluble in benzene. The molecular weight 

determination of zwitterionic polymers via size exclusion chromatography is 

difficult, therefore it is useful to cleave the polymer chains from the lipid 

headgroup and glycerol backbone by a transesterification reaction as 

described in SectionI IV.B.6. Transesterification of poly(mono-SorbPC) 

yielded a benzene soluble derivative. A procedure described by Lamparski 

and 0'Brien''22 utilizes the 1 H-nmr spectrum of the product to determine an 
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average repeat unit molecular weight based on the intensities of absorption at 

3.88-4.12 ppm (protons of methylene adjacent of sorbyl ester of long side 

chain) and 2.28 ppm (protons of methylene adjacent to carbonyl in long side 

chain and cleaved fatty acid). However, small sample size and therefore low 

concentration precluded the observation of appropriate proton absorbances. 

Typically, transesterification yields an average of 50 % short- and long-side 

chain polymer. Therefore, the repeat unit molecular weight was estimated as 

197 g/mole. 

SEC analysis of the polymer against polystyrene standards indicates 

the relative number average degree of polymerization was approximately 100 

(Figure IV-7). Figure IV-8 illustrates the range of various molecular weight 

species detected by SEC where the shaded area corresponding to polymer 

with a relative number average molecular weight of 20,500 and a 

polydispersity of 1.58. Note the significant peaks at low molecular weights 

correspond to other transesterification products. 
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Figure IV-7. Size exclusion chromatogram of transesterified mixture of 
partially polymerized mono-SorbPC and DiIC(18)3-DS. 

IV.C.4. Choice of Sensitizer 

Dye-sensitized visible-light polymerization of pure bis-SorfaPC vesicles 

was previously accomplished with the three amphiphilic cyanine dyes in 

Figure IV-1. The versatility of the sensitizing system has been extended to 

include the 2 amphiphilic dye and one aqueous soluble dye shown in Figure 

IV-8, as well as DilC(18)5 (Figure IV-1) with the counterion para-

chlorobenzene sulfonate (CBS). The polymerization reaction and bleaching 

rates were sensitive to the choice of sensitizing dye. However, no changes 

were observed upon changing the counterion of DilC(18)5 from CIO4" to CBS 

(data not shown). 
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Figure IV-8. Structures of additional cyanine dyes capable of sensitizing 
SorbPC bilayer polymerizations to visible-light. 

Polymerization was not realized when the aqueous soluble DilC(1)3 

indocarbocyanine was used as sensitizer with pure SorbPC bilayers. 

However, if an anionic lipid, e.g. DOPA, was incorporated into bis-SorbPC 

liposomes, the cationic DilC(1)3 interacted with the lipid assembly as 

indicated by a shift in absorption maximum from 543 nm to 545 nm. This 

binding of DilC(1)3 to the liposome surface successfully sensitized the 

SorbPC polymerization (Figure IV-9). However, the sensitized polymerization 

reaction proceeded at a relatively slow pace. Evidence that the relatively slow 

polymerization rate with DilC(1)3 is not due to the presence of DOPA is shown 

in Figure IV-10-C. The data for amphiphilic DIIC(18)3 sensitized 

polymerization of bis-SorbPC in the same PC/PA liposome composition 
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demonstrates a high rate of polymerization is possible in the presence of the 

anionic lipid DOPA. Therefore the inefficiency of DilC(18)3 sensitized 

polymerization is most likely due to ineffective binding of the sensitizer to the 

liposome surface, ie different excited state properties due to orientational 

factors. 
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Figure IV-9. Plot of percent bis-SorbPC conversion to polymer versus 
irradiation time for sensitized polymerization at 37°C in A) 6:1:0.3 bis-
SorbPC 15,15:DOPA:DilC(18)3 liposomes, B) 6:1:0.3 bis-
SorbPCi5,i5:DOPA:DilC(1)3 and C) 27:1 bis-SorbPCi5j5:DilC(1)3. 

The rate of sensitizer bleaching (Figure IV-10) and polymer formation 

(Figure IV-11) varied depending on the sensitizing dye used. All of the 

amphiphilic sensitizers produced faster polymerization and faster sensitizer 

bleaching than the aqueous soluble cyanine. Figure IV-11 shows that MC540 

quickly generated polymer but to low overall yield. DilC(18)3 and DilC(18)3-

DS induced monomer conversion at similar rates but DilC(18)3-DS produced 
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higher percent conversion. MC540 bleached very rapidly compared to all of 

the other sensitizers (Figure IV-10). 

Inclusion of EDTA in the buffering solution dramatically altered the 

aggregation state of DilC{18)3 (Section IV.C.1). This phenomenon reduced 

the rate of dye bleaching substantially while having little or no effect on the 

polymerization rate (Figure IV-12). Similarly, incorporation of the negatively 

charged lipid DOPA into the liposome leads to a less aggregated spectrum for 

DilC(18)3, produces a slower dye bleaching rate (data not shown), and does 

not affect the rate of lipid consumption (Figure IV-10). 
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Figure IV-10. Plot of percent sensitizer bleached versus irradiation time for 
the sensitized polymerization of bis-SorbPCi5,i5 bilayers at 37°C with the 
following sensitizers (20:1 lipididye): A) MC540, B) DilC(18)3, C) DilC(18)3-
DS and D) DilC(1)3. 
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Figure IV-11. Plot of percent monomer conversion versus irradiation time 
for the sensitized polymerization of bis-SorbPCi5,i5 bilayers. (same caption 
as Figure IV-10) 
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Figure IV-12. Plot of percent dye bleaching (A) and monomer conversion 
(B) vs time for DilC(18)3 sensitized polymerization of bis-SorbPCi7,i7 in 3:1 
DOPE:bis-SorbPC bilayers (20:1 Iipid:dye) at 37°C with (1) and without (2) 
EDTA present. 
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Additional visible-light absorbing molecules tested as potential 

sensitizers of bIs-SorbPC bilayer polymerization include BODIPY(CIO) 

500/510 (Molecular Probes, Eugene, Oregon) (Figure IV-13) and a copper 

phthalocyanine (CuPc) octasubstituted with dodecyl chains via amide links 

[(2,3,9,10,16,17,23,24-octa(N-dodecylamide)phthalocyanlnato)copper] 

provided through the synthetic efforts of Elizabeth OsburnJ^^ UV/vis 

spectroscopy of either sensitizer in a bilayer suspension led to highly 

aggregated, broadened spectra of greatly reduced optical density. 

BODIPY(CIO) 500/510 was added to bis-SorbPC bilayers from a methanol 

solution to give 1, 5, and 10 mole % sensitizer. Figure IV-14 shows the 

changes in BODIPY absorption spectra observed in methanol versus various 

concentrations in bilayers. Irradiation of bis-SorbPC bilayers at A. > 470 nm 

with 1 and 5 % mole BODIPY produced 1-3 % conversion of monomer in 20 

min. At 10 mole % BODIPY, nearly 20 % polymerization was achieved in 60 

min. 

(CH3)9 F F (CH2)9 

CH3 CH3 

Figure IV-13. Structure of BODIPY(CIO) 500/510. 
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Figure IV-14. UV/vis spectra of BOPIPY(CIO) In A) methanol, and in bis-
SorbPC bilayers with the following lipid:sensitizer ratios: B) 100:1, C) 20:1, D) 
10:1. Spectra of sensitizer in bialyers are enhanced 5 fold to illustrate spectral 
shape changes. 

The copper phthalocyanine described above (CuPc) was added to dry lipids 

in a ratio of 20:1 lipld:Pc. Liposomes were prepared via sonication. The CuPc 

absorption spectrum showed a highly aggregated spectral shape and 

drastically diminished optical density relative to that obtained in chloroform 

(Figure IV-15). Irradiation at X, > 470 nm produced no polymerization. Some 

polymerization was observed by irradiation at 330 nm. However, control 

experiments showed direct irradiation of SorbPC under these irradiation 

conditions. The highly aggregated mode of interaction of these sensitizers 
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with bis-SorbPC biiayers presumably diminishes their abilities to affect the 

sensitized polymerization of lipids. 
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Figure IV-15. UV/vis spectra of CuPc in A) CHCI3 and B) bis-SorbPC 
biiayers. Spectrum of sensitizer in biiayers is enhanced 5 fold to illustrate 
spectral shape changes. 

IV.C.5. DilC(18)3 Exchange from bis-AcrylPC Biiayers to 

DOPC:bis-SorbPC Biiayers 

Rate of DilC(18)3 bleaching and relative fluorescence emission yield 

were used as indications of sensitizer exchange between liposome 

popullations. Inhibition of irradiation induced sensitizer bleaching upon 
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addition of DOPCibis-SorbPC target liposomes to a suspension of bis-

AcrylPC:DilC(18)3 carrier liposomes indicates sensitizer exchange between 

liposomes. Altematively, enhancement of fluorescence yield under the same 

conditions also indicates exchange of sensitizer between liposomes to 

diminish self-quenching. Both of these events were observed when bis-

AcrylPC served as a carrier of DilC(18)3 (15:1 lipid:dye) and 4:1 DOPCibis-

SorbPC liposomes were added as the target population (data not shown). 

Sensitizer bleaching was reduced to 30 % in 5 min versus 50 % when no 

target liposomes were present. Fluorescence emission relative yield was 

enhanced by 28 % upon the addition of a five-fold excess of target liposomes. 

iV.C.6. Quantum Efficiencies of Monomer and Dye Consumption 

Using the method described in Section IV.B.5. the efficiency of 

monomer and sensitizer consumption was detennined as a function of number 

of photons absorbed using chemical actinometry to determine the photon flux 

at the cuvette front and sample optical density to determine the percent of light 

absorbed. Bis-SorbPC:DilC(18)3 (ca. 17:1) liposomes were irradiated with 

545 nm monochromated light from a 450 W Hg(Xe) lamp through 8 mm 

monochromator entrance and exit slits with a bandpass of 14.4 nm. Quantum 

efficiencies (<I>) were determined from the calculated number of photons 

absorbed and the number of monomer and sensitizer molecules 

bleached/reacted as determined from changes in absorbance. The photon 

flux at the cuvette face was detennined to be 3.3 x lO"!® photons/s. The dye 

absorbance at 545 nm was 0.486 corresponding to 67.3% of the incident light 

absorbed by the sample, or 2.2 x lO"!® photons/s. Bis-SorbPCi5,i5 monomer 
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was 6.5% converted to polymer during a 300 sec irradiation (2.0 x 10''3 

monomers/s) yielding a quantum efficiency of lipid conversion (cI)l) of 9.0 x 10" 

4 monomers reacted/photon absorbed. Similarly, 1.3% dye was bleached 

during the 300 sec irradiation (6.0 x lO"'"' dye/s) producing a quantum 

efficiency of dye consumption (4>d) of 2.7 x 10"5 dyes bleached /photon 

absorbed. The ratio of Ol to Oq is a measure of the overall efficiency of the 

reaction in terms of the number of lipid molecules consumed per dye 

bleaching event. This ratio is 33 lipid monomers reacted/dye molecule 

bleached. 

IV.C.7. Rate of Polymerization as a Function of Incident Light 

Intensity and Monomer Dilution 

B  i  s  -  S  o  r  b  P  C  1  5  ,  1  5 / D i l C ( 1  8 ) 3  b i l a y e r s  a n d  b i s -

SorbPCi7j7/DOPE/DilC(18)3 bilayers were irradiated at a variety of light 

intensities, and the rates of polymerization were determined as described in 

Section IV.B.4. The rate of polymerization varied linearly with the incident light 

intensity (Table IV-2 and Figure IV-16). Note that monochromatic irradiation 

(Figure IV-16c) leads to a rate of polymerization similar to that observed for 

irradiation of X > 470 nm with approximately 25 fold greater intensity. Also, 

dilution of the bis-SorbPC bilayer concentration by the addition of a 

nonreactive colipid retards the polymerization rate. 
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I'mt (photons/s X 10'''8) % rel transmittance Rp (mol L*"! s'l X 108) 
1.28a 100 10 
1.18a 92.2 8.9 
0.67a 52.3 4.9 
0.97b 75.8 5.3 
0.48b 37.5 4.6 
0.24b 18.8 2.6 
0.036C 2.8 3.5 

Table IV-2. Rates for sensitized sorbyl polymerizations at 37°C in a) 20:1 
bis-SorbPCi5,i5:DilC(18)3, pH 7.0 and b) 3:1:0.1 DOPE:bis-
SorbPCi7,i7:bilC(18)3, pH 9.5 assemblies as a function of incident light 
intensity from the filtered output of a 200 W Hg(Xe) lamp ( X > 470 nm) and c) 
13:1 bis-SorbPCi5j5:DilC(18)3 bilayers, pH 7.0, irradiated with 545 nm light 
from a 450 W Hg(Xe) lamp (14.4 nm bandpass). 
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Figure IV-16. Rate of polymerization as a function of intensity for DilC(18)3 
sensitized polymerization of bis-SorbPC bilayers with and without DOPE 
diluent. 
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IV.C.8. Effect of pH on Polymerization Rate 

The DIIC(18)3 sensitized polymerization of pure bis-SorbPCi5,i5 

bilayers was studied as a function of pH over the range 6.0-8.0. 

Polymerization rates increased with increasing pH, the largest change 

occuring between pH 6 and 7 (Figure IV-17, Table IV-3). The sensitized 

polymerization in bis-SorbPC/DOPE/DilC(18)3 liposomes was also studied as 

a function of hydrogen ion concentration (Figure IV-17, Table IV-3). The mixed 

lipid bilayer polymerization was studied at pH 7.0 and 9.5 with the same effect 

observed for pure bis-SorbPC bilayers, higher pH favors faster polymerization. 

Direct UV photolysis of bis-SorbPC containing bilayers does not display a pH 

dependence (unpublished data). 
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Figure IV-17. Plot of percent conversion of monomer versus time as a 
function of pH for DilC(18)3 sensitized polymerization of bis-SorbPC at 37°C 
in a) 20:1 bis-SorbPCi 5,15:DilC(18)3 and b) 3:1:0.2 DOPE:bis-
SorbPCi7,i7:DilC(18)3 liposomes. 
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PH RpxIpSM/s 
6.oa 
7.oa 
8.0a 
7.4b 
9.5b 

3.7 
5.8 
7.0 
1.1 
5.8 

Table IV-3. Rates of sensitized polymerization (Rp) as a function of pH in a) 
bis-SorfaPCi5,i5: DilC(18)3 (20:1) and b) 3:1:0.2 DOPE:bis-
SoriDPCi7,i7;DilC(18)3 liposomes. 

IV.C.9. Spin Trapping of Radical Species 

In an attempt to discern the mechanism of polymer chain initiation, ERR 

analysis was employed as a probe for detecting radical species. 5,5-

Dimethyl-,1-pyrroline-N-oxlde (DMPO) was added to a solution of 

DMPC/DilC(18)3 liposomes as described In Section IV.B.9. Following 

irradiation with visible-light, the samples were transferred to an EPR 

spectrometer for analysis. A signal corresponding to the hydroxyl spin adduct 

of DMPO (Figure IV-19-2) was recorded (Figure IV-18). 
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Figure IV-18. EPR spectrum obtained after 40 min irradiation of 
DMPT:DilC(18)3 liposomes in the presence of 10 mM DMPO. 
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This spectrum indicates trapping of either OH- and/or 02*" since the 02*" 

/DMPO spin adduct quickly degrades to the OH-/DMPO derivative (Rgure IV-

To distinguish between the two possible radicals (OH- and 02-"), 1M 

DMSO was included in the sample preparation. Any hydroxyl radicals formed 

quickly react with DMSO to generate a methyl radical (Rgure IV-19). Trapping 

of the methyl radical produces a substantially different EPR signal pattem than 

the hydroxyl spin adduct (see Appendix A-2). The UV/vis spectra of DilC(18)3 

In DMPO liposomes with and without 1 M (7 % DMSO) are shown in Figure IV-

20 along with the UV/vis spectrum of the sensitizer in Milli-Q water with 7 % 

DMSO for comparison. No changes in lipid assembly structure are suspected 

since the liposome bound sensitizer spectrum does not reflect any effects due 

to DMSO presence. 
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Figure IV-19. Schematic of reaction pathways available for DMPO in the 
presence of hydroxyl radical and superoxide anion radical with and without 
DMSO present. [DilC(18)3] = 50 tiM 
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Figure IV-20. UV/vis spectra of 3 DilC(18)3 in A) DMPC liposomes, B) 
DMPC liposomes with 7 % DMSO and C) Milli-Q with 7 % DMSO. 

Irradiations of DMPC/DilC(18)3 bilayers in the presence of DMPO and 

DMSO gave the same signal as in the absence of DMSO (Figure IV-21). This 

finding indicates that the radical initially generated upon visible-light 

photolysis of DilC(18)3 in lipid assemblies is superoxide radical anion and not 

hydroxyl radical. Control experiments were performed with DMPO to verify the 

EPR results were consistant with spectra for hydroxyl radical DMPO adduct. 

Figure A.2-1 confirms the characteristic 1:2:2:1 four peak EPR spectrum of 

structure 2 from Figure IV-19. Spectra of DMPO in the presence of DMSO 

only in Figures A.2-2 and A.2-3 are indicative of structure 3 from Figure IV-19 

with the characteristic 1:1:1:1:1:1 6 peak EPR spectrum. Results shown here 

indicate DilC(18)3 irradiation is leading to the production of superoxide radical 

anion. Although no indication of hydroxyl radical production is found, these 
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results do not exclude the possibility of HO* production through a reaction 

pathway beginning with 02"*• 
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Figure IV-21. EPR spectrum obtained after 40 min irradiation of 
DMPC:DilC(18)3 liposomes in the presence of 10 mM DMPO and 1 M DMSO. 
{[DilC(18)3] = 50 ^iM 
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IV.D. Discussion 

An oxygen dependent method to sensitize bis-SorbPC and bis-DenPC 

lipid polymerizations to visible-light was previously described.^^5 Amphiphilic 

sensitizing dyes (Figure IV-1) were incorporated into the supramolecular lipid 

assembly and irradiated under ambient conditions. This extension of that 

work discovered three additional cyanine dyes capable of sensitizing lipid 

assembly polymerization (Figure IV-9). This versatility provides the ability to 

tune the sensitivity of the polymerization process to light of different visible 

wavelengths (480-650 nm) and change the liposome surface charge from 

positive to negative. Neariy complete conversion of monomer to polymer (85-

90% conversion) can be accomplished in 10 min under optimal conditions. 

Three different classes of lipid reactive groups were previously 

employed as monomers for the sensitization reaction, i.e. sorbyl, dienoyi and 

acryloyi (Figure IV-1). Two of the three monomer types were successfully 

polymerized using DilC(18)3, i.e. lipids with dienoyi units incorporated in the 

lipid tail near the backbone (bis-DenPC) or sorbyl functionalities at the end of 

the hydrocarbon tail (mono- and bis-SorbPC). Of the two types, sorbyl 

monomers polymerize faster under the sensitization conditions suggesting 

that either the dienoyi functionality located at the end of the lipid tail is more 

reactive or that the initiating species is sufficiently hydrophobic that it 

preferentially partitions into the bilayer interior and therefore avoids the lipid-

water interface. Inefficiencies due to dye aggregation in DenPC bilayers also 

lead to slower polymerization. A third monomer functional group type, acryloyi 

located at the end of the hydrocarbon chain, was found to be relatively 

unreactive under the described sensitized polymerization conditions (Figure 
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IV-2). The polymerization of acryloyi monomers is highly sensitive to the 

presence of oxygen. Therefore, the oxygen requirement in the cyanine dye 

sensitized polymerization limits the types of monomer functionalities that can 

be usefully employed. Also previously reported is the visible-light sensitized 

polymerization of amphiphilic diacetylenes in multilayer assemblies with 

similar cyanine dyes.®® 

This continued study of cyanine dye visible-light sensitization of the 

polymerization of lipids in assemblies focuses on the sorbyl monomer in 

bilayers. The research goals were to optimize the polymerization conditions, 

determine the efficiency of the reaction, characterize the polymer, and propose 

a reasonable sensitization mechanism. 

IV.D.1. Quantum Efficiencies 

Quantum efficiencies for monomer reaction and sensitizer bleaching for 

the DilC(18)3 sensitized polymerization of bis-SorbPCi5,i5 were determined 

utilizing chemical actinometry. The Ol for sensitized polymerization, 9.0 x 10" 

4 monomers reacted/photon absorbed, can be compared to 0|ipid determined 

for the polymerization of bis-SorbPCi7,i7 via direct UV photolysis, Ol = 

0.25.2® The sensitized polymerization of bis-SorbPCi5,i5 is therefore 

approximately 280 times less efficient than direct photolysis of the monomer. 

This difference is partially a result of the competing processes occuring in the 

dye excited state and of the dye bleaching reactions. 

IV.D.2. Polymer Characterization 
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For comparison to previous reports on poly(mono-SorbPC) average 

molecular weights as a function of initiator, it was desirable to detemiine the 

size of the polymer obtained via DilC(18)3-DS sensitized polymerization. 

Polymer transesterification and 1 H-nmr analysis was accomplished. Analysis 

of H-nmr spectra were difficult due to low polymer concentration. Monomer 

repeat unit molecular weight was estimated as 197 g/mole. SEC scans 

indicate the transesterified polymer has a relative number average molecular 

weight of 20,500 implying that there are approximately 100 repeat units per 

polymer chain. In comparison, degrees of polymerization reported for the UV 

photopolymerization of SorbPC are 3-10.^^° Lipid assembly structure does 

not limit the size of the polymer since a 100 nm liposome of the type used in 

these experiments consists of approximately 8.0 x lO'^ lipids. The polymer 

size obtained from DilC(18)3-DS sensitization of bis-SorbPC polymerization is 

similar to that reported for AIBN initiated polymerization of the same monomer, 

i.e. 50 to 280 repeat units per polymer chain depending on the monomer to 

initiator ratio.^^ This result implicates a radical chain polymerization process. 

IV.D.3. Factors Influencing the Rate of Polymerization 

The rate of sensitized polymerization and dye bleaching are affected by 

many different variables including choice of sensitizer, temperature, pH, 

concentration of monomer in bilayer and incident light intensity. Previous 

studies report the effects of temperature, choice of sensitizer and liposome 

concentration.^These results show that polymerization rate was little 

affected by changes in temperature across the main phase transition of the 

lipid, indicating changes in lateral diffusion of nearly 2 orders of magnitude do 
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not alter the activity of the initiation and polymerization events. It was also 

found that liposome concentration did not affect the percent conversion of 

monomer with time. However, various sensitizers produced extremely 

different polymerization rates. Additional factors influencing polymerization 

rates, e.g. pH, light intensity, dye aggregation state, dilution of monomer, and 

additional sensitizer types, were studied here 

Other amphiphilic cyanine dyes (Figure IV-8) were utilized In an attempt 

to determine the most efficient sensitization conditions and to detennine how 

universal the sensitizing phenomenon is to other cyanine structures. The 

aqueous soluble DilC(1)3 was found to sensitize the polymerization of bis-

SorbPC only when a negatively charged lipid was added to the liposome to 

induce an electrostatic interaction of the dye with the liposome surface (Figure 

IV-9). The sensitized polymerization was markedly slower than when the 

anchored version, DilC(18)3, was employed. For ca. 20:1 lipididye, DilC(1)3 

produced 45 % conversion of monomer after 40 min compared to 66 % 

conversion in 12 min with DilC(18)3 as sensitizer. Merocyanine 540 (MC540) 

was also found to sensitize the polymerization of bis-SorbPC. The initial rate 

of polymerization is enhanced over all the other cyanine dyes used, however, 

the polymerization reaction quickly slows down to yield a low overall percent 

conversion (Figure IV-11). Visible-light irradiation of 20:1 bis-

SorbPCi5,i5:MC540 bilayers lead to 42 % conversion of monomer in 10 min 

as compared to 70 % conversion with DilC(18)3-DS. In striking contrast, after 

4 min, DIIC(18)3-DS has generated only 12 % monomer conversion while 

MC540 has produced 27 % monomer conversion. The most success has 

been achieved with sensitizing dyes absorbing near 550 nm. DilC(18)5 has a 
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maximum absorbance near 650 nm and has been shown sensitize the 

polymerization of SorbPC but at a much slower rate than DilC(18)3. However, 

it cannot be concluded that DilC(18)5 is a less efficient sensitizer under all 

irradiation conditions since the light source for these irradiations was a Hg(Xe) 

lamp which has different output intensities over the range of DilC(18)3 

absorbance (Xmax 550 nm) and DilC(18)5 absorbance (A,max 650 nm). A 

strong lamp emission line appears at approximately 545 nm to provide good 

overlap with DilC(18)3 absorbance. However, the most intense lamp 

emission in the range of DilC(18)5 absorbance occurs at approximately 590 

nm, in the low wavelength tail region of DilC(18)5 absorbance. Therefore, 

Hg(Xe) lamp irradiation of the two sensitizers at the same concentration leads 

to different quantities of excited state cyanine. 

The sample pH plays a substantial role in polymerization rate (Figure 

IV-16 and Table IV-3). For DilC(18)3 sensitized polymerizations of pure 

SorbPC bilayers the rate of polymerization is nearly doubled by raising the 

sample pH from 6.00 to 8.00. An even more dramatic effect was observed 

when SorbPC polymerizations in 3:1 DOPE:bis-SorbPCi7,i7 were sensitized 

by DilC(18)3 at pH 7.40 and 9.50. The polymerization was 5 times faster at 

the higher pH. No change in SorbPC polymerization rate is observed under 

UV photolysis conditions. Therefore, the pH effect is specific to the cyanine 

sensitization mechanism and will be discussed in Section IV.D.6. 

The role of incident light intensity is to determine how many photons are 

available for absorption by the cyanine sensitizers. Therefore, higher intensity 

should correspond to a faster polymerization since more excitation events will 

occur. Table IV-2 relates just such a dependence of polymerization rate on 
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irradiation intensity. Figure IV-16 depicts the linear relationship between 

polymerization rate and irradiation intensity. This correlation indicates that the 

sensitization reactions leading to production of initiator require one photon per 

initiating event. 

The sensitized polymerizations show three charactistic areas, a slow 

initial stage, a phase of rapid conversion, and a slow final stage. Initiator 

generation events, ie bimolecular reactions leading to intiator production 

(Section IV.D.6) are responsible for the slow initial stage. During the phase of 

rapid conversion there is an equilibrium between growing polymer chains and 

new initiating events. The final slow stage is not observed as such a drastic 

characteristic in direct UV photolysis polymerizations. However, it is observed 

in AIBN initiated polymerizations.^^2 Therefore, the phase is most likely due to 

the combination of a decrease in diffusion rate of the iniating species, a 

decrease in monomer concentration and therefore an increase in side 

reaction rate, e.g. chain terminating processes with oxygen. The apparent 

inability of the sensitized polymerization to achieve 100 % conversion may be 

attributed to one of two factors. First, the current data suggests that the point at 

which the slow final stage occurs is at lower conversion for bis-SorbPC than 

for mono-SorbPC (Figure IV-22). Polymerization of the former lipid system 

generates crosslinked polymers, while the latter produces linear polymers. It 

is known that the rate of lateral diffusion in crosslinked systems is drastically 

slower than in lineariy polymerized bilayers. This early onset of the slow final 

stage of the sensitized polymerization may be due to the reduction of 

sensitizer mobility within the lipid assembly. 
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Figure IV-22. Polymerization progress for DilC(18)3 sensitized 
polymerization of pure mono- and bis-SorbPC liposomes. 60 |iM lipid, 7:1 
lipidisensitizer. 

Another possible explanation for the sensitized polymerization to seemingly 

never reach 100 % conversion is that the calculated percent monomer reacted 

is an under estimate of the true value (see Section IV.C.2.)- Conversions of 

approximately 90 % have been achieved with sensitized polymerization. This 

may be within the error limits of 100 % conversion considering the contribution 

of sensitizer bleaching products UV absorption. 

MSPC 
BSPC 

IV.D.4. Rate of Sensitizer Bleaching 
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All of the sensitizers utilized bleach at different rates (Figure IV-10). 

Depending on the application, it may be desirable to have the sensitizing dye 

bleach quickly or slowly. MC540 bleaches at the highest rate while DilC(1)3 

bleaching the slowest. Although the mechanism of sensitizing dye bleaching 

is not known, the facts that amphiphilic sensitizers bleach faster than the 

electrostatically associated aqueous soluble sensitizer and that more 

aggregated sensitizing dyes show faster bleaching than less aggregated 

sensitizers indicate that close proximity of sensitizing molecules promotes 

their bleaching reactions. EDTA presence produces a less aggregated 

DilC(18)3 spectrum and a slower rate of sensitizer bleaching presumably due 

to electrostatic interaction of the tetra-anion with the cationic cyanine thereby 

inhibiting sensitizer aggregation. Two possible explanations for the 

enhancement of bleaching rate by high local concentrations of sensitizer are 

1) the postulated cyanine radical cations may dimerize^'"'^ and 2) initiating 

species, i.e. HO* or 02"* (Section IV.D.6), react with cyanine sensitizers. Both 

of these events disrupt the visible-light absorbing chromophores. 

IV.D.5. Interaction of Sensitizer with Bilayers 

The lipid environment alters the properties of the amphiphilic cyanine 

dye absorption, emission and aggregation. Absorption maxima are shifted to 

lower energy and fluorescence emission spectral shape is slightly altered. 

However the aggregation state of the dye, in the concentration range studied, 

is drastically enhanced by incorporation into the lipid assembly when 

compared to methanol solution (Figure IV-4). Previous studies on the 

photophysical properties of similar cyanines in lipid assemblies report 



158 

changes in cyanine photophysics due to the increased viscosity and lower 

dielectric constant of the lipid environment as compared to certain organic 

solvents.These reports suggest that the loss of mobility and increase In 

aggregation state caused by Incorporation of the dyes into lipid assemblies 

produce inhibition of photoisomerization and enhancement of fluorescence 

and triplet formation. Fluorescence enhancement is not observed here 

presumably because of self-quenching due to aggregation. 

The most unusual characteristic of the lipld-dye interaction studied here 

is the strong affinity of DilC(18)3 for SorbPC bilayers. Not only does the dye 

incorporate Into SorbPC assemblies in a much less aggregated manner than 

with other lipids, the dye apparently exchanges between liposomes with a 

preference for the SorbPC bilayers. Presumably there is a favorable 

interaction between DilC(18)3 and SorbPC, perhaps due to compatible lipid 

conformations In the tails and/or headgroups. 

iV.D.6. Sensitization Mechanism 

The mechanism of sensitization was explored. Since changing the 

counterion from perchlorate to para-chlorobenzene sulfonate (CBS) did not 

effect the reaction rate of DilC(18)5 sensitized SorbPC polymerization, 

counterion participation was ruled out. The sensitization requires the 

presence of oxygen, suggesting oxygen plays a key role In formation of the 

initiating species. There are two possible interactions between excited state 

dye and O2, production of singlet oxygen through triplet energy transfer or 

production of superoxide radical anion via electron transfer. Energy transfer to 

molecular oxygen is a likely participant In the excited state chemistry of the 
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cyanine sensitizers although most of the sensitizers utilized have relatively low 

triplet yields. The quantum yields for singlet oxygen formation in similar 

systems are reportedly modest (aproximately 3% assuming complete 

inhibition of photoisomerization and internal conversion for amphiphilic 

thiacarbocyanines in DMPC liposomes)/26 aisq, energy transfer from excited 

state sensitizer to molecular oxygen would regenerate ground state dye while 

bye bleaching is observed during sensitized polymerization. 

The EPR data indicate superoxide radical anions are formed during the 

irradiation of DilC(18)3 in non-polymerizable DMPC vesicles. The production 

of 02'- is depicted as an electron transfer reaction in Equation 1. 

*DilC(18)3+ + 02 > DilC(18)32+- + Oz'- (1) 

The ground state redox potential of DilC(18)3 is 1.0 eV^"''^ while the reduction 

potential of molecular oxygen is -0.33 eV.''^^ The reaction of electron transfer 

from cyanine to oxygen then is energetically favorable. Ground state reactions 

are typically enhanced by electronic excitation (DilC(18)3 excited state 

oxidation potential, estimated from the ground state value and the energy of 

maximum absorbance, 2.26 eV, can be approximated as 3.26 eV). Therefore, 

it is expected that Equation 1 is an energetically favorable reaction. 

The sensitized polymerization was determined to be inhibited at low 

pH, implicating the deprotonated form of superoxide anion as a reactive 

species in the formation of an initiator (Equation 2). 

02-- + H+ > H02" (2) 

The pKa of H02- is 4.69. At pH conditions greater than 7, the equilibrium of 

the superoxide self-dismutation reaction (Equation 3) is displaced toward a 

longer lifetime for 02"-. 
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02"- + H02- > O2 + H02' (3) 

Recall that higher pH over the range 6 to 9.5 enhances the rate of sensitized 

polymerization. This pH dependence may implicate the reaction in Equation 3 

as the rate determining step in the proposed reaction pathway since higher pH 

will enhance the presence of superoxide radical anion. 

No previous reports of superoxide radical anion as an initiator of radical 

chain reactions could be found. However, there are reaction pathways 

available to superoxide radical anion that generate hydroxyl radical. Equation 

4 shows how two superoxide radical anions combine to form hydrogen 

peroxide with a rate constant of 10^0 at pH 7.^^^ 

202'* + 2H+ > O2 + H2O2 (4) 

Polymerization of bis-SorbPC was obsen/ed when hydrogen peroxide was 

used as a HO- source under thennal decomposition conditions.^^s Therefore, 

hydrogen peroxide formed via Equation 4 could spontaneously decay to yield 

hydroxyl radical. Therefore, electron transfer from two excited state cyanines 

to two ground state oxygen molecules (Equation 1) followed by the reactions 

in Equations 4 and thennal decay of hydrogen peroxide lead to the formation 

of two hydroxyl radicals, potential initiating species. 

Alternatively, equation 5 provides a method for HO- formation from 

superoxide. 

Or- + H2O2 > O2 + HO- + OH- (5) 

Three electron transfers from excited state cyanines to oxygen are required for 

the reaction pathway to include Equation 5. Therefore 3 photons must be 

absorbed before one initiation event can occur. However, the observed linear 

relationship between rate and light intensity suggests there should be one 
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initiator generated per photon absorbed, Implicating thermal decay of 

hydrogen peroxide as the hydroxy! radical source. 

Permeation of superoxide through lipid bllayers is a controversial Issue. 

Initial reports indicate the permeability Is low or absent.However, more 

recently the permeation of superoxide across DODAC vesicle bllayers was 

detected and found to occur with more rapid permeation occuring at 

temperatures above the lipid's main phase transition.Hydroxy! radical is 

expected to rapidly pemneate lipid bllayers due to the lack of charge, and the 

previously demonstrated successful polymerization of SorbPC bllayers with 

hydrogen peroxide confimns this hypothesis.^ 

IV.D.7. Conclusion 

Reported Is the continuation of the study of a visible-light sensitization 

system employed to polymerize lipid bilayers. The system utilizes 

photoexcited amphlphllic cyanlne dyes or an electrostatically llpid-assoclated 

cyanine dye to generate radical polymerization initiators, postulated to be 

hydroxy! radicals, under ambient conditions In aqueous liposome dispersions. 

Oligomers and small polymers are fonned upon irradiation with visible-light in 

the range of 480-650 nm. Essentially complete conversion of sorbyl-lipid 

monomer can be achieved within 10 minutes with irradiation from the filtered 

output of a Hg(Xe) arc lamp (A. > 470 nm). Optimum sensitizing conditions are 

defined here as those that generate polymer quickly and to high conversion. 

Therefore, the conditions that best fulfill this definition Include DilC(18)3-DS as 

the sensitizing agent and SorbPC as the lipid monomer with no non-
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polymerizable lipid diluent present. The sample pH should be high, preferably 

above 9.0 and the sensitizer should be in a relatively non-aggregated state. 

Application of this sensitization process to polymerization of other lipid 

assemblies, i.e. non-lamellar structures and SAMs is an obvious future goal of 

this project. A search for more quantum efficient sensitizers Is currently 

undenway. Success in this endeavor would certainly prove useful to 

applications in various fields. The next chapter of this dissertation illustrates 

one example of an application of visible-light sensitized polymerization of lipid 

assemblies, i.e. polymerization induced liposome destabilization. 
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VISIBLE-LIGHT PHOTOSENSITIZED OESTABILIZATION OF 

LIPOSOMES 

V.A. Introduction 

Applications of liposomes as drug delivery vehicles is an area of active 

research. Liposomes are considered potential drug delivery systems for 

numerous reasons. The lipid components have relatively low toxicity due to 

their biological nature. Encapsulation of agents into the liposome aqueous 

interior or hydrophobic bilayer protects the therapeutic agents from 

undesirable interactions in vivo prior to delivery. The relatively small sizes of 

liposomes (typically 200 nm or less) allow free flow of the vehicles in vivo 

through the vasculature. Finally, the versatility of lipid structures toward 

chemical modification allows researcher to design liposomal systems with 

numerous special features that aid in enhancing in vivo circulation times, site-

specificity and release mechanisms. 

Immunoliposomes, liposomes with target specific antibodies or haptens 

decorating their surfaces, can be one of two types, pH-sensitive or target-

sensitive.^^^ Immunoliposomes with pH sensitivity release their aqueous 

contents into the cytoplasm following endocytosis and bilayer 

destabilization/fusion at the low pH of the endosome. Target-sensitive 

immunoliposomes release their contents at the cell surface following 

recognition of liposomal bound antibody or hapten by the cell surface. Figure 

V-1 depicts these two possible routes for immunollposomal delivery to cells. 
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The use of immunoliposomes has been shown to be a successful method for 

generating high concentrations of liposomes at target sites."'^'^^^ 

Immunoliposome 

endocytosis 

leakage fusion 

liposome in 
endosome 

Figure V-1. Immunoiiposomal delivery of therapeutics to cells. Targeting 
agents present on liposome surface. (Relative sizes not to scale.) 

A serious problem with using liposomes for therapeutic delivery is that 

they are recognized by the body as foreign and therefore are quickly removed 
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from the vasculature and destroyed. Sterically stabilized liposomes have 

been designed to avoid the reticulo endothelial system (RES) and thereby 

maintain enhanced in vivo circulation times.^^® The liposome surfaces are 

hidden from macrophages by a poly(ethylene)glycol (PEG) coating that is not 

recognized as foreign by the RES. The PEG units are typically covalenty 

attached to a small percentage of the lipid headgroups either before or after 

liposome formation,Recently it has been discovered that sterically 

stabilized liposome and immunoliposome technologies can be combined 

such that targetting agents are presented at the ends of some PEG chains.^ 

This added flexibility in the conformational and directional approach of the 

site-specific agent to the cell surface appears to aid in targetting ability. 

Targeting and steric stabilization certainly enhance the possibilities for 

successful liposomal drug delivery. However, further advances are required 

for more efficient, controllable drug release. For an entrapped molecule to 

escape the liposome aqueous interior, the lipid bilayer must be disrupted. 

One could imagine pores forming where water and solubilized molecules 

could freely exchange into the bulk aqueous environment. Alternatively, a 

pore could form between two bilayer membranes allowing exchange of 

aqueous contents between liposome and liposome or liposome and cell. 

Methods that are available to induce bilayer destabilization events include 

incorporation of polymorphic lipids, pH sensitive peptides'"and photo-

labile lipids.'"'^^ 

A common mode of liposome destabilization and subsequent release 

of aqueous contents exploits the properties of polymorphic lipids, e.g. 

phosphatidylethanolamines (PE).""^^ Polymorphic lipids can be incorporated 
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into lamellar liposome assemblies in combination with many lamellar forming 

molecules, e.g. diacylphosphatldylcholines, glycoproteins, cholesterol. 

Exploitation of events that enhance the ability of the polymorphic lipids to form 

nonlamellar deformities In these bilayers induces liposome destabilization 

and release of aqueous contents. Bilayer contact appears to be required for 

the destabilization of lamellae containing polymorphic lipids."''*2 Therefore, 

processes that reduce lipid headgroup hydration or bilayer electrostatic 

repulsions promote bilayer contact and enhance the probability of lamellar 

destabilization. Siegel summarized existing theories and proposed a 

modified pathway through which lipid bilayers containing polymorphic lipids 

could form intermediates and eventually fusion pores that cause aqueous 

contents leakage from liposomes or aqueous contents mixing between 

fusogenic liposomes.The modified stalk mechanism of membrane fusion 

suggests four steps required for a fusion event: 1) close apposition of two 

bilayers, 2) formation of a stalk intermediate (semi-toroidal inter-bilayer 

structure connecting apposing monolayers), 3) continuous deformation of the 

intermediate leading to trans monolayer contact and 4) curvature and 

interstice-generated stress increase to create simple ruptures forming a fusion 

pore. 

It is known that polymerization of liposomes leads to domain formation 

via lateral reorganization of the bilayer lipids (Section I.B.4).20 if some mole 

fraction of the liposome composition is polymorphic lipid, the polymerization 

induced domains enriched in polymorphic lipid are inherently unstable in the 

lamellar phase. The use of polymerization to induce the formation of 

polymorphic lipid enriched domains is a useful method for promoting liposome 
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destabilization.2'^'2®'^'^ Lamparski et al. demonstrated that the photoinduced 

polymerization of monomer lipids led to release of calcein from oligolamellar 

liposomes (MLV) containing bis-SorbPC (monomer lipid) and DOPE 

(nonpolymerizable, polymorphic lipid).^^ Stabilization of PE in a lamellar 

phase under physiological conditions was accomplished by addition of 25-33 

mole % bis-SorbPG. UV photolysis of the sorbyl PC monomer led to release 

of liposome aqueous contents, and a 31 p nmr isotropic signal suggesting the 

formation of a nonlamellar phase was enhanced by polymerization J 

Subsequent reports utilizing the same polymerizable lipid have shown 

leakage of LUV aqueous contents, LUV fusion and lipid mixing between 

labeled and unlabeled LUV.25.144 three phenomena are affected by the 

following variables: 1) ratio of PE to polymerizable PC, 2) target liposome 

composition, 3) percent conversion of lipid monomer to polymer, 4) sample 

pH, and 5) temperature. 

In the earlier report by Lamparski et al., the polymerization and 

destabilization events were observed independently.^'^ Therefore, following 

polymerization, leakage analysis by fluorescence spectroscopy indicated 

leakage occurred during the photopolymerization reaction. Bennett and 

O'Brien reported an assay protocol that separated the two events so that 

destabilization could be viewed as it occurred.^® Preparing PC/PE liposomes 

at pH 9.5 yields an overall negative surface charge due to deprotonation of the 

PE ammonium group. Lipid bilayers at this pH are then electrostatically 

repulsed inhibiting bilayer-bilayer contact, the event previously mentioned as 

necessary for lamellar destabilization. Polymerizations were performed at pH 

9.5 so that bilayer-bilayer contact would be inhibited during polymerization 
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induced domain fonnation. Acid was added during time based fluorescence 

scans to reduce the pH and thereby alleviate the electrostatic liposome-

liposome repulsion. This protocol allows direct monitoring of the 

destabilization event. 

The use of photopolymerization to induce the release of liposome 

contents provides temporal and spatial control of aqueous contents delivery. 

Spatial control is achieved since only the lipids in the liposomes at the site of 

irradiation will polymerize, and therefore only those liposomes will release 

their contents at the cell surface or cytoplasm. Temporal control is achieved 

since release occurs only upon irradiation. Additionally, external modulation 

of light intensity and duration of photolysis may provide means of controlling 

leakage rate and overall amount released per irradiation event. Fiber optic 

delivery of light to tissues is an efficient and relatively non-invasive method of 

therapy. One aspect of the liposomal destabilization method described above 

that deserves consideration is the current requirement for in vivo U V 

irradiation. UV energy is damaging to tissues and is less penetrating than 

longer wavelength, visible light. Sensitizing the polymerization of sorbyl lipids 

to visible-light, as reported in Chapter IV, provides a means for avoiding these 

problems. Visible-light induced liposome destabilization is reported here. 

The successful coupling of this phenomenon with immuno- and sterically 

stabilized liposome technologies opens the way to new methods for delivering 

therapeutic agents to diseased tissue. 
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V.B. Experimental 

V.B.I. Materials 

The polymerizable lipid 1,2-bis-[10-(2',4'-hexadienoyloxy)decanoyl]-sn-

glycero-3-phosphatidylcholine (bis-SorbPCi7,i7) was generously provided 

through the synthetic efforts of Henry Lamparski using the procedure 

described previously.Lipid purity was confirmed by thin-layer 

chromatography (TLC) with chloroform/methanol/water (65:25:4 by volume). 

Pure lipids eluted to a single spot with an Rf of 0.35-0.40. Stock benzene 

solutions of polymerizable lipids (ca. 20 mg/ml) were stored at -40°C as an 

amorphous ice. 1,2-dioleoyl-sn-glycero-3-phosphatidylethanolamine (DOPE) 

was purchased from Avanti Polar Lipids, Inc. (Alabaster, AL) as a 20 mg/ml 

solution in CHCI3 and stored at -40°C. 

A/,A/-Dioctadecyldimethylindocarbocyanine perchlorate (DilC(18)3) was 

purchased from Molecular Probes (Eugene, OR). Concentration and purity in 

methanol were determined via visible absorption spectroscopy using the 

literature value for extinction coefficient, 140,000 cm*"' M""!. DilC(18)3 was 

stored as a solid or in methanolic solution both at -40°C. 

HPLC and Spectrophotometric grade methanol were purchased from 

J.T. Baker (Phillipsburg, NJ) and used as received. Sodium chloride was 

purchased from Mallinckrodt (Paris, KY), and glycine was purchased from 

Aldrich (Milwaukee, Wl) for buffer preparations and used as received. All 

buffers were prepared with Milli-Q water (Millipore, Inc.) and filtered through 

0.22 nM pore size filters from Millipore Corporation (Bedford, MA). 



170 

8-Aminonaphthalene-1,3,6-trisulfonic acid disodium salt (ANTS) and p-

xylenebispyridinium bromide (DPX) were purchased from Molecular Probes 

(Eugene, OR) as solids and stored at -40°C. 

Sephacryl S-300 with 20% ethanol as preservative and Sephadex® G-

75 size exclusion chromatography gels were purchased from Pharmacia 

Biotech (Uppsala, Sweden). 

V.B.2. Preparation of Liposomes 

Aliquots from lipid solutions in benzene or CHCI3 were obtained, and 

the solvent was removed under a steady flow of argon followed by vacuum 

desiccation for a minimum of 2 hours. This procedure provides a dry, thin lipid 

film. Hydration of the lipid film occurs upon addition of the appropriate amount 

of buffer followed by vortex mixing to loosen the film from the flask walls. Ten 

freeze/thaw cycles consisting of freezing by submersion of the solution vial 

Into -78°C dry Ice/isopropanol bath followed by thawing in a 37°C bath insure 

the lipids are well hydrated and are in extended bilayers. Liposome size was 

controlled by extrusion at 37°C through 2 stacked 0.1 p-M or 0.6 |iM pore size 

Nucleopore brand polycarbonate filters using a stainless steel extrusion 

apparatus (Lipex Biomembranes, Inc.) to produce LUVs and MLVs, 

respectively. Liposomes were stored at room temperature during use and at 

6°C ovemight. All liposomes were used within two days following preparation 

via extrusion. 
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V.B.3. Liposome Sizing 

Multiangle dynamic laser light scattering (Brookhaven BI-800AT 

correlator with a 5 mW HeNe laser light source, Brookhaven Instruments 

Corp.) provided liposome diameter distributions upon analysis of data 

obtained from 90°, 60° and 120° using various fitting methods, i.e. single 

exponential, exponential sampling, non-negatively constrained least squares 

and CONTIN.^^ LUV diameters were approximately 104 nm ± 5 nm. 

V.B.4. Incorporation of Sensitizing Dye into Prepared Liposomes 

Incorporation of sensitizing dye into preformed liposomes was achieved 

via addition of an aliquot of sensitizer in methanol to the liposome suspension 

such that the amount of organic solvent didn't exceed 1 % of the total volume. 

The solution Is incubated for 15 minutes at 37°C to allow equilibration of the 

sensitizer within the lipid bilayer. 

V.B.5. Visible-Light Irradiation 

The filtered output of a 200 W Hg/Xe lamp was used to activate the 

sensitized polymerization at 37°C. The Corning filter used, CS3-72, cut off 

wavelengths of light less than 470 nm. No direct Irradiation of the monomer 

was observed. Polymerization was monitored as a function of loss of 

monomer absorbance at 258 nm using a Varian DMS-200 double-beam 

spectrophotometer thermostatted at 37°C. 
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V.B.6. Leakage Assay 

An ANTS/DPX fluorescence dequenching assay was used to detect 

leakage of liposonne aqueous contents induced by partial polymerization of 

3:1 DOPE:bis-SorbPCi7,i7 liposomes."'ANTS and it coilisional quencher, 

DFX, are coencapsulated into liposomes. High local concentrations of the two 

markers produce low fluorescence yields from ANTS. Upon release of the 

markers into the bulk aqueous phase, DFX quenching of ANTS fluorescence 

is relieved. Samples were prepared at pH 9.5 where the liposome surface 

charge is overall negative due to deprotonation of the FE ammonium group. 

These surface electrostatic properties cause repulsion between lipid bilayers 

precluding the bilayer-bilayer contact necessary for destabilization. The 

experimental protocol is modified for use with LUVs or MLVs. For assay of 

LUV leakage, partially polymerized liposomes are mixed with unpolymerized 

liposomes in a 9:1 ratio. Following equilibration of the two liposomes 

populations, the sample pH is reduced to remove the excess electrostatic 

repulsion (Figure V-2.A). MLV leakage is induced by lowering the pH of a 

partially polymerized sample to reduce electrostatic repulsion between intra-

liposomal lamellae (Figure V-2.B). 
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Figure V-2. Schematic of ANTS/DPX leakage assay illustrating the 
interaction between A) lamellae in partially polymerized MLVs and B) partially 
polymerized LUVs with unpolymerized LUVs (either liposome population may 
be polymerized). Partially polymerized liposomes contain some mole fraction 
of DilC(18)3. 
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Two liposome populations were prepared, both with 3:1 DOPErbis-

SorbPCi7,i7. One population contained no entrapped markers and the lipids 

were hydrated in 10 mM glycine, 115 mM NaCI, pH 9.5, 220 mOs buffer. The 

second liposome population coencapsulated ANTS and DPX by preparing the 

liposomes in equal amounts of the two buffers 1) 25 mM ANTS, 63 mM NaCI, 

10 mM glycine, pH 9.5, 230 mOs and 2) 90 mM DPX, 10 mM glycine, pH 9.5, 

230 mOs. Untrapped ANTS and DPX were separated from the liposomes by 

passing the suspension over a 2 cm x 15 cm SEC column packed with high 

resolution Sephacryl S-300 or Sephadex® G-75 gel at a flow rate of 60 

ml/hour eluting with 10 mM glycine, 115 nM NaCI, pH 9.5, 220 mOs buffer. 

Dye was combined with one of the two liposome populations and the 

sample was irradiated as previously described. Partially polymerized 

liposomes were mixed with unpolymerized, target liposomes in the ratio 9:1, 

and the mixture equilibrated ca. 5 min. Aliquots were removed for individual 

analysis of leakage capabilities. 

Leakage was monitored by fluorescence dequenching after pH 

reduction as a time based scan with excitation at 360 nm (ANTS absorption 

max) and emission followed at 520 nm (ANTS emission max). The sample 

cell holder was thermostatted to the appropriate temperature and the sample 

was continuously stirred. The sample pH (9.5) was reduced during the scan 

by addition of an aliquot of appropriate buffer. Addition of acetate buffer (pH 

4.5, 2 M) dropped the pH to 4.6, acetate buffer (pH 5.0, 1.5 M) brought the pH 

down to 5.6, and pH TES buffer (7.0, 0.5 M) reduced the pH to 7.4. 100% 

leakage was obtained by lysing the liposomes with excess Triton-X-100 

detergent. 



175 

Time based fluorescence scans were converted to plots of % leakage 

vs time (sec) using the following equation: 

% leakage = lt-lo/(ltrlton-lo) 

where It refers to the fluorescence intensity at some time t, Iq is the initial 

fluorescence value and Itriton is the relative fluorescence after 100 % leakage 

due to triton lysis of liposomes (corrected for dilution effects). 

V.B.7. Fusion Assay 

An assay for fusion of 3:1 DOPE:bis-SorbPCi7,i7 LUVs utilized the 

ANTS/DPX quenching reaction to monitor mixing of liposome aqueous 

contents between two liposome populations, one containing ANTS and one 

containing DPX, the collisional quencher of ANTS fluorescence.^'^® Fusion is 

observed as decreased ANTS fluorescence due to DPX quenching. 

DilC(18)3 was added to DPX containing liposomes (20:1 lipid:dye), and 

visible-light sensitized polymerization was achieved under irradiation with the 

filtered output of a 200 W Hg(Xe) lamp {X > 470 nm). Partially polymerized 

(DPX) and nonpolymerized liposomes (ANTS) were combined at a ratio of 9:1 

-DPX-containing:ANTS-containing with a final lipid concentration of 300 p.M. 

Relative fluorescence intensity for 0 % fusion was obtained from dark, 

unpolymerized samples, and relative fluorescence of liposomes with ANTS 

and DPX coencapsulated served as the 100 % fusion value. Samples were 

prepared, polymerized and combined at pH 9.5. After beginning a 

fluorescence time base scan exciting at 360 nm and monitoring emission at 

520 nm the sample pH was reduced to 4.5 by the addition of an aliquot of 

acetic acid buffer. 
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V.B.8. Lipid Mixing Assay 

An assay for detection of lipid mixing between different liposome 

populations that followed the protocol of NBD-PE/Rh-PE assay^°^ following 

the modifications of Diizgunes et al."''^^ was utilized. DilC(18)5 was added to 

an unlabelled population of 3:1 DOPE:bis-SorbPCi7,i7 liposomes (20:1 

iipid:dye). A second population of liposomes were labelled with NBD-PE and 

Rh-PE (3:1 DOPE:bis-SorbPCi7,17 with 0.5 mole % of each probe). 

Sensitized polymerization of the unlabelled liposomes was attempted using 

the filtered output of a 200 W Hg(Xe) lamp (Coming filter CS3-70, X > 490 nm). 

Following combination of unlabelled liposomes with labelled liposomes (9:1) 

to a final lipid concentration of 300 ^iM, a time based fluorescence scan was 

obtained by exciting NBD at 450 nm and monitoring its emission at 530 nm. 

When NBD and Rh are in close proximity, energy transfer occurs from NBD to 

Rh thereby quenching NBD fluorescence. As lipid mixing occurs, the probes 

are diluted, increasing the average distance of separation and diminishing 

energy transfer. Therefore, lipid mixing is observed as an increase in NBD 

fluorescence. 
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V.C. Results 

V.C.I. Visible-Light Sensitized Polymerization 

Visible-light sensitized polymerization of 3:1 DOPE:bis-SorbPCi7,i7 is 

reported in Chapter IV. Average monomer conversions per typical irradiation 

times are given in Table V-1. 

Irradiation time, min Ave. % Monomer Conversion 
15 24 ±7 
30 39 ± 10 
60 56 ±10 

Table V-1. Percent conversions of bis-SorbPCi7,i7 monomer in 3:1:0.2 
DOPE:bis-SorbPCi7,i7:DilC(18)3 LUVs. Irradiations at 37°C and pH 9.5 
using a 200 W Hg(Xe) lamp as described in Section V.B.5. 

The standard deviations reported in Table V-1 reinforce the need for 

monitoring polymerization progress by UV/vis spectroscopy. Small deviations 

in lipid to dye ratio, light intensity or other variables between experiments lead 

to substantial differences in percent conversion. 

V.C.2. Destabilization of Multi-lamellar Liposomes 

ANTS and DPX containing 3:1 DOPE:bis-SorbPCi7,i7 MLVs were 

polymerized at pH 9.0 to achieve 30 or 45 % polymerization with 87:1 and 

22:1 lipid:DilC(18)3 ratios, respectively. Raw fluorescence time scan data are 

shown in Figure V-3. Initially the fluorescence yield of ANTS is low due to 

close proximity of its co-encapsulated collision quencher DPX. Following the 

addition of acid to reduce the pH to 4.5, a sharp increase in ANTS 

fluorescence intensity is observed. After 30 to 60 min, an aliquot of detergent 

is added to lyse the liposomes and obtain the fluorescent count for 100 % 
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leakage. Figure V-3 demonstrates that leakage is observed upon acid 

addition to partially polymerized MLVs. A maximum leakage of 63 % was 

observed for liposomes with 30 % bis-SorbPC polymerized. The initial rate of 

leakage was 0.11 % leakage/sec. The dark sample and 45 % polymerized 

sample both produced near 20 % maximum leakage and initial rates of 0.024 

% leakage/sec. 
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Figure V-3. Fluorescence time scans showing leakage of ANTS and DPX 
from 3:1 DOPE:bis-SorbPCi7,i7 MLVs at 37°C and pH 4.5: A) 30 % 
polymerization, 87:1 DilC(18)'3 and B) 0 % polymerization, 87:1 
lipld:DilC(18)3. Time zero is the point of sample acidification. 
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V.C.3. Destabilization of Unilamellar Liposomes 

Two populations of liposomes were prepared, one containing ANTS 

and DPX and the other empty. The unlabeled liposomes were polymerized 

via DilC(18)3 sensitization and then mixed in a 9:1 ratio with unpolymerized 

liposomes containing ANTS and DPX. Liposome destabilization was 

triggered by addition of acid to reduce sample pH to 4.5. Leakage was 

observed as an increase in fluorescence intensity due to relief of DPX 

quenching of ANTS fluorescence (Figure V-4, A). One-hundred % leakage 

was determined by lysing the liposomes with detergent (Figure V-4, B). 
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Figure V-4. A) Relative ANTS fluorescence intensity before and after acid 
addition to a suspension of 9:1 48% polymerized, unlabeled:unpolymerized, 
labeled liposomes (300 lipid). Initial pH 9.5; final pH 4.5; excitation 360 
nm; emission 520 nm. B) Relative ANTS fluorescence following lysis of 
liposomes in A with Triton X-100. 
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Conversion of the above data into a plot of percent leakage versus time 

allows for comparative values and rate determination. Figure V-5 shows that a 

30 % maximum leakage Is obtained within the first 100 sec following acid 

addition. The rate is detennined from the-initial time points and found to be 

1.12 % leakage/sec. Converting this rate into molecules released/sec 

requires a calculation of the number of ANTS molecules are encapsulated per 

liposome. Based on a liposome diameter of 100 nm with a bilayer width of 5 

nm, the in ter ior  aqueous compartment  wi l l  have a  volume of  4  x lO ' l^  L  

Considering an ANTS concentration of 12.5 mM, this corresponds to 

approximately 2870 ANTS molecules encapsulated per liposome. Therefore, 

a leakage rate of 1.12 % leakage/sec con'esponds to ca. 32 ANTS molecules 

released per sec. 

Figure V-5. Percent leakage versus time for 9:1 48% polymerized, 
unlabelediunpolymerized, labeled liposomes derived from the data in Figure 
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Time, see 

300 

V-4. 
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V.C.4. pH Sensitive Destabiiization 

Following partial polymerization at pH 9.5 and equilibration of the two 

liposome populations, the sample pH was reduced to 7.4, 6.3, 5.6 or 4.5. 

Figure V-6 shows how low the pH must be reduced for significant leakage to 

occur. Physiological pH, 7.4, does not induce substantial leakage froni these 

liposomes (0.0358 % leakage/sec). In fact, much higher [H+] must be 

achieved before the initial rate of leakage climbs to a significant value (pH 4.5, 

0.185 % leakage/sec). A plot of the initial rates of leakage versus sample pH 

further illustrates the requirement for low pH to observe significant leakage 

(Figure V-7). 
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Figure V-6. Leakage plots for samples of pH A) 4.5, B) 7.4, C) 5.6, and D) 
6.3. Destabiiization of unpolymerized carrier LUVs by 35 % polymerized 
empty LUVs. 9:1 empty:carrier liposomes (300 lipid); 3:1 DOPE:bis-
SorbPCi7,i7 carrier liposomes; 3:1:0.2 DOPE:bis-SorbPCi7,i7:DilC(18)3 
empty liposomes. Time zero represents the point of sample acidification. 
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Figure V-7. Plot of initial leakage rates versus sample pH. Caption same as 
Figure V-6. 

V.C.5. Temperature Sensitive Photo-Sensitized Destabiiization 

Altering the temperature for monitoring liposome leakage over the 

range 20-44°C as a function of percent polymerization gives data that 

strikingly defines the minimum temperature and percent conversion required 

to detect leakage. Figure V-8 shows leakage for four different temperatures 

and four different percent monomer to polymer conversions. In panel C (37''C) 

the most significant leakage is seen with the sample irradiated 30 min (48 % 

conversion) while 0 and 15 minutes ( 0 and 20 % conversion) of in^diation 

show minimal leakage, in panel D (44°C) the most significant leakage is 

induced by 60 minutes of irradiation (60 % conversion), and the dark sample 

continues to show minimal leakage. Notice that higher percent conversion (60 
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%) leaks slower at 37°C and faster at 44°C than lower percent conversion (48 

%). 

The apparent discrepancy between 48 % and 60 % polymerization at 

37°C and 44°C may be due to the following. First, recall from Chapter IV of 

this dissertation that the overall percent conversions of monomer from 

sensitized polymerization have substantial errors associated with them due to 

the interference of dye bleaching products with monomer absorbance. Also, 

Table V-1 points out that identical irradiation times can yield percent 

polymerizations differing by as much as 10 %. Therefore, the actual values of 

percent polymerization may be substantially different than the reported 

percent polymerizations of 48 and 60, differing by only 12 %. Second, there 

may be an adjustment of the critical temperature for destabilization at different 

percent  convers ions.  Substant ia l  leakage is  observed for  48 % 

polymerization at 37°C while 60 % polymerization has a lower leakage profile. 

The higher temperature of 44°C causes a significant jump in leakage for 60 % 

polymerization while very little difference occurs over this temperature range 

for 48 % polymerization. Perhaps higher polymerization creates a stability in 

the lamellar structure that must be overcome by higher temperature. This is 

not observed for UV photolyzed samples. However, the polymers formed 

during visible-light sensitized polymerization are much larger than those 

obtained via UV photolysis. 
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Figure V-8. Percent leakage versus time al various temperatures A) 20°C, 
B) 25°C, C) 37°C, and D) 44°C and percent polymerizations as indicated. 
(Percent polymerizations not labelled in boxes A and B are the same as boxes 
C and D). 9:1 emptyicarrier LUVs (300 |iM lipid); 3:1 DOPE:bis-SorbPCi7,i7 
carrier LUVs; 3:1:0.2 DOPE:bis-SorbPCi7,i7:DilC(18)3 empty LUVs. 

Plotting the initial leakage rates at various percent conversion as a function of 

temperature allows comparison of the critical leakage temperature with 

respect to percent monomer conversion (Figure V-9). 
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Figure V-9. Initial rate of leakage at pH 4.5 versus temperature for various 
monomer conversions: 0% (open squares), 20 % (closed circles), 35 % 
(closed squares), and 47 % (open circles). 9:1 empty;camer LUVs (300 |iM 
lipid): 3:1 DOPE:bis-SorbPCi7,17 carrier LUVs; 3:1:0.2 DOPE:bis-
SorbPCi7,i7:DiIC(18)3 empty LUVs. 

Greater than 35% conversion of monomer is required to produce a significant 

initial leakage rate at the physiological temperature of 37°C. However, at 

higher temperature, 44°C, leakage is found with as little as 20 % 

polymerization. Also important is the observation that the polymerized 

liposome samples combined with the unpolymerized target liposomes are 

stable at or below room temperature and at or above pH 5.5, Samples kept in 

the dark are stable at any of the pH values studied at temperatures below 

approximately 40°C. 
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V.C.6. Delivery from Partially Polymerized LUV 

The ANTS/DPX assay data presented thus far were a consequence of 

photopolymer izat ion induced leakage of  aqueous markers f rom 

unpolymerized target liposomes. It is clearly desirable to obsen/e leakage 

from the photolyzed liposomes to more closely resemble a drug delivery 

scenar io .  Di lC(18)3 was incorporated in to 3:1 DOPEib is-SorbPCi  7 ,17 

liposomes (20:1 lipid:dye) containing ANTS and DPX. The sample was 

irradiated with visible-light (A, > 470 nm) to induce polymerization of the 

SorbPC monomer. Unlabelled liposomes were added to the suspension prior 

to pH reduction. Figure V-10 shows leakage data obtained for delivery of 

ANTS/DPX from partially polymerized liposomes mixed with unpolymerized 

empty target liposomes. The initial rate of leakage from Figure V-10 is 0.65 % 

leakage/sec. 
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Figure V-10. Percent leakage as a function of time for delivery from partially 
polymerized liposomes. 37°C; 9:1 canierempty liposomes (300 ^iM lipid); 3:1 
DOPE:bis-SorbPCi7,17 empty liposomes; 3:1:0.2 DOPE:bis-
SorbPCi7,i7:DilC(18)3 earner liposomes 32 % polymerization. Time zero 
represents the point of acidification. 

The leakage assay conditions (presence of ANTS and DPX) did not Interfere 

with the photosensitized polymerization since percent conversions were 

similar to those obtained during sensitized polymerization of empty liposomes. 

If the sample pH was adjusted to 7.4, rather than 4.5, very little leakage 

occurred from the photolyzed LUV. This agrees with the results from leakage 

assays where unlabelled liposomes were polymerized. 
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V.C.7. Attempted Fusion and Lipid Mixing Assays 

Two additional assays typically reported in liposome destabilization 

studies are fusion and lipid mixing. Fusion assays explore the formation of 

pores between liposomes that lead to aqueous contents mixing. These pores 

are most often leaky, so fusion and leakage assays are complementary 

techniques. Lipid mixing is a method to study the interaction of liposome outer 

monolayers via diffusion of marker lipids. Lamellar destabilization following 

bilayer contact should certainly involve exchange of lipids in the outer leaflets. 

These studies are not reported here for two reasons. 

1) Fusion assays following photosensitized polymerization performed in 

the manner described by Bennett and O'Brien^s resulted in changes in 

fluorescence indicative of fusion at all temperatures and percent 

polymerizations, including 0 % conversion. These results are probably due to 

DilC(18)3 fluorescence or DilC(18)3 interaction with the probes since the 

leakage data indicate destabilizing events should not occur at 0 % conversion 

of monomer to polymer and low temperature. However, the probes and 

fluorescence monitoring conditions are identical to those present during 

leakage studies where little or no interference was observed. Addition of 

DilC(18)3 containing liposomes to a sample containing ANTS/DPX labelled 

liposomes causes a substantial decrease in the fluorescence intensity of the 

sample (excitation and emission wavelengths 320 and 560 nm, respectively). 

This is not due to reaction between the sensitizer and ANTS or DPX since 

simply placing a cuvette containing DilC(18)3 in the excitation or emission 

paths also diminishes the resulting fluorescence intensity by 45 % and 87 %, 

respectively. Generally much smaller changes in fluorescence are observed 
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during the fusion assay than for the leakage assay. Perhaps this explains why 

the residual changes in fluorescence due to DilC(18)3 interfere more with the 

fusion assay than the leakage assay. 

2) Attempts to perform lipid mixing assays were complicated by the 

inability to sensitize the polymerization with a cyanine dye that would not 

interfere with the assay. A typical lipid mixing assay uses NBD-PE and 

Rhodamine-PE lipid probes.^^ Energy transfer from NBD-PE to Rhodamine-

PE is monitored by exciting at 450 nm and observing emission at 590 nm. The 

presence of DilC(18)3 seriously complicates this assay due to overlap in 

DilC(18)3 absorbance (550 nm) with NBD-PE fluorescence (520 nm) and 

DilC(18)3 emission (560 nm) with Rhodamine-PE emission (590 nm). 

Therefore, the assay was attempted with DilC(18)5 (Xmax 650 nm) labelled 

LUV. However, irradiation of this sensitizer is less effective, because the light 

source is not well matched not its absorption band. Therefore, bis-SorbPC 

polymerization in 3:1 DOPEibis-SorbPC bilayers took too long to perform this 

assay. Therefore, photosensitized polymerization induced lipid mixing results 

were not obtained. 
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V.D. Discussion 

V.D.1. Dark Stability 

Leakage information shown here from sensitized polymerization can be 

compared to data obtained using UV photopolymerization of the same 3:1 

DOPE:bis-SorbPCi7,i7 LUV composition in the publication by Bennett and 

O'Brien.25 Comparing rates in Figure V-9 to those reported by Bennett et al. 

indicates that dark samples with or without the sensitizer present are stable to 

at least a temperature of 44°C. The initial rate of dark leakage at 44°C is 

similar whether DilC(18)3 is present in the partially polymerized liposome 

sample or not. The initial rate of leakage for a dark sample with no dye at 

44°C is 0.06 % leakage/sec^s compared to 0.1 % when DilC(18)3 is present. 

The similarity of these two values suggests that simply the presence of the dye 

without irradiation exposure does not initiate destabilization. The dark stability 

of these liposomes is a useful feature for future applications that may require 

an extended shelf-life of the liposome composition. 

V.D.2. Efficiency of Sensitized Polymerization Induced Liposome 

Destabilization 

The initial leakage rates were compared for approximately 50 % 

polymerization via UV photolysis or sensitized polymerization near 

physiological temperature. UV photolysis yields an initial rate of 0.3 % 

leakage/sec,25 and dye sensitized polymerization leads to an initial rate of 1.1 

% leakage/sec. This is a significant achievement considering the potential 

application of this system for in vivo drug delivery. In fact, considerable effort 
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has been put forth to adjust the critical destabilization temperature in the case 

of UV photolysis in hopes of spanning physiological temperature.^'^ 

Comparison of initial leakage rates above the critical temperature with 

and without sensitizer at approximately 50 % conversion of monomer provides 

information on the absolute ability of the two systems to destabilize and leak. 

The maximum rate of initial leakage for the sensitized polymerization system 

was 1.1 % leakage/sec at 37°C. The highest temperature studied, 44°C, 

provided a similar rate, 0.97 % leakage/sec. However, UV photolyzed 

liposomes (50 % conversion) were found by Bennett and O'Brien to leak with 

an initial rate of 0.83, 1.5 and 3.3 % leakage/sec at 50, 55 and 60°C, 

respectively.25 Perhaps such high rates of leakage for the sensitized system 

were not achieved since higher temperatures were not investigated. The 

similarity in rate values up to 55°C indicates the mechanism of release in the 

two photosensitive liposome systems is very similar if not the same. 

V.D.3. Hydrogen Ion Concentration Control of Liposome 

Destabilization 

The role of pH in DilC(18)3 sensitized polymerization induced liposome 

destabilization is dramatic and appears to be inconsistant with destabilization 

following direct photolysis. This system reported here requires a hydrogen ion 

concentration high enough to yield a pH lower than 5.6 to produce significant 

rates of leakage. At the initial pH of 9.5, the PE lipid headgroups are half 

protonated (zwitterionic) and half deprotonated (-) producing an overall 

negative surface charge on the liposomes. These electrostatic properties 

inhibit bilayer contact. With a lipid to sensitizer ratio of 20:1 and assuming all 
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the cationic cyanine molecules (Dil+) are in the outer leaflet of the bilayer, 

there is still an overall negative surface charge at pH 9.5 (- 4000 Dil+ and 

15000 PE" in the outer leaflet). Lowering the pH to 8.7 reduces the outer 

leaflet amount of PE" to approximately 4000. Therefore, pH 8.7 is the 

isoelectric point for these dyed liposomes. Any pH values below this value will 

result in a net positive charge on the liposome surface. 

This information makes it difficult to explain the reason for the sudden 

change in destabilization capabilities at pH lower than 5.5 based on 

electrostatic interactions between bilayers. Perhaps another mechanism of 

membrane repulsion or lipid organization is occuring. For lamellar PE lipids to 

begin the destabilization process, i.e. form the stalk intermediate, there should 

exist an essentially pure domain of PE lipids. The presence of DilC(18)3 in 

these domains may inhibit the lamellar to nonlamellar phase transition. The 

question still exists as to why this effect is overcome at pH lower than 5.5. No 

pH dependent effects are expected for the PC lipids or DilC(18)3 lipid 

structures. 

V.D.4. The Role of Temperature in Liposome Destabilization 

Lamellar to nonlamellar phase changes are be exhibited 

thermotropically. Therefore, it is expected that the destabilization of lipid 

bilayers via polymorphic lipid instability is temperature dependent. Bennett 

and O'Brien studied the role of percent polymerization in determining the 

temperature at which destabilization of 3:1 DOPE:bis-SorbPCi7,17 

occurred.For 50 % polymerization via UV photolysis, a critical leakage 

temperature of approximately 55°C was detennined. UV photolysis to 100 % 
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conversion shifted the critical leakage temperature to about 45°C. 

Comparatively, approximately 50 % conversion via photosensitized 

polymerization of 3:1 DOPE:bls-SorbPCi7,i7 [with addition of 20:1 

lipid:DilC(18)3] produces a critical leakage temperature range of 30 and 35°C. 

This is a 20-25°C shift in the temperature for the onset of leakage at 50 % 

polymerization. A shift in the critical leakage temperature is typically attributed 

to enhanced lateral separation of the PE lipids.^'^'* Miller et al. undertook a 

systematic study of the change in critical leakage temperature due to adjusting 

the PE/PC composition of the liposomes. It was found that increasing the PE 

content to 4:1 PE:PC shifts the critical leakage temperature to physiological 

range. The results here show that the additional PE are not necessary under 

photosensitization conditions. 

Critical destabilization temperature results reported by Bennett and 

O'Brien^s for 3:1 DOPE:bis-SorbPCi7,i7 were in good agreement with 31P-

nmr data from Barry et al."''^® indicating the temperature range in which 

intemnediates to the inverted cubic phase initially appear. This infomnation is 

not available for the system with DilC(18)3 present, but could prove invaluable 

to the explanation of the temperature range for the onset of leakage. Although 

data suggest the polymer structure is the same if obtained from UV photolysis 

or sensitized polymerization, the polymers obtained from sensitized 

polymerization are much larger than those from UV photolysis. Therefore, 

changes in critical leakage temperature may be due to 1) the presence of a 

third lipidic component, DilC(18)3, and its effect on phase transition and/or 2) 

the presumably larger domains of PE formed during sensitized polymerization. 
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V.0.5. Conclusions 

Sensitizing the destabiiization of liposomes to visible-light irradiation 

provides a possible route to in vivo delivery of therapeutics that has several 

advantages over UV photolysis: 1) visible-light penetrates deeper into tissues, 

2) the lower energy of visible-light produces less tissue damage, 3) numerous 

laser irradiation sources are available to generate visible-light over the range 

of cyanine sensitivity (-450-650 nm) and 4) the critical destabiiization 

temperature can be lowered into physiological range without the addtion of 

more polymorphic PE lipid. Data shown here suggest the destabiiization 

event can be induced by visible-light sensitized polymerization at rates similar 

to those previously reported for leakage induced by UV photolysis. 

Therapeutic delivery exploiting the system described here would require fiber 

optic delivery of visible-light to diseased tissue to sensitize the release of 

agents from partially polymerized liposomes. It is therefore important that 

visible-light sensitized release from partially polymerized liposomes was 

achieved here. These results represent significant progress toward in vivo 

applications of liposomal delivery of therapeutics with the advantages of low 

energy irradiation with temporal and spatial control. 
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CyS*'' Lifetime Measurements 
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Figure A.1-1. Transient Absorption Spectrum of Cy3+: 50 ps 196 

Figure A. 1-2. Transient Absorption Spectra of Cy3+: 50, 750, and 2000 ps..197 

Figure A.I-3. Decay of Cy3+ Absorbance at 485 nm 198 

Figure A.1-4. Recovery of Cy3+ Absorbance at 662 nm 199 
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Figure A,1 -1. Transient Absorption Spectrum of Cy3+: 50 ps. 



197 

C 
o 
<3 

-0.4 
B : 750 ps 
C : 2000 ps 

-0.6 

650 700 400 450 550 600 500 

Wavelength (iim) 

Figure A. 1-2. Transient Absorption Spectra of Cy3+: 50, 750, and 2000 ps. 
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Figure A.I-3. Decay of Cy3+ Absorbance at 485 nm. 
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APPENDIX A.2 

EPR Spectra 

Figure A.2-1. EPR Spectrum of DMPO with H2O2 201 

Figure A.2-2. EPR Spectrum of DMPO In Buffer with DMSO 202 

Figure A.2-3. EPR Spectrum of DMPO with DMPC Liposomes and DMS0..203 
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Figure A.2-1. EPR spectrum of 10 mM DMPO in the presence of 3 % H2O2 
after incubation at 37°C for 1 hour. 
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Figure A.2-2. EPR spectrum of 10 mM DMPO in pH 7.4 PBS buffer with 1 M 
DMSO. 
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