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2. ABSTRACT

The abundance, distribution, and diversity of the soil microbial community from a
seawater-irrigated, halophyte agroecosystem was examined. The abundance and trophic
composition of decomposers responded to the biochemical composition of residue from
three salt-tolerant plants, Salicornia bigelovii, Suaeda sp., and Batis maritima.
Decomposers were also influenced by the decomposition environment as it interacted with
residue resource quality. The microbial community responded to the availability of
residues and the planting density of the halophyte Salicornia bigelovii (Chenopodiaceae)
in a season-long study at a research farm in Sonora, Mexico. Soil microbial biomass,
activity and efficiency, as well as nematode abundance and trophic composition, generally
increased in association with soil-incorporated halophyte residues. However, soil
moisture and salinity, which decreased with depth, may also have been influential.
Microbial biomass and activity responded to plant density only after plants entered
senescence. This result suggested that live-root exudations were not available to the
microbial community possibly due to competition with plant roots for available nutrient
resources. An increase in the abundance of plant-feeding, but not bacterial- or fungal-
feeding, nematodes was associated with the presence of S. bigelovii. The functional
diversity of a microbial community from a agronomic halophyte system was compared to
natural and constructed halophyte salt marsh communities. Functional diversity of the
microbial community at the agronomic sites was intermediate compared to the other sites;
e.g., higher than the constructed marsh but lower than the natural salt marshes.
Relationships among the study communities determined by microbial functional diversity

reflected both habitat and geographical influences.
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3. INTRODUCTION

The carbon storage question

Concern for increasing greenhouse gas emissions has fostered international
research on mitigation strategies. Enhancement of the greenhouse effect will have global
consequences. For example, a doubling of anthropogenic CO2 is predicted to increase
global temperature by 2.5°C (Vitousek, 1992). Approximately half of all atmospheric
greenhouse gas is CO?, and understanding the cycling of carbon is therefore of interest.
Global carbon cycling models have been unable to accurately account for the exchange of
carbon between the oceans, terrestrial ecosystems, and the atmosphere. A better
understanding of the components of the terrestrial carbon cycle would greatly increase the
accuracy of global models.

Because the majority of carbon reserves are located in oceanic and terrestrial
ecosystems, these sites have become the focus of carbon offset strategies. To assess the
viability of storing carbon in terrestrial ecosystems, the cycling of carbon between the
atmosphere, vegetation, and soil must be understood. Atmospheric CO?2 that passes into
the vegetative compartment during photosynthesis may be stored in the both vegetation
and soil, or returned to the atmosphere via respiration. Modeling the carbon cycle relies
on assumptions concerning the size and activity of each compartment active in the
exchange of carbon.

The feasibility of offsetting anthropogenic CO2 emissions by storing carbon in
seawater-irrigated halophyte agroecosystems has been under investigation. Halophytes
are salt-tolerant plants that can be grown on brackish, mildly saline, or seawater
irrigation, in non-arable coastal desert soils. The ultimate goal is to develop a predictive

model of the carbon storage potential of cultivated halophyte systems.
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The role of the microbial community

The fate of organic carbon as it moves from the vegetative to the soil compartment
will be strongly influenced by the soil microbial community. Soil microorganisms may
return carbon to the atmosphere via mineralization and respiration, immobilize carbon as
microbial biomass, and influence the passage of carbon to long-term storage in the soil
(Fig. 3.1). Changes in the function of the microbial community may thereby influence
the balance of carbon storage versus carbon loss.

The community of soil microorganisms plays a key role in the functioning of
ecosystems by mediating the flow of organic matter (Table 3.1). Shifts in microbial
composition influence the trophic relationships uniting the community in a complex food
web (Fig.3.2). Differences in the composition and activity of microbial community
members may lead to distinct rates of organic matter decay, long-term carbon storage, and
return of CO7 to the atmosphere.

Understanding the effect of disturbances, such as those resulting from agricultural
management, on soil microbial communities is necessary if global models are to
accurately estimate carbon cycling in a world with changing land use. Agronomic
practices used in the cultivation of seawater-irrigated halophytes, such as soil tillage,
incorporation of residues, and varied density of plants, will influence the availability of
soil organic resources. The response of the microbial community to agronomically
mediated resource availability (Fig. 3.3) will have an important, but yet unknown, effect
on the carbon storage potential of halophyte systems. The specific goal of this research is
to examine characteristics of soil microbial assemblages that are important both in
determining the carbon storage potential of a halophyte agroecosystem and the structure

of the microbial community.
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An ecological framework for the study of the microbial community

Understanding the organizational patterns of species assemblages, and the
processes that structure these assemblages, are fundamental goals of community ecology.
In my research, I have begun to examine the question: What is the structure of the
microbial community in a halophyte agroecosystem? Community structure, a term used
to describe both pattern and process, is a generally accepted ecological concept.

However, while understanding structure is a key objective in the study of communities,
there is no widely accepted definition of the term “community structure” (Niblack, 1989).
The assemblage of species that forms a definable community has emergent

properties that can be studied. Important parameters such as species richness and
abundance, the spatial and temporal distribution of species, and the interactions among
and within species, play roles in determining the community. Community structure has
been defined conservatively as species richness or broadly as a multi-dimensional space
accounting for a multitude of measurable variables (Menge and Sutherland, 1987). For
example, Giller (1984) gives an over-arching definition of community structure when he
stated that the term “embodies patterns of resource allocation and spatial and temporal
abundances of species of the community, as well as community level properties such as
rophic levels, succession, nutrient cycling ... ",

While a universally accepted definition of community structure may be unrealistic,
ecologists who seem wary of stating their working definition up front are deepening this
problem. Despite this conundrum, the concept of community structure is not one that
should be abandoned. A comprehensive definition of community structure should
emphasize the importance of the interaction among descriptors of the species present and
processes affecting the species in the community (Table 3.2). Below, I put forth a

working definition of community structure that I will consider in the synthesis and
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interpretion of my research. The working definition I have chosen defines community
structure as:

“the influence of among-species interactions and the

environment on the set of species in a given community

that determine the community's characteristics"

In my research, I employ an ecological approach to answering the applied
question, what is the role of the soil microbial community in determining the fate of
halophyte-derived organic material in an agronomic system? One of my objectives is to
begin assessing the structure and function of the soil microbial community in a halophyte
agroecosystem. While I do not yet have a complete picture of the community structure in
my study system, in the following chapters I describe an exploration of the patterns of
abundance, distribution, activity, and diversity of the soil microbial community. By
examining the response of the microbial community to the abiotic and biotic environment,
I have begun to meet the challenging goal of discovering the important processes that
structure the microbial community in this unique ecological system.

In the first chapter of my dissertation, I discuss the association between the soil
microbial community and decomposing plant residues of three halophyte species.
Decomposer abundance is assessed with respect to the influence of the physical
decomposition environment, the biochemistry of halophyte plant residues, and the
community of soil microorganisms. I also examine the trophic structure of the nematode
community, as a reflection of the relative importance of bacterial and fungal microfloral
decomposition. And finally, decomposer temporal dynamics, measured as changes in the
abundance of bacteria and bacterial-feeding nematodes, are compared for different
halophyte residues and decomposition microenvironments.

Soil microorganisms play a central role in determining the fate of plant-derived

carbon; it is important, therefore, to understand the distribution of microbial abundance
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and activity in relation to resource availability. In the second chapter, I examine the
vertical distribution of microfloral abundance and activity and microfaunal trophic
structure. A conceptual model describing the vertical distribution of soil microbial
community members in relation to resources is presented, and predictions are formulated
from this model.

In the third chapter, I address the association between the microbial community
and the availability of halophyte-derived organic resources. In this chapter, the responses
of both the microflora and microfauna to the presence and absence of plant residues and
the density of plants are evaluated. The differential influence of the two types of
resources, either residues or plants, on different members of the microbial community is
evaluated with regard to the relationship between the above- and below-ground
communities.

The goal of the second and third chapters is to present evidence for the response
of the microfloral and microfaunal community members to different agronomic practices
that affect resource availability. Agronomic practices that may be employed in a realistic
farm setting are examined in order to evaluate processes affecting the microbial
community, and therefore the fate of halophyte carbon. The abundance and activity of the
microbial community from this novel cultivated halophyte system are also compared to
those of communites from convendonal, freshwater-irrigated agronomic systems.
Although differences in species composition and diversity were not evaluated,
comparisons of estimated community function, for example activity, are made between
seawater-irrigated and conventional agronomic systems.

In the fourth and final chapter I broaden my approach to exploring microbial
communities in halophyte systems to include comparisons between the seawater-irrigated
agronomic system and native halophyte systems located in coastal desert estuaries. This

study, which determines the functional diversity of eight soil microbial communities, is
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essential to examining the relationship of the soil microbial community under cultivated
halophytes to those in natural halophyte systems. Functional diversity, as defined by the
suite of substrates a community can utilize, not only provides an estimate of microbial
biodiversity, but includes information on the functional potential of the community of
interest. The among-community relationships based on functional diversity serve to
further document both the role of the microbial community in the functioning of the
system, e.g., the use of organic substrates, and the similarity of the cultivated halophyte
system to natural halophyte communities.

In the chapters that follow, I approach the exploration of a saline soil microbial
community from a variety of angles. Although each chapter has been written to stand
alone as a unique research effort, the underlying question of structure of the microbial
community is a common thread connecting these distinct studies. In the general
discussion presented at the end of this dissertation, I will interweave the threads that pass
through the chapters in order to synthesize our current understanding of microbial

community structure in a halophyte agroecosystem.



Table 3.1. Potential roles of soil microflora and microfauna in the functioning of

ecosystems.
Potential functional role
Micr Oﬂ?r a ) cycling of nutrients
(bacteria and fungi) turnover of soil organic matter
source and sink of plant available nutrients
gateway to iong-term carbon storage in soil
Microfauna reduction of microbial biomass
(nematode grazers) acceleration of microbial tumover

liberation of nutrients for plant uptake
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Table 3.2. Suggested descriptors and processes of communities to be included in a
working definition of community structure.

DESCRIPTORS PROCESSES
» Abundance « Density-dependent processes
interspecific interactions
* Distribution e.g., competition, predation, mutualism
spatial
temporal * Density-independent processes
environmental stochasticity
* Diversity disturbance regime

« Richness
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Figure 3.1. Conceptual diagram of the fate of plant-derived carbon. Arrows represent
the flow of carbon through the microbial community into either the atmosphere or long-
term storage as recalcitrant soil organic carbon.
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Figure 3.2. The complex food web defined by trophic relationships that unites members
of soil microbial communities (following Ingham er al., 1986). Decomposers (thick
lines) that utilize plants and plant residues are grazed upon by primary consumers (thin
lines), which themselves are subject to predation by secondary consumers (dashed lines).
This hypothetical representation of a below-ground food web does not include all
possible trophic interactions; for example, omnivorous microorganisms have not been
included.
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Figure 3.3. Relationship between the microbial community and plant-derived organic
resources from both live plants and dead plant residues. The abundance and activity of
microflora, such as bacteria and fungi; microfauna, such as bacterial- and fungal-feeding
nematodes; and plant feeders, such as bacterial, fungal, and nematode pathogens,
depends on resource availability and quality.
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4. ABIOTIC AND BIOTIC INFLUENCES ON THE DECOMPOSERS OF
HALOPHYTIC PLANT RESIDUE

ABSTRACT

Decomposition processes in many different ecosystems are regulated by the interaction of
the physical environment, plant residue biochemistry, and the community of soil
organisms. The influence of abiotic and biotic processes on the decomposer community
in a seawater-irrigated halophyte agoecosystem was examined. The abundance and
trophic composition of the decomposers on residue from three salt-tolerant plants,
Salicornia bigelovii, Suaeda sp., and Batis maritima, were determined in relation to the
decomposition microenvironment (residue moisture, soil salinity, and location) and
residue resource quality in seawater-irrigated and natural dry study plots. Decomposers
on halophyte residue were influenced by the decomposition environment as it interacted
with residue resource quality. Declines in soil moisture, which led to changes in residue
moisture, limited the abundance of nematodes but not bacterial decomposers. Burial of
decomposing residue increased nematode abundance, especially when soils were not
irrigated. Soil organic amendment was more influential on the abundance of nematodes
in the soil than on residue in litterbags; however, the impact of soil amendment on
decomposition processes deserves further attention. The abundance of fungi and
nematodes, but not bacteria, was related to residue type. The bacterial decomposition
was more important than the fungal decomposition as reflected by the numerical

dominance of bacterial-feeding nematodes on all three types of halophyte residue.
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INTRODUCTION

Much attention has been focused on the development of agronomic systems for
salt-tolerant crops. Some species of salt-tolerant plants, generally referred to as
halophytes, can be grown in coastal desert regions under seawater irrigation. The
feasibility of cultivating halophytes as a strategy to mitigate anthropogenic greenhouse gas
emissions is also under examination. In order to assess the viability of sequestering
carbon in halophyte agroecosystems, one must examine the cycling of carbon between
vegetation, soil, and atmosphere. The fate of organic carbon as it moves from the
vegetative to the soil component is strongly influenced by the process of decomposition.
Across a wide range of ecosystems, decomposition is regulated by the interaction of (1)
the physical environment, (2) plant residue biochemistry, and (3) the community of soil
organisms (Gallardo and Merino, 1993). This study investigates the relationship of the
abiotic and biotic environment to the community of decomposers active on halophyte

residue.

The physical environment

The physical environment influences decomposition over many spatial and
temporal scales. On a regional and seasonal scale, temperature, precipitation, and relative
humidity contribute to the regulation of decay rates (Williams and Gray, 1974; Singh,
1984; Orsborn and Macauley, 1988). At a local scale, differences in moisture, salinity,
and resource availability at the site of decomposition affect the processes of residue
decay, and therefore the potential for sequestering halophyte-derived carbon. Burial of
litter moderates changes in residue moisture, and has been shown to increase microbial
abundance, decomposition rates, and net nitrogen immobilization (Elkins and Whitford,

1982: Christensen, 1986; Beare et al., 1992; Beare et al., 1993).
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Soil moisture and salinity, both important regulators of microbial activity, are
higher in seawater-irrigated soils compared to natural desert soil (unpublished data). The
availability and salinity of water in the soil matrix affects both the decomposer community
(Adebayo and Harris, 1971; Wong and Griffin, 1974) and the rate of decomposition
(Stott et al., 1986). Under aerobic conditions, within the water potential range necessary
for plant growth, bacteria, fungi, and nematodes are active in decomposition. As soils
dry, water-filled pore spaces in the soil diminish, and decomposer microorganisms
become limited in access to diffusable substrates. Organisms that require a thin film of
water for locomotion (bacteria and nematodes) suffer reduced mobility when water-filled
pore spaces shrink (Wallace, 1962). Fungi, on the other hand, are able to remain active
when moisture is limited and may be the most important decomposers under dry
conditions (Sommers et al. 1981). Soil microorganisms are also affected by the
concentration of salts and other osmolites in water (Harris, 1981). Many authors have
shown that an increase in osmotically active solutes decreases microbial mineralization of
carbon and nitrogen (Laura, 1974; Laura, 1977; Malik and Azam, 1980; McCormick and
Wolf, 1980; Sparling et al., 1989; Sarig er al., 1993).

The concentration of soil organic matter affects the activity of decomposer
microorganisms. Plant residues enclosed in mesh litterbags supported a greater
abundance of decomposers when placed in soil with a low organic carbon content
compared to those placed in soils with a higher soil organic carbon content (Parmelee ez
al., 1989). The authors suggest that litterbags function as "resource islands" in soils with
limited resource availability. Agronomic practices such as the incorporation of post-
harvest plant residues into soil increases the organic matter in soil. Even though an
increase in soil organic content after residue amendment may be short-lived, changes in

the activity of decomposers may affect the outcome of ongoing decomposition processes.
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In halophyte agroecosystems, residue incorporation may significantly affect the process
of decomposition, thereby altering the feasibility of sequestering plant-derived carbon.

Plant residue biochemistry

The biochemical composition of plant residues is an important determinant of the
quality of resources available to decomposers (Witkamp, 1966). The carbon to nitrogen
ratio (C:N) and the concentration of lignin are often used as a measure of plant litter
quality. In a study of three salt marsh halophytes, Buth and de Wolf (1985) reported the
highest weight loss for litter with the lowest initial C:N (indicating a relatively high N
content), and suggested that this difference was due to microbial activity. Organic carbon
is the primary source of energy for decomposers, while nitrogen is essential for
production of proteins and other compounds (Singh and Gupta, 1977). Nitrogen content
may limit the decomposition of halophytes (Hemminga and Buth, 1991) and conventional
crops (Buth and de Wolf, 1985; Valiela er al., 1985; Christensen, 1986; Neely ez al.,
1991). The rate of halophyte decay may, however, only initially correspond with
nitrogen content. During the early stages of decomposition, easily assimilated nitrogen is
rapidly depleted by microbes, leaving more resistant nitrogen compounds that play less of
arole in determining long-term decay rates (Valiela et al., 1985; Buth and Voesenek,
1987, Hemminga and Buth, 1991).

Lignin, which has a stable chemical structure resistant to most microbes (Harvey
et al., 1987), has also been used to predict litter decay rates. Because of its resistance to
decay, relative lignin concentration increases during decomposition of halophyte litter
(Wilson et al., 1986; Buth and Voesenek, 1987), a trend that also applies to coastal
mountain chaparral shrubs (Schlesinger, 1985), the salt marsh grass Spartina alterniflora
(Wilson er al., 1986), and leaf litter of hardwoods, conifers, and forbs (Taylor ez al.,

1989). Anincrease in lignin concentration during decay, coupled with a decrease of more
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easily assimilated compounds, tend to slow decomposition rate and therefore microbial

activity over time (Hodson et al., 1984).

The community of soil organisms

The composition and trophic structure of decomposer communities is important in
the regulation of plant residue decay, cycling of nutrients, and turnover of organic matter
(Swift er al., 1979; Ingham et al., 1985b; Hendrix ez al., 1986; Beare et al., 1992).
Decomposer populations have been shown to respond to environmental factors such as
temperature and precipitation (Witkamp, 1963). The organization (Swift, 1986) and
activity (Heal and Dighton, 1985) of decomposer communities are influenced by the
quality and availability of decaying organic matter. The community of decomposers in
turn plays a role in determining the rate of plant residue decomposition. For example,
decay rates of mulberry, redbud, oak, and pine leaves are positively correlated to
decomposer abundance (Witkamp, 1966).

The primary decomposers, such as bacteria and fungi, may compete for organic
resources or are possibly part of a commensal resource processing chain (Swift et al.,
1979). Nematodes may indirectly increase decay rates by enhancing microbial activity
(Alkamede et al., 1992; 1993). Predation by bacterial-feeding nematodes is thought to
stimulate bacterial populations, while fungal feeders may reduce fungal activity
(Sohlenius and Bostrom, 1984). Evidence contradictory to these predictions has,
however, been reported by Ingham ez al. (1985b). Bacterial-feeding nematodes ingest
bacterial cells whole, while fungal-feeding nematodes feed on fungal protoplasm by
puncturing fungal hyphae with a stylet (Coleman ez al., 1984 ). As a result of this
mechanistic difference in feeding, bacterial feeders return immobilized macronutrients to
the soil via the excretion of incompletely destroyed bacterial cells (Coleman et al. 1984).

Even though both protozoa and nematodes are considered to be important microfloral
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consumers (Ingham er al., 1985b; Griffiths, 1990), it has been suggested that nematodes
play a more important role in the cycling of nutrients (Griffiths, 1990).

Interspecific interactions between decomposer community members are important
to the process of decomposition. Over the course of decomposition, predation on
primary decomposers by bacterial- and fungal-feeding nematodes indirectly affects the
dynamics of litter decay by altering competitive interactions of bacterial and fungal
populations. Previous litterbag studies have shown that bacterial-feeding nematodes
colonize litter in the early stages of decomposition, while fungal feeders are most
abundant during the later stages (Santos er al., 1981; Wasilewska et al., 1981; Sohlenius
and Bostrom, 1984). This trend may correspond to a reduction in bacterial abundance as
easily utilized resources decline, and a concurrent increase in fungal activity as more
recalcitrant resources (lignin and cellulose) become available. The ratio of bacterial-to-
fungal feeding nematodes, therefore, reflects the availability of nematode resources, that
is the abundance of bacteria or fungi (Yeates et al., 1993).

As reviewed above, there is evidence for the regulation of decomposition
processes and decomposer populations by the abiotic and biotic environment. In this
study, I focus on the influence of the physical decomposition environment and the quality
of plant residue on abundance and trophic composition of the decomposer community in a
halophyte agroecosystem. Specifically, I explore the following questions: (1) What is the
effect of the decomposition microenvironment (residue moisture, soil salinity, and
location) on the population of decomposers active on halophyte residue? (2) Are there
differences in the decomposer abundance on halophyte residue of varying resource
quality (Salicornia bigelovii, Suaeda sp., and Batis maritima ) over the course of
decomposition? (3) What is the abundance and trophic composition of the decomposer

community on these three types of halophyte residue?
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METHODS

Study site

Field studies were conducted at a 15-year-old, one-hectare research farm near
Puerto Peiiasco, Sonora, Mexico, located on the eastern coast of the northern Gulf of
California, from February to October 1994 and from January to June 1995. Three
halophyte species were grown in large (200 m?2) sandy soil research plots. Salicornia
bigelovii (pickleweed) and Suaeda sp. (seablight) are succulent estuarine annuals in the
family Chenopodiaceae. Batis maritima (salt wort) is a succulent estuarine perennial in
the monotypic family Batidaceae.

The three halophytes were assigned randomly to 9 large plots, such that each
species was planted in 3 large plots (Fig. 4.1). Salicornia bigelovii was also planted in 8
small (35 m2) sandy-soil plots, half of which had been amended with 2 kg m2of S.
bigelovii residue prior to planting in both 1992 and 1994 (the other four small plots were
not amended with residue). During the growing season (January to October), plots were
flood-irrigated daily with 40 g kg~ ! seawater pumped from a well that draws seawater
from the Gulf. Plots were fertilized with NH4NO3 at a weekly rate of 200 kg N ha -1
yr'l in the large plots and at a rate of 50 kg N ha -1 yr‘l in the small plots. Three
replicate non-irrigated dry plots were established in 1994 adjacent to the irrigated plots in
a natural sand dune habitat with minimal cover. In 1995, a fourth natural dry plot was
established in the natural dune sand in an area with no plant cover (Fig. 4.1). During the
1994 and 1995 studies, dry plots were not irrigated or fertilized.

Climatic data was collected at a weather station located at the research farm.
During the 1995 study, soil temperature at 10 cm was measured 5-6 days a week in both
an irrigated and a natural dry plot. Also in 1995, soil moisture, salinity, and pH were
determined. Soil was sampled monthly from a depth of 10 cm in three replicate irrigated
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small plots that had been left unplanted (Jan. to June 1995) and in three replicate natural
dry plots (Jan. to April 1995). Soil moisture was determined by drying soil at 105°C for
24 hours and was reported as 100 x (g H20 g-1 dry soil). Soil salinity and pH were
measured on a 1:1 (weight/volume) soil and distilled water slurry. Soil bulk density in

these same plots was sampled prior to planting on February 7, 1995.

Linterbags and initial conditions

Salicornia bigelovii residue was collected from the field plots at the research farm
in the fall of 1992. Suaeda sp. and B. maritima residue was collected in the fall of 1993
(EPRI report, 1994). Dry plant material was either hammer-milled or hand-crushed to
approximately 5 cm lengths. Litterbags (13 x 13 cm) were sewn from small (0.45 pm)
and large (1 mm) mesh PeCap polyester (TETKO Inc., Briarcliff Manor, New York) and
filled with approximately 5 to 8 g dry stem and leaf tissue (hereafter called "residue”)
from one of the three halophyte species (hereafter referred to as "type"). Combustible
components, reported as percent ash, were measured by loss on ignition of oven-dry
replicate initial residue samples in a muffle furnace at 500°C for 4 hours. Total carbon
and nitrogen of duplicate residue samples were analyzed by high-temperature combustion
using a Carlo Erba model 1500 N/C/S analyzer. Lignin analysis was performed on a
single sample of each residue type. Residue moisture, determined by drying at 60°C for
48 hours and reported as g HO g-1 residue dry weight, was reported only for residue
from natural plots during 1994 and for all treatments in 1995.

In order to determine the initial microbial colonization of the dry residue,
halophyte stems and leaf material was placed in sterile petri dishes with Whatman #1 filter
paper, moistened with filtered sterile seawater, and incubated for five days at 250C. Four
replicate incubations of each halophyte species were prepared. Each incubation was

individually homogenized with phosphate buffer (pH 7) for 1 minute in a kitchen blender,
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shaken for 1 hour at 150 rpm, and serial dilutions spread on Rose Bengal for fungi and
King's B media for bacteria and actinomycetes. Colonies were counted after
approximately S days of incubation at 250C. Total colony counts were converted to
colony forming units (CFU) per g ash-free dry weight (afdw) residue. No attempt was
made to distinguish bacteria and actinomycetes, and therefore reference to bacteria
includes all non-fungal colonies counted. Dry and moist incubated residues were
extracted for nematodes by both mist chamber extraction and in modified Baermann trays
(Thomas, 1959). Bacteria and fungi abundance was expressed as CFU per g afdw

residue and nematode abundance as the number of individuals per g afdw residue.

Decomposition microenvironment

The influence of the decomposition microenvironment on the abundance of
nematodes was examined in two litterbag studies in 1994. In the first study, the effect of
three factors, location (surface or buried), irrigation (irrigated or dry), and time in the
field (4 sampling dates), on the abundance of nematodes was determined. For this study,
four large mesh litterbags of S. bigelovii residue were placed just below the soil surface
or buried at 30 cm in each of three large plots planted with S. bigelovii and in three
natural dry plots. Data collected from surface-placed litterbags in this study were also
used in the three-factor study described in the next section below. One litterbag from
each depth was retrieved from each irrigated or dry plot after 28, 64, 111, and 231 days
in the field, giving n=3 replicate litterbags.

In the second study, the influence of two factors, residue incorporation (with and
without amendment) and time in the field (3 or 4 sampling dates), on the abundance of
soil- and residue-dwelling nematodes was determined. For this study, four large mesh
litterbags of S. bigelovii residue were tied to stakes and placed just below the soil surface

in eight small plots planted with S. bigelovii, four with residue and four without residue
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amendment. One litterbag was retrieved from each replicate plot after 28, 64, 111, and
231 days in the field, giving n=4 replicate litterbags for each treatment. Soil-dwelling
nematode abundance was estimated in all eight small plots. A composite of five soil cores
(4.5 cm diameter), sampled either at a depth of 0-10 cm (Feb.) or 5-20 cm (April and
May) was taken in each of the eight study plots.

For both studies, litterbags retrieved from irrigated plots were rinsed in 1/2
strength seawater to remove excess sand and silt. All litterbags were transported to the
lab in coolers, and processed within 48 hours of retrieval. On each sampling date,
nematodes were extracted from less than 5 g field moist residue from the litterbags or
from 250 cm3 of soil for 48 hours in a mist chamber. This method, which requires
nematodes to move out of the substrate, is an accepted method for enumeration of free-
living species (see Freckman ez al., 1987). Nematodes were suspended in a known
volume of water, and three 1 ml subsamples enumerated under a light microscope on a
Peter’s counting slide. The three counts were then averaged to give an estimated number
for each sample. These counts were not used to estimate sample variance, which was
based on replicate samples. Nematode abundance was reported as either number of

individuals per g afdw residue or per cm3 soil.

Residue type, irrigation treatment, residue age, and temporal dynamics

Two studies were performed to examine the influence of residue type (three
halophytes), irrigation (irrigated and dry), and time in the field (3-4 sampling dates) on
bacterial, fungal, and nematode abundance. In the first study, which took place in 1994,
litterbags were placed in the 9 irrigated large plots (3 halophyte species x 3 replicate plots)
and in the three dry plots established in 1994. In the irrigated plots, 4 large mesh
litterbags were placed in plots that were planted with the same halophyte species as the
residue contained in the litterbag. In the dry plots, 12 large mesh litterbags (4 of each
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halophyte species) were placed in each of the three replicate dry plots. In all 12 study
plots, litterbags were tied to stakes and placed just below the soil surface in mid-
February.

Due to lack of germination (Suaeda sp.) and to herbivory (B. maritima), plants
only established in the S. bigelovii plots. One litterbag of each residue type was collected
from the irrigated and dry plots after 28, 64, 111, and 231 days in the field, giving n=3
replicate litterbags for each treatment. After retrieval, litterbags were handled and
transported as described above. Bacteria and fungi was enumerated on all retrieval dates,
and nematodes were extracted for all but 64-day litterbags. Upon returning to the
laboratory, a subsample of approximately S g of moist residue was removed from all
litterbags to determine moisture and ash content. Microbial enumeration was performed
as described above on approximately 3 g of residue, except that 1/2 strength Rose Bengal
media was used for fungal counts. Nematodes were extracted and enumerated as
described above.

The second study examining the influence of residue type (three halophytes),
irrigation (irrigated and dry), and time in the field (5 sampling dates) on bacterial, fungal,
and nematode abundance took place in 1995. For this study, litterbags were placed in an
irrigated (unplanted and unfertilized) small plot and the natural dry plot established in
1995. In each plot, five small mesh litterbags of each halophyte species were buried to a
depth of 10 cm in January 11, 1995. Litterbags were retrieved after 2, 25, 47, 83, and
144 days in the field.

One additional set of litterbags was placed in the irrigated plot in May, at the
beginning of the fifth month of the study, and retrieved in June with the last group of
litterbags collected. Data from this last set of litterbags were used only for comparative
purposes in order to examine the effect of residue age. Comparisons were made for

residue placed in the field in January and retrieved in February (Jan.-Feb.), residue



placed in the field in May and retrieved in June (May-June), and five-month residue
placed in the field in January and retrieved in June (Jan.-June).

Upon retrieval, litterbags were placed in plastic bags to minimize changes in
moisture, transported to the lab in a cooler, and processed within 24 hours. For each
retrieved litterbag, moisture and ash content were determined for a 0.5 g subsample.
Moisture data were comparable for irrigated and dry plot residue because none of the
litterbags were rinsed in the field. Microbial enumeration of a 0.5-1.5 g moist subsample
was performed as described above. Nematodes were extracted from the remainder of the
residue, approximately 4-12 g moist weight, in a mist chamber for 48 hours. Nematodes
were enumerated as described above, except that for each sample only a single 1 ml
subsample was counted. Unpublished data from a previous study indicated that
differences between replicate litterbags accounted for more variance than did subsamples.
Nematode feeding classes, bacterial and fungal feeders, were identified by anterior
feeding structures (Yeates and Coleman, 1982) and counted separately.

All count data were transformed as log(x+1) before statistical analysis. Ratios
were arcsine square root transformed as suggested by Sokal and Rohlf (1981). Analysis
of variance (ANOVA), with type III sums of squares, was performed for each dependent
variable. Unplanned pairwise comparisons were performed using Tukey's HSD test.

SYSTAT (1992) was used for all statistical analyses.

RESULTS

Initial and environmental conditions
Precipitation at the experimental plots during the 1994 study was 3.35 cm, daily
mean temperature 24.5°C, and daily mean relative humidity 64%. During the 1995

study. precipitation was 1.17 cm, daily mean temperature 18.2°C, and daily mean
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relative humidity 68%. Temperatures tended to increase towards the end of both studies,
while relative humidity remained about the same (Fig. 4.2).

Mean soil salinity during the study was 22 times higher in the irrigated than dry
plots, pH in the irrigated and dry plots were within one standard error (£0.2), and soil
bulk densities were similar (Table 4.1). Soil temperature, which almost doubled from
January to June 1995, was similar in the irrigated and the natural dry plots, while soil
moisture was consistently higher (at least 2.5 times) in the irrigated plots (Fig. 4.3).

A three-way analysis of variance calculated for residue moisture content showed
significant effects of residue type, irrigation treatment, time, and all possible interactions
(Table 4.2). There were striking differences between the irrigated and dry treatment.
Residue moisture remained constant at 2-3 g H2O g-1 dry residue in the irrigated plot,
while dry plot residue moisture declined from 1.5-3 g H20 g-1 dry residue in March to
less than 0.5 g H2O g-1 dry residue in June (Fig. 4.4). The significant interaction terms
suggest that moisture content of the three residue types varied across the retrieval dates
differently in the irrigated and natural dry plots.

Initial ash and carbon content of the three residue types were similar. Nitrogen
content decreased in the order B. maritima, Suaeda sp., S. bigelovii, with the C:N ratio
increasing in the reverse order. Lignin content increased in the order S. bigelovii, Suaeda
sp., B. maritima (Table 4.3). Microbial colonists on laboratory-incubated residue were
more abundant then expected. One-way analysis of variance demonstrated that residue
type significantly affected bacterial (F=10.47, df=2,9, p<0.01) and fungal (F=11.49,
df=2,9, p<0.01) residents. Pairwise comparisons suggested that Suaeda sp. supported
fewer bacteria than either S. bigelovii or B. maritima, while S. bigelovii supported the
fewest fungi (Table 4.4). Living nematodes were not present on either dry or laboratory-

incubated halophyte residue.
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Decomposer microenvironment

The influence of the decomposition microenvironment on nematode abundance
depended on the location of the litterbags in the field. Location was a significant factor
(F=58.33, df=1,32, p<0.001) determining nematode abundance on S. bigelovii residue
as demonstrated by a three-way analysis of variance that included the significant factor
irrigation (F=16.69, df=1,32, p<0.001) and the interaction of location and irrigation
(F=10.91, df=1,32, p<0.01). Time in the field, however, was not significant (F=2.28,
df=3,32, p>0.05) in the three-way analysis of variance. The significant interaction of
location and irrigation suggests that the nematodes responded differently to surface
placement or burial in the irrigated and natural dry piots. Pairwise comparisons indicated
that nematodes were generally more abundant in buried compared to surface litterbags for
both irrigation treatments (Fig. 4.5). However, surface placed residue supported a
greater number of nematodes in irrigated compared to dry plots, while nematodes on
buried residue were equivalent in the irrigated and dry plots. A two-way analysis of
variance indicated that moisture of residue in natural dry plots was significantly affected
by location (F=15.60, df=3,16, p=0.001) but not time in the field (F=3.18, df=3,16,
p>0.05). Moisture of residue buried in natural dry plots was significantly higher
(p<0.001) than those placed on the surface (Fig. 4.6).

The influence of the decomposition microenvironment on nematode abundance
depended on soil residue amendment for soil-dwelling, but not litterbag-dwelling,
nematodes. A two-way analysis of variance calculated for total nematode abundance in
S. bigelovii litterbags did not show an effect of soil organic amendment (F=1.15,
df=1,24, p>0.05), although time in the field was significant (F=18.62, df=3,24, p
<0.001). The abundance of nematodes in the soil was significantly affected by organic
amendment (F=49.26, df=1,18, p<0.001) as determined by a two-way analysis of
variance. Time in the field (F=15.42, df=2,18, p<0.001) and the interaction of organic
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amendment and time in the field (F=13.37, df=2,18, p<0.001) were also significant
determinants of total soil-dwelling nematode abundance. Pairwise comparisons were
calculated for the abundance of nematodes in the soil, but not for litterbag-dwelling
nematodes for which the treatment organic amendment was not significant in a two-way
analysis of variance. Results from pairwise comparisons of soil-dwelling nematode
abundance were consistent with the significant interaction of the factors organic
amendment and time in the field. Residue-amendment was significantly (p<0.05)
associated a higher abundance of soil-dwelling nematodes after 64 and 84 days (April and
May, respectively); however, nematodes were equally abundant in plots with and without

residue amendment after 2 days (February) (Table 4.5).

Residue type, irrigation treatment, and time in the field

Patterns of significance of the main effects of residue type, irrigation, and time in
the field were different for the 1994 and 1995 litterbag studies. This outcome was not
unexpected since the studies utilized different litterbag mesh size and schedules for
residue retrieval. Data from both years also suggest that bacterial, fungal, and nematode
populations were responding differently to the three treatment factors. Results presented
below are from three-way analysis of variance (residue type, irrigation, and time in the
field) calculated separately for the dependent variables bacteria, fungi, and nematodes in
1994 and 1995.

Bacterial abundance was not significantly affected by residue type in 1994,
although in 1995 residue was significant in interaction with time in the field (Table 4.6).
Irrigation was a significant factor affecting bacterial abundance in 1994 but not in 1995,
while the reverse was found for the factor time in the field. There was, however, a
significant interaction of irrigation by time in 1994. Bacterial abundance on 64 and 111

day old residue in 1994 was marginally higher for irrigated compared to dry plot
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litterbags. In the dry plots, bacteria declined markedly between 64 and 111 days (April to
June), and then recovered by day 231 (October). The increase in bacteria on B. maritima
residue from June to October may be an overestimation, especially since data was
collected from only one litterbag (Fig 4.7). In 1995, there was a significant interaction of
residue by time in the field, suggesting that the bacterial response to time in the field was
different for the three residue types. However, inspection of Figure 4.8 indicates that
bacterial abundance for all litterbags peaked between 47 and 83 days in the field (March to
April) and then declined by day 144 (June).

Fungal abundance in both 1994 and 1995 was significantly affected by residue
type and time in the field. Like bacteria, fungi significantly responded to the factor
irrigation only in 1994 (Table 4.7). It appears from Figures 4.9b and 4.10b that fungi on
irrigated plot residue were more abundant on Suaeda sp. than the other residue types for
all retrievals except after 231 days in 1994 (October) and 83 days in 1995 (April) Figures
4.9a and 4.10a also show that, in the dry plots, fungal abundance on the three residue
types was similar in 1995, while more abundant on B. maritima residue in 1994
(especially after 47 and 144 days in the field). These results were consistent with the
significant interaction of the factors residue and time in the field in 1994 (Table 4.7).
Fungi were generally more abundant on irrigated than dry plots residue in 1994 (Fig.
4.9), and in 1995 for some retrievals (Fig. 4.10). These results were somewhat
consistent with the significant interaction of irrigation and time in the field in both 1994
and 1995.

The influence of residue type, irrigation, and time in the field on total nematode
abundance (feeding classes combined) were similar for the 1994 and 1995 data sets
(Table 4.8). Residue type was not a significant main effect in either year, although the
interaction of residue and time was significant in 1994, while the interaction of residue

and irrigation was significant in 1995. Irrigation and time in the field were significant
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main effects in both years and the interaction of irrigation and time was significant in
1994. Nematode abundance after the first retrieval in 1994 was negligible except perhaps
for 111 day old (June) S. bigelovii residue (Fig. 4.11). Nematode abundance at the first
retrieval (28 days) appears to have been somewhat greater on irrigated compared to dry S.
bigelovii and Suaeda sp. residue, while equivalent on B. maritima irrigated and dry
residue. This pattern of nematode abundance across the three residue types in the
irrigated and dry plots was consistent with the significant interaction of residue and
irrigation in 1994.

Classification of nematodes into feeding groups in 1995 suggested that all three
treatment factors (residue types, irrigation, time in the field) were significant for both
feeding classes (Table 4.9). For the bacterial-feeding nematodes, the interaction of
irrigation and time in the field was also significant. Bacterial-feeding nematodes were
equally abundant on all three residue types in irrigated plots, but more abundant on B.
maritima residue in dry plots (Fig. 4.12). In the irrigated plots, bacterial feeders tended
to increase on 83 day-old residue, while increasing in the dry plots after 47 days. This
result was consistent with the significant interaction of irrigation and time in the field for
the bacterial-feeding nematodes. Figure 4.13 shows that fungal-feeders were slightly
more abundant on Su«aeda sp. on 47 day-old dry plot residue and on 47 and 83 day-old
(March and April) irrigated plot residue. Pairwise comparisons of the percent of
bacterial-feeding nematodes (%BN) indicated that bacterial feeders were generally more
abundant than fungal feeders, and that among the two irrigation treatments, fungal feeders
were more abundant on dry residue (Table 4.10). There was a slight, but not significant,
trend in the data suggesting that fungal feeders were more abundant at the beginning, and
bacterial feeders towards the end, of the litterbag study. However, in two notable
exceptions, S. bigelovii and Suaeda sp. residue in natural dry plots, fungal feeders

increased towards the end of the study.



Residue age

Statistical comparisons of decomposer abundance on litterbags of different ages
were not made because some of the data were collected and analyzed for other studies in
this project (see methods). Although patterns inferred from data without statistical
analyses may be due to chance alone, a brief examination of this data is still worthwhile.
Examination of Table 4.11 indicates that there was a trend for bacterial and fungal
abundance not to be necessarily related to season (when litterbags were placed) or stage
of decomposition (how long residue remained in an irrigated field plot). Bacteria were
abundant on May-June S. bigelovii and B. maritima residue compared to the other
treatments, although bacteria were slightly greater on Jan.-Feb. Suaeda sp. residue.
Fungi were abundant on Jan.-June S. bigelovii residue, fairly equivalent on all ages of
Suaeda sp. residue, and most abundant May-June B. maritima residue. Total nematode
abundance seemed to be more strongly related to season than decomposition stage. For

all cases except fungal feeders on S. bigelovii residue, nematodes were abundant on May-

June residue.

Temporal dynamics of decomposer populations

The temporal dynamics of bacteria and bacterial-feeding nematodes were explored
for the 1995 litterbag study. Data from each litterbag treatment (residue type and
irrigation) were examined separately over all retrieval dates. Fungi and fungal-feeding
nematode data were not utilized in a similar fashion because the dilution plate methods for
estimating fungal colony abundance do not reasonably estimate total mycelial abundance.
Plate count estimates of fungal abundance made in this study most likely represented past
and future fungal reproductive efforts (Cooke and Rayner, 1984), i.e., an estimate of

viable spores of fast growing and reproducing fungi. While these data were useful for
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comparative purposes, they should not be used to examine the interaction of fungi with
fungal-feeding nematodes.

The interaction of bacteria and bacterial-feeding nematode populations was
represented graphically by a plot of the joint abundance of the two groups over time (Fig.
4.14). The pattern of population changes was similar for all three residue types within an
irrigation treatment. Decomposer abundance on dry litterbags was similar to that of the
irrigated litterbags until after 83 days in the field (April), when bacterial-feeders were
almost negligible, and at 144 days (June) when bacteria decreased markedly.

DISCUSSION

Decomposers responded to key differences in the decomposition
microenvironment including soil moisture, residue location in the soil, and in some
instances, soil organic amendment. However, resident microbial colonists, temperature,
relative humidity, and precipitation had no detectable influence on the pattern of
decomposer abundance. The response of fungi and nematodes (but not bacteria) to
residue resource quality was, depending on the year and irrigation treatment, predicted by
the C:N ratio. The amount of time residue decomposed in the field was less important
than the season of residue placement on decomposer abundance; however, these effects
were dependent on residue type. The bacterial decomposition pathway was favored
throughout the decomposition study on all three residues studied. In the natural dry
treatment, the predator-prey relationship of bacteria and bacterial-feeding nematodes was
probably affected by in response of the bacterial and nematode populations to changes in
residue moisture. Below, I will discuss each of these topics in turn, and then specifically

address the three questions posed in the introduction of this study.
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Resident microbial colonists

The abundance of bacteria and fungi observed in the laboratory-incubated residue
study resulted from conditions that favored the activity of microbial residents. These
results suggest that primary decomposers colonized residue in the field prior to collection,
were present in low abundance on dry residue (as shown in a preliminary study), and
became active when environmental conditions permitted. This conclusion is not
surprising considering that metabolically active decomposer communities have been
described on standing-dead Spartina alterniflora estuarine grass (Gallagher and Pfeiffer,
1977; Newell ez al., 1985).

In this study, the initial abundance of resident microbes did not appear to drive the
patterns of decomposer abundance on field-placed residue. For example, although the
number of resident bacteria was different among the three halophyte residues (see Table
4.4), in the field study bacterial abundance was not significantly affected by residue type.
Furthermore, in the majority of cases, fungi on field-retrieved residue were most
abundant on Suaeda sp, even though resident fungi were numerous on B. maritima
residue. Residents decomposers should be numerically dominant on field-retrieved
residues only if they are better competitors than indigenous microorganisms, or gain a
competitive advantage from being in close physical contact with the residues when
environmental conditions permit activity.

Although a heterogeneous distribution of residents on residue prior to placement
in the field may be responsible for the pattern of, or variability in, microbial abundance,
colonization by soil-inhabiting microorganisms in the field was probably more important
in determining microbial abundance on field-placed residue in this study. Insuring that
observed decomposer abundances are due to study treatments or field conditions is not an

easily attainable goal. However, examination of microbial residents is one step in
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determining whether differences in decomposer abundances are driven by variability in

prior colonization status.

The decomposition environment - temperature, relative humidity, and precipitation

Soil physical properties play an important role in determining the decomposition
microenvironment and should, therefore, influence decomposer activity. Results from
both study years suggest that decomposer abundance was not directly related to soil or air
temperatures, both of which at least doubled over the course of the 1995 study (see Figs.
4.2 and 4.3).

These results are not consistent with the suggestion that decomposition processes
are often best explained by environmental conditions in combination with initial residue
composition (Pandey and Singh, 1982). Decomposer abundance and activity have been
shown to increase with rising temperatures depending on moisture conditions (Witkamp
and Van der Drift, 1961). Furthermore, decomposition is generally stimulated by warm,
wet conditions (Gupta and Singh, 1981; Stott et al., 1986), although this has not always
been the case (Coleman et al., 1990). Orsborne and Macauley (1988) suggested that
decay was faster when temperature increased from 109C to 20°C. In the present study,
air temperatures during the winter months averaged 10°C; however, maximum daily
temperature was at least 200C or warmer. It is likely that temperatures in the
decomposition environment in this study were never cool enough, over a long enough
period of time, to limit decomposer activity.

Relative humidity and precipitation affect residue moisture content, and therefore
should play a role in regulating decomposition processes. In this study, there was no
obvious influence of either relative humidity or precipitation on decomposer abundance.
Precipitation should have been more important in driving residue moisture content in

natural dry than irrigated treatments. From this and other studies of decomposition in



desert regions (Whitford er al., 1981; Freckman et al., 1987), there is no evidence for
pulses of decomposer activity directly following precipitation events. It is likely,
however, that the timing of litterbag retrieval in this study was not appropriate to detect
the influence of precipitation on the decomposer community. In the semi-arid coastal
Sonoran desert, precipitation events are far apart, and temperatures high enough, that any
effect of spring or summer rainfall on decomposer activity in a natural dry habitat is short-
term. Future studies concerning the importance of precipitation in determining
decomposition activity on halophyte residue will need to capture changes in decomposer
populations immediately following rainfall events, and to continue monitoring

populations until declining residue moisture limits microbial activity.

Decomposition environment - patterns of residue moisture

Decomposer abundance reflected changes in residue moisture content over the
course of the study. Residue moisture content, which is directly affected by soil
moisture, remained constant under irrigation and declined to negligible in the dry
treatment (see Fig. 4.4). The response of decomposers to residue moisture in this study
was consistent with other studies that have demonstrated that moisture limits the microbial
decomposer community on standing dead halophytes (Buth and Voesenek, 1988). The
decline in decomposer abundance by early summer in the natural dry plots (after 83 days
in the 1995 study) was most likely due to limited residue moisture content. Nagy and
Macauley (1982) reported that biological decomposition slowed at residue moistures
below 13%. By the end of this study, halophyte residue moisture content in the dry plots
approximated 15%. Residue moisture alone, however, cannot explain all differences in
decomposer abundance between the irrigated and natural dry treatments. For example,

bacteria were of similar abundance in the irrigated and dry treatments at all retrieval dates
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in 1995 (see Figs. 4.8). Furthermore, bacterial, fungal, and nematode decomposers
responded differently to residue moisture conditions.

Bacterial abundance was similar in both the irrigated and natural dry reatments
(see Figs. 4.7 and 4.8), a result that was perhaps due to a combination of factors.
Bacterial populations in the irrigated treatment may have been limited by resource
availability or resource quality due to leaching. Under irrigation, decomposer abundance
may decline during the later stages of decomposition because of reduced resource quality
via leaching (Comejo et al., 1994). In the natural dry treatment, diminishing residue
moisture may have been most important in limiting bacterial abundance. This
interpretation suggests that at least two different limiting factors generated the same
pattern of population changes over time, an outcome that must be considered when
ecologists are ascribing process to pattern.

Fungi were generally more abundant on natural dry plot residue than irrigated plot
residue, at least until mid-summer when residue moisture was very low (see Figs. 4.9
and 4.10). Compared to bacteria, fungi in general may be abundant in dry conditions
(Holland and Coleman, 1987; Comejo et al., 1994), perhaps because they are more
tolerant of limited moisture than bacteria (Hendrix et al., 1986). It may also be the case
that the response of fungi to dry conditions was moderated by resource composition and
quality. For example, fungi were more numerous on Suaeda sp. residue in the irrigated
plot, but more abundant on B. maritima in the natural dry treatment. This result may be
due to slight difference in the quality and availability of resources. B. maritima not only
has a slightly higher moisture content in the dry treatment than the other residue types, but
has a greater lignin content as well. Although lignin content alone had little predictive
value in determining decomposer abundance, it is a substrate mostly used by fungi and
therefore may be partially responsible for differences in fungal abundance (Harvey ez al.,

1987).
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Bacterial-feeding nematodes were always more abundant under irrigation, while
fungal-feeding nematode abundance was similar in both irrigated and natural dry
conditions. The difference in bacterial-feeding nematode abundance may have been due
to nematodes arriving with the irrigation water. At the study site, seawater-irrigated soils
cultivated with halophytes supported bacterial-feeding marine nematodes (personal
observation). Recruitment of marine nematodes to halophyte residue in litterbags may be
one explanation for the greater abundance of bacterial-feeding nematodes in the irrigated
treatment. The genera of fungal-feeding nematodes in the litterbags are not found in
natural marine habitats; therefore, the number of fungal-feeding nematodes represented

population levels achieved without immigration from outside the soil system.

Decomposition environment - litterbag location

Buried S. bigelovii residues supported a greater number of nematodes than did
surface-placed residues under both irrigated and natural dry conditions. In the irrigated
plots, nematodes were present in surface-placed residue but were more abundant in
buried residue, while in the natural dry plots, nematodes were present in only buried
literbags (see Fig. 4.5). This pattern of nematode abundance in surface versus buried S.
bigelovii residue is consistent with results reported in previously published studies. For
example, decomposers were more numerous on buried, as compared to surface,
decomposing winter rye residues (Beare er al., 1992), and nematodes were present in
buried, but not surface placed, oak residue in the Chihuahuan Desert (Elkins and
Whitford, 1982).

In other field systems, buried plant residues have been shown to decompose more
rapidly than those placed on the soil surface (Brown and Dickey, 1970). Beare et al.
(1989) suggested that decomposers on buried rye residues were more abundant as a resuit

of higher moisture content of buried compared to surface-placed residue. In this study,
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daily irrigation should have reduced the impact of daily moisture fluctuation; therefore,
the limited abundance of nematode on surface placed residue under irrigation cannot be
solely explained by moisture relations. Possible explanations for this pattern are that 1)
predation on nematodes was more intense in surface litterbags, or 2) organic matter, and
therefore bacteria and fungi, was more abundant in the upper, as compared to lower, soil
profile and surface litterbags did not provide as valuable a resource to decomposers.
Placement of halophyte residues in soils with organic amendment was not
reflected in the abundance of litterbag-dwelling nematodes. While soil-dwelling
nematodes were more abundant in amended soils, the abundance of nematodes in
litterbags was not significantly different in plots with or without organic amendment.
Although organic amendment was not statistically significant in determining litterbag-
dwelling nematode abundance, litterbags may have been attractive as "resource islands"”
(sensu Parmelee et al., 1989) only during the early stages of decomposition when
resources were most available. This would be a reasonable interpretation if the nematode
study populations were in an ideal free distribution. Of the litterbag retrievals made
during this study, the first two seem to support the resource island hypothesis and the
latter two do not. As a limited amount of residue in a litterbag decomposes, the positive
effect on nematode abundance decreases as the population of primary decomposers
declines. In soils with residue addition, soil-dwelling nematode abundance continued to
increase over the course of the study (see Table 4.5), suggesting that resource levels in
the soil remained high enough to support population growth. Litterbags located in
residue-amended soil supported more nematodes at the later retrievals than those in
unamended treatments, possibly because litterbag residues were not as heavily utilized by
decomposers during the beginning of the study. Soils supporting a greater abundance of
decomposers may also provide a constant source of colonizers to recruit to and utilize

litterbag residue.
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Residue quality

Resource quality predictions based on the C:N ratio suggest that decomposition
activity is greatest on residue with the lowest ratio of carbon to nitrogen (see Taylor ez al.,
1989). In this study, the abundance of decomposers did not always reflect initial residue
C:N under either irrigated or natural dry conditions. In support of the C:N prediction,
fungi were abundant on B. maritima (lowest C:N ratio) in natural dry plots. However,
bacterial abundance was not significantly different among the three residue types in either
study year, and fungi in the irrigated treatment were most abundant on Suaeda residues,
which has an intermediate C:N ratio. In the present study, only a subset of the halophyte
decomposers examined seemed to follow the C:N resource quality prediction. In
contrast, there is evidence from published studies suggesting that microbial decomposers
are influenced by residue C:N ratios. In a study of mulberry, redbud, oak, and pine leaf
litter decomposition, Witkamp (1966) found that bacterial and fungal abundance increased
with decreasing C:N ratio. Parmelee er al. (1989) reported that microfloral decomposers
(including bacterial-feeding nematodes) were more abundant on the weed litter with the
lowest C:N ratio.

Decomposer abundance did not consistently follow the C:N prediction for
irrigated halophyte residues possibly because of a rapidly changing nutrient status due to
leaching. A different, but non-exclusive, explanation is that the ratio of carbon to
nitrogen may be less important than nitrogen content alone in determining decomposer
abundance. Nitrogen, which is essential for microbial growth, is correlated to halophyte
decomposition rates especially during the first phase of decomposition (Hemminga and
Buth, 1991). Nitrogen content of the residue in this study was within the range (0.58-
2.7 %N) reported by Hemminga and Buth (1991) for halophytes from two salt marshes
in S.W. Netherlands.
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Although many authors have suggested that the C:N ratio is a good predictor of
either decomposition rate (Gupta and Singh, 1981; Taylor er al., 1989) or decomposer
abundance (Witkamp, 1966; Parmelee ez al., 1989), it must be noted that other residue
characteristics may also play a role in regulating decomposition processes. For example,
while moisture content of different residue types may be similar, water potential, which
strongly influence residue decay, may be very different (Dix, 1984). Physical and
structural differences in plant residues may also be driving decomposition activity to a
greater extent than residue biochemical composition. Gallardo and Merino (1993) found
that while C:N ratio was not a good predictor of decay rate, leaf toughness explained
differences in decomposition rate between leaves from various plant species. The authors
suggested that toughness, which can be measured on non-leaf plant material as well,
would be useful as an index of substrate quality. Itis likely that the patterns of
decomposer abundance observed in the halophyte residue studied were due to differences
in biochemical, physical, and structural residue properties over the course of
decomposition. Future investigations aimed at pin-pointing distinct differences in the
three residue types should include a detailed examination of resource quality that ventures

beyond biochemical composition.

Residue age

Differences in age versus seasonal dependence inferred from examination of the
collected data suggested that decomposers of halophyte residues were most likely
seasonally dependent. Residues left in the field for one month generally supported more
decomposers when placed in the field in the early summer (May) rather than the winter
(January). Even after five months in the field (Jan.-June), decomposers were fairly
abundant on residue, although in most cases not as abundant as on one-month-old early-

summer residue.
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Elkins and Whitford (1982) reported that season, and not decompositional stage,
drove changes in nematode abundance on oak leaf residue in the Chihuahuan desert. The
authors suggested that nematode population size resulted from seasonally distinct
interactions with other community members, and was not directly related to resource
availability. In a study of Spartina alterniflora decomposition in salt marshes, Montanga
and Ruber (1980) reported that for the majority of both nematodes and diatoms,
abundance on residue was seasonally, and not age, dependent. While the patterns found
in this study do not contradict those of either Elkins and Whitford (1982) or Montanga
and Ruber (1980), more rigorous research should be completed before conclusions are
drawn concerning the relative importance of halophyte residue age versus season of

residue placement.

Temporal dynamics of the decomposer community

Two patterns of nematode trophic dynamics on decomposing residues have been
suggested. In the first, bacterial feeders are dominant during the initial stages of
decomposition while fungal-feeding nematodes increase during the later stages of decay
(Santos et al., 1981; Sohlenius and Bostrom, 1984). In the second, bacterial-feeding
nematodes are dominant throughout the entire course of decomposition (Parmelee er al.,
1989). Wasilewska er al. (1981) presented results for decomposition of rye grass shoots
that supported the first pattern, and for dandelion and lime leaves, and alfalfa shoots that
supported the second pattern. The predominance of either bacterial- or fungal-feeding
nematodes provides information on the availability of bacteria or fungal nematode
resources (Yeates ef al., 1993) and is possible evidence for either competitive dominance
or temporal partitioning of a shared common resources by primary decomposers.

The trophic structure of nematode populations on decomposing halophyte residue

in general supported the second pattern, i.e., bacterial feeders were proportionally



51

dominant throughout the study (see Table 4.10). One interpretation of this result is that
fungi were not as important as bacteria in decomposing halophyte residue. Bacterial
decomposition may have been favored due to the low lignin content of the residue or
physiological limitations on fungal activity. This working hypothesis, which was not
tested directly in this study, provides a promising direction for further research.

There were a few notable exceptions in the data that supported the pattern of a
succession from bacterial- to fungal-feeding nematodes. For example, the proportion of
bacterial feeders on S. bigelovii and Suaeda sp. residue in the natural dry treatment
decreased over the five-month study, indicating that the relative abundance of fungal
feeders increased. A proportional increase in fungal-feeding nematodes implies an
increase in availability of fungal hyphae, their resource base. Fungal abundance data
collected during this study do not appear to support this conclusion (Figs. 4.9 and 4.13).
However, fungal counts may not have reasonably estimated fungal availability to
nematode grazers (see Results for explanation).

The temporal dynamics of nematode predators and their prey were inferred from
static abundance estimates over the course of the study. It should be kept in mind that
conclusions about dynamic processes drawn from static data must be considered
cautiously. The effect of nematodes on their prey has been examined both in the field and
laboratory. A general conclusion from these studies was that abundance of nematodes
and primary decomposers were positively correlated (Ingham ez al., 1989, Blair et al.,
1990). However, the abundance of microbial predators has also been shown to be
negatively correlated with their prey (Beare et al., 1989; Parmelee et al., 1989).
Microbial grazers may, however, stimulate a higher production and turnover of bacterial
cells and not necessarily an increase in the density of bacteria (Sundin ez al., 1990).

In this study, the pattern of decomposer abundance was perhaps a response to a

combination of interspecific interactions (predation and competition) and the physical
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environment. Bacterial-feeding nematode abundance on decomposing halophyte residue
did not directly correspond to bacterial abundance. Plots of the joint abundance of
bacteria and bacterial feeders suggest that predation by bacterial-feeding nematodes was
most influential when the physical decomposition environment remained fairly constant,
i.e,, in the irrigated treatment (Fig. 4.14). In the natural plots, the dynamics were similar
to those in the irrigated treatments until seasonal drying began (March to April) and
moisture became limited. In the natural dry plots, bacterial abundance remained relatively
high, while nematode abundance declined when moisture limitations were imposed. One
explanation for this pattern is that bacteria were not as restricted by moisture content as
nematodes (see discussion of decomposition environment). The temporal pattern of
abundance in the irrigated and natural dry treatments suggests that a different response of
bacteria and bacterial-feeders to the decomposition environment may have uncoupled the
trophic link between predator and prey.

Declining bacterial abundance during the latter stages of decomposition in the
irrigated treatment was possibly due to the combined influence of competition for limiting
resources and nematode predation. In the natural dry treatment, the bacterial population,
which remained high while bacterial-feeding nematodes declined, was perhaps subjected
to competition, but not to predation after moisture conditions limited nematodes mobility.
The combination of competidon, predation, and the physical environment is important in
structuring marine intertidal and benthic stream communities. Physical disturbance is
especially important if it results in a patchy elimination of either competitors or predators
(see McAuliffe, 1984). A combination of limiting factors acting as community
structuring agents is especially relevant to the decomposer cornmunity because the
response to seasonal drying, resource limitation, and other stressful events depends on
the members of the decomposer community. Wardle and Yeates (1993) have divided the

below-ground food web into distinct bacterial and fungal compartments and suggest that
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each compartment is differentially affected by the regulatory forces of predation and
competition. Predation is predicted to be most important in the bacterial compartment
while competition is most important in the fungal compartment. Whereas results from the
present study do not contradict these predictions, they also highlight the importance of the
physical environment as a regulatory force that acts in combination with species
interactions. Although this study did not investigate the relationship between fungal
feeders and fungi, predation on the bacterial compartment may indirectly affect the fungal
compartment. If bacterial predators reduce bacterial activity, then fungi may benefit from
decreased competition with bacterial decomposers.

Conclusions

Three questions were posed ir the introduction of this study. They were: (1)
What is the effect of the decomposition microenvironment (residue moisture, soil salinity,
and location) on the population of decomposers active on halophyte residue? (2) Are
there differences in the decomposer abundance on halophyte residue of varying resource
quality over the course of decomposition? (3) What is the abundance and trophic
composition of the decomposer community on these three types of halophyte residue?
Although the answers to some parts of these questions remained elusive, in general this
study fulfilled the goal of describing the response of decomposer community members to
different regulators of decomposition.

In summary, decomposers on halophyte residue under seawater irrigation and in
natural dry plots were influenced by the decomposition environment as it interacted with
varying residue resource quality. Some aspects of the decomposition microclimate played
a substantial role in determining decomposer abundance. Specifically, soil moisture
(which reflected irrigation treatment) was influential in driving changes in residue

moisture, and therefore decomposer abundance. The response of halophyte decomposers



to soil salinity was perhaps reflected in the early parts of the studies when residue
moisture was equivalent in the irrigated and natural dry plots. However, the effect of soil
salinity, when decoupled from moisture differences, remains unknown because it was not
tested directly in this study. The location of residues, i.e., surface or buried, was a
significant factor determining decomposer abundance, while soil organic amendment was
more influential on the abundance of nematodes in the soil than on residue in litterbags.

The importance of resource quality in determining decomposer activity on
halophyte residue was not solely due to biochemical composition, but was perhaps
determined by structural or physical differences in the residue tissue. Differences in the
abundance of decomposers among the three types of residue studied depended on both
the study year and the irrigation treatment. In general, the aburdance of fungi and
nematodes (bacterial-feeding and fungal-feeding) was related to residue type. Bacteria,
however, did not respond to residue type in either study year.

The bacterial decomposition pathway was generally more important than the
fungal pathway as reflected by the dominance of bacterial-feeding nematodes. The
temporal dynamics of bacteria and bacterial-feeding nematode abundance was similar for
all three halophyte residues studied, and were consistent with the prediction that predation
plays a key regulatory role within the bacterial compartment. Distinct changes in bacteria
and bacterial feeders over the course of the study in the irrigated compared to dry
treatment, however, served as a reminder that the physical environment is an important

modifier of relationships within the decomposer community.
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Table 4.1. Salinity (measured by electrical conductivity), pH, and bulk density of soil
from unplanted, seawater-irrigated and natural, dry plots. Means (standard error) of
replicate (n=3) plots during the 1995 field study. Salinity and pH were measured
monthly from January to June (irrigated plots) or January to April (dry plots). Soil bulk
density was sampled in February 1995.

Salini pH Bulk Density
Treamment (@S m-1) (g cm-3)
seawater irrigated 6.6 (0.6) 9.0 (0.2) 1.43 (0.09)

natural dry 0.3 (0.2) 8.8 (0.2) 1.55(0.01)
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Table 4.2. Results of a three;way analysis of variance for the factors residue type,
irrigation treatment (seawater irrigated or natural dry), and time in the field calculated for
residue moisture in the 1995 litterbag study.

Residue moisture

1995
Source of Variation DF F-ratio
Residue type 2 5275%*
Irrigation treatment 1 203.95%*
Time in field 4  72.50%*
Residue x Irrigation 2 4.02%
Residue x Time 8 3.06%*
Irrigation x Time 4 51.44%*
Residue x Irr x Time 8 2.13*

Error 60

* = p< 0.05, ** = p<0.01



Table 4.3. Initial percent carbon, nitrogen, ash, and lignin of residue from the three
halophyte species used in litterbag field studies.

Residue ash(%) carbon(%) nitrogen (%) C:N lignin (%)
S. bigelovii 21.5 37.6 0.56 67.8 2.96
Suaeda sp. 19.3 37.1 0.87 42.6 3.69
B. matitima 19.9 36.8 1.13 32.6 8.65

57
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Table 4.4. Results from a laboratory incubation study determining the abundance of
resident bacteria and fungi on halophyte residue used in litterbags field studies. Mean

(standard error) microbial abundance is reported as CFU g-1 afdw residue for n=4
replicate samples.

Residue Bacteria (108)7 Fungi (1097
S. bigelovii 43 (8)2 1.0 (1.0
Suaeda sp. 7 (6)P 9.1 (7.5b
B. maritima 48 (12) 2,290 (1,460)b

Tmeans in the same column with the same letter are not significantly different
(p>0.05) as determined by Tukey's HSD pairwise comparison test.
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Table 4.5. Nematode abundance on S. bigelovii residue litterbags from residue amended
and unamended treatment plots. Data presented are mean (standard error) number of
nematodes in (n=4) litterbags (no. g’l afdw) or soil samples (no. cm3) on days since
litterbags were placed in the field.

Abundance in Abundance in
litterbag(n=3) soil (n=4)
‘Days not amended amended not amended amended
0.638 (0.38)2  0.593 (0.36)2
28 819 (350) 156 (79)
64 11,736 (9.582) 2,191 (1435) 0.510 (0.21)2  4.080 (0.46)P
84 0.394 (0.15)2  7.515 (1.97)b
111 45 (14) 57 (32)
231 5@3) 53 (42)

Tmeans with the same letter are not significantly different (p>0.05) as determined by
Tukey's HSD pairwise comparison test.



Table 4.6. Results of a three-way analysis of variance for the factors residue type,
irrigation treatment (seawater irrigated or natural dry), and time in the field calculated for
bacterial abundance in the 1994 and 1995 litterbag studies.

Bacteria 1994 1995
Source of Variation DF F-ratio DF F-ratio
Residue type 2 054 2 1.54
Irrigation treatment 1 8.51%= 1 3.23
Time in field 3 229 4 24.73%*
Residue x Irrigation 2 009 2 125
Residue x Time 6 097 8 2.30*
Irrigation x Time 3 3.17% 4 0.69
Residue x Irr x Time 6 114 8 0.58
Error 45 60

* = p< 0.05, ** = p<0.01
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Table 4.7. Results of a three-way analysis of variance for the factors residue type,
irrigation treatment (seawater irrigated or natural dry), and time in the field calculated for
fungal abundance in the 1994 and 1995 litterbag studies.

Fungi

1994 1995

Source of Variation DF F-ratio DF F-ratio
Residue type 2 10.42%* 2 3.79%
Irrigation treatment 1 57.82%* 1 296
Time in field 3  4.02+¢ 4 54.75%*
Residue x Irrigation 2 3.34% 2 034
Residue x Time 6 1.17 8§ 178
Irrigation x Time 3 3.20% 4  4.46%F
Residue x Irr x Time 6 0381 8 114

Error (1994,1995) 45 60

* = p< 0.05, ** = p<0.01
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Table 4.8. Results of a three-way analysis of variance for the factors residue type,
irrigation treatment (seawater irrigated or natural dry), and time in the field calculated for
total nematode abundance in the 1994 and 1995 litterbag studies.

Nematodes 1994 1995
Source of Variation DF F-ratio DF F-ratio
Residue type 2 021 2 225
Irrigation treatment 1 36.34%* 1 105.77%*
Time in field 2 24.74%* 4 51.06%*
Residue x Irrigation 2 152 2 3.62%
Residue x Time 4 397%* 8§ 0.89
Irrigation x Time 2 4.13* 4 13.67%*
Residue x Irr x Time 4 154 8 0.68
Error (1994,1995) 34 60

* = p< 0.05, ** = p<0.01
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Table 4.9. Results of a three-way analysis of variance for the factors residue type,
irrigation treatment (seawater irrigated or natural dry), and time in the field calculated for
bacterial and fungal feeding nematode abundance in the 1995 litterbag study.

Bacterial Fungal

feeders feeders
Source of Variation DF F-ratio F-ratio
Residue type 2 6.37** 10.31**
Irrigation treatment 1 188.35** 4.28*
Time in field 4  T79.07** 16.64
Residue x Irrigation 2 3.15* 0.52
Residue x Time 8§ 094 0.08
Irrigation x Time 4 25.86** 0.97
Residue x Irr x Time 8 0.61 0.82

Error 60

* = p< 005, ** = p<0.01



Table 4.10. Percent of bacterial feeding nematodes (bacterial feeders/bacterial+fungal
feeders) sampled in 1995 for months one through five. The larger the percentage, the
greater the dominance of bacterial-feeding nematodes. The data were arcsine square root
transformed and subjected to three-way analysis of variance for the factors residue type,
irrigation treatment (seawater irrigated or natural dry), and time in the field. Pairwise
comparisons were made using Tukey’s HSD test.

February March April June

S. bigelovii T 1migated 782 963 99a 052
dry 743 742 502 502

Suaeda sp.t irrigated 682 94ab 1000 98b
dry 502 562 3b 6b

B.maritimat  irrigated 992 99a 1002 1002
dry 662 94ab 100b 94ab

Tpercentages in the same row with the same letter are not significantly different (p>0.05).
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Table 4.11. Comparison of decomposer abundance on halophyte residue in the irrigated treatment. There is no distinct pattern
related to the number of days in the field or when litterbags were placed in the field. Mean (standard error) abundance of bacteria

and fungi reported as CFU g-! afdw residue and nematodes as number g-1 afdw residue on days since litterbags (n=3) were

placed in the field. The first part of the treatment name indicates the month litterbags were placed in the field (e.g, May) and
second part indicates the month they were retrieved (e.g., June).

Days in the Bacterial-feeding  Fungal-feeding
Residue Treatment field Bacteria ( 108) Fungi ( 106) nematodes nematodes
S. bigelovii Jan.-Feb. 25 7 (4) 0.3 (0.2) 64 (28) 17 (11)
May-June 34 17 (8.2) 1.9 (1.4) 2,945 (1,528) 21 (25)
Jan.-June 144 9 (2.6) 8.2 (6.0) 670 (268) 24 (18)
Suaeda sp. Jan.-Feb. 25 27 (5.2) 7.3 (2.4) 97 (27) 46 (18)
May-June 34 18 (4.2) 8.5 (6.0) 1,117 (318) 211 (254)
Jan.-June 144 89 @4.1) 8.1 (4.6) 687 (167) 16 (16)
B. maritima Jan.-Feb. 25 18 (5.2) 9.1 (5.2) 441 (188) 4 (5)
May-June 34 82 (24) 384 (376) 6,993 (1,391) 239 (148)

Jan.-June 144 26 (8.8) 49 (1.0) 1,092 (173) 0 (0)
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Figure 4.1. Schematic of field plot design at the experimental research farm. a) Large
(200 m-2) irrigated and dry plots were used in 1994, while an unplanted irrigated and a

natural dry plot were used in 1995. b) Small (35 m-2) irrigated plots with and without
residue were also used in 1994.
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Figure 4.3. Soil properties of natural dry (open circles) and irrigated (filled circles) plots
during the 1995 litterbag study: a) percent gravimetric soil moisture, and b) weekly mean
soil temperature at 10 cm taken daily at noon. Maximum temperature difference between
treatments was 3°C.
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Figure 4.4. Mean (% standard error) moisture content (g H2O g-1 dry residue) of
Salicornia bigelovii (circles), Suaeda sp. (triangles), and Batis maritima (squares) in (a)
the natural dry and (b) irrigated treatments over the course of the 1995 litterbag study.
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Figure 4.5. Mean ( standard error) nematode abundance (no. g1 afdw residue) on
Salicornia bigelovii residue. Litterbags were placed on the surface (circles) or buried
(triangles) in natural dry (open symbols) and irrigated plots (filled symbols).



71

4 <

34 —e— Buried
e
2
7]
.8 2_
p>

1-

+
0 ‘;\F—:j

0 30 60 90 120 150 180 210 240

Days in field
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placed and buried Salicornia bigelovii residue in the natural dry treatment in the 1994
litterbag study. Buried residue is moister than surface residue (Tukey’s HSD test,
p<0.001).
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Figure 4.12. Mean (+ standard error) abundance of bacterial-feeding nematodes (no. g'1
afdw residue) on halophyte residue in (a) the natural dry and (b) irrigated treatments over
the course of the 1995 litterbag study. Symbols are the same as in Fig. 4.4.
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5. VERTICAL DISTRIBUTION OF SOIL MICROORGANISMS IN A
HALOPHYTE AGROECOSYSTEM IN RELATION TO RESIDUE
INCORPORATION AND PLANT PRESENCE

ABSTRACT

Soil microorganisms, which are influenced by the availability of soil organic matter,
generally decline in density with depth following the distribution of resources. Microbial
activity within and below residues incorporated into soil may be enhanced, leading to
changes in nutrient mineralization or immobilization rates, thereby affecting the fate of
plant-derived organic carbon. The vertical distribution of microfloral abundance and
activity, nematode abundance and trophic structure, and soil moisture and salinity were
examined in relation to the incorporation of plant residues and the presence of plants
(Salicornia bigelovii) at a halophyte research farm in Sonora, Mexico. In this halophyte
agronomic system, soil microorganism abundance generally increased in the presence of
organic resources, although soil moisture and salinity, which decreased with depth, may
also have been influential. Within the top 25-30 cm of soil, microfloral abundance,
activity and biomass were greatest in the presence of incorporated residue or plants.
Bacterial- and fungal-feeding nematode abundance increased in the first 25 cm of soil in
response to residue amendment, but did not respond to the presence of plants at any depth
studied. Plant-feeding nematodes, on the other hand, were significantly more abundant

in the presence of plants, but did not respond to residue incorporation or depth.
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INTRODUCTION

The abundance, activity, and distribution of soil microorganisms are determined,
in part, by the availability and accessibility of organic resources (Wardle, 1992; Griffiths,
1994). Soil microflora, e.g., bacteria and fungi, and microfauna, e.g., nematodes,
respond positively to soil organic amendment (Wardle, 1992 and references therein;
Griffiths et al., 1994) as well as to plant root penetration (Ingham er al., 1985a) and
growth (Lynch and Panting, 1980; Carter 1986). Following the distribution of resources
in the soil profile, the density of soil microorganisms generally declines with depth (Paul
and Clark, 1989). Furthermore, compositional changes of the microbial community
occur with depth in response to the location and availability of resources in the soil
profile. Fungi, for example, are active in the upper soil profile, especially if plant
residues remain on the soil surface (Holland and Coleman, 1987; Paul and Clark, 1989).
Compositional differences in the distribution of soil microflora can be assessed by
examining microfaunal trophic structure at various depths. For microfauna such as
nematodes, trophic structure can be described by the relative abundance of different
ecological feeding groups, for example bacterial, fungal, and plant feeders (Freckman and
Ettema, 1993). Microfaunal trophic structure reflects resource availability, i.e., the
composition and abundance of the microfloral community (Griffiths ez al., 1994).

The goal of this research was to study the vertical distribution of key groups of
soil microorganisms in a halophyte (salt-tolerant plant) agroecosystem in the presence and
absence of different soil organic resources. Examining the vertical distribution of soil
microorganisms will provide a first step in understanding the fate of plant-derived organic
carbon in this system. Agronomic practices for growing halophytic plants are such that
fields are irrigated daily with saline water. Frequent irrigation increases the opportunity

for dissolved organic matter from incorporated plant residues to leach into the soil profile.
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This process may enhance microbial activity at soil depths below incorporated residues,
leading to changes in the rate of nutrient mineralization or immobilization.

In this investigation, microfloral abundance and activity, abundance of nematode
feeding groups, and soil abiotic properties (moisture and salinity) were examined in
relation to the incorporation of plant residues and the presence of halophytic plants at
different depths in the soil profile. A conceptual model was developed following Beare ez
al. (1992) and Ingham et al. (1985a) to predict differences in depth distribution of

microorganisms in response to different levels of soil organic resources.

METHODS

Study site, experimental design, sampling procedures

All studies were conducted at a one-hectare research farm on the northeastern
coast of the Gulf of California near Puerto Peiiasco, Sonora, Mexico (3 1°20'N,
113°35'W). For more than 15 years, Salicornia bigelovii, a halophytic estuarine annual,
has been under cultivation in sandy-soil research plots at the farm. During the 1995
growing season, experimental treatments of residue (with and without) and planting
(planted and unplanted) were established in a 2 x 2 balanced randomized block design in
n=3 replicate 35 m2 plots. Prior to planting in December 1994, 12 plots were hand-tilled,
and 2kg m2S. bigelovii residue (consisting of stems and seed heads harvested during
the previous cropping cycle) was incorporated into the soil at a depth of approximately
15-25 cm (this treatment will be referred to as "with residue”). The remaining 12 study
plots were hand-tilled but no residue was added ("without residue"). Six plots from each
residue treatment were then seeded with S. bigelovii to achieve a final plant density of
approximately 300 plants m-2 ("planted") and 6 were left unplanted ("unplanted").
Throughout the study, plots were flood irrigated daily with 40 g kg’1 seawater pumped
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from a well that drew seawater from the Gulf. Fertilizer (NH4NO3) was applied at a rate
of 2.04 kg N ha-1 day-1 because daily irrigation to reduce salt build-up tends to increase
nutrient leaching. Plants flowered in mid-summer and were senescent by late fall.

The influence of residue amendment, the presence of plants, and depth in the soil
profile on microfloral abundance and activity, nematode abundance, and soil moisture and
salinity were investigated in three studies examining: 1) the effect of residue incorporation
(“residue study") in unplanted plots at three depths (0-10, 15-25, and 50-60 cm); 2) the
effect of residue and the presence of plants ("residue+plant study") at three depths (0-10,
15-25, and 50-60 cm); and 3) the effect of plants in plots with residue ("plant study") at
three depths (0-10, 10-20, 20-30 cm). The residue study took place in early March, the
residue+plant study in early July, and the plant study in early September 1995. The
residue study (March) was the only study in which all combinations c€ xp=rimental
treatment levels were sampled.

There was measurable precipitation at the study site in February (0.20 cm) and
March (0.13 cm); however, there was no rainfall between April and October 1995. Mean
monthly minimum and maximum temperatures were 10.6 C and 23.3°C in March, 23.7°C
and 34.2°C in July, and 24.5°C and 34.9°C in September. Relative humidity at the
research farm was always more than 40% (measured daily at 9:30 a.m.).

For each study, soil was sampled in an “X” pattern with a 4.5 cm diameter bucket
auger in each replicate plot. Five soil cores from each depth were bulked and thoroughly
mixed. All soil samples were kept in coolers during transportation and storage. Soils
were prepared and analyses begun within approximately 2 days after sampling.

Gravimetric moisture content was determined for each soil sample by drying soil
at 105°C for 24 hr. Soil salinity, measured by electrical conductivity (dS m-1), was
assessed on a 1:1 (w/v) soil and distilled water slurry in the residue and residue+plant

studies. In July, soil texture at three depths (0-10, 15-25, and 50-60) was determined by



a hydrometer method on bulked soil samples from the replicate (3) unplanted, residue

amended plots.

Microbial estimates

Soil basal respiration, an estimate of microbial activity, reflects the size of the
labile soil organic matter pool, and is, therefore, an indicator of resource availability (D.
R. Zak et al., 1994). Basal respiration was quantified for samples from replicated
treatment plots in all three studies. For the residue study, 35-45 g sieved (2 mm) field-
moist soil from each plot was weighed into 50 ml sterile glass beakers, conditioned (i.e.,
rested) for 7 days at 25°C in a humid incubator, and then sealed in 1.0 L sterile jars. For
the other two studies, 8-11 g sieved field-moist soil was placed in 40 ml sterile glass
vials, conditioned for 7 days at 25°C in a humid incubator, and then sealed with a rubber
septum and lid. All samples were conditioned (in a humid chamber) and incubated at
24°C (£1). CO2 concentration was ascertained within the first hour after sealing and then
again after either 5 (plant study) or 10 days (residue and residue+plant studies). At each
sampling, a small volume of well-mixed headspace gas was withdrawn and the
concentration of carbon dioxide (CO?2) measured with a Microsensor Technology Inc. gas
chromatograph equipped with an 8 m Poraplot U column and thermal conductivity
detector. Basal respiration (ug CO2-C g-1 soil hr-1), the difference between the initial
and final CO? concentration of each sample, was calculated following Insam and Domsch
(1988).

Bacterial abundance was measured in the residue and residue+plant studies.
Field-moist soil (5-10 g) was vortexed in 100 ml phosphate buffer (pH=7) and serial
dilutions spread on King's B medium. Colonies were counted after approximately S days

of incubation at 25°C. Total colony counts were converted to colony forming units
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(CFU) g-1 dry soil. No attempt was made to distinguish bacteria and actinomycetes, and
therefore references to bacteria includes all non-fungal colonies counted.

Microbial biomass (Cmicr) was estimated by the chloroform-fumigation-
incubation method, described by Jenkinson and Powlson (1976) with modifications
similar to those of Powlson ez al. (1987), in the plant study only. Sieved field-moist soil
from each plot was weighed into two 50 ml sterile glass beakers and conditioned for 7
days at 25°C in a humid incubator. Soil depth was kept constant, rather than soil mass,
as suggested by Christie and Beattie (1987). Half of the soil samples were fumigated
with alcohol-free chloroform for 24 hr in a desiccator lined with moist paper towels. The
other half of the samples were unfumigated controls that remained in the incubator while
fumigation took place. All samples were then inoculated with approximately 0.5 g
unfumigated sieved soil from the same plot as the sample, and sterile water added until
samples reached pre-conditioning mass. A single beaker containing either fumigated or
control soil was placed in a sterile 1.0 L glass canning jar with approximately 8 ml of
water in the bottom. Jars were sealed with metal canning lids that had a rubber septum as
a gas sampling port. On two occasions, immediately after sealing and 10 days after
incubating at 24°C (£1°C), a well-mixed, 4 mi sample of gas from the headspace of each
Jar was withdrawn through the rubber septum with a disposable plastic syringe. The
concentration of CO? in each sample was measured as described above. Microbial
biomass (ug C g‘l dry soil) was calculated using the expression Cmicr = Fo/Kc; where
Fc= CO2 evolved from the fumigated sample minus CO? evolved from the control
sample, and K¢, the fraction of the chloroform-killed biomass carbon that decomposes to

CO2, was assumed to be 0.45 as suggested by Jenkinson and Ladd (1981).
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Soil nematodes

Soil nematode abundance was estimated for the three sampling depths in all plots.
Nematodes were extracted from 125 cm3 of soil for 48 hr in a mist chamber. Mist
extraction, which requires nematodes to move out of the soil, is an acceptable method for
enumeration of free-living species (Freckman et al., 1987). Extracted nematodes were
suspended in 20 ml of water, and all individuals in a 1 ml subsample were counted under
a light microscope (40-150 x). Nematodes were assigned to one of three ecological
feeding groups (bacterial-, fungal-, and plant-feeding) based on anterior feeding
structures (Yeates and Coleman, 1982). Abundance was expressed as the number of

nematodes cm-3 soil.

Statistical analyses

Data were log(x+1) transformed prior to analysis (Sokal and Rohlf, 1981).
Analysis of variance (ANOVA) was performed for each dependent variable in order to
determine the effects of residue, planting, and depth. Unplanned (e posteriori) pairwise
mean comparisons (Tukey's HSD test) were calculated for main effects and interaction
terms significantin ANOVA. SYSTAT (1992), which estimates a Type III sums of

squares, was used for all statistical analyses.

RESULTS

Conceptual distribution model

A conceptual model predicting the depth distribution of microorganisms in relation
to resource availability (Fig. 5.1) was developed following Beare er al. (1992) and
Ingham et al. (1985a). Although predicted abundances and activities of bacteria, bacterial

feeders, fungi, and fungal feeders included in the model are qualitative, they are relative
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within either the bacterial or fungal component. The distributions of bacteria and
bacterial-feeding nematodes were predicted to peak in the organic layer when residues
were incorporated. Bacteria, which have been suggested to be active decomposers on
buried soil organic matter (Ingham et al., 1985a), and bacterial-feeding nematodes were
predicted to be abundant within and below the residue layer. Organic matter leached from
the incorporated residues will provide resources for bacteria at depths below the residue
layer (Fig. 5.1a). Fungi, which possess qualities suitable for exploitation of the surface
soil-litter environment (Beare ez al., 1992), and fungal-feeding nematodes, which are also
closely associated with surface litter (Ingham er al., 1985a), were predicted to be
abundant both above and within the organic layer (Fig. 5.1b). In systems without
incorporated residue, all microorganisms, irrespective of trophic affiliation, were
predicted to be moderately abundant in shallower soil layers (where plant debris is
perhaps deposited by wind or irrigation water) and of limited abundance in deeper soil
layers (Fig. 5.1c and d). Predicted changes in microbial distribution when plants were
present were similar to those put forth in Figure 5.1b, because the distribution of
microorganisms should follow closely the distribution of plant roots, which for the
halophyte studied, generally reach a depth of 30 cm (M.W. Olsen, personal

communication).

Soil properties

As indicated by ANOVA, depth was a significant factor determining gravimetric
soil moisture in the residue (F=31.56, df=2,12, p<0.001), residue+plant (F=84.43,
df=2,24, p<0.001), and plant (F=16.16, df=2,12, p<0.001) studies. Interactions of
main effects were not significant in any of the analyses. Soil moisture was lowest at the
deepest depth in all three studies (Table 5.1). In the residue+plant study, residue was

also a significant factor affecting soil moisture (F=7.02, df=1,12, p<0.05); however, at



88

each depth studied, soil moisture was not significantly different in the two residue
treatment levels (with and without).

Soil salinity was assessed at three depths in the residue and residue+plant studies
(Table 5.2). In the residue study, salinity was related to presence of residue (F=28.15,
df=1,12, p<0.001) and to depth (F=169.10, df=2,12, p<0.001) as indicated by a 2-way
ANOVA. Interactions of main effects were not significant in either of the analyses. Soil
salinity was higher in plots with residue compared to those without residue at the 0-10
and 15-25 cm depths. Within each level of the residue treatment, soil salinity was higher
at the 0-10 cm than the 50-60 cm depth. In the residue+plant study, salinity was related
to presence of residue (F=6.21, df=1,24, P<0.05), presence of plants (F=5.68, df=1,24,
P<0.05), and depth (F=12.99, df=2,24, P<0.001) as indicated by a 3-way ANOVA.
Soil salinity was higher at 0-10 cm in the unplanted plots with residue than at 50-60 cm
depth in any of the four study treatments. The responses of soil salinity to residue
amendment demonstrated at 0-10 and 15-25 cm depths in the residue study were not
supported in the residue+plant study.

Soil texture analysis of a single bulked sample from each of three depths (0-10,
15-25, 50-60 cm) in an unplanted plots with residue suggested that the relative proportion
of sand increased with depth (Table 5.3). Soil at the deepest depth was composed almost

exclusively of sand, while at the two shallower depths silt and clay were also present.

Residue study

In the residue study, basal respiration and bacterial abundance were significantly
affected by residue and depth as determined by a 2-way ANOVA (Table 5.4). Basal
respiration was also significantly affected by the interaction of residue and depth. At the
15-25 cm depth, basal respiration was higher in plots with residue than in those without

residue (Fig. 5.2). In the plots with residue, basal respiration was higher at both 0-10



89

and 15-25 cm than at 50-60 cm. Similarly, bacteria were more abundant in plots with
residue than without residue at the 15-25 cm depth, and in the plots with residue, bacterial
abundance followed the same distribution with depth as basal respiration (Fig. 5.3).
Bacteria were also more abundant at the 0-10 cm compared to 50-60 cm depth without
residue.

Bacterial-feeding nematode abundance was significantly affected by residue and
the interaction of residue and depth in a 2-way ANOVA (Table 5.4). Bacterial feeders
were more abundant in plots with residue than in plots without residue at the 0-10 cm
depth. Bacterial-feeding nematode abundance within each residue treatment level was not
significantly different among the three depths studied (Fig. 5.4). The abundance of
fungal-feeding nematodes was significantly affected by residue and depth in a 2-way
ANOVA (Table 5.4). Fungal feeders were more abundant in plots with residue compared
to plots without residue at 0-10 cm. In plots with residue, fungal-feeding nematodes
were more abundant at 0-10 cm than at 50-60 cm (Fig. 5.5). The abundance of plant-
feeding nematodes was not related to either residue or depth in a 2-way ANOVA, and

therefore pairwise mean comparisons were not performed.

Residue+plant study

The three-way ANOVA in the residue+plant study indicated that basal respiration
and bacterial abundance were significantly affected by residue and depth, but not by
planting (Table 5.5). Basal respiraton was not different between the levels of the residue
treatment at any of the three depths studied; however, it was higher at 0-10 cm than at 50-
60 cm in the plots with residue (Fig. 5.6). In contrast, bacteria were more abundant in
the plots with residue than without residue at both the 15-25 and 50-60 cm depths (Fig.
5.7). Moreover, within each residue treatment level, bacterial abundance was higher at

the 0-10 and 15-25 cm compared to the 50-60 depth.



Bacterial- and fungal-feeding nematodes were significantly affected by residue,
depth, and the interaction of the residue and depth, but not by planting, in separate 3-way
ANOVA (Table 5.5). Bacterial feeders were more abundant in plots with residue than
without residue at both the 0-10 and 15-25 cm depths (Fig. 5.8). In plots with residue,
bacterial-feeding nematode abundance was higher at 15-25 cm than either the 0-10 or 50-
60 cm depths. Fungal-feeding nematodes were more abundant in plots with residue
compared to plots without residue at the 0-10 and 15-25 cm. Abundance of fungal-
feeding nematodes was significantly different among the three depths studied in the plots
with residue (Fig. 5.9). Plant-feeding nematode abundance, which was significantly
related only to planting (Table 5.5), was higher in the planted compared to unplanted
plots (Fig. 5.10).

Plant study

Planting and depth significantly affected basal respiration and microbial biomass
in the plant study as indicated by a 2-way ANOVA (Table 5.6). The interaction of
planting and depth was also significant for microbial biomass. Basal respiration was
higher in planted than unplanted plots at the 0-10 cm depth; while in the planted plots,
basal respiration was higher at 0-10 and 10-20 cm than at 20-30 cm (Fig. 5.11).
Microbial biomass was larger in planted compared to unplanted plots at the 20-30 cm
depth, and had the same distribution with depth as described for basal respiration (Fig.
5.12).

Bacterial- and fungal-feeding nematodes were significantly affected by depth, but
not planting, as indicated in a 2-way ANOVA (Table 5.6). Bacterial-feeding nematodes
were significantly more abundant at 10-20 cm compared to either 0-10 or 20-30 cm (Fig.
5.13). Fungal feeders were significantly more abundant at the 0-10 and 10-20 cm depths
compared to 50-60 cm (Fig. 5.14). Plant-feeding nematodes, which were significantly
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affected by planting but not depth in a 2-way ANOVA (Table 6), were more abundant in
the planted compared to unplanted plots (Fig. 5.15).

Summary of results supporting predicted vertical distribution

As predicted in Figure 5.1a and b, basal respiration was higher at 15-25 cm
compared to 50-60 cm when resources were available, i.e., in the presence of residue or
plants. Bacteria and microbial biomass, however were more abundant at 15-25 cm than
50-60 cm both in the presence and absence of either residue or plants, a result not
predicted for plots without resources (Fig S.1c and d). Bacterial-feeding nematode
abundances followed the predicted vertical distribution in the presence of residues only in
the reside+plant and plant studies. In the residue study, bacterial feeders were equally
abundant at all three depths in both plots with and without residue. Fungal-feeding
nematodes did not followed the vertical distribution predicted in relation to resources
(Fig. 5.1b and d) because abundance declined fairly steadily within the first 30 cm of
depth in plots with residue. Bacterial and fungal feeders did not respond to the presence
of plants. Nematode abundance was predicted to reflect an increase in microfloral
resource availability stimulated by plant growth. Plant-feeding nematodes did, however,
respond to plant presence but not depth. In general, there was support for the predicted
vertical distribution of microorganisms in the presence of residue (Fig. 5.1a); however,
basal respiration, bacteria, and bacterial-feeding nematodes increased in the presence of
residue at the shallowest (0-10 cm) depth, a result not anticipated by the conceptual

model.
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DISCUSSION

Distributional patterns of the soil microbial community generally followed the
predictions generated by the conceptual model presented in Figure 5.1. The vertical
distribution of soil microorganisms reflected the presence of organic resources, although
soil physical properties may have also played a role in determining patterns of abundance.
In general (but with some notable exceptions) microorganisms were most abundant and
active within the first 0-30 cm of soil in the presence of either incorporated residues or
live plants. The relative importance of bacteria and fungi was not ascertained in this study
because microbial measures employed estimate all microflora present, that is both
bacterial and fungal biomass and activity (Wardle, 1992). Based on the predictions
generated by the conceptual model, microbial biomass and activity should be highest
within the first 30 cm of the soil profile, that is, qualitatively the shape of Figures 5.1a
and b combined. Although differences in bacterial versus fungal distributions could not
be directly measured, trophic differences in nematode abundance provides insight as to
differences in microfloral composition.

The incorporation of residues into soil was associated with a depth dependent
increase in the abundance and activity of most microbial community members. Microbial
activity was higher above and within the organic layer of soils with incorporated residues
(see Fig. 5.2), although this result was not confirmed when plants were also present (see
Fig. 5.6). In the presence of residue, bacteria were more abundant than expected at the
shallowest (0-10 cm) depth contrary to the predictions of the conceptual model (Fig.
S.1a). Overall, the abundance of soil-dwelling bacteria in the halophyte agroecosystem
studied decreased with depth, a result consistent with other published studies. In a
natural grassland, for example, bacterial abundance determined by both direct and plate
counts decreased exponentially with depth (Paul and Clark, 1989).
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The depth distribution of microbial abundance and activity in the present study
was similar to the pattern reported for a conventional tilled agroecosystem under crop
rotation (Kaiser and Heinemeyer, 1993). Kaiser and Heinemeyer (1993) reported that
microbial biomass carbon was larger within the plow layer (0-30 c¢m), than at deeper (40-
90 cm) depths. In the halophyte agroecosystem, residue incorporation was associated
with a higher microbial activity and biomass within, but not below, the organic layer. If
the microbial community is an indicator of soil organic matter content, as suggested by
Powlson et al. (1987) and D. R. Zak et al. (1994), than these results indicated that
organic resources were not available in soil at a depth of 50-60 cm. Consistent with this
interpretation, results suggest that there was little support for an increase in microfloral
abundance below the incorporated residues where dissolved organic matter may have
been transported via leaching. Bacterial abundance at the deepest depths was increased in
the presence of residues, but this result was only found in the residue+plant study.
Furthermore, microfaunal abundance at the deeper soil depths was not substantially
elevated in the presence of residues in any of the studies, suggesting that leached
dissolved organic matter did not provide ample resources for their food base, the
microflora.

Similar to the distributional patterns found for the microflora, bacterial- and
fungal-feeding nematode microfauna responded in depth dependent manner to the
presence of soil-incorporated residues. The abundance of bacterial-feeding nematodes in
soils with and without residue amendment generally followed a depth distribution similar
to that predicted in Figures 5.1a and c. There was, however, one notable exception; in
the residue study, bacterial feeders were equally abundant at all three depths studied in
presence of residues (see Fig. 5.4). In contrast to the prediction that fungal feeders
would be equally abundant throughout the first 25-30 cm of soil in the presence of

organic resources, the abundance of fungal-feeding nematodes declined steadily with
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depth (see Figs. 5.5, 5.9). Finally, the migratory juvenile stage (J2) of the plant-feeding
nematode observed in this study, Cactodera salicornia (M.A. McClure, personal
communication), did not respond to soil-incorporated residues. This lack of response of
plant-feeding nematodes to soil organic amendment is not consistent with results from
other studies. For example, when farm-yard manure was applied to soil in a Scottish
organic farming system, the abundance of plant-feeding nematodes decreased (Griffiths er
al. 1994). The negative effect of organic amendment on plant feeders may be due to an
increase in the population of bacterial- and fungal-feeding nematodes, which stimulates
increased predation and parasitism on all nematodes. In the halophyte system studied,
this type of response to residue amendment by the nematode community may not have
occurred in one planting cycle. Alternatively, the stimulation of non-plant feeders may
not have been large enough to support an increase in nematode predation and parasitism.

In response to the presence of residues, the relative abundance of bacterial and
fungal feeders changed with depth in the soil profile, suggesting that microfloral
composition also differed with depth. The distribution patterns presented in Figures 5.1a
and b predict that when resources are available, fungal feeders should be dominant in the
surface soil layers, bacterial feeders dominant at the deepest depth, and fungal and
bacterial feeders equivalent in the middle soil depths. Bacterial- and fungal-feeding
nematodes followed this type of distribution pattern, in response to the incorporation of
residues, in the residue+plant and plant studies, but not in the residue study. The
distribution of different nematode trophic groups may correspond to the availability of
food resources, soil pore size, soil moisture, root biomass, and root depth (Yeates, 1980;
Ingham et al., 1985a; Sohlenius and Sandor, 1987). In a shortgrass prairie study the
percentage of bacterial versus fungal plus plant feeders was similar at a soil depth of 0-5
cm, but was very different (60% and 30%, respectively) below S cm (Ingham et al.,

1985a). Nematode composition under meadow fescue followed a depth distribution



95

similar to that reported by Ingham ez al. (1985a). However, under cultivated barley,
bacterial-feeding nematodes were dominant throughout the soil profile (Sohlenius and
Sandor, 1987). Ingham er al. (1985a) suggest that fungal and plant feeders are found in
superficial soil layers because they are closely associated with surface litter and roots,
while bacterial feeders found deeper in the soil profile are utilizing bacteria decomposing
buried soil organic matter. In the present study, compositional changes in nematode
trophic structure were consistent with the distributional pattern reported by Ingham et al.
(1985a), and possibly reflected a differential response of the microflora to residue
incorporation. Nematodes may also have been responding to changes of soil physical
properties in the soil profile in addition to factors not examined in this study, for example
differences in soil temperature.

The presence of plants influenced microbial abundance and activity in the plant
study (September) but not residue+plant study (July). This inconsistent response to plant
presence perhaps reflected the confounding influence of the residue incorporation
treatment (with and without) in the residue+plant study, response of the microbial
community to different plant stages, or possibly seasonal changes in environmental
conditions.

In the plant study, microbial activity at the shallowest soil depths was enhanced in
the presence of plants, while microbial biomass responded at 20-30 cm, the deepest
depths that roots were observed to be present (see Figs. 5.11 and 5.12). The increase in
microbial activity in the presence of plants was, however, only observed when the
residue treatment level was held constant (e.g., in the plant study). As discussed above,
the influence of the residue treatment on the microbial community may have masked a
significant effect of plant presence in the residue+plant study.

The response of the nematode microfauna to the presence of plants depended on

wophic affiliation. Neither bacterial- nor fungal-feeding nematodes responded to the
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presence of plants. Many studies have suggested that nematode abundance and biomass
are coirelated to plant root distribution; for example, this result has been found in soils
from a grazed New Zealand pasture (Yeates, 1980) and from grasslands and forests of
the northern Rocky Mountains (Weaver and Smolik, 1987). The distribution of bacterial-
and fungal-feeding nematodes in halophyte-planted soil, however, was not consistent
with patterns presented in either the New Zealand or Rocky Mountain studies. In the
present study, neither bacterial nor fungal feeder abundance reflected the presence of S.
bigelovii in the first 30 cm of soil depth where roots are active and growing. The lack of
response of bacterial- and fungal-feeding nematodes to the presence of plants, in light of
the evidence for an increase in microbial biomass and activity, suggests that the increase
in the microfloral food base was not large enough to stimulate nematode reproduction, or
possibly that the timing of sampling was such that an increase in nematode abundance
remained undetected.

Plant-feeding nematodes were more abundant in the presence of plants than in
their absence (see Figs. 5.10, 5.15). This positive response of plant-feeding nematodes
to plant presence is consistent with results from studies of conventional agricultural
systems. In general, the abundance and distribution of plant-feeding nematodes is related
to the presence of an appropriate host plant (Sohlenius ez al., 1987; Griffiths et al.,

1991).

Plant-feeding nematode abundance was similar at all depths sampled in the plant
study. This result was not surprising, however, because the depths sampled (0-30 cm)
were most likely within the root zone of the halophyte S. bigelovii. In the residue+plant
study, samples were taken to 60 cm, a depth at which root biomass, if present, should be
limited. The density of plant feeders in the residue+plant study was low (less than 1
cm-3) atall depths sampled, therefore, distributional differences in abundance were likely

to be below detection.
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The vertical distribution of soil microorganisms was perhaps affected by depth
dependent changes in soil physical properties. Soil moisture and salinity decreased with
depth in part due to an increase in the proportion of sand in the soil (see Table 5.3).
While there was no effect of residue incorporation on soil moisture, the effect on soil
salinity was not clearly demonstrated. In the residue study, soil salinity was higher in the
plots with residue, while in the residue+plant study salinity was similar in plots with and
without residue at each depth studied (see Table 5.2). Soil salinity may increase at
shallow soil depths because salts concentrate as soil moisture is lost via evaporation.
Furthermore, halophytic plant residues may act as a sink or source of salts, and when
incorporated into soil may affect soil salinity. The sandy composition of the soil,
especially at the deepest depth (Table 5.3), may have also played a direct role in
determining the vertical distribution of soil physical properties and microorganisms.
Sandy soils have large pore spaces that assure good water drainage, gas exchange, and
accessibility to microfaunal organisms; however, microorganisms may be less numerous
in sandy soils (Paul and Clark, 1989). Paul and Clark (1989) suggest that, in an alluvial
soil, microorganisms are more numerous in silty or silty clay than in sandy horizons,
possibly because clay particles form bioactive macroaggregates. Differences in soil
moisture, salinity, or texture may account for some of the depth dependent changes in
microorganism abundance and activity observed in this study.

The distribution patterns of soil microorganism abundance and activity predicted
by the conceptual model presented in this paper deserve further attention. Differences in
the distributional patterns of soil microbial community members may allow for a spatial
partitioning of common, shared resources. Whether distributional differences are driven
by mechanisms such as competitive exclusion or physiological limitation, partitioning of
resources may lead to an increase in species coexistence, and therefore a potential increase

in species diversity. Results from this study supply some evidence for distinct vertical
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distribution patterns of microbial community members in response to resource
availability. The distribution of nematode trophic groups provides indirect evidence for
microfloral spatial partitioning of the soil profile. Fungal-feeding nematodes were
generally most abundant at the superficial soil depths, while bacterial feeders were
abundant at the median and deepest depths. Further research to test specific predictions
of the conceptual model presented in this study may clarify the relationships among the
members of the microbial community and the type, availability, and location of resources

in the soil profile.



Table 5.1. Mean (£ standard error) gravimetric soil moisture at three depths, averaged
across residue treatment levels for the residue study, and across planting treatment levels
for the residue+plant and plant studies. Soil moisture content at the deepest depth was
sig(r)liﬁcantly lower than at either shallow depth in all three studies (Tukey's HSD,
p<0.05).

Depth Moisture t
(cm) (g H20 100 g1 dry soil)
Residue Study ~ 0-10 10.6 (0.5)2
15-25 11.5 (0.6)2
50-60 5.9 (0.1)b
with residue without residue

Residue+Plant Sudy ~ 0-10 11.2 (0.3)2 8.8 (0.6)2

15-25 10.6 (0.4)2 9.7 (0.7)3

50-60 5.0 (0.3)b 4.8 (0.3)b
Plant Sudy  0-10 11.4 (0.6)2
10-20 12.8 (1.2)2
20-30 6.7 (0.7)b

Twithin each study, values with the same superscript letter are not significantly
different (p<0.05)
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Table 5.2. Soil salinity, measured by electrical conductivity (dS m-1), at three depths in
the residue and residue+plant studies. In the residue study, salinity was significantly
higher in plots amended with residue than in plots without residue at the 0-10 and 15-25
cm depths; moreover, within each residue treatment, salinity was higher at 0-10 than 50-
60 cm. In the residue+plant study, salinity was higher in the unplanted plot with residue
at the 0-10 depth than at 50-60 cm in all other treatments (Tukey's HSD).

Depth
(cm) With Residuet Without Residuet
Residue Smdy  0-10 8.0 (0.17)P 6.3 (0.19)2
15-25 7.5( 0.17)b 5.7 (0.22)3
50-60 3.8 (0.17)¢ 4.1 (0.19)¢
Residue+Plant Study
Unplanted 0-10 10.6 (1.48)3 7.0 (0.99)ab
15-25 8.7 (1.09)ab 6.5 (1.46)ab
50-60 5.4 (0.51)b 5.2 (0.43)b
Planted 0-10 8.4 (0.41)3b 6.3 (0.68)3b
15-25 6 (0.77)ab 5.7 (1.09)3b
50-60 4.5 (0.15)b 4.7(0.53)b

Twithin the residue and residue+plant studies, values with the same superscript letter or
symbol are not significantly different (p<0.05)



Table 5.3. Soil composition at three depths (0-10, 15-25, and 50-60 cm) in residue

amended plots without plants.

Depth Sand Silt Clay
(cm) (%) (%) (%)
0-10 86.7 8.3 5.0
15-25 89.2 6.2 4.6
50-60 99.5 <1.0 <1.0

101
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Table 5.4. Two-way ANOVA for the residue study testing the effect of residue
amendment and depth on the dependent variables basal respiration, bacteria, and bacterial-
feeding, fungal-feeding, and plant-feeding nematodes.

F-Values

Bactenal-  Fungal- Plant-

Source of Basal feeding feeding feeding

variation DF respiration Bacteria nematodes nematodes nematodes

Residue 1 1495%* 23.80** 12.50%* 0.98

Depth 2 12.78%* 232 9.49%* 1.36

Residue x Depth 2 5.85% 44.08* 3.01 0.77
Error 12

* = p<0.05, ** = p< 0.01
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Table 5.5. Three-way ANOVA for the residue+plant study testing the effect of residue
amendment, planting, and depth on the dependent variables basal respiration, bacteria,
and bacterial-feeding, fungal-feeding, and plant-feeding nematodes.

- k-Values _
Basal Bactenal-  Fungal- Plant-
respira- feeding feeding feeding

Source of variation DF tion Bacteria nematodes nematodes nematodes
Residue 1 5.81* 40.51*%% 68.33%*  124.02%* 0.18
Planting 1 0.04 3.07 0.01 0.07 11.27%*
Depth 2 4.79% 46.74%*  478* 51.32%* 2.35
Residue x Planting 1 1.36 3.21 0.01 0.762 0.34
Residue x Depth 2 2.81 091 4.60* 36.87%* 0.05
Planting x Depth 2 2.28 1.35 0.10 0.40 1.99
Residue x Planting
x Depth 2 2.31 1.09 0.36 0.81 0.14

Error 24

* = p<0.05, ** = p< 0.01
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Table 5.6. Two-way ANOVA for the plant study testing the effect of planting and depth
on the dependent variables basal respiration, microbial biomass carbon, and bacterial-
feeding, fungal-feeding, and plant-feeding nematodes.

F-Values
Basal Bactenal-  Fungal- Plant-
respira- Microbial feeding feeding feedin;
Source of variation = DF tion biomass nematodes nematodes nematod

o U9
w

Planting 1 12.17*%* 40.79**  0.65 0.02 59.69%*

Depth 2 38.97*%* 72.89%*  872%*¢  12.40** 3.16

Planting x Depth 2 312 5.89**  0.26 0.23 2.96
Error 12

* = p<0.05, ** = p< 0.01
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Figure 5.1. Predicted vertical distribution of bacteria and bacterial-feeders in plots (A)
with and (C) without residue, and fungi and fungal-feeders in plots (B) with and (D)
without residue amendment. Qualitative estimate of abundance and activity presented on
the x-axis are comparable between the residue treatment levels (with and without) for
either the bacteria/bacterial feeder or the fungi/fungal feeder component.
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Figure 5.2. Basal respiration at three depths in the residue study. Pairwise comparisons
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depth either as not significantly (ns) or as significantly (p<0.05) different. Comparisons
among the three depths within each residue treatment level is indicated by capital letters.
Bars with the same letter are not significantly different (Tukey's HSD, p<0.05).
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Figure 5.11. Basal respiration at three depths in the plant study in the presence (striped
bars) and absence (open bars) of plants. Pairwise comparisons are designated between
planting treatment levels (planted and unplanted) at each depth either as not significantly
(ns) or as significantly (p<0.05) different. Comparisons among the three depths within
each planting treatment level is indicated by capital letters. Bars with the same letter are

not significantly different (Tukey's HSD, p<0.05).



116

HA }ns

7 M-

E HHA }

~ 10-20 ns
S

a. C

Q

B
20-30 - } p<0.05
D
1 | 1 § RS

L]
0 200 400 600 800 1000 1200

Cmicr
(ng C g1 dry soil)

Figure 5.12. Microbial biomass carbon at three depths in the plant study. Symbols and
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6. RESPONSE OF SOIL MICROBIAL BIOMASS AND NEMATODES TO
HALOPHYTE (SALICORNIA BIGELOVII ) PLANTING DENSITY
AND SOIL RESIDUE AMENDMENT

ABSTRACT

Following the fate of plant-derived organic carbon in seawater-irrigated agroecosystems
is key to assessing the viability of halophyte cultivation as a strategy to mitigate
anthropogenic carbon dioxide emissions. Soil microorganisms, which play a role in the
turnover of soil organic matter and the cycling of nutrients, are affected by agronomic
practices that influence soil organic resource availability. The response of the soil
microbial biomass, basal respiration, microbial metabolic quotient, and nematode trophic
composition were examined in relation to the incorporation of residue and planting
density of the halophyte Salicornia bigelovii (Chenopodiaceae) throughout one growing
season. Microbial biomass and activity responded to plant density. However, increased
biomass and activity was associated with the presence of plants only after plants entered
senescence. This result suggests that live-root exudations were not available to the
microbial community possibly due to competition with plant roots for available nutrient
resources. Microbial biomass and activity, but not microbial efficiency, increased in
response to residue incorporation especially in plots without plants, suggesting that
further research into the interaction of plant presence and organic amendment should be
undertaken. Nematode trophic diversity increased in response to plant density, most
likely due to a greater abundance of plant feeders when plants were present. Bacterial-

and fungal-feeding nematodes were more abundant when residue was incorporated,
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suggesting that microfloral (bacterial and fungal) abundance increased in response to the

presence of residue.

INTRODUCTION

The cultivation of halophytic (salt-tolerant) plants in non-arable coastal desert
regions has been suggested as a strategy to mitigate anthropogenic carbon dioxide
emissions. The various agronomic practices used in the cultivation of halophytes, such
as residue incorporation and planting density, influence soil organic resource availability,
thereby affecting the activity and abundance of soil microorganisms. Soil-dwelling
microflora (e.g., bacteria and fungi) and microfauna (e.g., nematodes) affect the turnover
of soil organic matter and are integral to the cycling of nutrients (Ingham et al., 1985b;
Hendrix et al., 1986). The aim of the present study was to investigate the response of
soil microorganisms to the incorporation of residue and the presence of plants in a
seawater-irrigated agroecosystem. Also of interest was to compare the soil microbial
community from a saline agroecosystem to conventional agricultural systems.
Microorganisms in saline soils have not been well studied (Szabolcs, 1991), and there is
conflicting evidence from laboratory studies suggesting that saline soils support either a
larger (Sarig et al., 1993) or smaller (Malik and Azam, 1980) density of microorganisms
than freshwater soils.

The living microfloral component in soil, referred to as the microbial biomass, is
mostly comprised of bacteria and fungi (Wardle, 1992). The microbial biomass plays an
important role in soil fertility, constituting 0.27 to 4.8% of the total soil carbon (Anderson
and Domsch, 1980); serves as both a source and sink of plant available nutrients (Singh

etal., 1989; Yang and Insam, 1991); and is an early indicator of long-term shifts in soil
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organic matter content (Powlson er al., 1987). Because microbial biomass may act as a
gateway to long-term carbon storage, it is important to examine the effect of agronomic
practices (i.e., residue retention and planting density) on the size and activity of the
microbial biomass in the halophyte system under study.

Grazing on microflora by microfauna (such as nematodes) can reduce microbial
biomass, accelerate microbial turnover, and liberate nutrients for plant uptake (Srivastava
and Singh, 1989; Singh et al., 1989 and references therein). Nematodes are often most
abundant where soil organic matter content is greatest, such as in the presence of plants or
in soils amended with organic matter (Griffiths er al., 1994). A trophic classification
based on the relative abundance of nematodes from different ecological feeding groups
(e.g., bacterial, fungal, and plant feeders) can be used to describe the size and structure of
nematode communities (Freckman and Ettema, 1993). The diversity of nematode trophic
groups in a community is related to the availability of appropriate resources, for example
the composition and abundance of the microfloral community (Griffiths et al., 1994) or
the presence of a host plant (Sohlenius et al., 1987; Griffiths et al., 1991).

The activity of microflora and microfauna in soil is limited by resources that
become available both continuously, e.g., from plant-root exudation of carbon and
nitrogen (rhizodeposition), and in pulses, e.g., from incorporated plant residues (Wardle,
1992; Griffiths, 1994). Microbial biomass and activity have been shown to be positively
correlated with plant root growth (Lynch and Panting, 1980; Carter 1986) and soil
organic matter content (Schniirer et al., 1985). Rhizodeposition can stimulate microbial
growth thereby increasing microfaunal grazing on microflora (Clarholm, 1985). The
positive effect of plants on microbial biomass, however, can be confounded by
competition between plants and microorganisms for available soil nutrients (see Wardle,
1992 for a review of relevant papers). The incorporation of organic amendments,

including plant residues, into soil has been shown to increase both microbial biomass
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(Saffigna er al. 1989, Wardle, 1992 and references therein) and microfaunal (nematode)
abundance (Pradhan et al., 1988; Griffiths et al., 1994).

Microbial activity, which can be estimated by soil basal respiration, is an indicator
of resource availability because it reflects the size of the labile soil organic matter pool (D.
R. Zak et al., 1994). The ratio of soil basal respiration to microbial biomass (microbial
metabolic quotient) is a measure of substrate-use (energetic) efficiency (D. R. Zak et al.,
1994). The microbial metabolic quotient is a useful measure of microbial activity because
specific microbial processes (e.g., growth or maintenance) are taken into account
(Santruckova and Straskraba, 1991). The microbial metabolic quotient has been shown
to be sensitive to the age of reclaimed agricultural sites (Insam and Domsch, 1988); the
process of primary succession (Insam and Haselwandter, 1989); agricultural cropping
history (Anderson and Domsch, 1990); and, in the absence of disturbance, stressful
conditions such as nutrient limitation (Wardle, 1993).

In order to address the goals of this study, the soil microbial biomass, basal
respiration, microbial metabolic quotient, and trophic composition of the nematode
community were examined under four planting densities of the halophyte Salicornia
bigelovii (Chenopodiaceae) in plots with and without soil residue amendment throughout

one growing season.

METHODS

Study site
The study was conducted at a 15-year-old one-hectare research farm on the
northeastern coast of the Gulf of California near Puerto Pefiasco, Sonora, Mexico

(31°20'N, 113°35'W) from May 1995 to January 1996. Since the construction of the

research farm, Salicornia bigelovii, a halophytic estuarine annual, has been under
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plants dying in patches, and in one plot (1000 plants m2 without residue) all of the plants
died. While dead patches were avoided in most plots, the replicate plot in which all plants
died was not sampled after August 1995. Soil samples were taken in the same location
where soil gases were m: zsured for a concurrent study. On each sampling date, a 15 cm
length of 15 cm diameter polyvinyl chloride (PVC) was placed in each plot over a 0.018
m?2 area of soil. The PVC rings were located such that the number of plants per square
meter was close to the plant density treatment level assigned to the study plot. All plants
within the PVC ring were clipped at the soil surface and one 4.5 cm diameter core was
removed from the center of the ring (except for the 0 plants m-2 treatment) for estimation
of root density for the concurrent study (M.W. Olsen, personal communication). After
the core was removed, the soil remaining within the sampling area was collected with a
clean shovel to 15 cm, a depth both within the rooting zone of S. bigelovii and the layer
of incorporated residues. Soil samples were well mixed and then stored in coolers for
microbial and nematode analyses.

For the January 1996 sampling, soil was collected from all study plots except the
50 plants m2 treamments. In each plot, five soil cores were sampled in an “X” pattern
with a 4.5 cm diameter bucket auger to a depth of 15 cm. The five soil cores sampled
from each plot were combined and mixed thoroughly. All soil samples were kept in
coolers during transportation and storage in the laboratory. Samples were prepared and
analyses begun within 2 days of sampling for microbial biomass and within 7 days for
nematode extraction.

Soil physical properties were analyzed for each study plot at each sampling date
(however, 50 plants m-2 treatments were not sampled in January 1996). Gravimetric soil
moisture was determined by drying soil at 105°C for 24 hr. Soil salinity (electrical
conductivity in dS m‘l) and pH were measured on a 1:1 (w/v) soil and distilled water
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slurry. The soil bulk density of each plot was obtained with a bulk density corer in
February and November 1995.

Microbial biomass carbon, basal respiration, metabolic quotient

Microbial analyses were performed in August and November 1995 and January
1996 for the plant density treatment levels of 0, 300, and 1000 plants m-2 plots in plots
with and without residue (total of 6 treatments). Microbial biomass carbon (Cmijcr) was
measured by the chloroform-fumigation-incubation method described by Jenkinson and
Powlson (1976) with modifications similar to those of Powlson er al. (1987). Sieved (2
mm) field-moist soil was weighed into 50 m! sterile glass beakers and conditioned (i.e.,
rested) for 7 days at 25°C in a humid incubator. Soil depth was kept constant, rather than
soil mass, as suggested by Christie and Beattie (1987). Duplicate soil samples were
fumigated with alcohol-free chloroform for 24 hr in a desiccator lined with moist paper
towels. Duplicate, unfumigated control samples remained in the incubator while
fumigation took place. All samples were then inoculated with approximately 0.5 g
unfumigated sieved soil from the same plot as the sample, and sterile water added until
samples reached pre-conditioning mass. A single beaker of either fumigated or control
soil was placed in a sterile 1.0 L glass canning jar with approximately 8 ml of water in the
bottom. Jars were sealed with metal canning lids that had a rubber septum as a gas
sampling port. On two occasions, immediately after sealing and 10 days after incubating
at 24°C (+1°C), a well-mixed, 4 ml sample of gas from the headspace of each jar was
withdrawn through the rubber septum with a disposable plastic syringe. The
concentration of carbon dioxide (CO2) in each sample was measured with a Microsensor
Technology Inc. gas chromatograph equipped with an 8 m Poraplot U column and
thermal conductivity detector. Cmicr (Ug C g‘l dry soil) was calculated using the

expression Cpjcr = Fo/K¢, where Fc= CO) evolved from a fumigated sample minus
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CQO2 evolved from a control sample, and K¢ (the fraction of the chloroform-killed
biomass C that decomposes to CO?) was assumed to be 0.45 as suggested by Jenkinson
and Ladd (1981). Values for F¢ were based on the mean of the duplicate fumigated and
control samples; however, treatment means and standard errors of Cmicr were based on
values obtained from replicated (3) treatment plots in order to avoid pseudoreplication.
Basal respiration was quantified for 3 subsamples of the bulked soil sample
collected from each replicate study plot. Sieved (2 mm) field-moist soil samples (8-11 g)
were placed in 40 ml sterile glass vials and conditioned for 7 days at 25°C in a humid
incubator. After conditioning, vials were sealed with rubber septa and returned to the
25°C incubator. CO2 concentration was ascertained three times: 1, 24, and 120 hours
after vials were sealed. At each sampling a well-mixed 1 ml sample of headspace gas was
withdrawn from each vial, and CO? concentration measured as described above. Basal
respiration, the difference between the CO2 concentrations at 1 and 120 hours after the
vials were sealed (ug CO2-C g‘1 hrl), was calculated following Insam and Domsch
(1988). Basal respiration was based on the mean of the three soil subsamples; however,
means and standard errors were obtained from the (n=3) replicated treatment plots. The
metabolic quotient (qCO?2) was calculated as the basal respiration per unit microbial
biomass carbon (mg CO2-C g-! Cmicr hr-1) as discussed by Santruckova and Straskraba

(1991).

Soil nematodes

Nematode abundance was estimated in all 24 study plots (8 treatments x 3
replicated plots) from May to November 1995, and for all except the 50 plants m-2
treatment plots in January 1996. Nematodes were extracted from 125 cm3 of soil for 48
hours with a modified Baermann method using trays instead of funnels (Thomas, 1959).
Extracted nematodes were suspended in 20 ml of water and all individuals in a 1 ml
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subsample were counted under a light microscope (40-150 x). Nematodes were assigned
to one of three ecological feeding groups (bacterial-feeding, fungal-feeding, and plant-
feeding) based on anterior feeding structures (Yeates and Coleman, 1982). Dead or
unidentifiable nematodes (never plant-feeding) were classified as "other”, and were
included in an estimate of the total number of nematodes used to calculate the proportions
of nematode feeding groups. Nematode abundance was expressed as number of.
individuals per cm3 soil.

Statistical analyses

Analysis of covariance (ANCOVA) was performed in order to account for
variance in the data due to the covariates soil moisture, pH, and salinity. All three
covariates were significantly affected by at least one treatment factor (residue, plant
density, or sampling date). The assumption of homogeneity of slopes (SYSTAT, 1992)
was not violated (p>0.05, except two cases when p>0.01) for any combination of
treatment factors and covariates in the ANCOVA. All statistical analyses were performed
with SYSTAT (1992), which estimates a Type III sums of squares. Unplanned (a
posteriori) pairwise mean comparisons (Tukey's HSD test) were performed for main
effects and interaction terms significant in ANCOVA for all dependent variables except
plant-feeding nematode abundance.

Prior to statistical analysis, Cmijcr and basal respiration were log-transformed,
while qCO? (a ratio) was arcsin square root transformed (Sokal and Rohlf, 1981). All
three variables were independently subjected to three-way ANCOVA to test the factors
plant density (0, 300, 1000 plants m-2), residue (with or without), and sampling date
(August, November, January) with the covariates soil moisture, pH, and salinity.

Abundance of the three nematode feeding groups and the total number of
nematodes counted were log(x+1) transformed and subjected to three-way ANCOVA to
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test the effects of plant density (0, 50, 300, 1000 plants m-2), residue (with or without),
and sampling date (May-November) using the covariates soil moisture, pH, and salinity.
Although presented graphically, nematode abundance from January 1996 was excluded
from analysis because none of the replicate 50 m-2 plant density plots were sampled.
Nematode trophic diversity was estimated for the three feeding groups (bacterial, fungal,
and plant feeders) and the unidentified nematodes (other) using the Shannon diversity
index (H'=exp(-ZPj(InPj)]), as suggested by Neher and Campbell (1994). Treatment
effects (plant density, residue, sampling date) on trophic diversity were tested with three-
way ANCOVA as described above. The ratio of fungal-feeding to bacterial-feeding
nematodes was calculated as fungal feeders/(fungal+bacterial feeders) (Yeates et al.,
1993).

RESULTS

Soil physical properties were averaged across all treatments and sampling dates.
Gravimetric soil moisture ranged from 10.4-12.3%, soil salinity from 6.4-8.5dS m"1,
and soil pH from 8.8-8.9. Mean bulk density across all treatments for the two sampling
dates was 1.43 g cm3 (M.W. Olsen, personal communication).

As determined by a three-way ANCOVA, Cnicr and basal respiration were
significantly affected by all three factors (plant density, residue, sampling date);
moreover, basal respiration responded differently over the sampling dates in plots with
and without residue (Table 6.1). Pairwise comparisons (Tukey's HSD) showed that
within each plant density and residue treatment level Cmijcr was significantly (p<0.05)
larger in November than in August (Fig. 6.1a and b). Cmicr in January, however, was
not different from values measured in August or November. Pairwise comparisons

indicated that, for within each residue treatment level (i.e., plots with or without residue)
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and on each sampling date, Cmjcr was not significantly different (p>0.05) among the
three different plant densities.

Pairwise comparisons suggest that basal respiration in November was
significantly higher (p< 0.05) in residue amended plots that were planted (either 300 or
1000 plants m‘2) compared to unplanted (0 plants m-2) plots (Fig. 6.2a). There was a
significant positive effect (p< 0.05) of residue incorporation on basal respiration in
November, but only in unplanted plots (O plants m2 treatment level) (Fig. 6.2a and b).
For each combination of plant density and residue treatment levels, basal respiration was
significantly higher (p<0.05) in November than in August; furthermore, basal respiration
was also significantly higher (p<0.05) in November than January for the 1000 plants m-2
plots with residue (Fig. 6.2a) In plots without residue, basal respiration was higher in
January than August for each of the three plant densities.

The three-way ANCOVA calculated for qCO?2 demonstrated that plant density and
the interaction of plant density and sampling date were significant (Table 6.1). The
interaction of plant density and sampling date suggests that the qCO?2 measured in each
plant density treatment level followed a different pattern over the three sampling dates
(Fig. 6.3). Pairwise comparisons performed for plant density and sampling date (data
collapsed across residue) indicated that qCO2 was significantly higher (p<0.05) under
300 plants m2 compared to 0 plants m~2 in November.

Bacterial-feeding and fungal-feeding nematode abundance was significantly
affected by residue in a three-way ANCOVA (Table 6.2). Moreover, the number of
bacterial feeders was also significantly affected by the interaction of plant density and
residue. This interaction suggests that within each residue treatment level, bacterial-
feeding nematodes responded differently to the plant density treatment levels. However,

inspection of Fig. 6.4 indicates that any difference in the pattern of nematode abundance
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across the four plant densities does not negate the strong positive effect of residue
incorporation. The abundance of bacterial-feeding nematodes, averaged over all sampling
dates, was significantly larger (p<0.05) in the plots with residue than in the plots without
residue for all pairwise comparisons, including those among different plant density
treatment levels (Fig. 6.4a). Within each residue treatment level, bacterial feeders were
not different among the four planting densities. Fungal-feeding nematode abundance,
averaged across plant density and sampling date, was significantly larger (p<0.05) in
plots with residue compared to plots without residue (Fig. 6.4b).

The migratory juvenile stage (J2) of the plant-feeding nematode found in the
study, Cactodera salicornia ( M.A. McClure, personal communication), was significantly
affected by plant density and sampling date, but not residue amendment (Table 6.2).
Although there was notable overlap in means at each sampling date (Fig. 6.5), there was
a slight trend for plant-feeding nematodes to be more abundant in the 300 and 1000 plants
m-2 compared to the 0 and 50 plants m2 density treatment levels.

Nematode trophic diversity (Shannon diversity index) was significantly affected
by plant density (F=4.59, df=3,90, p<0.01) in a three-way ANCOVA. Mean (+
standard error) trophic diversity was 2.06 (+0.8) in the 0 plants m-2 plots, 2.34 (+0.8) in
the 50 plants m-2 plots, 2.43 (£0.08) in the 300 plants m"2 plots, and 2.46 (£0.09) in the
1000 plants m-2 plots. Pairwise comparisons (Tukey's HSD) suggested that trophic
diversity was significantly lower (p<0.05) in the O plants m2 plots than in either the 300
or 1000 plants m-2 plots.

The proportion of bacterial feeders, the predominant feeding group, was similar
across all treatment levels (Fig. 6.6). The proportion of plant-feeding nematodes was
generally larger in the 300 and 1000 plants m-2 plots without residue, while the
proportion of fungal feeders decreased in these two plots. For all treatment levels and

sampling dates, the ratio of fungal to bacterial feeders was less than 0.5 (mean + standard
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error; 0.38 £0.02, n=159), suggesting that fungal feeders were always proportionally
less abundant than bacterial-feeding nematodes.

DISCUSSION

Soil microbial biomass and activity

Plant density and residue incorporation had a significant influence on the
microbial biomass over the course of the study (see results of ANCOVA, Table 6.1).
However, while plant density was a significant factor affecting microbial biomass,
pairwise differences among mean microbial biomass did not follow a predictable pattern.
In either plots with or without residue, microbial biomass was never significantly
different among the three plant densities on any of the three sampling dates. An
association of plant presence and an increase in microbial biomass was not apparent even
in August, the month following peak root growth. In contrast, greenhouse studies have
demonstrated that microbial biomass increases in response to wheat and maize plant
rhizodeposition (Martens, 1990); moreover, field studies have shown that microbial
biomass is positively correlated to root growth of winter wheat (Lynch and Panting,
1980), spring wheat (Carter, 1986), and sugar beet, winter wheat, and winter barley
grown in rotation (Kaiser et al., 1995).

The significant treatment effect of plant density on the microbial biomass was
most likely due to the influx of plant-root derived substrates when plants stopped
growing and began senescence. This conclusion is supported by the tendency for
microbial biomass to be slightly larger in the plots with the most root growth (1000 plants

m-2, M.W. Olsen, personal communication) only in November, i.e., after the
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commencement of senescence (see Fig. 6.1a). In mineral (nutrient-poor) soils, dead root
tissues have been shown to be a principal source of organic material (Newman, 1985).

Competition for available nutrient resources between the microbial biomass and
plants may have partially negated the influence of live root substrate deposition on the size
of the microbial biomass during the growing season. In the cultivated halophyte system
studied, soil nutrient availability may have been limited by fast turnover rates stimulated
by warm desert temperatures, leaching losses due to daily irrigation, or a combination of
these and other factors. Moreover, under cultivation S. bigelovii produced a small
amount of root biomass compared to shoot biomass. For example, the shoot-to-root ratio
of S. bigelovii prior to seed-set (August 1995) was 11.9 £ 2.4 (n=16 representative
plants, M.W. Olsen, personal communication). In comparison, the shoot-to-root ratio of
mature summer wheat and late-flowering maize grown in soil columns was S and 7.9,
respectively (Martens, 1990). Exudation of root-derived substrates may be limited in S.
bigelovii by a disproportional allocation of resources to above-ground plant biomass.
Unfortunately, a generally applicable relationship between above- and below-ground
(i.e., root production/mortality) plant production has not yet been determined. For
example, above- and below-ground primary production may increase proportionally or
there may be a trade-off between the two leading to an inverse relationship (D. R. Zak et
al., 1994 and references therein).

Although the decay of root-derived substrates is a possible explanation for the
response of the microbial biomass to the planting treatment, it does not explain the slight,
but significant, increase in microbial biomass in plots without plants in November (see
Fig. 6.1b). Possible interpretations of this increase include a lag in the response of the
microbial biomass to resources in plots with incorporated residues, increased activity on
decomposing residual soil organic matter, or experimental overestimation of the microbial

biomass in November.
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Residue amendment was a significant factor determining microbial biomass in the
ANCOVA (see Table 6.1). Amendment of soil with organic matter has been shown to
stimulate the microbial biomass in conventional agronomic systems. For example, soil
microbial biomass increased when spring barley straw was incorporated instead of
burned (Powlson et al., 1987), and in a study of conventionally tilled grain sorghum,
microbial biomass was higher when residues were retained instead of removed (Saffigna
et al., 1989). In the present study, pairwise comparisons revealed no significant
differences in microbial biomass in plots of similar plant densities with residue compared
to those without residue on any of the three sampling dates. It is possible that slight or
inconsistent differences may not have been detected with a low power statistical test such
as an unplanned pairwise comparison. A strong directional increase in microbial biomass
in response to organic amendment, however, may have been transitory, i.e., within the
first few months after residues were added to the soil. Short-term effects of organic
amendment would not have been detected because microbial biomass was measured 7
months after residues were incorporated into the soil. A delay in sampling after residue
incorporation is necessary if microbial biomass is to serve as an indicator of long-term
changes in soil organic matter (Saffigna er al., 1989). Changes in the microbial biomass
have been detected in response to crops planted previously in rotation farming (Kaiser et
al., 1995) and to organic amendment a few months after residues were incorporated. For
example, 5 months after initiation of their study, Saffigna et al. (1989) detected a 15%
increase in microbial biomass in treatments that had sorghum residues retained instead of
removed. In a concurrent study at the halophyte research farm, an increase in microbial
activity and bacterial abundance was associated with residue incorporation in March and
July (closer to when residues had been incorporated) especially at depths from 15-25 cm

(unpublished data). Sampling microbial biomass either earlier or to deeper depths may
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have revealed strongly significant pairwise differences between plots with and without
residue in the present study.

Microbial activity was generally enhanced by the presence of plants and residue,
and was higher in November than in August. Increased microbial activity in November,
which corresponded to an increase in microbial biomass, was possibly a reflection of
plant senescence and a subsequent influx of available substrates via plant root decay.
Microbial activity in November responded positively to the presence of plants in the
residue-amended plots, and to residue amendment in the unplanted (0 plants m-2) plots
(see Fig 2a and b). These results suggest that under some circumstances, microbial
activity increased with available resources, a conclusion consistent with other studies.
For example, microbial basal respiration reflected a decline in the concentration of organic
carbon from the leaf litter layer to the underlying F-H layers in both New Zealand forest
and scrubland ecosystems (Wardle, 1993). Surprisingly, pairwise comparisons
determined that microbial activity in plots without residue was not significantly higher in
the presence of plants on any of the sampling dates (see Fig 2b). This result was
unexpected because in plots without residue, plant roots were the most significant source
of organic substrates available to the microbes. There was, however, a significant
increase in microbial activity in planted (300 or 1000 plants m-2) compared to unplanted
(0 plants m-2) plots with incorporated residue in November (see Fig. 6.2a). In contrast,
Parmelee et al. (1993) reported that microbial biomass responded to pine seedling roots in
mineral (nutrient poor), but not organic, soil horizons in a microcosm study. The authors
suggest that the influence of pine roots on microbial processes varies depending on soil
nutrient content. Based on findings in the present study, and results from Parmelee et al.
(1993), further research into the interaction of the presence of plants and organic

amendment should be undertaken.



136

Microbial energetic efficiency was significantly affected by plant density but not
residue amendment. Differences in the metabolic quotient among the three plant density
treatment levels depended on the sampling date (see Table 6.1). The metabolic quotient
was lower in unplanted plots compared to plots with 300 plants m-2 in November, while
not significantly different among any of the other treatment levels (Fig. 6.3). A low
metabolic quotient implies that the microbial populations were energetically efficient, i.e.,
allocating proportionally more carbon to growth (biosynthesis) than to maintenance (D.
R. Zak et al., 1994). Competition for available carbon resources may favor efficient
microorganisms that use limited amounts of energy for growth and maintenance (Insam
and Haselwandter, 1989). In the halophyte agroecosystem studied, the metabolic
quotient tended to be lower in the unplanted compared to planted plots, suggesting that
microbial populations under limited resource availability were energetically efficient. In
the presence of plants, both the metabolic quotient and basal respiration were higher than
when plants were not present, reflecting an active but inefficient microbial population.
These results suggest that a closer examination of changes in microbial metabolic activity
with plant growth would be beneficial in understanding the relationship between the soil

microbial community and the halophyte S. bigelovii.

Nematode abundance and trophic structure

Of the three nematode trophic groups examined in this study, only the plant
feeders were significantly affected by the presence of plants (see Table 6.2). The positive
influence of plant presence on plant-feeding nematodes is consistent with results from
studies of other systems (Sohlenius er al., 1987; Griffiths er al., 1991 and references
therein). Changes in the abundance of plant-feeding nematodes in the planted plots
followed the pattern of root growth and senescence, i.e., plant feeders declined by
November and were negligible by January (see Fig. 6.5).
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Bacterial- and fungal-feeding nematode abundance did not significantly increase
with plant density (see Fig. 6.4a and b). The presence of plants has been suggested to
enhance microbial growth, thus encouraging nematode grazers (Clarholm, 1985). For
example, in a pot study of peas, barley, turnips, and perennial rye grass, the biomass of
non-stylet-bearing nematodes (i.e., mostly bacterial feeders) was larger in rhizosphere
soil compared to nonrhizosphere soil (Griffiths, 1990); in a gnotobiotic microcosm study,
fungal-feeding nematodes (Aphelenchus avenae) were more abundant in the rhizosphere
soil of blue grama grass than in either nonrhizosphere or unplanted soil (Ingham et al.,
1985b); and under field-grown spring barley, nematodes were always more abundant in
planted compared to fallow plots throughout the growing season (Griffiths er al., 1994).
In the halophyte system studied, plant presence was not associated with an increase in
nematode abundance, suggesting that nematode resources (microflora) were fairly
equivalent in the presence and absence of plants, a conclusion consistent with the limited
response of the microbial biomass to plant density. There may be, however, an
interaction between the presence of plants and the soil organic matter content. In a
greenhouse microcosm study of pine seedlings, Parmelee et al. (1993) found that total
nematode abundance increased with the number of plants (i.e., root biomass) only in the
lower, mineral soil horizon (0.05% organic carbon) but not the upper, organic soil
horizon (40.7% organic carbon). Although the authors suggest that soil moisture in the
organic layer was reduced in the presence of plants, thereby limiting nematode activity, it
may be that there were differences in resource availability in close proximity to the root.
Further studies concerned with the distribution of soil-dwelling nematodes should include
samples taken next to (rhizosphere), or on the surface of (rhizoplane), S. bigelovii roots
in order to capture small scale differences in either moisture or resource availability.

The trophic diversity of nematodes, which was significantly affected only by plant
density (see Results), reflected changes in fungal- and plant-feeding nematode
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abundances. The proportion of bacterial feeders, the most abundant feeding group, was
fairly constant across all experimental treatments (see Fig. 6.6). Bacterial-feeding
nematodes were always more abundant that fungal feeders (ratio of fungal-to-bacterial
feeders less than 0.50) further supporting that bacterial feeders were the dominant
nematode trophic group in this study system. As reviewed by Freckman and Ettema
(1993), dominance of bacterial-feeding nematodes is an indication of an abundant
population of bacteria and, therefore, an active bacterial pathway in the detritus food web.
There is not, however, always a clear relationship between the abundance of bacterial- or
fungal-feeding nematodes and the biomass of their food source (Neher and Campbell,
1994). Furthermore, nematode grazing may affect the rate of microfloral reproduction,
but not the abundance or biomass of the microfloral community.

Trophic diversity has been related to shifts in faunal taxonomic composition
(Yeates et al., 1993), and is generally higher in perennial than annual cropping systems
that are generally less disturbed by agronomic practices allowing for a higher microbial
diversity (Neher and Campbell, 1994 and references therein). Estimates of rophic
diversity (Shannon indices) from different studies may not be directly comparable (Yeates
etal., 1993). With this qualification in mind, mean nematode trophic diversity in this
study ranged from 2.06-2.46, which was consistent with values reported for
conventional annual agricultural systems. For example, the mean ( standard error)
nematode trophic diversity under soybean, corn, and wheat was 2.54 + 0.07 (Neher and
Campbell, 1994) and ranged from 2.02-2.29 under maize (Yeates et al., 1993).

Amendment of soils with residue significantly affected bacterial- and fungal-
feeding nematode abundance (see Table 6.2). Nematode abundance was higher in plots
with residue than in plots without residue for all four plant densities examined (see Fig.
6.4a and b). In a study of nematodes under spring barley in Scotland, soil amendment

with poultry manure increased nematode numbers, compared to both farmyard manure
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and control treatments (Griffiths ez al., 1994). The authors suggested that poultry manure
increased nematode abundance because it was more readily decomposable (i.e., with a
lower carbon:nitrogen ratio) than the farmyard manure. The response of nematodes to
organic amendment depends on the decomposition rate of the organic material
incorporated into the soil (Pradhan ez al., 1988), and halophyte residues decompose at a
rate consistent with many other conventional crops (M.W. Olsen, personal
communication). Incorporation of S. bigelovii residue in this study increased both
bacterial- and fungal-feeding nematode abundance, reflecting an increase in nematode
microfloral food resources, a suggestion consistent with the effect of residue on the

microbial biomass.

Comparison to conventional agricultural systems

Although halophyte agronomic systems are similar in some ways to conventional
agricultural systems (i.e., annual tillage, cultivation, harvest), many aspects are different.
The most obvious difference is that halophytes such as S. bigelovii, which are irrigated
with seawater, can tolerate soil salinity levels much higher than conventional crops. The
electrical conductivity (EC) of saline agricultural water used in conventional cultivation in
California was approximately 5 dS m-1 while the EC of regular irrigation water was 1 dS
m-1(Sarig et al., 1993). For comparisons, salinity of seawater used to irrigate halophytes
at the research farm is approximately 63 dS m"! (unpublished data). Soil salinity from
the cultivated halophyte system in this study, however, ranged from 6.4-8.5 dS m-1,
which was similar to the maximum soil salinity recorded under the native desert halophyte
Reawumuria negevensis (almost 7 dS m-~1) but less than the maximum under Zygophyllum
dumosum (>12 dS m-1) in the Negev desert of Israel (Sarig and Steinberger, 1994).
Laboratory studies have addressed the response of the microbial biomass and activity to

agricultural soil salinity. Malik and Azam (1980) reported a 20% decrease in microbial
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biomass carbon from 399.8 to 319.2 ug C g-1 in "normal” (4 dS m-!) compared to saline
(9.9 dS m-1) soils. However, Sarig et al. (1993) found a 50% increase in microbial
biomass carbon from approximately 150 to 300 ug C g lin soils irrigated with regular (1
dS m-1) compared to saline (5 dS m1) water. The conflicting results in these two
studies may possibly be due to differences in soil properties such as texture, or to the
ability of the native soil microflora to adapt to changes in soil salinity (Sarig er al., 1996).
It is also possible that these two studies may not be comparable either due to
methodological differences or the ranges of salinities studied. Sarig er al. (1993) did not
measure soil salinity, but assumed that a leaching fraction of 0.3 maintained the salinity of
the soil at the level of the irrigation water (1 versus 5 dS m-1). On the other hand, Malik
and Azam (1980) measured soil salinities (4 and 9 dS m-1) directly.

Comparison of the seawater-irrigated halophyte system studied to conventional
agricultural systems does not suggest an apparent or sizable effect of soil salinity on
microbial biomass. Across all three sampling dates, mean (* standard error) microbial
biomass in this study ranged from 190 (+ 53) pg C g-! dry soil in the unplanted plots
without residue to 941 (£ 215) ug C g-! dry soil in the 1000 plants m-2 with residue (see
Fig. 6.1a and b). These values were within the range reported by Anderson and Domsch
(1980) for 26 cultivated freshwater soils (< 50 to almost 1400 pug C g'1 soil). More
specifically, mean (£ standard error) microbial biomass under direct drilled, fertilized
winter wheat in Oxfordshire, U.K., was 840 (+ 68) pug C g1 dry soil in March and 990
(+76) ug C g-1 dry soil in July (Lynch and Panting, 1982).

Microbial activity under halophyte cultivation (treatment means 0.08-2.49 jig
CO2-C g’1 hrl, see Fig. 6.2a and b) was similar to that reported for conventional
asparagus and maize cultivation (approximately 0.5-2.75 pg CO2-C g'1 hr-1) (Wardle er
al., 1993). The microbial metabolic quotient for S. bigelovii under the three planting

densities in this study ranged from 0.63-2.35 mg CO2-C g-1 Cmjcr hr-1 (see Fig. 6.3),
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which was lower (indicating more energetically efficient microbes) than the mean (
standard error) metabolic quotient of either fallow (3.58 + 4.38 mg CO2-C g1 Cmjcr
hr1) or cultivated fields (4.70 + 7.58 mg CO2-C g1 Cmicr hr 1) in Bohemia
(Santruckova and Straskraba, 1991). The metabolic quotient in the halophyte system
was, however, within the range of values (0.17-1.7 mg CO2-C g~! Cmicr hr1) reported
in a study of 41 conventional agricultural systems (Anderson and Domsch, 1990).

Nematode abundance in this study was slightly lower than that reported for
conventional agricultural systems. The mean number of nematodes across all treatment
levels and sampling dates was 20.4 nematodes g‘1 dry soil (converted from number cm-3
using a bulk density value of 1.43 g cm™3). In Scotland, nematode abundance at the
harvest of spring barley ranged from a little more than 40 (control plots) to a little less
than 100 nematodes g‘1 dry soil (poultry-manured plots), while nematode abundance in
fallow manured plots reached 50 g-1 one month prior to harvest (Griffiths er al., 1994).
Nematode abundance in the halophyte system studied was, however, similar to that
reported for soil from unfertilized barley (20.5 nematodes g-1), but not to fertilized barley
(25.8 g-1), grass ley (31.65 g-1), or lucerne ley (35.4 g1) to a depth of 20 cm in a
Swedish study (Sohlenius et al., 1987).

In conclusion, microbial biomass, activity, and energetic efficiency responded to
the presence, and in some cases density, of S. bigelovii plants. The response of the
microbial community to dead-plant residues is consistent with results from other studies,
while the microbial response to the presence of live plants is not entirely consistent with
previously published studies. One explanation for the observed lack of microbial-plant
association in the present study is that resources exuded from live S. bigelovii roots may
have been unavailable or of low quality. A second, but non-exclusive explaination, is

that the microbial and plant communities may have been directly competing for nutrients.
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In contrast, plant-feeding nematode abundance, and therefore nematode trophic diversity,
did respond to the presence and density of live plants.

Amendment with residue affected microbial biomass and activity, bacterial- and
fungal-feeding nematode abundance, but not microbial energetic efficiency, over the
course of the study. Furthermore, microbial biomass, activity, and energetic efficiencies
in the halophyte agroecosystem studied was comparable to the range of values reported
for conventional agronomic systems. In comparison, nematodes were less abundant
under halophyte cultivation than under conventional crops, although nematode trophic
diversity was consistent with values reported for conventional agricultural systems.

The relationship between resource availability, the microbial community, and the
plant community are important in determining the patterns of abundance and diversity. A
possibly antagonistic microbial-plants relationship live for resource acquisition may

strongly impact both the microbial and plant communities.
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Table 6.1. Results from three-way analysis of covariance for factors plant density (0,
300, 1000 plants m-2), residue (with or without), and sampling date (August,
November, January) with the covariates soil moisture, pH, and salinity calculated for the
dependent variables microbial biomass carbon (Cmicr), basal respiration (BR), and
microbial metabolic quotient (qCO2).

E-Values

Source of variation DF  Cmicr BR qCO2
plant density 2 6.81** 35.76%*  5.43**
residue 1 7.85%+* 15.15** 0.01
sampling date 2 19.36%*+  26.69%** (.21
plant density x residue 2 285 2.93 0.67
plant density x sampling date 4 195 1.72 4.23%*
residue x sampling date 2 0.39 4.49* 2.14
residue x plant density x

sampling date 4 0.89 0.51 0.61

Error 31

soil moisture 1 2.87 1.76 0.25
pH 1 10.67 3.34 3.46
salinity 1 193 0.04 2.29

* = p< 005, ** = p<0.01
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Table 6.2. Results from three-way analysis of covariance for factors plant density (C, 50,
300, 1000 plants m‘2), residue (with or without), and date (May - November) with the
covariates soil moisture, pH, and salinity calculated for the dependent variables bacterial-
feeding, fungal-feeding, plant-feeding nematode abundance.

bacterial fungal plant
Source of variation DF feeders feeders feeders
plant density 3 072 1.59 8.16%*
residue 1 106.32*%* 43.19%*  0.55
sampling date 5 132 1.22 2.65*
plant density x residue 3  5.51%* 1.16 1.05
plant density x samplingdate 15 0.48 0.61 1.69
residue x sampling date 5 0.50 0.75 0.25
residue x plant density x
sampling date 15 1.01 0.35 0.87

Error 90

moisture 1 1.60 0.46 2.18
pH 1 001 0.63 0.38
salinity 1  0.36 0.13 3.49

* = p< 0.05, ** = p<0.01
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Figure 6.1. Mean (% standard error) microbial biomass carbon (Cpjcr) under three
planting densities of S. bigelovii in (a) plots with and (b) without residue amendment on
three sampling dates. The factors residue, plant density, and sampling date were
significant in a three-way ANCOVA.
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Figure 6.2. Mean (+ standard error) soil basal respiration under three planting densities of
S. bigelovii in (a) plots with and (b) without residue amendment on three sampling dates.
The factors residue, plant density, and sampling date, as well as the interaction of residue

and sampling date, were significant in a three-way ANCOVA.
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Figure 6.3. Mean ( standard error) microbial metabolic quotient (qCO?) under three
planting densities of S. bigelovii averaged across residue treatment levels on three
sampling dates. Plant density and the interaction of plant density and sampling date were
significant in a three-way ANCOVA.
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Figure 6.4. Mean abundance (+ standard error) of (a) bacterial-feeding and (b) fungal-
feeding nematodes across sampling dates planting density in plots with and without
residue amendment. The factor residue was significant in a three-way ANCOVA
calculated for bacterial- and fungal-feeding nematodes separately, while the interaction of
plant density and residue also significantly affected bacterial feeders. Bacterial-feeding
and fungal-feeding nematodes were significantly more abundant in plots with residue than
in plots without residue (Tukey’s HSD, p<0.05).
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Figure 6.5. Mean (< standard error) abundance of plant-feeding nematodes under four

planting densities averaged across residue treatment levels (with and without) from May
1995 to January 1996. Plant density and sampling date were significant in a three-way

ANCOVA.



150

With residue Without residue

N fungal feeders

o
g 100 I plant feeders
:g_ O tbacterial feeders
=)
39.1

a

e

g

&

R

a

g

g

(=9

g

N

£

<]

§ 491 424 19.7
e 11.7 )

§ & 3

) \\\\\‘

2.7 30.9 13.2

Figure 6.6. Proportion of nematode feeding groups under four densities of Salicornia
bigelovii in plots with and without residue across all sampling dates (May-January 1996).
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7. FUNCTIONAL DIVERSITY OF SOIL MICROORGANISMS: A
COMPARISON OF SALT MARSH, SAND DUNE, AND
SEAWATER-IRRIGATED AGRONOMIC SYSTEMS

ABSTRACT

Soil microbial functional diversity was examined at eight study sites. Microbial
communities were sampled at two locations, approximately 380 km apart, from different
habitats including constructed and natural salt marshes, a seawater-irrigated agronomic
system, and, for a non-saline comparison, a coastal sand dune. Similarities among
microbial communities were determined by cluster analysis of substrate utilization
patterns (Biolog microplates). Sampling sites were differentiated with principle
components analysis of soil biotic and physical characteristics. Relationships among the
eight microbial communities based on functional diversity, and among sampling sites
based on biotic and physical characteristics, were similar. Microbial communities from
geographically distant natural salt marshes were functionally similar to each other. The
constructed salt marsh community was dissimilar from all other communities, including
two from natural salt marshes located in the same salt marsh complex. The microbial
communities at a saline tidal flat and a non-saline sand dune site, located in close physical
proximity, were functionally similar. Seawater-irrigated agronomic sites were distinct
from the other saline soil sites, possibly due to disturbance caused by agronomic
practices. Functional diversity of the microbial communities at the agronomic sites was
intermediate compared to the other sites; e.g., higher than the constructed marsh but

lower than the natural salt marshes. Relationships among the study communities
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determined by microbial functional diversity and analysis of site characteristics reflected

both habitat and geographical influences.

INTRODUCTION

Biodiversity of soil communities has not been rigorously studied in saline
systems, even though these habitats (e.g., coastal estuaries and salinized agricultural
soils) are widespread and possess a well-developed and distinct below-ground biota
(Szabolcs, 1991). Soil-dwelling microbial communities are comprised of extremely
abundant and biologically diverse organisms; however, soil diversity has not been well
studied (see Martin and Bianchi, 1980, and references therein concerning bacterial
diversity). Soil microorganism diversity is important in determining key ecosystem
processes affecting above-ground biodiversity. The majority of published research,
however, has focused on the relationship between macroorganism diversity and
ecosystem structure and function (J. C. Zak et al., 1994). Methodological limitations due
to the cryptic nature, non-distinct morphology, and unresolved taxonomic relationships of
most soil microorganisms have hindered attempts at describing patterns of microbial
diversity (Martin and Bianchi, 1980; Margulis er al., 1986).

In order to bypass the inherent difficulties of determining microbial species
richness and abundance, some authors have suggested the creation of functional species
equivalents based, for example, on phenotype (Kaneko et al., 1977) or biochemical
composition (Federle er al., 1983). A functional classification of microbial communities
based on patterns of substrate utlization has been suggested as a tool for examining
patterns of microbial diversity and community structure (Garland and Mills, 1991; J. C.

Zak et al., 1994). Classifying groups of organisms by function, for example
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morphology or feeding strategy, has been put to use in a variety of fields. Researchers
have described communities of aquatic invertebrates (Cummins and Klug, 1979),
nonmarine mammals, land-dwelling birds (Severinghaus, 1981), fungi (reviewed by
Kjgller and Struwe, 1982), and wetland plants (Boutin and Keddy, 1993) based on
functional classifications of component members.

Microbial functional diversity is an approximation of below-ground biodiversity.
J. C. Zak et al. (1994) present a conceptual model describing the relationship of
functional, genetic, and species diversity to biodiversity. The authors suggest that
functional diversity is a consequence of taxon-specific genetic diversity, environmental
effects on gene expression, and ecological interactions with other taxa. Functional
diversity is, therefore, a valuable metric by which to compare and contrast different
ecosystems, habitats, or sites. The relationship between functional and taxonomic
diversity has not, however, been adequately demonstrated (Davis and Richardson, 1995).
For example, while food web dynamics have been suggested to regulate both functional
and taxonomic diversity of soil fungi (Moore and de Ruiter, 1991), the processes by
which fungal taxonomic and genetic diversity determine functional diversity are unknown
(Zak and Visser, 1996).

Functional diversity of heterotrophic microbial communities can be characterized
by a currently available method, the Biolog microplate identification system. This method
assesses differences in community utilization of 128 unique carbon sources (Garland and
Mills, 1991; J. C. Zak et al., 1994). Using the Biolog system, an estimate of substrate
utilization potential is characterized for sample microbial communities. Functional
diversity, in this context, is defined as the number (substrate richness) and type (substrate
utilization pattern) of carbon sources used by a sample community. In this study,
potential substrate utilization determined by the Biolog system was compared among eight

microbial communities. These communities are located in different habitats, including
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constructed and natural salt marshes, a seawater-irrigated agronomic system, and, for a
non-saline comparison, a coastal sand dune. Microbial communities were examined at
two geographically distinct locations in order to determine whether communities from
similar habitats or locations were most similar to each other.

To assist in the interpretation of differences in microbial functional diversity,
ecological characteristics of each study site were also examined. The abundance of
soil-dwelling bacteria and nematodes, both of which are integral players in regulating soil
nutrient cycling and organic matter turnover (Swift et al., 1979; Ingham et al., 1985b;
Hendrix et al., 1986), was determined. Soil moisture, salinity, and pH were also
measured because microorganisms are affected by moisture availability (Stott ez al.,
1986), osmotically active solutes (Laura, 1977; Sarig et al., 1993), and soil acidity and
alkalinity (Paul and Clark, 1989).

METHODS

Study sites and sampling methods

The study sites were located approximately 380 km apart, three at the
Sweetwater-Paradise Creek marsh (32°38'N, 117°6'W) in south San Diego Bay, San
Diego, California, and five on the northermn Gulf of California near Puerto Pefiasco
(31°20'N . 113°35'W), Sonora, Mexico. Selection of saline sites was based on the
presence of Salicornia bigelovii, a succulent estuarine annual in the family
Chenopodiaceae. A non-saline site was chosen based on proximity to the saline sites
located in Sonora, Mexico. All sites were sampled once, either in October, 1995 (native
saline sites in Mexico) or January, 1996.

Two of the San Diego sites, Paradise Creek (PC) and Sweetwater Marsh (SM),

are natural salt marshes. Soils at these marshes are clay loams (Pacific Estuarine
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Research Laboratory, 1990). The third San Diego site, North Connector Marsh (NC), is
a 12-year-old constructed salt marsh consisting of eight low marsh islands (Langis er al.,
1991). Soil texture at this site is a loam to sandy loam (Pacific Estuarine Research
Laboratory, 1990). All three marshes are subjected to fresh water inflow from either
Paradise Creek or the Sweetwater River, and tidal seawater inundation from San Diego
Bay. Plant cover at the sites is a mixture of halophytes including Salicornia bigelovii, S.
virginica, Batis maritima, and Spartina foliosa.

On the northeastern coast of the Gulf of California, tidal estuaries receive minimal
freshwater; the 12-year mean yearly precipitation is 10.3 cm. Estero Moria (EM),
located just west of Puerto Pefiasco, is a salt marsh with fairly well-developed tide
channels, loamy sand soil, and a dense halophyte cover consisting of S. bigelovii, B.
maritima, Suaeda sp., Monanthochloe littoralis, and Distichilis spicata. Bahia Cholla
(BC), located northwest of Puerto Pefiasco, is a tidal flat on "Cholla Bay". This site,
which does not have distinct tide channels, receives a fairly uniform flooding of seawater
at high tide. S. bigelovii, a dominant halophyte at this site, grows in sand mixed with
broken snail shells and small pebbles.

The remaining three study sites were located at a one-hectare research farm near
the town of Puerto Pefiasco. At this site, sandy dune-soil plots have been planted with S.
bigelovii for approximately 15 years. During the 1995 growing season (January to early
November) plots were flood irrigated daily with seawater from a well that draws water
from the Gulf and fertilized with NH4NO3. Two agronomic treatments, cultivated (AC)
with approximately 300 plants m-2, and fallow (AF) without plants, were sampled after
plant senescence. All sample plots had been amended with 2 kg m2 dry S. bigelovii
residue in December of 1994, just prior to the beginning of the growing season.

The last of these sites was a sand dune habitat adjacent to the research farm. This

site was sampled in order to include a non-saline, coastal desert habitat. At the time of
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sampling, most of the plants present at the Dune site (DU) were perennial shrubs such as
Atriplex and Lycium. All samples at this site were taken within 25 cm of a shrub. Soils
at both the dune and agronomic halophyte sites are more than 85% sand.

For all sites except AC and AF, a composite of 80-100 soil cores (2 cm diameter x
15 cm depth) sampled at 1-meter intervals along four parallel transects was taken. At the
salt marsh sites, transects were oriented to include areas with dense stands of S.
bigelovii. For AC and AF, 5 soil cores (4.5 cm diameter x 15 cm depth) were taken in an
"X" pattern in each of three replicate cultivated and three replicate fallow plots. The 15
soil cores sampled from each agronomic treatment (AC or AF) were then bulked and
thoroughly mixed. All samples were kept cool while transporting to the laboratory for

analysis within 72 hours.

Sample preparation

Microorganisms were extracted from 30-60 g of field-moist soil by vortexing in
phosphate buffer (pH 7.0), centrifuging at slow-speeds, re-suspending in 50 ml minimal
salts broth (pH 7.0), and shaking for 24 hours. The final shaking step helped reduce the
amount of soluble organic material in the sample by giving the microbial community a
chance to use substrates available in the suspension. As determined by selective media
spread plates, the majority of organisms isolated by this method were bacteria and
actinomycetes; however, some fungal propagules were observed when plates were
counted. Microbial cell density of each sample was estimated by spectrophotometry (600
nm). Each sample was then diluted with minimal salts broth to approximately 1 x 106
cells ml-1. Dilution of the sample insured that a limited amount of soluble organic matter

was introduced with the inoculum into the Biolog microplates.
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Biolog microplates

Substrate utilization patterns were assessed using a redox-based technique
developed by Biolog Inc. (Hayward, CA). This system indicates the use of a carbon
source with the production of a purple color (for further explanation see Garland and
Mills, 1991). The Biolog microplates have 95 wells with a single dehydrated carbon
source and 1 control well with no carbon source. Substrate utilization is scored by the
development of a purple color in each well at fixed time points for a chosen period after
inoculation with a microbial community sample.

Biolog provides two types of microplates, gram negative (G[-]) and gram positive
(G[+]), originally developed to identify single bacterial isolates. There are 128 different
carbon sources on the G[-] and G[+] microplates combined; 62 carbon sources are found
on both, while the remaining 66 are unique to either the G[-] or G[+] microplate. The
carbon sources can potentially be utilized by different members of the bacterial
community.

Biolog microplates were inoculated approximately 24 hours after soil samples
were extracted. For each sample suspension, 150 pl aliquots were added to each well of
three G[-] and three G[+] Biolog microplates. Microplates were incubated at 27°Cand
substrate utilization (i.e., the presence of color) recorded at 24, 48, and 72 hours. A
reaction outcome (either the substrate used or not used) was determined for all samples by
a majority-rules decision using the 72-hour readings of the three replicate G[-] or G[+]
microplates. This type of decision making process meant that if a sole carbon source was
used on two of the replicate plates, but not the third, the reaction outcome was "substrate
used”. For most (76-97%) of the sole carbon sources, all three replicate microplates
agreed on utilization of a substrate.

Based on chemical composition, each of the 128 carbon sources was assigned to a

group which is referred to as a substrate guild. Garland and Mills (1991) defined 11
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substrate guilds for the carbon sources on G[-] microplates. Based on information given
in J. C. Zak et al. (1994), carbon sources on G[+] microplates can be assigned to all but
one of Garland and Mills’ guilds (brominated chemicals), plus one extra "miscellaneous”
guild (Table 7.1). Guild-specific analyses were conducted on reaction data for each guild

of interest taken separately.

Site characteristics

Bacterial density in the suspension used to inoculate the Biolog microplates was
estimated using the plate count method. A 0.1 ml sample of inoculum was spread on
either full- or half-strength nutrient agar, and colonies counted after 4-5 days at 25°C.
Bacterial density was expressed as colony forming units (CFU) ml*1 inoculum (Table
1.2).

Soil nematode abundance was determined by extracting 125 cm3 soil for 48 hours
using a modified Baermann tray method (Thomas, 1959). Extracted nematodes were
suspended in 20 ml of water, and the number of nematodes in a 1 ml subsample was
counted under a light microscope. Nematode abundance was expressed as number of
individuals per cm3 soil (Table 7.2).

Representative physical characteristics of the soil were determined for all sites
(Table 7.2). Soil salinity (measured as electrical conductivity in dS m-1) and pH were
estimated from a 1:1 (w/v) soil and distilled water slurry with temperature controlled
electrical conductivity and pH meters respectively. Gravimetric moisture content,

calculated as g HyO g1 dry soil, was measured by drying soil samples at 105°C for 24

hours.
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Data analysis

Statistical analyses were performed separately on G[-] and G[+] reaction data
because the use (or lack of use) of a sole carbon source was not consistent between the
Gl-] and G[+] microplates for a given community. For example, a carbon source used
on a G[-] microplate was not necessarily used on a G[+] microplate, or vice versa, by a
sample microbial community. All statistical analyses were performed with SYSTAT
(1992).

The total number of carbon sources used by each microbial community (substrate
richness) was calculated and ranked for all eight communities studied. Pearson
product-moment coefficients and Bonferroni adjusted probabilities were calculated for the
correlation between substrate richness and bacterial density calculated as log(bacterial
CFU mi-1 inoculum).

The similarity between pairs of sites was calculated using the simple matching
coefficient (Magurran, 1988). The simple matching coefficient is used when each state of
a two-value variable (here, use/non use of a carbon source) represents qualities of equal
standing (Gower, 1985). In this study, the simple matching coefficient is appropriate
because whether two sites used or did not use a sole carbon source is equally informative.

The similarity matrix for all 95 G[-] or G[+] substrates was calculated, as well as
for the amino acid, carbohydrate, and carboxylic acid guilds taken separately. These
guilds were chosen because they each contain a fairly large number of sole carbon
sources (G[-]: 20, 28, 24; G[+]: 8, 40, 17 respectively). The guild “miscellaneous” was
not considered, even though it contained 9 sole carbon sources, since it is a catch-all
grouping of substrates that do not fit into other guilds. Dissimilarity (i.e., 1- similarity)

matrices were subjected to UPGMA cluster analysis.
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Site characteristics were log transformed (except pH, which is calculated as a
log), in order conform to the assumption of homogeneity of variances (Sokhal and Rohlf,

1981), and subjected to principal components analysis.

RESULTS

Substrate richness and utilization patterns

Of the sole carbon sources presented on each microplate, all 95 G[-] sources and
88 of the 95 G[+] sources were used overall. The seven carbon sources not used on the
G[+] microplates included four carbohydrates, one alcohol, one phosphorylated
chemical, and one miscellaneous substrate (Table 7.3). Eleven substrates were used by
all communities except NC, the constructed salt marsh. Seven of these 11 substrates
were available on both G[-] and G[+] microplates. With only one exception
(L-arabinose), substrates that NC did not use on G{-] microplates were used on G[+] and
vice versa (Table 7.4). This result demonstrates that the same substrate may be utilized
differently on G[-] and G[+] microplates, and further supported the decision to treat the
G[-] and G[+] data sets separately.

The average number of substrates used (substrate richness) was 84 for G[-] and
59 for G[+] microplate data; furthermore, there was no correlation between substrate
richness and the density of bacterial CFU per ml inoculum (G[-], r=- 0.624, p = 0.098,

=8; G[+], r = 0.069, p = 0.870, n=8). The rank of each microbial community based on

substrate richness was similar, but not identical, when based on the G[-] versus G[+]
data. For example, PC was ranked second for G[-] substrate richness but third for G[+].
EM, the natural salt marsh on the Gulf of California, was ranked first in both G[-} and

G[+] substrate richness (Table 7.5), while the two native salt marshes on San Diego Bay
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(PC and SM) ranked second and third. The constructed marsh (NC) ranked next to

lowest for G[-]} and lowest for G[+] substrate richness.

Similarities between microbial communities

Cluster analyses of G[-] and G[+] substrate utilization data supported similar
relationships among the eight communities (Fig. 7.1). Overall, patterns produced by
G[-] and G[+] analyses supported three major groupings, AF-AC, BC-DU, and
EM-PC-SM. In both analyses, NC (the constructed marsh) was dissimilar from all other
communities and closely aligned pairs were formed by AF-AC (the two seawater-irrigated
agronomic sites) as well as by DU-BC (the sand dune and tidal flat on the Gulf of
California, respectively). The relationship among EM, the salt marsh on the Gulf of
California, and PC and SM, native salt marshes on San Diego Bay, was slightly different
for the G[-] compared to the G[+] cluster analysis. In the G[-] analysis, EM and SM
aligned more closely to each other than either did to PC, while in the G[+] analysis EM
and PC aligned together. Position of the major clusters relative to each other was also
different for the G[-] compared to G[+] analyses. In the G[-] analysis, the AF-AC cluster
was closely aligned to EM-PC-SM, while in the G[+] analysis, AF-AC was closer to
DU-BC. In general, the constructed salt marsh (NC) was the most dissimilar from all
other sites, including the two natural salt marshes within close physical proximity (PC
and SM). The microbial community from the natural salt marsh on the Guif of California
(EM) was functionally similar to the two natural salt marshes (PC and SM) on San Diego
Bay, while the four other Gulf of California microbial communities aligned in two pairs

(AC-AF and BC-DU).
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Guild-specific analyses

Relationships between microbial communities based on utilization patterns within
the amino acid, carbohydrate, and carboxylic acid substrate guilds were only somewhat
consistent with those produced by analysis of all 95 carbon sources (Figs. 7.2 and 7.3).
In three of the guild-specific analyses (G[-] amino acid and carboxylic acid and the G[+]
carboxylic acid guilds) the constructed salt marsh, NC, was the only community that
shifted position; furthermore, NC was not consistently aligned with any one other
community. For the other three analyses (G[-] carbohydrate guild and the G{+] amino
acid and carbohydrate guilds), NC was dissimilar from all other communities, a result
also demonstrated in the analysis all 95 substrates. In all but two guild specific analyses
(G{+] amino acid and carbohydrate), EM and SM, natural salt marshes located on the
Gulf of California and San Diego Bay respectively, aligned near each other, a relationship
also supported in the examination of all 95 substrates.

Comparisons based on site characteristics

Principal components analysis differentiated the eight study sites based on the
following characteristics: inoculum bacterial density, nematode abundance, soil salinity,
pH and moisture (Fig. 7.4). Differences among sites can be interpreted in relation to the
site characteristic by examining the vector correlation of the original variables to the first
(PC1) and second (PC2) principal components axes. Differentiation of sites on PC1,
which explained 53.7% of the variance in the data, was correlated to soil moisture,
salinity, and pH. Differences in sites on PC2 (31.5% of the variance in the data) were
correlated to bacterial density and nematode abundance.

In general, the first two principal components, which explained 85% of the
variance in the data, supported the among-community relationships produced by cluster

analysis (Figs. 7.1 and 7.4). There was, however, one important difference. NC, the
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constructed marsh, scored close to the natural marsh sites (EM, PC, and SM) in the
principal components analysis, while cluster analysis of substrate utilization patterns
suggested that the NC microbial community was dissimilar from all other communities.
The two agronomic sites, AC and AF, were similar to each other on PC1, while the tidal
flat (BC) and the sand dune (DU) sites were similar to each other on PC2.

DISCUSSION

Substrate richness, i.e., the total number of carbon sources utilized, is a property
unique to individual microbial communities (Haack et al., 1995). Similar to the use of
species richness as a proxy for species diversity, substrate richness is an estimate of
functional diversity. The substrate richness of the eight microbial communities examined
in this study ranged from 72-93 on G[-] and from 31-74 on G[+] microplates (see Table
7.5). G[-] substrate richness of the eight study communities was similar to values
reported for model communities comprised of known soil bacterial isolates (Haack et al.,
1995). In the Haack ez al. study, six-member model bacterial communities used the
majority (80-88) of the 95 G[-] carbon sources, while bacterial isolates alone used
relatively few (e.g., Cytophaga spp. used 18-25, while Corynebacteriaum sp. used 21).
The degree and number of substrates utilized by a microbial community has been
suggested to be a function of inoculum cell density (Haack et al., 1995). Although
equalization of inoculum bacterial density was attempted in this study, data presented in
Table 7.2 show that the number of countable bacteria from the eight study communities
ranged from 2 x 102 t0 5 x 105 CFU mi-!. However, differences in inoculum bacterial
density do not appear to be important in determining the among-communities
relatonships based on substrate utilization patterns. For example, even though inoculum

bacterial density for EM was lower than for either PC or SM (see Table 7.2), these three
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salt marsh communities had similar patterns of substrate utilization (see Fig. 7.1).
Furthermore, substrate richness and bacterial density were not correlated for either G[-]
or G[+] microplate data.

The ordering of the eight communities studied determined by substrate richness
rank was consistent with relationships based on substrate utilization patterns. The natural
salt marsh microbial communities EM, PC, and SM ranked highest for substrate richness
(Table 7.5), suggesting that, of the eight communities studied, they had the greatest
potential functional diversity. These three communities also had similar substrate
utilization patterns (see Fig. 7.1), even though one of the communities (EM) was
geographically distant from the other two. Microbial communities from the other two salt
marsh sites (the tidal flat, BC, and the constructed marsh, NC) ranked among the lowest
(from fifth to eighth) for substrate richness. Correspondence between substrate richness
rank and the pattern of substrate utilization was also demonstrated in a study of six
microbial communities located along an elevational and moisture gradient in the northem
Chihuahuan desert (J. C. Zak er al., 1994). In the Zak er al. study, the three communities
with the most similar substrate utilization patterns also had the most comparable substrate
richness. Based on the ranking of substrate richness, the three microbial communities
from the natural salt marshes (EM, PC, and SM) each had a fairly high functional
(substrate utilization) potential. Microbial communities from more disturbed and possibly
less productive sites, for example the constructed marsh (NC) and the agronomic sites
(AC and AF), had a lower functional substrate utilization potential.

The most striking pattern in the substrate utilization data in this study was the
overlap in substrate usage by the eight microbial communities. Only five substrates (all
from G[+] microplates) were not used by any of the microbial communities (see Table
7.3). This result suggests that, of the 128 carbon sources included in this study, there

were only a few substrates that the communities were not able to utilize. As suggested by
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Haack et al. (1995), non-use of substrates may imply that the microbes capable of
utilizing these substrates were either absent from, or rare members of, the microbial
community studied. The second most apparent pattern in the data was that 11 substrates
were used by all communities except NC, the constructed marsh (see Table 7.4). The
microbial community at NC was consistently dissimilar from all other communities in
both the number and pattern of substrates utilized. The inability of the microbial
community at NC to use as many substrates as the other communities indicated that the
functional diversity at NC was low compared to the other study communities. This
result, possibly a reflection of large-scale disturbance of this habitat during construction,
was consistent with research suggesting that the constructed and native marshes in the
Sweetwater-Paradise Creek complex have very different nutrient attributes (Langis ez al.,
1991).

Relationships among the study communities were similar whether determined by
G(-] or G[+] substrate utilization patterns (see Fig. 7.1). This result was somewhat
surprising considering the inconsistent use of individual carbon sources on the G[-]
compared to G{+] microplates. Garland and Mills (1991) advised that the Biolog system
is essentially a cultural technique, and therefore somewhat selective, because use of a
carbon source necessitates the growth of microbial community members. The basal salts
and other non-carbon containing substances in the G[-] versus the G[+] microplates may
be very different (personal communication, J. C. Zak) and consequently moderately
selective on bacterial (both G[-] and G[+]) growth requirements. Similarity in the
relationships among the microbial communities demonstrated by G[-] and G[+]
microplates suggests that the activity of a representative subset of the microbial
community was reflected in each data set.

Relationships among microbial communities determined by substrate utilization

patterns were similar to the among-site relationships suggested by the examination of
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ecological characters. The natural salt marsh microbial communities from the Gulf of
California (EM) and San Diego Bay (PC and SM) were similar in all but a few
guild-specific substrate utilization analyses. These three sites were characterized by high
soil moisture and salinity (see Table 7.2, Fig. 7.4), and noticeably fine textured soils.
The microbial communities from the tidal flat (BC) and the constructed salt marsh (NC)
sites had lower substrate richness than the other salt marsh communities (EM, PC, and
SM, see Table 7.5). However, while BC was ecologically different from the natural salt
marsh sites (EM, PC, and SM), NC was similar to these sites. The tidal flat (BC) was a
site characterized by a high density of inoculum bacteria and a coarse, sandy soil mixed
with broken snail shells (see Table 7.2). The BC microbial community was most similar
to the community at the other very sandy site, the non-saline natural sand dune (DU),
which also had a high density of bacteria. The functional similarity of these two
microbial communities is interesting, especially considering the striking differences in
habitat type. In the analysis of site characteristics, BC and DU were differentiated based
on the first principal component axis (see Fig. 7.4), and Table 7.2 indicates that the only
characters slightly similar between the two sites were possibly soil pH and inoculum
bacterial density. In order to determine whether the relationship between the tidal flat
(BC) and the sand dune (DU) microbial communities was coincidence or based on real
similarities, further study of ecological site characteristics should be undertaken.

The constructed salt marsh site (NC) was determined by the first two principal
components axes to be similar to the EM, PC, and SM natural marsh sites. Microbial
functional diversity at NC was, however, dissimilar from the communities at the other
three salt marsh sites. Evidence from other studies suggests that nutrient concentrations
in constructed marsh soils were distinct from natural marshes (Langis et al., 1991).
Based on data collected for this study, NC was similar to the neighboring natural marsh

sites PC and SM; however, this result was probably due to the site characteristics
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measured. Other site characteristics may be more valuable in distinguishing NC from the
other salt marsh sites. For example, in a study comparing PC, a native marsh, and NC
four years after construction, soil organic carbon, nitrogen, and phosphorus
concentrations were lower in the constructed marsh (Pacific Estuarine Research
Laboratory, 1990). The extremely high moisture content (180% dry weight basis)
measured for the PC soil during this study provided indirect evidence that PC had a
greater organic matter content (including roots and detritus) than soils from the other
sites.

The two seawater-irrigated agronomic sites, AC and AF, were most similar to
each other both ecologically and based on microbial community substrate utilization
patterns (see Figs. 7.1 and 7.4). The two sites were characterized by an abundance of
nematodes, as well as low soil salinity and moisture (see Table 7.2). Substrate richness
of the agronomic microbial communities was intermediate for G[-] substrates (fourth and
fifth rank for AC and AF, respectively) and comparatively low for G[+] substrates
(seventh and sixth rank, respectively). Microbial communities in agroecosystems may be
functionally less diverse than in natural systems because of agronomic practices that cause
frequent disturbance. Cultivation and monocultural planting of soils may result in
declines in species richness and composition (see Zak, 1992 for an example of fungal
assemblages). Results based on substrate utilization patterns do not contradict this
suggestion; agronomic sites were generally less functionally diverse than natural sites.
The only sites with substrate richness lower than the agronomic sites (see Table 7.5) were
the sites with limited plant cover and possibly nutrient-poor soil (BC, DU, NC).

Guild-specific analyses provided insight as to how substrate utilization by the
microbial community at the constructed salt marsh (NC) was different from the other salt
marsh communities. However, in contrast to J. C. Zak et al. (1994), relationships

among communities based on guild-specific substrate utilization were not completely
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stable for either G[-] or G[+] analyses (see Figs. 7.2 and 7.3). Of the three G[-] guild
and three G[+] guilds examined, substrate utilization of NC was dissimilar to all other
sites in three of these analyses but similar to other communities in the remaining three
analyses. NC, which was generally dissimilar from all other communities, was similar to
the natural marshes EM, PC, and SM in utilization of the G[-] amino acid guild
substrates. In the J. C. Zak et al. (1994) study, relationships determined either by all 95
substrates or by the specific substrate guilds were similar except for the guild that
contained polymers (see Table 7.1 for a list of carbon sources in each guild). The authors
suggested that differences in guild-specific substrate utilization among microbial
communities reflects distinct abilities of communities to degrade specific categories of
organic material. Guild-specific activity may reflect historical differences in the types of
substrates available at the study sites in either an ecological or possibly evolutionary time
frame. Further investigation of differences and similarities in guild-specific substrate
utilization potential will be useful in further characterizing differences in community
membership and possibly species diversity of natural and constructed salt marshes.

In summary, microbial communities from the natural salt marsh habitats were
generally most similar to each other, independent of geographic location. The natural salt
marsh on the Gulf of California was functionally similar to the two natural salt marshes
on San Diego Bay. The constructed salt marsh was the most dissimilar from all other
sites, including the neighboring natural marshes on San Diego Bay. However, the
influence of geographical or possibly historical factors may have been responsible for the
functional similarity of the microbial communities from the tidal flat and the non-saline
sand dune sites located on the Gulf of California. The functional diversity of the
microbial communities from the seawater-irrigated agronomic sites was intermediate
compared to the other saline sites, possibly as a result of frequent agronomic disturbance.

Further studies of saline system microbial functional diversity should include analysis of
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site-specific differences in above-ground diversity and biomass, nutrient availability, as
well as soil physical and biological properties, in order to characterize similarities and
differences in the habitats of interest. Investigation of guild-specific substrate utilization
in saline soil microbial communities is warranted considering the differences found in this
study. A better understanding of the particular categories of substrates that communities

degrade may be valuable in relating functional diversity to species diversity.



Table 7.1. Guild assignments of G[-] and G[+] sole carbon sources.

Alcohols

glycerol
2,3-butanediol

Amides
laninamid
glucuronamide
lactamide
succinamic acid

Amines

2-amino ethanol
putrescine

phenyl ethylamine

Amino Acids
D,L-carnitine
D-alanine

D-serine
glycyl-L-aspartic acid
glycyl-L-glutamic acid
hydroxy L-proline
L-alanine

L-alanyl-glycine
L-asparagine
L-aspartic acid
L-glutamic acid
L-histidine
L-leucine
L-omithine
L-phenylalanine
L-proline
L-pyroglutamic acid
L-serine
L-threonine
y-amino butyric acid

Aromatic chemicals
inosine

thymidine

uridine

urocanic acid
Brominated chemicals

bromo succinic acid

Esters
methyl-pyruvate
mono-methyl succinate

Carbohydraes

3-methyl glucose
adonitol

alpha methyl-D-galactoside
alpha methyl-D-glucoside
alpha methyl-D-mannoside
alpha-D glucose
alpha-D-lactose

arbutin

beta methyl-D-galactoside
beta-methyl-D-glucoside
cellobiose

D-arabitol

D-fructose

D-galactose

D-mannitol

D-mannose

D-melezitose
D-melibiose

D-psicose

D-raffinose

D-ribose

D-sorbitol

D-tagatose

D-trehalose

D-xylose

gentiobose

i-erythritol

L-arabionse

L-fucose

L-rhamnose

lactuiose

m-inositol

maltose

maltotriose

mannan
N-acetyl-D-galactosamine
N-acetyl-D-glucosamine
N-acetyl-D-mannosamine
palatinose
sedoheptulosan

stachyose

sucrose

turanose

xylitol

Phosphorylaied chemicals
D,L-alpha-glycerol phosphate
glucose-1-phosphate
glucose-6-phosphate

Carboxylic acid
acetic acid
alpha-hydroxybutyric acid
alpha-keto butyric acid
alpha-keto glutaric acid
alpha-keto valeric acid
beta-hydroxybutyric acid
cis-aconitic acid

citric acid

D,L-lactic acid
D-galactonic acid lactone
D-galactronic acid
D-gluconic acid
D-glucosaminic acid
D-glucuronic acid
D-malic acid

D-saccharic acid

formic acid

itaconic acid

L-lactic acid

L-malic acid

malonic acid

N-acetyl L-glutamic acid
p-hydroxy phenylacetic acid
propionic acid

pyruvic acid

quinic acid

sebacic acid

succinic acid
y-hydoxybutyric acid

Polymers
alpha-cyclodextrin
beta-cyclodextrin
dextrin

glycogen

inulin

tween 40

tween 80

Miscellaneous
2-deoxy-adenosine

D-lactic acid methyl ester
fructose-6-phosphate
adenosine-5'-monophosphate
amygdalin

adenosine

salicin
thymidine-5'-monophosphate
uridine-5'-monophosphate

170
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Table 7.2. Characteristics of study sites from 5 habitat types located either on San Diego
Bay, California (SD Bay) or on the Gulf of California, Puerto Pefiasco, Mexico (Gulf).
Characters include soil pH, soil salinity measured by electrical conductivity (EC) in dS
m-1, percent gravimetric soil moisture expressed as 100 x (g H20 g1 dry soil), the
number of nematodes cm=3 soil, and inoculum bacterial density reported as CFU ml-1.

Loca- Mois- Nema-
Site (abbreviation) tion Habitat pH EC ture todes Bacteria
Agronomic Gulf agronomic 8.58 8.76 6.9 981 1.1x105
Cultivated (AC)
Agronomic " agronomic 8.57 491 55 26.83 5.1x103
Fallow (AF)
Bahia Cholla (BC) " tidal flat 9.13 175 211 044 17x107
Dune (DU) " sanddune 8.81 1.7 1.8 1.08 6.4 x 107
Estero Monia (EM) " natural 8.70 244 285 087 97x103
salt marsh
North Connector SD constructed 7.68 194 228 0.65 13x10°
Marsh (NC) Bay marsh
Paradise Creek (PC) " natural 6.58 354 1802 192 16x105
salt marsh
Sweetwater " natural 8.02 298 541 139 1.1x105

Marsh (SM) salt marsh
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Table 7.3. Sole carbon sources unique to Biolog G[+] microplates that (a) were not used
by any of the sample microbial communities, and (b) carbon sources used on G[-] but not

on G[+] microplates.

(@)

(b)

3-methyl glucose
alpha-methyl-mannoside
mannan

sedoheptulosan
thymidine-S'-monophosphate

2,3-butanediol
glucose-1-phosphate
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Table 7.4. Sole carbon sources used by all except the constructed salt marsh (NC)
microbial community.

acetic acid® L-alanined
B-cyclodextrinb L-arabinose
D.ga]actosed L-serined

D-riboseb sucrosed

D-xyloseb y-amino butyric acid®
glycogend

4 not available on Biolog G[+]
b not available on Biolog G[-]
C used by all sites on Biolog G[+]
d ysed by all sites on Biolog G[-]
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Table 7.5. The number of carbon sources used (substrate richness) by the eight microbial
study communities. Substrate richness is ranked from 1-8 for Biolog G[-] and G[+]
microplate data separately.

G[-] sources G[+] sources

Site (abbreviation) used Rank used Rank
Agronomic Cultivated (AC) 87 4 45 7
Agronomic Fallow (AF) 82 5 56 6
Bahia Cholla (BC) 78 6 60 5
Dune (DU) 72 8 66 4
Estero Moria (EM) 93 1 74 1
North Connector (NC) 74 7 31 8
Paradise Creek Marsh (PC) 90 3 71 2
Sweetwater Marsh (SM) 92 2 68 3

average (n=8) 84 59
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Figure 7.1. Cluster analysis of all 95 sole carbon sources on (a) G[-] and (b) G[+]
Biolog microplates for the eight microbial study communities: Agronomic Cultivated
(AC), Agronomic Fallow (AF), Bahia Cholla (BC), Dune (DU), Estero Moriia (EM),
North Connector Marsh (NC), Paradise Creek (PC), and Sweetwater Marsh (SM).
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Figure 7.2. Guild specific cluster analysis for resource utilization of the Biolog G{-] (a)
amino acid, (b) carbohydrate, and (c) carboxylic acid guilds. Abbreviations as in Fig.
7.1.
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Figure 7.3. Guild specific cluster analysis for resource utilization of Biolog G[+] (a)
amino acid, (b) carbohydrate, and (c) carboxylic acid guilds. Abbreviations as in Fig.
7.1.
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Figure 7.4. Principal components analysis of five site characteristics; bacteria (CFU ml-1

inoculum), soil salinity (dS m-1), gravimetric moisture (%), nematodes (no cm3 soil),
and soil pH. Vectors (denoted by arrows) are the correlation of the original variable to

PC1 and PC2. Scores of all sites on PC1 and PC2 are plotted by the site abbreviation (as

in Figure 7.1).
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8. DISCUSSION

In the study of microbial community ecology, satisfying answers to questions
posed by even the most industrious of scientists do not always surface. However,
important developments can be made by recognizing unifying patterns in ecological
communities. In the Introduction, I presented the question: What is the structure of the
microbial community in a halophyte agroecosystem? In the four chapters following the
Introduction, I described the patterns of abundance, distribution, activity, and diversity
that I observed during my studies of the soil microbial community. Below, I will discuss
and synthesize some of the patterns and processes I perceived in relation to the structure
of the microbial community in this unique ecological system.

Description of a community in terms of its abundance, distribution, and diversity
serves to characterize the set of species present in an ecological framework. In my study
of the microbial community I examined how these community descriptors are influenced
by various abiotic factors, such as resource availability and the microenvironment. These
studies, which describe patterns of abundance, distribution, and diversity, are a first step

at a ecological description of the microbial community.

Abundance

The pattern of microbial abundance in this unique agroecosystem is essentially
consistent in response to residue and largely inconsistent in response to plant presence in
comparison to conventional agronomic systems. In general, an increase in abundance of
most microbial community members (bacteria, fungi, bacterial- and fungal-feeding
nematodes) is associated with the availability of dead-plant residues. A positive response

of the microbial community to the availability of organic matter is a pattern consistent with
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that found in many published studies (see Chapter 6, Discussion). The microbial
response to resource availability, however, appears to be mediated by the quality of the
resource. Furthermore, the different trophic members of the microbial community may
respond differently to resource quality. In Chapter 4, I demonstrate that while the
abundance of fungal decomposers and nematodes reflects the halophyte residue carbon-
to-nitrogen ratio, a proxy for residue quality, the abundance of bacteria does not. None
of the microbial community, however, responds to differences in lignin content, which is
another measure of residue quality. One overlooked component of resource quality, the
physical structure of the residue, may play a major role in determining microbial
abundance and activity in these studies.

The partitioning of resources among primary decomposers, that is, bacteria and
fungi, based on the quality of the resource may allow for a large number of species to
coexisting species. In fact, Swift et al. (1979) proposed that decomposers utilize organic
resources in a commensal chain, a process that in theory should enhance microbial
diversity. For example, substrates that bacteria can competitively monopolize may be
available early in decomposition, while substrates fungi can dominate become available
later in the decay process. The temporal dynamics of resource availability may enhance
the ability of species to coexist in time, if not in space. Coexistence among the
decomposer community using halophyte residues may be mediated by the partitioning of
resources or by interference competition for space (a physical hold) on the decaying
tissues. While the abundance of bacteria and fungi on halophyte residues did not shift as
predicted by temporal partitioning, further observation of this system at a shorter time
scale may provide evidence for mechanisms of species coexistence.

In contrast to the association of the microbial community with dead-plant
residues, the microbial response to the presence of the halophyte Salicornia bigelovii is

not entirely consistent with previously published studies. In general, the presence of live
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plants has been associated with an increased abundance of both microflora, e.g., bacteria
and fungi, and microfauna, e.g., nematodes (see Chapter 6, Introduction). In my
studies, I demonstrate that the microbial community responds not to the presence of live
plants, but to the influx of dead-root derived substrates when plants become senescent.
These results suggest that resources exuded from live roots are either unavailable or of
low quality. Competition between the microbial community and plants for nutrients,
especially in nutrient-poor soils, may be one possible explanation for the observed lack of
microbial-plant association.

The relationships both within the microbial community and between the microbial
and plant community are important in determining the observed patterns of abundance.
Differential responses of soil microorganisms to changes in the spatial or temporal quality
of resources may lead to increased diversity and stability of the microbial community. A
possibly antagonistic relationship between the microbial community and live plants for
nutrient acquisition may have negative impacts on the abundance of microorganisms

and/or plants, especially if other resources are limiting.

Distribution

Spatial and temporal distribution of the microbial community suggest that
environmental conditions may be important in determining the observed patterns of
abundance. In Chapter 4, I demonstrate that the decomposition microenvironment
influences the abundance of nematode microfauna on halophyte residues in litterbags.
For example, in irrigated soils residue moisture is similar for buried and surface-placed
litterbags , and nematodes are abundant on halophyte residues in both locations. In
natural dry soils, nematodes are only abundant on buried halophyte residues, most likely
because these residues remain moist throughout most of the study while surface-placed

residues dry out.
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Residue moisture conditions appear to have affected different microbial trophic
groups in distinct ways. For example, bacteria are of similar abundance in halophyte
residues placed in either irrigated or natural dry soils. In comparison, bacterial-feeding
nematode abundance declines with changes in residue moisture when non-irrigated soils
begin naturally drying. A differential response to changes in the decomposition
microenvironment may alter the predator-prey dynamics of these two groups, and
possibly affect the competitive relationship among bacterial and fungal microflora.

The spatial distribution of microbial community members generally reflects the
location of organic resources. In chapter 5, I demonstrate that an increase in microfloral
biomass and activity is associated with the depths of residue incorporation (25-30 cm).
While the relative abundances of the bacteria and fungi are not known, the distribution of
different nematode trophic groups provides insight into the differential distribution of
microflora. In general, bacterial-feeding nematodes are most abundant within the layer of
incorporated residues, and least abundant above and below the residues. Fungal-feeding
nematodes, on the other hand, are abundant at the shallowest depth (above the
incorporated residues), intermediate at the middle depth, and least abundant below the
residues at the deepest depth.

The depth distribution of the nematode trophic groups suggests that bacterial and
fungal community members are spatially partitioning their common environment. While
this pattern may be the outcome of competitive interactions for resources or space, it may
also be due to physiological differences that limit the exploitation of the superficial versus
deep soil microenvironment. Fungal dominance in surface soils (including leaf litter
layers) has been previously demonstrated (see Chapter 5), although bacterial dominance
throughout the soil profile is not uncommon. Spatial partitioning of resources in the soil
profile is a possible mechanism of species coexistence that may lead to an increase in

species diversity.
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The temporal distribution of microorganisms reflects the gradual decay of
residues, seasonal changes in soil moisture conditions, and stage of halophyte plant
growth. As I demonstrate in Chapter 4, the abundance of microbial decomposers
generally peaks between the first 30 and 100 days of residue decay. During the initial
stages of decomposition, easily metabolized resources are utilized and recalcitrant
substrates are concentrated. Observed changes in abundance of microbial community
members most likely reflect this shift in resource availability and quality (see discussion
above).

In general, moisture conditions in seawater-irrigated soils remain unchanged over
time, while in natural desert soils residue moisture reflects seasonal changes in water
availability. Decomposers utilizing halophyte residues in natural dry soil are subjected,
therefore, to seasonally changing moisture conditions. Differences in the temporal
distribution of decomposer abundances in irrigated and natural dry soils presented in
Chapter 4 are not inconsistent with this suggestion. Evidence for the effect of residue
moisture conditions on decomposers may have been obscured by the presence of resistant
stages of the microorganisms present. Resistant stages are strategically crucial for
organisms that deal with fluctuating environments; however, they can fool researchers if
they rejuvenate when brought into the laboratory. Microorganisms that form resting
stages on decomposing residues when moisture conditions become inhabitable could have
a competitive advantage resulting from prior possession of the residues. Evaluation of
the microbial community members on dry, field-collected halophyte residues suggests
that, while nematodes are not resident, there is an abundance of bacterial and fungal
microflora. The composition and abundance of resident microorganisms will have a
substantial influence on the competitive environment when residues moisten and begin

decomposing.
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Temporal changes in abundance or activity in relation to the stage of plant growth
are perceptible for microfloral, but not microfaunal, community members (see Chapter 6).
Microfloral biomass and activity increase when plants are senescent (November) as
compared to just after peak plant growth (August). There is, however, a seasonal
microfloral increase in both the presence and absence of plants. Seasonal changes in
temperatures (from a daily high temperature of 32°C in mid-summer to 25°C in early-fall)
may strongly affect the abundance or composition of the microbial community.

The response of the microfauna to plant stage is dependent on trophic affiliation.
While bacterial- and fungal-feeding nematodes show no response to either plant presence
or plant stage, plant-feeding nematode abundance begins to decline after plants enter
senescence. These trophic-specific differences in microfaunal temporal distribution may
reflect shifts in the availability of appropriate resources. The lack of response of
bacterial- and fungal-feeding nematodes to any stage of S. bigelovii suggests that food
availability (i.e., bacteria and fungi) may be either similar, or below some threshold for
reproduction, in both the presence and absence of this halophyte.

Although evidence presented for the temporal distribution of the soil microbial
community is restricted to a relatively short time scale, some interesting patterns have
begun to emerge. Primarily, the microbial community responds to changing resource
availability, location, and quality. Further study may reveal that the addition of pulsed
(residue-incorporated) or continuously renewed (live plant) resources may elicit different
responses from the microbial community. Seasonal patterns of abundance may be quite
different among the microbial community members, and their observed response will

depend on the scale of study.
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Diversity

The diversity of the soil microbial community is determined by the abundance and
distribution of microbial species, and is a reflection of the relationship between the above-
and below-ground communities. Diversity of microbial communities in agronomic
systems may potentially be lower than in natural systems (see Chapter 7) due to limited
(or non-existent) above-ground diversity and a high frequency of disturbance. In Chapter
7, comparisons of functional diversity, a proxy for biodiversity, are presented for soil
microbial communities from halophyte systems that are either cultivated, natural, or
constructed. Microbial functional diversity in the agronomic halophyte system (a
monoculture) is lower than that of the natural (salt marsh) systems, but higher than the
constructed (disturbed marsh) system. Both the diversity of the above-ground plant
community and the disturbance regime are reflected in the functional relationships among
the microbial communities. Furthermore, geographic differences among the microbial
study communities may have played a lesser role than similarity among habitat types in
determining functional diversity in this study. A closer examination of the above-ground
(plant) and below-ground (microbial) communities would provide further insight into the
mechanisms maintaining diversity in these halophyte systems.

In summary, examination of the abundance, distribution, and diversity provides a
snapshot view of community structure and function. The manner in which community
descriptors change in space and time in response to biotic and abiotic processes captures a
panoramic portrayal of the community. As described above, the microbial community
from a halophyte agroecosystem has properties both similar and different from other
communities. The complex factors that determine the microbial community include the
influence of resource availability, quality, and accessibility; the environmental conditions,
for example, temperature or moisture; and the interactions among community members.

While no clearly synthesized view of community structure is demonstrated (or realistically
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expected), the explorations described above provide some of the pieces needed to begin

teasing apart this unique saline soil microbial community.
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