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ABSTRACT
Cell sur&ce hydrophobicity is a biosur&ctant inducible parameter associated with
increased biodegradation rates of hydrocarbons. Little is known about the types of
physiological changes that are induced by a biosur&ctant to change cell surface
hydrophobicity. The objective of this study was to investigate the rhamnolipid-induced
chemical and structural changes that cause the increase in cell sui&ce hydrophobicity of two

P. aeruginosa strains; P. aeruginosa ATCC 27853 and P. aeruginosa ATCC 9027. Both
&tty acid and lipopolysaccharide content of cells were measured during growth on a soluble
substrate; glucose, and a slightly soluble substrate; hexadecane in the presence and absence
of monorhamnolipid.
Cell surface hydrophobicity is a dynamic surface property that changes depending
on strain, growth stage, substrate, and rhamnolipid addition. Resuhs showed a general
decline in the readily extractable lipid content that was correlated with increase in cell surface
hydrophobicity. This decline took place only when growing cultures was supplied with
rhamnolipid.

In addition, rhamnolipid treatment caused a partial

release of

lipopolysaccharides (LPS) from the cells. This was indicated by BwDO analysis and by SDSPAGE analysis of LPS from culture supernatant. Also, LPS release from both strains was
rhamnolipid concentration-dependent. Rates ofLPS release from suspensions prepared from
cells of both strains were highest at low rhamnolipid concentrations. Although increase in
cell sur&ce hydrophobicity was associated with LPS release, the amount ofLPS released did
not correlate with cell surface hydrophobicity. Rather the amount ofLPS release was strain
dependent. Cell surface ultrastructure revealed by scanning electron microscopy showed
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that the cells studied have a naturally rough sur&ce. Cells grown in the presence of
rfaamnolipid had a smooth surfacc indicating a loss of the LPS from the outer membrane.
Cells grown on hexadecane in the presence of rfaamnolipid had deep pits on the cell surface
whicfa may act as hydrophobic sites that allow increased hexadecane absorption. These data
suggest that biosur&ctant addition caused LPS loss resulting in development of cell surface
hydrophobicity.
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CHAPTER 1
INTRODUCTION
Cell sur&ce hydrophobicity results from the unique chemical structure of the outer
most surface of the ceil. In the case of a gram n^ative bacterium this structure is the outer
membrane. Several studies have shown it is possible to modify the outer membrane of gramnegative bacteria by mutation or by the addition of chemical agents such as EDTA. The lipid
fraction of the outer leaflet of the outer membrane of P. aeruginosa is primarily composed
of lipopolysaccharide (LPS). It has been shown that LPS mutants have increased afiBnity and
absorption of hydrophobic probes (Kropinski et al., 1978; Nikaido, 1976; Nikaido and
Vaara, 1985; Roantree et al., 1977; Rotten et al., 1979; Sanderson et al. 1974). EDTA
treatment of cells causes partial release ofLPS (Gray and Wilkinson, 1965; Gilleland, et al.,
1973; Leive, 1965; Rogers et al., 1969), resulting in cells that are more susceptible to the
action of hydrophobic antibiotics (Leive, 1965; Leive, 1974). The mecheuiism of EDTAinduced LPS loss is through chelation of divalent cations, namely Mg^*, which results in a
weakening of LPS-LPS interaction and release of LPS to the growth medium (Nikaido and
Vaara, 1985). The loss of LPS from the outer leaflet of the outer membrane may cause a
temporal exposure of the hydrophobic fatty acids chains associated with phospholipids of
the inner leaflet of the outer membrane, or at least decreases the compaction of the outer
leaflet of the outer membrane which allows increased passage of large hydrophobic
compounds. Nikaido and Nakae (1979) suggested that this space may be refilled with
hydrophobic components such as phospholipids which results in a more hydrophobic cell
surface.
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The ability of P. aeruginosa to utilize hydrocarbons as a source of energy has been
demonstrated in several studies (Nakahara et al., 1977; Zhang and Miller, 1992; 1994;
Miller, 199S). In most cases, however, the rate of utilization is slow compared to readily
soluble compoimds like sugars (Zhang and Miller, 1992). Biosur&ctants have been shown
to enhance both the solubility and the solubilization rate of hydrocarbons. Moreover,
biodegradation rates of slightly soluble compounds are increased significantly in most cases
upon the introduction of biosurfactants to a reaction vessel (Zhang and Miller, 1992). It
appears that biosurfactant enhanced biodegradation is not simply a function of enhanced
solubility, but is also a function of biosurfactant induced changes in the cell surface. For
example, Zhang and Miller (1994), found that rhamnolipid not only increased the apparent
solubility of hydrocarbons, but also modified the cell surface resulting in increased
hydrophobicity. Further, Herman et al., (1997) showed that addition of rhamnolipid
induced formation of multicellular aggregates implying that the cells forming these
aggregates are hydrophobic in nature. This means that the intrinsic ability of a cell to interact
with hydrocarbons (mainly attachment to a hydrophobic phase and hydrocarbon uptake) in
a growth medium increase significantly in the presence of rhamnolipid.
In addition to its detergency properties, which are manifested through enhanced
hydrocarbon solubilization and biodegradation, rhamnolipid has been shown to be an
effective metal complexation agent ( Herman et al., 1995; Tan et al., 1994; Torrens et al.,
1998). Thus it is possible that rhamnolipid acts on the cell surface as both a solubilization
agent (detergent) and a chelating agent to produce higher cell surface hydrophobicity. More
specifically, the hypothesis of this work was that rhanmolipid addition may affect cell surface
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hydrophobicity by causing removal ofLPS through both solubilization ofLPS by interacting
with the lipid part ofLPS, and by complexation ofM^*causing destabilization ofLPS-LPS
interaction.
The objective of this study was to investigate the rhamnolipid-induced chemical and
structural changes that cause the increase in cell sur&ce hydrophobicity of two P.

aeruginosa strains; P. aeruginosa ATCC 27853 and P. aeruginosa ATCC 9027. Both fatty
acid content and LPS content of cells were measured during growth on a soluble substrate;
glucose and a slightly soluble substrate; hexadecane in the presence and absence of
rhamnolipid.
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CHAPTER 2
LTTERATUKE REVIEW
Hydrocarbons: Solubility. Uptake, and Biodegradation
Hydrocarbon is a broad term that comprises a wide variety of chemical compounds
that contain carbon and hydrogen as primary constituents. This is a group of compounds
that have existed in the environment for a long time and they are often utilized by
microorganisms as sources of carbon and energy. For the purposes of this review, the
term hydrocarbon will refer to biodegradable compounds that may exist in the
environment asaresuh of natural processes or via anthropogenic addition but in either
case they pose a contamination problem. In this context, petroleum derived hydrocarbons
are the most ubiquitous type of hydrocarbon contamination.
Petroleum hydrocarbon contaminants are usually found in the environment as mixtures
of compounds. Hydrocarbons can be divided into three classes (Olah and Molnar, 1995)
based upon chemical structure. Aliphatic, which are open hydrocarbon chains (acyclic), that
can be hydrogen saturated (n-alkane) or can have one or more carbon-carbon double or
triple bonds (alkenes and alkynes, respectively). The second class of hydrocarbons are the
alicyclics which are closed rings with various degrees of hydrogen saturation. The third
class of hydrocarbons are the aromatic hydrocarbons (arenes), which consist of one
(benzene) or more cyclic arrangements of unsaturated carbon atoms. Hydrocarbons are
generally characterized by low water solubility and high sorption; two important factors
in their persistence in the environment.
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Factors Affecting Microbial Uptake and Biodegradation of Hydrocarbons
Biodegradability of hydrocarbons is a fiinction of several &ctors. These &ctors can
be divided into hydrocarbon-related,, environment-related, and microorganism-related.

Hydrocarbon Related Factors; Solubility, Structure, and Sorption
Hydrocarbons are characterized by low aqueous solubility (Singer and Finnerty,
1984; Mackay and Shiu, 1977), which is highly dependent on the structure of the compound.
Generally, the higher the carbon number of the compound the lower the solubility is (Table
2-1). It can be argued that solubility is a unique factor that can be used as an indicator for
biodegradability of hydrocarbons. The reason for such an argument is that in most cases, the
lower the solubility of the hydrocarbon, the lower the bioavailability and in turn the
biodegradability of that hydrocarbon. Thus, hydrocarbons of chain length > Cig are very
slowly biodegraded, because their aqueous solubility is less than 0.006 mg/L. Hydrocarbons
of chain length < Cm have a relatively high solubility (12.3 mg/L for n-hexane to 0.05 mg/L
for n-decane). While this group of hydrocarbons is readily biodegradable, they also cause
toxicity by partitioning into and altering the fluidity of the cell membrane.
Other structure-related factors affecting biodegradability are branching, and
substitution. Branching points in a hydrocarbon are believed to sterically hinder the
association of degrading enzymes with the hydrocarbon thus hindering biodegradation. A
second structural change that affects biodegradation is substitution, for example with a
halogen such as chloride which is substitution of hydrogen by halogens (e.g. chlorination).
Halogens are electron-withdrawing atoms and it takes a great deal of energy to break
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carbon-halogen bonds. Electronegative substitutions slow biodegradation considerably.
Another constraint to hydrocarbon bioavailability is sorption to solid matrices of soils
and sediments. Soils and sediments are multiphasic stationary systems with a mobile water
phase that is polar. The solid phase of these systems is universally composed of an inorganic
part (minerals) and an organic part (organic nutter). A multitude of sorption mechanisms
can act on hydrocarbons in contact with solid matrices such as hydrophobicinteractions with
the organic matter, chemosorption, and hydrogen bonding (Hassett and Banwart, 1989).
In general, all forces opposing solvation of chemicals in water are considered to favor
sorption to nonpolar moieties in a solid matrix. Thus, nonpolar hydrocarbons are expected
to be highly sorbed to solid matrices of soils and sediments.

In &ct, far higher

concentrations of hydrocarbons have been recovered from sediments and soil samples than
their respective aqueous solubility (Neilson, 1994).

Environmental Related Factors; Oxygen and Nutrients
Oxygen and nutrients are often limiting factors in bioremedial operations (Atlas and
Bartha, 1992). Hydrocarbon oxidation is an oxygen demanding process. This problem is
aggravated by the low solubility of oxygen in water and low oxygen diffusion rates especially
in the subsurface soil and ground water. After a spill, oxygen is quickly depleted from the
contaminated domain with no tangible removal of the contaminating hydrocarbons (Pierce
et al., 1975). Although petroleum hydrocarbons have been shown to be degraded
anaerobically (Jamison et al. 197S), the rate of this process is negligible when compared to
aerobic biodegradation (Atlas, 1981). Supplying oxygen to the contaminated site, by soil
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Table 2-1. Solubility of selected alkanes.

Compound

Hexane

Carbon atom Solubility
number

(mgL"')

6

9.5
12.3

Source(s)

BeU (1973)
Eastcott et al. (1988)

Decane

10

0.052

BeU (1973)

Hexadecane

16

0.0063

BeU (1973)

0.0052

Eastcott et al. (1988)

0.0060

BeU (1973)

0.0040

Eastcott et al. (1988)

Oaadecane
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aeration (Atlas and Bartha, 1993), or by direct supply of various oxygenforms such as dilute
solutions of hydrogen peroxide ^rovm et al., 1985) have proven to be an efficient measure
for enhancing biodegradation rates.
The sudden introduction of hydrocarbons to a natural habitat which usually contains
low concentrations of inorganic nutrients (Leahy and Colwell, 1990), as is the case in an oil
spill, creates a state of nutritional imbalance in that environment. Carbon/nitrogen and
carbon/phosphorus ratios determine to a great extent the rate of microbial growth on the
available carbon source; in this case the hydrocarbon. A limiting supply of nitrogen and/or
phosphorus in many hydrocarbon-contaminated habitats is a major hindrance for
biodegradation, and adjustment of nitrogen/phosphorus/carbon ratios by addition of
fertilizers has been shown to stimulate biodegradation of hydrocarbons in soil and aquatic
environments (Atlas and Bartha, 1973; Dibble and Bartha, 1976; 1979; Horowitz and Atlas,
1977; Olivieri et al., 1976; Pritchard and Costa, 1991). For example, the Exxon Valdez oil
spill on the beaches of Prince William Sound, Alaska, resulted in significant contamination
of the beach material. The efficacy of oil degradation was limited by the availability of
nitrogen and phosphorus (Pritchard and Costa, 1991). Of all the different treatments applied
to the contaminated plots on the beach, addition of slow release nitrogen and phosphorus
fertilizers showed the most biodegradation enhancement in the beach material.

Microbial Related Factors
Hydrocarbon degrading organisms are naturally abundant in nearly all environments
(Atlas, 1981, Buckley etal., 1976), and in those cases where a foreign hydrocarbon material
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is introduced to the microbial habitat Q.e an oil spill), hydrocarbon degrading species
proliferate extensively, sometimes dominating the microbial community in the contaminated
domain (Atlas and Bartha, 1972; Pierce et al., 1975; Pritchard and Costa, 1991; Walker and
Colwell, 197S). For instance, after a spill of residual fuel oil in beach sand in Upper
Narragansett Bay, Rhode Island, a rapid enrichment of hydrocarbon-degrading bacteria
(from about 20% to 100% of the total bacterial count) occurred during a period of 4-16 days
and maintained at high levels at least one year after the spill (Pierce et al., 1975). However,
the residual fuel did not actually disappear as a result of the extensive microbial growth.
Instead, the levels of hydrocarbon declined only marginally within one year with an
accompanying increase of the ratio of polycyclic and branched aliphatic hydrocarbons to the
rest of hydrocarbons in the spill domain.
Hydrocarbons are degraded by microorganisms via cell associated enzymes (Gibson,
1971; Ratledge, 1978). Thus, for a hydrocarbon molecule to be degraded, it must be
imported to the inside of the cell across the cell envelope, wliich implies the need for a direct
contact between the degrading cell and the substrate. The requirement for this contact
makes hydrocarbon degradation a slow process in most cases because of the limited supply
of the substrate in the aqueous phase where the degrading organisms naturally exist.
Microbes faced with hydrocarbon contamination have been shown to experience
several adaptation processes through which they acquire a better degradation capabilities.
Most adaptation processes a microorganism might imdergo aim primarily to either increase
the solubility of the hydrocarbon or to eliminate the complete dependence on the soluble
hydrocarbon phase and utilizing other phases such as the nonaqueous phase liquid or the
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hydrophobic solid phase directly. Production of emulsiiying agents and development of
attachment capabilities to the nonaqueous phase are examples of such adaptations.

Microbial Adaptations
Nficroorganisms require high water potential in their environment to achieve
maximum activity. Hydrocarbons are hydrophobic molecules with low water solubility.
When hydrocarbons are present in excess of their water solubility in a particular
environment, a separate nonaqueous phase is formed that is virtually inaccessible to
degrading microorganisms living in the bulk solution. Four modes of hydrocarbon uptake
by microorganisms have been observed (Miller, 1995). These include uptake of soluble
phase hydrocarbon, direct uptake from a nonaqueous phase solid or liquid, direct uptake
from dispersed submicron droplets in the aqueous phase, and finally uptake of emulsified or
"micellized" hydrocarbon phase as a result of biosurfactant production (Fig 2-1). Also,
vapor phase hydrocarbon resulting from volatilization oflow molecular weight hydrocarbons
can support the growth of bacteria on minimal agar plates (Kiyohara et al., 1982). Still,
hydrocarbon uptake from the soluble phase is the most important mode of uptake, and other
uptake modes only become significant to the overall consumption of the hydrocarbon as
solubility becomes more limiting as is the case in high molecular weight hydrocarbons.
Microorganisms that are able to efBciently utilize hydrocarbons undergo two major
adaptations to overcome the problem of low hydrocarbon solubility. One adaptation
microorganisms undergo is development of higher relative cell surface hydrophobicity. This
allows the degrading microorganism to attach to the separate hydrocarbon phase and directly
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Hydrocarbon phase

Aqueous phase

Fig. 2-1 Modes of miaobial uptake of hydrocarbons; A, dissolved phase uptake; B, direa
uptake from nonaqueous phase (continuous phase and large oil drops); C, uptake from
emulsified (submicron) droplets; D, uptake from emulsified and micelized phase, (adapted
from Miller, 1995).
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uptake the substrate. Such attachment eliminates the limiting requirement for mass transfer
of the hydrocarbon from the nonaqueous phase to the aqueous phase. A second adaptation
is the production and release of sur&ce active agents (biosur&ctants) that increase the
aqueous solubility (or the apparent aqueous solubility) of the hydrocarbon. Biosurfactant
production is a direct solution for the most important constraint on hydrocarbon
biodegradation; bioavailability.

Attachment
Efficient biodegradation of large hydrocarbon spills cannot be achieved in a timely
manner if microorganisms must grow on the very limited soluble phase of the hydrocarbon.
In order to achieve better clean up of a spill, degrading organisms should be able to
approach, and preferably attach to the hydrophobic phase. Microbial attachment to a
hydrophobic phase can be thermodynamically achieved by acquiring a relatively hydrophobic
surface that causes the organism to preferentially leave the bulk hydrophilic phase, i.e. the
aqueous phase, and approach the hydrophobic phase which is the oil or hydrocarbon phase.
This allows the organism to directly uptake the substrate from the separate phase, which
eliminates problems of slow mass transfer and low solubility.
The physical state of the hydrocarbon has a profound affect on the behavior of the
degrading organism. Polycyclic aromatic hydrocarbons (PAHs) normally exist in a solid
state, while aliphatic hydrocarbons can be in gaseous- (e.g. methane), liquid- (chain length
< Cifi), or solid- (chain length > Cj^) phase. The physical state of the hydrocarbon plays an
important role in determining the uptake mode of that hydrocarbon.

27
Many studies have shown that liquid state hydrocarbons promote attachment and
direct uptake of the hydrocarbon from the nonaqueous phase (Miller, 199S). Since the
sur&ce area available for attachment to the hydrocarbon phase can be limited, uptake of
liquid hydrocarbon is limited by the sur&ce area of oil-water inter&ce. In natural conditions,
like aquatic environments, hydrocarbons might disperse to form heterogeneous emulsions
of variable drop sizes (Gutnick and Rosenberg, 1977). The drop size in the emulsion can
vary from a continuous phase liquid (i e large drops), to microemulsions with droplet size
below 1 ^m in diameter. As a general rule, degrading microorganisms that are able to attach
to the oil-water interface and uptake hydrocarbon molecules directly from the nonaqueous
phase, will have an efiBciency of biodegradation directly proportional to the nonaqueous
phase surface area available (Atlas, 1981).
Several hydrophobic attachment mechanisms have been proposed for different
bacteria. Examples of these are; presence of thin fimbriae on the surface of Acinetobacter

calcoaceticus (Rosenberg and Rosenberg, 1981), presence of an exposed mannan-fatty acid
complex on the surface of Candida tropicalis (Kappeli et al., 1978), and lack of the
exopolysaccharides on the surface of Pseudomonas fluorescens (Pringle et al., 1983). In
fact, most species successful in degrading hydrocarbons have the ability to attach, and
subsequently consume the hydrocarbon directly from the nonaqueous phase. For instance,

Candida lipolytica cells were mostly found at the oil-water interface, air-water interface, or
clumping to each other when grown on hexadecane (Nakahara et al., 1977). Also, a

Pseudomonas sp. growing on hexadecane in a pure culture was mostly found attached to the
hexadecane phase (Goswami and Singh, 1991).
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Attachment has not been shown to be the miyor utilization form of solid
hydrocarbons. In fact, most of the literature available on solid hydrocarbons uptake support
the hypothesis that utilization of solid hydrocarbons mainly takes place through utilization
of the soluble portion of that hydrocarbon (Miller, 1995). Thus, the rate of growth is directly
proportional to the mass transfer rate of the solid l^drocarbon. This have been shown with
phenanthrene(Kohleretal., 1994), 4>chlorobiphenyl, and naphthalene (Thomas etal., 1986).
Solid hydrocarbons are usually of higher molecular weight than liquid hydrocarbons, thus
they are less soluble in water. Also, the surface area available for mass flow from the solid
to the soluble state is limited which aggravates the problem of even slower solubilization
rates. Nonetheless, slow growth on many long chain hydrocarbons (up to C44 carbon chain
length) have been reported (Cameotra et al., 1983; Hallas and Vestal, 1978; Haines and
Alexander, 1974; Hanldn and Kolattukudy, 1968; Zilber et al., 1980). In order to get
growth response of Micrococcus cerificans on nonacosane, the hydrocarbon had to be
coated on diatomaceous earth to increase the surface area (Hanldn and Kolattukudy, 1968).
There have been a limited number of reports suggesting the possibility of attachment
to a solid phase hydrocarbon. For example, Zilber et al. (1980) found that most of the
tetracosane utilized by a Pseudomonas culture was directly absorbed from the solid phase
and most cells actively growing on that substrate within the culture were actually in direct
contact with the solid phase. Also, Guerin and Jones (1988), reported diMycobacterium sp.
colonLdng phenanthrene particles, and growing while attached to the hydrocarbon.

Produrtion of Biosurfactants
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Microorganisms produce and release to their environment a multitude of surface
active agents that have the ability to alter surface tension properties of water and
consequently increase hydrocarbon aqueous solubility. This ability is considered by many as
a microbial adaptation to increase the bioavailability of slightly soluble compounds

Qi.t

hydrocarbons) for more effident biodegradation (Miller, 1995).Bioremediation technology,
and especially the application of biosui&ctants or in situ biosurfiictant production on the
field scale is still in its primary stages. Bench scale studies, and the limited field trials of
bioremediation with the use of biosurfactants present a promising, inexpensive, and
environmentally fiiendly option for reclaiming contaminated sites. Yet, many aspects of
biosurfactant interactions with degrading cells, enviroiunental elements, and the contaminant
are not yet weU understood.

Biosurfactant properties
Biosurfactants are amphipathic compounds that have the ability to reduce the surface
tension and interfacial tension of liquid media. Like chemically synthesized surfactants,
biosurfactants increase hydrocarbon aqueous solubility. However, biosurfactants have
several advantages over chemically synthesized surfactants such as a lower or lack of
toxicity, biodegradability (Zajic et al., 1977), higher foaming effect (Razafindralambo et al.,
1996), and

higher activity at extreme environmental conditions such as extreme

temperature, salinity, and pH (Kretschmer et al., 1982). Also, biosurfactants can be
produced fi-om a relatively inexpensive, renewable, and diverse feed stocks and precursors
such as hydrocarbons and carbohydrates.
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Microorganisms make and releasebiosmfiictants to their inmiediate environment, and
the modifications resulting from this release are usually &st and can be dramatic. For
example, the measured sur&ce tension values for bacterial culture media supematants in
which a biosurfactant is produced reach values as low as 2S dyn cm'^ This represents an
almost 3 fold reduction of the original medium sur&ce tension value of 72 dyn/cm, which
is similar to the surface tension value of distilled water. Examples of such biosurfactants are
rhamnolipid (Hisatsuka et al., 1971; Lang and Wagner, 1987; Parra et al., 1989; Zhang and
Miller, 1992), and trehalose lipid (Margaritis et al., 1979; Margaritis et al., 1980).
Biosurfactants are a structurally diverse group of compounds that are categorized
according to their microbial origin and chemical composition. Some microbial surface active
agents are produced universally such as phospholipids (Fig 2-2A) which are common to all
living organisms, while others are less common such as lipopolysaccharides (Fig 2-2B) which
are found in gram-negative bacteria only. Other surface active compounds are genus
specific such as rhamnolipid produced by Pseudomonas sp. The focus here is mainly on
those compounds that are produced by microorganisms in relatively large quantities and are
released extracellularly. Table 2-2 shows the major categories of such microbial
biosurfactants and their origin. There are a number of reviews dealing with microbial
surfactants in more details (Desai and Banat, 1997; Desai and Desai, 1993; Rosenberg,
1986; Kosaric et al., 1983). The best known biosurfactants are the glycolipids. These are
mainly composed of one to few sugar moieties covalently linked to an aliphatic fatty acid or
hydroxy fatty acid. The best studied glycolipids are rhamnolipids produced hy Pseudomonas
sp., sophorolipids produced by Torulopsis and Candida, and trehalolipids produced by

Table 2-2. Biosuifactants and their origins
Biosurfactant Group

Example(s)

Producing Organism

Reference

Glycolipids

Rhamnolipid

Pseudomonas aeruginosa

Guerra-Santos et al., 1986

Trehalolipid

Rhodococats erythropolis

Rapp et al., 1979

Sophorolipid

Torulopsis bomhicola

Gobbert et al., 1984

Polymyxins

Bacillus polymyxa

Suzuki et al., 1%S

Surfactin

B. subtilis

Bemheimer and Avigad, 1970

polymeric

Emulsan

Acinelobacter calcoaceticus Zosimetal., 1982

surfactants

Liposan

Candida lipolytica

Cirigliano and Carman, 1984; 1985

Protein polymer

P. aeruginosa

Hisatsuka et al., 1972; 1977

Lipopeptides
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Rhodococcus, Mycobacterium, Nocardia, Corynebacterium, and Arthrobacter (Desai and
Banat, 1997). This dissertation is focused on rfaamnolipid produced byP. aeruginosa ATCC
9027.
Jarvis and Johnson (1949), first described the rhamnolipid produced by P.

aeruginosa. There arc two major types of rhamnolipid; L-rhamnosyl-P-hydroxydecanoyl-Phydroxydecanoate or monorhamnolipid (Fig. 2-2A), and L-iiiamnosyl-L-rhamnosyl-Phydroxydecanoyl-P-hydroxydecanoate or dirhamnolipid (Edward and Hayashi, 1965;
Hisatsuka et al., 1971; Itohetal., 1971; Itoh and Suzuki, 1972; Zhang and Miller, 1992).
Although these two rhamnolipid types are the most commonly observed in most P.

aeruginosa strains, other studies report important variations of these types. For example,
Hirayama and Kato (1982) reported the synthesis of methyl ester derivatives of both types
of rhamnolipid, and rhamnolipids with variations in the composition of the fatty acid chains
have been observed (Lang and Wagner, 1987; Parra et al., 1989; Rendell et al., 1990).
Thus, it can be said that while the general structure of rhamnolipid is common to all P.

aeruginosa strains producing it, the exact chemical formula of the compound is almost strain
specific. For instance, P. aeruginosa ATCC 9027 produces a monorhamnolipid (one
rhamnose moiety) only (Zhang and Miller, 1992), while P. aeruginosa IGB83 produces a
mixture of mono- and dirhamnolipid (Zhang and Miller, 1995).
Biosurfactant monomersspontaneously form ordered aggregates due to electrostatic/
hydrophobic interactions. The equilibrium concentration of a biosurfactant needed to
initiate such aggregation is called the critical micelle concentration (CMC). Any additional
monomers above CMC in aqueous solution will aggregate forming either a monolayer
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Fig 2-2 Examples of biosurfactant structures. (A) rhamnolipid, a glycolipid produced by
Pseudomonas aeruginosa. R=H, rhamnosyl, or CO-CH-(CH2)s-CH3, Rj and Rj = C^2b+i»
Rj = H or CHj. (B) surfactin, a lipopeptide produced by Bacillus subtilus. (C) a
lipopolysaccharide from Bhodopseudomonas sphaeroides. The lipid A moiety usually
consists of a phosphorylated P-l,6-linked D-glucosamine disaccharide backbone with esterand amide-linked fatty acids (Cloutier and Kosaric, 1993). (D) phosphatidylcholine, a
phospholipid. Miller (1995).
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aggregate (micelle) or a bilayer aggr^ate (vesicle or lamella). A micelle is a spherical
structure possessing a hydrophobic core composed of the &tty acid moieties of the individual
monomers and a hydrophilic exterior exposing the hydrophilic heads of surfactant
monomers. A vesicle is a bilayer structure with the hydrophobic parts of the sur&ctant
molecules directing to the inside core from both layers and the hydrophilic heads exposed
to the outside environment on both sides of the structure. Both structures have the ability
to encapsulate hydrocarbon molecules making them more bioavailable for microbial attack.
The nature of structure formed by the sur&aant monomers is dependent on the
environmental conditions. For example, Champion et al. (1995), showed that rhamnolipid
stnictures formed are a fiinction of pH, where the structures formed changed from lamellar,
to vesicular, to micellar as pH increased over a range of 5.5 to 8.0 in the solution. Also,
addition of a divalent cation (cadmium) favored and stabilized the formation of vesicles,
while addition of a nonpolar hydrocarbon (octadecane) favored the formation of micelles.
Vesicles are the structural basis for the formation of biological membranes, owing
to the abundance and variation of biological compounds that possess amphipathic properties
such as phospholipids, glycolipids, lipopolysaccarides, etc. Synthetic vesicles, and especially
phospholipids based vesicles (liposomes) have been used often as models for membrane
systems mainly for studies of drug delivery to cells. Lipophilic drug molecules encapsulated
into vesicle structure are protected against adverse environmental factors and are stable for
long period of time (Kimelberg and Mayhew, 1978). In addition, there are only few studies
dealing with encapsulation of hydrocarbons into vesicular structures (Szoka and
Papahadjopoulos, 1980). Hydrocarbon solubility enhancement using phospholipid vesicles
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seems to be very a effective technique. For instance, the use of phosphatidylcholine vesicles
increased the solubility of octadecane (C|,) and hexatriacontane (C^) by about 8 and 7
orders of magnitude, respectively (Miller and Bartha, 1989).
Rhamnolipid has a typical surfactant structure in the sense that it contains a polar
head composed of one or two rhamnose sugars and sometimes a carboxyl group, and a
nonpolar tail composed of one or two &tty acids with variable chain length (Fig. 2-2D). The
presence of rhamnolipid in the culture medium of a hydrocarbon enhances the solubility of
the hydrocarbon. Zhang and Miller (1992) reported an enhancement of octadecane
dispersion of more than 5 orders of magnitude (from 0.009 to >250 mg/liter) due to the
presence of monorhamnolipid. Biodegradation of octadecane was enhanced 4-fold in the
same study. However, biodegradation of the respective hydrocarbon is not always a
function of increased solubility (or apparent solubility), and in some cases inhibition of
biodegradation in the presence of rhamnolipid has been reported (Providenti et al., 1995).
Rhamnolipid concentration in a hydrocarbon-contaminated medium is an important
parameter that influences the resulting effects ofbiosurfactant addition. This is because both
hydrocarbons and degrading

organisms react differently to different rhamnolipid

concentrations. When a biosurfactant is added to a hydrocarbon-contaminated solid matrix,
two main hydrocarbon removal processes are expected. These are; 1) Enhanced
mineralization, which is an increased rate of hydrocarbon biodegradation by indigenous or
added microorganisms as a result of the increased solubility, and in turn the bioavailability,
of the hydrocarbon. This process is usually quantified by measuring the evolved COj, and
2) mobilization, which is the process of elution of the hydrocarbon free product and/or its
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biodegradation intermediate metabolites from the system. A prerequisite for mobilization
of solid hydrocarbons is desorption from the solid matrix and solubilization, while liquid
hydrocarbons need to be desorbed and solubilized or emulsified before they can be eluted.
The two removal processes mentioned above can be concentration dependent (Herman et
al., 1997a, b). For instance, a rhamnolipid concentration of 0.01 mM, which is below CMC
concentration (0.03 mM), enhanced in situ mineralization of entrapped hexadecane by two

P. aeruginosa strains; ATCC 15524 and R4, in well-mixed soil slurry system. In contrast,
there was a variable strain-related effect on hexadecane mineralization by these two strains
in sand packed columns (Herman et al., 1997b). P. aeruginosa R4 showed a positive
response to rhamnolipid addition at sub-CMC concentrations and was able to mineralize
more than 50% of the residual hexadecane, while P. aeruginosa ATCC 15524 experienced
inhibition after mineralization of only 17%-25% of the entrapped hexadecane. On the other
hand, a rhamnolipid concentration of 1.0 mM (well above CMC), severely inhibited
biodegradation of hexadecane by P. aeruginosa ATCC 15524, while showing no effect on
hexadecane biodegradation byP. aeruginosas^ in sand-packed columns. In the same study,
concentrations above CMC enhanced hexadecane mobilization, while concentrations below
CMC had no effect. These data show that the quantity of hexadecane removed and the
mechanism of removal from sand columns was a fiinction ofboth rhamnolipid concentration
applied and the degrading strain present.
The evolutionary significance for the production and release of biosurfactants is not
yet well understood. As far as hydrocarbon utilization is concerned, biosurfactants are
produced by a variety of organisms during growth on hydrocarbons (Rambeloarisoa et al.,
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1984), and the effect of such production is tangible in &cilitating hydrocarbon utilization.
Also, addition of biosur&ctants to cultures growing on hydrocarbons causes various
stimulatory effects that results in significantly improved utilization (Oberbremer et al., 1990;
Zhang and Miller, 1992,1995). However, other reports contradict a generalization of such
theory. For instance, biosur&ctants are produced by microorganisms on a variety of
hydrophilic substrates, e.g. glucose (Robert et al., 1989), which means that biosur&ctant
production is not necessarily a direct response to the presence of hydrocarbon substrate in
the microbial environment.

Also, biosurfactant addition has been shown to inhibit

hydrocarbon utilization by otherwise able organisms (Falatko and Novak, 1992). Still, the
close relationship between biosur&ctants and the enhanced hydrocarbons uptake can not be
overlooked, and biosurfactant production in the presence of hydrocarbons seems to confer
an evolutionary advantage. There is also an indication that biosurfaaants might have other
environmental funaions such as increasing nutrient availability, mitigating metal toxicity
through complexation (Herman et al., 1995; Miller, 1995), and acting as fungicides
(Stanghellini and Miller, 1997).
Most of the studies that have dealt with biosurfactant production and addition to a
hydrocarbon biodegradation system concentrated onenhancement ofbiodegradation through
increasing solubility and bioavailability of the hydrocarbon to the degrading organism. As
important as this aspect of biosur&ctants action is, there are still other important effects of
biosurfactants on the system. For instance, it is suspected that hydrocarbon uptake into the
degrading organism is a major constraint to biodegradation. Although hydrocarbon
solubility enhancement is important in making the substrate more bioavailable to the
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degrading organism, it does not ensure better translocation of the hydrocarbon to the inside
of the ceil ^ere

biodegradation

actually takes place.

Thus, it is possible that

biosur&ctants might also enhance biodegradation through improving the uptake ci^ability
of the degrading organism. One important &cet of such enhancement is manipulating the
cell sur&ce hydrophobicity of the degrading organism. This issue ofbiosur&ctant action will
be discussed in the next section.

Cell Surface Hvdrophobicitv
Hydrophobicity is a relative term that is often used to describe the relative surface
tension of a particular surface. Microbial ceil surface that experience some degree of
hydrophobicity is actually a complex mixture of hydrophobic and hydrophilic zones. One
must bear this in mind when applying the term hydrophobic to a bacterial surface.
However, for practical purposes the net resultant of the bacterial behavior towards a
hydrophobic surface, or phase can be used, and when doing so we are assuming that the
bacterial surface is a homogeneous pattern of molecules that shows the same level of afiSnity
to the surface or phase in question. In the context of hydrocarbon biodegradation, cell
surface hydrophobicity is related to two important phenomena. These are adhesion to
hydrophobic phases and permeation of hydrophobic substances across the cell envelope.
Cell surface hydrophobicity is a dynamic property that is related to the organism and
its environment. Measurement and description of bacterial cell sur&ce hydrophobicity
involve three different components; the microbial cell surface, the hydrophobic surface, and
finally the medium containing the surfaces. The degree of interaction between two surfaces
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can be thennodynamically explained by the sur&ce tension properties of each of the two
sur&ces and the medium in which the interaction is taking place (Hancock, 1991). The
system containing the two surfaces tend to achieve the highest entropy and minimum free
energy in the medium, the m^orityofv^ch is water molecules (Absoiometal., 1979). This
entails a maximum degree of interaction between hydrophobic sur&ces and particles on one
hand, and the minimum d^ree of interaction between hydrophobic sur&ces and hydrophilic
particles on the other hand. In other words, hydrophilic bacteria stay in the solution or
adheres to a hydrophilic sur&ce, because the surface tension of its surface is near that of the
medium (i.e. water), while hydrophobic bacteria adheres to hydrophobic surfaces or phases
because the interfacial tension between the bacterial surface and the hydrophobic phase is
lower than the sum of the interfacial tensions between the medium and the two surfaces.
Absolom et al. (1983), studied the surface properties of several bacterial species and
different substrata of different relative sur&ce hydrophobicity in a suspension medium with
adjustable surface tension properties using variable concentrations of dimethyl sulfoxide.
They found that bacteria tend to adhere more to hydrophilic substrata than to hydrophobic
substrata when the surface tension of the bacterial surface is larger than of the suspending
medium. When the bacterial surface tension is lower than that of the suspending medium,
bacteria adhered more to hydrophobic substrata and did not adhere at all to a hydrophilic
substrata.

Relationship Between Cell Surface Hvdrophobicitv and Hydrocarbon Uptake
Hydrocarbons are degraded inside the cell via cell-associated enzymes. Thus,
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hydrocarbon molecules must be transported to the inside of the cellular compartment in
order to be degraded. The first step is a direct contact between the degrading cell and the
hydrocarbon. The problem here is that the bacterium lives in water (l.e. hydrophilic entity),
while hydrocarbons have extremely limited solubility, and in many cases form a separate
nonaqueous phase. A second step in the biodegradation of a hydrocarbon is that the
hydrophobic molecule must traverse the thickness of the envelope to the degradation site
within the cytoplasmic membrane and the cytoplasm. This presents a special problem to
hydrocarbon degradation since bacteria have evolved specific uptake mechanisms for
charged nutrients (e.g. minerals), and have developed specific diffusion channels, and active
transport systems for hydrophilic low molecular weight organic compounds (e.g. glucose),
none of which are intended for the transport of hydrophobic substrates. In fact, hydrophobic
compounds can enter the cell only via a nonspecific diffusion mechanism and only across
surface zones with minimum charge density (Nikaido and Vaara, 1985). Thus, in order to
achieve better degradation efficiency for hydrocarbons, a microbe must manipulate the cell
surface to become more hydrophobic. This will both increase the probability of contact
between the degrading cell and the substrate, as will as facilitate diffusion through the
envelope.
Most studies dealing with cell surface hydrophobicity discussed the subject as it
pertains to bacterial adhesion to surfaces and its ecological and physiological ramifications
(Rosenberg and Kjelleberg, 1986; Allison et al., 1990). Few studies dealt with cell surface
hydrophobicity fi-om the view point of hydrocarbon uptake. However, there is a strong
indication that hydrocarbon uptake is strongly related to a relatively high cell surface
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hydrophobicity of the degrading organism. For example, Zhang and \filler (1994), found
a proportional relationship between cell surface hydrophobicity of several P. aeruginosa
strains and their rate of growth on hydrocarbons. Strains with relatively high cell sur&ce
hydrophobicity grew &ster on hydrocarbon substrate. Addition of rhamnolipid to the
reaction vessel had a noticeable effect in increasing the relative surface hydrophobicity of all
strains used. However, "slow growers" (strains that originally showed slower growth rates
on hydrocarbons) showed stronger enhancement of growth on hydrocarbons.
The structural changes that accompanies cell surface hydrophobicity are not well
known. Also, there was no experimental attempts to correlate cell surface hydrophobicity
directly to cellular evolutionary events. Instead, cell surface hydrophobicity was always
approached in a descriptive manner, and correlated to cellular physiological status such as
feeding on hydrocarbons, or addition of modifiers like surfactants. This study deals with
structural alterations that causes changes in cell surface hydrophobicity. Since this
phenomenon is mostly related to the cell surface, an understanding of the nature of the cell
surface; it's structure and reaction towards hydrophobic compounds is in order. The next
section of this literature review deals with this subject.

General Cell Surface Nature of Gram-Negative Bacteria
The outer membrane is a highly organized structure composed of an asymmetrical
lipid bilayer of mainly phospholipids and lipopolysaccharides (LPS). Owing to the long
chains of the polysaccharide (O-antigen) on the extremity of the LPS molecules, and to the
tight packing of LPS in the outer leaflet of the outer membrane , the outer membrane
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exhibits a hydrophilic outer surface (Fig. 2-3). Enteric bacteria maintain a perfectly
asymmetric outer mnnbrane structure (Nlkaido, 1979) which causes them to exhibit an
extremely hydrophilic outer surface that is essentially impermeable to all hydrophobic
substances. Other organisms might contain phospholipids in the outer leaflet of their outer
membranes, thus allowing some d^ee of hydrophobic substances to permeate through the
outer membrane. An example of such organisms is P. aeruginosa (Gilleland et al., 1973),
which may explain its ability to grow on hydrophobic substrates. Also, the presence of
phospholipids in the outer leaflet of the outer membrane of P. aeruginosa may be the reason
for the higher relative cell surface hydrophobicity of some strains.

The Outer Membrane
The outer membrane of gram negative bacteria is the outermost surface of the cell,
and is in direct contact with the external environment. It offers the gram-negative cell
properties that are not otherwise available to gram-positive bacteria such as resistance to
many antimicrobial agents, adherence to surfaces, and selective permeability to nutrients and
toxins.

General Structure of the Envelope of Gram-Neeative Bacteria
The structure of a P. aeruginosa envelope (Fig 2-3) is typical of the general structure
of gram-negative bacteria. The envelope is composed of two double layer membranes, the
cytoplasmic and the outer membranes, and the cell wall as a single middle layer of
peptidoglycan. The cytoplasmic and the outer membranes act as two distinct membrane

43
systems separated by the periplasmic space. The two membrane systems, however, are
structurally different, although each exhibit a typical lipid bilayer membrane system. The
evidence that both membranes are lipid bilayers comes from the &ct that the membrane
fractures in the middle parallel to the surface of the membrane upon freeze-fracturing (Fiil
and Branton, 1969; Smit et al., 1975; Van Gool and Nanninga, 1971). The lipid fraction of
the cytoplasmic membrane consists exclusively of phospholipids and proteins in both layers
and has a high enzymatic activity (Nikaido and Vaara, 198S). On the other hand, the outer
membrane exhibits an asynunetric double layer. The inner layer is mainly composed of
phospholipids while the outer layer mostly and sometimes exclusively, consists of
lipopolysaccharides (LPS). This was indicated by antibody labeling and electron microscopy
visualization (Muhlradt and Golecki, 1975; Mulford and Osbom, 1983), and by enzymatic
modification of the LPS fraction of Salmonella typhimurium cells (Funahara and Nikaido,
1980). Also, Smit et al. (1975) calcialated the number of LPS and phospholipids in the
outer membrane and correlated that to the surface area of the bacterium. They found that
the area occupied by LPS is approximately constant, and the number of LPS molecules per
unit area on the bacterium surface is approximately constant. The number of phospholipids
in the outer membrane was found to be barely enough to cover one side of the outer
membrane. Thus we can conclude from the fact that LPS are not usually found in the inner
leaflet of the outer membrane, that the outer membrane is almost completely segregated,
with the inner leaflet composed primarily of phospholipids and the outer leaflet composed
primarily ofLPS. Further, Smit et al. (1975) found that the equivalent number of fatty acid
chains associated with LPS is roughly equal to the number of fatty acids chains associated
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(A) Diagram of cell wall of a generalized Gram-negative bacterium. (B)
Electron micrograph of a cell wall in thin section of Escherichia coli. Hancock (1991).
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with phospholipids in outer membrane prqurations extracts. This observation led Nilcaido
and Vaara (1985) to conclude that the outer membrane of S. typhimurium is completely
segregated because this would lead to maximum stability. Most of the proteins spanning the
double layer are thought to be structural, thus, the outer membrane has very little, if any,
intrinsic enzymatic activity.

Chemical Composition of the Outer Membrane
The outer membrane of gram-negative bacteria is composed of proteins,
phospholipids and LPSs (Fig 2-4). The presence of large proportions of LPS in the outer
membrane gives it a larger density than the cytoplasmic membrane, thus, this criterion is
often used as the basis for its separation from the cytoplasmic membrane (Osbom et al.,
1972).
Phospholipid composition of the outer membrane in gram-negative bacteria is
chemically similar to that of the cytoplasmic membrane. However, a slight enrichment of
phosphatidylethanolamine (PEA) was observed in Salmonella typhimurium (Osbom et al.,
1972). In Pseudomonas aeruginosa, the whole cell phospholipid analysis revealed 71%
PEA (Hancock and Meadow, 1969), while the outer membrane phospholipid fraction is
almost exclusively PEA (Meadow, 1975).
Earlier studies on the origin of outer membrane phospholipids and LPSs established
that the biosynthetic enzymes for both phospholipids and LPSs are localized in the
cytoplasmic membrane (Bell et al., 1971; White et al., 1971; Osbom et al., 1972). The
translocation of LPS from the cytoplasmic membrane to the outer membrane is irreversible
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(Jones and Osborn, 1977; Mihlradt et al., 1973; Osbom et al., 1972) and occurs only
through specialized zones of adhesion between the two membranes (K^ihlradt et al., 1973).
On the other hand, translocation of phospholipids from the cytoplasmic to the outer
membrane is reversible and extensive (Jones and Osbom, 1977b). Incorporating
phospholipids small bilayers in the outer membrane caused a r^id reversible, and nonspecific
translocation of phospholipid molecules to the cytoplasmic membrane (Jones and Osbom,
1977a). This phenomenon was attributed to the need for lipid equilibrium between the two
membrane, which was disrupted by adding an external source of phospholipid to the outer
membrane.

P. aeruginosa produces two broad dififerent chemical categories of LPS (Rivera et
al., 1988), namely S-form (or B band) and R-form (or A-Band). The main difference
between these two forms is the presence of a long chain of polysaccharide in the S-form (Oantigen) that is covalently bonded to the conserved core region (Fig. 2-5). This long chain
polysaccharide is responsible for antigenic activity and is termed the O-antigen. On the other
hand, R-form LPS lacks the O-antigen domain, and the polysaccharide is limited to that of
the core region. This chemical variation produces a distinct antigenic variation between the
two variants (Rivera and McGroarty, 1989). The LPS produced by smooth (wild type)
strains of P. aeruginosa is a heterogeneous mixture of molecules of different polysaccharide
chain lengths (Koval and Meadow, 1977; Rivera et al., 1988). The lipid-A region is
conserved at the family level (could be even universally conserved), while the core region
is conserved at the genus level (Kievit and Lam, 1994).
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Functions of the Outer Membrane
Insulation of the Periplasmic Environment
The presence of the outer membrane creates the periplasmic space; a cellular
compartment that has properties distinguishable from the cytoplasm and the surrounding
environment. The periplasm occupies 20-40% of the total cell volume (Stock et al., 1977),
and provides the location and functional environment to many extracellular enzymes such
as lipases and phosphatases. While the periplasm and the cytoplasm are generally isoosmotic
(Stock et al., 1977), the electrical potential across the outer membrane varies with the ionic
strength of the medium. This behavior of the outer membrane protects the interior of the
cell against osmotic shock and provides a gradual shift from the hypotonic environment
outside the cell to the isotonic environment inside the cytoplasm. For this purpose, the outer
membrane can be thought of as a Donan membrane, where it allows the free passage of
water and small, but not high, molecular weight solutes. Thus, the osmotic pressure and
volume inside the periplasm are adjusted to prevent bursting, but not collapsing of the cell.

Support
Gram-negative bacteria possess a single layer of peptidoglycan in their cell wall. The
outer membrane offers an extra support to the cell through its highly stable double layer. In
the presence of magnesium ions the maximum stability of spin-labeled PLs reconstituted with
LPS occurred because of the LPS-LPS and PL-PL interaction rather than LPS-PL
interaction (Takeuchi and Nikaido, 1981). Thus the segregation of LPS and PL in the
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natural outer membranes plays an important role in stability. Also, the high proportion of
PEA in the outer membrane offers extra support because PEA is resistant to dispersion
(Kikaido and Vaara, 1985).

Barrier (Against Hydrophobic Compounds)
The water potential in the environment probably has the greatest role in determining
the activity of bacteria in its natural habitat. Thus, it would be natural for the bacteria to
acquire a hydrophilic surface. In fact, numerous studies testing the outermost surface of
wild type gram-negative bacteria reveals that the surface is covered, exclusively, by
hydrophilic compounds, namely proteins and LPS. These serve as barriers against passage
of hydrophobic compounds.

Permeation of Hvdrophobic Substances
The natural resistance of enterics to detergents such as SDS and bile salts, to
hydrophobic dyes like brilliant green, and to hydrophobic antibiotics such as novobiocin and
rifampicin (see Nikaido and Nakai, 1979. for comprehensive review), shows a very limited
rate of absorption for these compounds. Nikaido (1976), measured the rate of diffusion of
hydrophobic penicillin and nafcillin through the outer membranes of v^d type and LPS
mutants (with dififerent polysaccharide side-chain length on the LPS molecule) of S.

typhimurium. Both of these compounds are too large and too hydrophobic to penetrate the
outer membrane through the porin channels, thus, the only route for their permeation would
be through the lipid bilayer. Permeability of these compoimds was essentially negligible with
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wild type (S-form) cells. The penneation of both compounds through the outer membrane
of LPS-mutants was dependent on the nature of mutation. Sensitivity to the action of the
antibiotic increased as the polysaccharide chain of the LPS decreased, and the deep rough
mutants (with one or no oligosaccharide residue) were extremely sensitive to the action of
the antibiotic. Sheu and Freese (1973) reported that wild type EL coli and S. typhimurium
are inhibited by short chain (C2-Cf) &tty acids but not medium or long chain fatty acids,
while deep rough mutants showed sensitivity to medium chain (Cio) fatty acids. Removal
of LPS by the action of EDTA resulted in higher sensitivity to long chain (Ci,) &tty acids.
Aono and Kobayashi (1997), studied the relationship between sensitivity of^. co/i K-12
wild-type and several mutants and selected cell surface properties such as protein type, LPS
quantity, and cell surface hydrophobicity. They attributed the increased tolerance of E. coli
K-12 mutants relative to the parent strain to an increase in the LPS content in the mutants.
However, the major factor that correlated to tolerance to organic solvents in that study was
the binding of the solvent to the surface of the cells. The decrease in the LPS content in their
study was not dramatic enough to justify their conclusion, because binding of the solvent to
the ceU surface, and the subsequent sensitivity, could be affected more by the type of LPS
present rather than the quantity of LPS.
Polymyxin is a basic peptide antibiotic that has amphiphilic properties with a charged
hydrophilic head group and a hydrophobic side chain (Hartman et al. 1978). The
antimicrobial action of polymyxin results from its interaction with PL of the cytoplasmic
membrane of the gram-negative bacteria (Brown, 1975; Storm et al., 1977; Teuber and
Bader, 1976). The polymyxin resistance in P. aeruginosa was associated with an increase
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in the unsaturated straight-chain &tty acids of the readily extractable fraction of fatty acids
(Conrad and Gilldand, 1981). \^ild type P. aeruginosa PAOl subjected to polymyxin and
displayed in thin section showed long projections (possibly slacked LPS molecules) out of
the outer membrane and extensive damage to the cytoplasmic membrane, while polymyxin
resistant strains derived from the same wild type strain displayed non of these effects
(Gilleland and Murray, 1976). Wild type cells grown without polymyxin, however, displayed
a concave envelope surface "studded with numerous particles", while resistant strains
showed no such effect. Surface particles were analyzed in£'. colt cells and were foimd to be
composed of LPS complexes with some molecules of a single protein species and to be
stabilized by either divalent cations or polyamines (van Alphen et al., 1978). Polymyxin,
being a multivalent cation, disrupts the LPS monolayer and substitutes for divalent cations
stabilizing this layer. Both the high valency and large size of polymyxin contribute to this
effect. Subsequently, it would be easier for polymyxin to diffuse through the inner
phospholipid monolayer and act on the cytoplasmic membrane. It worth mentioning here
that polymyxin resistant strains of P. aeruginosa PAOl developed resistance to EDTA as
well (Gilleland and Murray, 1976).

Effect of Multivalent Cations and EDTA
The effect of EDTA on the outer membrane of gram-negative bacteria was shown
first by Rapaske (1958). EDTA is a necessary reagent (in addition to lysozyme, and Tris
buffer) in the conversion of gram-negative bacteria into spheroplasts. It is now known that
EDTA weakens the LPS-LPS interaction and disrupts the outer membrane. The mechanism
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of EDTA action is by chelation and removal of divalent cations (i.e. Mg^"). This removal
increases the electrostatic repulsion between LPS molecules, which leads to the release of
significant amount of LPS fi'om the outer membrane. For example, EDTA caused the
release of 50% of the LPS from E. coli cells (Leive, 1974), and P. aeruginosa cells (Gray
and Wilkinson, 1965). In both studies, EDTA treated cells became sensitive to a number of
hydrophobic chemicals such as actinomycin D, novobiocin, and other compounds. Several
explanations can be postulated to explain the increased sensitivity of EDTA treated cells to
hydrophobic antibiotics (Fig 2-6 C, D); i) the release of LPS from the outer leaflet of the
outer membrane leaves a void in the place of the released LPS. In this case the fatty acids
chains of the phospholipids located in the inner leaflet of the outer membrane are exposed
(at least temporarily) to the outer environment. Fatty acids are highly hydrophobic by nature,
which explains the ease of translocation of hydrophobic antibiotics through the outer
membrane. The lack of equilibrium created by the release of LPS by interaction between the
newly exposed fatty add chains in the inner leaflet monolayer, which will create surface pits
or closed pockets on the surface of the cell. Such pits are highly hydrophobic in nature and
might serve as hydrophobic spots through which hydrophobic compounds can traverse the
outer membrane, ii) LPS-LPS interaction is weakened by the loss of divalent cations, and
partially released. Consequently, the remaining LPS in the outer membraneexpands to cover
the void created by the released portion of LPS. The loose arrangement of the new LPS
monolayer allows the penetration oflarge hydrophobic antibiotic molecules. This explanation
was conservatively proposed by Nikaido and Vaara (1985) and was described as "less
attrartive" in favor of Nikaido and Nakai (1979) proposition A\Wch is: iii) the void created
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Fig 2-6 Hypothetical structure of outer membrane in the wild-type, deep rough mutants,
and EDTA-treated wild-type cells of Escherichia coli and Salmonella typhimurium. (A)
wild-type strain in which the outer leaflet is almost entirely composed of lipopolysaccharides
and proteins. (B) Deep rough mutants. Hydrophobic molecules are assumed to penetrate
through the phospholipid bilayer domains. (C) Deep rough mutants. Hydrophobic
molecules are assumed to penetrate through the lipopolysaccharide domains, which could
have become more permeable due to alteration in lipopolysaccharide structure. (D) EDTAtreated wild-type cells. Phospholipid molecules are assumed to fill the void left by the
selective removal of lipopolysaccharides by EDTA. Nikaido and Varra (1985).
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by the released LPS molecules must be filled with hydrophobic (amphiphilic) components.
Since phospholipids are reversibly mobile between the inner and outer leaflets of the outer
membrane, and even between the cytoplasmic and the outer membrane, that void is filled
with phospholipids molecules. This process will create a phospholipid bilayer regions in the
outer membrane which is more permeable to large hydrophobic probes than the original
asymmetric LPS-containing bilayer. The third hypothesis seems more attractive because of
the fact that the outer membrane of EDTA treated cells fi'acture upon fi-eeze fi'acturing in
a fashion similar to that of the cytoplasmic membrane, that is easier than the fi'acturing of the
outer membrane and in a plane consistently parallel to the sui&ce (Bayer and Leive, 1977).
It is possible that the actual scenario of EDTA action is a combination of hypothesis i and
iii. Leive (1974), showed that the reestablishment of the effective barrier properties of the
outer membrane requires active metabolism in terms of phospholipids synthesis and
translocation. Since this process is not spontaneous or fast enough to offset the fast action
of EDTA, cell surface might undergo "self induced" equilibrium temporarily until the
synthesis catches up with the loss.
Resistance to EDTA action was observed in phospholipase mutants (Elardaway and
BuUer, 1979) and in cells grown in Mg^" deficient medium (Gilleland et al., 1974). E. coli
phospholipase mutants released an equivalent amount ofLPS to that released fi-om wild type
strains upon EDTA treatment. However, these mutants did not become sensitive to action
of actinomycin D as wild type cells did. P. aeruginosa cells grown in Mg^* medium have
shown lesser quantities of phosphorous (1.50%) and higher quantities of KDO (1.5%) and
carbohydrates (15.2%) in their envelopes compared to cell grown in Mg^*-sufl5cient medium
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which had values of 1.83%, 12.7%, and 1.3% for phosphorus, carbohydrates, and KDO,
respectively (Gilleland et al., 1974). It is probable that the type of LPS produced under
Mg^'^-deficient conditions do not have as many phosphate groups as the LPS produced under
sufiScient conditions. This eliminates the need for a high concentration of divalent
cation to maintain the integrity of the outer membrane and desensitize cdls towards EDTA
action.

Effect of LPS Structure on Cell Surface Hvdrophobicitv and Permeability
The development of a range of LPS mutants of different bacteria was a major tool
in understanding the relationship between LPS fraction in the cell and its behavior toward
the external environment. Fig. 2-7 shows the structure of LPS produced by the wild-type
strain and various mutant strains of S. typhimurium. These strains and the permeability and
effects of various hydrophobic antimicrobial compounds were the subject of many studies
(Leive, 1974; Nikaido, 1976; Nikaido and Nakae, 1979; Roantree et al., 1977; Sanderson
et al., 1974; Stan-Lotter et al., 1979). The major findings of these studies were that the wild
type strain did not permeate, and thus did not show sensitivity to hydrophobic antimicrobial
agents such as hydrophobic antibiotics (e.g. rifamycins) or detergents (e.g. bile salts).
Mutants Ra and Rc did not show high sensitivities to these agents as well. The sensitivity
began to appear as the LPS lost more sugars to produce Rd^, and the deep rough mutants
were the most sensitive to all hydrophobic antibiotics and detergents used. Deep rough
mutants of other gram-negative bacteria were also found to be sensitive to the action of
hydrophobic probes when compared to the wild type strain sensitivity. Examples of such
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sensitivities are; sensitivity of deep rough mutant of Proteus mirabilis to hydrophobic
antibiotics and dyes ^x)ttem et al., 1979), sensitivity of deep rough mutants of £. coli to
a number of hydrophobic antibiotics (Coleman and Leive, 1979), and hypersensitivity of P.

aeruginosa deep rough mutant to penicillin G and detergents (Kropinski et al., 1978).
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CHAPTERS
MATERIALS AND METHODS
Bacterial Cultures
Two P. aeruginosa strains were used in this study, P. aeruginosa ATCC 27853 and

P. aeruginosa ATCC 9027. These two strains were selected because of their variable growth
patterns on hydrocarbons. P. aeruginosa ATCC 27853 has a relatively fi«t rate of growth
on hydrocarbons while P. aeruginosa ATCC 9027 has a slower rate of growth on
hydrocarbons (Zhang and Miller, 1992; Zhang and Miller, 1994). Both isolates were grown
up in a mineral salts medium (MSM) containing 1% glucose ( 0.4% Na2HP04, 0.15®^
KH2PO4, 0.1% NH4CI, 0.02% MgS04.7H20, 0.0005% iron ammonium citrate, 0.0015
CaClj, and 1 ml per liter trace elements solution containing CUSO4.5H2O, 0.5 mg; HjBOj,
1.0 mg; MnS04.5H20, 1.0 mg; ZnS04, 7.0 mg; MoOj, 1.0 mg; H2O, 100 ml) and then
preserved in glycerol. For every experiment performed in this study, a frtsh.Pseudomonasagar plate was plated from a glycerol stock and incubated at 37 °C for 24 h. Cultures from
these plates were used to inoculate an experiment no later than 3 days after preparation.

Biosurfactant
Monorhamnolipid was produced and purified from P. aeruginosa ATCC 9027 as
described previously (Herman et al., 1997; Zhang and Miller, 1992; Zhang and Miller, 1994)
and was supplied to the cultures at a final concentration of 6 mM.
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Growth Experiments
A series of growth experiments were peiformed to relate biosur&ctant addition to
four parameters including cell growth, cell sur&ce hydrophobicity, fatty acid content and
LPS content. In the first series of experiments, cell growth was measured by protein analysis,
cell surface hydrophobicity was measured by the bacterial adhesion to hydrocarbon assay
(BATH), and fatty acid content was determined by Folch extraction followed by gas
chromatogr^hy analysis. In a second series of experiments, cell growth was measured by
protein analysis, cell surface hydrophobicity was measured by the BATH assay, and LPS was
measured by a-ketodeoxyoctonate (KDO) analysis and polyacrylamide gel electrophoresis
(PAGE). For all growth experiments, L-medium (NaNOj, 2.0 g; MgS04.7H20, 0.2 g;
FeS04.7HA 0.001 g; Na2HP04, 0.21 g; NaHiPO^, 0.09 g; KCl, 0.04 g; CaClj, 0.015 g;
trace Elements, 1 ml; water, 1 liter) adjusted to pH 7.2 and supplied with 1% of either
glucose or hexadecane was used and the batch cultures were incubated at 25 °C on a
gyratory shaker (200 rpm). Inocula for each experiment were also prepared in L-medium
with 1% glucose and incubated under the same conditions for a period of time so that the
inoculum would be delivered at the late exponential phase to ensure maximum activity.
Inocula prepared for experiments with P. aeruginosa 27853 were incubated for 16 h, while
inocula prepared for experiments with P. aeruginosa 9027 were incubated for 24 h. In order
to minimize the effects of any unused glucose in the inoculum added to the culture
(especially for hexadecane cultures), the inoculum was washed twice with L-medium and
resuspended in sterile L-medium. All growth cultures were supplied at a 5% (v/v) inoculum
rate. The amount of inoculum supplied to the growing culture is equivalent to the measured
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protein at time 0. Both strains used are capable of rfaamnolipid production during stationaiy
phase under the ^propriate conditions. However, rfaamnolipid was not produced imder
conditions used in these growth experiments. In each set of experiments, triplicate flasks (1
L) for each treatment containing 200 ml culture were incubated at 25 °C on a rotary shaker
(200 rpm). Culture growth was measured by protein increase as foUows; 1.0 ml cell
su^ension was added to 0.1N NaOH and heated at 100

to lyse cells, and protein content

of the sample was determined by the method of Lowry et al. (19S1). Sampling for protein
started with 1.0 ml sample and was reduced to 0.5 ml starting from the second sample . In
all cases, samples taken for protein analysis were adjusted to 1.0 ml after washing. Cultures
supplied with glucose were sampled (0.5-1.0 ml) every 4 hours until growth reached the
stationary phase. Cultures containing hexadecane were sampled (0.5 -1.0 ml) every 1 to 4
days until growth reached the stationaiy phase. Sample size was varied according to cell
density.

Bacterial Adhesion To Hydrocarbons fBATH) Assay
Samples were also taken periodically to determine the relative hydrophobicity of cells
at different growth stages using the BATH assay.

The BATH assay measures the

partitioning of cells between aqueous and hydrophobic phases. It should be emphasized that
while this partitioning is related to cell surface hydrophobicity, BATH assay results do not
represent an absolute value of cell surface hydrophobicity. Rather BATH assay results are
relative and can be used to compare the response of cells grown under various conditions.
The sample size taken to determine the relative cell surface hydrophobicity varied according
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to the age of the culture. Since BATH assay calls for a final sample volume of 4.0 ml
adjusted to cell optical density of 1.0, the sample size taken got smaller with time as culture
cell density increased and ranged fi-om 8.0 -1.0 ml of the culture. We followed the general
protocol previously desoibed by Zhang and Miller (1992) with the following modifications.
Cells were washed with L-medium five times to remove all traces of rhamnolipid fi'om the
cell pellet. Cells were then resuspended in L-medium, and adjusted to an optical density
(OD) of 1.0 ± 0.01 at 400 nm. Hexadecane (1 ml) was added to 4 ml of the adjusted ceU
suspension in a 16 ^ 100 mm test tube and vortexed for 60 s. The mixture was then allowed
to settle and separate for 30 min and the OD of the aqueous phase was measured.

Fattv Acid Analysis
Readily extractable cell lipids were determined by Folch extraction and GC analysis.
Briefly, 1 ml samples of the culture were washed twice and then brought back to the original
volume. The following reagents were added in order with vortexing after each addition: 2
ml of 2; 1 methanolxhlorofomi, 1 ml of 1 N KCl acidified with 0.1 N HCl, and finally 1 ml
chloroform (Folch et al., 1957). In some samples a white emulsion phase formed between
the aqueous and organic phases. In this case the sample was placed in the refrigerator
overnight to allow the emulsion phase to settle. The lower phase (chloroform) was removed
(1 ml) and evaporated at 45 °C under a nitrogen stream. The &tty acids were methyl
esterified as follows; chloroform (0.5 ml) was added and the sample was vortexed. Then 2
ml of BFj-methanol was added and the mixture was heated at 80 °C for 1 h in an air tight
Teflon sealed screw cap tube (Morrison and Smith, 1964). The resulting fatty acid methyl
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esters ^AME) were extracted 3 times with 1 ml hexane, and the three fractions were
combined. Finally, the hexane was evirated at 45

under a nitrogen stream and the

FAME were brought to 200 ^1 with chloroform. FAME were quantified using HP S890 gas
chromatograph supplied with J&W DB-S fused silica capillary column. The identity and
quantity of fatty acids were compared to FAME standard CHX 85 purchased fromNu Chek
Prep, Inc., Elysian, MN. This standard is composed of 32 different FAME containing those
normally present in P. aeruginosa.

LPS Analysis
LPS content in whole cell lysates and culture supematants was determined by the
thiobarbituric acid assay of 2-keto-3-deoxyoctanic acid (KDO) adapted from Osbom et al.
(1972) (Osbom, 1963; Osbom et al., 1972). A standard curve was prepared using purified
LPS obtained from P. aeruginosa serotype 10 (Sigma Chemical Co.). Various medium
components were tested for possible interference with this assay including glucose, Lmedium, and rhamnolipid. Neither glucose nor L-medium impacted the assay. Rhamnolipid
precipitated after addition of sulfuric acid causing the supernatant to become turbid. This
turbidity was removed by centrifuging the sample after the development of the color, which
eliminated the interference of monorhamnolipid (Data not shown).
Cells were prepared for KDO assay as follows; briefly cells from 0.1 ml samples of
culture were washed twice. The cells were lysed by dissolving the cell pellet in 50 ^1 lysing
buffer (2% SDS, 4% 2-mercaptoethanol, 10% glycerol, 1 M Tris (pH 6.8), and 0.01%
bromphenol blue) and heating at 100 °C for 10 min (Hitchcock and Brown, 1983). The

64
volume of the cell lysates was brought to 0.1 ml. KDO assay was performed on both
supematants (0.1 ml) and cell lysate samples. Samples, either supernatant or cell lysate,
were added to a screw cap tube and 0.1 ml of0.036 NH2SO4 was added. The mixture was
hydrolyzed at 100 °C for 20 min to liberate KDO and then cooled. The mixture was fiirther
acidified by adding 0.25 ml of 0.02S N HIO4 in 0.125 N H2SO4 and allowed to stand for 20
min at room temperature. Sodium arsenate (0.5 ml of 2% in 0.5 N HCl) was added with
shaking and then allowed to stand for 2 min, followed by addition of 2.0 ml of 0.3%
thiobarbituric acid (pH 2) with stirring. The mixture was then heated at 100 °C for 10 min,
allowed to cool, centrifuged, and absorbance of each sample was measured at 548 imi.

Effect of Rhamnolipid on LPS Release
The effect of addition of rhamnolipid on the release of LPS fi-om cells was
determined. Increasing rhamnolipid concentrations (0, 0.01, 0.02, 0.04, 0.08, 0.10, 0.50,
1.00, 4.00,6.00, 8.00, and 10.00 mM) prepared in L-medium were added to cells grown on
1% glucose and harvested during the late log phase. The cells (1 ml adjusted to OD 1.0)
were washed twice and 1 ml of each of the rhamnolipid preparations was added to the cell
pellet. The mixture was vortexed and the resulting suspensions were incubated on a rotary
shaker (200 rpm) at 25 °C for 8 h. Samples were centrifuged and 0.1 ml of the supernatant
was taken for KDO analysis.

SDS-PAGE of LPS and Silver Staining
To confirm the release of LPS fi-om cells, LPS in the supematants were examined by
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SDS-PAGE. The supernatant preparations were run on 5% stacker and 12% separating gel
slabs against P. aeruginosa serotype 10 LPS and protein standards (ECtchcock and Brown,
1983). Silver staining was performed using a silver stain plus kit (BioRad. Hercules, CA).

Electron MicroscoDv
Electron microscopy was performed to visually observe the effect of rhamnolipid
addition on ceil surface morphology. For both Scanning Electron Microscopy (SEM) and
Transmission Electron Microscopy (TEM), samples were prepared as foUows; samples (1
ml) were centrifiiged to harvest the cells. The cells were then fixed in 4% formaldehyde,
centrifiiged, and resuspended in 1% glutaraldehyde in 0.1 M phosphate buffer (pH 7.4)
buffer for a total of 15 minutes during which the samples were microwaved (3450
Laboratory Microwave Processor, Ted Pella, Inc., Redding, CA) at 5 min intervals for 25
seconds to achieve a 15 °C temperature rise. Samples were then rinsed in 0.1 M phosphate
buffer (pH 7.2) twice for 5 minutes each. Next the sample was postfixed in 1% osmium
tetroxide in distilled water for 30 minutes with microwaving at 10 minutes intervals for 25
seconds to achieve a 15 °C temperature rise. The samples were washed twice in distilled
water for 5 minutes each, and then were dehydrated through an ethanolic series of 30%,
50%, 70%, 95% and three changes of 100% ethanol for 40 seconds each in the microwave
at 37 °C. The kcohol was removed by 2 extractions of 100% hexamethyldisilazane (HMDS)
for 10 minutes each. For SEM, samples were deposited onto a cover slip and the HMDS
was allowed to evaporate. The dried specimens were mounted on aluminum mounts with
Avery Spot o' Glue, and coated with 30 nm of gold in a magnetron sputtering device
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(Techniques Hummer 1, AnatechLtd., Springfield, VA). The material was examined in an
International Scientific Instruments WB-6 scanning electron microscope (Topcon
international Instruments, Paramus, NJ). The samples were viewed at 0°tik at 20 kV. For
TEM, samples were deposited onto pieces of mica and allowed to dry. The samples were
platinum/ carbon shadowed in a vacuimievi^rator (DentonDVS02, Denton Vacuum Inc.,
Moorestown, NJ). Replicas were floated onto deionized water, then moved to 50%
household bleach, rinsed 2 times in deionized water and picked up on 200 mesh copper
grids. Samples were observed in a Philips 420 TEM at 80 kV (Philips Electron Optics Inc.,
Mahwah, NJ).
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CHAPTER 4
RESULTS

Growth and CeU Surface Hvdroohobicitv
All e7q>eiiments reported here were performed twice. The first set of e}q>eriments
was considered a preliminary step and was performed to determine the proper sampling
times and sample size especially for cell surface hydrophobicity measurement since this test
calls for a large sample size especially at the beginning of growth. This step was important
because the sample size and analysis time constraints prohibited taking an extensive number
of samples especially when cultures were grown on glucose. Thus, in the second run of the
experiments (which is reported here), the strategy was to take samples when maximum
changes in the behavior of the culture occurred.

P. aeruginosa ATCC 27853 grown on glucose in the absence of rhamnolipid
exhibited a relatively low cell surface hydrophobicity at all stages of growth (Fig 4-1). In
contrast, when 6 mM monorhanmolipid was added to the growth medium, cell surface
hydrophobicity increased through the exponential phase to reach 30% adherence to
hexadecane at the late exponential phase.

The sharpest increase in cell surface

hydrophobicity took place during the stationary phase, where the cell surface hydrophobicity
value increased to 70% adherence to hexadecane. The corresponding growth patterns as
determined by protein analysis show that the addition of rhanmolipid had a negative effect
on growth of P. aeruginosa ATCC 27853 on glucose. This effect was manifested in two
aspects; the first was a 5 hour delay in the onset of growth, and the second was an early
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Fig. 4-1 Growth and cell surface hydrophobicity of P. aeruginosa ATCC 27853 grown
on 1% glucose in the presence or absence of monorhamnolipid. # no monorhamnolipid; •
6 mM monorhamnolipid. The horizontal bars denote growth phases
exponential, late
exponential, and stationary) for rhamnolipid treatment and they were generated by plotting
the growth curve on a semilog, paper.
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onset of stationary phase. The result of the combined inhibitory effects of rhamnolipid on
this strain was a reduction in cell yield.
The effect of rhamnolipid on P. aeruginosa ATCC 9027 during growth on glucose
was quite different. In the presence of rhamnolipid, this strain exhibited a faster rate of
growth during the exponential phase with a very early onset of stationary phase at about 12
h, which resulted in cell mass of 140 ^g/ml culture at the early stationary phase of growth
(Fig. 4-2). Also, it appears that these cultures sustained a brief stationary phase and entered
a death phase as shown by the reduction in cell mass by about 20 ^g/ml culture at 48 h. P.

aeruginosa ATCC 9027 cultures grown in the absence of rhamnolipid had a slower rate of
growth, but sustained the exponential phase longer with a final cell mass yield that was
slightly higher (170 ^g/ml culture) than rhamnolipid exposed cultures. Cell surface
hydrophobicity for cultures grown in the absence of rhamnolipid sustained a relatively low
values. However, an increase in cell surface hydrophobicity fi-om a basal level of about 4%
to 13% adherence to hexadecane was observed when cultures entered the stationary phase.
In contrast, cell surface hydrophobicity of cultures grown in the presence of rhamnolipid
showed a significant increase over the exponential growth period. Values of hydrophobicity
reached 38% at the end of the exponential phase, and 78% during the stationary phase.
After that, cell sur&ce hydrophobicity declined sharply to close to the basal level, about 8%
adherence to hexadecane.
A similar set of experiments were performed with hexadecane as a substrate. Cultures
of both strains (ATCC 27853 and ATCC 9027) were grown in the presence and absence of
6 mM monorhamnolipid. Hexadecane is a highly hydrophobic substrate as demonstrated by
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its extremely low aqueous solubility (0.006 mg/L). Growth ofP. aeruginosa ATCC 27853
on hexadecane occurred with a shorter lag phase and higher growth rate upon the
addition of rhamnolipid to the growth medium (Fig. 4-3). Specifically, the measured
average growth rate (53 ^g protein per day) during the exponential phase was almost 4 times
&ster in cultures supplied with rtiamnolipid. Relative cell sur&ce hydrophobicity of cells
grown on hexadecane alone increased significantly compared to that of cells grown on
glucose. For instance, cell surface hydrophobicity ofP. aeruginosa ATCC 27853 grown on
hexadecane alone increased to 27% after 300 h. In contrast, cell surface hydrophobicity for
the same strain grown on glucose without rhamnolipid did not exceed 10% at any growth
stage. These results suggest that the presence of a hydrophobic substrate impacts the
development of cell surface hydrophobicity. The addition of rhamnolipid to the growth
medium caused a more rapid increase in cell surface hydrophobicity particularly during the
exponential phase of growth reaching a final value of 65% adherence to hexadecane (Fig
4-3). At the onset of the late exponential phase, cell surface hydrophobicity began to
decrease and continued decreasing steadily for the next 200 h to reach a value of 20%
adherence to hexadecane. These results suggest that there is a synergistic efifea of
rhamnolipid and hexadecane that promotes an increase in relative cell surface
hydrophobicity.
Figure 4-4 shows the growth curves and the relative cell surface hydrophobicity
curves of P. aeruginosa ATCC 9027 grown on hexadecane in the presence and absence of
6 mM monorhamnolipid. P. aeruginosa ATCC 9027 grows more slo\dy thanP. aeruginosa
ATCC 27853 on hexadecane. However, the cell mass produced at the late exponential

72

P. aeruginosa ATCC 27853
250
exp.
•=• 200 -

Stat.

exp.

150 100 -

50 -

PROTEIN
60 -

40 -

20 -

BATH
0

100

200

300

400

Time (h)

Fig. 4-3 Growth and cell surface hydrophobicity of P. aeruginosa ATCC 27853 grown
on 1% hexadecane in the presence or absence of monorhamnolipid. # no monorhamnolipid;
• 6 mM monorhamnolipid. The horizontal bars denote growth phases O^g, exponential, late
exponential, and stationary) for rhamnolipid treatment and they were generated by plotting
the growth curve on a semilog, paper.

73

300 -

e

F. aeruginosa ATCC 9027
exp.'T late
-P
Stat.
exp

I

i 200

8 100

PROTEIN

100

200

i

I

300

400

500

600

Time (h)

Fig 4-4 Growth and cell surfece hydrophobicity of P. aeruginosa ATCC 9027 grown on
1% hexadecane in the presence or absence of monorhaninolipid. # no monorhamnolipid;
•6 mM monorhamnolipid. The horizontal bars denote growth phases (lag, exponential, late
exponential, and stationary) for rhamnolipid treatment and they were generated by plotting
the growth curve on a semilog, paper.

74
phase reached 280 fig/ml culture compared to 200 fig/ml culture of P. aeruginosa ATCC
27853. Similar to ATCC 27853, P. aeruginosa ATCC 9027 grown on hexadecane alone
had a slow and steady increase in relative cell sur&ce hydrophobicity during the exponential
phase (Fig. 4-4). Relative cell surface hydrophobicity plateaued at the onset of the
stationary phase at a value of 40% adherence to hexadecane. On the other hand, cultures
grown on hexadecane in the presence of 6 mM ifaamnolipid experienced a rapid increase in
relative cell surface hydrophobicity that accompanied the relatively fast growth during the
exponential phase. Relative cell surface hydrophobicity reached a maximum value of 80%
adherence to hexadecane during the late exponential phase. After that, relative cell surface
hydrophobicity started a steady decline to reach a value of less than 20% by the end of
sampling at 500 h.

Total Cell Lipids
The nature of the fatty acids produced by a bacterium is not likely to be affected by
culture conditions. Also, the amount of each fatty acid produced is expected to be
proportional to the amount of growth under normal conditions. The objective of looking
at fatty acids profiles in this study was to determine whether changesoccurred in the relative
proportion of various fatty acids in response to the type of substrate present or to the
addition of rhamnolipid. P. aeruginosa produces an array of &tty acids that are associated
with various lipid flections in the cell. Table 4-1 shows the percentage content of different
fatty acids normally present in P. aeruginosa lipid flection. Although the method and source
of extracted fatty acids, growth stage, or strain may slightly affect the relative proportions

Table 4-1 Fatty acid composition of P. aeruginosa. Values are percentages of the total fatty acid pool of the respective source.
C12;0

C14:0

C16:0

C16:l

CI8:0

C18;l

OH-»

Others**

Reference

Totar

3. .

Tr

30

7

Tr

23

16

20

Ikemoto et al.,
1978

Extractable^^

0

2

35

3

2

15

0

42

Hancock and
Meadow, 1969

Envelope^^^

0

1

41

6

2

37

0

12

Wilkinson and
Galbraith, 1975

Total (ATCC 27853)
CI6 + rhamnolipid

0

1

42

9

2

41

0

5

Current Study

0
Total (ATCC 27853)
0
0
38
5
5
10
Current Study
42
Glc. + rhamnolipid
*
phospholipid Hydroxy fatty acids.
** Includes odd numbered and cyclic fatty acids
+ Total cell fatty acids. Percentages shown are an average of 3 different P. aeruginosa strains (KS 0012, ATCC 7700, and
ATCC
10145)
++ Cells were not lysed before extraction
-H-f fatty acids were extracted from outer membrane preparations
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of various &tty acids, the identity of fiitty acids is species specific and does not normally
change. As shown in Table 4-1 the dominant &tty acids produced are usually
hexadecanoic acid (C16:0) and octadecenoic acid (C18;l). Thus, these two &tty acids
were adopted as indicators of fiitty acid behavior in the cell.
The FAME standard used was GLC 85. It was selected because it covers a wide
range of FAME many of which are expected to be found in P. aeruginosa. It should be
noted here that this standard does not contain some minor fatty acids that might occur in P.

aeruginosa such as hydroxy or cyclic &tty acids. Fig. 4-5 shows the chromatogram
resulting fi-om GC analysis of this standard. The 32 FAME in this standard range in C-chain
length from C4 to C22. P. aeruginosa fatty acids from whole cell extracts of several
different strains were found to be fairly consistent in their identity, especially with respect
to the dominant fatty acids. For each time point sample taken for lipid analysis, a separate
chromatogram was produced from the whole cell fatty acid extract. We chose only two fatty
acid profiles (Figures 4-6 and 4-7) of P. aeruginosa ATCC 9027 grown on glucose with or
without rhamnolipid illustrate that rhamnolipid presence do not affect the fatty acid type.
Fig. 4-6 shows a typical chromatogram obtained from a total extract of exponential phase

P. aeruginosa ATCC 9027 grown on glucose in the presence of rhamnolipid. Although
some unidentified fatty acids appeared in the chromatogram, the major fatty acids expeaed
were present and dominant to all other fatty acids. P. aeruginosa have not been reported
to synthesize &tty acids with more than 18 carbons. Therefore, the small peaks appearing
after 20 min which corresponds to fatty acids greater than CI8 are arti&cts resulting from
inherent instrument noise and impurities in the sample. A typical FAME profile from
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Fig. 4-6
FAME profile of P. aeruginosa ATCC 9027 grown on glucose in the presence of 6 mM monorhamnolipid. Major
fatty acids appearing in the profile are as follows; CI6:1 at 12.05 min.,C16;0at 12.45 min, CI8:1 at 16.64 min,C18:0at 17.13
min. The internal standard is a C17:0 fatty acid appearing at 14,81 min.
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Fig.4-7 FAME profile of P. aeruginosa ATCC 9027 grown on glucose in the absence of 6 rhamnolipid. Major fatty acids
appearing in the profile are as follows; CI6;1 at 12.01 min., C16:0 at 12.53 min, C18:l at 16.72 min, €18:0 at 17.21 min. The
internal standard is a CI7:0 fatty acid appearing at 14.90 min.
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exponential phase P. aeruginosa ATCC 9027 grown on glucose in the absence of
rhamnolipid is shown in Fig. 4-7. The identity of the major &tty acids did not change
from cultures grown on glucose supplied with rhamnolipid. It should be mentioned here
that there is no indication of the presence of &tty acids originating from rhamnolipid or any
other special lipid category other than phospholipids.
Fig 4-8 shows the hexadecanoic and octadecenoic acid content of P. aeruginosa
ATCC 27853 grown on glucose in the presence and absence of 6 mM monorhamnolipid as
a function of time. The patterns observed for these two fatty acids were consistent with the
general growth patterns in both treatments (see Fig. 4-1). As can be seen growth inhibition
that was caused by rhamnolipid addition resulted in a decrease in fatty acid concentration.

P. aeruginosa ATCC 9027 grown on glucose showed a different behavior (Fig 4-9). While
cultures grown on glucose without rhamnolipid showed fatty acids patterns consistent with
the general growth trend (see Fig. 4-2), addition of rhamnolipid invoked a mid-exponential
phase loss of fritty acids. Both hexadecanoic acid and octadecenoic acid underwent a sharp
decline that started in the mid-exponential phase and proceeded to the end of the exponential
phase. This decline was followed by a slight increase in &tty acid content during the
stationary phase and until sampling was terminated at 48 h. The decline in both fatty acids
was so severe (from 29 to 5 and from 37 to 4 fxg/ml culture for hexadecanoic acid and
octadecenoic acid, respectively) that it can't be attributed to modifications in metabolic
activity. Rather it can only be attributed to net loss of &tty acids (or cellular components
containing such fatty acids) to the growth medium. If one compares Figures 4-2 and 4-9,
it can be noted that the decrease in &tty acid content is directly related to the increase in
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Fig. 4-8 Representative fatty acids from the total cell extract of P. aeruginosa ATCC
27853 grown on glucose in the presence or absence of monorhamnolipid. # no
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relative cell sur&ce hydrophobicity observed for P. aeruginosa ATCC 9027.
Fatty acid content for both strains grown on hexadecane and rhamnolipid were
different from the trends obtained in glucose grown cultures. P. aeruginosa ATCC 27853
showed a pattern for hexadecanoic acid that was almost identical to the growth pattern
(compare Fig. 4-3 with Fig. 4-10). Octadecenoic acid content decreased sharply at the
onset of the late exponential phase. Although this decline was large (loss of 100 ^g
C18;l/ml culture), the octadecenoic acid content stabilized at 150 ^g/ml culture over the
stationary phase period. For P. aeruginosa ATCC 9027, &tty acid content increased during
growth and there were no declines in fatty acid content at any growth stage (Fig. 4-11).
Instead, fatty acids increased steadily during the exponential phase of growth both in the
presence and absence of rhamnolipid. Surprisingly, hexadecanoic acid content for this
treatment was higher than octadecenoic acid. This could be due to direct incorporation of
hexadecane into fatty acids.

Total Cellular LPS

Analysis of total LPS content of both strains was performed on cells grown on
glucose to the late exponential phase. Results showed that P. aeruginosa ATCC 27853
contained 7.4 jig LPS/ml culture while P. aeruginosa ATCC 9027 contained 8.1 ng LPS/ml
culture.

LPS Release to Culture Sunematants
The amount of LPS released to the culture supernatant was determined at various
growth stages of P. aeruginosa ATCC 27853 and ATCC 9027 to determine whether
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Fig. 4-10 Representative fatty acids from the total cell extract of P. aeruginosa ATCC
278S3 grown on hexadecane in the presence or absence of monorhamnolipid. # no
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Fig. 4-12 Growth, KDO, and cell surface hydrophobicity of P. aeruginosa ATCC 27853
grown on 1% glucose in the presence or absence of monorhamnolipid. # no
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rhamnolipid directly cause the release of LPS from the cell sur&ce. Fig. 4-12 compares the
growth, released LPS, and cell sur&ce hydrophobicity ofP. aeruginosa ATCC 27853 grown
on glucose in the presence and absence of 6 mM monorhamnolipid. Culture growth and
BATH results were similar to that shown in Fig. 4-L LPS (as KDO) was detected in culture
supematants over the course of growth in both treatments. However, P. aeruginosa ATCC
27853 grown on glucose in the absence of rhamnolipid showed only a slight and slowly
increasing release of LPS over the course of growth (Fig. 4-12). The maximum released
amount of LPS was 0.32 ^g/ml culture detected at the end of the sampling period in the
stationary phase. This slow release of LPS does not seem to be related to growth stage
suggesting that this release is probably a background value resulting from natural release of
LPS and is related to cell density. On the other hand, rhamnolipid treated cultures showed
much higher rates of LPS release over the course of growth. In general, LPS was released
steadily and uniformly up to the mid-exponential phase to reach a value of 1.0 ^g LPS/ml
culture supernatant. The maximum rate of LPS release took place during the late
exponential and the early stationary phases within a period of 6 h. During that period, a
further 1.1 fig LPS/ml culture were released to the medium.
BATH assay results showed a similar trend to LPS release where the increase in ceil
surface hydrophobicity coincided with LPS release to the medium. For instance, the release
of 1.1 ^g/ml culture during late exponential phase and early stationary phase was
accompanied by the maximum increase in development of cell surface hydrophobicity, where
BATH increased from 30% to 79% within that period of 6 h.

P. aeruginosa ATCC 9027 grown on glucose in the presence of 6 mM
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monorhamnolipid showed a slightly different pattern ofLPS release. First it should be noted
that the absolute amount ofKDO released was much smaller than for P. aeruginosa ATCC
27853 (0.27 vs. 2.1 fig LPS/ml culture). A second difference is that a &st and sharp release
of LPS took place during the exponential phase of growth to a value of 0.27 ^g/ml culture
(Fig. 4-13). LPS release then plateaued in the mid exponential phase. LPS release took
place only in the early phase of growth suggesting that this release could be a shock reaction
to the presence of a high concentration of rhamnolipid in the medium. After the initial
release of LPS, cells seem to have adjusted to the presence of high riiamnolipid
concentration and no more LPS release was observed. BATH assay results were directly
correlated with the release of LPS. Cell surface hydrophobicity increased rapidly within 20
h of growth to reach its maximum of 80% adherence to hexadecane within that period.
Fig. 4-14 shows the growth, LPS release, and cell surface hydrophobicity curves of

P. aeruginosa ATCC 27853 grown on hexadecane in the presence and absence of
rhamnolipid. As expected, growth on hexadecane in the presence of rhamnolipid proceeded
much faster than growth on hexadecane alone.

Cultures supplied with 6 mM

monorhamnolipid reached the stationary phase within 150 h, while cultures without
rhamnolipid addition did not reach the stationary phase within 400 h of sampling. LPS
release from rhamnolipid treatment took place mainly during the exponential phase (2.3 fig
LPS/ml culture were released during that period), and only 0.5

fig

LPS/ml culture were

released during the mid-exponential phase and through the stationary phase. For cultures
grown on hexadecane alone, LPS release occurred slowly throughout the growth period,
releasing a total of 0.4

fig

LPS/ml culture. Cell surface hydrophobicity for cultures
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Fig. 4-13 Growth, KDO, and Cdl sur&ce hydrophobicity of P. aeruginosa ATCC 9027
grown on 1% glucose in the presence or absence of monorhamnolipid. # no
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grown on hexadecane without rhamnolipid climbed slowly with growth to reach a value
of 40% adherence to hexadecane by the end of the sampling period. On the other hand, cell
surface hydrophobicity in rhamnolipid treated cultures increased sharply to reach 80%
adherence to hexadecane within 100 h. After this phase,cell surface hydrophobicity declined
sharply within the next 100 h to reach the lowest value on the curve at 18% by the end of
the stationary phase. Cell surface hydrophobicity results were consistent with LPS release
patterns in the since that increased rates of cell sur&ce hydrophobicity coincided with
increased rates of release of LPS to the growth medium.
Growth of P. aeruginosa ATCC 9027 on hexadecane proceeded relatively slowly
compared to P. aerug/wojaATCC 27853 (compare Fig. 4-14 and Fig. 4-15). Eventhough
growth was slower, the addition of rhamnolipid resulted in a substantially enhanced rate of
growth on hexadecane. For cultures grown in the presence of rhamnolipid, the maximum
LPS release took place during the lag phase where 0.5 jig LPS/ml culture were abruptly
detected in the medium. In contrast to the glucose grown P. aeruginosa ATCC 9027
cultures in the presence of rhamnolipid (Fig. 4-13) which released LPS rapidly until midexponential phase and then stopped releasing LPS, hexadecane grown cultures in the
presence of rhamnolipid continued to slowly release LPS until sampling was terminated at
500 h.
Cell surface hydrophobicity increased during the exponential phase for both glucose
and hexadecane grown cells (Fig. 4-13 and 4-15). For cells grown on hexadecane, BATH
increased from 18% to 75% within the first 200 h of growth. This phase was followed by
a drop in BATH to 53% by the onset of stationary phase, and a sharper drop to 13% during
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the stationary phase. In contrast, BATH increased only from 18% to 40% within the growth
period of cultures grown on hexadecane alone.

Effect of Rhamnolipid Concentration on LPS Release
An experiment was performed to measure the response of both strains used in this
study to increasing riiamnolipid concentrations in the absence of growth. LPS rdease from

P. aeruginosa ATCC 27853 is shown in Fig. 4-16. This bacterium released increasing
amounts of LPS as the amount of added rhamnolipid increased. The maximum release took
place at the highest rhamnolipid concentration used (10.0 mM). At that concentration
bacteria released 2.7 ^g/ml suspension, which is equivalent to 36% of the total LPS.
However, LPS release was statistically imchanged beyond 6 mM rhamnolipid concentration.

P. aeruginosa ATCC 9027 also released LPS in response to rhamnolipid addition.
However, the overall effect of rhamnolipid on LPS release was much milder than the release
by P. aeruginosa ATCC 27853. Maximum LPS release took place at 10.0 mM rhamnolipid
(0.32 ng LPS/ml suspension) (Fig 4-17). However, the release was equivalent to only 4%
of the total cellular LPS. LPS release seemed to proceed in two phases; the first phase was
a high rate and linear increase between rhamnolipid concentrations 0-0.1 mM, and a
subsequent lower rate phase ofLPS release between rhamnolipid concentrations ofO.1-10.0
mM. The overall LPS release trend from P. aeruginosa ATCC 9027 suggests a dependence
on rhamnolipid concentration with a relatively high resistance to rhanmolipid aaion
compared to P. aeruginosa ATCC 27853. However, it seems that this release is enough for
the bacterium to acquire a relatively hydrophobic surface as seen in Fig. 4-13. Also, it
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Fig. 4-16 Effect of monorhamnolipid concentration on the LPS amount released from cell
suspensions of P. aeruginosa ATCC 27853. Cell suspensions were adjusted to O. D. of 1.0
and incubated with the respective rhamnolipid concentration for 8 h. LPS quantity released
was measured in the supematants of the suspensions.
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Fig. 4-17 Effect of monorhamnolipid concentration on the LPS amount released from cell
suspensions of P. aeruginosa ATCC 9027. Cell suspensions were adjusted to O. D. of 1.0
and incubated with the respective riiamnolipid concentration for 8 h. LPS quantity released
was measured in the supematants of the suspensions.
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should be noted that low rhamnolipid concentration had a relatively large effect on LPS
release in both strains. For example, rtiamnolipid concentration of 0.10 mM caused the
release of 0.12 ^gLPS/ml suspension of P. aeruginosa ATCC 9027 (Fig. 4-17). Increasing
rhamnolipid concentration 100 times (to 10.0 mM) caused the release of 0.32 ^g/ml
suspension.

SDS-PAGE of LPS
SDS-PAGE analysis of LPS was performed on supematants taken from cultures of
both P. aeruginosa ATCC 27853 and ATCC 9027. The objeaive of this experiment was
to confirm LPS release and to compare the patterns obtained from the supernatant material
to typical LPS patterns. All treatment showed patterns typical to LPS patterns on SDSPAGE after silver staining (Fig. 4-18). However, the material in the supernatant indicated
that the released LPS was mostly of the S-form LPS. Bands formed from rhamnolipid
treatments had higher intensity than the bands formed from supematants of treatments with
no rhamnolipid. In general, the visual appearance of the patterns were in agreement with the
degree of release measured by the KDO assay.

Electron Microscopv
The main feature of cells of both strains grown on glucose or hexadecane in the
absence of rhamnolipid was the roughness of the surfece (Figures 4-19, 4-20, 4-21, 4-22).
The ^pearance of roughness results from the surface spherical particles composed of LPSprotein complex. In addition, surface blebs appear on the surface of P. aeruginosa ATCC

Fig. 4-18 SDS-PAGE analysis of LPS from culture supematants ofP. aeruginosa. Lanes
are as follows: (1) MW-markers; (2) P. aeruginosa ATCC 9027 grown on glucose in the
presence of 6 mM monorhamnolipid (lOx sample); (3) P. aeruginosa ATCC 9027 grown
on glucose in the presence of 6 mM monorhanuiolipid; (4) P. aeruginosa ATCC 27853
grown on glucose in the presence of 6 mM monorhamnolipid; (5) P. aeruginosa ATCC 9027
grown on hexadecane in the presence of 6 mM monorhamnolipid; (6) P. aeruginosa ATCC
27853 grown on hexadecane in the presence of 6 mM monorhamnolipid; (7) LPS from P.
aeruginosa serotype 10 (300 ^g); (8) LPS from P. aeruginosa serotype 10 (30 ^g); (9)
MW-markers.
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Fig 4-19
Scanning electron micrograph of P. aeruginosa ATCC 27853 grown on
glucose only. Note the presence of spherical particles on the surface which gives the surface
of the bacterium its unique roughness.
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Fig. 4-20 Scanning electron micrograph of P. aeruginosa ATCC 9027 grown on glucose
only. The surface is uniformly rough.
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Fig 4-21
Scanning electron micrograph of P. aeruginosa ATCC 27853 grown on
hexadecane only. Note the presence of spherical particles on the surface which gives the
surface of the bacterium its unique roughness.
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Fig. 4-22
Scanning electron micrograph of P. aeruginosa ATCC 9027 grown on
hexadecane only. The surface is rough.
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27853(Fig. 4-19). A more detailed picture ofasur&ce bleb ofP. aen/g7/io5aATCC278S3
is shown clearly in TEM (Fig. 4-23).
Presence of rhamnolipid in the culture medium clearly changed the appearance of the
cells. Cells grown with rhamnolipid in the culture medium appear to be smooth figures
4-24,4-25,4-26, and 4-27). Cells grown on hexadecane and treated with rhamnolipid also
appear to have localized invaginations on the sui&ce in the form of pits. These pits are
distinguishable from the roughness of the surface resulting from the presence of the spherical
particles. A TEM of P. aeruginosa ATCC 27853 reveals these pits clearly (Fig. 4-28).
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Fig. 4-23 Transmission electron micrograph of P. aeruginosa ATCC 27853 grown on
glucose only. Note the surface roughness and the surface bleb resulting from LPS-protein
complexes on the surface.

Fig. 4-24
Scanning electron micrograph of P. aeruginosa ATCC 27853 grown on
glucose in the presence of 6 mM monorhamnolipid. The spherical particles have been
significantly reduced or disappeared due to the action of monorhamnolipid.

Fig. 4-25 Scanning electron micrograph of P. aeruginosa ATCC 9027 grown on glucose
in the presence of 6 mM monorhamnolipid.
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Fig. 4-26
Scanning electron micrograph of P. aeruginosa ATCC 27853 grown on
hexadecane in the presence of 6 mM monorhamnolipid. The spherical particles have been
significantly reduced or disappeared due to the action of monorhamnolipid.
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Fig. 4-27
Scanning electron micrograph of P. aeruginosa ATCC 9027 grown on
hexadecane in the presence of 6 mM monorhamnolipid. Note the abundance of surface pits.

Fig. 4-28
Transmission electron micrograph of P. aeruginosa ATCC 9027 grown on
hexadecane in the presence of 6 mM monorhamnolipid. Note the surface pits.
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DISCUSSION
In this study and a previous one (Zhang and Miller, 1994) we observed that the
presence of rhamnolipid in the culture medium of P. aeruginosa led to a significant increase
in relative cell sui&ce hydrophobicity. Increases in relative cell sur&ce hydrophobicity were
also associated with higher rates of uptake for Iqrdrophobic substrates such as hexadecane.
This can be explained by the ability of hydrophobic bacteria to get into direa physical
contaa with hexadecane, a vital preliminary step for substrate uptake. The resuhs shown
here demonstrate that relative cell surface hydrophobicity is a function of strain, substrate,
rhamnolipid addition, as well as the growth stage. This study was initiated in an attempt to
explain the structural, and architectural attributes that cause or accompany changes in
relative cell surface hydrophobicity triggered as a direct effert of rhamnolipid in the cell
environment. We have identified rhamnolipid-induced LPS release as the probable
mechanism of enhanced cell surface hydrophobicity.
LPS exists in the outer leaflet of the outer membrane and as such represents the first
line of contact of the cell sur&ce with the external environment. In wild type Gram-negative
bacteria, the LPS fi^ion

is usually dominated by S-form LPS which is the LPS type that

contains the 0-antigen (polysaccharide side chain). This gives the bacterium a relatively
hydrophilic surface suitable for normal environmental settings. Modifications of surface
properties of a bacterium such as cell surface hydrophobicity are expected to involve
modifications of the LPS fi-action. Thus, the quantity and type of the LPS found on the

110
bacterium sur&ce should have a profound effect on the nature of interactions between the
bacterial cell and its environment. For example, bacteria that have a surface that is
completely covered with S-form LPS are resistant to the action of hydrophobic antibiotics
simply because such compounds are unable to penetrate the highly hydrophilic zone formed
by the polysaccharide chains of the dense LPS layer (Nikaido and Vaara, 1985). In contrast,
bacteria that have R-form LPS (which has a short or no 0-antigen) usually found as LPS
mutants and bacteria that have lost part of the LPS by chemical treatment are more
susceptible to the action of hydrophobic antibiotics. P. aeruginosa segregates LPS
molecules exclusively to the outer leaflet of the outer membrane. It is suspeaed that the
outer leaflet of the outer membrane also contains some phospholipid domains. These
domains provide limited zones on the P. aeruginosa surface where relatively hydrophobic
regions exist, which explains the ability of many strains to grow slowly on hydrophobic
substrates.
Loss of cellular components, especially those of the outer membrane, have been
described in many reports dealing with Gram-negative bacteria. For instance, it is known
that up to 50% of P. aeruginosa LPS are released to the medium as a result of EDTA action
(Leive, 1974). Earlier studies ofmicrobial cells have indicated that partial loss of the outer
membrane LPS leads to higher permeation for hydrophobic probes (Nikaido and Vaara,
1985). Such loss was suggested to be triggered by chelating agents (e.g. EDTA) and
polyvalent polypeptides (e.g polymyxin).
The development of relatively higher cell surface hydrophobicity during the
exponential phase of growth in treatments supplied with rhamnolipid seems to be a result

Ill
of LPS release and the consequent presence of more hydrophobic domains on the surface.
LPS creates a state of imbalance in the outer membrane. Since the cell sur&ce have to
maintain equilibrium in both leaflets of the outer membrane, cells tend to replace the lost
LPS by phospholipids originating from the inner leaflet of the outer membrane or the
cytoplasmic membrane. In all cases, this would lead to a relatively higher cell surface
hydrophobicity and increased translocation of hydrophobic compounds across the outer
membrane. This release is always accompaxiied by a significant increase in relative cell
surface hydrophobicity, which in turn leads to significant increases in hexadecane uptake and
biodegradation. These results are further confirmed by electron microscopy which shows
that the appearance of the cell surface is significantly different in cells growing with or
without rhamnolipid.
The effect of rhamnolipid on LPS release was different for the two strains used in this
study. While P. aeruginosa ATCC 27853 released 36% of its LPS as a result of rhamnolipid
presence in the culture medium, P. aeruginosa ATCC 9027 released only 4% of its LPS.
However, cell surface hydrophobicity increased similarly for both strains in the presence of
liiamnolipid. This suggests that even minimal LPS release (as in the case of/*, aeruginosa
ATCC 9027) leads to development of high adherence to hydrocarbons. The LPS results
correlate better with hydrocarbon degradation than the BATH results. For example, while
there was no significant difference in growth of the two strains on hexadecane alone, P.

aeruginosa ATCC 27853 grew faster (and released more LPS) than P. aeruginosa ATCC
9027 when rhamnolipid was added (compare Fig. 2.14 to Fig. 2.15). The reason for the
larger effect on P. aeruginosa ATCC 27853 is probably the greater release LPS which led
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to the creation of many sites of entry for hexadecane on the sur&ce of the cell. This then
leads to £u:ilitated uptake and consequently &ster growth.
The importance of the amount of LPS release is iiirther evidenced by the behavior
of P. aeruginosa ATCC 27853 grown on glucose in the presence of rtuunnolipid. In this
case glucose degradation was inhibited (Fig. 2.12). We believe this is because the high
number of hydrophobic sites on the cell surface following LPS release inhibited the
interaction of this hydrophilic substrate with the cell surface. This could also be a result of
the release of proteins (along with LPS) in the membrane that are necessary for glucose
transport into the cell.
A second effect of rhamnolipid for some of the conditions tested was a release of
fatty acids during late exponential phase (e.g. Fig. 2.9). The only explanation for such a
decline is the loss of fatty acids to the medium. P. aeruginosa is not known to store fatty
acids or hydrocarbons as free forms. Since P. aeruginosa contains only small percentage
of its fatty acids in the free fatty acid pool, we concluded that it is most likely that fatty acidcontaining lipid fractions (ca. phospholipids) are being lost rather than fatty acids themselves.
We also hypothesized that the mechanism of fatty acid loss is that rhamnolipid could be (as
some detergents do) activating phospholipase in the outer membrane causing the association
of bound fatty acids to weaken.
Scanning Electron Microscopy results clearly shows that P. aeruginosa cells have
a rough surface studded with spherical particles (e.g. Fig. 2.19). Smit et al. (1975),
reported a smooth appearance of the wild type Salmonella typhimurium vvith no information
on the underlaying layer. Yet, when the underlaying layer (the inner leaflet of the outer
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membrane) was observed after freeze etching, it t^)peared to have a rough appearance with
spherical particles. However, our imaging technique (SEM) is probably more depictive of
the actual sur&ce morphology because it allows the least disturbance for a direct cell
observation.
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