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ABSTRACT 

Insect and rodent samples were collected from suspected VSV-NJ enzootic areas over 

2 consecutive field seasons (1996-1997) and from southern Arizona only during 1998. Insect 

samples were screened for arboviruses, and rodent sera were tested for the presence of VSV-

NJ and VSV-IN neutralizing antibodies. Vesicular stomatitis virus New Jersey serotype was 

isolated from a pool of Culicoides sp. collected in 1997 near Belen, New Mexico. All rodent 

sera were negative for specific VSV-NJ and VSV-IN antibodies. 

Genetic analysis of the hypervariable region of the phosphoprotein gene demonstrated 

that the 1997 Belen VSV-NJ isolate was more closely related to viruses isolated from 

livestock during the 1982-83 western U.S. epizootic than to other VSV-NJ isolates. This 

suggests that VSV-NJ may be enzootic in the western U.S. 

Simulium vittatum was shown to be a competent vector of VSV-NJ. Virus-infected 

females were allowed to feed on laboratory mice and on deer mice. All laboratory mice 

seroconverted by day 21 post-exposure. Neutralizing antibody titers increased from an 

average of 1 ;4 at baseline to >-1:1,024 on day 21. 

An age-related effect on viral pathogenesis was evident in Peromyscus maniculatus 

following VSV-NJ exposure by black fly bite. Lethal encephalomyelitis was evident in all 6-

week-old mice, but in only one 6-month-old mouse. Peromyscus maniculatus did not meet 

the standard definition of a reservoir host for VSV-NJ because a viremia was not detected. 

Nonetheless, P. maniculatus may play a role in virus maintenance since non-infected black 

flies became infected whfle co-feeding with infected black flies on the same non-viremic host. 
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These results represent the first example of a western U.S. insect species becoming infected 

with VSV-NJ by feeding on a host. 

Simulium vittatum and S. notatum were shown to be competent laboratory vectors 

of VSV-IN. Saliva fi'om experimentally infected Simulium vittatum and S. notatum was 

collected and tested for the presence of infectious virus. Virus was detected in the saliva of 

both species following oral infection. 

Independent experiments were conducted to determine if transovarial transmission of 

VSV-NJ and VSV-IN occurs in black flies. Transovarial transmission was not detected. 

Transstadial transmission of both virus serotypes was detected. 
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1. INTRODUCTION 

l.l Problem Definition 

Vesicular stomatitis (VS) has been recognized as a disease of livestock and other 

animals for over a centuiy, and while the causative agents have been studied intensively in the 

laboratory, we know relatively little about the viruses as they occur in their natural settings. 

Sand flies are known vectors in enzootic areas and arthropods are thought to play a role in 

virus transmission during epizootics, but none has been confirmed as a vector. A wildlife 

reservoir is hypothesized to exist but has yet to be identified. 

Evidence supporting a role for arthropods in virus transmission is presented in Section 

1.2.3.1. Despite this evidence, doubt remains regarding the role of arthropods in natural 

transmission cycles since all of the potential vertebrate hosts investigated to date have failed 

to develop a viremia suflScient to infect biting arthropods. Experimental infection of animals 

with vesicular stomatitis virus (VSV) by arthropod bite or parenteral inoculation has only 

resulted in a clinically inapparent systemic infection without localization or appearance of 

mucosal lesions. 

Information regarding the epizootiology of VSV in the western U.S., where most of 

the recent epizootics have occurred, is based on the limited studies that take place during 

epizootics. This information is typically based on a three or four month study period, because 

most epizootics seem to start in the late spring and to stop with the first killing £*081 in the 
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fall. These studies have been opportunistic at best, and tend to focus on identifying possible 

vectors by screening insects for VSV only on premises with confirmed VS in livestock. 

1.1.1 Objectives 

The initial objectives of this project were to 1) determine the extent to which VSV 

may have permeated or remained in the environment following the 1995 epizootic, 2) confirm 

the vectoral competence of black flies by allowing experimentally VSV-infected flies to feed 

on susceptible mice, 3) determine if deer mice develop viremia and/or clinical signs after being 

fed upon by experimentally infected black flies, 4) determine if black flies can become infected 

with VSV-NJ by feeding on previously exposed deer mice, and 5) determine if VSV-NJ is 

transovarially transmitted in black flies. Following the 1997 and 1998 VSV-IN epizootics, 

additional objectives were established as follows; 1) determine the vector competence of wild 

and colonized black flies to VSV-IN, and 2) determine if VSV-IN is transovarially transmitted 

in black flies. 

1.1.2 Significance 

Identification of the vectors and reservoir(s) involved in VSV transmission and 

maintenance can have important consequences in reducing the economic impact of epizootics 

on the U.S. livestock industry. Restrictions on animal movement can be expected to be less 

effective where it has been shown that insects play a role in biological transmission of the 

causative agents. Confirmation of insect transmission will also support the need for 
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protecting animals against insect feeding, as well as the need for basic insect control 

measures. 

In addition, the results of this study will contribute significantly to our understanding 

of the entomological/epidemiological basis for the periodic outbreaks of VS in the western 

U.S. Since maintenance and transmission of VSV remain largely undocumented, this could 

serve as an efifective epidemiological means for prediction and assessment of viral spread. 

1.2 Literature Review 

1.2.1 History 

Vesicular stomatitis is caused by a group of antigenically related but distinct viruses 

of the genus Vesiculovirus, family Rhabdoviridae (Murphy et al., 1994). The disease 

primarily affects cattle, swine, and horses, causing vesicular lesions on the mouth, coronary 

bands, and teats, and less fiequently, an influenza-like illness in humans (Hanson et al., 1950; 

Patterson et al., 1958). Other livestock and wildlife species are also at risk (Karstad et al., 

1956; Karstad and Hanson, 1957; Thome et al., 1983; Webb et al., 1987). 

Vesicular stomatitis is grouped with the "vesicular diseases" of livestock, which 

include foot-and-mouth disease (FMD), vesicular exanthema of swine, and swine vesicular 

disease. Other vesicular diseases fi'om which VS must be distinguished in domestic and wild 
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animals include pseudocowpox, cowpox, herpes mammillitis, and bluetongue in cattle; and 

bluetongue and epizootic hemorrhagic disease in sheep, goats, and deer (Jones et al., 1981). 

Within the Americas, two serotypes of vesicular stomatitis virus, VSV-Indiana and 

VSV-New Jersey, have been associated with vesicular disease among cattle, horses, pigs, and 

humans (Shope and Tesh, 1987). Three distinguishable types of VSV-Indiana (VSV-IN) are 

recognized, classical Indiana (type 1), Cocal (type 2), and Alagoas (type 3), whereas only a 

single type of VSV-New Jersey (VSV-NJ) is known. 

The Indiana serotype was first isolated fi'om a cow in the state of Indiana in 1925 

(Cotton, 1926) and the New Jersey serotype from cattle and horses in the state of New Jersey 

in 1926 (Cotton, 1927). These are the only known virus serotypes to cause VS in the United 

States. These viruses also are known to cause disease in Mexico, Colombia, Venezuela, 

Panama, and Costa Rica (Karstad and Hanson, 1957; Jensen and Mackey, 1979). Cocal and 

Alagoas viruses are only known from South America. Cocal virus was isolated in 1964 from 

rodents, mosquitoes, and mites in Trinidad and Brazil (Jonkers et al., 1964,1965) and was 

first associated with VS in an outbreak that affected horses on more than 50 premises in 

Argentina in 1963-64 ^edeter et al., 1967). Alagoas virus was isolated from mules in Brazil 

in 1964 and has been associated with VS in horses, mules, and cattle (Federer et al., 1967). 
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1.2.1.1 VS in the Americas 

The eariy history of VS has been exhaustively reviewed (Hanson 1952, 1968; Jonkers, 

1967). In summary, Teidebold et. al. (1916) first reported VSV in the United States, but 

historical evidence suggests that VSV has been present in the U.S. for well over 100 years 

(Hanson, 1952; Hanson and Brandly, 1957; Webb and Holbrook, 1989). Descriptions of 

"sore tongue" in cattle, horses, and swine in the eastern USA in 1801-02 and 1817 fit the 

modem description of the disease (Brown, 1820; Haslam, 1820). General G. B. McClellan 

is credited with the first report of what may have been VS during the Civil War in 1862 

(Hanson, 1952). During this time, over 4,000 horses in the Union Army were incapacitated 

with what is now believed to have been VS (Hanson, 1952). 

Even though VS epizootics have been reported in the southeast U.S. (Jenney, 1967; 

Jenney and Brown, 1972; Jenney et al., 1980) major epizootics are typically reported fi'om 

the western U.S. Epizootics involving the New Jersey serotype occurred in 1944, 1949, 

1957, 1959, 1963, 1982-83, 1985, and 1995, and those involving the Indiana serotype 

occurred in 1942,1956,1964-65, and 1997-98. The only known enzootic focus of VS in the 

U.S. is on Ossabaw Island, a barrier island off the coast of Georgia (Stallknecht et al., 1999). 

Vesicular stomatitis virus New Jersey activity has been documented annually on the island 

since 1980 by seroconversion of sentinel feral swine (Stallknecht et al., 1985; Comer et al., 

1990; Stallknecht et al., 1999). 
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Domestic livestock of many Central and South American countries are frequently 

infected with VSV, and this is best documented in Mexico and Costa Rica. Vesicular 

stomatitis outbreaks were reported in the 1930's and I940's in Mexico (Mason et al., 1976). 

The New Jersey serotype is enzootic in the states of Veracruz, Chiapas, Oaxaca, and 

Tabasco. Epizootic activity is reported throughout the country but the majority of activity 

is seen in the states of Jalisco, Michoacan, Hidalgo, Colima, Chihuahua, Sonora, and 

Guerrero. The Indiana serotype (type 1) is enzootic in the states of Veracruz, Chiapas, and 

Oaxaca and epizootic activity is reported to be sporadic in the states of Colima, Chiapas, 

Chihuahua, Jalisco, Michoacan, Moreloa, Nayarit, Puebla, and Tabasca (Mason et al., 1976). 

Vesicular stomatitis viruses New Jersey and Indiana (type 1) are enzootic in Costa Rica and 

the disease in livestock appears regulariy at the beginning of the dry season (Rodriguez et al., 

1990; VanLeeuwen et al., 1995). 

1.2.1.2 VS Outside of the Americas 

Vesicular stomatitis has not been reported outside of the Americas since World War 

I. Theiler (1901) described a vesicular disease in horses and mules in Transvaal, South Africa, 

in 1897 and prior to 1884. Outbreaks of stomatitis in cattle were reported in South Africa 

in 1934, 1938, and 1943 (Hanson, 1952). The causative agent(s) was not identified in any 

of these outbreaks and evidence that VSV was involved is lacking (Hanson, 1952; Webb and 

Holbrook, 1989). An outbreak that clinically and epidemiologically resembled VS occurred 
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in Europe during Worid War I and is thought to be American in origin following importation 

of horses (Jacoulet, 1915). 

Because VS is an acute, self-limiting infection, the risk of introduction of the virus by 

recovered animals or asymptomatic carriers to areas outside of the Americas seems to be 

small. Studies show that once lesions have healed, naturally infected livestock pose little 

threat of infection to susceptible livestock (Patterson et al., 1955; Thurmond et al., 1987). 

A short period of viral shedding which ends with seroconversion is reported for swine 

(Patterson et al., 1955; Redelman et al., 1989), cattle (Cotton, 1926), and horses (Green, 

1993). 

1.2.2 VS in Humans and Domestic Animals 

1.2.2.1 Human Infection 

Human disease following VSV infection produces an acute, febrile, influenza-like 

illness that is self-limiting. Myalgia, headache, and malaise may be severe, but the duration 

of illness is only 3-6 days (Yuill, 1981). There is a mild leukopenia and relative lymphocytosis 

(Johnson et al., 1966). Virus has been isolated from pharyngeal secretions and vesicular fluid, 

but only rarely from blood. 
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1.2.2.2 Animal Infection 

Animal disease is typically characterized by foot and mouth vesicles. Initial infection 

produces an inapparent fever of short duration (Bennett, 1986). Formation of vesicles is a 

result of the virus localizing in the malpighian or germinative layer of the epithelium in the 

oral cavity, the mammary glands, and in the coronary band (Bennett, 1986; Green, 1993). 

Cellular necrosis ensues and results in the formation of vesicles, which rupture and cause 

ulceration. Coalescing ulcers along the lips, gums, and dorsum of the tongue are conmionly 

observed. The tongue epithelium may slough over small or large areas. Ulceration of the 

coronary band can lead to severe lameness and deformity of the hoof wall or laminitis. 

Lameness or laminitis associated with coronitis and deformed or cracked hoof walls may 

persist, and sloughing of the hoof can occur (Bennett, 1986). Udder, teat, and genital lesions 

can also occur. Teat lesions develop frequently in dairy cattle, where milking machines may 

be important in mechanical virus transmission (Strozza and Ramos-Saco, 1953; Hansen et al., 

198S). Duration of iUness is short, but regaining normal physiological function may take 

several months (Hanson and Brandly, 1957). Depigmentation of the skin and lips is conmion 

after healing. 

1.2.3 Epizootiology 

1.2.3.1 The Role of Insects in VSV Transmission 

Although VS has been recognized as a clinical entity since 1916, many portions of its 

maintenance and transmission cycle remain unclear. Most animals are susceptible to VSV 
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infection but no natural reservoirs have been identified. Observations that VS outbreaks in 

the United States usually occur during warm weather, that the virus moves in concentric 

circles away fi'om the site of first appearance, often following waterways, and that outbreaks 

are terminated by the onset of killing fi-osts, led to the hypothesis that VSV was transmitted 

by insects. 

Radeleff (1949) suggested that VSV was spread by an insect vector and suggested the 

stable fly, Stomoxys calcitrans, as the most probable vector since these flies were found in 

great numbers in areas where disease occurred. Hanson (1952) considered several probable 

vectors including; horse flies, deer flies, mosquitoes, and black flies. Since then, the causative 

agent for VS has been isolated fi'om several species of arthropods in many parts of the New 

World and in some parts of the Old World (Table 1). 

There is considerable evidence suggesting that biting arthropods play a role in the 

natural history of some of the vesiculoviruses. The evidence is summarized in the following 

observations; 

1) Most vesiculoviruses have been recovered in nature fi'om hematophagous arthropods 

(Table 1) (Tesh and Johnson, 1975; Tesh et al., 1977; Karabatsos, 1985; Dhanda et al., 1970; 

Travassos et al., 1984; Shope and Tesh, 1987). 

2) Bite transmission of five vesiculoviruses (Chandipura, Cocal, Indiana, Jurona, and New 

Jersey) has been demonstrated by allowing experimentally infected mosquitoes to feed on 
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laboratory animals (Jonkers et al., 1964; Rao et al., 1967; Bergold et al., 1968). Bite 

transmission of Indiana, Alagoas, Chandipura, and New Jersey serotypes has also been shown 

with experimentally infected phlebotomine sand flies (Tesh et al., 1971, 1987; Tesh and Modi, 

1983; Comer et al., 1993). The presence of VSV-NJ in the saliva of experimentally infected 

colonized black flies, Simulium vittatum, was demonstrated by Mare et al., (1991) and Cupp 

et al., (1992), and experimental laboratory transmission by wild black flies was demonstrated 

by Mead et al., (1997). 

3) Transovarial transmission of Indiana, Maraba, Chandipura, New Jersey, and Carajas 

serotypes has been demonstrated in experimentally infected sand flies (Tesh et al., 1972; Tesh 

and Modi, 1983; Travassos et al., 1984; Comer et al., 1993). 

4) Natural infection with three VSV serotypes (Indiana, New Jers^, and Cocal) has occurred 

in caged sentinel animals exposed in areas of known virus activity (Jonkers et al., 1965; Tesh 

et al., 1970; Stallknecht et al., 1993). 

1.2.3.2 Enzootic and Epizootic Areas 

Vesicular stomatitis tends to be enzootic in lowland tropical areas and epizootic in 

temperate regions (Webb and Holbrook, 1989). Features common to outbreaks include; 

sporadic occurrence, marked seasonal occurrence, and the inability of naturally infected 

vertebrates to produce a sustained, high titer viremia. 
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Two enzootic areas have been studied in detail. In Costa Rica, the prevalence of 

antibodies in cattle to the Indiana (type 1) and New Jersey serotypes are 21 and 46%, 

respectively (Atwill et al., 1993). Vesicular stomatitis is diagnosed in livestock regularly at 

the end of the rainy season and transmission continues into the dry season. Older, lactating 

cows are at higher risk of disease than nonlactating old cows or calves (Rodriguez et al., 

1990; VanLeeuwen et al., 1995; Atwill et al., 1993). Farm factors associated with an 

increased risk of VS include the presence of poultry and a long calving interval (VanLeeuwen 

et al., 1995). Variables related to breeding sites for sand flies and black flies were found to 

be associated with occurrence of VS in livestock. In addition, risk of disease caused by the 

New Jersey serotype was found to be greater for cattle pastured in or near lower montane 

moist forests (500 to 1500 meters above sea-level) and tropical dry forests (<2 meters of 

annual rainfall and from sea-level to 500 meters above sea-level) than for cattle pastured at 

other regions (Atwill et al., 1993). No environmental factors were found to be associated 

with the Indiana serotype and this suggests that independent transmission and maintenance 

cycles exist for these serotypes in Costa Rica (Atwill et al., 1993). 

The only known confirmed enzootic area of VSV in the U.S. is on Ossabaw Island, 

Georgia (Stallknecht et al., 1985; Comer et al., 1990; Stallknecht et al., 1999). Antibodies 

to VSV-NJ are found in approximately 50% of the white-tailed deer, and 25 to 33% of the 

feral swine on the island seroconvert each summer (Stallknecht and Erickson, 1986). 

Seroconversions in feral and sentinel swine is related to the emergence of sand flies. 
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Lutzomyia shannoni. Vims isolations from wild caught male sand flies indicate that 

transovarial transmission occurs in this vector (Comer et al., 1992). Recent studies suggest 

that wild swine (Stallknecht et al., 1999) and deer (Comer et al., 199S) are dead-end hosts 

for the virus and the natural reservoir remains unknown. 

Vesicular stomatitis has been descnbed as sporadically epidemic in the western United 

States (Monath et al., 1987). Recent outbreaks of VSV-NJ occurred in 1995 and 1997. 

Epizootics involving the Indiana serotype occurred in 1997 and 1998. Epizootics typically 

begin in the late spring and the disease is usually first identified in livestock in states that 

border Mexico. A northward progression of disease during the summer months has been 

described (Hanson, 1952). During epizootics, the virus seems to follow natural features such 

as mountain valleys, river basins, or defined ecological zones such as open woodlands or 

savannas (Acree et al., 1964; Hanson, 1968). Epizootics reportedly spread irregularly, 

without infecting all susceptible groups of animals (Fellowes et al., 1956; Hanson and 

Karstad, 1956; Meyer et al., 1960), and are terminated by the onset of killing frosts. Pastured 

livestock are more frequently affected by VS than livestock in stables, bams, or on dry 

feedlots (Monath et al., 1987). 

The observation that VS spreads irregularly, skipping some herds while affecting 

others, may be more apparent than real. A1982 survey of four dairies on the western slope 

of Colorado (Walton et al., 1987) revealed that while only two dairies reported clinical 
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disease in livestock, there was a high prevalence of VSV neutralizing antibodies in cows on 

all fi)ur. This suggests that Actors other than VSV distribution, such as environment, diet, and 

breed, may contnbute to the expression of disease in livestock. The failure of dairy personnel 

to recognize diseased animals or to report the disease to authorities may also contribute to 

these findings. 

1.2.4 Importance of VSV Infection in Livestock 

Vesicular stomatitis is a disease of considerable economic importance. In addition to 

being a cause of economic loss in beef and dairy herds, due to weight loss and a drop in milk 

production in afifected animals, the disease is of paramount importance to animal health 

authorities because the clinical signs mimic those of FMD, making differential diagnosis an 

urgent matter (Jones et al., 1981). Surveillance for all vesicular diseases affecting cattle and 

swine has been maintained in the United States since the first introduction of FMD virus in 

1870 (Jenney et al., 1984). Horses are not susceptible to FMD virus, so differential diagnosis 

based on clinical signs can be made in equines (Hanson, 19S2). 

The 'OfSce International des Epizooties' (OEE) characterizes VS as a list-A disease, 

one that is communicable, has the potential to spread rapidly, is of serious socioeconomic or 

public health consequence, and is of major importance in the international trade of livestock 

or livestock products. Therefore, the presence of VS in livestock is seen as cause for 

restricting the mport of livestock fi'om an affected state or country to VS-fi'ee areas. 
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The recent VSV epizootics illustrate the difBculties faced by animal health authorities. 

Attempts to control the spread of VS centers on identification of clinical cases, and the 

imposition of a quarantine on animals on and around affected premises. The restrictions on 

animal movement cause appreciable economic losses, closing rodeos, animal fairs, and sale 

bams. During the 1995 VSV-NJ epizootic, in efforts to protect livestock trade in the U.S., 

39 states restricted animal movement from affected states by requiring certificates from 

accredited veterinarians that the animals being moved had not been on VS-affected premises 

within 30 days. Many states had more strict requirements. Animals fi'om affected states 

could not be moved to Canada or the European Union. Russia and the Republic of South 

Afiica banned importing any beef from affected states in the U.S. 

1.3 Dissertation Format 

The first Chapter serves as an introduction to this dissertation. The problem 

definition, research objectives and significance, and literature review are presented in this 

Chapter. In addition, this Chapter explains the dissertation format. The second Chapter 

summarizes the methods, results, and conclusions of the research described in the six 

appendices. 

The principal research finding of this dissertation are presented as six appendices that 

follow Chapter 2. These appendices are manuscripts published, manuscripts submitted for 

publication, or manuscripts ready for submission and were all written by the degree candidate. 

The research objectives were previously presented in Section 1.1.1. 
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Appendix A describes the field studies that were conducted as part of this dissertation 

project. This paper is co-authored with Dr. C. John Mare and Dr. Frank Ramberg. The first 

author and degree candidate, Daniel Mead, and Dr. Mare, the graduate degree advisor, chose 

the field sites and designed the collection scheme. Daniel Mead conducted the field 

collections and with the help of Dr. Ramberg sorted and pooled the insect collections. The 

virus isolations and identification, and all of the serological tests were conducted by D. Mead. 

The genetic relatedness of the "Belen" VSV-NJ isolate to other VSV-NJ isolates is 

presented in Appendix B. This p^)er, which is ready for submission, is co-authored with Dr. 

Mare and Dr. J. Kevin Moulton. D. Mead extracted, purified, and sequenced the viral RNA. 

D. Mead and Dr. Moulton performed the phylogenetic analysis. Dr. Mare gave general 

guidance to the project. 

Appendbc C is co-authored Avith Drs. Mare and Ramberg and describes the 

transmission of VSV-NT "Belen" by black fly bite to laboratory mice. D. Mead and Dr. Mare 

designed the experiments. D. Mead and Dr. Ramberg conducted the transmission 

experiments. D. Mead performed the mouse necropsies, serological testing, and virus re-

isolations. Drs. Mar^ and Ramberg reviewed and edited the manuscript which was published 

in the Journal of Medical Entmnology. 
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Appendix D is co-authored by Drs. Mare, Ramberg, and Besselsen. This paper 

describes experiments designed to confirm the vector competence of Simulium vittatum and 

to determine whether deer mice serve as a reservoir of VSV-NJ. D. Mead and Dr. Mare 

designed the transmission experiments. These were performed by D. Mead and Dr. Ramberg. 

D. Mead performed the necropsies, serological tests, and virus re-isolations. Dr. Besselsen 

performed the histological examinations. The paper was reviewed and edited by the co

authors and is being considered for publication in Science. The format of the Appendix 

follows that required by Science. 

Appendix E describes the vector competence of colonized and wild black flies for 

VSV-Indiana. This paper was co-authored by Drs. Mare and Ramberg and has been 

submitted to the Annals of the New York Academy of Sciences for publication. The 

experiments were designed by D. Mead and Dr. Mare. D. Mead and Dr. Ramberg performed 

the transmission experiments and D. Mead analyzed the results. The co-authors reviewed and 

edited the paper. 

Appendix F describes experiments conducted to determine whether transovarial 

transmission of VSV in black flies serves as a means of viral persistence in the environment. 

The paper was co-authored by Drs. Mare and Ramberg. All authors were involved in the 

experimental design. D. Mead and Dr. Ramberg worked together to mate, infect, and collect 

eggs from females. D. Mead reared the progeny to the adult stage and screened the adults 
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for virus. The paper is in the final stages of preparation for submission and will be reviewed 

by the co-authors. 
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Table 1. Vesiculoviruses isolated from arthropods. 

Serotype Known Geographic Distribution Source(s) of virus in nature 
New Jersey North, Central and South America sand flies, black flies, 

midges, mosquitoes, house Qies ** 

rndi'ana North, Central, and South America sand flies, mosquitoes ** 

Cocal' Argentina, Brazil, Trinidad mosquitoes, mites ** 

Alagoas* Brazil, Colombia sandflies ** 

Malpais Spring United States mosquitoes 

Isfahan Iran, Soviet Union sand flies, ticks ** 

La Joya Panama mosquitoes 

Chandipura Iiulia, Africa sand flies ** 

Calchaqui Argentina mosquitoes 

Jurona Brazil mosquitoes 

Carajas Brazil sandflies 

Maraba Brazil sandflies 

Yug Bogdanovac Yugoslavia sandflies 

Perinet Madagascar sand flies, mosquitoes 

Porton-S Sarawak mosquitoes 

* Cocal and Alagoas are virus sub^pes of VSV-Indiana. Cocal is often referred to as Indiana Type 2 virus 
and Alagoas as Indiana 3 virus. 

** Virus also isolated from manunals. 
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2. PRESENT STUDY 

The methods, results, and conclusions of this study are presented in the papers 

appended to this dissertation, which provide details for the major accomplishments of this 

degree project. These include, isolation of VSV-NJ from biting insects in an area with no 

reported VS in livestock caused by the New Jersey virus, analysis of the genetic relatedness 

of this virus to other VSV-NJ isolates, demonstration of transmission of VSV-NJ by black 

fly bite using an animal model, demonstration of co-feeding as a mechanism for insect 

infection with VSV-NJ, determination of the vector competence of wild and colonized black 

flies to VSV-IN, and demonstration of transstadial but not transovarial transmission of VSV-

NJ and VSV-IN in black flies. 

Appendix A describes the field studies that were conducted as part of this dissertation 

project. Areas in Arizona, Colorado, and New Mexico, all with a history of repeated 

outbreaks of VS in livestock, were chosen for this study. Biting insects were collected and 

screened for viruses. In addition, VSV activity was investigated by screening rodent sera for 

VSV specific neutralizing antibodies. Western equine encephalomyelitis virus was isolated 

from 2 pools of mosquitoes collected in 1996 near Taylor, Arizona, and VSV-NJ was isolated 

from 1 pool of Culicoides sp. collected in 1997 near Belen, New Mexico. Neutralizing 

antibodies were not detected in the rodent serosurvey. 
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Appendix B describes the molecular relationship of the 1997 Belen VSV-NJ isolate 

to other VSV-NJ isolates. We were primarily interested in the relationship between this virus 

and viruses isolated during the 1982-83, 1995, and 1997 epizootics. The index case of VS 

for the 1982-83 epizootic was in Camp Verde, Arizona, and livestock in this region (the 

White Mountains) were diagnosed with VS in 1995 and 1997. Livestock in the Rio Grande 

Valley of New Mexico, including Helen, were found to be infected with VSV-NJ in 1982-83 

and 1995, but not in 1997. Vesicular stomatitis was diagnosed in livestock in this area in 

1997 and again in 1998 but it was shown to be due to infection with VSV-IN. Sequence 

analysis of the hypervariable region of the phosphoprotein gene demonstrated that the Belen 

isolate is more closely related to 1982-83 western U.S. VSV-NJ isolates than it is to other 

isolates, including virus isolates fix>m the 1995 and 1997 epizootics. This suggests that VSV-

NJ may have been circulating in this region in a silent cycle for over 10 years. 

Appendix C describes the transmission of VSV-NJ to rodents by black fly bite. Black 

flies were infected with VSV-NJ by intrathoracic inoculation and allowed to feed on 

susceptible laboratory mice. Detection of VSV-NJ specific neutralizing antibodies in the mice 

indicated transmission. The results of this study confirm that Simulium vittatum is a 

competent vector of VSV-NJ and represents the first confirmed example of biological 

transmission of an arbovirus by a member of the Simuliidae using an animal model. 
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The goals of the experiments presented in Appendix D were 4-foId; 1) to confirm the 

vector status of black flies for VSV-NJ; 2) to determine whether deer mice (Peromyscus 

maniculatus) can serve as a reservoir of VSV-NJ; 3) to determine whether non-infected 

"recipient" black flies become infected with VSV-NJ when feeding on potentially infected 

deer mice; and 4) to characterize the immunological and histopathological changes in P. 

maniculatus following exposure to VSV-NJ. As demonstrated by the re-isolation of VSV-NJ 

fi-om clinically affected mice, and by the detection of VSV-NJ specific antibodies in surviving 

mice, infected black flies transmitted VSV-NJ to deer mice. Viremia was not detected in mice 

following VSV-NJ exposure. However, non-infected black flies acquired VSV-NJ while co-

feeding on the same mice with VSV-NJ infected black flies. This suggests that a viremic host 

is not necessary for insect infection of VSV-NJ. These results reconfirm the vector 

competence of S. vittatum and represent the first example of a western U.S. insect species 

becoming infected with VSV-NJ by feeding on a host. This is also the first report of a co-

feeding transmission mechanism for an insect-transmitted virus. 

Appendix E describes the laboratory transmission of VSV-IN by wild and colonized black 

flies. Following intrathoracic inoculation, virus was detected in the saliva of colonized 

SimuUum vittatum but not in the saliva of wild S. notatum. Virus was detected in the saliva 

of both species following oral infection. The results of this study indicate that colonized and 

wild black flies are competent laboratory vectors of VSV-IN and suggest that the black fly 
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gut may exert evolutionary pressures on the virus or act as a selection mechanism in virus 

transmission. 

Appendix F describes attempts to demonstrate transovarial transmission of VSV in 

black flies. Independent experiments were conducted to determine if transovarial transmission 

of VSV-NJ and VSV-IN occur in black flies. Briefly, eggs from the second gonotrophic cycle 

of VSV-NJ and VSV-IN infected black flies were collected and reared to the adult stage. 

Progeny adults were screened for the presence of virus. To determine if transstadial 

transmission of VSV-NJ and VSV-IN occurs in black flies, black fly larvae from uninfected 

females were infected with VSV-NJ and VSV-IN in independent trials and allowed to 

complete development. Transovarial transmission was not detected. However, transstadial 

transmission of both virus serotypes was detected. Because transovarial transmission of 

VSV-NJ and VSV-IN is known to occur at very low levels in sand flies, the negative results 

seen in black flies could suggest that the sample size was not large enough to detect 

transmission. The resuhs of these experiments are important because they demonstrate that 

once a larvae is infected the virus remains present and is expressed in the adult stage. 
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Abstract 

The objective of this prospective study was to identify vectors and reservoirs of vesicular 

stomatitis virus New Jersey serotype (VSV-NJ) in suspected enzootic areas. Insect and 

rodent collections were made over 2 successive summers in Arizona, Colorado, and New 

Mexico. Samples were collected from Arizona only during the 1998 field season. Five 

viruses were isolated from a total of 28,631 insects collected during the collection period. 

Vesicular stomatitis virus (New Jersey serotype) was isolated from a single pool of CuUcoides 

sp. collected in 1997 near Belen, New Mexico. Rodent serum samples were screened for 

VSV-NJ and VSV-IN neutralizing antibodies (samples collected during 1996 were screened 

for VSV-NJ exposure only). All sera were negative. 
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Introduction 

Information regarding tiie transmission and maintenance of vesicular stomatitis virus 

(VSV) in the United States is based largely on the limited observational and entomological 

studies conducted during the sporadic epizootics in the western U.S. During epizootics, the 

New JersQT serotype (VSV-NJ) has been isolated from biting Culicoides midges (Walton et 

al., 1987; Kramer et at., 1990), mosquitoes (Calisher et al., 1983), black flies (Theiler and 

Downs, 1973; Francy et al., 1988; Schmidtmann et al., 1999), eye gnats (Jenney, 1967), and 

other non-biting diptera (mainly Muscid and Anthomyiid flies) (Francy et al., 1988). 

Serologic studies conducted within epizootic and enzootic regions of the U.S. and 

throughout the Americas have demonstrated that rodents are naturally infected with VSV-NJ. 

Webb et al., (1987) detected VSV-NJ specific neutralizing antibodies (NA) in 12% of 

Peromysois maniculOus collected in Colorado during the 1982-83 VSV-NJ epizootic. The 

results from a serological survey of small mammals in an enzootic area in Costa Rica indicate 

that the cotton rat, Sigmodon hispidus, may play a part in the natural cycle of VSV in that 

specific area (Jimenez et al., 1996). In addition, antibodies to VSV-NJ have been detected 

in rodents in Louiaana (Jenney and Brown, 1972), and Mexico (Aguirre et al., 1992). These 

findings suggest that rodents may be involved in VSV-NJ maintenance. 

During the 1995 VSV-NJ epizootic, the majority of livestock in southern Colorado 

with diagnosed VS were on premises (or veiy close to premises) where VS had occurred 

between 1982 and 1985. This suggests that, at the very least, the ecology of these areas 

readily supports the VSV cycle which is not, as yet, understood. The possibility exists that 
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the virus had persisted m a silent enzootic cycle for about 10 years. On one of these premises 

the disease occurred in two successive years and this alone suggests that an overwintering 

mechanism exists. 

Following the 1995 epizootic, four areas with a repeated history of clinical VS in 

livestock were selected for long-term studies to determine if VSV enzootic cycles could be 

identified. These areas included the White Mountain region of Arizona (Camp Verde to 

Taylor), the Rio Grande Valley (between Belen and Los Lunas, New Mexico), the Mancos 

River Valley near Mancos, Colorado, and McElmo Creek south of Cortez, Colorado. Insect 

and rodent samples were collected from these areas over two consecutive summers (1996-

1997). Collections were also made fi'om Pueblo and Boulder, Colorado in 1997. In addition, 

insect and rodent samples were collected in the Santa Cruz river valley in southern Arizona 

during the summer of 1998. 

Materials and Methods 

Insect Collections 

CDC miniature light traps, baited with COj, and a mouth aspirator were used to 

collect host seeking, biting insects. In addition, immature black flies were collected fi'om 

aquatic systems (streams, irrigation ditches, or runoflO- Traps were operated fi'om 

approximately Spm to Sam. Insects were collected directly off of livestock with a mouth 

aspirator when possible. All samples were fi'ozen in glass vials on dry ice until they were 

processed. 
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Virus Isolation 

Insects were kept frozen on COj in glass vials and transported to the Medical 

Entomology Laboratory where they were identified and pooled according to trap, species, and 

sex of the fly. Samples were either immediately tested for presence of virus, in pools of 15 

or less, or frozen (-QOX) in cryovials containing 1 ml antibiotic solution (85% Iscoves cell 

culture medium, 15% Antibiotic/Antimycotic Solution, Omega Scientific) for later evaluation. 

Insect pools were individually ground in 1 ml of antibiotic solution using sterile glass 

grinders. The mixture was clarified by light centrifligation and the supernatant fluid was then 

used as the cell culture inoculum. A one-half ml portion from each pool was inoculated onto 

separate confluent Vero-M cell culture monolayers in 50ml cell culture flask and incubated 

at 37°C for 1 hour in a 5% CO2 atmosphere. After removal of the inocula, the cells were 

overlaid with Iscoves medium containing 2% newborn calf serum, and 2% antibiotics, then 

incubated at 37*0. Cell culture monolayers were examined daily for evidence of cytopathic 

changes. Any flasks showing evidence of cytopathic changes were subpassaged onto 2-day-

old Vero-M monolayers and observed for further evidence of cytopathic changes. If 

cytopathic changes continued to be evident the sample was plaque purified and identified 

using a standard micro-neutralization test, FA staining, or both. Cells not displaying CPE 

were subpassaged on day 6 and observed for an additional 6 days. If no cytopathic changes 

were evident the sample was discarded. 
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Rodent Serum Survey 

Sherman live traps, baited with oatmeal, were used to catch rodents. Traps were set 

at dusk and checked every 3 hours until dawn. Animals were removed from the trap, 

anesthetized with Halothane, identified to species, and bled. Sterile hematocrit tubes were 

used to collect blood from the orbital sinus. After blood collection the eyelid was held shut 

to ensure hemostasis. Sterile antibiotic eye ointment was applied to reduce the risk of 

infection. Animals were examined for lesions, toe clipped for identification, and then released 

after regaining consciousness. Blood samples were transported to the Animal Virology 

Laboratory and sera were tested for VSV-NJ neutralizing antibodies by microliter serum 

neutralization tests on Afiican green monkey kidney (Vero-M) cells. The VSV-NJ antigen 

strain used was the Arizona isolate designated "Camp Verde". Rodent sera collected between 

1997 and 1998 was also tested for VSV-IN neutralizing antibodies. The VSV-IN antigen 

strain used in this study was obtained from NVSL and is designated "98-22488." 

The use of rodents was approved by the University of Arizona's Animal Care and Use 

Committee (control #96-059). 

Results 

Entomologic Surveys 

A total of 6,600 insects (1,124 pools) were collected in 1996 and assayed for the 

presence of arboviruses. The results are summarized in Table 1. Biting midges 

(Ceratopogonidae) were the most abundant insects collected (46.8%) followed by mosquitoes 

(CuUcidae) and black flies (Simuliidae). Over 50% of the insects were collected in 
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southwestern Colorado. Western equine encephalomyelitis virus (WEEv) was isolated from 

two pools of Culex tarsalis collected in the White Mountains near Taylor, Arizona. 

The results from the 1997 collections are summarized in Table 2. Mosquitoes 

(Culicidae) were the most abundant of the 18,977 insects collected (6,152 total). Biting 

midges and black flies comprised 31 and 17.7%, respectively, of the total number of insects. 

The majority of the insects were collected along the Rio Grande Valley, New Mexico 

(50.9%), and from southwestern Colorado (41.1%). Vesicular stomatitis virus New Jersey 

serotype was isolated from a single pool of Culicoides sp. collected in June near Belen, New 

Mexico. 

The abundance of blood-feeding insects in southwestern Colorado in 1996 and along 

the Rio Grande Valley in 1997 reflects, in part, proximity of insect traps to pastures irrigated 

by flooding, river systems, drainage ditches, and irrigation canals that provide favorable 

habitats for the immature stages of black flies and mosquitoes. 

The results from the 1998 collections are summarized in Table 3. Overall, 3,054 total 

insects (375 pools) were coUected from southern Arizona. Mosquitoes (Culicidae) were the 

most abundant insects collected, followed by biting midges (Ceratopogonidae), and black flies 

(Simuliidae). Western equine encephalomyelitis virus was isolated from two pools of Culex 

tarsalis collected in September. 

Rpto $grQ$yrvffl 

The results from the 1996 and 1997 rodent serosurveys are summarized in Table 4. 
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Sixty-seven and 69% of all samples collected in 1996 and 1997, respectively, came from 

southwestern Colorado. Peromyscus maniculatus was the most abundant rodent collected 

and this species accounted for 31% of the total number of animals sampled. Serum was 

collected from 271 rodents during 1996 and tested for VSV-NJ neutralizing antibodies. Sera 

from the 23S rodents trapped during 1997 were tested for VSV-NJ and VSV-IN neutralizing 

antibodies. Samples from both years were all determined to be negative. 

Fifty-eight rodents were trapped and bled during 1998. Peromyscus maniculatus, 

Reithrodmtomys megalotis, and Neotoma albigula were the most abundant rodents collected 

and these three species accounted for 70.6% of the samples taken (Table S). Antibodies 

specific for VSV-NJ or VSV-IN were not detected in any of the samples. 

Discussion 

The primary object of this prospective study was to determine if enzootic cycles of 

VSV exist on premises that have a repeated history of VS in livestock. The goals were to 

identify what species of rodents were naturally infected with VSV-NJ and VSV-IN, and to 

identify potential insect vectors. We originally proposed to collect samples over a 3-to-S year 

period but this was not completed due to the 1997 and 1998 epizootics. During the 1997 

field season, VSV-NJ and VSV-IN were diagnosed in livestock and we were asked to 

participate in USDA: APHIS investigations that were conducted throughout New Mexico and 

Colorado. This dramatically altered the original study design. In 1998, VSV-IN was 

diagnosed in livestock along the Santa Cruz river valley in southern Arizona and we limited 

our collections to this area. 
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The failure to detect VSV exposure in rodents during the study period was neither 

expected nor completely surprising. Previous studies have shown that within known enzootic 

areas, seropositive rates in rodents are low. Tesh et al., (1970) found low prevalence of 

antibodies to VSV-IN (6%) and VSV-NJ (0%) in rodents collected in enzootic areas in 

Panama. Further, prevalence of VSV-IN and VSV-NJ antibodies in rodents in an enzootic 

area in Costa Rica were found to be 8.6% and 2.4%, respectively (Jimenez et al.,1996); 

antibodies were detected in a single species, Sigmodmt hispidus. The survey areas chosen for 

this present study may have been too small to detect VSV enzootic activity. In addition, 

based on the previously mentioned Costa Rica study we may not have detected enzootic 

activity because the sample size was too small or because the trapping methods/regime 

excluded the capture and testing of the true indicator species. 

While we did not identify enzootic cycles through the serological survey, we can not 

rule out their existence. Previous serological surveys of wildlife in Colorado revealed an 

increase in seroprevalence rates to VSV-NJ in elk at high elevations in the Rocky Mountain 

National Park between 1980 and 1981. Additionally, seroprevalence rates to VSV-NJ in 

mule deer increased from 3.8% in 1975 to 18.6% in 1982. These surveys suggest that prior 

to the 1982-83 VSV-NJ epizootic there was an amplification of the virus, and indicates that 

either the vims had been repeatedly introduced annually over at least a 3-year period or that 

there was a local reservoir ̂ onath et al., 1987). Di addition, VSV-NJ neutralizing antibodies 

were detected in serum coQected from javelina in three areas in Arizona in 1986 (Com et. al., 

1987) and from javelina serum collected in 1990 (Mare, unpublished data). The age of the 
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donor animals is unknown but the fact that some of these sera were collected in 1990 

suggests that VSV-NJ may have been present and circulating in an enzootic cycle, in Arizona, 

long after the 1982-83 epizootic. 

The isolation of only a small number of viruses during the entomologic survey was 

also unexpected. Virus was only recovered from 5 of3,887 pools of insects (28,631 insects) 

collected over three summers. Two different viruses were isolated, VSV-NJ (1 isolate) and 

WEEv (4 isolates). Reliance on a single isolation method may have contributed to the low 

number of virus isolations. 

The isolation of VSV-NJ from Culicoides sp. collected near Belen, New Mexico in 

1997 is of extreme interest. Livestock in this area were found to be infected with VSV-NJ 

in 1995 but not in 1996 or 1997. This isolation is the first time that VSV-NJ has been 

isolated from insects in an area not experiencing documented VSV-NJ infection in livestock 

and, as such, represents a significant step in identifying and understanding VSV-NJ enzootic 

activity in the western U.S. 

This study was designed to be extensive in sample area and intensive in sample 

collection. Due to extenuating circumstances the study area became more extensive and the 

collections less intensive than originally planned. In light of the single VSV-NJ isolate in New 

Mexico, additional regional and site-specific studies are needed to provide an understanding 

of the dynamics of VSV-NJ infection within local enzootic vector and reservoir populations. 

These studies should address how transmission and infection in vector and reservoir 

populations vary over time, among sites, and among specific habitats. 



Table 1. Insects collected by state during the 1996 surveillance period. 
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Locition 

Taxonomic group 

Wt. Mnts, Az. Mukos River, Co. McElmoaeek.Co. Rio Grande Valley. NA(. 

Taxonomic group No. tested 

Simuliidie 22 1 523 210 

Simuliidae 195 50 229 62 

Psychodidae 2 4 90 10 

Ceratopogonidae 394 219 2428 53 

Culicidae 618 205 478 161 

Chlcropidie 10 59 56 12 

Tabwiidae 11 19 60 

Muacidae 4 33 53 78 

Misc. Dipten 14 48 37 145 

Cicaddlidae 2 2 3 
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Table 2. Insects collected by state during the 1997 surveillance period. 

Wt.Mnts,Az. Mancos River, Co. McEimo Creek, Co. Rio Grande Valley, N.M. Pueblo, Co. N.Colo 

Taxonomic group No. tested 

Simuliidae 145 210 392 2373 230 15 

Simuliidae- juv. 225 455 1200 121 

Psychodidae 22 29 8 2 7 

Ceratopogonidae 130 914 2424 2150 166 113 

Culicidae 66 450 630 4929 6 71 

Chloropidae 125 87 187 19 21 

Tabanidae 29 8 

Muscidae 19 128 39 12 

Cicadellidae 3 14 3 3 

Miridae 3 

Misc. Diptera 79 256 330 64 45 18 
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Table 3. Insects collected during a VSV-IN outbreak in southern Arizona, 1998. 

Species No. of insects No. of pools 
Aedes trivittatus 807 90 
Aedes vexans 453 63 
Anopheles franciscanus 8 6 
Culex quinquefasciatus 6 3 
Culex tcars(dis 134 22 
Psorophora conflmis 314 42 
Psorophora howardii 25 12 
Psorophora signipemis 26 6 
Simulium encisoi 288 30 
Simulium notatum 69 7 
Lutzomyiasp. 21 7 
CuUcoides sp. 616 42 
Chloropidae 105 5 
Cicadellidae 182 40 
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Table 4. Species of rodents sampled over a 2-year period (1996 - 1997) in select areas in 

Arizona, Colorado, and New Mexico. 

Capture Loolion 

Spcdes Wt Mins., Az. Rio Grande Valley, NM Mancos River, Co. McEItno Creek, Co. 

Peromyscus maniculatus 4 10 49 25 

P. leucopus 1 0 2 4 

P. truei 7 0 7 19 

P. boylii 2 9 9 4 

Mus musculus 0 19 6 0 

Reilhrodonlomys megaiotis 7 11 0 0 

Onychomys torridus 0 2 0 3 

Neoloma albigula 3 7 3 9 

Microms montamu 0 0 14 4 

Euiamias dorsalis 0 0 0 13 

Eu. quadrmttatus 0 0 0 8 

Ciieilus variegatus 1 5 1 3 

Peromyscus maniculatus 10 8 37 16 

P. leucopus 0 0 3 2 

P. truei 7 0 4 26 

P. boylii 2 4 11 11 

Mus musculus 0 10 5 2 

Reiihrodonlomys megaiotis 2 5 0 4 

Onychomys torridus 0 0 0 0 

Neoloma albigula 5 12 3 8 

Microtus montanus 0 0 9 2 

Bitamias dorsalis 0 0 0 9 

Eu. quadrtvittattts 0 0 0 6 

Citellus variegatus 4 3 0 5 

• 1997 senim sunples were screened fir VSV-NJ and VSV-IN NA. 
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Table 5. Number and species of rodents sampled during a VSV-IN outbreak in southern 

Arizona, 1998. 

Species No. tested 

Peromyscus mamcularns 16 

P. boylii 5 

P. erimicus 7 

Mus musculus 2 

Retthrodontomys megalotis 14 

Neotoma albigula 11 

Citellus variegatus 3 
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Abstract 

Sequence analysis of the hypervariable region of the phosphoprotein gene have been 

used to determine genetic relatedness among VSV-NJ isolates. Sequence analysis of this 

region demonstrated that the Belen isolate is more closely related to 1982-83 western U.S. 

VSV-NJ isolates than it is to other isolates, including viruses isolated from livestock during 

the 1995 and 1997 epizootics. This suggests that VSV-NJ may have been circulating in this 

region in a silent enzootic cycle for over 15 years. These results challenge the conclusions 

of a previous study which suggested that VSV-NJ epizootics in the United States are the 

result of virus introduction from Mexico. The 1995 and 1997 livestock isolates were found 

to be most closely related to each other and only distantly related to viruses from Mexico. 
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Introduction 

Previous analysis of the genetic variability of a large number of VSV-NJ isolates has 

demonstrated that extensive diversity exists among virus isolates separated in space and time. 

For example, sequence analysis of the glycoprotein (G) gene of 34 VSV-NJ isolates revealed 

up to 20% nucleotide sequence variation between viruses isolated from different geographic 

locations (Nichol et al., 1989). A 198S Panama isolate differed from a 1952 Georgia isolate 

in 311 of 1S73 nucleotides, resuhing in 33 deduced amino acid substitutions. A separate 

study demonstrated that up to 17 and 19% sequence differences are found in the nucleocapsid 

(N) and phosphoprotein (P) genes, respectively, in viruses isolated from different regions 

(Bilsel et al., 1990). Further, viruses isolated from different ecological zones in Costa Rica 

were shown to have distinct genotypes (Rodriguez et al., 1996). The greatest degree of 

sequence diversity appears to occur in virus isolates from geographically remote enzootic 

areas. Thirteen amino acid differences are found when comparing a 1983 Georgia isolate to 

a 1984 Oaxaca, Mexico isolate (Luo et al., 1990). 

Gene sequences from VSV-NJ isolates obtained over the past 45 years show that 

VSV-NJ can persist in stable enzootic foci where it evolves slowly. A high degree of genetic 

homogeneity exists among viruses isolated from within the same enzootic area (Nichol et al., 

1989). The G gene in eleven VSV-NJ isolates obtained over a 16-month period from an 

enzootic region in Costa Rica had 98 to 100% sequence similarity (Vernon et al., 1990). In 

addition, viral genotypes were shown to be stably maintained for up to 8 years within enzootic 

areas in Costa Rica (Rodriguez et al., 1996), and for over 30 years on Ossabaw Island, 
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Georgia (Nichol et al., 1989). Gene sequences of viruses isolated in 1952 and 1983 from 

pigs on Ossabaw Island were 98% simUar. A high degree of genetic homogeneity also exists 

for virus isolates obtained from within the same epizootic region. Viruses isolated from black 

flies and horses during the 1982-83 western U.S. epizootic were genetically identical 

(Schnitzlein and Reichmann, 1985). 

Comparison of viral gene sequences and the resulting evolutionary trees has been used 

to predict the phylogenetic relationships of virus isolates from throughout North and Central 

America. Using this approach, Nichol (1987) concluded that VSV-NJ isolates from the 1982-

83 U.S. epizootic were closely related to viruses in Mexico and suggested that Mexico may 

have been the source of virus initiating the western U.S. epizootics. 

Recent VSV epizootics occurred in the western United States in 1995, 1997, and 

1998. Vesicular stomatitis virus New Jersey serotype was isolated from a single pool of 

Culicoides sp. collected from the Rio Grande Valley near Belen, N.M. in May, 1997 (Mead 

and Mare, unpublished). Livestock in this region were found to be infected with VSV-NJ in 

1995 but not in 1997. In 1997, livestock in Arizona and Colorado were found to be infected 

with VSV-NJ. Vesicular stomatitis was diagnosed in livestock in the Rio Grande Valley in 

1997 and 1998 but the causative agent was serologically determined to be VSV-IN, rather 

than VSV-NJ. 

The goal of this study was to determine the genetic relatedness of the 1997 Belen 

Culicoides VSV-NT isolate to representative viruses isolated from livestock during the 1995 
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and 1997 U.S. epizootics, and to viruses isolated from different geographic regions and from 

other previous U.S. epizootics. 

The gene sequence encoding the virus polymerase-associated phosphoprotein (P) was 

chosen as the target for genome sequence comparisons. This sequence contains a 

hypervariabte region which has previously been used for phylogenetic comparisons (Bilsel et 

al., 1990; Nichoi et al., 1993; Rodriguez et al., 1996). 

Materials and Methods 

Viruses 

Forty-seven VSV-NJ P gene sequences were used in the analysis. Phosphoprotein 

gene sequences were determined for the 1997 Belen, N M., Culicoides isolate (06.97.NM.C) 

and for the seven livestock isolates listed in Table 1 by reverse transcription of RNA followed 

by amplification of the DNA target region and direct sequencing. In addition, published P 

gene sequences from 39 VSV-NJ isolates (Table 2) were included in the analysis. The 

homologous gene region of Piry virus (GenBank Accession; D26175) and of two VSV-IN 

isolates (GenBank Accessions; L24983 and L25030) were used as outgroups. 

RNA extraction and RT-PCR 

Total RNA was extracted from cell culture suspensions in an RNase free environment 

using Tri-Reagent* LS (Molecular Research Center, Inc., Cincinnati, Ohio) following the 

manufacturer's protocol. The RNA preparations were used as templates for single tube 

reactions using reverse transcriptase and Taq polymerase as previously described (Rodriguez 

et al., 1993). Briefly, 5 ul of each RNA sample was added to individual 0.5 ml PCR tubes 
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containing 9S u\ of a premix which contained SO mM KCl, 10 mM Tris-HCl (pH 9.0), 1.5 

mM MgCl2, 0.01% gelatin, 0.1% Triton X-100, 1.6 mM beta-mercaptoethanol, 0.24 mM 

dNTPs, 200 ng primers, 3 U reverse transcriptase (AMV, Promega, Madison, Wisconsin) and 

1.3 U Taq polymerase (Promega). 

The primers used for both reverse transcription and PCR were specific for conserved 

sites in the phosphoprotein gene. The resulting 642-bp product contains the hypervariable 

region used for genetic analysis. The primers used for RT-PCR were NJ-P 102(+) (5' 

GAGAGGATAAATATCTCC3') and NJ-P 744(-) (S'GGGCATACTGAAGAATAJ') 

(Rodriguez et al., 1993). 

This reaction mixtures were incubated at 4rC for 1 hour then subjected to 40 cycles 

of the following profile; 93^ for 90 s, SOX for 60 s, and 12°C for 60 s using an Amplitron* 

n thermocycler (Thermolyne, Bamstead/Thermolyne Corp., Dubuque, lA). Reaction 

products were separated by electrophoresis through a 1% agarose gel, stained in ethidium 

bromide, and visualized under ultraviolet light for qualification and quantitation. 

DNA Purification and Sequencing 

PCR products intended for direct sequencing were purified and concentrated using 

Qiaquick spin columns (Qiagen Corporation) following the maiui&cturer's instructions. DNA 

sequencing was performed by the DNA sequencing facility, Arizona Research Laboratories, 

at the University of Arizona, using an ABI model 377 automated DNA sequencer. Both 

strands of all DNA fi'agments were sequenced. Chromatograms fi'om sequencing reactions 

were assembled and ambiguities resolved using Sequencher 2.1 (Gene Codes Corp.). 
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Alignment and Phylogenetic Analysis 

Alignment of VSV-NJ phosphoprotein gene nucleotide sequences was 

straightforward, i.e., no gaps were needed. Alignment of the VSV-NJ sequences with the 

VSV-Indiana and Piiy sequences was difficult and was facilitated by an amino acid alignment 

program obtained from Clustal W (Thompson et al., 1996). Slight optimization of the amino 

acid alignment and the final alignment of nucleotide sequences was done manually using 

SeqApp 1.9al57 (Gilbert, 1992). Phylogenetic analysis was done using PAUP 4.0b2a (PPC) 

(Swofiford, 1998). Parsimony and minimum evolution bootstrap analyses were carried out 

using PAUP*'s heuristic search option with TBR branch rearrangement. Characters were 

treated as unordered in all parsimony analyses and a MAXTREES of 200 was imposed on 

each search. Minimum evolution and neighbor-joining analyses were done using HKY8S 

(Hasegawa et al., 1985) corrected distances. No site-to-site rate variation was considered. 

Bootstrap scores were calculated from 500 replicates. In the parsimony bootstrap analysis, 

each repUcate consisted of a single search starting with a tree built by stepwise addition using 

the simple addition sequence. In the case of the minimum evolution bootstrap analysis, each 

replicate consisted of a single search starting with a tree built by neighbor-joining. 

Results 

Parsimony analysis of all nucleotides yields one island of 18 trees (length = 668). The 

mqority rule consensus of these trees (Figure 1) is very similar to the majority rule consensus 

of the SK minimum evolution trees (score = 2.41832: Figure 2) and the neighbor-joining tree 

(tree not shown). These trees comprise the same five well-supported major groups, with one 
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group differing only in the loss of 11.82.VC32, which takes a more prominent position in the 

parsimony trees. Otherwise, relationships within and among the five groups differ only 

slightly among the trees from different analyses. 

Phylogenetic analysis of nucleotides in the hypervariable region of the P protein 

strongly supports the placement of the 1997 Belen isolate (06.97.NM.C) within a clade 

containing viruses isolated during the 1982-83 western U.S. epizootic (Figures 1 and 2). 

Within this clade, the Belen isolate is indistinguishable from 08.82.CO.B and 06.82.AZ.B. 

Viruses isolated from livestock during the 1995 and 1997 U.S. epizootics (Table 1: Figures 

1 and 2) formed a different, well-supported clade that is only distantly related to the clade 

containing the 1997 Belen isolate. 

Discussion 

Epizootics of VSV-NJ in the western USA have generally been attributed to the 

introduction of the virus from enzootic areas in Mexico (Mason et al., 1976; Nichol, 1987). 

The observations that the first reported livestock cases are usually from U.S.-Mexico border 

states (Arizona, New Mexico, and Texas) (Mason et al., 1976; Nichol, 1987) and that there 

is a northward progression of the disease (Heinz 1945, Hanson 1952), coupled with molecular 

data which demonstrates a close genetic relationship among viruses isolated during U.S. 

epizootics to those within specific enzootic foci in Mexico (Nichol, 1987) are given as 

evidence to support the hypothesis that U.S. epizootics are a result of "Mexican" viruses 

moving northward (Monath et al., 1987; Nichol, 1987). 
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The index cases for the most recent VSV-NJ epizootics have been identified in 

Arizona (1982), Texas (1984), New Mexico (1985, 1995), and Colorado (1997). With the 

exception of the 1984 epizootic, there is no direct evidence that any U.S. epizootic started 

as a result of the movement of virus-infected livestock from Mexico into the U.S. Livestock 

infection in Texas in 1984 is thought to be the result of the transport of VSV-NJ infected 

roping steers fi'om a known VSV-NJ enzootic area near Durango, Mexico to Texas (Jenney 

et al., 1984). 

Nichol (1987) analyzed the T1 RNase fingerprint relationships of 43 VSV-NJ isolates 

and demonstrated that close relationships existed between viruses isolated during U.S. 

epizootics and viruses isolated earlier or concurrently in enzootic areas in Mexico. The 

conclusion from this study was that Mexico was the source of virus initiating U.S. epizootics. 

If one assumes that all VSV-NJ isolates share a common ancestor, and that this ancestor 

originated in Central or South America then radiated or spread northward, as suggested by 

Nichol et al., (1993), it is not surprising that U.S. epizootic isolates are closely related to 

Mexican isolates. However, this does not mean that all U.S epizootics are the result of the 

importation of the virus, or viruses, from Mexico. 

The high level of genetic similarity (98 - 100%) between the 1997 Belen Culicoides 

isolate and the viruses isolated during the 1982-83 U.S. epizootic suggests the presence of 

an enzootic focus in the western United States and contradicts the hypotheses of Nichol 

(1987) and ofBisel et al., (1990). The latter suggested that epizootics are initiated when new 

virus variants escape from enzootic reservoirs and are transmitted into serologically naive 
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livestock populations. The results of the present analyses suggest that VS V-NJ has remained 

undetected and basically unchanged in the western U.S. for at least a IS-year period. The 

White Mountains of Arizona and New Mexico fall within this proposed enzootic region. 

Our hypothesis is supported by previous studies which have shown that within 

enzootic foci, VSV-NJ gene sequences are maintained with few if any changes for extended 

periods of time. Glycoprotein gene sequences from viruses isolated over a 30-year period 

(1952 -1983) on Ossabaw Island, Georgia, were 98% similar (Nichol et al., 1989). Further, 

phosphoprotein gene sequences from virus samples isolated 8 years apart from enzootic areas 

in Costa Rica were nearly identical at the nucleotide level (Rodriguez et al., 1996). 

Previous studies have revealed a high degree of genetic homogeneity among virus 

isolates obtained from the same epizootic. For example, viruses isolated from livestock 

during the 1982-83 western U.S. epizootic were genetically identical (Schnitzlein and 

Reichmann, 1985). Our analysis of the hypervariable region of the P gene corroborates this 

conclusion. Livestock isolates 06.82.AZ.B and 11.83.CA.B dififered by one base. This 

conclusion is further supported by our analysis of the 1995 and 1997 livestock isolates. 

Taken together, these isolates are 99.9% identical. 

It is interesting to note that the 1995 and 1997 livestock isolates are only distantly 

related to viruses circulating in the Mexican states of Veracruz (05.89. VC.B) and Oaxaca 

(07.84.0A3). The temporal discordance among isolates within this nearly exclusive U.S. 

clade does not clearty depict, nor even remotely suggest, a route of entry from Mexico. The 
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scenario suggests two enzootic cycles exist in the western U.S., one represented by 

06.97.NM.C and the other by 06.95.NM.E. 

A limitation to the conclusions presented herein, and in prior studies, is the spatial and 

temporal bias of the virus sampling. As previously mentioned, few, if any, attempts have been 

made to isolate VSV-NJ from insects, or wild or domestic animals in the western U.S. during 

non-epizootic years. In the absence of such findings it is easy to conclude that Mexico is the 

source of vims for U.S. epizootics. Cultural factors, resulting in reporting bias, are another 

limitation to this study. Antibodies specific to VSV-NJ were detected in livestock in the 

White Mountains of Arizona during 1996, an interepizootic year. IgM antibodies, which 

indicate recent exposure, were detected in several younger animals. No clinical disease was 

reported. It is likely that VS in livestock occurs regularly in this region and goes unreported 

(D. Howard, personal communication). This situation is likely to exist in other areas as well. 
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Table 1. Western U.S. VSV-NJ livestock isolates included in the analysis. 

Virus* NVSL Accession Number Location Ifost 

06.82.AZ.B 82-25991 Arizona, USA bovine 

10.97.CO.E 98-02533 Colorado, USA equine 

08.97.CO.E 97-29655 Colorado, USA equine 

08.95.CO.E 95-39836 Colorado, USA equine 

07.95.TX.E 95-35846 Texas, USA equine 

09.95.NM.E 95-46116 New Mexico, USA equine 
05.95.NM.E 95-29746 New Mexico, USA equine 
'Virus nomenclature indicates month (if available), year, location, and host species of isolations. 

Livestock isolates were kindly provided by J. Pearson, National Veterinaiy Services Laboratory, 

USDA, Ames, Io>va 



Table 2. Published VS V-NJ P gene sequences included in this analysis. 
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Virus* GenBank Accession Number Location Host 

10.82.HD.B L24962 Honduns bovine 

10.82.NC.B L24963 Nicingua bovine 

11.82.VC.B L24%9 Veracruz, Mexico bovine 

11.83.MH.B L24970 Michoacan, Mexico bovine 

01.84.MH.B L24978 Michoacan, Mexico bovine 

01.85.NC.B L24981 Nicaragua bovine 

02.84.TX.B L24984 Texas, USA bovine 

02.87.GM.B L2498S Guatemala bovine 

02.87.NC.B L24986 Nicaragua bovine 

03.83.NM.B L24988 New Mexico, USA bovine 

03.86.HD.B L24989 Honduras bovine 

.43.MO.P L24991 Missouri, USA porcine 

.43.MO.P2 L24992 Missouri, USA porcine 

05.89.VC.B L24996 Veracruz, Mexico bovine 

.6I.AL.B L24997 Alabama, USA bovine 

.62.AL.B L24998 Alabama, USA bovine 

.62.AL.B2 L24999 Alabama, USA bovine 

.63.GA.B5 L2S001 Georgia, USA bovine 

.65.TX.B L2S002 Texas, USA bovine 

.66.TX.B L25003 Texas, USA bovine 

06.87.GA.P L25007 Ossabaw Is., Georgia, USA porcine 

07.85.ES.B L23009 El Salvador bovine 

07.85.NM.B L25012 New Mexico, USA bovine 

07.89.CP.B L250I7 Chiapas, Mexico equine 

07.89.CP.B4 L25018 Chiapas, Mcxico equine 

.86.MH.B L2S020 Michoacan, Mexico bovine 

08.82.CO.B L25027 Colorado, USA bovine 

08.82.ID.B L2S028 Idaho, USA bovine 

08.S4.CH.B L25029 Chihuahua, Mexico bovine 

08.89.GA.L L25037 Ossabaw Is., Georgia, USA sand fly 

.76.EC.M M31862 Ecuador mosquito 

06.85.NM.E M31863 New Mexico, USA equine 

I1.82.VC.B2 M31863 Veracruz. Mexico bovine 

11.83.CA.B M31864 California, USA bovine 

01.84.SN.P1 M3I86S Sonora, Mexico porcine 

07.83.GA.P M3I866 Ossabaw Is., Georgia, USA porcine 

07.84.0A.B M31868 Oaxaca, Mexico bovine 

.52.GAJ» M31869 Georgia, USA porcine 

.49.UT.Bl M31873 Utah, USA bovine 

*ViniiiiGaieaGlatimndiealCiiiiaalh(ifavtilabkXy<*f>lociliiMi,aiidhalipeEiciafiMlalMai. Numbcn that fcDow hot hmne 
•anplci dutin(BUM diflncat iMiUici fiiMi te iiaie mondi (ad kKalioa. 
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Figure 1. Majority rule consensus of single island of 18 most parsimonious trees (length = 
668) inferred from nucleotide sequences of P protein. All codon positions are weighted 
equaUy. Bootstrap scores less than 50 are not shown. Relationships within clades marked 
with an asterisk J" —:-ui— differ in the neighbor-joining tree. 
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Bite Transmission of Vesicular Stomatitis Virus (New Jersey Serotype) 
to Laboratory Mice by Simulium vittatum (Diptera: Simuliidae) 
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.-\BSTRACT Laboratorv-reared female black fues (Simulium vittatum Zetterstedt ) were infected 
experimentallv with a 1997 vesicular stomatitis virus New Jersey serotype isolate and allowed to feed 
on susceptible laboratory mice. All mice exposed to black fly bite seroconverted by day 21 after 
infection. an tndication of virus transmission. In addition, viral RNA was detected in the spleen of 
several mice. These findings are consistent with the hypothesis that black B.ies are involved in VSV-NJ 
transmission during epizootics in the western USA and represent the lst confirmed example of 
biolog1cal transmission of an arbovirus by a member of the Sirnuliidae using an animal modeL 

KEY WORDS Simulium, black B.y, vesicular stomatitis virus, biological transmission, vector, 
epizootic 

VESict1.AR SI'OMATII1S (VS) is a disease that primarily 
affects cattle, horses, sheep, goats, and swine, causing 
vesicular lesions on the mouth. coronary bands, and 
teats (Murphy et al. 1994). The causative agents ofVS 
are a group of antigenically related, but distinct, vi
ruses of the genus Ve.riculovirus, family Rhahdoviri
dae.ln the United States, both enzootic and epizootic 
fonns of VS occur. Vesicular stomatitis virus New 
Jersey serotype (VSV-NJ) is enzootic on Ossabaw 
Island, GA (Comer et al. 1990 1992}, and it is the 
serotype most often associated with the recurring and 
unpredictable epizootics in the western United States. 

Desp1te many decades of research, the mechanism 
for VSV-NJ transmission during epizootics is not fully 
understood and remarns controversial. Tills virus has 
been isolated from field-collected insects on at least 40 
occasions. and insects are thought to play a role in 
virus dissemination. L utwmyia shannoni Dyar has 
been identified as the vector of VSV-NJ on Ossabaw 
Island, GA (Comer et al. 1990 1992) , but the insect 
vector (s) of VSV-NJ in the western United States, 
where the most recent epizootics have occurred, has 
not been identified unambiguously. 

Barnett ( 1960) outlined the basic criteria for in
criminating an arthropod species as a vector of the 
causal agents of disease. Briefly summarized. these 
include the following: ( 1) demonstration of feeding or 
other effective contact with the host under natural 
conditions, ( 2) a biological association in time or space 
of the suspected arthropod species and occurrence of 
clinical or subclinical infection in the host, (3) re
peated demonstrations that the arthropod, under nat
ural conditions, harbors the pathogen in the infective 
state, and ( 4) transmission of the pathogen under 

The we of animals for this study was approved by the University of 
Arizona's Animal Care and Use Committee (control -97-006) . 

controlled conditions (Barnett 1960, James and Har
wood 1969) . 

Based on the above criteria, black Hies are likely 
candidates for VSV-NJ transmission duringepi.zootics. 
Many species of black flies are known pests of live
stock ( Crosskey 1981), and VS cases often occur near 
riverine habitats favored by black flies (Hanson 1952). 
Furthennore, black flies and black fly larval habitats 
were identified as risk factors associated with clinical 
VS on dairy fanns in Costa Rica (VanLeeuwen et al. 
1995) . Vesicular stomatitis virus (New Jersey) has 
been isolated from black flies on 2 separate occasions. 
Theiler and Downs (1973) reported the isolation of 
VSV-NJ from Simulium exiguum Roubaud collected 
near Medellin. Colombia. More recently, VSV-NJ was 
isolated from 2 mixed pools of SiTTWiium vittmurn 
Zetterstedt and S. bivittatum Malloch collected in Col
orado during the 1982-1983 VSV-NJ epizootic (Francy 
et al. 1988). Several laboratory studies corroborated 
these field findings by demonstrating that colonized 
and wild black Hies are competent laboratory vectors 
of different isolates ofVSV-NJ (Mare et al.l991, Cupp 
et al. 1992, Mead et al. 1997). 

The current study further examined the role of 
black Hies in VSV-NJ transmission. The experimental 
design allowed black flies experimentally infected 
with VSV-NJ to feed on susceptible laboratory mice. 
The development of VSV-NJ neutralizing antibodies 
in the mice, in the presence or absence of illness, was 

considered to be evidence of virus transmission. 

Materials and Methods 

The VSV-NJ isolate used for this study was isolated 
by the authors from Culicoitia sp. collected along the 
Rio Grande River near Belen, NM. before the 1st 
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Viral RNA detection Mouse oo. Days after infection (organ ) 

13 21 

<1:4 1:1,02-4 1:2.048 1:2.048 Yes (spleen) 
<1:8 1:512 1:1.024 1:1.024 y es (spleen ) 
<1:4 1:32 1:64 1:128 Yes (spleen ) 
<1:4 1:64 1:64 1:64 :"'o 

1:4 1:32 1: 64 1:.512 :"'o 
<1:4 1:256 1:512 1:2..048 Yes (spleen) 

1·" 1:32 1:512 1:1.024 ~0 
8 <1:2 1:64 1:256 >1:2.048 ~0 
9 <1:8 1:256 1:1,024 1:1.024 ~0 

10 1:4 1:512 >1:2048 >1 :.2048 Yes (spleen ) 
11 <1:4 1:128 1:1,024 1:1.024 Yes (spleen) 
12 < 1:2 1:64 1:256 1:256 yes ( spieeu ) 
13 :\A <1:8 1:256 1:512 >1 :2048 Yes (spleen ) 
14 ~A <1:4 1:64 1:256 1:1.024 Yes (spleen ) 
15 :\A <1:4 <1:4 <1:4 <1:4 ~0 
16 :'-iA <1 :4 <1:4 <1:4 <1:4 ~0 

Mice 1-12 were fed upon by VSV-NJinfected blade flies. mice 1~14 wen: injected 1M with 200ul VSV-NJ, and mice 15-16 werenotinfected. 
. 'A. nO( applicable. 

reported 1997 animal case ofVS. The virus was plaque 
purified and passed twice in Vero-M cells. 

One- to 2-d-old S. vi ttatum females (IS-7 cytotype) 
from the F 132 generation of a continuous laboratory 
colony (Bernardo et al. 1986) were used for this ex
periment Previous studies have shown that a midgut 
barrier to virus dissemination does not exist in S. vit
tatum (Mare et al. 1991, Cupp et al. 1992). For this 
reason, female black flies were infected via intratho
racic inoculation with 1ul of a suspension containing 
5.0 X l<fplaque forming units {pfu) /ml ofVSV-NJ. Six 
flies were titrated immediately after injection to de
termine the baseline infection titer using a previously 
descnhed plaquing method (Mare and Graham 1973) . 
The remaining infected black Hies were held in indi
vidual5-ml snap cap tubes in an incubator at 30°C fo r 
7 d. 

Six-week-old female mice ( ICR strain Harlan 
Sprague Dawley) were anesthetized (i.p. injection 
with a Ketamine/ Xylazine mixture, Lloyd Labs, 
Shenandoah, IA) and the complete ventral side 
shaved. A baseline serum sample was collected, by 
tail-clip, from each mouse at day 0 and screened for 
neutralizing antibodies speci.fic for VSV-NJ using mi
crotiter serum neutralization. The mice were allo
cated randomly into 1 of 3 groups; group 1 consisted 
of 2 mice that were injected 1M with 0.2 ml of a VSV-NJ 
suspension ( 4.5 X l If pfu/ ml ), group 2 consisted of 2 
mice that were not exposed to VSV-NJ, and group 3 
consisted of 12 mice that were fed upon by VSV-NJ 
infected black flies. 

After anesthesia, infected black flies (up to 2 at a 
time ) were placed onto the shaved area of each mouse 
in group 3. When a fly fed to repletion or showed no 
interest in feeding, it was removed from the mouse and 
replaced with a new black fly. 

Mice were housed in micro-isolation cages ( 4 mice 
per cage) at 22°C and were observed daily for the 
development of any clinical signs. Exposed and non
exposed mice were housed together to determine if 

virus was transmitted from mouse to mouse during 
cage contact Blood samples (25 ul) were collected 
from each mouse fo r the first 4 d after infection to 
detect viremia by virus reisolation in tissue culture. In 
addition, serum samples were collected at 7, 13, and 
21 d after infection and screened for the presence of 
VSV-NJ neutralizing antibodies using microtiter se
rum neutralization. Mice were euthanized on day 21 
(cervical dislocation under anesthetics) and tissues 
(brain, spleen, kidney, liver, heart, and lung) were 
collected for virus reisolation in tissue culture or for 
viral RNA detection using RT-polymera.se chain re
action (Rodriguez et al. 1993 ). 

Results 

Base-line infection titers in VSV-NJ inoculated 
black Hies ranged from 2.8 x 1(f to 5.6 x 1aa pfu/fiy 
(mean = 2.8 X loa ) . After the 7 d extrinsic incubation 
period, as many as 4 separate infected Hies were al
lowed to feed on an individual mouse (mean. 2 Hies 
per mouse; range, 1-4 Hies per mouse ) (Table 1). Fly 
feeding times varied from a few minutes to >30 min. 

Base line titers (day O) ofVSV-NJ neutralizing an
tibodies present in each mouse ranged from 1:4 to <1:2 
(Table 1). Neutralizing antibody titers rose with time 
in all of the mice except for those in group 2. These 
mice were not infected with VSV-NJ, but were hcnued 
in the same cages with mice from groups 1 and 3. At 
necropsy (day 21 after infection), neutralizing anti
body levels in mice from groups 1 and 3 ranged &om 
1:64 to > 1:2,048, whereas the neutralizing antibody 
titers in mice from group 2 remained at <1:4. None of 
the mice developed clinical signs during the 21-<1 ob
servation period. 

Viremia was not detected in blood collected &om 
mice on days 1-4 after infection, nor was infectious 
virus recovered from any of the tissues harvested at 
necropsy. However, viral RNA (phosphoprotein gene 
RNA) was detected in the spleens of 7 group-3 mice 
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.md in both group-1 mice. but not in either of the 
s;roup-2 mice. 

Discussion 

To incriminate and demonstrate that an arthropod 
species may be a competent vector of a specific ar
bovirus. certain conditions promulgated by Barnett 
, 1960) and later refined by the World Health Orga
nization ( 1967) must be addressed. 

Accumulating field and laboratory evidence indi
cates that black flies are involved in the transmission 
of VSV-NJ during epizootics in the western United 
States. During the 1995 and 1997 outbreaks, several 
!:nmdred black B.ies could be collected as thev fed off 
of individual horses or cows on premises with con
fumed VS (D.G.M., unpublished data). In addition, 
black B.ies were collected in C02 traps from every 
premises investigated by the authors during the 1995 
and 1997 epizootics. These observations. which con
finn the association between black flies and livestock 
in epizootic areas, coupled with the previous associ
ation of VSV-NJ and black B.ies (Theiler and Downs 
1973, Francy et aL 1988) and with the previous labo
ratory studies demonstrating that black flies are com
petent laboratory vectors of VSV-NJ (Mare et aL 1991, 
Cupp et aL 1992, Mead et aL 1997) , are further evi
dence for the role of black flies in VSV-NJ dissemi
nation during epizootics. The combination of these 
field observations and laboratory studies satisfy the 
criteria set forth by Barnett (1960) to incriminate 
black flies as vectors of VSV-NJ. 

Although the previous laboratory studies were nec
essary in determining the vector competence of black 
B.ies. they did not take into account specific and non
specific host defense factors that may affect pathogen 
transmission. In the current study, VSV-NJ infected 
black flies were allowed to feed on laboratory mice to 
detennine if they were able to transmit VSV-NJ by bite 
to susceptible hosts. All of the mice feci upon by 
VSV-NJ infected black B.ies developed neutralizing 
antibodies specific for VSV-NJ. Neutralizing antibody 
titers increased from an average of 1:4 on day 0 to an 
average > 1:1,024 on day 21 after infection in those 
mice exposed to black fly bite and &om an average of 
< 1:6 on day 0 to an average > 1:1,500 in the mice 
injected with VSV-NJ. The presence of high titers of 
neutralizing antibodies in convalescent sera previ
ously has been used as an indication of viral infection 
in experimental animals (Fultz et al. 1982. Fultz and 
Holland 1985, .8anera and !Achworth 1996). Viral 
RNA was detected in the spleen of several of the 
infected mice. another indication of virus transmis
sion. Barrera and Letchworth ( 1996) suggest that this 
organ is involved in VSV-NJ clearance. 

Neither neutralizing antibodies nor viral RNA was 
detected in the mice from group 2, indicating that 
virus was not transmitted &om mouse to mouse by 
direct contact and that the results seen in the group 3 
mice were caused by the bite or bites of infected black 
B.ies. 

Three of the group 3 mice were bitten by a single 
infected black fly (Table 1). The neutralizing antibody 
titer in these mice on day 21 after infection was as high 
or higher than in the mice bitten by 2 or more flies. as 
well as in those mice injected IM with VSV-NJ. There
fore, a bite by a single VSV-NJ infected black fly can 
transfer sufficient vinls to cause an infection. 

Previous studies have shown that the amount of 
virus present in the saliva of a VSV-NJ infected black 
flv varies considerahlv. Virus titers between 3 X 1~ 
~d 1 X 104 pfu/ml and between 1 X lif-3 and 1 X Ur 
pfu/ ml were found in the saliva of experimentally 
infected S. vittatum (Mare et al. 1991, Cupp et al.1992) 
and S. notatum (Mead et aL 1997), respectively. Be
cause of the in vitro method used to collect the saliva 
in these experiments. these numbers probably repre
sent a low estimate of the total amount of virus actually 
present in the saliva. 

The results of the current studv confirm that S. 
vittatum is a competent biological ve"ctor ofVSV-NJ by 
meeting the conditions addressed by Barnett (1960) 
and the World Health Organization (WHO 1967), and 
are the first confirmed example of biological transmis
sion of an arbovirus by a member of the Simuliidae 
using an animal modeL 

Several questions remain regarding the epimotol
ogy of VSV-NJ in the western United States. For ex
ample, the WHO defines a vector as an arthropod 
(invertebrate host) that transmits the virus from ooe 
vertebrate host to another by bite. This has neYel"beeD 
demonstrated for VSV-NJ. Although S. ~ ue 
capable ofbite transmission., it still is not known where 
the virus is acquired in nature. Large gaps remaiD in 
our knowledge of the t:ransmiss:ion and mainteuaDce 
cycle (s) of VSV-NJ in the western United Sbltes. 
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Abstract 

Vesicular stomatitis (VS) is an economically important viral disease of livestock that occurs 

throughout the Americas. Black flies are competent laboratory vectors of the New Jersey 

serotype of vesicular stomatitis virus (VSV-NJ) and deer mice, Peromyscus maniculatus, are 

naturally infected with the virus during epizootics. These findings prompted us to test 

whether black flies, Simulium vittatum, could transmit VSV-NJ to P. maniculatus and 

whether a detectable viremia was present in the mice following VSV-NJ exposure. We were 

unable to detect viremia in mice following exposure. However, non-infected black flies 

acquired VSV-NJ while co-feeding with VSV-NJ infected black flies. Therefore, we 

conclude that a viremic host is not necessary for insect infection by VSV-NJ. These results 

are the first example of a western U.S. insect species becoming infected with VSV-NJ 

through feeding on a host. This is also the first report of a co-feeding transmission 

mechanism for an insect-transmitted virus. 



89 

Vesicular stomatitis (VS) is caused by a group of antigenically related but distinct 

viruses of the genus Vesiculovirus, family Rhabdoviridae (1). The disease primarily affects 

cattle (Bos taurus), swine {Sus scrofa), and horses (Equus caballi), causing vesicular lesions 

on the mouth, coronary bands, and teats. Many species of wildlife and humans are also at 

risk. The New Jersey serotype of vesicular stomatitis virus (VSV-NJ) is the serotype most 

often associated with the recurring and unpredictable epizootics in the western United States. 

Recent VSV-NJ epizootics occurred in the western United States in 1982-83, 1985, 1995, 

and 1997. 

Despite intensive study, aspects of the epizootiology of VSV-NJ, including modes of 

transmission and endemic maintenance, remain largely unknown. Previous laboratory studies 

have demonstrated that colonized and wild black flies are competent laboratory vectors of 

dififerent epizootic and enzootic isolates of VSV-NJ. Virus was recovered from the saliva of 

colonized Simulium vittatum (2) and wild S. notatum (3) following experimental infection 

with the Camp Verde and Oaxaca isolates of VSV-NJ. More recently, a mouse model was 

used to confirm the vectorial competence of S. vittatum to VSV-NJ (4). 

Although the potential for biological transmission by black flies is readily apparent, 

the mechanism(s) by which they become infected in nature remains unknown. The World 

Health Organization definition of an arbovirus (5) implies that only vertebrate species that 

develop detectable viremias following infection are significant in the epidemiology of these 

viruses and stipulates that the source for vector infection is through ingestion of the blood of 
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an infected vertebrate host. This assertion is problematic for VSV-NJ because vesiculoviruses 

have not been shown to produce a viremia sufficient to infect arthropods (6). 

To date, a viremia su£5cient to infect insect vectors has not been documented for any 

wild or domestic animal species naturally or experimentally infected with VSV-NJ. 

Candidates have included naturally and experimentally infected swine (7), cattle (8), and 

horses (9). In addition, experimental VSV-NJ infections of white-tailed deer (OdocoHeus 

virginianus) (10) and pronghom antelope (AntUocapra americana) (11) suggest that these 

feral animals, which are naturally susceptible to VSV, are not amplifying hosts. Further, Tesh 

et. al., (12) experimentally infected 55 wild vertebrate species commonly found within 

enzootic areas in Panama with VSV-NJ and failed to detect a viremia. 

Serologic studies conducted within epizootic and enzootic regions of the U.S. and 

throughout the Americas have demonstrated that rodents are naturally infected with VSV-NJ. 

Antibodies to VSV-NJ have been detected in rodents in Colorado (13), Louisiana (14), Costa 

Rica (IS), and Mexico (16). Because sand flies {Luizomyia spp.) are known vectors of VSV-

NJ and are often found to be nest associates of rodents (17), a VSV-NJ enzootic cycle with 

rodents serving as the virus reservoir in nature is hypothesized. 

Previous experimental infection of rodents with VSV-NJ involved parenteral 

inoculation of VSV-NJ into laboratory rodents (18,19) and may not result in the spectrum 

of clinical signs associated with infection by insect bite in wild rodents, i.e. parenteral 

inoculation does not mimic modifications within the host which are caused by feeding 

arthropods (20). During blood feeding by hematophagous arthropods, a variety of molecules 
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secreted in the saliva counteract the host hemostatic response to disruption of the dermal 

vascular system. Modulation of the host immune system by vector saliva provides an 

opportunity for enhancing pathogen transmission during blood feeding and may influence the 

course of infection (21, 22). 

The goals of this study were 4-fold: 1) to assure the vectorial status of black flies for 

VSV-NJ (23); 2) to determine whether deer mice (Peromyscus maniculatus) can serve as a 

reservoir of VSV-NJ (24); 3) to determine whether non-infected "recipient" black flies 

become infected with VSV-NJ when feeding on potentially infected deer mice (25); and 4) 

to characterize the immunological and histopathological changes in P. maniculatus following 

exposure to VSV-NJ (26). 

Simulium vittatum was chosen as the donor in this study because it feeds on a variety 

of hosts and is a major pest of livestock (27,28). In addition, VSV-NJ was isolated from this 

species during the 1982-83 U.S. epizootic (29). We chose P. maniculatus because it is a 

naturally infected with VSV-NJ in epizootic regions (13) and is therefore a potential 

amplifying host during epizootics. 

Our results validate those of our previous study, which demonstrated that Simulium 

vittatum is a competent vector of VSV-NJ (4). Although we were unable to detect viremia 

in Peromyscus maniculatus, we conclude that a viremic host is not necessary for insect 

infection with VSV-NJ because VSV-NJ transmission from infected to non-infected black 

flies occurred during co-feeding on the same apparently non-viremic host. These results 

represent the first example of a western U.S. insect species becoming infected with VSV-NJ 
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by feeding on a host. This is also the first report of a co-feeding transmission mechanism for 

an insect-transmitted virus. Collectively, these resuhs have major significance regarding the 

maintenance and transmission of VSV-NJ in enzootic and epizootic regions. 

Infection of Deer Mice 

Base-line infection titers in donor black flies ranged fi'om 2.2 ^ 10^ to 3.8 10^ 

pfij/fly (x, 2.8 X 10^). Following the 7d extrinsic incubation (EI) period, 5 of 6 saliva samples 

tested were positive for virus. Saliva virus titers ranged fi'om 2.5 10' to 4.8 x lo^ pfii/ml 

and whole body titers were all >• I x 10* pfii/fly. 

Sixteen 6-week-old female mice were used in trial 1. Twelve mice were included in 

group 1, two mice in group 2, and two mice in group 3. As many as four donor black flies 

were allowed to feed fi'om each group 1 mouse (x, 2 flies/mouse; range, 1- 4 flies/mouse) 

(Table 1). Donor feeding times varied fi'om two minutes to >30 min. Eighteen recipients fed 

to repletion fi'om group 1 mice during trial 1 (x, l.S flies/mouse; range, 0-3 flies/mouse). No 

flies fed fi'om the group 2 mice in this trial. 

Baseline (day 0) VSV-NJ neutralizing antibody (NA) titers ranged fi'om 1:2 to *< 1:4. 

Virus was not detected in the blood of any of the group 1 or group 2 mice between 1 and 4d 

PI. Between S and 7d, hindlimb paralysis and labored breathing was evident for all group I 

and 2 mice. These mice (n=I4) were euthanized, and tissue was harvested for virus re-

isolation. Brain and spinal cord samples fi'om two mice were prepared for histology. 

Virus was recovered fi'om the brains of all of the mice and fi'om the kidneys and 

spleens of four mice. Viral RNA was detected in the spleens of all mice by RT-PCR. 
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Histologic lesions observed in the brains of both mice consisted of lymphocyte and neutrophil 

infiltrations and neutrophilic aggregates in the caudal brain stems. Spinal cord lesions were 

observed at all levels fi'om the cervical region to the sacral region and included neutrophilic 

aggregates (predominantly within the grey matter), perivascular lymphocytic cu£5ng, and mild 

to moderate poliomalacia. 

Twelve 6-month-old deer mice were used in Trial 2. Nine mice were in group 1, one 

mouse was in group 2, and two mice were in group 3. Base-line antibody titers ranged fi'om 

-<1:2 to <1:8. Between 1 and 3 donors fed on each group 1 mouse (x, 2). Fourteen 

redpients co-fed during the initial infection period, IS at 24hrs, and 12 at 48hrs PI (Table 2). 

Seven recipients fed fi'om the group 2 mouse (mouse 3, Table 2) between 24 and 48h PI. 

One group 1 mouse displayed hindlimb paralysis and labored breathing at 6d PI and 

died. Virus was recovered fi'om the brain and viral RNA was detected in its spleen. Mild 

multifocal lymphocyte and neutrophil infiltration of the meninges were observed in the brain 

and spinal cord of this mouse. Clinical signs were absent firom all other mice and they were 

euthanized at 21d PI. 

Neutralizing antibody titers increased over time in all mice except for those in group 

3. On day 21, NA levels in groups 1 and 2 ranged fi'om l:64-(X-< 1:128 to >1:1,024, whereas 

the NA titer in the group 3 mice remained at <1:4 (Table 3). Mild multifocal perivascular 

lymphoid infiltration was observed in one group 1 mouse. 

Viremia was not detected in blood samples collected firom individual mice fi'om Md 

PI, nor was virus recovered fi-om any of the tissues fi-om the surviving mice. However, viral 
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RNA was detected using RT-PCR in the spleens of 6 group 1 mice and from the kidneys of 

two of those mice. Viral RNA was detected in the spleen of the group 2 mouse. Neither 

infectious virus nor viral RNA were detected in the group 3 mice. 

Per OS Infection of Recipient Black Flies 

Co-feeding black flies were not physically separated and were allowed to feed at will. 

At no time did a recipient ingest blood from the same feeding wound as a donor. The 

distance between co-feeding donors and recipients did not affect the number of recipients that 

acquired virus. 

Eighteen redpients fed to repletion during trial 1 and were assayed for virus by tissue 

culture inoculation. Virus was recovered from three recipients. The amount of virus ingested 

by each was not determined; however, virus titers between 3.8 x 10^ and 1.7 10^ pfli/fly 

were detected following 6d extrinsic incubation (EI). 

Virus was recovered from 14% (2/14), 26% (4/15), and 25% (3/12) of the recipients 

feeding on group 1 mice at baseline, 24 hours, and 48 hours PI, respectively, during trial 2. 

Virus titers in positive recipients ranged from 5.2 x lO' to >2.0 x 10* pfli/fly (x, 7.8 x lO' 

pfii/fly) following EI. Virus was not recovered from the non-infected black flies feeding on 

the group 2 mouse in this trial. 

Discussion 

Even though VSV-NJ has been isolated from arthropods collected in enzootic areas 

and during epizootics, doubt has remained regarding their role in natural transmission cycles 

since aU of the potential vertebrate hosts investigated to date have failed to develop viremia 
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su£Scient to infect biting arthropods. Previous investigations of potential reservoir hosts have 

involved parenteral inoculation of laboratory rodents and wild animals (7-12, 18, 19). When 

viremia was not detected in the animal in question it was considered to be a "non-factor" in 

the maintenance of VSV-NJ. These studies failed to recognize that route of infection, or 

exposure, and specific and nonspecific host defense factors may affect pathogen transmission 

and the clinical course of infection. 

In this study, VSV-NJ - infected S. vittatum were allowed to feed on susceptible deer 

mice to confirm their vector competence and to determine whether viremia is present in deer 

mice following exposure to VSV-NJ. Because uninfected and infected vectors often feed 

together on the same host in nature, non-infected "recipient" black flies were allowed to co-

feed with infected black flies to determine if virus was transferred from one to the other while 

feeding on the same host. A relatively high percentage of recipient flies were positive, 

indicating acquisition of the virus via co-feeding transmission. While this has been reported 

for several tick species and tick-borne viruses (30), this is the first report of this phenomenon 

for an insect-transmitted virus. 

As demonstrated by the re-isolation of VSV-NJ from clinically affected mice, and by 

the detection of VSV-NJ-specific antibodies in surviving mice, infected black flies transmitted 

VSV-NJ to deer mice. Neither NA nor viral RNA were detected in the group 3 control mice, 

indicating that virus was not transmitted from mouse to mouse during cage contact and that 

the results seen in group 1 mice were due to the bite or bites of infected black flies. 
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In trial 1, four of the group 1 mice were bitten by a single infected black fly (Table 1) 

which resulted in the transfer of sufficient virus to cause an infection. The amount of virus 

present in the saliva of the experimentally infected black flies varied considerably. Virus titers 

in the saliva of donor flies were 0 to 4.8 10^ pfli/ml. The in vitro method used to collect 

the saliva probably results in a low estimate of the total amount of virus actually present in 

the saliva and transferred to a host when the fly is feeding since virus is also ingested with the 

cell culture medium. 

An age-related effect on viral pathogenesis was evident in the mice following VSV-NJ 

exposure. Lethal encephalomyelitis occurred in all 6-week-old mice, but in only one 6-

month-old mouse. Neurological disease with concomitant hindlimb paralysis was previously 

reported for experimental VSV-NJ infection in rodents (18), and is consistent with 

experimental infection of deer mice seen in this study. Virus clearance related to age-based 

resistance could account for the limited pathological changes observed in the 6-month-old 

deer mice. 

Peromyscus maniculatm does not meet the standard definition of a reservoir host for 

VSV-NJ. Regardless of route of exposure (black fly bite or IM injection), viremia was not 

detected using conventional tissue culture methods. However, because non-infected black 

flies became infected while co-feeding with infected black flies on the same non-viremic host, 

this rodent species should be considered an important maintenance host for the virus in VSV-

NJ epizootic and enzootic regions. Webb et. al. (13) detected VSV-NJ specific NA in 12% 

ofP. maniculatus collected in Colorado during the 1982-83 VSV-NJ epizootic, and while the 
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age of mice was not reported, our results suggest that they were exposed as mature adults and 

cleared the virus. 

Our inability to isolate VSV-NJ from blood is consistent with findings from other 

investigations (7-12, 18, 19) and demonstrates the limitations of the WHO criteria that 

suggests that vertebrate reservoirs of a virus can be identified simply by screening for viremic 

hosts. Our results suggest that non-viremic hosts may play an important role in the 

maintenance of VSV-NJ, and that many more vertebrates could serve as maintenance hosts 

for the virus in nature. 

EfBcient transmission of VSV-NJ was demonstrated between infected and non-

infected black flies co-feeding on the same non-viremic host. Of the 32 recipient black flies 

co-feeding at base-line, IS.6% (S/32) became infected, with the percentage of positive 

recipient black flies increasing over time. Seven of 27 (26%) black flies became infected 

when co-feeding with infected black flies between 24h and 48h after initial exposure. This 

indicates that virus was not passively transmitted during feeding and that a salivary 

component is possibly involved, as first suggested by Cupp and Cupp (21). 

In summary, our results reconfirm the vector competence of Simulium vittatum for 

VSV-NJ and strongly suggest that this insect could act as a transfer vector between non-

viremic vertebrate reservoirs of VSV-NJ and domestic livestock. Field studies have shown 

that small and large mammals have serum antibodies to VSV-NJ, indicating their presence in 

the normal chain of infection. The association between black flies and mammals, including 

rodents, is well documented (28, 31) and further supports this scenario. Because black flies 
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exhibit site feeding preferences and are often found feeding in close association in large 

numbers from specific anatomical sites on livestock (27, 32), we propose that non-viremic 

transmission of VSV-NJ from infected to non-infected black flies co-feeding on the same 

livestock host may occur. Further studies to identify the mode of co-feeding transmission and 

to assess the significance of vector co-feeding on VSV-NJ transmission in livestock are 

needed to assess this hypothesis. 
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replication and dissemination. 

To confirm that virus was in the saliva of donors, saliva was collected by allowing six 
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Dulbecco's Medium (Omega Scientific, Inc) with 20% newborn calf serum and 2% antibiotics 
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inoculation were housed with non-exposed mice to determine if virus was transmitted from 

mouse to mouse during cage contact. Blood samples (25 i/l) were collected from each group 
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addition, serum samples were collected from all mice at 7,13, and 21d PI and screened for 

the presence of VSV-NJ neutralizing antibodies using micro-titer serum neutralization. Mice 

displaying clinical signs were carefully monitored and euthanized (anesthetic overdose 

followed by cervical dislocation) when necessary. Surviving mice were euthanized at 21d PL 
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Table 1. Per os infection of recipient flies co-feeding on 6-week-oId P. maniculatus with 

VSV-NJ infected black flies. 

Mouse ID 

No. infected 
flies feeding 

No. recipient flies* 
(# positive) 

1 2 1(0) 

2 2 2(1) 

3 1 2(0) 

4 3 1(0) 

5 1 1(0) 

6 4 1(0) 

7 2 0(0) 

8 1 2(0) 

9 2 1(1) 

10 2 2(0) 

11 3 3(1) 

12 1 2(0) 

* Individual flies were homogenized then assayed for 
virus on day 6 post-engorgement. 
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Table 2. Per as infections of recipient black flies co-feeding on 6-month-old P. maniculatus 

with VSV-NJ infected black flies. 

Tiineof fcediiis 
Baseline 24hPI 48hPI 

No. mfected No. recipient flies* No. infected No. recipient flies* No. infected No. recipient flies* 

MDUMID flies feeding {# positive) flies feeding (# positive) flies feeding (P positive) 

1 2 1(0) 2 1(0) 1 1(0) 

2 2 2(0) I 2(1) 1 1(0) 

3» 
- - - 3(0) • 4(0) 

4 2 2(1) 3 2(2) 2 2(1) 

6 2 1(0) I 2(1) I 1(1) 

7 1 0(0) 2 1(0) 1 1(1) 

8 3 2(1) 2 2(0) 1 2(0) 

10 3 2(0) 1 1(0) 2 1(0) 

It 2 3(0) I 2(0) I 1(0) 

12 1 1(0) 2 2(0) I 2(0) 

* Individual flies wm homogenized then assayed for vims on day 6 post-engorgement, 

t Injected with 02 ml VSV-KI 
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Table 3. Serum virus neutralizing antibody titers of 6-month-old P. maniculatus. 

#ofaies Days IVxt-Infecticn Vims Viral RNA detection 
Mouse ID feeding 0 7 13 21 Re-isolation (OfRan) 

1 2 <1:4 >1:64 1:256 1:256 no yes (spleen) 

2 2 MAD DAY 6 brain yes (spleen) 

3' 0 <1:4 1:32 1:256 >1:512 no yes (spleen) 

4 2 <1:4 1:64 1:128 1:512 no no 

5« 0 <1:4 <1:4 <1:4 <1:4 no no 

6 2 <1:4 1:64 1:256 >1.256 no yes (spleen) 

7 I 1:2 1:32 >1:128 1:512 no no 

8 3 <1:2 1:64 1:256 >1:1,024 no yes (spleen, kidney) 

9* 0 <1:4 <1:4 <1:4 <1:4 no no 

10 3 <1:8 1:32 1:64 >1:64 no yes (spleen) 

11 2 <1:4 >1:64 1:512 >1:1,024 no yes (spleen, kidney) 

12 I <1:4 >1:64 1:512 >1:512 no no 

 ̂ Injected with 0.2 ml VSV-NJ 

' Uninfected mice housed with infected mice 



108 

Figure 1. Infected (bottom) and non-infected, marked (top) black flies co-feeding on P. 

maniculatus. Non-infected black flies were marked by placing a drop ofwhiteout on the 

thorax. 
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Abstract 

In previous experiments we demonstrated that colonized and wild black flies are competent 

laboratory vectors of different Mexican and western USA isolates of VSV-New Jersey 

serotype. We have recently demonstrated biological VSV-NJ transmission by black flies 

using animal models. In this study, we tested the vector competence of colonized and wild 

black flies for the VSV-Indiana serotype, using a 1998 equine isolate. After a 10-day 

incubation period, saliva from experimentally-infected Simulium vittatum and S. notatum was 

individually collected and tested for the presence of infectious virus. Virus was detected in 

the saliva of both species following oral infection, indicating that they are competent 

laboratory vectors of VSV-EN. Saliva samples collected from females of both species that 

were infected orally were more likely to contain virus than the saliva of females infected by 

intrathoracic inoculation. This suggests that the black fly gut may exert evolutionary and /or 

seleection pressures on the virus. 
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Introduction 

Vesicular stomatitis (VS) is primarily a disease of cattle, horses, and swine caused by 

related viruses in the genus Vesiculovirus, family Rhabdoviridae.' Two vesicular stomatitis 

virus (VSV) serotypes occur in Central and North America, VSV-Indiana (VSV-IN) and 

VSV-New Jersey (VSV-NJ). Both serotypes are enzootic in Mexico, Colombia, Venezuela, 

Panama, and Costa Rica3^ The New Jersey serotype is enzootic on Ossabaw Island, Georgia 

and has been the predominant serotype associated with epizootics in the western United 

States, with recent epizootics occurring in 1982-83, 1984-86, 199S, and 1997. Following 32 

years of quiescence in the United States, epizootics of VSV-IN occurred in 1997 and 1998. 

Despite years of intensive study, large portions of the epidemiology of VSV, including 

specific insect vectors, remain unclear. Ecological studies of VSV in Panama,^* ^ Costa Rica,^ 

and other Central America countries' suggest that VSV-NJ and VSV-IN have similar but not 

identical transmission cycles in nature. 

In Costa Rica, the prevalence of antibodies in cattle to the Indiana and New Jersey 

serotypes are 21 and 46%, respectively.^ Vesicular stomatitis is regularly diagnosed in 

livestock at the end of the rainy season and transmission continues into the dry season. Older, 

lactating cows are at higher risk of disease than nonlactating old cows or calves.''' ' Farm 

factors associated with an increased risk of VS include the presence of poultry and a long 

calving interval.' Variables related to breeding sites for sand flies and black flies were found 

to be associated with occurrence of VS in livestock. In addition, risk of disease caused by 

the New Jersey serotype was found to be greater for cattle pastured in or near lower montane 
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moist forests (500 tolSOO meters above sea-level) and tropical dry forests {<2 meters of 

annual rainfall and between sea-level to SCO meters above sea-level) than for cattle pastured 

at other regions.*' No environmental factors were found to be associated with the Indiana 

serotype. 

Several field and laboratory studies confirm that sand flies are enzootic vectors of both 

VSV serotypes. In Panama, VSV-IN has been isolated repeatedly fi-om pools of mixed 

species of sand flies, Lutzomyia and fi-om 3 pools of L trapidoi.^' Virus multiplication 

in and bite transmission by L trapidoi has been demonstrated." Transovarial transmission 

of VSV-IN in L trapidoi and L. ylephilator has also been demonstrated.'^ On Ossabaw 

Island, Georgia, L shannoni was shown to be the enzootic vector for VSV-NJ.'^ 

Experimental infection ofL shannoni by oral and intrathoracic inoculation resuhed in virus 

replication by both routes.'* Both orally and parenterally infected L shannoni transmitted 

VSV-NJ by bite to susceptible rodents. In addition, field evidence'^ coupled with laboratory 

confirmation'* demonstrated that transovarial transmission of VSV-NJ occurs in L shannoni. 

Information regarding the transmission of VSV during epizootics is based largely on 

limited observational and entomological studies conducted during the sporadic epizootics in 

the western US. During epizootics, the New Jersey serotype has been isolated fi-om biting 

Culicoides midges,'®* " mosquitoes," black flies, ^^ eye gnats,^ and other non-biting 

diptera (mainly Muscid and Anthomyiid flies).^' The Indiana serotype was isolated fi'om 

mosquitoes (Aedes spp.) collected during the 1965 epizootic in New Mexico.^* 
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Laboratory based studies investigating epizootic transmission of VSV are limited. 

The conclusions of experimental infections of Aedes aegypti with VSV were that A. aegypti 

is a competent laboratory vector of the Indiana serotype"' ^ but not of the New Jersey 

serotype.^ Previous laboratory studies have shown that colonized^^' and wild^ black flies 

are competent laboratory vectors of different isolates of VSV-NJ. Virus was recovered from 

the saliva of colonized Simulium vittatum and wild S. notatum following experimental 

infection with the Camp Verde and Oaxaca isolates of VSV-NJ. More recently, a mouse 

model was used to confirm the vectorial competence of S. vittatum to VSV-NJ.'* The vector 

competence of black flies for VSV-IN has never been investigated. 

The purpose of this study was to investigate the role of black flies in VSV-IN 

transmission. Experiments were designed to 1) determine the presence or absence of a 

salivary gland barrier (SGB) to VSV-IN in the black fly species used, and 2) determine if virus 

is present in the saliva of orally infected black flies following extrinsic incubation (EI). 

Materials and Methods 

Virus Tested 

The VSV-IN strain (98-22488) used in this study was isolated from a horse during 

the 1998 epizootic. This isolate was obtained from the U.S. Department of Agriculture, 

National Veterinary Services Laboratory, Ames, Iowa and passed twice in Vero-M cells. 
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Black Flies Tested 

Colonized Simulium vittatum (IS-7 cytotype, F130 generation) and field collected S. 

notatum, reared from pupae collected from Arivaipa Creek and the Gila River (Pinal Co., 

Arizona), were used in these experiments. Two-to three-day-old females were used. 

Intrathoracic Inoculation 

To determine if a salivary gland barrier existed to VSV-IN, flies were intrathoracically 

inoculated (Muller 1987)" with one microliter (i/l) of a suspension containing 10" to 10^ 

plaque-forming units of VSV-IN per milliliter (pfli/ml). Infected black flies were held in 

individual snap cap tubes at 27°C for six days. After 10 days extrinsic incubation (EI), saliva 

was collected by allowing individually tethered flies to feed into capillary pipettes containing 

10 ul RPMI-1640 cell culture medium with 20% newborn calf serum and antibiotics.^ 

Infected flies were then placed in individual 2 ml cryovials containing 1.0 ml cell culture 

medium and antibiotics for virus isolation attempts. Individual saliva samples were diluted 

in 0.5 ml cell culture medium and antibiotics in 2 ml cryovials. Saliva and fly samples were 

frozen (-WC) until evaluated for presence of virus. 

Oral Infection 

The next experiments were designed to determine if selected black fly species could 

be infected with VSV-IN per os, if the virus was maintained or replicated in the fly, and if the 

virus reached the salivary glands and was present in the saliva. Simulium vittatum females 

were infected using an in viav feeding ̂ em.^^ Simulium notatum females were infected by 

first tethering them and then allowing each fly to individually feed into a capillary pipette 
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containing a 10^^ pfli VSV-IN/ml suspension. Infected flies were held for 210 days post 

feeding before saliva was collected (as previously described). Individual fly and saliva 

samples were then stored (as above) and evaluated for presence of virus. 

Virus Reisolation and Titration 

Three to six infected flies were titered immediately after intrathoracic inoculation or 

per OS infection to obtain a baseline infection titer using a previously described plaquing 

method.^ Whole flies were ground in sterile glass grinders in 1.0 ml of cell culture medium 

containing an antibiotic solution of penicillin, streptomycin, and amphotericin B. The mixture 

was clarified by light centrifugation and ten-fold serial dilutions of the supernatant fluid were 

then used as the cell culture inoculum. Two 0.5 ml. portions of each dilution were aliquoted 

onto each of 2 wells of 2-day-old confluent Vero-M cell culture monolayers in 24-well cell 

culture plates and incubated at ^TC for 1 hour. After removal of the inocula, the cells were 

overlaid with 2x Iscoves medium containing 2% newborn calf serum, 2% antibiotics, and 1% 

gum tragacanth. After incubating for 6 days at 37'C, cells were fixed by adding 20% formalin 

to the overiay, and then stained with 5% crystal violet. Plaques were counted and the virus 

titers expressed as plaque-forming units per fly (pfli/fly). This method reflects the amount of 

virus present per ml in the original fly suspension. 

Saliva samples were evaluated for presence of virus by titration (as above) or by direct 

observation of cytopathic effects (CPE) of confluent Vero-M monolayers or both. These 

results are not a quantitative measure of the amount of virus in the saliva because the in vitro 

method for collecting saliva results in dilution and probably considerable swallowing of saliva 
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and virus by the tethered fly. Thus, this method probably provides a low estimate of the total 

amount of virus actually in the saliva.^ 

Results 

Intrathoracic Inoculation of Black Flies 

In the first trial, 45 S. vittatum and 36 S. notatum females were inoculated 

intrathoracically with VSV-IN. Average baseline (T=0) titers were 10  ̂'̂  pfij/fly (n=6) for S. 

vittatum and 10^*' pfii/fly (n=3) for S. notatum. After 10 days EI, saliva was collected. 

Saliva samples and infected flies were then individually evaluated for presence of virus. Of 

the 30 surviving S. vittatum, all were positive for virus. The day 10 average virus titer was 

10^^' pfli/fly. Eight of 30 (26%) saliva samples were also positive. Titers ranged from 10' 

to lO^-^pfii/ml (x =10^'). All 21 of the surviving S. notatum tested positive and the average 

virus titer was 10^' pfii/fly. None of the 21 (0%) saliva samples contained virus. 

Twenty-five S. notatum were infected in a second trial. The average baseline titer was 

10*-^ pfii/fly (n=3). Of the 16 flies surviving to day 10 PI, all were positive for virus. The 

average virus titer was 10^*^' pfii/fly (n=16). None (0/16) of the saliva samples contained 

virus. 

Oral Infection of Black Flies 

Simulium vittatum and S. notatum females were next orally infected with VSV-IN. 

Infected black flies were either immediately evaluated for baseline infection rates or held for 

^ 10 days before being evaluated for virus content. 
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Baseline infection titers were 10'® and 10^" pfii/fly for S. vittatum (n=3) and S. 

notatum (if3), respectively. Twelve of 15 (80%) S. vittatum were positive for virus on day 

10 PI. The average virus titer was lO'^ pfii/fly. Four of 12 (33.3%) saliva samples contained 

virus. Six of 35 (17%) S. notatum contained virus on day 10 PI: the average virus titer was 

10^™ pfii/fly. Three of six (50%) saliva samples were contained virus. 

Discussion 

Ecological studies in VSV-enzootic areas suggest that different transmission cycles 

exist for VSV-IN and VSV-NJ. While it is generally accepted that sand flies, Lutzomyia sp., 

are important enzootic vectors of both virus serotypes, the epizootic vector(s) have not been 

identified. Virus isolations fi'om field collected insects have identified several candidate vector 

species; however, experimental transmission studies are few in number. 

To date, vector competence studies have been reported for colonized and wild black 

flies for enzootic and epizootic strains of VSV-NJ, and for Aedes aegypti for VSV-NJ ^ and 

VSV-IN."'" Virus was recovered fi'om the saliva of colonized Simulium vittatum and 

wild 5. following experimental infection with the Camp Verde and Oaxaca isolates 

of VSV-NJ. More recently, a mouse model was used to confirm the vectorial competence 

of 5. vittatum for VSV-NJ." The objective of this present study was to investigate the vector 

competence of colonized and wild black flies for VSV-IN. 

The results demonstrate that black flies are competent vectors of VSV-IN under 

laboratory conditions. Virus was detected in the saliva of a high percentage of S. vittatum 
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following intrathoracic and oral infection, and in the saliva of S. notatum following oral 

infection but not following intrathoracic inoculation. 

Barriers to virus infection in arthropods have been described by Hardy et. al.,^^ and 

include the mesenteronal infection barrier, the mesenteronal escape barrier, and the salivary-

gland infection barrier. A fourth barrier, the salivary-gland escape barrier, is described as one 

that prevents a virus-infected arthropod from transmitting the virus when blood-feeding. 

The absence of VSV-IN in the saliva of S. notatum following intrathoracic inoculation 

indicates the presence of a salivary-gland escape (SGE) or an infection (SGI) barrier for 

VSV-IN in this black fly. However, S. notatum was susceptible to oral infection of VSV-IN. 

Seventeen percent of black flies contained virus 10 days after infection and virus was detected 

in the saliva of a high percentage (50%) of those black flies. This suggests that viral 

adaptation to selection pressures within the gut may occur. Changes in VSV fitness due to 

different environmental conditions provided in insect and mammalian cell culture systems have 

been reported.^ The black fly midgut may act in a similar manner and may drive virus 

evolution by selecting for only those virus types that are able to replicate in the gut. 

A higher proportion of S. vittatum were susceptible to VSV-IN oral infection 

compared to S. notatum. Eighty percent of S. vittatum contained virus 10 days after oral 

infection, whereas only 17% of orally infected S. notatum contained virus. These differences 

are similar to those in black fly infection with VSV-NJ, and are consistent with the differences 

in infection susceptibility reported for different insect species of the same genus 

experimentally infected with the same arbovirus.^^ 
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In sununaiy, this study demonstrates that wild and colonized black flies readily ingest 

VSV-IN and that virus is present in the saliva in a large percentage of susceptible black flies. 

It also adds to the growing body of knowledge which suggests that insects, including black 

flies, are responsible for transmitting VSV to livestock during epizootics. 
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Abstract 

Independent experiments were conducted to determine if transovarial transmission of VSV-

NJ and VSV-IN occurs in black flies. Eggs from the second gonotrophic cycle of VSV-NJ 

and VSV-IN in&cted black flies were collected and reared to the adult stage. Progeny adults 

were screened for the presence of virus. Transovarial transmission was not detected, 

minimum infection rates of < 1:589 and -< 1:455 were determined for VSV-NJ and VSV-IN, 

respectively. To determine if transstadial transmission of VSV-NJ and VSV-IN occurs in 

black flies, black fly larvae from uninfected females were infected with VSV-NJ and VSV-IN 

in independent trials and allowed to complete development. Transstadial transmission of both 

virus serotypes was detected. Minimum infection rates of i 1 ;27 and ^1:18 were determined 

for VSV-NJ and VSV-IN, respectively. 
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Introduction 

Three New World vesicular stomatitis viruses (VSVs) (Rhabdoviridae: Vesiculovirus), 

New Jersey, Indiana, and Alagoas, produce vesicular stomatitis (VS) in livestock (Comer and 

Tesh, 1991). The VSVs are found only in the Americas and tend to be maintained in enzootic 

foci in tropical and subtropical zones, but occasionally occur as wide-ranging epizootics in 

temperate zones. The Indiana (VSV-IN) and New Jersey (VSV-NJ) viruses were first 

isolated in the 1920s and range from northern South America to North America. Alagoas 

virus was first isolated in 1964 during an epizootic in Brazil (Federer et al., 1967), and has 

only been isolated in South America (Tesh et al., 1987). 

All of the VSVs have been isolated from naturally-infected sand flies (Diptera; 

Psychodidae), and sand flies are thought to be important in the maintenance and transmission 

of the viruses in enzootic foci. The first evidence suggesting that sand flies were involved in 

the ecology of these viruses came with the repeated isolation of VSV-IN from pools of sand 

flies in Panama in the 1960s (Tesh et al., 1974). In the 1980s, Alagoas virus was isolated 

from sand flies in Colombia (Tesh et al., 1987) and VSV-NJ was isolated in the United States 

from sand flies collected on Ossabaw Island, Georgia (Com et al., 1990). In addition to being 

transmitted by sand fly bite, the VSVs are known to be transovarially transmitted (TOT) in 

their sand fly vector (Tesh et al., 1972; Comer et al., 1990). 

Large scale VSV-IN and VSV-NJ epizootics occur in the western United States. 

Features common to epizootics include sporadic occurrence, marked seasonal occurrence, 

and the disappearance of clinical livestock cases from epizootic areas for prolonged periods 
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of time. The ecology and epidemiology of both virus serotypes has been studied extensively, 

yet it is still not known how these viruses are maintained in nature. 

The epidemiology of recent VS outbreaks in the western U.S. suggests that, at the 

very least, overwintering mechanisms exist for both VSV serotypes. For example, the index 

case for the 1995 VSV-NJ epizootic was in New Mexico. Livestock cases were subsequently 

identified in five other western states (Arizona, Colorado, Utah, Texas, and Wyoming). 

Livestock infection was not diagnosed in 1996, but, in 1997, VSV-NJ was diagnosed in 

livestock on premises in Colorado where VSV-NJ was diagnosed in 1995. Further, the index 

case of the 1997 VSV-IN epizootic was identified in New Mexico. By the end of the 

summer, additional cases were identified in Arizona, Colorado, and Utah. In 1998, VSV-IN 

was diagnosed in livestock on premises, or very close to premises, in New Mexico and 

Colorado where VSV-IN had been diagnosed in 1997. These examples suggest that 

mechanisms exist that allow for virus persistence. 

Biologically, TOT of a virus in its arthropod host would appear to be an extremely 

efficient mechanism to assure survival of the virus during adverse climatic conditions (i.e., 

winter or dry season). In temperate zones, continuous viral transmission is precluded by 

winter temperatures that result in cessation of aduh vector activity. The consistent finding 

of virus, especially in arthropod species that overwinter in the immature stages, suggest that 

certain viruses remain endemic in the population as a result of TOT (Reeves, 1961). 

One of the difficulties in accepting TOT as an important mechanism for persistent 

VSV maintenance in nature has been the fact that filial infection rates for enzootic vectors 
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obtained in experimental studies generally have been quite low. Transovarial transmission 

rates in sand flies of 20% and 2% has been demonstrated for VSV-IN (Tesh et al., 1972) and 

VSV-NJ (Comer et al., 1990), respectively. If comparable rates occur in naturally-infected 

arthropod populations, it is difficult to understand how the viruses could persist indefinitely. 

Tesh et al., (1972) and Comer et al., (1991) have concluded that TOT of VSV-IN and of 

VSV-NJ by sand flies in Panama and on Ossabaw Island, Georgia, respectively, could not 

alone maintain the virus in nature. These rates are sufficient, however, to allow for virus 

persistence through several seasons. 

Sand flies are not believed to be important epizootic vectors of either virus serotype 

because of their limited flight range (Ward, 1989). Based on trajectory analysis of winds and 

weather fronts, and the previous reports of the isolation of VSV-NJ from Simuliidae species 

during epizootics (Francy et al., 1988; Theiler and Downs, 1973), Sellers and Maarouf (1990) 

suggested that black flies could serve as epizootic vectors of the VSVs. This suggestion is 

supported by the recent laboratory studies that demonstrate that black flies are competent 

vectors of VSV-NJ (Mare et al., 1991; Cupp et al., 1992; Mead et al., 1997; Mead et al., 

1999). More recently, black flies have been shown to be competent vectors of VSV-EN 

(Mead et al., submitted - see Appendbc E). 

The majority of western black fly species that are livestock pests overwinter in the 

immature stages (i.e., eggs or larvae). Development increases as water and ambient 

temperatures increase and the emergence of adults usually occurs before the first diagnosis 

of VSV in livestock. Transovarial transmission of either VSV serotype in black flies could 
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explain the recurrence of livestock infection in specific areas and could serve as a mechanism 

of virus persistence between epizootic cycles. The objectives of this set of experiments were 

to mvestigate the occurrence of TOT in black flies. 

Materials and Methods 

Transovarial Transmission 

Mated two-to three-day-old black fly females, Simulium vittatum, were used in all 

experiments. Mated females were infected with VSV-NJ and VSV-IN in independent 

experiments. Black flies were infected by either intrathoracic inoculation or orally, and held 

at 2TC in individual snap cap tubes and maintained on a 15% dextrose solution. Four days 

after infection, females were stimulated to oviposit by placing them in petri plates lined with 

moist cheesecloth. The black flies were blood-fed immediately following oviposition using 

an artificial membrane feeder, then held for an additional 6 days. Females that did not lay 

eggs were killed. Eggs from the 2"* gonotrophic cycle were collected from individual infected 

females. The females were immediately evaluated for infection status by virus titration. Eggs 

were observed for evidence of fertilization. Individual fertilized egg batches from infected 

females were reared to the adult stage using table-top rearing systems. The emerging adults 

were maintained for 5 days, then killed by freezing and sorted into pools of S or less, by sex 

and batch number, and assayed for presence of virus. Egg batches from non-infected females 

were discarded. 
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Transstadial Transmission 

Third and fourth instar black fly larvae were infected with VSV-NJ and VSV-IN in 

independent trials by immersing larvae in viral suspensions. After 6-8 hours of exposure, 

larvae were transferred to table-top rearing units and reared to the adult stage. Emerging 

adults were maintained for S days, then pooled by sex and assayed for presence of virus. 

Results 

Transovarial Transmission 

Table 1 summarizes the results of 6 trials using VSV-NJ. Females in trials 1 through 

4 were infected per os, those in trials S and 6 were infected via intrathoracic inoculation. 

Eggs from the gonotrophic cycle were collected from 21 females infected per os and 

reared to the adult stage. Vertical transmission was not detected in the 589 progeny. Trials 

5 and 6 resulted in 727 progeny. Virus was not detected in the 727 progeny produced by the 

18 females in trials 5 and 6. The combined minimum infection rate for trials 1 through 4 was 

< 1:589, and -< 1:727 for trials 5 and 6. 

Three trials were conducted using the Indiana serotype. The results are summarized 

in Table 2. Females were infected per os in trials 1 and 2, and by intrathoracic inoculation in 

trial 3. Minimum infection rates of 1 ;4SS and < 1 ;2S0 were found for females infected per 

OS and via intrathoracic inoculation, respectively. Vertical transmission was not detected in 

any of the trials. 
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Transstadial Transmission 

In independent experiments, between ISO and 200 black fly larvae were soaked in 

high concentrations of VSV-IN and VSV-NJ for 6-8 hours then transferred to table top 

rearing units and allowed to complete development. The results are presented in Table 3. 

Emerging adults were screened for evidence of transstadial transmission in pools of ^5. 

Transstadial transmission was detected in 14 percent of the VSV-NJ pools and in 21 percent 

of the VSV-IN pools. Transstadial transmission was not detected in four experiments when 

the virus titer of the soaking suspension was below 6.S Logio plaque forming units per ml. 

Discussion 

Given the small sample sizes, the failure to detect vertical transmission of VSV-IN and 

VSV-NJ in black flies is not surprising. In all experiments the number of progeny tested from 

individual females was <100. Filial infection rates in adult progeny ranged from <1% to 

<25% and from <2.5% to < 14% for the New Jersey and Indiana serotypes, respectively. 

These rates are misleading because they reflect the number of an individual females progeny 

tested and not the proportion of progeny that are infected. 

Previous studies have demonstrated that TOT levels can be very low for specific 

arbovirus-vector combinations and that a large number of progeny are often necessary to 

detect TOT. For example, Hardy et. al., (1984) demonstrated that the MIR in progeny of St. 

Louis encephalitis virus infected Culex tarsalis and Cx. quinquefasciatus was <1:1,815 and 

< 1:256, respectively. The number of adult progei^ resulting from individual infected females 

in our experiments may have been to small to detect a rare event. 
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The occurrence of transstadial transmission of both viruses tested in black flies 

demonstrates that once larvae are infected, a small percentage of them remain infected and 

that the viruses are present in the adult stage of the black fly. The contamination of black fly 

breeduig sites with either VSV-NJ or VSV-IN as a source of larval infection is not highly 

likely because virus titers of soaking suspensions needed to infect larvae exceeded 10*' pfli/ml. 

An alternative method to detect TOT of VSV-NJ and VSV-IN in black flies would 

be through the isolation of virus from field collected male black flies or fi-om adults reared 

from field collected immatures. This approach was attempted in the prospective study 

described in Appendix A. Transovarial transmission was not detected in field collected male 

and immature black flies. 

In summary, TOT of VSV-NJ and VSV-IN was not detected in the progeny of 

experimentally-infected in Simulium vittatum females. This negative finding may result fi'om 

the small number of progeny tested firom individual infected females, or fi-om testing the 

wrong black fly species. These experiments should be repeated using S. vittatum as well as 

different species of black flies. Transstadial transmission of both viruses was demonstrated 

in S. vittatum. Once infected, virus is carried or passed through the larval and pupal stages 

of development and is present in a small proportion of resulting aduks. 
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Table 1. VSV-NJ minimum infection rates in progeny of infected Simulium vittatum infected 

per OS or by intrathoracic inoculation. 

Trial 

No. of egg 

batches reared 

Mean virus titer of parents'* 

(post-ovi position) No. tested 

No. of positive pools / 

No. of pools M-LR." 

I 2 3.8S 8 0/2 <1:8 

2 2 3.31 11 0/3 <1:11 

3 3 3.30 168 0/40 <1:168 

4 12 4.10 402 0/78 <1:402 

Total 589 Q/123 <1:589 

5 11 3.67 430 0/93 <1:430 

6 7 3.89 277 0/30 <1:277 

Total 727 (V143 <1:727 

a Logig plique fanning units wiaayed in Veto cdl culture 

P M.LR. Minimum in&ction rite 
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Table 2. Minimum infection rates in progeny of VSV-IN infected Simulium vittatum. 

No. of egg Mean virus titer of parents'* No. of positive pools / 
MLR." Trial batches tested (post-oviposition) No. tested No. of pools MLR." 

1' 13 3.20 285 0/57 <1:285 

9 3.90 170 0/40 <1:170 

3' 12 3.35 250 0/63 <1:250 
a Logio plaque fiHming unfti ai uuyed ta Vao cell culture 

P MUL Minimum inibction rale 

Y Infected/wr Of 

B In&cted via intnthorade inoculation 
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Table 3. Minimum infection rates in black fly soaked as larvae in VSV-NJ and VSV-IN. 

Suspension No. positive pools / 
Virus Serotype virus titer'*' No. tested No. tested 

New Jersey 6.84 137 5/36 <117 

Indiana 7.74 160 9/43 <1:18 

If Logio plaque fanning units as assayed in Vera cdl culture 

M.I .̂ Minimum infection rate 
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