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ABSTRACT 

Ribulose 1,5-biphosphate carboxylase/oxygenase is 

2+ 
activated by incubation with CO2 and Mg . Several com

pounds are known to mediate this C02 dependent activation, 

including several chloroplast metabolites. A search, based 

on structural similarities to known activators, encountered 

more than twenty previously unreported effectors. Acti

vators appear to share several common characteristics, in

cluding two anionic groups which usually occupy terminal 

positions on the molecule. Terminal groups on activators 

include carboxylate, phosphate, phosphonate, and sulfonate. 

Activators which do not have at least one phosphate or 

phosphonate terminal group have a hydroxyl or carboxyl 

containing side chain. 

Positive effectors change the response of the car

boxylase by allowing activation at lower levels of CC>2 

2+ 
and/or Mg , and at lower pH values. Higher C02 concentra

tions also allow activation at lower pH values. 

The ratio between the carboxylase and oxygenase 

functions of this enzyme at air levels of CC>2 and C>2 does 

not change with effector induced changes in enzyme activity, 

suggesting that they share the same active site. 

There is an apparent difference in the response of 

the enzyme before and after purification to incubation in 

xiii 
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phosphate, and to inhibition by the substrate ribulose 1,5-

biphosphate. These observations suggest that the isolated 

protein is different from the native enzyme. 

Several carboxylase activators are taken up by 

isolated chloroplasts in an exchange for phosphate catalyzed 

by the phosphate translocator. Included in this group is 

phosphonopropionate, a non-metabolized analogue of phospho-

glycerate. Addition of this effector to chloroplasts under 

conditions of^photosynthesis results in increased carboxylase 

activity, but a decrease in both ribulose 1,5-biphosphate 

levels and C02 fixation. 

There is a slow leakage of phosphate from isolated 

chloroplasts at room temperature. This leakage does not 

occur during illumination, nor at ice temperature, but in

creases with increasing hydroxide ion over physiological pH 

values. This slow leakage is probably an artifact of 

chloroplast isolation procedures. 

In isolated chloroplasts, phosphate levels appear to 

control the partition of photosynthate between starch forma

tion and sugar phosphate export. During periods of net 

accumulation of starch in the chloroplast, there is con

comitant degradation occurring, such that the accumulation 

of label into the starch fraction may not reflect the actual 

rate of starch synthesis. 



PART I 

ACTIVATION OF RIBULOSE 1,5-BIPHOSPHATE 
CARBOXYLASE/OXYGENASE 

1 



CHAPTER 1 

INTRODUCTION TO THE CARBOXYLASE 

Fraction I Protein 

The first report of the enzyme, which later was 

identified as ribulose, 1,5-biphosphate carboxylase/oxy

genase, was made in 1947 by Wildman and Bonner. In their 

attempt to isolate the binding side of auxin, they separated 

the soluble proteins of spinach leaves into two fractions. 

One of these was "electrophoretically homogeneous," had a 

high molecular weight, and catalyzed the hydrolysis of 

several phosphorylated compounds. They called this protein 

Fraction I. Subsequent work resulted in the separation of 

the phosphatase activities (Noort and Wildman 1964, Mayandon 

1957) and established that Fraction I accounted for about 

50% of the total soluble leaf protein. Fraction I protein 

was shown to be present in several families of flowering 

plants by Singer et al. (1952) who also noted that the 

enzyme was irreversibly precipitated by pH below 6.0. 

Most unbuffered leaf homogenates are acidic. The pH 

lability of RuBP carboxylase/oxygenase masked its presence 

in experiments of early workers, even though it is probably 

the most abundant protein on earth. 

2 
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RuBP Carboxylase 

In 1950/ Calvin and his coworkers (Bensen et al. 1950) 

demonstrated that PGA is the first stable product resulting 

from the incorporation of radiolabeled CC^- This ulti

mately led to the proposal of the reductive pentose phos

phate cycle which includes the incorporation of C02 through 

the carboxylation of RuBP (Bassham et al. 1954). The car-

boxy lation reaction was confirmed using leaf homogenates 

(Quayle et al. 1954; Weissbach, Smyrniotis, and Horecker 

1954). These workers reported that cell extracts incubated 

with ribose-5-P or RuBP/ catalyzed the incorporation of 

14 CC>2 into PGA. More extensive biochemical information on 

the carboxylation reaction, and on the isolation and puri

fication of RuBP carboxylase came from the work of 

Weissbach, Horecker, and Hurwitz (1956); Jakoby, Brummond, 

and Ochoa (.1956) ; and Racker (1957) . The similarities 

between Fraction I protein and RuBP carboxylase were noted 

by Dorner, Kahn/ and Wildman in 1957, but it was not until 

the work of Kawashima and Wildman in 1971 that the two were 

unequivocally shown to be identical. It was first thought 

that Fraction I was located i,n the cytoplasm (Wildman and 

Bonner 1947, Singer et al. 1952). This was shown not to be 

the case, first by the demonstration that Fraction I was 

present only in photosynthetic tissue (Lyttleton 1958) and 

second by the demonstration that over 90% of Fraction I 
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present in the leaf could be recovered upon lysis of intact 

chloroplasts (Lyttleton and Ts'o 1958, Park and Pon 1961). 

Subunit Structure 

The presence of subunits in the carboxylase was 

shown by Sugiyama and Akazawa (1967), who subjected the 

enzyme to SDS gel electrophoresis. This finding was 

confirmed and expanded by Rutner and Lane (1967) using RuBP 

carboxylase which was free of contaminates usually associ

ated with Fraction I protein. Both SDS gel filtration and 

SDS gel electrophoresis revealed two subunits of different 

molecular weights. Amino acid composition analysis con

firmed that the subunits were different. Moon and Thompson 

(1969), using gel filtration with several well characterized 

proteins as standards, estimated the molecular weight of 

the large and small subunits of spinach carboxylase to be 

54,000 daltons and 16,000 daltons respectively. Kawashima 

(1969) compared the amino acid composition of the subunits 

from tobacco and spinach. He found that the small subunits 

from the two species were quite different, but that the 

large subunits were very similar. It has since been shown 

that the large subunits from a variety of species are 

similar (Takabe and Akazawa 1975a). Sugiyama, Matsumoto, 

and Akazawa (1970) disassociated spinach carboxylase into 

subunits with urea, and demonstrated that the large subunit 

contained the active site. 
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Distribution of RuBP Carboxylase 

It is now well established that RuBP carboxylase is 

present in most, if not all, photosynthetic organisms. In 

their review, Siegel, Wishnick, and Lane (1972) listed over 

40 references concerning isolation of carboxylase from 

different species of higher plants, green algae, blue green 

algae, purple and green sulfur bacteria, and purple non-

sulfur bacteria. There are, however, some differences in 

the carboxylases from these different species. The small 

subunit appears to be missing from the carboxylase of 

several microorganisms. Chlorobium thiosulfatophilum has a 

carboxylase consisting of six large subunits (Tabita, 

Stevens, and Gibson 1976), and the carboxylase from 

Rhodospirilium rubrum consists of only two large subunits 

(Tabita and McFadden 1974). 

The blue green algae appear to be an anomolous 

group. Anabaena variabilis and Plectonema boryanum contain 

a carboxylase having both the large and small subunits 

(Takabe and Akazawa 1975b) while the carboxylase from 

Anabaena cylindria consists of eight large subunits 

(Purohit, McFadden, and Cohen 1976). The small subunit from 

A. variabilis has a molecular weight of about 14,000 daltons, 

and the suggestion has been made that the small subunit from 

bacteria and blue green algae may be partially or com

pletely lost during isolation procedures (McFadden and 

Tibita 1974). 
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Genetics of RuBP Carboxylase 

Tryptic digest peptide analysis of the large and 

small subunits of the carboxylase from several closely 

related species of tobacco led to the discovery that the 

genetic information for the synthesis of the small subunit 

was stored in the nucleus of the organism and follows 

Mendelian inheritance patterns (Kawashima and Wildman 1972). 

The information coding for the large subunit was contained 

in the DNA of the chloroplast and was inherited maternally 

(Chan and Wildman 1972). Blair and Ellis (1973), working 

with labeled amino acids and isolated chloroplasts, 

synthesized labeled large subunits confirming that this 

portion of the enzyme is encoded in chloroplast DNA. They 

also showed that the chloroplast is impermeable to RNA 

suggesting that both transcription and translation occur 

within the organelle. Singh and Wildman (.1973) found that 

the catalytic site of the enzyme was inherited maternally, 

suggesting that it was on the large subunit. Additional 

verification came from studies involving rabbit antibodies 

against the large and small subunits (Gray and Kekwick 

1974). The carboxylase was inhibited by antibodies against 

either the large subunit, or against the whole enzyme, but 

not by antibodies against the small subunit. 

The fact that the small subunit is a nuclear coded 

protein and the large subunit is encoded in chloroplast DNA 

has been the basis for several genetic studies on the origin 
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of Nicotiana tabacum (Sakano, Kung, and Wildman 1974; 

Kawashima, Tanabe, and Iwao 1976; Steer and Thomas 1976). 

A possible regulatory role for the small subunit 

was suggested by Ellis (1974), who showed that it must be 

present in order for the chloroplast to synthesize the 

large subunit. Information from crystal density, electron 

microscopy, X-ray detraction, and optical defraction studies 

led Baker et al. (1975) to propose that the structure of the 

carboxylase from spinach is eight large and eight small 

subunits (LgSg) arranged as a bilayered cube having 4,2,2 

symmetry. 

Metals Associated with RuBP Carboxylase 

Purified spinach carboxylase was first thought to 

contain copper bound in stoichiometric amounts which was 

resistant to removal by 50 mM EDTA (Wishnick et al. 1969; 

Wishnick, Lane, and Scrutton 1970). The activity of the 

carboxylase was not changed by the presence or absence of 

this copper. Later work indicated that there was less 

than 0.2 moles of copper per mole of enzyme, and that the 

addition of CuSO^ did not alter enzyme activity (Chollet, 

Anderson, and Housepian 1975; Lorimer and Andrews 1973). 

Recent work using Electron Spin Resonance indicates that 

much of the copper associated with RuBP carboxylase from 

spinach occurs as spin-coupled pairs implying that the 

copper is bound in a fixed configuration by the enzyme 
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(Daley 1979). This along with the small amount of copper 

per mole of enzyme suggests that there may exist two popula

tions of enzyme, one with and the other without bound 

copper, and might serve to explain the oxygenase function 

of the enzyme, as discussed below. This finding may 

rekindle the debate over the presence of copper in the 

enzyme, and its possible role in the oxygenase. It appears 

that with the exception of magnesium ion, metals are 

unnecessary for the activity of the carboxylase function of 

the enzyme. 

Photorespiration 

It has long been known that oxygen causes a substan

tial inhibition of photosynthesis, even though the 

majority of oxygen in the atmosphere is of photosynthetic 

origin. Warberg first reported the depression of photo

synthesis by oxygen in algae in 1920, and McAlister and 

Myers (1940) subsequently demonstrated -this same effect in 

wheat. Molecular oxygen depressed both net CC>2 uptake and 

oxygen evolution, and the phenomenon became known as the 

Warberg effect. Oxygen inhibition of CC>2 uptake is greatest 

at low levels of CC^, and can be overcome by raising the 

CC>2 concentration. Warberg (1920) suggested that O2 may 

be reoxidizing a primary photochemical reductant and hence 

competing with C02 for available reducing power. Ellyard 

and Gibbs (1969) demonstrated that this is not the case, as 
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the generation of reducing power is unaffected by oxygen. 

They concluded that for most environmental conditions, the 

generation of reducing power would not be rate limiting. 

In a publication that evoked the ire of many of the workers 

in the field, Decker (.1955) noted a rapid postillumination 

efflux of CC>2 from green leaves, and concluded that 

respiration rates were much faster in the light than in the 

dark. From estimation of the rate of respiration during 

illumination (as calculated from the magnitude of the post-

illumination burst) he concluded that most photosynthetic 

C02 fixation in a plant is immediately cancelled by photo 

induced respiration (Decker 1957). These findings were 

eventually confirmed by Krotkov and coworkers, who, after 

noting that increasing oxygen concentrations increased the 

size of the postillumination C02 release, introduced the 

term photorespiration CTregunna, Krotkov, and Nelson 1961, 

1966). In addition to stimulating photorespiration, oxygen 

also caused a depression of photosynthesis (Forrester, 

Krotkov, and Nelson 1966). A key finding in the study of 

photorespiration was the observation that increases in 

oxygen concentration increased glycolate formation (Gibbs 

1970). Glycolate had previously been recognized as a 

product of photosynthesis which was excreted into the media 

14 
by chloroplasts (Jensen and Bassham 1966). Further, C 

labeled glycolate was not metabolized by chloroplasts 



Thompson and Whittingham 1967), but was metabolised by the 

peroxisome (Tolbert et al. 1969). 

RuBP Oxygenase 

The currently accepted explanation of photorespira-

tion is based on the work of Ogren and Bowes (1971) who 

reported an oxygenase function present in preparations of 

soybean RuBP carboxylase. The reaction they reported can 

be written: 

RuBP + 02 *• PGA + phosphoglycolate. 

The phosphoglycolate is then converted to glycolate by 

phosphoglycolate phosphatase present in the chloroplast 

(Bahr and Jensen 1974a), and serves as the substrate for 

photorespiration. The oxygenase function of the enzyme was 

confirmed by Andrews, Lorimer, and Tolbert (1973) who 

isolated spinach carboxylase by DEAE cellulose chromatography 

followed by sucrose density centrifugation, and found an 

oxygenase activity which co-purified with the carboxylase 

activity. Repeated crystallization of the enzyme did not 

change the carboxylase to oxygenase ratio nor the staining 

pattern of the enzyme after SDS gel electrophoresis 

(Badger and Lorimer 1976). Further, effectors which 

increased the activity of the carboxylase also increased 

the activity of the oxygenase, such that the ratio between 

the two activities remained constant (Chollet and Anderson 

1976). C02 has been shown to be a competitive inhibitor 
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of the oxygenase as 02 has of the carboxylase (Bahr and 

Jensen 1974a, Bowes and Ogren 1972). Further, the K for 
m 

02 or CC>2 was nearly equal to the values for C02 or 02 

respectively (Badger and Andrews 1974; Laing, Ogren, and 

Hageman 1974). 

There have been reports of conditions which had 

differential effects on the oxygenase and carboxylase. 

Increasing temperature (after correction for differences 

in solubilities of the two gasses as a function of tempera^-

ture) appeared to favor the oxygenase activity of the enzyme 

(Laing, Ogren, and Hageman 1975; Badger and Andrews 1974). 

It also favored increased photorespiration, as measured 

by changes in the compensation point (the C02 concentration 

at which C02 uptake is the same as C02 evolution) of 

detached leaves (Zelitch 1966). The pH optima of the 

carboxylase and oxygenase differ by as much as 0.2 to 0.3 

pH units (Andrews, Badger, and Lorimer 1975; Bahr and 

Jensen 1974a). Recent work by Wildner and Henkel (1978) 

2+ 
showed that removal of Mg ions by exclusion chromatography, 

2+ 
and their subsequent replacement by Mn resulted in loss 

of the carboxylase but not oxygenase function of the 

enzyme. 

There has been a report of a supposed separation of 

the oxygenase and carboxylase functions of the RuBP 

carboxylase from parsley (Branden 1978). Other workers, 

however, were unable to duplicate this result (McCurry 



et al. 1978). If future work reveals that the two functions 

do indeed reside on the same enzyme, and that copper is not 

essential to the oxygenase activity, RuBP carboxylase/ 

oxygenase will be the first example of an oxygenase which 

has neither a metal ion, nor a resonance stabilized 

prosthetic group (Vanneste and Zuberbuhler 1974). 

Active Site Studies 

There has been a recent surge of effort directed 

toward identifying and characterizing the active site of 

RuBP carboxylase. There is agreement, based on inhibitor 

studies, that the active site contains an arginine and a 

lysine residue. Inhibitors which are thought to act by 

reacting with lysine in the active site include cyanate 

(Chollet and Anderson 1978), N-bromoacetylethanolamine 

phosphate (Schloss, Stringer, and Hartman 1978), 3-bromo-

1,4-dihydroxy-2-butanone 1,4-bisphosphate (Stringer and 

Hartman 1978), and pyridoxal 5-phosphate (Whitman and 

Tabita 1978, Paech and Tolbert 1978). Arginine specific 

reagents which inhibit the carboxylase include 2,3-

butanedione (Lawlis and McFadden 1978, Chollet 1978) and 

phenylglyoxal (Schloss, Norton, et al. 1978). Stringer 

and Hartman (1978) used 3-bromo-l,4-dihydroxy-2-butanone 

1,4-bisphosphate to identify the peptic digest fragment of 

the carboxylase which contained the active site. They 

found two labeled fragments. The lysine in one of these 



fragments also became labeled upon incubation of the native 

enzyme with N-bromoacetylethanolamine phosphate (Schloss, 

Stringer, and Hartman 1978). This same fragment also 

contained an arginine eight residues removed from the 

reactive lysine. The carboxylase was protected from these 

lysine specific reagents by the presence of RuBP or RuBP 

analogues. Paech and Tolbert (1978) concluded that 

pyridoxal 5-phosphate reacted with lysine residues in each 

of the eight active sites per molecule. They also found 

that all the lysine residues reacting with this reagent 

were located on the large subunit. RuBP protected the 

carboxylase against inactivation by the arginine specific 

reagent, phenylglyoxal, by preventing reaction at one of 

the five arginyl residues per protomer which normally react 

(Schloss, Norton, et al. 1978). They noted that the 

stoichiometry between phenylglyoxal and arginyl modification 

was two to one, and concluded that inactivation was pre

vented by protection of a small number of the total arginyl 

residues per protomer present in spinach carboxylase. 

RuBP also protected the carboxylase against inactivation 

by 2,3-butanedione (Chollet 1978). 

Activation of RuBP Carboxylase 

The first report of activation of the carboxylase 

was made by Pon, Rabin, and Calvin (196 3), who showed that 

2+ 
incubation of the enzyme with bicarbonate and Mg resulted 
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in increased rates of catalysis upon addition of RuBP. Of 

2+ 
the several divalent metal ions they tested, only Mg 

induced the enzyme to activate. They also showed that 

incubation of the enzyme first with RuBP decreased its 

activity. Chu and Bassham (1973, 1974) demonstrated that 

enzyme activation could be increased by inclusion of 

gluconate-6-P, NADPH, fructose bisphosphate, or PGA in the 

incubation mixture. This increased activation was dependent 

upon the order of addition. If these activators were added 

previous to RuBP, increased rates of CO2 incorporation were 

observed. If they were added after, or simultaneously 

with RuBP, they either had no effect, or were inhibitory. 

Gluconate-6-P and fructose bisphosphate activated the enzyme 

at low concentrations, but became inhibitory in higher 

amounts. These findings were confirmed by other workers 

(Tabita and McFadden 1972, Chollet and Anderson 1976). 

Various workers studying the kinetics of the 

carboxylase pointed out that the observed Km(C02) was at 

least an order of magnitude too high to account for the 

observed rates of photosynthesis by leaves in air. These 

reports are summarized in a review by Walker (1973). In 

1974, a low Km form of the carboxylase in freshly lysed 

chloroplasts was reported (Bahr and Jensen 1974c). This 

form of the enzyme had sufficient activity to account for 

photosynthesis in chloroplasts both at high and low 

bicarbonate concentrations. These findings were confirmed 



by Badger and Andrews (1974) who studied the competitive 

binding of C02 and O2 to this low Km form of the enzyme. 

Lorimer, Badger, and Andrews (1976) separated the kinetics 

of the activation process from those of the catalytic 

reaction. They found that the enzyme responded to C02 and 

2+ . 
Mg in two separate ways. First, it reacted with C02 and 

2+ 
Mg to become activated. Second, it catalyzed the 

2+ 
reaction of C02 and RuBP, with Mg acting as a cofactor. 

Previous to this time, kinetic studies had generally been 

conducted by preincubation of the enzyme at the C02 and 

2+ 
Mg concentrations to be used in the subsequent fixation 

reaction (Sugiyama, Nakayama, and Akazawa, 1968a; Lyttleton 

1973). Thus when the reactions were initiated by addition 

of RuBP, differing amounts of activated enzyme were 

present, resulting in non Michaelis-Menton kinetics and 

erroneously high values for the Km(c02) (Buchannan and 

Schurmann 1973a, 1973b). 

Lorimer et al. (1976) also presented evidence that 

the activating C02 is not available to participate in the 

catalytic reaction, and that C02 (not HCO^") is the species 

involved in both activation and catalysis. They proposed 

that activation resulted from carbamate formation 

involving a lysine residue in the activator site which 

2+ 
was further stabilized by the presence of Mg . Increases 

in activation by effectors (usually sugar phosphates) were 

postulated to result from modification of the pK of the 
cl 



16 

lysine group involved in carbamate formation. This model, 

which treated both activation and catalysis as distinct 

processes, provided an explanation for several earlier 

conflicting reports (Lyttleton 1973; Sugiyama, Nakayama, 

and Akazawa 1968a, 1968b; Siegel et al. 1972). 

There are two direct lines of evidence for a C02 

activation site separate from the catalytic site. 

Miziorko (1979) activated RuBP carboxylase in labeled C02, 

then filled the active site with the transition state 

analogue, carboxyribitol bisphosphate (CRBP), which 

presumably occupied both the RuBP and C02 substrate sites. 

14 2+ 
This enzyme- C02~Mg -CRBP complex was stable to exclusion 

chromatography, indicating tight binding of the labeled 

CC>2 at a location different from the C02 substrate site. 

Additional evidence came from the work of Lorimer (1979), 

who activated spinach carboxylase in the presence of 

labeled C02, then diluted it into media containing a large 

excess of unlabeled C02 and enough RuBP to allow the enzyme 

to catalyze several carboxylations. Subsequent separation 

by gel filtration revealed that the enzyme was labeled with 

C02 whose specific activity was much greater than that of 

the reaction mixture. If the activating CC>2 were involved 

in catalysis, several turnovers should have reduced its 

specific activity to near that of the media. 
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Physiological .Conditions 

The conditions under which the enzyme functions in 

the leaf are quite different from those usually employed for 

the study of enzyme activities. The concentration of active 

sites in the chloroplast is approximately 4 mM. This is 

only slightly lower than the steady state concentration of 

the substrate RuBP. There is some debate over the actual 

C02 and 02 concentrations in the chloroplast, but they 

probably approximate those of water in equilibrium with air. 

2+ 
The concentration of Mg varies from dark to light, as does 

2+ 
the pH. In the dark Mg concentration is approximately 

3 mM and in the light it approaches 10 mM (Portis and Heldt 

1976). In the dark the pH of the stroma is between 6.5 and 

7.0, and upon illumination it increases to as high as 8.8 

(Werden, Heldt, and Milovancev 1975). 

It is evident that an understanding of activation 

and catalysis as separate processes is basic to an 

understanding of the kinetics of RuBP carboxylase/oxygenase. 

The interaction of sugar phosphate effectors (especially 

chloroplast metabolites) with C©2 fixation must be under

stood in order to relate the kinetics of the isolated 

enzyme to photosynthesis in a leaf. Chapter 2 of this work 

is a study of carboxylase activation as influenced by 

2+ 
CC^, Mg , pH, and effector molecules, including both 

metabolites and compounds not usually associated with the 

chloroplast. Chapter 3 is a study of the structure of 
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molecules which affect the activity of the carboxylase, and 

Chapter 4 is a study of the relationship existing between 

the carboxylase and oxygenase functions of the enzyme. 



CHAPTER 2 

FACTORS INFLUENCING ACTIVITY OF RuBP CARBOXYLASE 

Introduction 

Ribulose bisphosphate carboxylase/oxygenase catalyzes 

the carboxylation (Weissbach et al. 1956) and oxygenation 

(Bowes, Ogren, and Hageman 1971) of RuBP. The first 

reaction gives two molecules of PGA and the second gives 

one of PGA and one of phosphoglycolate. Both reactions 

have a large negative free energy under conditions of steady 

state photosynthesis and are rate limiting in the Calvin 

cycle or in photorespiration respectively (Bassham and 

Krause 1969). The activity of the enzyme is regulated in 

2+ 
a complex manner by CO2, Mg , and pH (Lorimer et al. 

1976) . 

Several compounds endogenous to the chloroplast 

change the response of the enzyme to these factors (Chu 

and Bassham 1973, 1974, 1975; Lendzian 1978). Increasing 

pH increases the activation of the spinach enzyme. The pH 

optimum for catalysis is in the broad range of 8.0 to 8.4, 

while the optimum for activation is higher than 9.2 (Badger 

1976). 

Chemical cross linking and circular dichroism 

studies indicate that a conformational change occurs upon 

19 
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activation with CC>2 (Grebanier, Champagne, and Roy 1978). 

Miziorko (1979) and Lorimer (1979) have presented evidence 

for distinct CO2 activator and CO2 substrate sites. NMR 

studies indicate the C02 binding for activation occurs 

through carbamate formation (O'Leary, Jaworski, and Hartman 

1979), confirming the previous suggestion of Lorimer et al. 

(1976). 

It is now well established that several chloroplast 

metabolites affect the carboxylase. This chapter examines 

the action of these metabolites as well as other non-

metabolites as they separately influence either the 

activation or catalytic functions of the enzyme. Activation 

refers to the reaction 

2+ 2+ 
Enzyme + CC>2 Enzyme-C02 + Mg Enzyme-C02~Mg , 

and catalysis refers to the reaction 

2+ 2+ 
Enzyme-C02~Mg + C02 + RuBP —* Enzyme-C02~Mg + PGA 

+ PGA. 

Several effectors change the affinity of the enzyme for C02 

2+ 
and Mg during the activation process, as well as the pH 

optimum for activation. Some of these effectors also 

exhibit competitive inhibition of the enzyme with respect 

to RuBP during catalysis, but none change the affinity of 

the catalytic site for C02. 



Methods 

Isolation of Tobacco Carboxylase 

Tobacco carboxylase was isolated from Nicotiana 

tabacum by the procedure of Lowe (1977) . The enzyme was 

recrystallized three times and stored in 25 mM TRIS, pH 7.4, 

0.5 mM EDTA, and 0.02% sodium azide. Before use, the 

crystals were collected by centrifugation, washed three 

times in 50 mM Bicine, pH 8.0, and 1 mM DTE, dissolved by 

addition of NaCl to make 15 mM. The specific activity of 

the freshly isolated enzyme varied between 0.3 and 0.5 

^mole CC>2 fixed (mg protein «min) Storage of the enzyme 

below 25°C caused a reversible decrease in the specific 

activity. The original specific activity was restored by 

heating the enzyme at 50°C for 20 min as described by Singh 

and Wildman (1974). Protein was measured by the method of 

Kawashima and Wildman (1971). 

Isolation of Spinach Carboxylase 

Spinach RuBP carboxylase was isolated from Spinacia 

oleracea L., var. Viroflay by the method of Johal and 

Borque (1979). The crystals were collected by centrifuga

tion and stored in a solution containing 16% polyethylene 

glycol 6000 (Fischer Scientific Co.) and 10 mM sodium 

azide. Before use, the crystals were collected by 

centrifugation and dissolved in 25 mM Bicine, pH 8.0. The 

protein concentration was determined from the- absorbance at 
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280 nM using the extinction coefficient from Paulsen and 

Lane (1966). The specific activity was 0.7 to 0.9 iimole 

CO2 fixed (mg protein-min) 

Isolation of Wheat Carboxylase 

Wheat RuBP carboxylase was isolated from Triticum 

aestivum var. Mexicali Durum by the procedure of Hall and 

Tolbert (1978). Before use, the precipitate was collected 

by centrifugation and redissolved in 25 mM Bicine, pH 8.0. 

The specific activity of the purified protein was 0.75 

(imole C02 fixed (mg protein-min) . 

Spinach Chloroplast Lysate 

Spinach chloroplasts were isolated from Spinacia 

oleracea L. var. Viroflay as described in the Methods 

section of Chapter 6. Chloroplast envelope integrity, 

determined as described in Methods of Chapter 6, was greater 

than 90%. In these chloroplasts, the weight ratio of RuBP 

carboxylase to chlorophyll was determined to be 5.0 

(Sicher 1979). Chloroplasts to be lysed were collected 

by centrifugation and resuspended in distilled water. 

Lysis, due to osmotic shock, was complete within 1 s. 

Chloroplast debris was removed by centrifugation. The 

supernate contained over 95% of the RuBP carboxylase 

activity. The activity of the carboxylase in the lysate 

varied between 5 and 10 nmole C02 fixed (mg chl*min)~^. 
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CO2 Free Buffers 

Air used in these preparations was scrubbed of C02 

by passage through a 450 mm by 26 mm Ascarite (A. H. Thomas 

Co.) packed column. Water used was purged of CO2 by passing 

a stream of C02 free air through a volume of 100 ml at a 

rate of approximately 140 ml min 1 for at least 30 min. 

All buffers were made in C02 free-water and neutralized to 

the desired pH with low carbonate NaOH (Dilut-it, Baker 

Chem Co.). In experiments where it was necessary to 

accurately know the absolute C02 concentration, buffers 

were further freed of C02 by boiling in a reflux apparatus 

for 30 min. During both the refluxing and subsequent cool

ing period, C02 free air was bubbled through the buffer at 

a rate of 140 ml (min-25 ml buffer) This procedure did 

not alter the pH of the solution and served to effectively 

reduce C02 levels to less than 0.2 p,M, based on addition of 

14 -1 
Na CO^ [0.5 p,Ci (p,mole) j. Reactions were carried out in 

stoppered serum vials. 

RuBP Measurement 

RuBP was measured by the method of Sicher and Jensen 

(1979). RuBP (10 to 1000 nmole) was added to assay media 

containing 25 mM Bicine, pH 8.0, 5 mM MgCl2, 0.6 mM 

dichlorophenol indolphenol (DCPIP) , 4 p.M Carbonylcyanide 

14 
m-chlorophenylhydrazone (CCCP) , and 10 mM NaH C03 (5.2 p,Ci 

tunole ^) . The mixture was shaken as soon as possible after 
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addition of the RuBP containing material to insure inhibi

tion of further RuBP synthesis. Activated tobacco RuBP 

carboxylase (1 mg) was added, and the reaction allowed to 

go to completion (60 min at 25°C). HC1 (0.5 ml, 1 N) was 

added, the vial heated to dryness at 90°C and the acid 

stable radioactivity determined by scintillation counting. 

RuBP Synthesis 

Two methods were employed to synthesize RuBP. 

RuBP to be used shortly after its generation (and pre

sumably free of non-enzymatic breakdown products) was 

synthesized in 420 (il containing 25 mM Bicine, pH 8.0, 

1.2 mM DTE, 6 mM MgC^, 5.2 mM Ribulose-5-P, 6 mM ATP, 

1 mM NaHCO^, and 200 units of ribulose-5-P kinase. RuBP 

generated by this procedure was used within three min after 

starting the synthetic reaction. RuBP used in all other 

applications was synthesized as described by Bahr and 

Jensen (1978). 

Calculation of CO2 Concentrations 

The constants used to calculate the CO2 concentra

tion as a function of pH and total carbonate species 

present were taken from Gibbons and Edsall (1963) corrected 

for ionic strength. The values used were 6,23 and 9.97 

for pK^ and pK2 respectively. 



Activation of RuBP Carboxylase 

The carboxylase was activated by incubation at 25°C 

for 10 min in 50 mM Bicine, pH 8.0, 1 mM DTE, 16.5 |iM C02 

(1 mM NaHCO^), 5 mM MgCl2r and effector as indicated in 

the figure legends. The rate of fixation was measured by 

adding 20 p,l of this mixture to 480 [il of 50 mM Bicine, 

pH 8.0, 1 mM DTE, 16.5 ixM 14C02, 5 mM MgCl2, and 0.6 mM 

RuBP maintained at 25°C in a glass vial. This 25 fold 

dilution reduces the concentration of effector such that it 

does not influence catalysis. The reaction was terminated 

in 30 s by addition of 0.5 ml of IN HCl. The vial was 

heated to dryness at 90°C and the acid stable radio

activity determined by scintillation counting. Reaction 

rates were linear for 30 to 60 s. 

Chlorophyll Measurement 

Chlorophyll was determined by the method of Vernon 

(1960) . Chloroplasts (.10 to 100 IJ.1) were added to 5 ml 

of 80:20 acetone:water and centrifuged to remove particu

lates. The chlorophyll absorbance at 649 and 663 nm was 

measured and the concentration calculated from the following 

equation: 

Chlorophyll (mg l"1) = 17.72(A64g) + 6.45CA663). 



Results 

Several compounds are known to influence the 

activity of RuBP carboxylase. A search for others based 

on structural similarities to known effectors was under

taken and more than twenty previously unreported effectors 

were encountered. These compounds are marked with an 

asterisk in Table 1. Using purified tobacco RuBP 

carboxylase, the effects by these compounds have been 

separated into effects on activation of the enzyme, and 

effects on the catalytic event. 

Classification of Carboxylase 
Effectors 

Compounds which affect the carboxylase fell into 

three general groups (Table 1). Group one compounds 

increased and group two compounds inhibited activation. 

The effect on catalysis by members of these two groups 

varied from slight to very strong inhibition. Group three 

compounds did not affect the activation of the carboxylase, 

but interfered with the catalysis of C02 fixation. 

Figures 1 and 2 illustrate effects of several group one 

compounds. All of these compounds increased enzyme activa

tion, but differed in their effect on catalysis. This was 

reflected in the resultant, where the effector was present 

both during activation and catalysis. The resultant 

resembles some non-linear combination of the effects on 

activation and catalysis. Illustrated in Figure 1 are 
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Table 1. The Influence of Effectors on Tobacco RuBP 
Carboxylase — The experimental procedure is 
given in Figure 1. 

Group 

Concen
tration 

% of Control 

Effector mM b c d e 

AMP 1 125 * 

Chromotrophate 1 132 77 108 * 

Cis-aconitate 1 158 92 139 • 
Citrate 2 233 96 201 * 

Cyclopentane 
tetracarboxylate 2 162 77 96 * 

Ethylene bisphosphonate 2 171 93 141 * 

Fructose bisphosphate 1 139 71 90 
Gluconate-6-P 0.2 213 29 151 
Glucose bisphosphate 0.5 119 84 105 
Hemimellitate 2 228 95 171 * 

Hydroxymalonate 2 242 100 237 * 

Isocitrate 2 323 80 242 * 

D-Malate 2 160 100 154 * 

L-Malate 2 145 96 133 * 

Mellitate 2 115 67 71 * 

NADPH 1 223 96 186 
2-PGA 2 178 56 152 * 

3-PGA 2 153 62 135 
P-glycolate 1 139 75 115 
Phosphate 6 131 — — 

Phosphonoacetate 2 122 90 115 * 

Phosphonobutyrate 3 122 84 91 * 

Phosphonopropionate 1 188 62 153 * 

Propylene bisphosphonate 1 135 79 163 * 

Saccharate 2 191 88 187 * 

D-Tartrate 2 168 86 149 * 

L-Tartrate 2 134 53 116 * 

Meso Tartrate 2 116 86 112 * 

Fructose-6-P 2 51 76 45 
Glucose-6-P 2 52 81 47 
Pyridoxal-5-P 0.5 26 86 23 
Pyrophosphate 1 52 96 55 * 

Ribose-5-P 2 38 92 34 

2,3-BisPGA 2 92 28 22 * 

One 

Two 

Three 

The activity of the control to these experiments 
varied between 40 and 60 nmoles C07 fixed (mg protein* 
min)"1. 
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Table 1.—Continued 

^Effector present only during the activating 
process. 

cEffector present only during catalysis. 
J 
Effector present during both activation and 

catalysis (resultant). 

ePreviously unreported effectors of RuBP 
carboxylase. 



Figure 1. Effects on Tobacco RuBP Carboxylase by 
Hydroxymalonate, Saccharate, Citrate, and 
Tartrate 

Activation: RuBP carboxylase (0.1 mg) was incubated 
for 10 min in 100 p.1 containing 25 mM Bicine, pH 8.0, 5 mM 
MgCl2/ 1 mM NaH-^CC^ (5.2 p.Ci nmole*"!) and effector as 
explained below. Catalysis: 20 p.1 of the activation media 
were diluted into 480 p.1 of media containing 25 mM Bicine, 
pH 8.0, 5 mM MgC^/ 1 mM NaH^CO^ (52 p.Ci p.mole~^) and 
effector as explained below. After 30 s, CO2 fixation was 
terminated by addition of 0.5 ml of 1 N HC1. 

The effects on activation (o) were determined by 
having the effector (at the indicated concentration) present 
only during the 10 min activation period. The 25 fold 
dilution into the catalysis media was sufficient to 
eliminate the influence of effectors during the subsequent 
30 s catalytic period. 

The effects on catalysis (A) were determined by 
activating the enzyme in the absence of effector and having 
effector present (at the indicated concentration) in the 
catalysis media. 

The combine effect, or resultant (•), was determined 
by having effector present (at the indicated concentration) 
during both the activation and catalytic periods. 
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Figure 1. Effects on Tobacco RuBP Carboxylase by 
Hydroxymalonate, Saccharate, Citrate, and 
Tartrate 
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Figure 2. Effects on Tobacco RuBP Carboxylase by 
Phosphonopropionate, Propylene-1,3-
bisphosphonate, Chromotrophate, and Gluconate-
6-P — Expeirmental procedure is given in 
Figure 1. 
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group one compounds which have little effect on catalysis 

(hydrcxymalonate, citrate, tartrate, and saccharate). For 

these compounds, activation and resultant were very similar. 

Phosphonopropionate, propylene bisphosphonate, chromotro-

phate, and gluconate-6-P (Figure 2) affected both activation 

and catalysis, and for these group one compounds the 

resultant was a complex, concentration dependent curve. 

This is in agreement with previous work by Chu and Bassham 

(1974), and directly confirms the suggestion of Laing and 

Christeller (1976) who postulated differing effects on 

activation and catalysis. Of the compounds listed in 

Table 1 which increase carboxylase activity, isocitrate 

appears to induce the largest change. 

The effect on the carboxylase by inactivators 

(group two compounds) is illustrated in Figures 3 and 4a. 

These compounds inhibited activation and sometimes 

catalysis. The resultant closely followed the activation 

curve and was slightly below it. As shown in Figure 4b, 

the group three compound, 2,3-bisphosphoglycerate decreased 

catalysis with little effect on activation. Glycolate 

affected the enzyme in a similar manner (Sicher 1979). 

The inhibition of catalysis by members of groups one 

and two was the result of competition with RuBP, and could 

be overcome by increasing RuBP levels. Table 2 illustrates 

competitive inhibition by ribose-5-P, NADPH, and gluconate-

6-P with respect to RuBP. The effectors caused an increase 
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Figure 1. 
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Table 2. Inhibition of RuBP Carboxylase with Respect to 
RuBP by Ribose-5-P, NADPH, and Gluconate-6-P 

Activation: Tobacco carboxylase (1-5 mg) was 
incubated in 1050 p.1 of media containing 25 mM Bicine, 
pH 8.0, 5 mM MgCl2, 1 mM DTE, and 10 mM NaHCC^ for 10 min. 
Catalysis: 50 p.1 were added to 450 ^1 of media containing 
25 mM Bicine, pH 8.0, 5 mM MgCl2/ 1 mM DTE, 10 mM NaH^4C03 
(5.2 p,Ci nmole"^) and RuBP varied from 0.074 to 1.19 mM, 
with effector as indicated. Fixation of CO2 was stopped 
in 30 s by addition of 0.5 ml of 1 N HC1. The and Vmax 
values were determined by linear regression analysis of a 
plot of Rate-1 vs. (RuBP concentration) . 

vmax 
Cone. (RuBP) Ki nmole (mg 

Group Effector mM mM mM protein-min) 

— None — 0. 083 — 346 

2 Ribose-5-P 2 0.115 5.19 345 

1 NADPH 2 0.133 1.66 327 

1 Gluconate-6-P 0.2 0.227 0.02 348 



in the K (RuBP) with little perturbation of the V , a in iUcix 

condition characteristic of competitive inhibition. 

Effectors and the ^actCC02) 

The activation state of the enzyme is a function 

2+ 
of several factors including C02> Mg , and pH (.Andrews 

et al. 1975). This can be quantitatively represented by 

describing a Kact (Lawlis, Gordon, and McFadden 1978) 

2+ 
defined as that concentration of CO2 or Mg necessary to 

produce half maximal activation of the enzyme. The 

2+ 
Kaci_(C02) (at 5 mM Mg and pH 8.0) was measured in the 

presence of several effectors. Those which increase 

activation decrease the K t(CC^)(Table 3). The converse 

is true for effectors which increase the Kac-t^C02^* T^e 

activity at infinite CO- concentration (Am,v) was not db ItlaX 

greatly changed, indicating that at saturating C02r no 

change in activation would be observed upon addition of 

effector. The K ^CCC^) was a^so a function of the amount 

2+ 2+ 
of Mg present (Table 4). At low levels of Mg , 

effectors induced a large change in the Kact^C02^" As t^ie 

2+ 
Mg concentration was increased, less change was elicited 

by effectors. 

Effectors and the KactCMg^+) 

2+ In an analogous manner, the Kac^_ (Mg ) was 

dependent on the CO2 concentration, and was influenced by 

effectors (Table 5). Effectors which increased activation, 
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Table 3. The Effect of Chloroplast Metabolites on K_ ct<C02) 
and Maximal Activation of Tooacco RuBP Carboxylase 

Activation: Tobacco carboxylase (0.31 nig) was 
activated in 100 (il 25 mM Bicine, pH 8.0, 5 mM MgCl?, 
0.1 mM effector and NaHCOj for 10 min. Catalysis: 20 JJ.1 
samples were added to 480 ^1 of 25 mM Bicine, pH 8.0, 
5 mM MgCl2/ 12 mM NaH^COg (2.9 |iCi jj.mole--'-) and 0.6 mM 
RuBP. CC>2 fixation was stopped after 30 s with 1 N KC1. 
The amount of CC>2 required to give half maximal activation 
(K_ (CO?)) and the activation at infinite CO-? (A„=v) were 
determined from linear regression analysis of (ra?e^~l 
versus (CC>2 during activation) ~ . 

Group Effector 
Kact(C02) 

HM 
Amax _ i 

nmole (mg protein-min) 

None 43.3 0.30 

1 NADPK 7.4 0.31 

Gluconate-6-P 3.5 0.33 

2 Ribose-5-P 91.1 0.30 

Pyrophosphate 72.1 0.28 
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2+ 
Table 4. The Influence of Mg on the Kact(C0?) Tobacco 

RuBP Carboxylase in the Presence of Effectors 

The amount of C02 needed to give half maximum 
activation (Kact(C02)) was determined as in Table 2, with 
the indicated MgCl2 present during activation and 10 mM 
MgCl2 and 10 mM NaHr-^CO^ (2.5 M-Ci iimole"1) present during 
C02 fixation. 

MgC2 present 
during 

activation 
mM 

Kact(c02>' "M MgC2 present 
during 

activation 
mM 

No 
Effector 

Gluconate-6-P 
(0.1 mM) 

Ribose-5-P 
(0.35 mM) 

0.6 176 13.7 444 

1.2 107 10.0 289 

2.5 96.3 6.4 220 

5.0 41.3 5.0 135 

10.0 15.0 4.3 58.4 

50.0 13.9 3.5 13.5 
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Table 5. The Influence of CO2 on the K t(.Mg^+) of Tobacco 
RuBP Carboxylase in the Presence of Effectors 

2+ The amount of Mg needed to give half maximum 
activation (K t(Mg2+)) was determined as in Table 3, with 
the indicated CO2 present during activation, and 10 mM 
MgCl^ and 10 mM NaHCC>3 (2.5 y,ci (imole~-M present during 
C02 fixation. 

C09 present Kact^Mg2+^' a urxng 
activation No Gluconate-6-P Ribose-5-P 

(j.M Effector (0.1 mM) (0.35 mM) 

0.5 - 1.1 

1.0 - 1.0 

2 . 0  -  0 . 8  

5.0 2.9 0.6 3.4 

10 2.4 - 3.1 

50 1.3 - 1.9 

100 0.6 - 1.5 

413 - 0.3 1.2 

1650 a a a 

^ith 1650 iiM CC>2 (100 mM NaHC03) the Kact(Mg)2+ was 
less than 0.1 mM MgCl2/ irrespective of effector. 
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2+ 
increased the affinity of the enzyme for Mg during 

activation. The converse was true for effectors which 

decreased activation. At very high C02 concentrations, the 

2+ 
KactCMg ) changed very little in response to effectors. 

Effectors and the Km(-C02^ 

The Km(C°2) (for catalysis) was relatively unchanged 

by effectors which were present during activation (Table 6). 

The small change in Km(.C02) in the case of gluconate-6-P 

was probably due to insufficient dilution at the start of 

C02 fixation, which resulted in a slight competitive 

inhibition with respect to RuBP (as illustrated in Table 2). 

All the compounds in Table 6 caused a change in the maximum 

velocity (V__v) reflecting a change in the amount of active max 

enzyme available for catalysis. Simultaneous addition of 

two positive effectors produced an activation state about 

midway between that evoked by effectors added separately 

(Table 7). 

Effectors and pH for Activation 

The activation of the carboxylase in response to 

2+ 
CO2> Mg , and effectors was altered by pH. Figure 5 

illustrates the pH dependence of activation at three C02 

2+ 
concentrations. At constant Mg , higher levels of C02 

shifted the pH vs. activity curve toward lower pH values. 

2+ 
In a similar manner, higher levels of Mg at constant C02 

also shifted the activity curve toward lower pH values 
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Table 5. The Effect of Metabolites During Activation on the 
1^(002) for Catalysis with Partially Activated 
Tobacco RuBP Carboxylase 

Activation: RuBP carboxylase (0.22 mg) was incubated 
in 200 |j,l of 25 mM Bicine, pH 8.0, 5 mM MgCl2, 1 niM DTE, 
1 mM NaHCO^ (16 p,M C02) and effector as indicated for 10 
min. Catalysis: 20 nl of the activation media were added to 
480 nl of 25 mM Bicine, pH 8.0, 5 mM MgCl2/ 1 mM DTE, 
0.6 mM RuBP and varied NaH14CC>3 (5.15 |iCi liinole"1) . After 
30 s the reaction was stopped by addition of 0.5 |il in HCl. 
The Km for Vmax values were determined by linear regression 
of a plot of (rate)-l- vs. (C02 concentration)-1. 

Metabolite Km(C02) vmax _i 
Group effectors mM ixM ^mcle (mg protein*min) ~ 

— None — 16.9 0.15 

1 NADPH 0.5 16.2 0.37 

Gluconate-6-P 0.1 22.6 0.74 

2 Ribose-5-P 0.5 16.9 0.05 
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Table 7. Non Additive Effects on Activation by NADPH, 
Isocitrate, and Propylene Bisphosphate 

Activation: Tobacco carboxylase (0.11 mg) was 
incubated in 100 p,l of 25 mM Bicine, pH 8,0, 5 mM MgCl?, 
1 mM DTE, 1 mM NaHC03, and effector as indicated for 10 min. 
Catalysis: 20 nl were transferred to 480 [xl of media con
taining 25 mM Bicine, pH 8.0, 5 mM MgCl2/ 1 mM DTE, 0.6 mM 
RuBP, and 10 mM NaH-^COj (5.2 y,Ci M.mole~l) . Fixation of CO2 
was stopped in 30 s by the addition of 1 ml of 1 N HCl. 

Effector mM 
Rate 

(imole (mg protein«min)" 

None - 87.2 

NADPH 2 236.4 

Isocitrate 2 263.0 

Propylene Bisphosphate 2 181.9 

NADPH + Isocitrate 2 257.2 

NADPH + 
Propylene Bisphosphate 2 207.5 

Isocitrate + 
Propylene Bisphosphate 2 222.2 



Figure 5. Activation of Tobacco RuBP Carboxylase as 
Influenced by pH and CO2 

Activation: Carboxylase (0.33 mg) was incubated 
for 10 min in 100 IJ.1 containing 25 mM each MOPS, 
Tricine, and Bicine, pH as indicated, l mM DTE, 5 mM 
MgCl^, and NaH14C03 (5.2 p.Ci (imole--*-) to give 10 uM (A), 
20 p-M (o) , or 40 |iM (•) COn • Catalysis: 20 (il samples 
were added to 480 nl of 100 mM Bicine, pH 8.0, 1 mM DTE, 
5 mM MgCl2, 10 mM NaH14C03 (5.2 nCi nmole-1), and 0.6 mM 
RuBP. After 30 s, C02 fixation was stopped by addition 
of 0.5 ml of 1 N HC1. 
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8.0 
pH o f  Ac t iva t ion  

Figure 5. Activation of Tobacco RuBP Carboxylase as 
Influenced by pH and C02 
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2+ 
(Figure 6). Similar effects by Mg were reported by 

Lorimer et al. (1976) using purified spinach carboxylase. 

However, one difference was that the activation of tobacco 

carboxylase was almost saturated at 5 mM MgCl2, while the 

spinach enzyme required 20 MgCl2 or more. Figure 7 illus

trates the effect of pH on activation in response to 

effectors at 20 |J.M C02. Positive effectors (group one 

compounds) shifted the activity curve toward lower pH 

values while negative effectors shifted it toward higher 

ones. 

Effectors and the pH for Catalysis 

Figures 5, 6, and 7 demonstrate effects of pH on 

activation separate from effects on the catalytic process. 

When effects on the catalytic process were investigated 

(at 20 p,M C02) / the effectors (both positive and negative) 

lowered the rate of reaction by competitive inhibition at 

all pH values, without a shift in the pH optimum (Figure 8). 

Combined Effects on Activation and Catalysis 

Finally, the resultant of the effects on both 

activation and catalysis by the positive effector NADPH was 

investigated (Figure 9). As might be expected, the 

resultant effect resembled the sum of the effect on 

activation and the effect on catalysis. In the presence 

of NADPH, the resultant activity of the carboxylase was 



44 

£300 

• -

5mM 

1mM 

£ 1 0 0 -

01—: 

68 ao 9.2 

PH 

Figure 6. Activation of Tobacco RuBP Carboxylase as 
Influenced by Mg2+ and pH — Carboxylase CO-33 mg) 
was activated in buffer described in Figure 5 
containing 20 M-M CO^ and 1 (c) or 5 (o) mM MgCl2 
for 10 min. • Conditions for catalysis were 
described in Figure 5. 
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gluconate-S-P 

CL 

control 

ribose-5-P 

rvl fi— 

68 8.0 9.2 
PH 

Figure 7. Activation of Tobacco RuBP Carboxylase as 
Influenced by pH .and Effectors — Activating 
conditions were described in Fibure 5, using 
20 nM C02/ 1 MgCl2r and one of the following: 
0.1 mM gluconate-6-P (o), 1 mM riboss-6-P (A), 
or no additions (c) . The effect by NADPH (0.5 inM) 
was similar to that of gluconate-6-P (data not 
shown). Conditions for catalysis were described 
in Figure 5. 



Figure 8. Influence of Effectors and pH on Catalysis of 
CO2 Fixation by Tobacco RuBP Carboxylase 

Activation: RuSP carboxylase (0.33 mg) was incu
bated in 100 |il containing 2 mM Bicine, pH 8.0, 2.5 mM 
NaH^CC^ (5.2 ij.Ci nmole"^-) , 1 mM MgC^# and 1 mM DTE for 
10 min. Catalysis: 20 txl of the activating solution were 
added to 480 |j,l containing 25 mM each MOPS, Tricine, and 
Bicine, pH as indicated, 1 mM DTE, 5 mM MgCl^, 0.6 mM 
RuBP, enough NaĤ CO, (5.2 p.Ci p,mole~l) to gxve 20 |iM 
CO?, and one of the following: 2 mM NADPH (A), 1 mM 
ribose-5-P (o), or no additions (o). After 30 s, the 
reaction was stopped by addition of 0.5 ml of 1 N HC1. 
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Figure 8. Influence of Effectors and pH on Catalysis of 
CO2 Fixation by Tobacco RuBP Carboxylase 
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Figure 9. Influence of NADPH and pH on the Resultant of 
Both Activation and Catalysis of Tobacco RuBP 
Carboxylase — Carboxylase was activated as 
described in Figure 5, with 20 uM C02 in the 
presence (o) or absence (c) of 0.5 mil NADPH. 
Conditions for catalysis were'described in 
Figure 8, using 0.8 mM RuBP. 
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higher at all pH values, but the pH optimum was shifted 

toward lower pH values. 

Carboxylase Response to Phosphate 

The results presented to this point deal with the 

response of the isolated tobacco carboxylase. Table 8 

illustrates effects by group one compounds on the activation 

of crystalline spinach carboxylase, carboxylase present in 

spinach chloroplast lysate, or carboxylase present in intact 

spinach chloroplasts. The response of the crystalline 

spinach enzyme to group one and group two compounds was 

similar to that of the crystalline tobacco carboxylase. 

There was a difference in the magnitude of the response of 

spinach carboxylase to inorganic phosphate before and after 

purification. This difference is illustrated in Figure 10. 

In order to facilitate comparison, the activities are given 

as per cent of a control which contained no added phosphate. 

In the presence of 8 mM phosphate the activity of carboxylase 

in lysed spinach chloroplasts was 218% of the control, 

while the crystalline spinach carboxylase was only 136% of 

the control. The increase in activation in response to 

phosphate was about the same for the carboxylase isolated 

from tobacco, wheat, or spinach (Figure 11), Tobacco and 

spinach carboxylase were purified by crystallization, and 

the wheat carboxylase by column chromatography as indicated 

in Methods. Though they differed in specific activity, 
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Table 8. The Influence of Effectors on Activity of Spinach 
RuBP Carboxylase 

Effector mM b 

% of Control3 

c d 

Citrate 2 172 182 -

Phosphonoacetate 2 126 - 120 

Phosphonobutyrate 3 134 - 122 

Phosphonopropionate 2 180 172 159 

Tartrate 2 197 150 -

3-PGA 2 140 143 -

Phosphate 6 218 136 -

aThe control rate of C09 fixation was 87.2 nmole 
(mg protein-min)-1. 

Activity of RuBP carboxylase in spinach 
chloroplast lysate, procedure described in Figure 10. 

cActivity of crystalline spinach RuBP carboxylase, 
procedure described in Figure 10. 

Activity of RuBP carboxylase in intact spinach 
chloroplasts, procedure described in Figure 15. 



Figure 10. Comparison of the Response to Phosphate by 
Spinach RuBP Carboxylase Present in Chloroplast 
Lysate or Purified by Crystallization 

Reaction conditions were described in Figure 1, 
except that spinach RuBP carboxylase was used, and the 
NaH^COj contained 1.2 p,Ci ixmole"^-. Shaded symbols repre
sent the crystalline enzyme, and open ones the chloroplast 
lysate. In the absence of phosphate, the rate of CO? 
fixation was 0.96 y.mole (mg protein-min)""! by the isolated 
enzyme and enzyme in chloroplast lysate respectively. 
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Figure 10. Comparison of the Response to Phosphate by 
Spinach RuBP Carboxylase Present in Chloroplast 
Lysate or Purified by Crystallization 
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spinach 

wheat 

Phosphate, mM 

Figure 11. Comparison of the Response to Phosphate by 
Purified RuEP Carboxylase from Spinach, Wheat, 
and Tobacco — The procedure was described in 
Figure 1, except that 10 mM NaK14C03 (2 jiCi 
nmole"1) was present during C02 fixation. 
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phosphate at 8 mM increased the activity of the carboxylase 

from tobacco, wheat, and spinach by about the same amount 

(36%, 26%, and 29% respectively). 

Carboxylase Response to RuBP 

Isolated spinach carboxylase, and carboxylase 

present in spinach chloroplast lysate responded differently 

to RuBP. As illustrated in Figure 12, the activity of 

enzyme from either source decreased upon addition of RuBP. 

However, carboxylase present in chloroplast lysate regained 

activity after consumption of the RuBP was complete, while 

carboxylase purified by crystallization did not. The 

activity of the carboxylase in chloroplast lysate was 

calculated assuming 5 mg carboxylase (mg chl)-"1'. The 

difference in response by carboxylase from these two 

sources is further illustrated in Figure 13, where the 

ratio of RuBP added to RuBP binding sites was varied 

between 0 and 500 (assuming 8 binding sites per molecule) 

(Baker et al. 1975). The time necessary for consumption 

of the RuBP (data not shown), as well as the time required 

for recovery of activation, increased with increasing RuBP, 

but in every case the activity of the carboxylase from 

chloroplast lysate returned to a value close to that of 

the control. The isolated spinach carboxylase also 

decreased in activation upon exposure to RuBP, but failed 

to reactivate after the RuBP was consumed. The activity of 

the isolated carboxylase decreased to lower values with 



Figure 12. Comparison of the Response to RuBP by Spinach 
RuBP Carboxylase Present in Chloroplast Lysate 
or Purified by Crystallization 

RuBP carboxylase (0.16 mg) was activated in 1 ml 
solution containing 25 mM bicine, pH 8.0, 20 mM MgC^f 
10 mM NaHC03, and 1000 units of carbonic anhydrase. After 
12 min, 25 p,l of 15.4 mM RuBP were added. Enzyme activity 
was measured as described in Figure 1, using 20 mM MgCl2 
and 10 mM NaH^CO-j containing 1.1 nCi iimole"-'-. RuBP was 
measured as described in Methods by removing 50 p,l 
samples into 200 p.1 of assay media. The response of the 
chloroplast lysate is shown in A (assuming 5 mg carboxylase 
[mg chl]-1), and the crystaline enzyme in B. The activity 
of the control without added RuBP (•), the activity in the 
presence of RuBP (•), and the amount of RuBP present (A) 
are shown. 
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Figure 12. Comparison of the Response to RuBP by Spinach 
RuBP Carboxylase Present in Chloroplast Lysate 
or Purified by Crystallization 



Figure 13. Effect of Varied Amounts of RuBP on the Activity 
of Spinach RuBP Carboxylase Present in Chloro
plast Lysate or Purified by Crystallization 

The experimental procedure was described in Figure 
12. The ratio of RuBP to binding sites was 0 (o), 10 (•), 
50 (A), 100 (•), 250 (•), and 500 (A), assuming 5 mg 
carboxylase (mg chl)~^. In every case, RuBP was consumed 
within 15 min after addition (data not shown). The response 
of the chloroplast lysate is shown in A (assuming 5 mg 
carboxylase [mg chl]~l) and the crystalline enzyme in B. 
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Figure 13. Effect of Varied Amounts of RuBP on the Activity 
of Spinach RuBP Carboxylase Present in Chloro-
plast Lysate or Purified by Crystallization 
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increasing amounts of RuBP. Addition of chloroplast lysate 

to isolated carboxylase previously exposed to RuBP did not 

cause reactivation. 

McCurry and Tolbert (.1977) have shown that xylulose 

bisphosphate and xylitol bisphosphate, present in prepara

tions of RuBP due to non-enzymatic isomerizations, are 

potent inhibitors of the carboxylase, and suggested that 

inhibition attributed to RuBP (Pon et al. 1963; Chu and 

Bassham 1973, 1975) may be due to these inhibitors. It is 

possible that chloroplast lysate contains enzymes which 

metabolize these inhibitors, and allow the carboxylase to 

reactivate. However, addition of alkaline phosphatase 

(6 mg ml which should catalyze the cleavage of these 

inhibitors, did not change the activation of the isolated 

carboxylase. Inhibitor formation in RuBP preparations was 

relatively slow (1.25% of the RuBP isomerized per hour at 

pH 8.3 and 30°C) and increased at increasing temperature 

and pH such that little inhibitor is present in freshly 

synthesized RuBP (Paech et al. 1978). As illustrated in 

Figure 14, freshly synthesized RuBP CpH 8.0, 25°C, added 

three minutes after initiation of synthesis), strongly 

decreased the activity of isolated tobacco carboxylase. 

Addition of incomplete RuBP synthetic mixture did not affect 

the activity of the carboxylase. This suggests that RuBP, 

as well as its breakdown products, decrease carboxylase 

activity. 



Figure 14. Activity of Tobacco RuBP Carboxylase in Response 
to Freshly Synthesized RuBP 

RuBP carboxylase (1 mg ml~^) was activated as 
described in Figure 1, using 8.1 mM NaHCOj. RuBP synthesis 
was described in Methods. Fifteen min after the start of 
activation and 3 min after the start of RuBP synthesis, 
200 nl of RuBP synthesizing media were added to 800 p,l of 
activation media. Enzyme activity was measured by adding 
50 til of this mixture to 200 ul fixation media described in 
Figure 1 containing 10 mM NaH^-COg (10 |iCi |imole~l) . RuBP 
was measured as described in Methods by adding 50 ul of 
RuBP synthesizing media to 200 ul of assay media containing 
NaĤ COg with 0.5 (iCi p.mole~̂ . 
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Figure 14. Activity of Tobacco RuBP Carboxylase in Response 
to Freshly Synthesized RuBP 
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Effectors and Photosynthesis 

It is evident that there are conditions under which 

CO2 and RuBP are not limiting photosynthesis in the intact 

chloroplast (Sicher, Bahr, and Jensen 1979). Under these 

conditions, the activity of the RuBP carboxylase is probably 

the limiting factor. 

Phosphonopropionate (a PGA analogue) increased the 

activity of isolated RuBP carboxylase. It did not decrease 

the rate of PGA dependent NADP reduction by chloroplast 

lysate, nor did it serve as a substrate for this reduction. 

It was, however, a substrate for the phosphate translocator, 

and was readily taken up by chloroplasts (as discussed in 

Chapter 6, Figure 27, p. 136). As shown in Figure 15, 

phosphonopropionate increased carboxylase activity in 

isolated chloroplasts, while at the same time decreasing 

both CC>2 fixation and RuBP levels. It should be noted that 

this experiment was conducted using near saturating levels 

(160 (xM) of C02- With lower C02 concentrations, the change 

in activity of the carboxylase would have been larger. 

Discussion 

The primary objective of this study was to identify 

the factors affecting activation of RuBP carboxylase, and to 

separate them from effects on the catalytic event. It 

appears that the activation state of the carboxylase is 

2+ 
governed by C02 Mg , and pH by mechanisms distinct from 



Figure 15. Influence of Phosphonopropionate on Activation, 
Fixation, and RuBP Levels of Intact Spinach 
Chloroplasts 

Chloroplasts (1.1 mg chl) were suspended in 1.2 ml 
solution C containing 10 mM NaĤ -4CC>3 (0.5 (iCi timole--1-) in 
the presence (shaded symbols) or absence (open symbols) of 
0.5 mM phosphonopropionate and illuminated. Fixation was 
measured by removing 70 p,l aliquots into 0.5 ml 1 N HC1. 
RuBP and carboxylase activity were determined in a 
parallel sample containing NaHC03 in place of NaH^COg. 
RuBP was measured as described in Methods by removing 70 jj.1 
aliquots into 500 y.1 of assay media. Carboxylase activity 
was measured by removing 50 |j,l aliquots into 500 n,l of the 
fixation media described in Figure 1. 

I 
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Figure 15. Influence of Phosphonopropionate on Activation, 
Fixation, and RuBP Levels of Intact Spinach 
Chloroplasts 



catalysis. Evidence for this is six fold. First, the pH 

optimum is different for activation and catalysis (Lorimer 

et al. 1976). Second, inhibitor studies suggest two classes 

of binding sites (Chollet and Anderson 1978), Third, 

carboxylase whose active site is filled by carboxyribitol 

bisphosphate, also has a tightly bound C02 (Miziorko 1979). 

Fourth, enzyme activated in the presence of labeled C02 

retains the label after fixation in unlabeled C02 CLorimer 

2+ 
1979). Fifth, incubation with C02 and Mg is necessary 

for activation of the oxygenase activity (Andrews et al. 

1975). Sixth, as specifically shown in this work, various 

compounds affect the binding of C02 for activation but not 

for catalysis as shwon by differing effects on Kact^C02^ 

and K (CO.,) . 
m ^ 

2+ 
The enzyme*C02*Mg complex is the active enzyme 

form which combines with RuBP and either CO2 or 02 to 

catalyze the formation of glycerate-3-P and phosphoglycolate. 

The effectors in Table 1 influence the activity of the 

enzyme in a manner separate from their effect on catalysis. 

If group one effectors are present during incubation with 

2+ 
limiting C02 and Mg , the resultant activity is higher. 

If they are added at the start of the catalytic period, 

some inhibition may result. If they are present during 

both activation and catalysis, their effects are complex 

and depend on the relative strength with which they 

influence the two processes. Group two effectors decrease 
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enzyme activity. As with group one effectors, this change 

in activity is not necessarily related to any change in 

catalysis. Evidence concerning the number of effector 

binding sites on the enzyme is not definitive, but the fact 

that activation is not greater after simultaneous addition 

of saturating amounts of two activators than after addition 

of saturating amounts of a single activation suggests that 

there is only one type of binding site present. 

Mechanism of Activation 

The activation process wtih C02 apparently involves 

the formation of a carbamate (O'Leary et al. 1979). It has 

been suggested (Lorimer et al. 1976) that the effectors act 

by changing the pK of the amino group to which the a 

activating CC^ binds. The results presented in this work 

are consistent with a change in the pK of either the amino 
3. 

group or the resulting carbamino species. Effectors which 

activate shift the pH profile for activation toward lower 

pH values. Increasing C02 results in a similar shift 

2+ 
somewhat smaller in magnitude. Increasing Mg was shown 

to have a similar effect, confirming a previous report 

(Lorimer et al. 1976). These changes are reflected as 

2+ 
differences in the Kact(C02) and Kact(M9 )• The more 

2+ 
limiting the CO2 or Mg during activation, the greater the 

magnitude of the effector-induced shift in the pH profile. 

Effector inhibition of catalysis is not related to the 
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activation process. It is due to competitive inhibition 

at the RuBP binding site and can be overcome by increasing 

RuBP. 

Cautionary Note on Extrapolation from 
Enzyme to Leaf 

It must be noted that attempts to measure the 

k™(co-5) f°r the overall reaction where the C0o concentration m z 2 

is the same for both activation and catalysis yields data 

which do not follow simple Michaelis-Menten kinetics. This 

should be expected, as varying the C02 concentration during 

activation changes the amount of active enzyme. This 

superimposes on the kinetics of catalysis, changes in the 

relative amounts of enzyme participating in the reaction. 

Because of this effect, Michaelis-Menten kinetics are not 

strictly appropriate in describing the action of the 

carboxylase under physiological conditions in the leaf. 

Effects by Phosphate 

There are differences in the response of the 

isolated carboxylase and the carboxylase present in 

chloroplast lysate (or intact chloroplasts) to inorganic 

phosphate levels. These differences may be primary effects 

due to actual differences in the enzyme before and after 

isolation, or they may be secondary effects resulting from 

an interaction between phosphate and some component of the 

chloroplast milieu which in turn affects the carboxylase. 
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Effects by RuBP 

An analogous argument can be made for the response 

to RuBP by the isolated spinach carboxylase, and by the 

carboxylase present in spinach chloroplast lysate. The 

enzyme may, in some way be different after isolation, or 

there may exist in the chloroplast some set of factors which 

facilitate reactivation of the RuBP exposed enzyme. In 

either case, carboxylase activity decreases in the presence 

of excess RuBP. This decrease does not appear to be due to 

impurities present in the RuBP preparation, as freshly 

synthesized RuBP (supposedly free of impurities) is strongly 

inhibitory. Spinach leaves contain 80 to 100 nmoles RuBP 

(mg chl) ^ (Sicher et al, 1979) and 5 mg carboxylase (mg 

chl) The molecular weight of the spinach carboxylase 

is about 555000, and there are eight RuBP binding sites per 

molecule. Using these figures, one can calculate that in 

the spinach leaf, the steady state level .is 1.1 to 1.4 

RuBP molecules per binding site. The RuBP concentration in 

the experiment illustrated in Figure 13 is almost 500 times 

as large as normal RuBP concentrations in the leaf. 

Addition of low levels of RuBP to chloroplast lysate did 

not result in observable changes in carboxylase activity 

(data not shown), It is likely that RuBP carboxylase is 

not inhibited by RuBP in the chloroplast. A model for 

inactivation by RuBP has been proposed (Laing and 

Christeller 1976), where RuBP competes with CC^ for the 
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unactivated form of the enzyme, according to the following 

equation: 

2+ 
Enzyme - RuBP RuBP + Enzyme + C02 Enzyme - C0~ + Mg 

(inactive) (inactive) (inactive) 

2+ 
?=* Enzyme - CO 2 - Mg 

(active) 

Effectors and Chloroplasts 

It is likely that under some conditions carboxylase 

activity is limiting photosynthesis in leaves, such that an 

increase in enzyme activation would result in increased 

fixation. Attempts to increase CC^ fixation in isolated 

chloroplasts using the supposedly non-metabolized 

carboxylase activator, phosphonopropionate, were not 

successful, probably due to decreased RuBP levels caused 

by exchange of Calvin cycle intermediates for phosphono

propionate via the phosphate translocator. 

There is a distinct possibility that the activity 

of the carboxylase is regulated in the leaf by the presence 

of naturally occurring effectors such as NADPH, Upon 

illumination, several changes occur in the chloroplast 

2+ stroma. The concentration of NADPH and Mg , as well as 

the pH, increases. As shown in Figure 7 (control), 

activation of the carboxylase increases with increasing 

2+ 
pH over the physiological range. Furthermore, Mg 

augments this increase (Figure 6), but not as strongly as 

a positive effector such as NADPH (Figure 7). The changes 
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upon illumination -by each of these factors act in the same 

direction to produce the final result. In spinach leaves, 

NADPH levels have been estimated to be Q.6 mil during 

illumination (Krause and Heber 1976), and RuBP binding 

sites (and presumably also NADPH binding sites) have been 

estimated to be 4 mM CSicher et al. 1979). It appears that 

binding sites are present in excess. It may be that several 

positive effectors (group one compounds) present in the 

chloroplast work together to produce an increase in 

activation. 



CHAPTER 3 

THE STRUCTURE OP EFFECTORS 

Introduction 

The kinetic behavior of RuBP carboxylase can be 

explained by assuming the enzyme has at least three differ

ent types of binding sites. The first is the active or 

catalytic site. This site is thought to bind RuBP, CO2 or 

2+ 
02 r and perhaps Mg . The second site is the CO2 activator 

2+ 
site, which binds C02 and Mg . The C02 bound at this site 

functions only in activating the enzyme and is not available 

to react with RuBP (Lorimer 1979, Miziorko 1979). There has 

2+ 
been a suggestion that Mg binds only at this site and not 

2+ 
at the catalytic site, as the Km(Mg ) appears to be very 

low (Lawlis et al. 1978). The third site is the effector 

binding site. When this site is filled by an activator, 

the characteristics of the C02 activator site are modified, 

such that it has a lower affinity for H+, and a higher 

2+ 
affinity for C02 and Mg . It has been suggested (Lorimer 

et al. 1976) that activation of the carboxylase by C02 and 

2+ 
Mg results from the reaction of C02 with the unprotonated 

amino group of a lysine, to form a carbamate which is then 

2+ 
stabilized by the subsequent binding of Mg . The reaction 

is illustrated below. 
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H „+ 
„ 0 HO HO 

+ ^ H 1 II I II - 2+ 
* NH~ • ̂  N + C ==* ^ N-C-OH 5=s ^ N-C-0 + Mg 

0 

H 0 
I II _ 2+ 

5=5 % N-C-0 . . . Mg 

2+ 
The reaction is dependent upon CO2 and Mg concentration, 

as well as pH. In support of this model, its authors 

2+ 
demonstrated that a change in Mg concentration during 

activation resulted in a change in the pH response of 

activation. In Chapter 2, this demonstration was confirmed, 

and it was further shown that changing the CO2 concentra

tion also changed the pH response of activation, a result 

predicted by the above model. 

Direct evidence for carbamate formation came from 

the work of O'Leary et al. (1979) who demonstrated a change 

in the NMR spectrum of bacterial carboxylase upon addition 

13 
of C02* change was very similar to the one produced 

13 
by the binding of CO2 to the N terminal valine of 

myoglobin (Morrow et al. 1973) or to free amino acids 

(Morrow, Keim, and Gurd 1974). 

Evidence that a lysine residue is the site of the 

C02 binding for activation is largely circumstantial. 

Several bacterial RuBP carboxylases which respond typically 

to CO2 appear to have a blocked amino terminus (Schloss. 

et al. 1979, Moon and Thompson 1971) suggesting carbamate 

formation via an amino side chain. Morrow et al. (1974) 



failed to find evidence by NMR for adducts of C02 with 

sulfhydryl, imidazole, guanidino, or hydroxyl groups. 

The remaining common amino acid capable of carbamate forma 

tion is lysine. Chollet and Anderson (1978) found that 

cyanate inhibited the carboxylase from spinach by reacting 

with lysine residues on both the large and small subunits, 

and that CO2 reduced this inhibition by protecting several 

lysine residues on the large subunit. The positive 

effector NADPH, which alone did not reduce inhibition, 

increased the protection by C02. NADPH enhances binding 

of C02 at the activator site. The fact that it also 

enhanced protection of lysine residues by CC>2 suggests the 

presence of a lysine in the activator site. 

A suggestion has been made that effectors act by 

changing the pKa of a lysine residue participating in the 

activation process (Lorimer et al. 1976). The apparent 

pKa value for activation of the enzyme (based on the data 

in Figure 7) is 7.8 in the presence of an effector, and 8. 

in its absence. These values are far removed from the 

10.53 pK of lysine (Mahler and Cordes 1966). However, 
a 

there are two steps in the activation process which are pH 

dependent. The first, the ionization of the amino group, 

and the second, is ionization of the carbamino species 

formed by the addition of C02. Stadie and O'Brien (1936) 

investigated the carbamate equilibrium of various amino 

acids in aqueous solution and found that their pK& values 
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13 
were between 5 and 7. Using data from C NMR, Morrow 

et al. (1974) showed that 50% of all the lysine residues 

in sperm whale myoglobin had formed carbamino adducts at 

pH 9.25 (36 [iM C02) indicating that ionization of the 

carbamate pulled the deprotonation of the lysine toward 

more acidic pH values. 

Factors which influenced either the pK of the amino 
cL 

group or the pKa of the carbamino species would change the 

apparent pK of the overall process of carbomate formation. 
a 

This chapter is an examination of the structure of molecules 

which bind to RuBP carboxylase at the activator site and 

influence its activity, presumably by modifying one of the 

above mentioned pK values. c a 

Results 

Similarities Shared by Activators 

Table 9 lists compounds which were tested for effect 

on the activation of RuBP carboxylase from tobacco. The 

structures of those compounds which enhance activation are 

shown in Figure 16, and those which decrease activation are 

shown in Figure 17. Perusal of the structure of activators 

revealed, with one exception, certain common characteristics. 

These included two oxygen anions which usually occupy 

terminal positions on the molecule. The oxygen anion, 

along with the other molecules which make possible its 

anionic character, are referred to as a terminal group. 
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Table 9. Compounds Tested for Effect on Tobacco RuBP 
Carboxylase — Experimental procedure is given in 
Figure 1. Compounds which do not affect the 
carboxylase are listed in the group of effectors 
to which they bear the most resemblance. 

Effectors Non-Effectors 

Aconitate 
Citrate 
Cyclopentane tetra 
carboxylate 

Hemimellitate 
Hydroxymalonate 
Isocitrate 
Malate 
Mellitate 
Saccharate 
Tartrate 

Carboxylates 

Adipate 
Asparate 
Diglycolate 
Fumarate 
Glutamate 
Glutarate 
Glycolate 
a-Keto glutarate 

Sugars/Sugar Phosphates 

Maleate 
Malonate 
Oxalate 
Oxaloacetate 
m-Phthalate 
o-Phthalate 
Pyruvate 
Succinate 

Fructose bisphosphate 
Fructose-6-P 
Gluconate-6-P 
Glucose bisphosphate 
Glucose-6-P 
Phosphate 
2-Phosphoglycerate 
3-Phosphoglycerate 
Phosphoglycolate 
Pyrophosphate 
Ribose-5-P 
Ribulose bisphosphate 

AMP 
NADPH 

Ascorbate 
2,3-Bisphosphoglycerate 
Creatine-P 
Glycerol 
Inositol 
Ribulose-5-P 
Xyulose-5-P 

Nucleotides 

ADP 
ATP 
cAMP 

NAD 
NADH 
NADP 
Thymidine-PP i 

Ethylene bisphosphonate 
Phosphonoacetate 
Phosphonobutyrate 
Phosphonopropionate 
Propylene bisphosphonate 

Phosphonates 

Amino methyl phosphonate 

Sulfonates 

Chromotrophate Ethylene bissulfonatc 
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Figure 16. Structure of Compounds which Increase the 
Activation of Tobacco RuBP Carboxylase 
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Terminal groups present on activators include phosphate, 

phosphonate, sulfonate, and carboxylate. In all these 

examples, the central atom of the terminal group is bonded 

to two or more oxygen atoms, at least one of which is 

ionized at pH 8.0 (the pH at which the molecule functioned 

as an activator). The distance between the two terminal 

groups does not appear to be critical, as activators have 

terminal groups separated by zero (phosphate) to seven 

(gluconate-6-P) atoms. 

Activators with Carboxylate 
Terminal Groups 

When both terminal groups are carboxylates, there 

was also a hydroxyl or carboxyl attached to the chain 

separating them. The requirement for this group can be 

illustrated by considering analogues which differ only by 

its presence. Malonate, which lacks a hydroxyl did not 

activate, while hydroxymalonate was a strong activator. 

Neither succinate nor oxalacetate activated, but their 

hydroxy analogues malate, tartrate, citrate, and isocitrate 

were all activators. Phthalate and isophthalate were not 

activators, but mellitate, hemimellitate, cyclopentane 

tetracarboxylate and cis-aconitate (all of which have one 

or more carboxyl groups in addition to their two terminal 

groups) were activators. 



Activators with Sulfonate Terminal 
Groups 

Activators which have two sulfonates as their 

terminal groups also required a hydroxy1 group attached to 

the chain separating them. By way of illustration, 

chromotrophate actiavted, but ethylene bissulfonate did 

not. It is not known if a carboxyl group can successfully 

replace a hydroxyl group in this series of activators. 

Activators with Phosphate or Phosphonate 
Terminal Groups 

If one or both of the terminal groups is a 

phosphate or phosphonate, an additional hydroxyl or 

carboxyl group was not always necessary. Examples of 

activators not having an additional hydroxyl or carboxyl 

group include phosphonopropionate, phosphonobutyrate, 

phosphonoacetate, ethylene bisphosphonate, propylene 

bisphosphonate, and phosphoglycolate. Activators having a 

phosphate terminal group along with a hydroxyl include 

2 PGA and 3 PGA. 

Exception 

In the course of this study, only one compound was 

encountered which activated the carboxylase without having 

the structure of a typical activator. Incubation of tobacco 

carboxylase with 2 mM AMP (which lacks one anionic group) 

resulted in a 35% increase in activity. None of the other 



74 

nucleotides tested, including ATP, ADP, and cAMP increased 

carboxylase activity. 

Inhibitors of Activation 

Compounds which decrease carboxylase activity 

(Figure 17) do not share as many common characteristics, 

nor are there as many examples known. Some, such as 

ribose-5-P, fructose-6-P, glucose-6-P, and pyridoxal-5-P, 

have structures resembling activators, but lack one 

terminal group. This, however, was not the case for 

pyrophosphate and RuBP which appear to have characteristics 

common to activators. 

Discussion 

Chapter 2 reports a survey in which more than twenty 

previously unreported carboxylase effectors were encountered. 

Knowing the structure of these, along with those of the 

eleven previously known effectors allowed formulation of a 

theoretical set of structural requirements necessary to 

activate the carboxylase. 

Structural Requirements 

The site to which activators of the carboxylase 

bind does not appear to possess a large degree of 

stereospecificity. The presence of the proper groupings 

in an activator molecule appear to be more important than 

their exact orientation. Succinate is not an activator as 
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it lacks a necessary hydroxyl, but both D-malate and L-

malate are activators. Also D-tartrate, L-tartrate, and 

meso-tartrate are all activators. Each of these sets of 

sterioisomers cause activation, although they differ in 

their efficacy. Further, structures as diverse as 

phosphoglycolate, NADPH, and chromotrophate, which differ 

greatly in size and spacial orientation, enhance 

carboxylase activity. 

There are, however, some rather specific structural 

requirements for an activator of the carboxylase. The 

molecule must contain two anionic oxygen atoms, and either 

a hydroxyl or carboxyl containing side chain, or have 

phosphate or phosphonate as one of the terminal groups. It 

may be that one of the two hydroxyls bound to the 

phosphorous in the phosphate/phosphonate terminal groups 

is not ionized at the pH used, such that a hydroxyl is an 

integral part of the terminal group itself. Consideration 

of the pK_ values for the acid phosphonate effectors indi-
a 

cates that at pH 8.0, 25 to 50% of the molecules contain a 

mono protonized phosphonate group (Table 10).. 

One exception to the above requirements is AMP, 

which lacks one complete terminal group. Two preparations 

of AMP were used, one isolated from yeast, and the other 

from equine muscle. Both were obtained from Sigma Chemical 

Co., and the stated purity of both was 99%. If the 

remaining 1% were as strong an activator as gluconate-6-P, 
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Table 10. Approximate pKa Values of Some Acid Phosphonates 
— Solid acid phosphonate (1 gr) was dissolved 
in 10 ml of t^O. NaOH (1 N) was added at a 
constant rate, and the pH was recorded on a 
strip chart attached to a pH meter. The pKa 
values were taken as the inflection points of 
the resulting curves. 

Phosphonoacetate 

Phosphonobutyrate 

Phosphonopropionate 

pKa^ PKa2 Pk^3 

1.9 5.0 8.3 

2.3 4.7 8.1 

2.3 4.6 8.0 

enough of it would be present to account for the observed 

activation. This is, however, unlikely, and the activation 

by AMP remains unexplained. 

In the course of this work, three compounds (NADP, 

RuBP, and pyrophosphate) were encountered containing the 

postulated structure of an activator, which do not enhance 

activation. NADP, in fact, contains the same activating 

structure as the potent activator NADPH. Changes occurring 

in the nucleotide upon oxidation take place in a region of 

the molecule remote from that part containing the postulated 

activating structure. A possibility is that upon oxida

tion, NADPH undergoes some conformational change which 

prevents binding at the activator site. NADH undergoes 

a large conformational change upon oxidation (Sovago and 



Martin 1979). It is quite reasonable to assume that NADPH 

also change conformation upon oxidation. This may explain 

why NADPH is strongly activating, while NADP, which 

contains the same activating structure does not activate 

the carboxylase. There is also a change in the charge 

density and distribution upon oxidation of NADPH which may 

prevent binding of NADP to the protein. 

Inhibition by RuBP 

As mentioned earlier, both pyrophosphate and RuBP 

share structural similarities with activators. The fact 

that they influence carboxylase activity indicates that 

they are probably bound at the effector site. A recent 

study (Vater and Salnikow 1979) using a fluorescence probe 

indicates that there are two binding sites on the carboxylase 

for RuBP. One of these sites has a disassociation constant 

approximately equal to the Michaelis Constant for RuBP of 

about 50 (J.M. The second site has a disassociation constant 

of 0.6 |iM. Binding of the effectors gluconate-6-P and 

fructose bisphosphate to the carboxylase cause fluorescence 

changes that are quenched by RuBP present in concentrations 

of 1 p.M. This suggests that RuBP either binds at the 

effector site without causing a change in fluorescence, or 

in some way prevents the binding of effector molecules. 

RuBP has been shown to inactivate isolated RuBP carboxylase 

from tobacco (Pon et al. 1963; Chu and Bassham 1973, 1975), 
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as well as carboxylase in spinach chloroplast lysate 

(Chapter 2). However, the presence of high levels of RuBP 

in intact spinach chloroplasts probably does not result in 

permanent inactivation of the carboxylase (Sicher 1979), 

nor does it prevent the carboxylase from activating upon 

exposure to positive effectors. The interaction of RuBP 

with the RuBP carboxylase, especially in the chloroplast, 

is not understood at this time. 

Possible Mechanisms of Action 

According to the model set forth in the introduction 

to this chapter, effectors bind to the carboxylase in such a 

manner as to perturb the environment of the lysine in the 

C02 activation site. This could be accomplished by the 

introduction of a charge into a position where it influences 

the amino group or carbamino species. It would appear that 

the binding of an anion juxtaposed to the amino group should 

stabilize it protonation, hence raise the observed pK . s 

This is opposite to the effect produced by activators. 

Alternatively, the anionic groups may function only to 

position the activator such that its hydroxyl function 

interacts with species in the C02 activation site. This is 

unlikely for two reasons. First, there are large variations 

in the spatial relationships between the hydroxyl function 

of an activator, and its anionic terminal groups. Second, 

there is at least one class of effectors whose hydroxyl 



79 

function is replaced by an anionic carboxyl group. It is 

probable that the effector binding site is some distance 

from the activation site, and that binding of an activator 

induces a change in the environment of the activation site 

either through changes in the enzymes charge distribution 

or conformation. 

There are a large number of compounds with struc

tures which fit the requirements for activating the 

carboxylase, including several of the intermediates present 

in the chloroplast. The physiological significance of these 

compounds is still subject to considerable research. 



CHAPTER 4 

THE RATIO OF RuBP CARBOXYLASE AND RuBP OXYGENASE 

Introduction 

In many plants, the onset of illumination increases 

respiration rates (indicated by C02 evolution) up to five 

fold (Decker and Tio 1959). This phenomenon, called 

photorespiration, differs biochemically from normal dark 

respiration and is specifically associated with metabolites 

produced during photosynthesis. RuBP carboxylase, a key 

enzyme in photosynthesis, was shown to have an associated 

oxygenase function (Bowes and Ogren 1972, Andrews et al. 

1973). Later work indicated that it was the major, if not 

only, source of glycolate, the substrate for photorespira

tion (Laing et al. 1974). 

Molecular oxygen is a peculiar substrate. It was 

independently discovered by Scheele and Priestly about 200 

years ago, and the essential role it plays in life processes 

became well established during the nineteenth century. 

Diatomic oxygen has unique properties in various reactions. 

It contains two unpaired outer electrons with parallel 

spins in its ground state (Mulliken 1928). Reaction of 

oxygen with organic compounds is usually highly exothermic, 

and hence, irreversible. Given this high exothermicity, it 

80 
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is surprising that organic compounds can exist in an 

atmosphere containing oxygen. Molecular chlorine, which 

is about as exergonic as oxygen in its reactions with 

organic compounds, cannot coexist with most biological 

molecules at physiological temperatures. The single most 

important reason for the low reactivity of oxygen is its 

diradical (triplet) ground state. The stable reduction 

products of 02 (H2O2 and H70), as well as almost all stable 

organic molecules (including reactants and products of RuBP 

oxygenase) have their electrons paired, i.e., exist in a 

single ground state. The direct reaction of triplet and 

singlet molecules to give singlet products will not readily 

occur, because angular momentum must be conserved. The 

oxygen molecule has two singlet states with energies of 

22.5 and 37.5 Kcal mole 1 above the triplet ground state. 

The high energy necessary for activation accounts for the 

lack of reactivity of 02 at physiological temperatures. 

In general, oxygenases use one of two types of 

mechanisms. The first is to complex molecular oxygen to a 

transition metal which also has unpaired electrons. In the 

oxygen-metal complex, electron orbitals overlap and it 

becomes impossible to assign unpaired electrons to either 

the oxygen or the metal. This complex can then react with 

a singlet organic substrate to give singlet oxidized 

products, providing the number of unpaired electrons on 

the whole complex remains constant throughout the reaction. 
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In this mechanism, oxygen reacts as an ionic species. The 

second mechanism found in oxygenase enzymes is a free 

radical mechanism. The reaction of a triplet with a 

singlet to give two free radicals is a spin allov/ed process. 

The two unpaired spins originally on the oxygen are now on 

different molecules, and no longer remember their previous 

spin relationships. Hence, they can react to give singlet 

products. Oxygenase enzymes with this mechanism provide 

resonance delocalization for the formation of the free 

radical, lowering the energy required for its formation. 

All of the oxygenase enzymes (whose mechanisms are known) 

use one of the above methods. In fact Hamilton (1974, p. 

410) has written, "Thus, every oxygenase [original italics] 

has one or both of the following characteristics: a) the 

enzyme requires a transition metal (usually iron or copper) 

for activity; b) the enzyme has a co-factor or substrate, 

the reduced state of which gives a highly resonance 

stabilized free radical . . . ." According to current 

dogma, RuBP oxygenase has neither a stoichiometrically 

bound transition metal nor a co-factor which participates 

in the reaction (Chollet et al. 1975, Johal and Borque 

1979). Further, the carboxylase and oxygenase functions 

of the enzyme are thought to share the same active site. 

This is surprising in view of the differences in electronic 

structure between CC>2 and 02« If this proves to be correct, 

RuBP oxygenase operates by a completely new mechanism. 



This chapter is the report of attempts to influence 

the ratio of the carboxylase to oxygenase functions by 

changing the activation state of the enzyme. Increases 

in CC>2 favor the carboxylase function, but addition of 

positive effectors proportionally increases both 

activities, suggesting that CO2 and O2 compete for a 

common intermediate. 

Methods 

Carboxylase to Oxygenase Ratios 

Tobacco RuBP carboxylase/oxygenase was incubated 

at air levels of CO2 and 02 in a water jacketed oxygen 

electrode maintained at 25°C. The activating media con

tained 25 mM Bicine, pH 8.0, 5 mM MgCl2/ 0.61 mM NaH^CO^ 

(10.1 |j,M CC^f 5.2 jj,Ci (xmole , 232 p,M and effector as 

indicated. After a 10 min activation period, 25 p,i of this 

same media containing enough RuBP to make 0,6 mM was added. 

Carboxylase activity was determined from PGA formation, 

measured as acid stable radioactivity. This assay was 

performed by removing 50 ^1 aliquots of the reaction 

mixture into 0.5 ml of 1 N HC1, heating to dryness at 90°C 

and scintillation counting. Oxygenase activity was deter

mined from O2 consumption measured as a change in the 

potential across the oxygen electrode. 



Calculation of 02 Concentration 

Oxygen concentration for calibration of the oxygen 

electrode was calculated using the method and constants of 

Truesdale and Drowning (1954). Air saturated water at 

25°C and ambient pressure contained 232 |j,M oxygen. 

Calculation of CO2 Concentration 

The CO2 concentration was determined as described 

in Methods of Chapter 2. 

Enzyme Preparation 

Tobacco RuBP carboxylase/oxygenase was isolated and 

stored as described in Chapter 2. In order to minimize 

contaminating C02, the cold inactivated enzyme was washed 

five times with the CO2 free reaction buffer prior to being 

dissolved by addition of NaCl (to 15 mM) and heat activated 

at 50°C for 20 min. 

Measurement of RuBP 

RuBP concentration was determined by adding 10 p.1 of 

stock solution to 490 nl of an oxygen free media containing 

25 mM Bicine, pH 8.0, 5 mM MgCl2, 10 mM NaH14CC>3 (164 y,M 

C02/ 5.2 tiCi n.mole"""'') , and 1,5 mg of activated tobacco 

carboxylase. The reaction was allowed to go to completion 

(30 min at 25°C) and 0.5 ml of 1 N HC1 added. The vial 

containing the reaction mixture was heated to dryness at 

90°C, and acid stable radioactivity determined by 
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scintillation counting. The counting efficiency for this 

14 
system was determined by addition of a C-toluene standard 

14 to a blank m which the NaH CO^ had been replaced by 

NaH12CO3. 

CO2 Free Buffer 

CO2 free buffer was prepared as described in 

Chapter 2. 

Results 

The goal of this work was two fold. The first 

phase was to measure the ratio between the carboxylase and 

oxygenase activities of the enzyme under substrate concen

trations of CO2 and 02 approximating those experienced by 

the enzyme in a leaf fully equilibrated with air. The 

second phase was to determine whether changes in the 

activation state of the enzyme caused by the presence of 

various effectors changed the ratio between the carboxylase 

and oxygenase functions. 

Limiting RuBP 

To measure the ratio between the carboxylase and 

oxygenase functions of the enzyme, two experimental 

strategies were employed. The first was to use limiting 

amounts of RuBP, allow the reaction to go to completion, 

and measure the amount of RuBP reacting with CO2. The 

reaction was judged to be complete after 25 min, as 
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subsequent addition of active RuBP carboxylase caused less 

14 
than a 4% change in the amount of C02 incorporated into 

products (Table 11). The ratio of carboxylase to oxygenase 

in this experiment was about 2.0, and was not greatly 

changed by the presence of effectors. Assumptions made in 

this procedure are, first, that all the RuBP reacts, and, 

second, that RuBP not reacting with CO2 reacts with 

Results of an experiment to check the validity of these 

assumptions are shown in Table 12, where both carboxylase 

and oxygenase activities were measured simultaneously. 

The amount of RuBP not recovered varied between 2 and 12%. 

This failure to recover all added RuBP indicates that the 

assumptions of this procedure are not completely valid, and 

that the carboxylase to oxygenase ratios reported in 

Table 11 may be slightly overestimated. Five repetitions 

of the control measuring both the carboxylase and oxygenase 

gave an average ratio of 1.4 (Table 12). 

Saturating RuBP 

The second strategy employs excess RuBP. 

Carboxylase and oxygenase activities were measured simul

taneously at 90 s and 180 s after the start of the reaction. 

As shown in Table 13, the ratio between carboxylase and 

oxygenase activities determined by this method varied from 

1.5 to 1.9, with the average being 1.6. Further, changes 

in the activity of the enzyme induced by the presence of 
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Table 11. Measurement of Carboxylase/Oxygenase Ratios by 
CO2 Fixation with Limiting RuBP 

Tobacco RuBP carboxylase/oxygenase (0.31 mg 
[250 nl ]) was activated in 25 mM bicine, pH 8.0, 5 mM 
MgCl2, 0.61 mM NaH14CO^ (10.1 uM C02, 1.0 jiCi umole"1) , 
229 p,M 02, and effector as indicated. After 10 min, 25 ixl 
containing 10.4 |j.Mole of RuBP were added. After 25 min, 
50 11I was removed into 0.5 ml 1 N HCl to determine CO2 
fixation, and 115 p.1 containing 0.31- ng highly activated 
carboxylase and 2 iimole NaHl4C03 (1.0 y.Ci iimole*"1) were 
added. After 15 min, 50 |il were removed into 0.5 ml 
1 N HCl. The samples were heated to dryness at 90°C and 
acid stable radioactivity determined by scintillation 
counting. The amount of RuBP added to the reaction was 
verified as described in Methods. 

Effector mM 

co2 
fixed 
nmoles 

% Change 
2nd enzyme 
addition 

Carboxylase 
to oxygenase 

ratio 

None - 6.80 3.2 1.9 

NADPH 2 6.99 1.3 2.1 

Gluconate-6-P 0.2 6.70 3.5 1.8 

Ribose-5-P 2 7. 04 1.0 2.1 
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Table 12. Simultaneous Measurement of RuBP Carboxylase and 
Oxygenase Activities with Limiting RuBP 

The reaction conditions were described in Methods, 
except that 21.7 nmoles of RuBP were added, and the reaction 
allowed to go to completion (25 min) before measurement of 
carboxylase and oxygenase activities. 

nmole RuBP 
reacting with 

% RuBP 
recovered 

Carboxylase 
to Oxygenase 

ratio Exp. co2 °2 Total 
% RuBP 

recovered 

Carboxylase 
to Oxygenase 

ratio 

1 11.7 7.9 19.6 90.3 1.5 

2 12.6 8.6 21.2 97.5 1.5 

3 11.4 8.9 20.2 93.2 1.3 

4 11.7 8.1 19. 8 91.0 1.5 

5 10.7 8.5 19.1 88.2 1.3 

Average 11.6 8.4 20.0 92.0 1.4 
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Table 13. Effects of Activators on the Ratio of RuBP 
Carboxylase to Oxygenase at Levels of CO2 and 02 
Approximating Air Saturated Water 

The reaction conditions were described in Methods. 
Experiments I and II contained 0.3 and 0.5 mg protein 
respectively. The final RuBP concentration was 0.6 mM. 
Oxygen uptake and CO2 fixation were measured at 60 and 90 s. 

Carboxylase to 
Oxygenase ratio 

Effector mM 90s 180s 

Exp. I: 

None - 1.8 1.5 

NADPH 0.5 

r-• 

I—I 

1.5 

NADPH 0.1 1.5 1.6 

NADPH 
plus 
NaHC03 

0.5 

0.5 
3.0 3.2 

Glu-6-P 0.1 1.5 1.7 

PGA 0.5 i—*
 

• 00
 

1.9 

0.1 1.6 1.7 

Exp. II: 

None - 1.6 1.5 

NH2OH 

O
 •
 

in 

Average 

1.7 

1.6 

1.7 
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effectors did not greatly alter this ratio. However, 

increasing the NaHCO^ concentration by 0.5 mM (an increase 

in CO2 from 10.1 to 18.4 (xM) raised the ratio of the 

carboxylase to oxygenase functions to about 3.1. It should 

be noted that during the time course of the experiment, the 

rates of both reactions were changing. The activity of the 

enzyme is low under these conditions, and decreased upon 

exposure to RuBP, making it impractical to measure rates 

during the initial few seconds in which they are linear. 

Effect of Hydroxylamine 

There have been reports that hydroxylamine 

preferentially inhibits the oxygenase function of the 

enzyme from spinach (Bhagwat, Ramakrishna, and Sane 1974) 

or algae (Okabe, Codd, and Stewart 1979). This is not in 

agreement with the results shown in Table 13, and this 

discrepancy remains unresolved. 

Discussion 

Effectors and RuBP Oxygenase 

Conditions necessary for activation of the 

carboxylase function of the enzyme (with the possible 

exception of differential effects by temperature and 

divalent cation present during activation) have been found 

to activate the oxygenase function. The ratio between the 

carboxylase and oxygenase activities in the plant appears 
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to be the branch point between photosynthesis and photo-

respiration. The possibly differential action of effectors 

on the ratio between the carboxylase and oxygenase is of 

interest. 

Activity of the oxygenase in response to effectors 

follows that of the carboxylase. Most previous workers 

(Chollet and Anderson 1976, Badger and Lorimer 1976) have 

studied the oxygenase under conditions of maximum activity. 

In this work, concentrations of C02 and 02 were chosen to 

approximate those of water in equilibrium with air at 25°C. 

Under these conditions, the activity of the enzyme is low, 

and both C02 fixation and C>2 consumption become nonlinear 

within 10 s after addition of RuBP. In order to detect 

small differential changes due to the presence of effectors, 

the ratio of carboxylase to oxygenase was measured in simul

taneous assays in the same reaction vessel. 

The Problems of Low Enzyme Activities 

When working at low levels of C02 it is necessary 

to take precautions to prevent addition of extraneous 

bicarbonate. Use of carbonate containing base to 

neutralize buffers can easily result in three to four times 

the desired bicarbonate level, with a corresponding decrease 

in specific activity of the radioactive C02 used in the 

assay. Air levels of C02 are not high enough to fully 

activate the isolated tobacco carboxylase/oxygenase. As a 
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consequence, rates of reaction are slow and do not remain 

linear long enough after addition of RuBP to permit accurate 

measurement. To circumvent this difficulty, amounts of 

substrates consumed and products formed were measured, 

either after complete reaction of a small amount of RuBP, 

or at various times after addition of excess RuBP. Measure

ment of amount approximates an integration of the curve 

obtained by plotting rate vs. time. For nonlinear reactions 

measurement of an amount is more easily accomplished than 

calculation of a rate, and in this case, yielded almost 

equivalent information. 

Recovery of Added RuBP 

In experiments with limiting amounts of RuBP, 2 to 

12% of the RuBP added was not recovered, even after a 

subsequent addition of active enzyme. There are two 

possible explanations. The most obvious is that there was 

some error in either calibration of the oxygen electrode, 

or in conversion of the counts observed into iimoles of 

product. A second, and very likely, possibility is that 

this RuBP became bound to inactive enzyme according to the 

model of Laing and Christeller (1976) such that it was 

unavailable to subsequently added enzyme. 

The recovery of 88 to 98% of the added RuBP indi

cates that measurements of carboxylase and oxygenase are 

not grossly in error. Assuming this same recovery in 
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experiments using excess RuBP, the calculated ratios of 

carboxylase to oxygenase are reasonable. It appears that 

under CC^ and 02 concentrations thought to be present in 

the leaf, the carboxylase could be between one and two times 

as. active as the oxygenase. The fact that changes in 

activation of the enzyme did not change the ratio between 

the carboxylase and oxygenase suggests that these two 

activities share the same site on the molecule. 

The Problems of Low CO2 

A potential pitfall in using low concentrations of 

CC>2 and high concentrations of enzyme is illustrated in 

Table 14. The time required to establish equilibrium between 

-  2-
the various carbon containing species (CC^f HC03, and CO^ ) 

is short compared to the time for enzyme activation, such 

that the total CC>2 species are available to activate the 

enzyme. However, if the ratio of total C02 species to 

enzyme binding sites for C02 falls much below the range of 

20 to 30, there is an observable decrease in the per

centage of RuBP which reacts with C02« This decrease 

would be expected when the amount of CO2 binding to the 

enzyme during activation (and not available for catalysis) 

significantly decreases the amount of C02 available to 

compete with during the catalytic phase. Since effectors 

modulate the affinity of the enzyme for CO2 during activa

tion, they change the amount of CO2 bound at the activating 
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Table 14. The Effect on Ratio of RuEP Carboxylase to 
Oxygenase Activity by the Ratio of Total CC>2 
Species to C02 Binding Sites 

The reaction conditions were as described in Table 
11 except the amount of RuBP carboxylase/oxygenase was 
varied from 0.15 to 2.7 mg protein, 30 nmoles of RuBP were 
added, only one addition of enzyme was made, and the 
reaction was terminated after 25 min. Calculations were 
based on the assumption there are 8 binding sites per 
enzyme molecule. It is assumed that RuBP not reacting with 
CO2 reacted with 02. 

Ratio of mole CO^ total species 
to mole C02 binding sites 

83.3 

40.0 

27.0 

20.4 

16.1 

9.0 

4.5 

% of RuBP recovered 
reacting with C02 

59.8 

59.3 

59.6 

56.1 

55.8 

53.9 

35.7 



site. When the difference in the amount of CO2 bound at 

the activating site is a significant portion of the total 

CO2 available for catalysis, positive effectors could 

appear to decrease the ratio of carboxylase to oxygenase 

activity, and negative effectors could appear to increase 

it. This artifact is caused by limiting the total amount 

of CC>2 available such that the process of activation 

changes the CO2 concentration available for catalysis. 

Because of the nature of the dual role of C02 in 

activation and catalysis, the CC>2 concentration is critical 

to both carboxylase and oxygenase measurements. In order 

for a valid comparison to be made, the measurement of both 

activities should be made from the same reaction vessel. 

Since C02 and are competing substrates for catalysis, 

the ratio of carboxylase to oxygenase activities can be 

varied by changing the concentrations of these substrates. 

At concentrations of C02 and 02 similar to air saturated 

solutions at 25°C, the tobacco RuBP carboxylase is one to 

two times as active as the oxygenase. Projection of this 

observation to physiological conditions leads to the con

clusion that the oxygenase function of the enzyme should be 

sufficient to account for the observed rates of photo-

respiration (Zelitch 1971). In any case, the activation 

of the enzyme has little, if any, effect on the relative 

activities of the carboxylase and oxygenase. 
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CHAPTER 5 

A REVIEW OF STARCH METABOLISM 

Discovery of Starch 

Starch has been extensively studied for many years, 

probably to a greater extent than any other biopolymer. In 

the early nineteenth century, Van Mohl, the discoverer of 

cytoplasm in plants, conducted a study of chlorophyll 

bearing tissue in which he described chloroplasts and 

recognized the presence of starch in them. Twenty years 

later, Gries demonstrated that starch disappeared from 

leaves kept in the dark. In 1862, Sachs undertook his 

study of the function of chlorophyll and demonstrated that 

starch is a product of photosynthesis, formed and stored in 

the chloroplast. He also developed a method for determining 

the amount of starch in the leaf based on the color forma

tion with iodine. At this time there already existed an 

active controversy regarding the primary product of 

photosynthesis. Sachs held that starch was the first 

visible product. This was shown to not be the case by two 

observations. First, starch was formed in the dark in 

plastids (both those with and those without chlorophyll) 

of leaves floated on soluble carbohydrates such as glucose 

or fructose. Second, some photosynthesizing plants did not 
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form starch. The question regarding the primary product of 

photosynthesis remained unanswered for the next 80 years. 

Much of the work on starch that followed was confusing and 

unsatisfactory, basically because the techniques employed 

were insufficiently sensitive, and the problems of dealing 

with macromolecules were simply not understood. 

Physical Properties of Starch 

In the leaf tissue, starch occurs as granules whose 

size and shape are often characteristic of the species. 

When an aqueous suspension of starch is heated, the granules 

swell and form a paste or suspension depending on the 

concentration. This process is called gelatinization, and 

the temperature at which it occurs is characteristic of the 

species from which the starch was isolated. Many granules 

are made up of a series of concentric layers around a 

central core called the hilum. Some granules appear to 

contain crystalline areas which are resistant to chemical 

and enzymatic degradation, but the relationships between 

observable structures and the chemical composition of the 

granule have not been resolved. 

Chemical Components of Starch 

A major breakthrough in the understanding of starch 

came in 1940 when Meyer, Bernfeld, and Wolff demonstrated 

that starch contained two major components, and proposed a 

method for their separation. One of the components was 
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essentially unbranched, had a chain length of about 1000 

glucose monomers, and was named amylose. The second 

component was highly branched, had an average chain length 

of about 20 to 25 glucose monomers, and was called 

amylopectin. The separation procedure involves selective 

leaching. The technique consisted of holding an aqueous 

suspension of starch at or slightly above its gelatiniza-

tion temperature for about an hour. The residual granular 

material (the amylopectin) was removed by centrifugation, 

and the amylose precipitated by addition of a suitable 

alcohol. As pointed out by Schoch (1945) this method has 

some limitations. As the temperature of leaching is raised 

above that of gelatinization, amylopectin is also removed 

from the starch granule. It is, however, possible to 

recover a pure amylose fraction by recrystalization of the 

alcohol precipitated material from aqueous butanol solution. 

A second potential problem with leaching is that retrograda-

tion (the conversion of amylose to amylopectin) within the 

residual granular structure does occur. This is thought to 

be a slow process and not important if separation immediately 

follows leaching. Several variations of this method of 

separation have been reported including pretreatment with 

sodium hydroxide (Baum and Gilbert 1956), pretreatment with 

methanol (Banks, Greenwood, and Thompson 1959), and pre

treatment with dioxane (Montgomery and Senti 1958). The 

vast majority of work on the granular properties of starch 
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was done using starch isolated from storage tissues such as 

tubers or seeds. It appears that starch granules in 

leaves are smaller but similar in composition to starch 

from storage tissue, and that the composition of leaf 

starch does not vary with diurnal changes in amount 

(Matheson and Wheatley 1963). 

Enzymes of Starch Metabolism 

There are a variety of enzymes associated with the 

metabolism of starch. Those which play a major role are 

listed in Table 15. The characteristics of each are 

discussed below. 

Starch phosphorylase was the first enzyme shown to 

catalyze the synthesis of a 1,4-glycosidic linkage in plants 

(Hanes 1940). The analogous phosphorylase in animals was 

found to be regulated by phosphorylation-dephosphorylation, 

but this was not the case for the plant enzyme CLee 196 0a). 

Starch phosphorylase was found to be a pyridoxal-P con

taining dimer with a molecular weight of 223,000 tBurr and 

Nelson 1975), that had a Km Cglucose-l-P) between 1 and 35 

mM, and a Km (phosphate) between 4.2 and 7.5 mM (Lee 1960b). 

2+ 
The enzyme was inhibited by Mg and ADP-glucose (Tsai and 

Nelson 1969, De Fekete and Cardini 1964). The pH optimum 

of the several isozymes varied from 5.8 to 6.5 (Lee 1960b, 

Lee and Braun 1973). 
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Table 15. The Enzymes of Starch Metabolism 

Enzyme Reaction Catalyzed 

Starch 
phosphorylase 

Starch synthase 

Q enzyme 

ADP-glucose 
pyrophosphorylase 

a-Arnylase 

B-Amylase 

a-Glucosidase 

R enzyme 

(glucosyl)n + Pi ^ G-l-P + 
(glucosyl)n-1 

ADPG + (glucosyl) n 5=* ADP + 
(glucosyl)n+1 

unbranched (glucosyl)n>4Q «=* 
branched (glucosyl)n>4g 

(glucosyl) fm 
(glucosyl)m 

(glucosyl)n ; 
maltose 

(glucosyl)n 5 
glucose 

ADPG + PPi 

* (glucosyl)n + 

(glucosyl)n_2 + 

(glucosyl)n_1 + 

branched (glucosyl) 5=* 
unbranched (glucosyl) 
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Starch synthase was first observed by Leloir, 

De Fekete, and Cardini (.1961) in starch granules of potatoes 

and corn, and later in several other species (Cardini and 

Frydman 1966). This enzyme occurred bound to starch 

granules as well as in a soluble form. The two forms had 

different properties. Mechanical disruption of the starch 

granule converted the bound enzyme into the soluble form, 

with a concomitant change in its properties (Badenhuizen 

1965). It has been suggested that the bound form of the 

enzyme is inactive (Frydman and Cardini 196 7). Univalent 

cations stimulated starch synthase activity but the effect 

varied from minimal to an obligate requirement, depending 

on the source of the enzyme (Hawker, Marschner, and Downton 

1974). Citrate was a potent activator of the spinach leaf 

enzyme (Ozbun et al. 1973), and the enzyme also appeared to 

need a reduced sulfhydryl group for activity (Ghosh and 

Preiss 1965). The pH optimum of the enzyme was about 8.2 

(Cardini and Frydman 1966). 

The Q (or branching) enzyme from potato, which has 

been purified to near homogeneity, is a monomer with a 

molecular weight of 85,000 (Borovsky, Smith, and Whelan 

1975). Its mechanism is not well understood, but it appears 

to require an amylose of at least 40 glucose units as a 

substrate (Peat, Whelan, and Bailey 1953). There has been 

a suggestion that the amylose chain which serves as substrate 

for this enzyme must be in the form of a double helix 
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(Borovsky, Smith, and Whelan 1976) . There was also a 

suggestion that the enzyme from several species contains 

two different branching activities. One catalyzes the 

branching of amylase to form amylopectin. The other 

catalyzes the branching of amylose or amylopectin to form a 

more highly branched glycogen type product (Hodges, Creech, 

and Loerch 1969). It is possible that the multiple forms 

of the branching enzyme participate in the formation of 

different sections of the asymmetric amylopectin structure 

(Boyer and Priess 1977). 

All of the leaf and green algae ADP-glucose 

pyrophosphorylases studied to this time were found to be 

subject to allosteric regulation (Sanwal et al. 1968) . They 

are activated by PGA and inhibited by phosphate. Stimula

tion of the spinach leaf enzyme by PGA is also influenced 

by pH. The curve of activity vs. PGA concentration in the 

presence of phosphate is hyperbolic in shape at pH 7, but 

becomes progressively more sigmoidal in shape as the pH is 

raised to 8.5 (Ghosh and Priess 1966). The pattern of 

activation by PGA and inhibition by phosphate is the same 

in plants fixing C02 via or pathway. In the absence 

of phosphate the amount of PGA necessary to produce 50% of 

maximal activation varies from 7 y,M for the enzyme from 

barley to 370 p,M for the enzyme from sorghum leaf. The 

enzyme is also very sensitive to inhibition by phosphate. 

Enzymes from barley and sorghum are inhibited 50% by 20 and 
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200 tiM phosphate, respectively (Ghosh and Priess 1966) . In 

every case, inhibition by phosphate is reduced by the 

presence of PGA. 

a-Amylases from plants are metaloenzymes having a 

2+ 
loosely bound Ca which can be removed by 5 to 10 mM EDTA 

(Swan and Dekker 1966) . ri:h<=". pH optimum for this enzyme is 

low, with most species varying between 4.8 and 6.0 (Thoma, 

Spradlin, and Dygert 1971). The hydrolysis of amylose by 

a-amylase is biphasic. There is a rapid fragmentation of 

the amylose into maltodextrins followed by a slower 

hydrolysis, the rate of which is proportional to the chain 

length of the substrate (Fischer and Stein 1961). Attack 

on the first five residues from the nonreducing end of the 

polysaccharide appears to be hindered (Bird and Hopkins 

1954). a-Amylase is also hindered in the region of 

amylopectin branch points. The products of amylopectin 

hydrolysis are glucose, maltose, maltotriose, and branched 

limit dextrans of greater than three glucose units (Manners 

and Marshall 1971). a-Amylase can be absorbed onto starch 

granules and this absorption is inhibited by maltose. 

Maltose also inhibits the hydrolysis of starch granules 

(Schwimmer and Balls 1949). This has been suggested as a 

possible in vivo regulatory mechanism, as a-amylase does not 

degrade ungelatinized endosperm starch until a-glucosidase 

(which hydrolyzes maltose) is added (Simpson and Naylor 

1962). Further, addition of maltose to maize leaf strips 
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inhibits starch breakdown (De Fekete and Vieweg 1973). 

However, Dunn (1974) found that maltose has no effect on the 

degradation of maize starch granules by barley a-amylase. 

B-Amylase is restricted to higher plants where it 

is found in roots, seeds, and leaves (Chapman, Pallas, and 

Mendicino 1972). It is a sulfhydryl containing enzyme, and 

is inhibited by oxidation of its sulfhydryl group (Bernfeld 

1955). The suggestion has been made that this reversible 

oxidation allows the enzyme to be stored as an inactive 

zymogen which is converted to the active enzyme during 

germination (Roswell and Goad 1962). The pH optimum for 

3-amylase is about 4.0. 

a-Glucosidase is an exoenzyme which hydrolyzes 

maltodextrins by attacking from the nonreducing end 

(Marshall and Taylor 1971). The pH optimum of the enzyme 

isolated from different plants varies from 3.0 to 5.0 

(Hutson and Manners 1965). The preferred substrate is 

maltose, but maltotriose, maltotetrose, and other malto

dextrins including amylopectin, amylose, and glycogen are 

hydrolyzed with varying degrees of activity (Takahashi, 

Shimomura, and Chiba 1971). 

There has been considerable confusion concerning 

enzymes which are responsible for hydrolysis of branch 

points of maltodextrins. At one time, there were thought 

to be several types of R enzymes, with different activities 

(Manners and Rowe 196 9). It now appears that these are the 
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same enzyme, present in various concentrations (Lee and 

Whelan 1971? Hardie, Manners, and Yellowlees 1976). The R 

enzyme appears to have a greater affinity for limit dextrins 

(the product of the hydrolysis of amylopectin by a-amylase) 

than for amylopectin (Dunn, Hardie, and Manners 1973). 

Starch Metabolizing Enzymes of the Chloroplast 

This brief review of the enzymes associated with 

starch metabolism comes from the voluminous work on storage 

type tissue such as tubers or seeds. Relatively little 

study has been devoted to the metabolism of starch in the 

chloroplast. It is evident that starch turnover in the 

chloroplast is rapid, occurring on a diurnal cycle. It is 

also very likely that the synthesis and degradation of 

starch are reactions subject to metabolic regulation. 

Possible pathways of starch metabolism in the chloroplast 

are illustrated in Figure 18.- The metabolism of leaf 

starch takes place within the chloroplast. Surprisingly 

little study has been devoted to the demonstration that the 

enzymes of starch metabolism, especially those catalyzing 

starch degradation, actually occur in the chloroplast. The 

breakdown of starch in storage tissues is often proceeded 

by de novo enzyme synthesis. This is not the case for 

photosynthetic tissue, necessitating a different type of 

regulation. Enzymes known to be present in the chloroplast 

include ADP-glucose pyrophosphorylase (Ghosh and Priess 
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Figure 18. Pathways and Enzymes of Starch Metabolism 

(1) Starch phosphorylase. (2) ADP-Glucose pyro-
phosphorylase. (3) Starch synthase. (4) a-Amylase, g-
amylase, and R enzyme. (5) a-Glucosidase. (6) Hexokinase, 
(7) Phosphoglucomutase. (8) Aldolase. (9) Phosphohexoiso-
merase. (10) Fructose bisphosphate phosphatase. (11) 
Phosphofructokinase. (12) Pyrophosphatase. 
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1966), starch synthase (Nomura et al. 1967), and starch 

phosphorylase (Stocking 1959). One study found a-amylase 

in the leaf located outside of the chloroplast (although 

no hypothesis for its utility in the cytoplasm was 

advanced) (Chapman et al. 1972). B-Amylase is sometimes 

found inside and sometimes outside the chloroplast (Davies 

1974). 

The Phosphate Translocator 

The chloroplast is bounded by a double membrane 

across which the products of starch degradation must be 

transported. Heldt, working on the transport of metabolites 

across chloroplast membranes (Heldt and Sauer 1971, Flugge 

and Heldt 1976, Heldt 1976), has characterized a phosphate 

translocator which is a sulfhydryl containing protein 

capable of exchanging about 2Q0 pinoles of phosphate 

(mg Chl*hr) ^ (Werden and Heldt 1971). The outer layer of 

the double membrane which surrounds the chloroplast appears 

to be freely permeable to molecules such as sucrose. The 

inner membrane is impermeable to most chloroplast 

metabolites, except as mediated by specific translocators 

(Heldt and Rapley 1970) . In addition to the phosphate 

translocator, there is a dicarboxylate translocator (which 

exchanges various dicarboxylic acids; Heldt and Rapley 

1970) and in some species there also appears to be an 

adenylate translocator (which facilitates exchange of ATP, 
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ADP, and AMP; Heldt 1969). The phosphate translocator is 

inhibited by p-chloromercuriphenylsulphonic acid to a much 

greater degree than either of the other translocators 

(Werden and Heldt 1971). Preliminary work on isolation 

of the phosphate translocator using an affinity label 

indicates that it has a molecular weight of about 29,000 

and accounts for approximately 25% of the total membrane 

proteins (Flugge and Heldt 1976). Pentose monophosphates 

appear to slowly cross the chloroplast membrane (Walker 

1969, Gibbs 1971, Bassham and Jensen 1967), but probably 

not via the phosphate translocator (Heldt 1976). Hexose 

and heptose monophosphates do not cross the chloroplast 

membrane (Heber and Willenbrink 1964; Bassham, Kirk, and 

Jensen 1968; Cockburn, Walker, and Bradley 1968) nor do 

sugar bisphosphates (Heber 1967) nor free sugars (Heldt 

and Sauer 1971). 

Starch Synthesis in the Chloroplast 

As shown in Figure 18, there are three possible 

routes for the synthesis of starch in the chloroplast. 

The pathway of glucose-l-P—glucose—maltose—starch is 

unlikely, as the equilibrium position of the sequence lies 

far toward glucose-l-P, while its concentration in the 

chloroplast has been shown to be quite low (Peavey, Steup, 

and Gibbs 1977). The pathway catalyzed by starch 

phosphorylase probably functions in degradation. During 
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illumination of intact chloroplasts the ratio of phosphate 

to glucose-l-P is around 300 (Heber and Santarius 1965) and 

consideration of the equilibrium constant (Cohn 1961) with 

this ratio indicates starch formation would not occur. The 

concentration of glucose-l-P in chloroplasts is about 40 |iM 

(Bassham and Krause 1969), while the Km (glucose-l-P) for 

phosphorylase ranges from 1 to 50 mM (Alexander 1973, Chen 

and Whistler 1976). The possibility exists that the 

concentration of glucose-l-P at the site of starch synthesis 

is much higher than the remainder of the chloroplast, but 

this supposition is without supporting experimental 

evidence. 

There is, however, considerable evidence that starch 

synthesis proceeds via the ADP-glucose pathway. Two maize 

mutants which have reduced levels of starch (Creech 1965) 

also have reduced ADP-glucose pyrophosphorylase activities 

(Dickson and Priess 1969). Further, during the development 

of certain reserve tissues, the increase in starch synthesis 

was closely correlated with starch synthase and ADP-glucose 

pyrophosphorylase activities but not with starch 

phosphorylase activity (Turner 1969, Sowokinos 1976). 

Experiments with isolated chloroplasts also implicate 

ADP-glucose as the synthetic route. 

In spinach chloroplasts, the ratio of PGA to 

phosphate controls the partition of photosynthate into 

starch (Heldt et al. 1977, Peavey et al. 1977). This same 
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ratio controls the activity of ADP-glucose pyrophosphorylase 

(Sanwal et al. 1968, Ghosh and Priess 1966). Wheat leaves 

infected with the fungus Puccinia striiformis which have 

decreased levels of phosphate, accumulate more starch than 

do non-infected controls (MacDonald and Strobel 1970). 

Working with cells, Kanazawa et al. (1972) have shown that 

both starch and ADP-glucose synthesis occur in the light. 

At the transition to darkness, starch synthesis stops and 

ADP-glucose drops to very low concentrations despite 

adequate levels of substrate for the ADP-glucose pyro

phosphorylase in vivo. Leaf disks from several plants 

respond to added mannose by increasing starch synthesis. 

The exogenous mannose is phosphorylated, but not further 

metabolized (Herold, Lewis, and Walker 1976). Shen-Hwa, 

Lewis, and Walker (1975) postulated that this effect was 

due to phosphate deficiency in the cytoplasm, and increased 

ADP-glucose pyrophosphorylase activity due to decreased 

phosphate and increased PGA in the chloroplast. 

Export of Starch Degradation Products 

Many questions concerning the pathways of starch 

degradation in the chloroplast still exist. Since 

transport of metabolites out of the chloroplast appear 

limited to PGA, triose phosphate, glycolate, and perhaps 

ribose-5-P, starch breakdown would be expected to proceed 

through at least one of these intermediates. Gibbs observed 
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that the major product of starch breakdown in dark-adapted 

spinach chloroplasts was PGA, followed by glucose, triose 

phosphates, maltose, ribose-5-P, and glucose-6-P (Peavey 

et al. 1977, Levi and Gibbs 1976). The breakdown was 

stimulated by addition of phosphate (Steup, Peavey, and 

Gibbs 1976; Heldt et al. 1977). Not only does this 

provide the substrate, phosphate, for the starch 

phosphorylase, but it enhances transport of triose 

phosphates and PGA out of the chloroplast. 

Regulation of Starch Metabolism in the Chloroplast 

The regulation of enzymes of starch breakdown in 

the chloroplast is not well understood. Starch phosphorylase 

from potato tuber and maize seed is inhibited by ADP-glucose 

(De Fekete and Cardini 1964, Burr and Nelson 1975). 

However, this inhibition requires higher concentrations than 

found in chloroplasts. Starch phosphorylase from chloro-

plasta may be more sensitive to ADP-glucose, but this 

remains to be verified. a-Amylase, 3-amylase, and a-

glucosidase all have pH optima at or below 6.0 (Fischer 

and Stein 1961, Hutson and Manners 1965) which is somewhat 

below the pH generally thought to be associated with the 

chloroplast stroma (Werden et al. 1975). It is possible 

that degradative enzymes associated with the chloroplast 

operate in a pH range below that of illuminated chloroplasts, 

but within that of darkened chloroplasts. These questions 



await isolation and characterization of the chloroplast 

enzymes. 



CHAPTER 6 

REGULATION OF STARCH METABOLISM BY PHOSPHATE 

Introduction 

Regulation of chloroplast starch metabolism by 

phosphate and PGA has been postulated since the appearance 

of the work on regulation of purified ADP-glucose 

pyrophosphorylase (Sanwal et al. 1968). Direct experi

mental evidence was lacking until the work of Levi and Gibbs 

(1976), Heldt et al. (1977), and Steup et al. (1976). This 

chapter offers further evidence for the regulation of starch 

metabolism by phosphate. Also considered herein are the 

exchange of phosphate for various compounds, both chloroplast 

metabolites and others, catalyzed by the phosphate trans-

locator. The availability of phosphate in the cytoplasm 

could well be a major control mechanism of photosynthesis 

and starch metabolism in the chloroplast. 

Methods 

Measurement of Intactness 

Intactness was measured by the method of Lilley 

et al. (1975). Chloroplast suspensions (.50 p,l, 0,1 to 0.4 

mg chl) were added to an oxygen electrode (Hansetech 

Limited, England) containing a mixture of 500 ^1 each of 2X 

114 
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solution C and a ferricyanide solution. (Solution C 

contains 0.33 M sorbitol, 50 mM HEPES, pH 7.8, 2 mM EDTA, 

1 mM MgCl2, 1 mM MnC^r and 0.5 mM phosphate. Twice 

concentrated (2X) solution C contains double the concentra

tion of all solutes, and has the same pH. Ferricyanide 

solution contains 3 mM K^FeCCN)^, 5 mM NH^Cl, and 20 mM DL-

glyceraldehyde.) Illumination was commenced, and the rate 

of O2 evolution by the intact chloroplast preparation 

(actually due to the presence of broken chloroplasts) was 

measured. The rate of 02 evolution after total lysis of 

the chloroplasts was determined by adding 50 p.1 of 

chloroplast suspension to 500 y,l ferricyanide solution. 

After lysis (due to osmotic shock) was complete (less than 

one second) , 500 |il of 2X solution C were added, and the 

rate of Oj evolution upon illumination was measured. The 

per cent of broken chloroplasts was calcuated (rate of 

intact preparation * rate after lysis, times 100) and then 

the per cent intact (100 - per cent broken). Chloroplasts 

used in these experiments ranged from 75 to 90 per cent 

intact. 

Starch Isolation 

Three methods were employed to isolate labeled 

chloroplast starch. All three gave equivalent results 

(Table 16), and were used interchangeably. 
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Table 16. A Comparison of Three Methods of Starch Measure
ment — The procedures are described in Methods. 

p,gr-•atoms (mg chl)"^" 

Time 
(min) 

Methanol 
Precipitation 

Filter 
Entrapment Combination 

0 0. 08 0.08 0.05 

5 0.69 0.88 0.85 

10 1.70 1.78 1.79 

15 2.97 2.86 2.86 

In the first method (methanol precipitation), 50 to 

100 |j.l of fixation media (containing 0.01 to 0.06 mg chl) 

were added to 1 ml methanol (in a 1.5 ml polyethylene 

centrifuge tube) followed by 100 [il of a 2% glycogen 

solution. The precipitate (starch and glycogen) was 

collected by centrifugation, the supernate decanted, the 

pellet washed with two 1 ml portions of methanol, and 

dissolved in 200 p.1 of water. The starch was again 

precipitated by addition of 1 ml of methanol and the 

centrifugation and washing procedures repeated. The 

resulting precipitate was dissolved in 500 p.1 of water and 

the entire centrifuge tube was placed in a vial and the 

radioactivity determined by scintillation counting. 

In the second method (filter entrapment, based on 

Steup et al. 1976) 50 to 100 p,l of fixation media 
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(containing 0.01 to 0.06 mg chl) were drawn through a 

Millipore membrane filter Ccelotate, 0.5 nm pore size). 

The starch was retained on the filter while the other 

labeled compounds were washed through by 10 aliquots (500 

^1 each) of methanol. The filter was dried and the radio

activity determined by scintillation counting. 

The third method (combination) utilizes elements of 

the first two. The chloroplast containing fixation media 

(50 to 100 (j.1, 0.01 to 0.06 mg chl) was added to 500 p.1 of 

methanol to stop all reactions. This mixture was subse

quently passed through a Millipore membrane filter 

(celotate, 0.5 |im pore size). The starch was retained while 

the other labeled compounds were washed through the filter 

by 10 aliquots (500 y.1 each) of methanol. The filter was 

dried, and the radioactivity determined by scintillation 

counting. 

Measurement of Organic and Inorganic 
Phosphate 

The separation of organic and inorganic phosphate 

is an adaptation of the procedure of Avron (I960). The 

radioactive phosphate C2,5 to 20 p,Ci nmole"""'") containing 

sample (up to 140 (il) was added to 10 JJ.1 of 10% tri

chloroacetic acid in a 1.5 ml capped centrifuge tube. 

Acetone (120 }il) was added and the volume brought to 270 

p,l with water. This mixture was then shaken with 700 p,l of 

water saturated benzene:isobutanol (1:1 mixture). After the 
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layers separated, 80 p.1 of 5% ammonium molybdate in 4 N 

H2S04 were added, mixed gently, allowed to stand for five 

minutes, and then shaken vigorously. After centrifugation, 

the benzene:isobutanol (top layer) was removed and placed 

in a glass vial. Unlabeled phosphate (3 nl, 20 mM) was 

added to the aqueous layer and the extraction procedure 

repeated. The two organic phases were combined, the water 

phase transferred to a glass vial, and the solvent removed 

from both fractions by heating at 95 to 100°C. Radio

activity was determined by scintillation counting. This 

32 
procedure extracted more than 99.8% of P labeled in

organic phosphate added to a control. 

Chloroplast Volume Measurement 

Chloroplasts are bounded by two membranes. The 

v. outermost is freely permeable to most cellular metabolites 

and other small molecules. The inner membrane is the site 

of specific metabolite transport, and is impermeable to 

sugars such as sucrose. It is, however, freely permeable 

to water. The internal volume of the chloroplast was 

determined by measuring the water permeable, sucrose 

impermeable space as described by Heldt and Sauer (1971). 

Chloroplasts were rapidly separated from the suspending 

medium by centrifugation through silicone oil. This method 

of separation does not change the intactness, nor the rate 

at which the chloroplasts will fix Solution C (250 p,!) 
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-1 14 containing 13.2 p,Ci ml of C labeled sucrose (160 |j.Ci 

-1 -1 3 
nmole ), 900 ^Ci ml of H labeled water (0.016 p,Ci 

[imole ^) , and 0.005 to 0.09 mg chlorophyll was layered over 

70 |j,l silicone oil in a 550 jj.1 polypropylene centrifuge tube. 

Beneath the silicone oil was a trap containing 20 p-1 of 60% 

HCIO^. After 1 to 5 min, to equilibrate the labels, the 

chloroplasts were separated from the medium by centrifuga-

tion. The tube was frozen in dry ice, and the tip con

taining the trap removed by cutting the tube at the center 

of the silicone oil layer. The material in the trap was 

resuspended in 500 p,l of water, and the radioactivity due 

3 14 
to H and C determined by scintillation counting. 

3 14 
Comparison of the ratios of H and C in the supernate and 

pellet allows calculation of the water permeable, sucrose 

impermeable space (the volume inside the inner chloroplast 

membrane). The calculated values ranged from 23 to 30 nl 

(mg chl)-1. 

Chloroplast Isolation 

Chloroplasts were isolated by an adaptation of the 

method of Jensen and Bassham (1966). Leaves of growth 

chamber grown spinach (Spinacia oleracea L., var Viroflay) 

were deveined, sliced into 1 cm squares, and homogenized 

for 3 s in the semi-micro cup (250 ml) of a Waring blender. 

The grinding media (60 to 80 ml) contained 0.3 M sorbitol, 

25 mM MOPES, pH 5.7, 2 mM EDTA, 1 mM MgCl2, 1 mM MnCl2, and 
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0.5 mM phosphate. Before grinding, a rubber stopper was 

placed loosely in the neck of the grinding cup, and enough 

grinding media added to displace the air below the stopper. 

This prevented excessive frothing during grinding. The 

homogenate was filtered through two layers of miracloth 

and centrifuged at about 470 times gravity for 90 s. After 

decanting the supernate, the surface of the pellet was 

washed with 2 aliquots (.2 ml each) of fresh grinding media 

and then resuspended in the same media. The centrifugation 

and washing were repeated, and the pellet suspended in 1 to 

3 ml of grinding media. This entire procedure was carried 

out at ice temperatures, and the chloroplasts were subse

quently stored on ice. Chloroplast intactness after isola

tion did not vary with time up to ' hr of storage on ice. 

However, the rate of CO2 fixation by these chloroplasts 

decreased approximately 25 to 50% during each hr of 

storage. 

Measurement of C02 Fixation 

Isolated chloroplasts (0.02 mg chl) were suspended 

14 
in 1 ml of solution C containing 10 mM NaH "CO^ at 25°C. 

2 -1 
The chloroplasts were illuminated (800 p-einsteins (m -s) ), 

14 
and incorpoation of CC>2 was determined by removing 50 JJLI 

aliquots into 0.5 ml of 1 N HC1 in a glass vial. The vial 

was heated to dryness at 90°C and the acid stable radio

activity measured by scintillation counting. Rates of 

fixation varied between 40 and 150 [xmole (mg chl-hr)""1. 
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Silicone Oil Filtration 

A 550 p,l polypropylene centrifuge tube was prepared 

by layering 70 |il of silicone oil, density 1.0566 gr ml"^" 

(5 parts Dow Corning 704, density 1.6075 gr rtil"^" (Dow 

Corning Corp., Midland Mich.) and 1 part SWS 122, density 

1.002 gr ml ^ (Stauffer-Wacker Silicone Corp., Adrian, 

Mich.) over a trap containing 20 p,l of 60% HCIO^. The 

chloroplast suspension (.250 nl) was then layered over the 

silicone oil. At the desired time, the tubes were 

centrifuged in a Beckman Microfuge B at line voltage for 

15 to 30 s. The trap and its contents were removed by 

freezing the tubes in dry ice and cutting the tip off the 

tube at the silicone oil layer. 

Results 

Turnover of Starch During Photosynthesis 

As illustrated in Figure 19, starch labeled during 

14 
5 mm of fixation in CO2 lost its label during subsequent 

fixation in unlabeled CO2/ while the control continued to 

14 accumulate label into starch. The total fixed C-carbon 

remaining in the pulse-chase experiment remained essen

tially unchanged, indicating that labeled starch was not 

metabolized to C02« After 15 min, almost half of the label 

had been lost from the starch fraction. The control rate 

of starch synthesis between 6 and 10 min was 2,24 p,gr-atoms 



Figure 19. Degradation of Chloroplast Starch During 
Photosynthesis 

Spinach chloroplasts were allowed to fix ^4C0-
(0.5 }iCi p.mole~l) for 5 min as described in Methods. 
The chloroplasts were then collected by centrifugation 
and resuspended in the same media except that NaH-^CC^ 
was replaced by NaHCC^. The control received the same 
treatment but was resuspended in media containing 
NaH-^COn. Starch measurement was by methanol 
precipitation followed by collection on a membrane 
filter as described in Methods. 
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Figure 19. Degradation of Chloroplast Starch During 
Photosynthesis 
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(mg chl'hr) ^ while the rate of label loss in the pulse-

chase sample was 0.72 ^gr-atoms (mg chl-hr)""^" during this 

same period. This implies that gross formation of starch 

may be higher than the simple accumulation of label into 

the starch fraction indicates. 

Effect of Phosphate 

Figure 20 shows the effect of external phosphate 

concentration on the percentage of photosynthate parti

tioned into starch. When phosphate was limiting photo

synthesis (no added phosphate, Figure 2OA), most of the 

14 acid stable C appears as starch. In the other extreme, 

when phosphate was above optimal (.1 mM phosphate, Figure 

20D), very little of the fixed label was found in starch. 

Phosphate is exchanged for a variety of compounds 

via the phosphate translocator CHeldt and Rapley 1970) and 

the stromal phosphate concentration is generally higher than 

that of the suspending medium. Table 17 compares stromal 

and external phosphate concentrations after 10 min of 

photosynthesis in media containing varied concentrations of 

phosphate. The internal concentration of inorganic 

phosphate was 7 to 15 times as great as its concentration 

in the medium (assuming a chloroplast volume of 25 (J.1 

(mg chl)"1, Heldt et al. 1977). 



Figure 20. Effect of Phosphate on Partition of Photo-
synthate in Spinach Chloroplasts 

Spinach chloroplasts were isolated in the absence 
of phosphate, and allowed to fix •'" CO2 in varied phosphate 
concentrations. At the indicated times, chloroplasts 
(0.1 mg chl) were separated from the medium by centrifuga-
tion through silicone oil into an acid trap, as described 
in Methods. The supernatant (50 p,l) was assayed for acid 
stable radioactivity to determine the amount exported (•). 
The pellet was resuspended in 500 (il of methanol, 100 p.1 
of 2% glycogen added, and the starch separated by 
centrifugation. This supernatant (50 nl) was assayed to 
determine the amount retained in the stroma (A). Starch 
(o) was further purified as described in Methods (see 
methanol precipitation). 
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Figure 20. Effect of Phosphate on Partition of Photo-
synthate in Spinach Chloroplasts 
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Table 17. Inorganic Phosphate in Spinach Chloroplasts After 
Photosynthesis in Varied Phosphate 

Spinach chloroplasts were suspended in fixation 
media as described in Methods, containing 3-P phosphate 
(20 nCi limole""-*-) as indicated. After 10 min of illumina
tion, the chloroplasts were separated from the media by 
centrifugation through silicone oil as described in 
Methods. Phosphate in the pellet was separated into 
organic and inorganic fractions as described in Methods. 

External 
Phosphate nmoles Phosphate Internal Phosphate, mM 

mM (mg. chl)-l [assuming 25 ill (mg chl)~l] 

0.2 150 3.0 

0.5 169 6.8 

1.0 480 19.2 

2.0 576 23.0 
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Phosphate Levels Inside Chloroplasts 

Phosphate present in the chloroplast changed from 

inorganic to organic during photosynthesis, but the total 

amount remained constant (Figure 21). In a control kept in 

the dark, the concentration of organic phosphate remained 

constant. The high concentration of inorganic phosphate 

present in the chloroplast at the start of photosynthesis 

(14 to 16 mM) probably results from exchange of metabolites 

(present in the chloroplast before isolation) for inorganic 

phosphate present in the isolation and fixation media, and 

is therefore an artifact of isolated chloroplasts. 

The levels of inorganic phosphate present in the 

chloroplast changed the percentage of carbon partitioning 

during photosynthesis. This change is illustrated in 

Table 18. In every case, the percentage of photosynthate 

partitioning into starch either increased with time of 

photosynthesis, or there was little change, presumably 

because phosphate levels inside the chloroplast did not drop 

to a low enough level. The correlation between the decrease 

in inorganic phosphate and the increase in starch synthesis 

suggests that phosphate levels influence starch synthesis. 

Leakage of Phosphate 

As illustrated in Figure 22, there is a slow leakage 

of inorganic phosphate from isolated chloroplasts. This 

leakage was not due to chloroplast lysis, as the intactness 



Figure 21. Internal Chloroplast Phosphate Levels During 
Photosynthesis 

Spinach chloroplasts isolated in the absence of 
phosphate were allowed to fix C02 in the presence of 
1 mM 32P phosphate. At the times indicated, the 
chloroplasts (0.02 mg chl) were separated from the media 
by centrifugation through silicone oil into an acid trap 
as described in Methods. The phosphate in the pellet was 
separated into organic and inorganic fractions as 
described in Methods. The' dark control received the same 
treatment without exposure to light. All samples were 
incubated 15 min in the dark on ice to allow equilibration 
of label prior to the start of the experiment. Phosphate 
carried through the silicone oil external to the 
chloroplast accounted for less than 10% of the total 
phosphate. 
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Figure 21. Internal Chloroplast Phosphate Levels During 
Photosynthesis 
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Table 18. The Percentage of Photosynthate Partitioned Into 
Starch 

Spinach chloroplasts, isolated in the absence of 
phosphate, were allowed to fix CCU (as described in Methods 
using NaH^cOg with 0.5 |j,Ci nmole 1) in media containing 
the indicated levels of phosphate. At the indicated times, 
starch in an aliquot (100 p.1) was measured by methanol 
precipitation, as described in Methods. The zero phosphate 
level indicates no added phosphate. 

Phosphate 
mM 

% of Fixed Label in Starch 
Phosphate 

mM 5 min 10 min 20 min 30 min 

O
 • 

o
 36 39 44 53 

0.05 19 34 42 — 

0.25 18 28 38 49 

in • 

o
 11 12 26 38 

1.0 9 8 10 16 

2.0 8 7 6 7 
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Figure 22. Leakage of Phosphate from Chloroplasts in the 
Dark 

Spinach chloroplasts isolated in the absence of 
phosphate were incubated in solution C containing 1.5 mM 
•"P labeled phosphate in the dark at 25°C. At the time 
indicated, chloroplasts (0.02 mg chl) were isolated from 
the media by centrifugation through silicone oil, and 
total phosphate determined as described in Methods. The 
intactness was determined at the indicated time as 
described in Methods. 
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remained constant throughout the experiment. In fact, 

chloroplast intactness was found to be stable in phosphate 

concentrations as high as 40 mM. The leakage of phosphate 

from the chloroplast does not appear to be an artifact of 

experimental conditions, as both the amount of chlorophyll 

and the total volume of solution penetrating the silicone 

oil during the centrifugation remained almost constant (data 

not shown). Phosphate leakage occurred at room temperature 

in the dark. It did not occur during CO2 fixation in the 

light (Figure 21, control) nor did it occur in the light 

when fixation was blocked by the absence of C02 and O2/ or 

the presence of 2 mM DL-glyceraldehyde (Figure 23). It 

should be noted that even though there was no fixation 

occurring, organic phosphates accumulated at the expense 

of inorganic phosphate (Figure 24). Phosphate loss was 

associated with intact chloroplasts. Preparations of 

thylakoids did not take up phosphate, nor did they lose it 

upon incubation at room temperature in the dark (Figure 25). 

pH and Phosphate Leakage 

The pH of the suspending medium influenced the rate 

of phosphate loss. The magnitude of the leakage rate, as 

well as the concentration of internal phosphate varied in 

different preparations of chloroplasts. With a single 

preparation, however, the rate of phosphate leakage 

approximated a linear function of hydroxyl ion concentration 



Figure 23. Light-Dark Differences in Phosphate Loss from 
Chloroplasts 

,2 The procedure was described in Figure 20, except 
that P phosphate was added, and NaH^cOg Was absent. In 
the first case carboxylase substrates (C02 and 02) (o,*) 
were excluded, and in the second case 2 mM DL glyceraldehyde 
(•,•) was added. There was no export of organic phosphates 
in either experiment. All values given represent total 
phosphate present in the chloroplast. 
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Chloroplasts 



Figure 24. Light Driven Organic Phosphate Synthesis in the 
Absence of C02 Fixation 

The experimental procedure was described in Figure 
23. Both CO2 and were absent. The symbols represent 
organic phosphate (•) , inorganic phosphate (o), and total 
phosphate (A) present in the chloroplast. An analogous 
experiment in the presence of 2 mM DL-glyceraldehyde yielded 
similar results (data not shown). 
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Figure 24. Light Driven Organic Phosphate Synthesis in the 
Absence of C02 Fixation 



133 

— 400 " 

o 

o> 

e 
<L> 

O 

£200 -</? o 

chloroplasts 

CO 

o 
£ 

0 

thylakoids 
•-

15 

Time(min) 

30 

Figure 25. Lack of Phosphate Accumulation in Thylakoids 

Spinach chloroplasts were isolated in the absence of 
phosphate. Thylakoids were prepared by adding 100 jxl of 
chloroplasts to 900 txl H^O. After lysis, 1 ml of solution C 
(2X) containing ^2P labeled phosphate was added. At the 
indicated times, chloroplasts or thylakoids were separated 
from the suspending media by centrifugation through silicone 
oil as described in Methods, and the total phosphate 
concentrations determined. All samples were incubated 10 min 
in the dark on ice to allow equilibration of labeled 
phosphate prior to the start of the experiment. 
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(Figure 26). Although the exact linearity of the relation

ship could be argued, it is clear that faster leakage 

occurred at higher pH values. 

Compounds Exchangeable for Phosphate 

The experimental procedure for examination of 

phosphate leakage was also used to study uptake by the 

phosphate translocator. Figure 27 illustrates the effect 

on internal phosphate concentration by addition of various 

phosphate containing compounds. There was a rapid loss of 

phosphate from the chloroplast in exchange for PGA, 

phosphonopropionate and phosphonobutyrate. Except for the 

case of phosphonobutyrate, this exchange was nearly complete 

during the first 5 min. Compounds not shown which also 

cause a decrease include phosphoglycolate and sulfate ion. 

Inorganic phosphate loss can also be induced by sulfite ion 

(Hampp and Zeigler 1977) and by dihydroxyacetone phosphate 

(Heldt et al. 1973). The loss of phosphate in the presence 

of PGA has been shown to be a strict exchange, catalyzed by 

the phosphate translocator (Werden and Heldt 1971). As 

illustrated in Figure 28, the exchange of phosphate was 

rapid during the first 15 s, even at ice temperatures. 

The initial rate of exchange for phosphonopropionate (5.2 

nmole (mg chl«s) ^) was about the same as that for 

phosphoglycolate (4.7 nmole (mg chl«s)~"^), and about half 

as fast as that of PGA (.8.8 nmole (mg chl«s) ^) , The rate 
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Figure 26. Phosphate Loss from Chloroplasts as a Function 
of Hydroxide Ion 

In experiment 1, chloroplasts (0.02 mg chl) were 
suspended in 400 ml solution C without Hepes, containing 
P labeled phosphate and 10 mM Tricine at pH 7.97, 8.48, 

8.78, and 9.01. Experiment 2 was similar, except the 
buffers used were 50 mM MOPS, bicine, Tricine, and CHES at 
pH 6.97, 8.44, 8.78, and 8.86 respectively. In both 
experiments, the chloroplasts were allowed to equilibrate 
the label for 15 min in the dark on ice prior to the start 
of the experiment. The rate of phosphate loss was deter
mined for the period 25 to 45 min after warming the 
chloroplasts to 25°C. 



Figure 27. Enhanced Phosphate Loss from Chloroplasts Upon 
Addition of Exchangeable Compounds 

Spinach chloroplasts (0.02 mg chl) isolated in the 
absence of phosphate were incubated in the dark at 25°C in 
400 jil solution C containing 0.6 mM 32P labeled phosphate. 
At 20 min PGA (o), phosphonobutyrate (PBA) (A), or 
phosphonopropionate .(PPA) (•) was added to make 2 mM. Total 
internal phosphate was determined after separation of 
chloroplasts from the med~A by centrifugation through 
silicone oil as described in Methods. 
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Figure 27. Enhanced Phosphate Loss from Chloroplasts Upon 
Addition of Exchangeable Compounds 



137 

= 400 

g 200 

control 

P-glycolate 

30 

Time(sec) 

Figure 28. Rapid Loss of Fhosphate from Chloroplasts Upon 
Addition of Exchangeable Compounds 

Spinach Chloroplasts (0.02 mg chl) isolated in the 
absence of phosphate were incubated on ice in the dark in 
400 p.1 of solution C containing 1.4 mm ^2p labeled 
phosphate. Sixty, 30, and 15 s before centrifugation, 
50 |^1 of this same media containing 20 mM effector were 
added and the solution layered over silicone oil as 
described in Methods. The zero time point was a control 
to which 50 (j,l of solution without effector were added 5 s 
prior to centrifugation. 
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of exchange for phosphonobutyrate was much reduced CO.5 

nmole (mg chl*s)~^"). 

Discussion 

Starch Measurement 

The first method used for measuring starch was 

color formation upon reaction with iodine ion (Sachs 1862). 

It was later shown that the complexes formed by the reaction 

of amylose, amylopectin and phytoglycogen had different 

absorption spectra (Meyer et al. 1940). The use of radio

labeled compounds to measure starch metabolism began 

14 
shortly after C label became available. The use of label 

permits a much smaller sample size, and makes possible the 

study of starch in photosynthesizing chloroplasts. In this 

work, three methods were used to isolate labeled starch. 

Two of the methods have been well characterized. The third 

is a hybrid of the first two, developed to fit the experi

mental procedure to the equipment at hand. 

The first method takes advantage of the fact that 

starch is insoluble in methanol. After addition of a 

sample to an excess of methanol (which stops all metabolic 

reactions), carrier glycogen is added, the precipitate 

collected, and the radioactivity determined. The major 

disadvantage with this method is the difficulty encountered 

in dissolving starch and glycogen which have been methanol 
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precipitated. This necessitates extensive sample manipula

tion with the inherent possibility for error. It also means 

that the entire sample must be counted, which in turn leads 

to quench problems if it is not uniformly dispersed. 

Heating the sample in boiling water helps dissolve it, but 

increases sample handling. 

The second method consists of drawing the sample 

through a filter and washing the residue free of con

taminating radioactivity. The original authors of this 

method reported using a MF Millipore membrane filter (Steup 

et al. 1976), which the manufacturer does not recommend for 

use with short chain alcohols, as it dissolves upon repeated 

or prolonged exposure. In this work, the MF Millipore 

filter was replaced with another Millipore filter (celotate) 

recommended for use with short chain alcohols. This method 

is simple and fast, but the number of samples during a time 

course is limited by availability of filter apparatus. 

The third method consists of stopping the reaction 

in an excess of methanol, collection of the starch on a 

filter, and removal of contaminating radioactivity by 

washing with methanol. As previously stated (.Table 16) , 

all three methods give equivalent results. 

Starch degradation occurs, even during periods of 

net accumulation, as evidenced by the fact that a pulse of 

14 
C label can be chased out of starch during continued 

photosynthesis in unlabeled CC^. During the first four 
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minutes of the chase period, loss of label was about 30% 

as great as labeled starch buildup in the control. The 

rate at which label left the starch fraction decreased with 

time. This decrease in rate may be due to the label being 

buried inside the starch granule (which was increasing in 

size due to net synthesis) and not to an actual decrease in 

the rate of starch degradation. 

Regulation by Phosphate 

As suggested by Ghosh and Priess (1966), phosphate 

levels control the partition of photosynthate into starch, 

with low levels favoring starch synthesis, and high levels 

favoring metabolite export. This finding has now been 

confirmed by several laboratories (Heldt et al. 1977, 

Peavey et al. 1977). The concentration of phosphate inside 

isolated intact chloroplasts appears to be higher than that 

of the suspending medium. This is probably an artifact of 

chloroplast isolation and may not reflect in vivo conditions. 

In illuminated chloroplasts, inorganic phosphate is con

verted to organic phosphates, but the total phosphate 

concentration remains unchanged. Isolated chloroplasts at 

room temperature quickly lose their ability to fix CC>2. 

Linear, high rates of fixation rarely last more than 10 min, 

making a study of chloroplast phosphate levels at longer 

times somewhat academic. Even though photosynthesis is 

waning, the inverse relationship between phosphate levels 
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in the chloroplast and photosynthate partitioned into starch 

fits the model of starch regulation by phosphate. Isolated 

protoplasts, capable of sustaining high rates of photo

synthesis for 2 to 3 hrs would be an interesting vehicle 

for this study, if some method of introducing effectors 

(such as phosphate) into their cytoplasm were available. 

Factors Affecting Phosphate Leakage 

The phenomena of the slow dark leakage of phosphate 

is probably also an artifact of isolated chloroplasts. It 

is interesting that chloroplasts stored on ice for short 

periods of time neither leak phosphate, nor lose their 

ability to photosynthesize upon exposure to light, while 

chloroplasts kept at room temperature in the dark do both. 

Phosphate leakage may result from the disruption of the 

phosphate translocator due to either osmotic swelling of 

the chloroplast, or the action of degradative enzymes 

liberated during chloroplast isolation. The light inhibi-. 

tion of leakage may indicate the presence of an energy-

driven gradient which breaks down in the dark. On the 

other hand, when photosynthesis occurs, or when it is 

blocked by lack of substrates or presence of inhibitor in 

illuminated chloroplasts, organic phosphates still accumulate 

at the expense of inorganic phosphate, even though there is 

no fixation occurring (Figure 28). This decreased inorganic 

phosphate level may be responsible for the absence of 
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observable phosphate loss in the light. The total volume 

penetrating the silicone oil in these experiments increases 

very slightly with time indicating that the method of 

measurement slightly underestimates the actual leakage. 

The approximate linear relationship between hydroxide ion 

and rate of phosphate loss suggests an exchange of phosphate 

for hydroxide. If this is the case, this exchange is much 

slower than the majority of the exchanges catalyzed by the 

phosphate translocator. 

Substrates for the Phosphate Translocator 

Phosphate will exchange for anions, such as sulfite 

and sulfate, but not for chloroide, nitrate, acetate, 

malate, pyruvate, or carbonate. Exchange of phosphate 

appears to be specific. Separation of chloroplasts from 

their suspending medium by centrifugation through silicone 

oil requires less than 2 s (Lilley et al. 1977) such that 

the actual rate of exchange of phosphate for PGA could be 

as much as 15% below the calculated value. The exchange 

rate is also dependent on the concentration of phosphate 

and PGA in the stroma and medium. Assuming that the 

activity of the translocator doubles with every 10 degree 

increase in temperature, the exchange rate of PGA (.as 

measured in Figure 27). would be 190 pinole (mg chl'hr)"^ at 

25°C, a value sufficient to account for export of photo-

synthate during photosynthesis. 
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GENERAL CONCLUSIONS 
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CHAPTER 7 

CONCLUSIONS 

Ribulose 1,5-bisphosphate carboxylase/oxygenase is 

2+ 
activated by incubation with CO2 and Mg . This reaction 

is pH dependent, occurring more readily at higher pH values, 

and is thought to involve the unprotonated amino group of a 

lysine residue (Lorimer et al. 1976). There are many 

compounds which affect the activity of the carboxylase, 

including several which are chloroplast metabolites. 

Exposure of the carboxylase to activators alters its 

2+ 
response to C02> Mg , and pH in a manner suggestive of a 

change in one of the two pH dependent reactions involved in 

the activation process. The ratio of the carboxylase to 

oxygenase function is not changed by effector induced 

changes in activation, suggesting that the two functions 

share a common site. 

Compounds which activate the carboxylase have 

certain attributes in common. They all contain a pair of 

oxygen anions usually located in terminal positions on the 

molecule. Terminal groups of known activators include 

carboxylates, phosphates, phosphonates, and sulfonates. 

These terminal groups have as their central atom carbon, 

phosphorus, or sulfur. Any other element capable of 

144 
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forming covalent bonds to both carbon and oxygen could 

probably also function as the central atom of a terminal 

group. Likely candidates for terminal groups include 

nitrates and silicates. The carboxylase responds differ

ently to phosphate and RuBP before and after purification. 

The specific activity of the protein also decreases upon 

purification. These observations suggest that either there 

exists in the chloroplast some set of conditions which 

modulates carboxylase activity, or the protein is in some 

way modified during isolation. Either case implies that 

caution is necessary in extrapolating studies on the 

isolated enzyme to conditions existent in the intact plant. 

It is likely that there exists in the leaf condi

tions under which the activity of the carboxylase limits 

photosynthesis. Various carboxylase activators, including 

phosphonopropionate Ca nonmetabolized PGA analogue), are 

taken up by the chloroplast in exchange for phosphate. 

Addition,of phosphonopropionate to photosynthesizing 

chloroplasts results in an increase in carboxylase activity, 

but a decrease in both RuBP levels and C02 fixation. A 

probable explanation is that exchange of Calvin cycle 

intermediates for phosphonopropionate leads to the observed 

decrease in RuBP, which in turn results in decreased CC>2 

fixation. 
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During chloroplast isolation, there is an exchange 

of sugar phosphates for phosphate present in the suspending 

media. Subsequently, there is a slow leakage of phosphate 

from chloroplasts standing at room temperature in the dark. 

Illumination prevents this leakage, probably by decreasing 

the amount of free inorganic phosphate (by light driven 

incorporation into organic phosphates) in the chloroplast. 

This is probably an artifact of isolated chloroplasts, and 

illustrates their instability after isolation. 

In isolated chloroplasts, phosphate levels appear 

to be involved in controlling the partition of photosynthate 

between starch synthesis and sugar phosphate export, with 

high phosphate favoring export. Over the brief period 

during which isolated chloroplasts will support photo

synthesis, inorganic phosphate concentrations inside the 

chloroplast decrease and starch synthesis increase. 

Even during periods of net starch synthesis in 

isolated chloroplasts, degradation of starch is occurring. 

This suggests that rates of starch synthesis are higher than 

indicated by the simple accumulation of label into the 

starch fraction. 



ABBREVIATIONS 

ADP Adenosine 5'-triphosphate 
AMP Adenosine 5'-monophosphate 

Adenosine 3 ', 5 1 cyclic phosphate CAMP 
Adenosine 5'-monophosphate 
Adenosine 3 ', 5 1 cyclic phosphate 

ATP Adenosine 5'-triphosphate 
Bicine N,N-bis(2-hydroxyethyl) glycine 
DTE Dithioerythrcitol 
EDTA Ethylene diamine tetra acetic acid 
EPR Electron Proton Resonance 
GAP Glyceraldehyde 3-Phosphate 
ml Milliliter 
mm Millimeter 
MOPS Morpholinopropane Sulfonic Acid 
NAD Nicotine adenine dinucleotide, oxidized form 
NADH Nicotine adenine dinucleotide, reduced form 
NADP Nicotine adenine dinucleotide phosphate, 

form 
oxidized 

NADPH Nicotine adenine dinucleotide phosphate, 
form 

reduced 

PAA Phosphonoacetic acid 
PBA Phosphonobutyric acid 
PGA Phosphoglyceric acid 
Pi Phosphate 
PPA Phosphonopropionic acid 
PPi Pyrophosphate 
RuBP Ribulose 1,5-bisphosphate 
SDS Sodium dodecyl sulfate 
Tricine N-tris(hydroxymethyl) methyl glycine 
TRIS Tris(hydroxymethy1) amino methane 
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