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ABSTRACT 

All animals progress through a series of functionally discrete life stages from 

fertilization through adulthood and often into senescence.  Reproduction in the adult 

stage can only occur after maturation—the final life history transition during ontogeny—

from juvenile to adult.  Despite a robust literature that predicts the optimal body size and 

development time at which this transition should occur, the ontogenetic factors that are 

responsible for determining metamorphosis and the manner in which they are translated 

into the hormonal mechanisms regulating maturation remain unresolved in most species.   

In this dissertation, I first review the theoretical context and importance of 

understanding maturation from both life history and physiological/developmental 

perspectives.  Then I review the literature that describes various ontogenetic factors 

thought to determine the onset of maturation in insects.  Finally, I present four studies 

that examine two of the major hypotheses that have been proposed to explain the onset of 

metamorphosis in insects using Manduca sexta larvae (Lepidoptera: Sphingidae) as a 

model organism.  In the first study, I show that physical thresholds are unlikely to be the 

factor that determines maturation in larval M. sexta because larval insects do not seem to 

be growth constrained in the manner assumed in the literature. Next, I present three 

chapters that examine the possibility that attainment of a resource storage threshold is the 

determining factor for the onset of metamorphosis.   

In the first of these studies, I show that there is a hemolytic factor present after 

metamorphic commitment that can induce precocious metamorphosis in larval M. sexta, 

indicating that maturation can be coordinated at least partially from developing tissues 
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throughout the body.  The following study examines resource storage during 

metamorphic commitment in the final larval instar of M. sexta.  I show that resource 

storage is of critical importance during the final period of larval growth in terms of mass 

allocation.  Even with environmentally-induced variability in resource storage, growing 

M. sexta appear to have a target amount of stored resources near the body weight at 

which metamorphic commitment occurs.  Individuals reared on reduced quality diet store 

proportionally more resources with a higher caloric value than individuals reared on in 

terms of fat growth, which is consistent with a decrease in the body weight at 

metamorphic commitment observed in other studies.  Individuals reared at different 

temperatures invest differently in resource storage during growth; however, resource 

storage content tends to converge at the critical weight, which may explain invariance of 

the critical weight in response to rearing temperature found in other studies.  Finally, I 

examine resource storage in the context of allocation tradeoffs with growth and metabolic 

rate.  I demonstrate that storage increases substantially as growth rate declines in the final 

larval instar of M. sexta.   
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CHAPTER I: INTRODUCTION 

 

The life cycle of organisms can be described as a progression of stages with 

specialized developmental, physiological and ecological characteristics that carry the 

organism from fertilization to adulthood and often even farther into senescence.  From 

both an evolutionary and ecological perspective, a defining moment of every life cycle is 

the transition from juvenility to adulthood, or maturation.  At the level of the organism, 

maturation is regulated by hormonal signaling that begins late during juvenile growth and 

proceeds until maturity is attained.  The preceding juvenile period is the phase when 

environmentally-acquired resources are divided amongst somatic growth, storage, 

function and maintenance (Boggs, 2009).  At the onset and following through the process 

of maturation, reproduction becomes a competing demand on nutritional and energetic 

resources and requires that the whole organism energy budget includes sexual 

development, sexual competition, and offspring production (Boggs, 2009).  Thus, 

maturation can be defined as the period of the life cycle in which the development of 

reproductive capability occurs, should be subject to natural selection, and should be 

contingent on ontogenetic fulfillment of juvenile function. 

From a life history perspective, maturation should occur when the fitness benefits 

are outweighed by the fitness costs of remaining in the juvenile stage of life, delaying 

maturation and subsequent reproduction (Roff, 1992; Stearns, 1992).  Furthermore, 

because environmental factors have a strong impact on the life history benefits and costs 

of juvenility, each organism should alter maturation in response to its developmental 
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history and optimize its potential fitness in the face of varying environmental conditions 

(Roff, 1992; Stearns, 1992; Berrigan and Charnov, 1994; Day and Rowe, 2002).  

Interestingly, body size and development time at maturation show a strikingly similar life 

history pattern in response to variable growth for most organisms—a negative tradeoff 

between body size and development time (Day and Rowe, 2002; and references therein).  

The ubiquity of this tradeoff suggests that there may be similar or even common factors 

or mechanisms shaping initiation and variability of body size and development time at 

maturation. 

Theoretical and conceptual life history models have suggested that life history 

variation in body size and development time can be explained when growth-based or 

development-based thresholds are factored into life history models (Wilbur and Collins, 

1973; Berrigan and Charnov, 1994 and references therein; Day and Rowe, 2002 and 

references therein; Nijhout et al. 2006). However, how and what genetic, physiological, 

general ontogenetic cues are assessed at these maturation thresholds remains unresolved 

for most species (Stern and Emlen, 1999; Stern, 2003; Edgar, 2006; Berner and 

Blanckenhorn, 2007). Models that incorporate the underlying physiological bases for 

maturation have proven to explain much of the variation in body size and development 

time (Denver, 1997, 2009, 2013; D’Amico et al., 2001; Davidowitz et al. 2003, 2004; 

Boorse and Denver, 2004; Nijhout et al. 2006, 2010); however, these models could be 

made more explicit if they detailed the ontogenetic factors that cause maturation rather 

than correlates of overall developmental condition (Berner and Blankenhorn, 2007), i.e. 
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critical body sizes or development times that signify the onset of maturation (Bernardo, 

1993). 

Maturation in animals occurs as hormonally-driven developmental changes in 

morphology and function beginning late in the juvenile phase of the life cycle (chordates: 

Fang, 1998; Power et al. 2008; Denver, 2013; Paster, 1991; Frisch 1990 and references 

therein; invertebrtates: Flari and Edwards, 2003; Edgar, 2006; Stieper, 2011).  Across a 

broad taxonomic sampling of animals, the initiation of these hormonal cascades has been 

correlated with the attainment of a critical size threshold at end of the juvenile phase of 

life (Bernardo, 1993).  Attainment of critical sizes as a condition for the onset of 

hormonal cascades regulating maturation have been described in hemimetabolous insects 

(Wigglesworth, 1936; Wigglesworth, 1951; Wigglesworth, 1952; Blakley and Goodner, 

1978; Nijhout, 1979), holometabolous insects (Nijhout and Williams 1974a,b, 1975; 

Bradshaw and Johnson, 1995, Stieper et al., 2008), Daphnia crustaceans (Ebert, 1991; 

Ebert, 1992), fish (Policasky, 1983; Reznick, 1990), anuran amphibians (Wilbur and 

Collins, 1973), domesticated rat (Kennedy and Mitra 1963), domesticated pigs 

(Dickerson et al. 1964), monkeys (van Wagenen 1949), and even humans (Frisch and 

Revelle, 1971; Frisch 1972, Frisch 1974; Frisch, 1990).  Critical sizes provide evidence 

that age and size at maturation are in fact products of a developmental threshold as life 

history models would anticipate; however, body size may only correlate with the critical 

ontogenetic factors that cause hormonal cascades to begin (Stern and Emlen, 1999; Stern, 

2003; Edgar, 2006). 
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  Maturation is a ubiquitous feature of animal life cycles and is a model for 

understanding the evolutionary consequences of life history transitions.  However, the 

ontogenetic factors that determine why maturation begins at the critical size are not 

resolved or even assumed for most species.  In other words, we often know how 

maturation is physiologically regulated once it begins, but the internal conditions or 

factors that are assessed to determine the initiation of maturation are a mystery.  In this 

dissertation, I explore the ontogenetic factors that cause maturation by asking the 

question, what causes organisms mature?  What internal conditions or factors cause 

maturation at the level of an individual? I focus on answering this question using insects, 

which undergo maturation at metamorphosis.   Within the insect literature, numerous 

hypotheses have been proposed that correlate various ontogenetic factors with the 

physiological onset of metamorphosis. However, there has been no general synthesis has 

not been made.  Here, I review the major hypotheses and discuss their implications in the 

context of understanding the initiation of insect metamorphosis.  Then I present four 

chapters that test a subset of these hypotheses empirically using the tobacco hornworm, 

Manduca sexta, as a model organism. 

 

Maturation as Metamorphosis in Insects 

In insects, maturation begins and proceeds during metamorphosis from the 

nymph/larva to adult forms.  During the juvenile stage of life, growth occurs in discrete 

instars that are separated by periodic molting of the exoskeleton, or ecdysis.  Ecdysis is 
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regulated hormonally by ecdysone signaling that causes growth cessation and the 

shedding of the exoskeleton at the end of each larval instar (Truman, 2005).  When 

juvenile hormone is circulating in high titers during ecdysone signaling, a non-

metamorphic molt will occur and the larva will undergo ecdysis into a larger larval form 

(Truman, 2005; Truman and Riddiford, 2007).  A metamorphic molt occurs when 

juvenile hormone is in low titer during ecdysone signaling in the final larval instar, and 

the larva will transition into the pupal form in holometabolous insects or the adult form in 

hemimetabolous insects (Truman, 1974, Nijhout and Williams 1974b; Truman, 2005; 

Truman and Riddiford, 2007).  Thus, the interaction of ecdysone and juvenile hormone 

signaling during the final larval instar regulates the onset of metamorphosis in insects 

(Edgar, 2006; Shingleton, 2011). 

The absence of juvenile hormone followed by ecdysone determines that 

metamorphosis will occur.   Juvenile hormone (JH) is produced by specialized glands 

near the base of the brain called the corpora allata. The absence of JH from the 

hemolymph is a consequence of two physiological factors.  First, JH production is 

stopped when the growing insect reaches a critical size (Wigglesworth, 1932) or critical 

weight (Nijhout and Williams 1974a,b, 1975; Davidowitz et al. 2003) approximately 

half-way through growth of the last larval instar. Second, residual circulating juvenile 

hormone is broken down by a juvenile hormone esterase (JHE).  Once JH is cleared from 

the hemolymph (Rountree and Bollenbacher, 1986), a prothoracitropic hormone (PTTH) 

is secreted by the brain to stimulate the production of ecdysone (20E) from the 

prothoracic gland (Truman, 1972, 1974).  The secretion and receptivity of PTTH is only 
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active during a temporal window that recurs each day called the “photoperiodic gate” and 

is repressed by the presence of JH (Truman, 1972, 1974).  Edysone signaling occurs in 

two discrete pulses that are separated temporally by a few days (Truman, 1974).  The first 

pulse of 20E causes feeding cessation, gut purge, and wandering behavior followed by a 

quiescent period when the larvae prepares for metamorphosis, and the second pulse of 

20E results in shedding of the exoskeleton and metamorphosis to the pupal and/or adult 

stage of life. (Truman, 1974; Truman, 2005).   

This hormonal cascade from the deactivation of JH through ecdysone signaling is 

often collectively treated as the mechanism regulating metamorphosis as a whole.  

However, the pathway can be broken down even further based on functional significance 

of each portion of the hormonal cascade. JH presence or absence at the time of ecdysis 

determines the identity of the molt—whether it is non-metamorphic or metamorphic. 

Ecdysone signaling determines the occurrence of growth cessation and molting.  Taken 

as a whole, the factors regulating JH secretion are responsible for metamorphic 

commitment, or a transition in life cycle identity, and the factors regulating ecdysone are 

responsible for ecdysal commitment, the periodic shedding of the cuticle.  Thus, the 

ontogenetic factors that contribute to the decision to stop JH production by the corpora 

allata are the proximate cause of metamorphosis. 

 

Review of hypothesis for the ontogenetic cause of maturation 

Neuroendocrine Drive Hypothesis 
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It is possible that the onset of metamorphic commitment in insects is due to 

hormonal changes associated with growth and development of the neuroendocrine tissues 

themselves and not a consequence of assessment of time, body size, development, 

growth, or resource storage.  Experimentally increasing the growth of the ring gland, 

which contains both corpora allata and prothoracic tissues, causes precocious 

metamorphosis in Drosophila melanogaster, while suppressing nutritional intake of the 

ring gland delays metamorphosis (Mirth and Riddiford, 2005).  Thus autonomous 

development or growth of the ring gland in response to nutritional signaling could 

potentially explain why the critical weight and metamorphic commitment occur along 

ontogeny (Mirth and Riddiford, 2005; Mirth et al., 2007; Layalle et al., 2008).  Under this 

hypothesis, organismal growth and development is coordinated only through nutritional 

signaling, and metamorphosis occurs without developmentally-coordinating signals from 

other tissues throughout the growing larval body (Mirth and Riddiford, 2005; Mirth et al. 

2007).    

Genetic Clock Hypothesis 

Another hypothesis is that onset of maturation is determined by a “genetetic 

clock” that keeps track of either chronological or developmental time.  At the most basic 

level, all organismal traits are the consequence of genetic expression, including events as 

complex as life history transitions.  It is no surprise then that many genes have been 

found to be up- or down-regulated beginning at and following through metamorphosis in 

insects (Riddiford et al., 2003).  An interesting possibility is that some subset of these 

genes are regulating not only functional but also temporal metamorphic development at 
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the end of the larval period.  These genes may assess developmental or chronological 

time and act as a switching mechanism between the larval developmental program and 

the metamorphic developmental program.  Recently, two genes in particular—lin4 and 

let7—have been shown to temporally regulate the timing of metamorphosis in 

Drosophila melanogaster and perhaps in Ecdysozoa more broadly (Thummel, 2001; 

Keshan et al. 2006; Moss, 2007; Tenneson and Thummel, 2008; Cullen, 2012).  This 

suggests that some aspect of time is assessed throughout development and is involved in 

the initiation of metamorphosis. However, developmental events controlled by circadian 

rhythms are also dependent on developmental status (Qiu and Hardin, 1996). 

There is strong evidence that photoperiod, and thus circadian cycles, is important 

in the timing of metamorphosis in insects. In both D. melanogaster and M. sexta, the 

secretion of ecdysone-stimulating PTTH is well-known to be restricted to a discrete 

photoperiodic gate that recurs each day (Truman, 1974a; Mukharjee et al., 2012).  

Individuals that have cleared circulating juvenile hormone from the body when the gate is 

still “open” will immediately secrete PTTH.  Individuals that clear juvenile hormone 

when the photoperiodic gate is “closed” will delay PTTH until the opening of the next 

photoperiodic gate.  This is strong evidence that the timing of ecdysis is partially 

regulated by a circadian clock (Truman, 1972, 1974). However, there is no evidence that 

photoperiodism is involved in the regulation of JH signaling, which determines 

metamorphosis at ecdysis. 

Physical or Structural Thresholds Hypothesis 



17 

 

Growth is potentially challenging as the organism progresses during ontogeny, 

and there may be maximum limits on the size that can be attained for any particular 

morphological or physiological bauplan.  When growth is restricted only to the juvenile 

period, as in insects, it is possible that attaining these growth limitations is the trigger for 

metamorphic change to the adult.   

Insect growth in particular is hypothetically limited in two related ways. First, 

insects secrete a protective chitinous exoskeleton that is potentially limited in its ability to 

accommodate additional biomass. Larval insects, even those with unsclerotized 

exoskeletons, can only add a limited amount of mass before that exoskeleton can stretch 

no further. For this reason, juvenile insects periodically molt and form larger 

exoskeletons that permit additional growth.  Growth relative to a fixed exoskeleton size 

may serve at the critical factor determining the initiation of metamorphosis. The only 

insects for which the mechanism controlling metamorphic commitment has been well-

elucidated are the kissing bug, Rhodnius prolixus, and the milkweed bug, Oncopeltus 

fasciatus.  In both of these insects, abdominal stretch receptors cause JH production to 

stop when they are distended (Wigglesworth, 1932; Nijhout, 1979).  This suggests that 

growth can be directly assessed by growing larval insects especially in reference to the 

limited size of the exoskeleton.  However, this mechanism appears to be restricted to this 

order of insect (Nijhout, 1994).   

Second, the insect respiratory system is derived from invaginations of the 

epidermis, which forms the exoskeleton, and are lined with a chitinous layer that is 

developmentally homologous with the chitinous external exoskeleton.  For this reason, 
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the respiratory system is assumed to enlarge only during larval molts, which are 

temporally disconnected from biomass growth that occurs between molts.  As a 

consequence, growing larval insects may become increasingly oxygen limited as their 

mass increases without corresponding increases in the respiratory system. The resulting 

hypoxia from the decoupling of body and respiratory growth been hypothesized to be a 

trigger for molting and metamorphosis (Callier and Nijhout 2011).   

 Size and oxygen-limitation alone are unlikely to be the critical factor determining 

metamorphosis, as both exoskeleton and respiratory volumes can increase throughout 

larval growth (Wielgus and Gilbert, 1978; Wolfgang and Riddiford, 1981; Kaznowski et 

al., 1985; Helm and Davidowitz, in review), despite assumptions otherwise.  Second, 

oxygen limitation occurs not only during metamorphic commitment in the last instar but 

also during all larval instars.  This suggests that oxygen limitation is not the factor that 

contributes to metamorphosis but rather to the occurrence of ecdysis more broadly. 

Physiological assessment of structural thresholds has been shown to be a factor 

determining metamorphosis in Hemipterans (Blakely and Goodner, 1978; Nijhout, 1979); 

however, stretch reception is also consistent with other hypotheses explaining how 

metamorphosis is determined.  Hemipterans in particular feed on liquid resources, and 

may initiate molts and metamorphosis when they have collected an adequate meal 

volume, thus supporting another hypothesis, the resource threshold hypothesis (see 

below).   

In the holometabolous insects, size and oxygen-limitation alone are unlikely to be 

the lone critical cue determining metamorphosis as both exoskeleton and respiratory 
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volumes increase throughout larval growth (Wielgus and Gilbert, 1978; Wolfgang and 

Riddiford, 1981; Kaznowski et al., 1985; Helm and Davidowitz, Appendix A), despite 

assumptions otherwise.  Moreover, oxygen limitation as the caterpillar grows appears to 

recur each larval instar, suggesting it plays a role in occurrence of ecdysis rather than in 

metamorphic commitment. 

Developmental Threshold Hypothesis 

The juvenile portion of the life cycle is often an intense period of morphological 

and physiological development, and specific body components may have to reach critical 

developmental states in order for maturation to occur at all.  Attainment of these critical 

states may serve as the trigger for metamorphosis commitment in insects.  Many studies 

have investigated the possible regulation of metamorphic onset by the developing 

imaginal discs, groups of cells that grow throughout the larval phase of life and 

proliferate into external adult structures such as eyes, wings, legs and genitalia during 

metamorphosis.  In holometabolous insects, imaginal discs grow exponentially during the 

final larval instar, even when ecdysone signaling has caused feeding and whole body 

growth of the larvae to stop (Nijhout et al., 2007). Thus, imaginal disc growth switches 

from nutritionally-dependent to nutritionally-independent growth during hormonal 

processes underlying metamorphic and ecdysal commitment (MacWhinnie et al. 2005; 

Mirth et al. 2009).  This switch from nutritionally-dependent to –independent 

development parallels the response of development time to starvation after attainment of 

the critical weight (Nijhout and Williams, 1974, 1975; Davidowitz et al., 2003).  

Damaging or stunting the growth of imaginal discs within the larval period typically 
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results in delayed metamorphosis while imaginal discs repair themselves (rev. Worley et 

al. 2012). Thus, imaginal discs appear to intrinsically assess developmental status, and 

systemically suppress metamorphosis when they have not reached an adequate state for 

successful development into the adult form (Colombani et al., 2008; Halme et al. 2010).  

Metamorphic delay is mediated through the promotion of Dilp8 signaling from 

damaged imaginal discs, which suppresses metamorphosis through its action on the 

tissues coordinating metamorphic hormonal signaling (Colombani et al. 2008).  This 

delay has been shown to be correlated with increased mass of the critical weight in D. 

melanogaster, which suggests a role of imaginal disc development in metamorphic 

commitment apart from ecdysal commitment (Stieper et al. 2008).  Thus, there is strong 

evidence that metamorphosis is regulated by development of the imaginal discs in 

insects.  On the other hand, the presence of juvenile hormone, the global regulator of 

metamorphic determination, inhibits the proliferation of imaginal discs (Oberlander et al., 

2000; Nijhout et al. 2007). 

Resource Threshold Hypothesis 

Metamorphosis in insects is uniquely challenging from an energetic and 

nutritional perspective because feeding stops at the end of the larval stage.  As a 

consequence, all of the resources required to complete development into the adult form 

must be derived during the larval stage.  Moreover, provisioning of reproduction often 

begins only once enough resources have been accumulated, which occurs primarily 

during the pupal stage for Lepidoptera when there is no feeding (Wheeler, 1996; Hatle et 

al., 2004, 2006; Jervis et al., 2005). Larval-derived resources are often a key source of 
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reproductive provisioning in holometabolous insects (Boggs, 1997a,b; O’Brien et al., 

2002, 2005).  Taken together, metamorphosis should only begin once there is a critical 

threshold of resources accumulated during the larval stage to ensure successful 

metamorphosis. 

The primary resource-processing and storage tissues in insects are the fat bodies.  

Fat bodies are diffuse structures located throughout the body, generally most 

concentrated in the abdomen (Arrese and Soulages, 2009).  Fat bodies metabolically 

convert incoming digested resources into nutritional packages that can be utilized by all 

of the tissues of the body and store reserves of nutritional resources: lipids, glycogen and 

storage proteins (Arrese and Soulages, 2009).  Because of the central role that fat bodies 

play in both nutritional resource processing and nutritional resource storage, they are a 

likely assessor of nutritional status.  In fact, fat bodies assess nutrition and secondarily 

signal global growth factors and growth factors that affect the imaginal discs (Kawamura 

et al., 1999; Colombani et al., 2003) 

Multiple Factors 

The life history transition from larva to adult is complex and will likely involve 

the interaction and coordination of many physiological systems and processes (Heyland 

and Moroz, 2006).  The current trend in the literature is to investigate the role that any 

one particular ontogenetic factor may play in the timing of metamorphosis as a whole. 

However, metamorphosis is likely to be a consequence of many factors that each affect 

the hormonal cascade leading to metamorphosis differently.  Identifying how these 

factors affect various aspects of the metamorphic hormonal cascade will allow cause and 
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effect relationships to be inferred. As a consequence, the factors determining the 

transition in form from juvenile to adult can be separated from those that determine the 

occurrence of ecdysis.   

 

Explanation of the Dissertation Format 

This dissertation explores the role that nutritional storage plays during organismal 

growth and metamorphic commitment in the tobacco hornworm, Manduca sexta 

(Lepidoptera: Sphingidae).  It is presented as four independent manuscripts. First, I show 

that growth limitation is unlikely to play a role in the decision to undergo metamorphosis 

in the final larval instar of M. sexta.  Neither the exoskeleton nor the tracheal system 

remain size-fixed during growth in a manner that is consistent the hypothesis that 

physical thresholds determine the onset of metamorphosis. Appendix A examines the 

growth of the respiratory system and exoskeleton as essential components of larval 

development and challenges the assumption and hypothesis that limited oxygen delivery 

capability serves as the proximate cue for the onset of metamorphic commitment.  

Second, I show that metamorphic commitment is affected by some ontogenetic aspect of 

larval development by demonstrating the presence of a hemolytic factor that can cause 

precious metamorphic commitment.  This factor is independent of physiologically 

available nutritional resources for growth and development. Appendix B demonstrates 

this conclusion by examining the occurrence of metamorphosis in response to two 

physiological manipulation: hemolymph transfusions and direct nutrient injections.  Next, 

I show that resource storage is a critical process during the final larval instar, and relative 
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mass allocation to resource storage as well as caloric content can account for plasticity in 

the body size at which metamorphic commitment occurs, defined as the “critical weight” 

(Nijhout and Williams, 1974; Davidowitz et al., 2003, 2004). Appendix C quantifies the 

mass growth, chemical content and caloric content of the larval fat bodies when larvae 

are reared at different temperature and nutritional treatments.  Finally, I show that 

allocation to storage trades off with growth and metabolic rate in the final larval instar. 

Appendix D examines relative allocation to and amongst storage, growth and metabolic 

rate during ontogeny in 5th instar M. sexta.  Together these chapters provide evidence 

against the role of physical thresholds in the determination of metamorphosis and provide 

evidence for the role of resource storage thresholds.   
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CHAPTER II: PRESENT STUDY 

 

 The methods, results, and conclusions of this study presented in papers appended 

this dissertation. The following is a summary of the most important findings of these 

papers. 

 

Appendix A examines the growth dynamics of the larval respiratory system in M. sexta 

larvae during the final larval instar, when metamorphic commitment occurs.  A long-held 

assumption in insect physiology is that the inflexible properties of chitinous exoskeleton 

and tracheae limit growth in insects.  Growth limitation either by exoskeletal limitation 

(Wigglesworth, 1932) or tracheal limitation (Callier and Nijhout, 2011) have been 

proposed as ontogenetic explanations for the onset of metamorphosis.  I measured mass 

and volume dynamics of the larval exoskeleton and tracheal system during larval growth.  

Contrary to the assumption that these structures are constrain growth, I demonstrate 

exponential increases in the size of the structures during larval growth.  I conclude that 

neither exoskeleton nor tracheal systems are truly size-limited during growth and 

metamorphic commitment, providing evidence against the Physical/Structural Limitation 

Hypothesis. 

 

Appendix B experimentally examines the possibility that metamorphic commitment is 

under the influence of ontogenetic factors that are signaled via the hemolymph.  I 

measured the timing and size consequences of growth cessation and metamorphosis in 

response to two experimental treatments.  In the first study, I transfused hemolymph from 
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both post-critical weight and pre-critical weight M. sexta larvae.  I demonstrate that 

hemolymph from post-critical weight donors caused a significant shift forward in the 

timing of growth cessation, whereas hemolymph from pre-critical weight donors caused 

no discernable shift in development time.  In the second study, I injected carbohydrates, 

amino acids, or a combination into pre-critical weight M. sexta larvae.  Nutrient 

injections caused no statistically-supported shift in development time or body size at 

growth cessation or metamorphosis, and there was a trend towards prolonged 

development and larger body size compared with controls.  I conclude that there is a 

hemolymph-born factor present after critical weight attainment that can induce 

precocious development.  This factor is distinct from nutrient intake, as injections of 

carbohydrates and amino acids did not cause downwards shifts in development time or 

body size at growth cessation. 

 

Appendix C examines the growth of the fat body relative to whole body growth during 

the 5th instar in M. sexta larvae.  The critical weight varies with diet quality but is 

invariant with respect to temperature (Davidowitz et al., 2003; 2004).  If a resource 

threshold is the ontogenetic factor that determines metamorphic onset during larval 

growth, then we would expect changes in fat body growth respective to body mass 

growth that correlate with changes in the critical weight.  I measured the total fat body 

mass, fat body chemical content, and fat body caloric content relative to body mass 

growth of M. sexta larvae when reared on either high or low quality diet and when reared 

at 30C, 25C or 20C.  I showed that lowered diet quality increases the relative allocation 
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to the fat body during growth, and that allocation to storage increased when reared under 

progressively warmer temperatures.  Tissue composition in terms of protein, glycogen 

and protein content did not change throughout growth of the larval instar or in response 

to diet quality or temperature. However, I found that caloric value of the fat bodies was 

higher when reared on poor quality diet.  When the scaling relationships of fat body 

allocation were compared across treatments, I showed that relative fat content converged 

around the critical weight.  I conclude that convergence of fat body masses near the 

critical weight is consistent with a resource storage threshold hypothesis 

 

Appendix D examines the relative allocation between resource storage, growth and 

metabolic rate in response to diet quality and temperature during 5th instar growth and 

metamorphic commitment in M. sexta.  First, I reared larvae under 5 environmental 

conditions and assayed resource storage, growth rates, and metabolic rates during growth 

and metamorphic commitment.  Then, I then used mass-specific descriptions of resource 

storage, growth and metabolic rate to examine how the tradeoffs between these processes 

are change along ontogeny and in response to environmental conditions.  I found that 

relative storage, growth and metabolic rate are all affected by environmental conditions 

during 5th instar growth.  Tradeoffs between these processes are also influenced by 

environmental conditions; however, the general patterns describing the relationships are 

not reshaped by environment. I concluded that metamorphic commitment during growth 

is associated with a shift in relationships between storage and growth change during the 
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5th instar.  Initially growth and storage are positively correlated; however, this 

relationship changes to a negative tradeoff when growth rate declines. 
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Summary 

Organisms must sustain oxygen delivery to developing tissues as body mass 

increases during growth. In insects, the growth of the respiratory system has been 

assumed to occur only when they molt, whereas body mass and volume increase during 

the larval stages between molts.  This decouples whole body growth from the growth of 

the oxygen supply system. This assumption is derived from the observation that the insect 

respiratory system is an invagination of the exoskeleton, which must be shed during 

molts for continued growth to occur. Here, we provide evidence that this assumption is 

incorrect. We found that the respiratory system increases substantially in both mass and 

volume within the last larval instar of Manduca sexta larvae, and that the growth of the 

respiratory system changes with diet quality, potentially as a consequence of shifting 

metabolic demands. 

 

Introduction 

The balance between oxygen demand and the oxygen supply system is a key 

physiological factor underlying nearly every aspect of organismal function. In most large 

animals, physiological supply networks distribute oxygen throughout the body, and 

energy from the metabolism that results is used to fuel key processes such as 

maintenance, development and growth.  Whole-organism growth during the juvenile 

period in particular is energetically demanding, in part because it is expensive to grow 

new tissues, and metabolic demand increases with total body mass (Glazier, 2005; da 
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Silva et al., 2006; Biswas et al., 2008).  As an organism grows, its respiratory capacity 

must also increase so that new tissues can be supplied with oxygen. 

 

In all insects, oxygen delivery occurs through a ramifying series of hollow 

tubules, called tracheae and tracheoles, which branch inward from external openings in 

the exoskeleton called spiracles (Fig. 1, Chapman, 1998). Tracheae develop during the 

embryo stage from invaginations of the epidermal tissue of the exoskeleton, subsequently 

decreasing in diameter with each branching so that the smallest tracheoles supply oxygen 

directly to tissues and cells (Chapman, 1998; Affolter et al. 2008; Samakovlis et al. 

1996). Tracheae and tracheoles develop by distinct developmental mechanisms that drive 

branching tubulogensis during embryogenesis and later as a consequence of oxygen 

deprivation signaling (Affolter et al., 2003; Uv et al., 2003; Samakovlis et al., 2006; 

Affolter and Caussinus 2008; Centanin et al., 2008; Centanin et al., 2010).  For 

simplicity, we collectively refer to the entire tracheal system as “tracheae,” although there 

are systematic physical and structural differences as tracheae branch and decrease in 

diameter. 

 

The current model of insect respiratory growth and physiology assumes that 

major changes in the structure and size of the tracheal system are constrained to occur 

during molts, as tracheae are lined with a layer of cuticle, developmentally homologous 

to the insect exoskeleton and epidermis (Chapman, 1998; Klowden, 2007; Callier and 

Nijhout, 2011). During the larval period, all insects undergo a number of discrete stages 
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termed “instars,” separated temporally by molts. During a larval molt, the exoskeletal and 

tracheal cuticles are shed, permitting growth of a larger exoskeleton and tracheal system.  

This molting cycle results in discrete jumps in tracheal branch diameters and volume 

capacity between juvenile instars (Chapman, 1998; Beitel and Krasnow 2000; Callier and 

Nijhout, 2011). However, growth that occurs during larval feeding is assumed to be 

decoupled from the growth of the respiratory system, and may thus result in oxygen 

supply limitation (Callier and Nijhout, 2011).   

 

Holometabolous insects in particular (e.g., Lepidoptera, Coleoptera, Diptera, and 

Hymenoptera) can undergo substantial increases in body mass within a single larval 

instar, with most of the absolute growth occurring in the instar preceding metamorphosis 

(Davidowitz et al., 2004; Shingleton et al., 2008). Body size increases within all larval 

instars in both mass (Nijhout et al., 2006; Sears et al., 2012) and volume (Wielgus and 

Gilbert, 1978; Lin et al., 2009), whereas tracheae are assumed to remain size-fixed, such 

that growing larvae may become increasingly oxygen limited as growth progresses 

(Chapman, 1998; Callier and Nijhout, 2011).  While behavioral mechanisms may allow 

for some compensation in oxygen delivery as the larva grows, these mechanisms cannot 

explain how oxygen is adequately supplied to newly developed tissues, for example, the 

larval fat body.  An alternative hypothesis is that tracheal systems may lengthen 

continuously throughout larval development to accommodate oxygen delivery via 

“tracheole sprouting” or general increases in the amount of tracheae (Samaklovis et al., 
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1996; Jarecki et al., 1999; Greenlee and Harrison, 2005). However, quantification of 

tracheal growth has proved elusive.. 

  

In this study, we test the assumption that the tracheal system is size-fixed during 

larval growth in the tobacco hornworm, Manduca sexta (Lepidoptera: Sphingidae). We 

measured dry tracheal mass and volume during the growth phase of 5th instar of M. sexta 

larvae.  We predicted that if tracheae are size-fixed within a larval instar, tracheal volume 

and mass should both remain constant as body mass increases during the growth phase of 

the instar, i.e., that the slopes of these relationships would not be significantly different 

from zero. Second, we assessed dry tracheal mass scaling of larva when larval diet 

quality was manipulated.  Previous studies have shown that lowered diet quality causes a 

reduction in metabolic rates (Cruz-Neto and Bozinovic, 2004; Jeyasingh, 2007). Thus, we 

expected metabolic demand to be lower in larvae fed nutritionally poorer diets.  Most of 

the absolute growth occurs exclusively within the last instar (Davidowitz et al. 2003). We 

test for effects of nutritional quality on tracheal growth by rearing larvae on high quality 

diet continuously, low quality diet continuously, or switched from high to low at the 

beginning of the 5th instar.  If tracheal growth is a product of metabolic demand, then 

tracheal allometries should reflect changes that would be consistent with changes in diet 

quality.   We predicted that there should be decreases in the overall tracheal scaling with 

reduction of diet quality. 

      

Materials and Methods  



44 

 

 

Study Organism and Rearing Conditions 

We assessed body mass, dry tracheal mass, and tracheal volume of Manduca 

sexta during the feeding phase of the 5th (last) larval instar.  Over 90% of larval growth 

occurs during this last larval instar (Davidowitz et al. 2004).  For tracheal mass 

measurements, M. sexta larvae were fed an artificial wheat germ-based diet ad libitum 

that was either of standard (high) or reduced (low) nutritive quality (see Davidowitz et 

al., 2003 for diet ingredients). Low quality artificial diet differed from high quality diet in 

two ways. First, nutritive components of the diet (wheat germ, protein, lipid, and 

carbohydrate) were reduced in quantity by 40% of their value in high quality diet, so that 

the low quality diet had 60% of the nutritional value of the standard rearing (100%) diet.  

Second, non-nutritive cellulose (MP Biomedical, Alphacel non-nutritive bulk, Solon OH) 

was added as mass filler for removed ingredients. For the tracheal mass experiments, 

larvae were hatched from eggs obtained from our laboratory colony at the University of 

Arizona and reared in an environmental chamber under a 16:8 light-dark photoperiod at 

25C. Cohorts of larvae with common egg laid and hatch dates were kept in 35.5 x 22 x 

10cm lidded metal trays. Artificial food and larvae were suspended above the bottom of 

the trays on hardwire mesh platforms (6mm mesh for instars 1 to 4, 12mm mesh for 5th 

instar). Cohorts of larvae were further subdivided as they progressed from 4th to 5th instar 

to reduce crowding. Cohorts of larvae were checked daily to ensure adequate food supply 

and cleanliness. For tracheal volume measurements, larvae were not reared from eggs, 
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but rather were obtained as 5th instar larvae directly from our laboratory colony. Larvae in 

both experiments experienced similar rearing regimes. 

 

Tracheal Mass Measurements 

We sampled 80 5th instar M. sexta larvae ranging in mass from 1.50 to 10.73 

grams. Each individual was weighed (Denver Instrument MXX-123) and euthanized by a 

brief (<5 sec) immersion in boiling water. Samples were then placed in a 2% NaOH 

solution to dissolve non-chitinous soft-tissues. Samples were submerged in the NaOH 

solution for a total of 4 days, and the solution was refreshed 2 days into the procedure. 

Prior to dissolution, small incisions were made on the prothoracic dorsum and abdominal 

segment 8-10 between horn and anus to allow solution to enter the body cavity. At the 

end of the 4 days, samples were gently and thoroughly rinsed with DI water and then 

placed in a 30% alcohol solution until dissection. 

 

The tracheal system of each sample was exposed by cutting through the 

exoskeleton between previously made incisions for tissue dissolution (see above). 

Longitudinally-running tracheae were severed between each body segment, and tracheal 

branches of each abdominal body segment were removed by gently pulling the tracheal 

branches and spiracles from the exoskeletal cuticle at the spiracular suture. Tracheae 

from each segment were then dried for a minimum of 48 hrs in a 50C drying oven and 

weighed (Sartorius Microbalance, Gottingen DE). Abdominal tracheal mass was 

determined by summing the tracheal mass from each abdominal segment.  
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Tracheal Volume Measurements 

To estimate tracheal volumes of 5th instar M. sexta larvae, we used a volume 

displacement method (Wigglesworth, 1952; Callier and Nijhout, 2011). We sampled 30 

5th instar M. sexta larvae, ranging in mass from 0.96 g to 12.69 g.  Each individual was 

weighed (Metler Toledo ML54) and then anesthetized briefly under a carbon dioxide 

flow (~1 min). Individual larvae were placed into a 60ml plastic syringe, to which a valve 

stem had been attached. 30 ml of a 0.5% soap solution were drawn into the syringe so 

that the larva was submerged and excess air bubbles released. With the valve stem closed, 

the syringe was drawn to the 60ml mark line and held, displacing air from the tracheal 

system. Once air bubbles were no longer observed exiting the spiracles, pressure in the 

syringe was released slowly, allowing the soap solution to enter the tracheae. This 

process was repeated until no new air bubbles were seen escaping from the spiracles (4-5 

cycles), and slight pressure was applied to force solution into tracheal tubes. Larvae were 

removed from the syringe. Surface moisture was wicked away. The larvae were then 

weighed a second time. We calculated the relationship between mass and volume of the 

soap solution (R2=0.99, n=20) and used the resulting regression equation (tracheal 

volume=1056.67(Δmass)-0.2876) to estimate tracheae volume from change in mass.  

 

Exoskeletal Mass and Body Volume Measurements 

We sampled 60 M. sexta across the size range of the 5th instar and treated them 

with the soft tissue base dissolution as before (see above).  Exoskeletons that remained 
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after the base dissolution were then stretched to full distension and flattened between 

microscope slides until dried.  Each exoskeleton was weighed and then photographed 

with a Canon DSLR 20D, affixed to a camera stand.  We then measured the length and 

circumference of exoskeletons digitally using the MATLAB 2012a Image Analysis 

Toolkit. We estimated body volume by modeling the measures as a cylinder, lπr2, where l 

represents axial length and r represents radius calculated from the exoskeleton 

circumference. 

 

Mass-Scaling of Tracheal System on Different Diet Quality Treatments 

We reared larvae on three artificial diet treatments. Groups of larvae were reared 

on high and low quality artificial diet treatments. A third group of larvae was reared on 

high quality diet for instars one through four and then switched to low quality diet for the 

final 5th instar.  Eighty individuals were sampled from each group, and tracheal masses 

were measured as described above with the exception that all tracheae were extracted 

(including thoracic tracheae). Tracheal systems were dried and weighed as before. 

 

Statistical Analyses 

Tracheal mass and volumes were analyzed using an allometric approach, wherein 

log-transformed values of mass and volume are regressed against log-transformed values 

of body size. Allometric analysis was performed and the relationship between size 

measures were described with the allometric equations, y=mxb, linearized as log y = b 

log x + log m.  The coefficient (b) indicates the scaling coefficient, or slope, describing 
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the relationship between traits x and y. A scaling coefficient value of one indicates an 

isometric relationship between the traits, i.e. that both traits increase proportionally with 

one another as body size increases.   

For all scaling regressions, we fitted Type II standardized major axis (SMA) 

regressions to log-transformed values of tracheal size (mass and volume) and body mass 

(mass and volume) using the package SMATR in R for Linux (v. 2.15.1) (Warton et al., 

2006, R Core Team, 2012).  We compared the fitted scaling coefficients to an expectation 

of isometry using a slope test for each regression, and we tested for differences in the 

slope of scaling relationships in cases with multiple comparisons using SMATR. 

We estimated the tracheal scaling relationship of dry abdominal tracheal mass 

against whole body mass.  Because the tracheal mass of each abdominal segment was 

measured, we also determined the tracheal scaling relationship of each abdominal body 

segment individually.  Tracheal cuticle only represents a small proportion of the total 

cuticle mass, so we also determined the tracheal scaling relationship with exoskeletal 

mass, which represents chitinous growth. For each group of larvae, exoskeletal mass was 

regressed against whole body mass and the resulting equation (exoskeleton mass = 12.53 

wholebody mass - 4.52) was used to predict exoskeletal mass of samples for which the 

tracheal mass had been measured.  Then, log-transformed tracheal mass was regressed 

against predicted log-transformed exoskeletal mass to determine the allometric 

relationship of tracheal and exoskeletal growth.  The ratio of dry tracheal mass and 

exoskeletal mass was analyzed as a function of whole body mass to determine how 

tracheal investment varies in terms of chitinous investment during growth.   
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We estimated the tracheal volume scaling by regression of tracheal volumes 

against whole body mass.  Then, we regressed body volumes estimated from 

exoskeletons and used the equation, body volume =1030.65 body mass + 888.61, to 

predict body volumes for samples for which tracheal volumes had been measured.  Log-

transformed values of tracheal volumes were then regressed against predicted log-

transformed body volumes to determine the allometric relationship between tracheal body 

volume.  The ratio of tracheal volume to body volume was subsequently analyzed as a 

function of whole body mass to determine how tracheal volumes vary in terms of total 

body volume during growth. 

Finally, we determined the tracheal mass scaling for larvae that had been reared 

on the standard diet quality (100%), reduced diet quality (60%), or switched from high to 

low quality diet at the beginning of the 5th instar.  We performed an analysis of variance 

to determine whether body mass, development time and diet quality had effects on 

tracheal mass.  Then, we regressed total dry tracheal mass against body mass for each 

treatment and compared the slopes using SMATR.   

 

Microscopy of Tracheae 

We imaged each of the tracheal bundles from one small (day 2, 2.25 g) and one 

large (day 5, 10.31 gram) larvae.  Each sample was processed with a tissue dissolution 

and tracheal dissection as before.  At the time of dissection, the tracheal branches from 

each spiracle were dissected individually and mounted on 25.4 x 76.2 mm microscope 

slides.  Tracheae were placed gently onto the microscope slides, and the branches were 
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spread by dripping small amounts of water on the samples.  Excess water was wicked 

away, and samples were allowed to dry, fixing them to the microscope slide.   Each 

bundle of tracheae was then imaged using a Leica M205A dissecting microscope with a 

Leica DFC400 digital camera at 7.8x magnification.  

Results 

Dry tracheal mass and tracheal volumes increased with whole body mass in 5th 

instar M. sexta larvae. Tracheal mass increased from approximately 1 mg dry mass in the 

smallest and youngest 5th instar larvae to approximately 9 mg dry mass by the end of the 

larval growth (Figure 2A: SMA, b=0.91, R2=0.84, P<0.001). The slope of this 

relationship was found to be significantly less than isometry (Slope Test, r=-0.23, 

P=0.04), indicating that tracheal mass increased at a slower rate than body mass during 

growth.  This increase in the dry tracheal mass was a consequence of tracheal mass 

growth in all of the abdominal segments independently, though the scaling relationship 

observed varied among the abdominal segments (Table 1).  Exoskeletal mass increased 

steadily as whole body mass increased during the growth period (Fig. 2B), approximately 

12 mg exoskeletal growth per 1 g body mass growth (Figure 2B: SMA, b=12.43, 

R2=0.93, P<0.001).  Using this regression, we calculated that tracheal mass scaled with 

exoskeletal mass hypoallometrically (Fig 2C: SMA, b=0.83, R2=0.84, P<0.001) with a 

slope significantly less than 1 (Slope Test, r=-0.43,P<0.001).  The chitinous tracheal mass 

only represented a very small proportion of the total body mass, approximately 0.001%; 

however, it comprised approximately 9% of the total chitinous mass at the beginning of 
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the growth period and declined by approximately 0.6% with each additional gram of 

body mass growth (Figure 2D: SMA, b=-0.0059, R2=0.26,P<0.001). 

Additionally, tracheal volumes increased from approximately 100µl in small M. 

sexta larvae to over 1000 µl in individuals nearing the end of larval growth (Figure 3A, 

SMA, n=30, b=0.94 R2=0.72, P<0.001). The slope of the volume to body mass scaling 

relationship was indistinguishable from isometry (Slope Test r=-0.11, P=0.55). Body 

volume increased steadily with body mass, such that a 1 g 5th instar larva would have a 

volume of approximately 2000 ul that would increase approximately 1000 ul for each 

gram increase of body mass (Fig. 3B: SMA, b=1030.65, R2=0.89, P<0.001). Using this 

regression to estimate body volumes for tracheal volume measurements, we estimated the 

tracheal volume to body volume scaling relationship to be indistinguishable from 

isometry (Figure 3C: SMA, b=0.94, R2=0.72, P<0.001) (Slope Test, r=0.0059, P=0.96). 

Tracheal volume on average makes up 7.5% (SE: +-0.57%) of the total body volume; 

however, the ratio of tracheal volume relative to body volume does not correlate with 

changes of body volume during growth (Figure 3D: SMA, b=-0.008, R2 0<0.01, P=0.88). 

Two of the samples appear to have especially high ratios, which skewed the results; 

however, removal of these points also yielded no correlation between tracheal volume 

ratio and body mass growth (SMA, b=0.005, R2=0.07, P=0.18).  Therefore, as body size 

increased during growth of the 5th instar, tracheal volume increased proportionally, such 

that at the end of growth, larvae had an equivalent volume of tracheae per unit body mass 

and volume as those at the beginning of the instar. 
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The increases in tracheal mass and volume within the instar were mirrored by 

morphological differences between large and small 5th instar larvae (Figure 4, 

Supplemental Figure 1).  Though the fine details of the tracheal images are difficult to 

compare quantitatively, there appears to be more tracheae in all body segments in the 

larger larva than in the smaller individual (Figure S1).  Comparing specifically between 

homologous sets of tracheae from large and small larvae, there appear to be differences in 

the morphology of the terminal ends of visible tracheae rather than the major tracheal 

trunks more proximal to the spiracle (Figure 4).   

On all three diet treatments, high quality, low quality or highlow quality, 

tracheal mass increased with larval growth. However, the scaling relationship differed 

significantly with diet quality (Multiple Comparison of Slopes, r=9.877, P=0.007).  

Reduction in diet quality did prolong development time, but development time had little 

influence on dry tracheal mass variance after the effects of body mass and diet quality 

treatments are accounted for (Table 2: ANOVA, F,236=0.004, P=0.97).  Larvae reared on 

a high quality diet showed a similar hypoallometric scaling relationship as did the first 

tracheal mass measurement (above), with an increase in tracheal mass (Figure 5A: SMA, 

b=0.89, R2=0.74, P<0.001) and a slope significantly lower than isometry (SMATR slope 

test, r=-0.22, P=0.04).  This hypoallometric relationship between dry tracheal mass and 

body mass was consistent in both experiments in which larvae were reared on high 

quality diet. We compared the regressions from the two experiments and found that there 

are no differences between mass scaling relationships when larvae were reared on 100% 

diet quality, even with the thoracic tracheal masses excluded (SMATR Comparison of 
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Slopes, r=2.63, P=0.11).   Larvae reared on low quality diet showed a positive scaling 

relationship (Figure 5B: SMA, b=1.19, R2=0.84, P<0.001), and the slope was 

significantly greater than isometry (Slope Test, r=0.26, P=0.02). Larvae that had been 

reared on a high quality diet for instars 1 through 4 and then switched to low quality diet 

for the final instar showed an isometric relationship between tracheal mass and body 

mass (Slope Test, r=0.0059, P=0.96), and an intermediate scaling relationship to those 

reared on either high or low quality diets continuously (Figure 6C: SMA, b=1.00 

R2=0.70, P<0.001). Generally, there was an increase in the slope of the mass-scaling 

relationship as diet quality was reduced and as the duration of feeding on the low quality 

diet was increased (Table 3).  There appear to be outliers, which could have skewed the 

regression estimates; however, their removal did not change the observed scaling 

relationships on any of the diet treatments or between diet treatments. 

 

Discussion 

Contrary to the assumption that tracheal size cannot increase within a larval instar 

because cuticle must be shed for continued growth (Callier and Nijhout, 2011a), both 

tracheal mass and tracheal volume increased with body size within the 5th instar M. sexta 

larvae.  Our results show that larval insect tracheae may be capable of responding to body 

growth with increases in both the structural investment and volume of the respiratory 

system, where previously this was assumed not to be possible.  Dry tracheal mass scaled 

hypoallometrically (b<1) with total body mass and exoskeletal mass, while tracheal 

volumes scaled isometrically with body mass and body volume (b=1).  Hypoallometric 
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scaling of the dry tracheal mass and body size suggests a mismatch between growth of 

the respiratory system relative to the whole organism; however, volumetric scaling was 

isometric thus tracheal size increased proportionally to body mass growth.  Using body 

mass to combine the allometric equations for tracheal mass and volume scaling, we 

estimate that tracheal volume scales with dry tracheal mass as, log tracheal volume = 1.03 

log tracheal mass + log 2.01).    

The increases in tracheal structure and volume shown here are consistent with 

studies of respiration in larval M. sexta.  First, Greenlee and Harrison (2005) 

demonstrated that absolute tracheal conductance increases, although mass-specific 

tracheal conductance decreases, from the beginning to the end of the 5th instar.  Our 

results show that tracheal volume increases with body size isometrically. Thus, total 

tracheal conductance could be higher as a consequence of increased tracheal volume; 

however, tracheal volume may not be the limiting factor for mass-specific decreases in 

tracheal conductance.  Tracheal mass scaling was hypoallometric with body mass, 

suggesting that oxygen supply may not be sufficient to keep up with increases in whole 

body mass.  This observation supports the argument that larvae are increasingly oxygen-

limited as they grow (Greenlee and Harrison, 2005, Callier and Nijhout, 2011a). 

Alternatively, tracheal mass increases may be a consequence of tracheal thickening 

during growth (Callier and Nijhout, 2011b). A thickening tracheal system could cause 

decreases in mass-specific conductance through increased difficulty of gaseous diffusion, 

irrespective of tracheal volumes.  A recent study showed that tracheal volumes exhibited 

a slight positive trend within the 5th instar of M. sexta that was divergent from the 
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negative trend in the 3rd and 4th instars; however, the within-instar increase in tracheal 

volume was not significant when tested across the final 3 larval instars (Callier and 

Nijhout, 2011a).  Here we show that within the 5th instar specifically, tracheal volume 

increases with larval body size, and follows the isometric tracheal volume relationship 

observed across instars (Callier and Nijhout, 2011; Greenlee et al. 2013).  

When tracheal masses from each abdominal segment were regressed against body 

mass independently, the tracheal scaling relationships were found to vary from segment 

to segment.  This suggests that there is differential tracheal growth across the body that 

could represent local responses of the tracheal system to oxygen needs (Greenlee et al., 

2013).  Functions of body tissues are dependent on adequate tracheation, and growth of 

various tissues throughout the body may require either more or fewer additional tracheae 

during growth (Greenlee et al., 2013).  For example, fat tissues grow tremendously 

during the 5th instar, and may require increased tracheation to function in nutritional 

processing and storage. Differences in the relative amount of fat body that accumulates in 

each abdominal segment could lead to differences in the growth of the tracheal system 

throughout the body.  Other body tissues that increase less in absolute mass, such as 

imaginal discs, may not require as much new tracheal support. 

Several caveats must be considered alongside our results when relating these 

tracheal size measures back to the whole organism.  First, it is possible that the mass 

increase we observed in the tracheae can be attributed to thickening of the tracheal cuticle 

during larval growth rather than elongation and a fixed supply (Callier and Nijhout, 

2011b).  However, this would not negate the increase in tracheal volumes we observed.  
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Second, we applied light positive pressure to force solution into the tracheae in our 

volume displacement measurements.  As a consequence, our results may represent a 

higher tracheal volume than is available in vivo and as a consequence measurements may 

not relate directly to functional performance of respiration in living M. sexta larvae.  

Quantification methods of tracheal size that capture both tracheae and tracheole volumes 

in greater detail would be more optimal to tie respiratory size dynamics with growth in 

larval insects.  Last, it is unlikely that tissue dissolution captures the size dynamics of the 

tracheoles during the 5th instar because they may have been dissolved with soft tissues. 

Thus, our results may be an underestimate of tracheal mass increase with body size.  This 

potentially makes the increase in both tracheal mass and volume we observe more 

striking because tracheal size increase is only thought to occur at the level of tracheoles 

(Beitel and Krasnow, 2000). 

Our methods do not allow an assessment of volume change at the level of the 

tracheoles. Nevertheless, larval insects may augment their respiratory systems during 

growth by continuously increasing the volume and delivery capacity of the tracheae via 

“tracheole sprouting” or elongation of the terminal tracheal ends (Samaklovis et al., 1996; 

Jarecki et al., 1999; Beitel and Krasnow, 2000; Greenlee and Harrison, 2005). Genetic 

studies of tracheal tubulogenesis in Drosophila melanogaster have shown two promising 

observations that support tracheal growth within an instar. First, the molecular signals 

responsible for signaling oxygen-deficiency and growth responses in tracheal epithelium 

are active throughout post-embryonic development, indicating constant expansion of new 

tracheal systems (Jarecki et al., 1999; Centanin et al., 2008; Centanin et al., 2010). 
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Second, the length of the tracheae increases steadily throughout all stages of D. 

melanogaster larval growth, while tracheal diameters make discrete jumps during molts 

(Beitel and Krasnow 2000). Embryonic tracheal formation occurs in a developmentally 

fixed manner (Affolter and Caussinius, 2008), while genetic development of tracheae 

during the larval period is plastic in response to oxygen demand (Jarecki et al., 1999; 

Centanin et al., 2010). Fixed and plastic periods of tracheal development could 

potentially explain how tracheal conductance and tracheal volume scaling relationships 

could vary between instars in M. sexta (Greenlee and Harrison, 2005; Callier and Nijhout, 

2011; Sears et al., 2012).  Tracheal expansion may be limited to the portion of the larval 

growth period in which growth is maximal: the fifth larval instar (Davidowitz et al. 

2004). While there are no molecular developmental studies on tracheae deposition for M. 

sexta, it is likely that similar mechanisms are involved as in D. melanogaster. 

  Our study demonstrates that structural growth in the tracheal system is influenced 

by larval nutrition. Larvae reared on a low quality diet invested relatively more mass into 

their tracheal systems than those reared on a high quality diet during the 5th instar.  This 

result is somewhat counterintuitive, given that any tracheal growth is likely responding to 

oxygen needs; lowered diet quality should result in a lower metabolic rate and, 

presumably, a lowered oxygen demand (Cruz-Neto and Bozinovik, 2004; Jeyasingh, 

2007).  Differences in tracheal scaling could be due to nutritional effects on tracheal 

growth. However, differences in development time do not account for variation in dry 

tracheal mass after it is separated from the effects of body mass and diet quality.  

Tracheal size increases are size-dependent rather than time-dependent, and interact with 
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the physiological responses to nutrition.  Changes in diet quality may alter the oxygen 

signaling mechanisms that drive increased tracheation, and responses in overall tracheal 

growth within the instar may reflect an optimization pattern between oxygen supply 

growth and metabolic demand.  Metabolic demand should be lower on poor quality diet, 

but this would also result in lower ATP production (Harrison and Haddad, 2011).  

Reduced oxygen availability should promote tracheal cell growth but should lower 

somatic growth because less ATP is available (Harrison and Haddad, 2011).  This may 

result in the increases in tracheal scaling values seen when switched or reared 

continuously on a reduced quality diet. Alternatively, hypertrophic growth of the tracheal 

system on poor quality diet may be a consequence of other physiological factors. For 

example, the larva may respond to low quality diet by changing overall body 

composition.  For example, mass-specific fat body growth is higher on reduced quality 

diet than on standard diet quality (Helm and Davidowitz, in prep).  As a consequence, 

more or less tracheation may reflect the necessity to supply oxygen to growing larval fat 

bodies. 

The evidence presented here shows that the tracheal system of insects can and 

does increase in size within an instar. Why has this been missed given the long history of 

studies of insect respiration? While it is certainly true that physiological descriptions of 

the tracheae can be traced back over 100 years for M. sexta (Peterson, 1912), much of the 

foundational work is on the anatomy of insect respiratory systems in only a few 

hemimetabolous insects (Wigglesworth, 1954; Wigglesworth, 1981; Wigglesworth and 

Lee, 1982; Locke, 1958a; Locke, 1958b; Lock, 1958c). More recent studies have 
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demonstrated the possibility of tracheal expansion between molts in holometabolous 

insects (Beitel and Krasnow, 2000).  Tracheal growth may have been missed because it 

occurs in holometabolous insects rather than hemimetabolous insects. Generally, 

hemimetabolous insects have more juvenile instars, with less total body growth occurring 

within each instar than in holometabolous insects (Cole, 1980).  While sclerotized 

exoskeletal cuticle cannot increase size, soft-bodied larvae of the holometabolous insects 

can increase the size of the exoskeleton without molting (Wielgus and Gilbert, 1978; 

Wolfgang and Riddiford, 1981; Kaznowski et al., 1985). Within-instar tracheal growth 

could be an adaptation that permits holometabolous insects to maximize growth within an 

instar and decrease the number of larval molts, which are energetically expensive and 

ecologically critical periods during larval development.   

Determining the role that the tracheal system plays in larval growth of insects is 

critical because of the central role that oxygen plays in aerobic metabolism and overall 

organismal function (Harrison et al., 2006).  Atmospheric oxygen influences insect body 

size and induces size plasticity in the tracheal system: increases in oxygen concentration 

generally results in larger body size (Harrison et al., 2006, 2010; Heinrich et al., 2011).  

Oxygen concentration has the strongest effects late in larval growth (Heinrich et al., 

2011) where absolute growth is maximal (Davidowitz et al. 2004; Shingleton et al., 2008; 

Sears et al., 2012).  The ability of the tracheal system to sufficiently deliver oxygen is a 

factor limiting maximum body size in insects (Kaiser et al., 2007), and it has been 

hypothesized as a limiting factor for growth as well (Callier and Nijhout, 2011). Thus, a 

mechanism that increases oxygen capacity during periods of increased larval growth 
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should be strongly favored by selection. We suggest that this mechanism may be tracheal 

mass and volume growth within the larval instar that achieves maximal growth.  
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Figures and Tables     

Figure 1. The tracheae (T, only a subset labeled) of a small (2.2 g, day 2) 5th instar M. 

sexta larva, exposed via dissection and saline wash. The tracheae are seen as the white-

silver branching tubules extending from bundles along the outer body wall. The bundles 

originate at the spiracle (S, only 1 labeled) openings and are interconnected by 

longitudinally-running tracheal branches (L, only 1 labeled).  The tan central structure 

running the length of the larva is the gut (G), which is heavily tracheated.  A clear tubular 

structure in the upper left portion of the picture is a Malphigian tubule (M), and is not a 

component of the tracheal system. 
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Figure 2. A. Tracheal scaling relationship between abdominal tracheal mass (summed 

from each abdominal segment) and body size under standard laboratory rearing 

conditions. B. Mass of the exoskeleton as body size increases during growth. C. Tracheal 

mass scaling against predicted exoskeletal mass. D.  The ratio of tracheal mass to 

exoskeletal mass as body size increases during the growth. For figures A and C, the solid 

line represents the observed scaling patterns, while the dashed line represents a predicted 

isometric slope (b=1.0).   
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Figure 3. A. Tracheal volume scaling relationships with body mass.  B. Body volume 

calculated from exoskeletons as body mass increases during growth (see text).  C.  

Tracheal volume scaling relationship with predicted body volumes.  D.  Tracheal volume 

to body volume ratio as body mass increases during growth. . In figures A and C, dashed 

lines represent a predicted isometric relationship (b=1.0). 
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Figure 4. Images of dissected tracheae of the 1st abdominal segment from one large (A) 

and one small (B) 5th instar M. sexta.  The first abdominal segment was chosen for 

visualization because it is the body segment where dry tracheal mass increases the least 

relative to body mass (see Table 1).     
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Figure 5. Tracheal mass scaling with body mass for three diet treatments: A (High 

quality), B (Low), and C (High->Low) in 5th instar M. sexta larvae. Dashed lines 

represent a predicted isometric relationship for the three treatments (b=1). Summary 

statistics for each regression are presented in Table 3. The slopes of the regressions are 

significantly different from one another.  
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Table 1. Standardized major axis regression of log-transformed dry tracheal mass and 

body mass for each abdominal segment individually.  Summary statistics are presented 

for each abdominal segment with a test of isometry (b=1) and multiple comparisons 

between groups.  
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Table 2. Analysis of variance for the effects of and boy size, development time, and diet 

quality dry tracheal mass of M.sexta reared on three diet treatments. 
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Table 3. Standardized major axis regression of log-transformed dry tracheal mass and 

body mass for three diet quality treatments. Summary statistics for each diet treatment are 

presented along with a test of isometry (b=1) and multiple comparisons between groups.  

  

 

 

  



76 

 

Supplemental Figure 1. The abdominal tracheal bundles of one small and one large 5th 

instar M. sexta larva.  Only the tracheae from the right side of the body are presented as 

there should be symmetry between halves of the body.  All images were taken at the 

same magnification, and white bars represent a length of 3mm. 
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ABSTRACT 

 

Insect metamorphosis is a complex developmental transition determined and 

coordinated by hormonal signaling that begins at a critical size late in the larval phase of 

life.  Even though this hormonal signaling is well understood in insects, the internal 

factors that are assessed at the critical size and that drive commitment to metamorphosis 

have remained unresolved.  The critical size may either be an autonomous decision made 

by the neuroendocrine system without input from other developing larval tissues, or an 

assessment of developmental thresholds occurring throughout the insect that is then 

relayed and integrated by the neuroendocrine tissues.  The latter hypothesis requires that 

there be one or more chemical signals from developing tissues that exert effects on to the 

neuroendocrine regulation. However, there is no evidence that such signals exist.  Here 

we test for the existence of this mechanism by transplanting hemolymph from individuals 

that are post- and pre-critical size to test for a hemolymph-born factor responsible for the 

critical weight decision.  We find that development time is shortened when hemolymph 

from a post-critical size donor is transfused into a pre-critical weight larva, though the 

mass at pupation is unaffected.  Second we show that carbohydrate and amino acid 

injections directly into the hemolymph have no effect on development time or size at the 

cessation of growth. 
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INTRODUCTION 

 

Insect metamorphosis is a complex life history transition that brings larval growth 

to a conclusion and is defined by a morphological transformation to the reproductive 

adult phase of the life cycle.  Functionally, insect larvae grow, accumulate nutritional 

stores, and invest in incipient development of imaginal tissues.  During metamorphosis, 

larval resource stores are used to build adult tissues and structures; thus. Thus, larval 

growth and development are essential for both completion of metamorphosis and 

reproduction as an adult.  As such, the decision to undergo metamorphosis should depend 

on attaining or reaching growth thresholds that ensure survival and adult reproduction.  

However, the physiological and developmental factors that determine the timing of 

metamorphic onset late in the larval phase still remain unresolved.   

The physiological onset of metamorphic commitment in insects is well-known to 

occur at a critical weight near the end of larval growth (Nijhout and Williams, 1974a,b; 

Blakely and Goodner, 1978; Stieper et al., 2008; Stieper 2011).  At this critical weight, 

the hormonal cascades responsible for metamorphosis are irreversibly initiated, and the 

developing larvae will cease growth and pupate under a normal time course even in 

absence of additional nutritional input (Nijhout and Williams, 1974).  Thus the internal 

factors that are responsible for metamorphic commitment must reach their own critical 

thresholds at or near the critical weight.  

Metamorphic commitment at the critical weight is regulated physiologically in the 

last larval instar by the interaction of juvenile hormone (JH) and ecdysone and its active 
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form 20e-hydroxyecdysone (20E). These two hormones interact to determine the 

transition to pupal and adult form (Truman and Riddiford, 2002; Truman, 2005; 

Davidowitz and Nijhout, 2006).  Ecdysone signaling controls the timing of the cessation 

of feeding and preparation of larval tissues for pupation. (Nijhout 1994; Truman and 

Riddiford, 2002, 2007; Truman, 2005). 20E production is stimulated by a 

prothoracitropic hormone (PTTH). In last instar M. sexta, PTTH is secreted only during a 

well-defined 8-9 hour photoperiodic gate that recurs each day (Truman 1972; Truman 

and Riddiford 1974).  However, PTTH signaling is blocked when juvenile hormone 

concentrations are still high (Rountree and Bollenbacher, 1986). Thus, the photoperiodic 

gating of PTTH is dependent on the clearance of juvenile hormone from the hemolymph.. 

Larvae become metamorphically committed when JH production is halted and cleared 

from the hemolymph, and ecdysally-committed once the secretion of PTTH induces 20E 

signaling.  

This onset of the hormonal cascade controlling the switch from larva to pupa is 

correlated with a switch from nutritionally-dependent to nutritionally-independent 

developmental timing (Nijhout and Williams, 1974a,b).  This correlation has led to the 

concept that there is a critical weight at which metamorphic onset commences that 

appears broadly in different types of insects (Nijhout and Williams, 1974a,b; Blakley and 

Goodner, 1978; Davidowitz et al. 2003; Nijhout et al., 2006, Stieper et al. 2008). 

However, body size itself may not be the actual factor assessed in most insects (but see 

Wigglesworth 1936), and could be correlated with one or more critical physiological or 

developmental thresholds throughout the body during growth (Stern and Emlen, 1999; 
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Fronstin and Hatle, 2008; Stieper et al. 2011).  Growth of key tissues, physical limitations 

on growth, and/or nutritional storage are all possible factors that determine why 

metamorphic onset occurs.     

A number of non-mutually exclusive hypotheses have been proposed as the 

factors controlling metamorphic onset in insets.  First, size may be directly assessed and 

determined autonomously by the neuroendocrine system.  Mirth and Riddiford (2005) 

demonstrated that growth of the neuroendocrine tissues that regulate metamorphic 

hormonal signaling in Drosophila melanogaster can be accelerated or decelerated 

independent of whole body growth, and consequent changes in body size and 

development time of metamorphosis are consistent with changes in developmental timing 

of metamorphic onset and thus the critical weight.  This hypothesis presumes that body 

size and developmental status are not assessed directly to determine metamorphic onset. 

Rather, intrinsically assessed growth of the tissues responsible for metamorphic 

commitment the critical weight.   (Mirth et al., 2005; Mirth and Riddiford, 2007).  

Alternatively, critical weight has been hypothesized to be a consequence of growth 

(Davidowitz et al., 2003; Callier and Nijhout, 2011), developmental (Stieper et al., 2008; 

Shingleton, 2011), or nutritional thresholds (Helm and Davidowitz, in prep.) that are 

attained during larval ontogeny.  The latter hypotheses assume that developmental or 

growth status of various key tissues throughout the body are signaled to the 

neuroendocrine tissues coordinating metamorphic commitment.  If this assumption is 

true, then these tissues communicate with the neuroendocrine tissues via hemolytic 

signaling factors.  Despite a number of studies showing that developmental timing of 
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metamorphosis is under at least partial control of tissues throughout the body 

(Shingleton, 2011), evidence of hemolytic signaling factors that appear (?) at the critical 

weight is still lacking. 

In this study, we test the prediction that developmental status is communicated 

through hemolytic factors at the critical weight in Manduca sexta. First, we examine the 

timing and body size consequences of growth cessation in response to hemolymph 

transfusion from donors that were either pre- or post-critical size.  If there is a 

hemolymph-born signal associated with attainment of the critical weight, then we would 

expect to see early development timing and smaller final size in individuals that had 

received transfusions from post-critical weight donors.  Support of this prediction would 

indicate that commitment to metamorphosis is a product of ontogenetic thresholds 

occurring throughout the body rather than an autonomous decision of the neuroendocrine 

system.  Second, we test whether the onset of metamorphisis can be advanced by 

augmenting resources .  The critical weight is operationally defined as the body mass at 

which there is a switch from nutritionally-dependent to nutritionally-independent growth, 

and resources themselves may be the hemolytic factor in question.  If nutritional 

augmentation shortens development period, it, then it suggests that nutritional resources 

themselves are the factor determining metamorphosis.    

 

MATERIALS AND METHODS 

Organism Rearing Regime 
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For all physiological manipulation experiments we reared Manduca sexta larvae 

in environmental chambers with a 16:8 day-night cycle at 25C.  Larvae were fed a 

defined wheat-germ based artificial diet (for details see Davidowitz et al. 2003).  Cohorts 

of larvae with common hatch dates were reared in lidded metal trays lined with paper 

towel.  Hardware mesh platforms suspended the larvae and food above the bottom of the 

tray and permitted frass to fall below.  Rearing trays were checked daily to ensure 

adequate amounts of artificial diet and cleaned to prevent the build-up of frass and mold.  

Larvae used in physiological manipulation experiments were transferred to 355 ml 

individual rearing cups (Solo, Urbana, IL) at the end of the 4th instar, demarcated by the 

cessation of feeding and head capsule slippage.  The morning following transfer to 

individual rearing cups (6 hrs following lights on), each larva was weighed and provided 

with a large block of artificial diet to synchronize feeding time (see Baker et al., 1987). 

Individuals that had not yet molted into the 5th instar were removed from further analysis. 

Using this protocol, all larvae were developmentally synchronized at the onset of the last 

larval instar.  For larvae used in physiological manipulation experiments, the block of 

artificial diet provided was reduced to 60% of its standard nutritive value through nutrient 

dilution (see Davidowitz et al. 2003 for ingredients).  This was done to ensure that shifts 

downward in development time due to treatments were not obscured by the typically 

highly-nutritive artificial diet. 

 

Measurement of the critical weight 
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  We measured critical weight in our colony of M. sexta according to the standard 

protocols (see Nijhout and Williams, 1973; D’Amico et al., 2001; Davidowitz et al. 

2003).  Colony-reared larvae were weighed and then randomly assigned to either a fed or 

starved diet treatment.  For the fed treatment, individuals were reared individually in 

plastic cups and provided with artificial food ad libitum until the cessation of growth.  

For the starved treatment, individuals were reared individually in plastic cups and 

provided a cube of 3% agar to prevent dehydration; however, no food was provided and 

frass was cleaned from cups daily.  The critical weight is operationally defined as the 

minimal mass at which no further nutrition is required for a normal time course to 

pupation.  To determine where this point occurs during growth, we assigned each larva to 

a 0.5g categorical size bin based on its mass at the time of treatment and compared the 

development time of fed and starved individuals for each mass bin.  Thus, the critical 

weight is estimated as the mass bin at which a difference in development time between 

fed and starved treatments is no longer detectable (t-test; see Davidowitz et al. 2003 for 

details).  30 individuals were sampled per treatment per mass bin. 

 

Estimation of hemolymph volume at different sizes of the final instar 

In order to determine the appropriate amount of hemolymph to inject into a larva 

of a given size, we first needed to determine hemolymph volumes of larvae across a 

range of sizes.  We estimated the total volume of hemolymph for a given body mass by 

collecting extractable hemolymph from M. sexta larvae throughout the size range of the 

growth phase of the 5th instar.  We sampled 10 colony larvae. Each was placed into a 4C 
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refrigerator for 30 minutes.  Immediately before treatment, each larva was placed into a 

carbon dioxide flow for approximately 5 min, and then hemolymph was bled from small 

incisions in both the proleg and the thorax.  If individuals “woke” during this period, they 

were placed back into the carbon dioxide flow until anesthetization resumed.  

Hemolymph was squeezed from the body and collected in a pre-weighed eppendorf tube 

until no more hemolymph could be extracted from the body.  Extracted hemolymph was 

then weighed.  Hemolymph volume was estimated from the hemolymph mass using a 

predetermined hemolymph mass to hemolymph volume equation.  

 

Hemolymph transplants and estimation of PTTH secretion 

On day 2 of the 5th instar, 196 pre-critical size individuals were weighed and total 

hemolymph volume was estimated using the body mass to hemolymph volume 

calculation as described above.  Prior to manipulations, each individual larva was 

anesthetized by placing it into a chamber with a low-rate carbon dioxide flow for ~5 min. 

We then transfused recipient larvae with a 25% volume addition of their estimated 

hemolymph for each of the following treatments: 1. hemolymph from donor larvae that 

were larger than the critical size (Post-critical weight, >7 grams, n=66), 2. hemolymph 

from donor larvae that had not yet attained the critical size (Pre-critical weight, <7 grams, 

n=64), or 3. Manduca physiological saline as an experimental sham (Control, n=66).  A 

small incision was made on the 4th proleg, and volumes of hemolymph were injected 

using a 200ul pipette with a sterile tip.  The wound was immediately sealed with a liquid 

tissue adhesive (3M Vetbond, St. Paul, MN).  Larvae were monitored directly following 
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treatment until normal movement and feeding resumed, at which time they were returned 

to their environmental chamber. We then recorded the day that cessation of growth 

occurred and back-calculated PTTH signaling by subtracting 1 day as PTTH signaling 

induces 20E one day before growth cessation (Davidowitz et al. 2003). Each larva was 

then weighed 1 day following pupation.  We recorded the initial mass of the 5th instar and 

development time for each individual, and initial growth rates were estimated as the 

relative growth rate between mass at the beginning of the 5th instar and mass at the time 

of treatment.  Two aberrant individuals were removed from the pre-critical weight data 

set because their development times were twice as long as other individuals of the same 

treatment and these individuals appeared to be injured after the physiological treatment. 

 

Nutritional Resource Injections 

On day 2 of the 5th instar, 52 individually reared 5th instar M. sexta larvae were 

chilled in a 4C refrigerator for ~30 min, followed by a carbon dioxide flow for ~5 min.  

After each individual was anesthetized, we injected 100ul of trehalose (“Carb”), amino 

acids (“AA”), a combination of amino acids and carbohydrate (“Both”), or Manduca 

physiological saline solution (“Control”).  For the carbohydrate treatment, a concentrated 

trehalose solution was made by dissolving 300mg trehalose in 1ml of Manduca 

physiological saline (concentration = 30mg/100mg).  For the amino acids solution, a 

cocktail of amino acids in proportion to the chemical make-up of storage proteins (see 

Telfer and Kunkel, 1991) were dissolved into Manduca physiological saline. Amino 

acids were obtained in dry form (Sigma Aldritch), and a complete list of ingredients and 
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concentrations used for the amino acid cocktail are provided in the supplementary 

material (see Supplemental Methods).  Tyrosine is an important component of insect 

storage proteins (Telfer and Kunkel, 1991); however, its solubility is very low.  

Phenylalanine, a tyrosine precursor, was doubled to accommodate the absence of tyrosine 

from the amino acid mixture. A combination of both carbohydrate and amino acids were 

made by adding both to a Manduca physiological saline solution.  Each solution was 

autoclaved prior to injection.   

Nutrient solutions were injected into the 4th proleg on the right side of the body 

using a Hamilton syringe. The wound was sealed using a small application of Vetbond 

(3M, St. Paul, MN) liquid tissue adhesive.  Larvae were monitored following treatment 

until active movement and feeding resumed before they were returned to the 

environmental chamber. We weighed each individual daily beginning at the time of 

feeding so that initial mass of the 5th instar, growth rates and time until cessation of 

growth could be calculated.  

 

Data Analysis 

In M. sexta, cessation of growth is a consequence of hormonal signaling—

specifically, the clearance of juvenile hormone from the hemolymph, the 

photoperiodically-gated release of PTTH and subsequent 20E signaling in response to the 

activity of PTTH (Davidowitz and Nijhout 2004; Nijhout et al. 2006).  Assessing changes 

in development time is complicated by the fact that cessation of growth can only occur 

during a discrete period of time that recurs each day due to the photoperiodic gating of 
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PTTH release. At the population level, development time approximates a normally 

distributed trait; however, photoperiodic gating results in a set of discrete times at which 

larval feeding stops because PTTH-20E signaling can only occur during a recurring time 

frame each day (see Nijhout et al. 2006).  As a consequence, shifts in development time 

for any one particular individual larva must occur in discrete 24 hour jumps.  Shifts in the 

average time at which PTTH release occurs in experimental treatments may, thus, not 

correctly capture an individual’s shift in photoperiodic gate.  

To test for shifts in development timing while also accounting for the recurring 

discrete outcome of growth cessation due to the PTTH photoperiodic gate, we analyzed 

development time as a product of hemolymph and nutrient treatments using general 

linearized mixed models with a logit link function for development time (see below).  

Statistical models were fit using the “lme4” package in R for Linux (v 2.15.1).  To 

account for the discrete signaling nature of PTTH release, we assessed the occurrence of 

growth cessation as a binary outcome (0 = no growth cessation, 1 = growth cessation) for 

each day and each individual in our experiment. We restricted our analysis to the days in 

which growth cessation was observed across experimental treatments (day 4 - day 9).  

Because we were interested in how the occurrence of growth cessation varied as a 

consequence of hemolymph and nutrient treatments, we included treatment as a fixed 

effect.  The occurrence of growth cessation increases with days spent feeding, so day in 

5th instar was also included as an ordered fixed effect.  Because we assessed the 

occurrence of growth cessation for each individual multiple times, we nested each 

measure within individual as a random effect to account for repeated measures.     
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To test for effects of hemolymph and nutrient treatments on measures of body 

mass, we analyzed pupal mass as an effect of hemolymph and nutrient treatments using a 

generalized linear mixed model using the “lme4” package in R for Linux (v 2.15.1).  

Hemolymph and nutrient injection treatments were factored into our statistical models as 

fixed effects.  Body size at cessation of growth and pupal mass are well known to be 

influenced by development time, growth rate, and the initial mass of the final larval 

instar.  As such, these variables were included as random effects in our statistical model.  

In this case, growth rates were estimated as the relative growth rate from the beginning of 

the 5th instar until treatment.  Overall significance of treatment was assessed by 

comparing full statistical models with reduced statistical models in which fixed effects 

were excluded.   

Though classic analysis of deviance has not been implemented for generalized 

linear mixed modeling in R, we tested for the overall effects of treatment by comparing 

full statistical models (outlined above) with null statistical models that did not include 

treatment. 

 

RESULTS 

 We measured the critical weight to determine the body mass at which the critical 

weight was attained.  We found that there was no longer a significant difference in the 

development time of fed and starved larvae at 7 g (Figure 1) (Table 1).  As such, post-

critical weight donors were selected based on a mass > 7 g, while pre-critical weight 

donors were < 7 g. 
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In the hemolymph transfusion experiment, the probability of growth cessation 

increased with each day of the 5th instar across all individuals (Figure 2) (Table 2) 

(GLMM, b=2.02, P<0.0001).  Growth ceased earlier for individuals that received a 

hemolymph transfusion from a post-critical size donor than those that had received a 

saline shame control injection (Figure 2) (GLMM, b=1.25, P=0.02). There was no 

significant difference in the timing of growth cessation for individuals that had been 

transfused with hemolymph from a pre-critical size donor as compared to controls 

(Figure 2) (GLMM, b=-0.21, P=0.70).  Comparison of a full model with a reduced model 

in which treatment had been excluded showed that hemolymph transfusions had a 

significant effect on the timing of growth cessation overall (Analysis of Deviance, 

X2=7.03, P=0.03).   

Pupal mass was unaffected by hemolymph transfusion treatments, after 

accounting for the effects of initial size of the 5th  instar, growth rate, and time until 

cessation of growth (Figure 3, Table 3).  Hemolymph transfusions from post-critical 

weight donors (Table 3: GLMM, b=0.16, P=0.18) and pre-critical weight donors (Table 

3: GLMM, b=0.09, P=0.46) did not differ in pupal mass relative to saline sham controls 

(Figure 3).  A comparison of a full and reduced model showed that treatment had no 

effect on pupal mass (Table 3: Analysis of Deviance, X2=1.82, P=0.61), even though 

there were shifts in the timing of growth cessation (Table 2).  There was a positive 

relationship between pupal mass and development time across treatments; however, only 

4% of the variation in pupal mass could be explained by development time (OLS 

regression, b=0.15, R2=0.04, P=0.008).  
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In the nutrient injection experiment, the timing of growth cessation did not differ 

among groups that had been injected with carbohydrates (GLMM, b=1.6, P=0.41), amino 

acids (GLMM, b=1.45, P=0.45), or a combination (GLMM, b=-1.45, P=0.32) as 

compared with the controls (Figure 4, Table 4).  Overall, nutritive injections did not 

produce a significant effect on the timing of dorsal vessel appearance when a full and 

reduced model were compared (Analysis of Deviance, X2=2.91, P=0.41), even after 

accounting for the effects of initial mass, growth rate, and development time (Table 4).   

Mass at the time of growth cessation was also unaffected by nutrient injections 

(Figure 5, Table 5).  Individuals that had received carbohydrate injections (Table 5: 

GLMM, b=-0.03, P=0.93) or a combination of carbohydrates and amino acids (Table 5: 

GLMM, b=0.7, P=0.84) were no different in body mass at growth cessation from 

controls.  Individuals that had received amino acid injections were slightly larger than 

saline sham controls (Table 5: GLMM, b=0.67, P=0.04). However, injection treatment 

overall showed only a marginal effect on body size after variance in initial mass of the 5th  

instar, growth rate, and development time until dorsal vessel appearance were accounted 

for (Table 5: Analysis of Deviance, X2=6.62, P=0.09). 

 

DISCUSSION 

Metamorphosis is a complex life history transition and most likely requires 

tremendous coordination among developing tissues, physiological condition, and 

environment.  Though the specific mechanisms that determine metamorphic commitment 

are unresolved for most insects, we have shown that a hemolymph-borne factor that is 
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produced after the attainment of the critical weight can induce precocious cessation of 

growth in M. sexta.  We have also shown that physiological availability of nutrients alone 

has little or no effect on the timing of metamorphic commitment, and metamorphic 

commitment may be dependent on body developmental and growth processes rather than 

resources themselves. 

Hemolymph transplanted from post-critical weight larvae into pre-critical weight 

larvae show a shift to earlier cessation of growth , and thus earlier PTTH-20E signaling, 

when compared to treatment groups that had received hemolymph from either pre-critical 

size donors or saline controls.  Individuals treated with a hemolymph transfusion of post-

critical weight donors appeared in disproportionately higher frequency at the earlier 

photoperiodic gates compared with control or pre-critical weight hemolymph transfusion 

larvae. The presence of a hemolymph-borne factor after the critical size induced 

precocious metamorphic commitment in M. sexta larvae.  In M. sexta, the onset of 

metamorphosis becomes irreversible once the critical weight is reached (Davidowitz et al. 

2003).  This suggests that the difference in onset of growth cessation shown here was a 

consequence of a shift forward in the timing of this hormonal sequence.  A shift forward 

by even one day for any one particular individual shortened the growth period 14%-25%, 

assuming that the duration of growth is 4-7 days for individuals in our treatments; this is 

is a low estimate for the effect of hemolymph transfusion from post-critical weight 

donors.   

Hemolymph from donors was introduced before the critical size had been attained 

in recipients, and thus a shift in the timing of growth cessation is likely to have occurred 
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because the critical weight decision was induced early. However, we did not directly 

measure hormonal responses to our treatments, and development time may have shifted 

for other reasons. For example, clearance of juvenile hormone from the hemolymph may 

have been faster in individuals that had received a post-critical weight hemolymph 

transfusion compared with controls or pre-critical weight transfusion, irrespective of 

when juvenile hormone production was stopped.  Alternatively, post-critical weight 

donors may have been undergoing PTTH-20E signaling at the time of hemolymph 

transfusion.  This may have caused an early cessation of growth that wasn’t due to a shift 

in the critical weigh decision. However, PTTH signaling is blocked in the presence of JH 

(Baker et al., 1985), and all recipients are presumed ot have circulating JH at the time of 

hemolymph transfusion.   Thus our study provides support for a hemolytic factor 

inducing precocious metamorphic onset, though we cannot necessarily describe the 

mechanism for how development time was shortened.   

Differences in the timing of growth cessation due to post-critical weight 

hemolymph transfusion had no concomitant effect on pupal mass (Figure 4).  We would 

expect that shortened development time should correlate with a reduced body size, as 

there would be less time to grow and accumulate nutritional resources.  However, body 

size and development time are only weakly, although significantly, correlated 

(Davidowitz et al. 2012).  Based on our analysis, we would expect a one-day reduction in 

development time to decrease average pupal mass by approximately 0.15 grams; 

however, this represents only about 4% of the total variation in final pupal mass. A weak 

correlation between these traits could explain how hemolymph transfusions have separate 
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effects on development time and body size, though they are weakly interrelated in this 

study. 

Our experiments also show that the injection of carbohydrates and amino acids 

directly into pre-critical weight larvae has little or no effect on the timing of the growth 

cessation or on body mass at growth cessation.  This suggests that it is not nutrient 

availability per se that is responsible for the commitment to metamorphosis, because we 

would have observed shortened development time when nutrients were injected. This is 

inconsistent with the hypothesis that nutrients themselves trigger the critical weight 

decision, as we would have expected to see precocious timing of growth cessation with 

the addition of carbohydrate and amino acid resources.  The critical weight is often 

measured as the mass at which developmental timing becomes independent of continued 

nutritional input, which suggests that nutrition is involved in the critical weight decision. 

These results seem counterintuitive since the critical weight is defined as the mass at 

which no further nutrition is required for a normal time course to pupation (Nijhout and 

Williams, 1974; Davidowitz et al., 2003).  Here, when resources were augmented 

physiologically, development time was prolonged, which suggests that the critical 

weightweight decision is not based on nutrient availability itself, but rather on some 

factor that assesses nutrients and alters developmental timing accordingly.  

Various hypotheses have proposed that factors contributing to metamorphic 

commitment at the critical weight are the result of growth or developmental status.  

Wigglesworth (1936) demonstrated that the distension of abdominal stretch receptors 

terminated JH production in the nymphal kissing bug, Rhodnius prolixus. This 
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mechanism appears to be restricted to this particular species.  This shows that body 

condition and the neuroendocrine system interact to determine metamorphic onset; 

however a neuroendocrine link between body size or status and metamorphic onset has 

not been resolved in most other insects.  Developmental status of the imaginal discs may 

play a role in the timing of metamorphic onset (Bryant and Levinson, 1985; Obara et al, 

2002; Koyama et al., 2004; MacWhinnie et al., 2005; Stieper et al. 2008).  Alternatively, 

larval fat body growth and development may also be a key player in metamorphic 

commitment through nutritional and growth factor signals communicated via the 

hemolymph (Columbani et al. 2003; Arrese and Soulages, 2009).  Finally, oxygen 

deprivation during larval ontogeny has been implicated in the control of metamorphic 

commitment (Callier and Nijhout, 2011).  All of these mechanisms require signaling from 

the respective tissues to coordinate growth. In this study, we support these possibilities by 

providing evidence for a hemolymph factor present after the critical weight that induces 

shortened growth duration when introduced prior to metamorphic commitment.  
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TABLES AND FIGURE CAPTIONS 

Figure 1 

Average time to PTTH release after starvation for a given mass bin.  The critical weight is the 

mass at which there is no difference between individuals that have been fed or starved.  Bars 

represent standard error of the mean and results of statistical comparisons for each mass bin are 

reported in Table 1. 
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Figure 2.  

Cumulative proportion of individuals undergoing growth cessation as measured by dorsal vessel 

appearance (no=0, yes=1) after receiving a hemolymph transplant from either a post-critical 

weight donor (Post-CW) or a pre-critical weight donor (Pre-CW). Also shown are results for 

saline shams (Control).  Error bars represent standard errors, but are smaller than the symbols.   
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Figure 3.  

Average pupal mass (+- SEM) after larvae had received a hemolymph transplant from either a 

post critical weight donor (Post-CW) a pre critical weight donor (Pre-CW) or saline sham control 

injection (Control).  
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Figure 4.  

Cumulative frequency of cessation of growth as measured by dorsal vessel appearance (no=0, 

yes=1) after larvae had received an injection of trehalose (“Carb”), amino acids that mimicked 

storage protein composition (“AA”), a combination of trehalose and amino acids (“Carb+AA”) or 

saline sham (“Control”).  Bars represent proportional standard errors of the mean. 
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Figure 5. Average mass at the time of dorsal vessel (cessation of growth and gut purge) for 

individuals that received an injection of trehalose (“carb”), amino acids that mimicked storage 

protein composition (“AA”), a combination of trehalose and amino acids (“both”) or saline sham 

(“control”).  Bars represent standard error of the mean. 
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Table 1. Estimation of critical weight by comparisons of average time until growth cessation 

when fed and starved for all the masses of 5th instar M. sexta.  The critical weight is 7 grams 

because there is no statistically detectable difference between fed and starved development times. 

 

 Treatment    

Mass Bin 

(g) Fed Starved t pval  

3.5 2.42 6.76 -14.71 <0.0001 *** 

4.0 2.06 6.04 -16.75 <0.0001 *** 

4.5 2.00 5.62 -14.02 <0.0001 *** 

5.0 1.81 4.43 -7.60 <0.0001 *** 

5.5 1.66 3.35 -5.91 <0.0001 *** 

6.0 1.61 2.33 -3.75 <0.0001 *** 

6.5 1.24 1.98 -4.22 <0.001 *** 

7.0 1.14 1.23 -0.70 0.49  

7.5 1.02 1.24 -1.48 0.15  

8.0 0.91 0.94 -0.23 0.82  

8.5 0.83 0.75 0.89 0.38  

9.0 0.46 0.60 -1.29 0.20  

9.5 0.30 0.29 0.11 0.92  

10.0 0.11 0.01 1.15 0.25  

10.5 0.19 0.00 1.45 0.15  

11.0 -0.17 -0.10 -1.41 0.16  
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Table 2. Summary statistics for the general linear mixed model (GLMM) of dorsal vessel 

occurrence as a product of hemolymph transfusion treatments. 

  

Random Effects Variance Std. Dev.       

Indiv (Intercept) 20.59 4.54       

Gate 2 1821.07 42.67       

Gate 3 505.14 22.48       

Gate 4 14268.76 119.45       

Gate 5 9392.16 96.91       

Gate 6 13178.53 117.13       

         

Fixed Effects Estimate Std. Err z P     

Intercept -140.92 60.04 -2.35 0.02 *    

Day of 5th instar 19.05 8.53 2.23 0.03 *    

Large (Post-CW) 1.27 0.55 2.29 0.02 *    

Small (Pre-CW) -0.56 7.27 -0.08 0.94     

         

Comparison of Full and Reduced Model      

Model df AIC BIC logLik Chisq df P  

Null 23 517.11 633.6 -235.55     

Full 25 516.32 442.94 -133.16 204.79 2 <0.0001 *** 

GLMM fitted with logit link function for binomial data and parameters estimated by Laplace's 

method.  

Treatment “Control (Sham)” set to 0       

 

  



108 

 

Table 3. Summary GLMM statistics for the effect of hemolymph transfusion on pupal mass after 

accounting for variation in initial mass of the 5th instar, growth rate and development time. 

 

Random Effects Variance 

Std. 

Dev.      

Initial Mass (5th) 10.10 0.32      

Growth Rate <0.01 <0.01      

Dev. Time 0.03 0.17      

Residual 0.30 0.55      

        

Fixed Effects Estimate 

Std. 

Err t P     

Intercept 4.58 0.1497 30.60 <0.0001    

Large (Post-CW) 0.16 0.1164 1.36 0.18    

Small (Pre-CW) 0.09 0.12 0.74 0.46     

        

Comparison of Full and Reduced Model     

Model df AIC BIC logLik X2 df P 

Null 5 350.0 365.8 -170.0    

Full 8 354.2 379.5 -169.1 1.82 3 0.61 

Notes: GLMM fitted with a gaussian link function and parameters were fitted by REML. 
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Table 4. Summary statistics for the general linear mixed model of dorsal vessel occurrence as a 

product of nutrient injection treatments. 

 

Random Effects Variance Std. Dev.       

indiv         

  gate1 4.89 2.21       

  gate2 12.01 3.47       

  gate3 97.5 9.87       

  gate 4 10.35 3.21       

  gate 5 4.57 2.14       

day of 5th instar 43.88 6.62       

         

Fixed Effects Estimate Std. Err 

Odds 

Ratio z P    

Intercept 3.94 3.43 51.21 1.15 0.25    

Trehalose 1.61 1.94 5.01 0.83 0.41    

Amino Acid 1.453 1.93 4.28 0.76 0.45    

Combination -2.23 2.23 0.11 -1.00 0.32    

         

Comparison of Full and Reduced Model      

Model df AIC BIC logLik X2 df P  

Null 18 201.64 266.07 -82.82     

Full 21 204.42 279.59 -81.209 3.22 3 0.3588  

Notes: GLMM fitted with logit link function for binomial data and parameters estimated by Laplace's 

method. 

Coefficients for random effects excluded.      
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Table 5. Summary GLMM statistics for the effect of nutrient injection on pupal mass after 

accounting for variation in initial mass of the 5th instar, growth rate and development time.    

Random Effects Variance Std. Dev.      

Initial Mass (5th) <0.01 <0.01      

Growth Rate 0.83 0.91      

Dev. Time <0.01 <0.01      

Residual 0.11 0.33      

        

Fixed Effects Estimate Std. Err t P     

Control 6.24 0.24 26.03 <0.0001    

Trehalose -0.03 0.26 -0.10 0.93    

Amino Acid 0.67 0.32 2.08 0.04 *   

Combination 0.07 0.36 0.20 0.84    

        

Comparison of Full and Reduced Model     

Model df AIC BIC logLik X2 df P 

Reduced 5 153.5 163.4 -71.2    

Full 8 152.9 168.7 -68.5 6.62 3 0.09 

Notes: GLMM fitted with a gaussian link function and parameters estimated by 

REML.  

 

 

  



111 

 

Supplemental Methods  

 

Preparation of Amino Acid Mixture 

Amino acid cocktail was prepared to mimic the relative mass concentrations of 

amino acids that have been reported for storage proteins in larval M. sexta.  First a master 

mix was prepared following the average relative concentrations of non-sex-specific 

storage proteins reported previously in M. sexta (see Telfer and Kunkel, 1991).  The only 

differences between reported amino acid concentrations and the experimental mixtures is 

that tyrosine was excluded because it’s solubility in both pure water and especially 

Manduca physiological saline is very low.  Tyrosine is synthesized by M. sexta from 

phenylalanine precursors (Telfer and Kunkel, 1991), so the concentration of this 

particular amino acid was increased to account for the absence of tyrosine.   
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Supplemental Table 1. 

 Manduca Storage Proteins   

Amino Acid Arylphorin* High-methionine* AA Injection  

ASX 12.80% 13.00% 13.00%  

THR 2.90% 7.40% 7.40%  

SER 5.20% 2.90% 2.90%  

GLX 10.70% 2.50% 2.50%  

PRO 5.80% 2.30% 2.30%  

GLY 4.90% 5.00% 5.00%  

ALA 5.30% 2.90% 2.90%  

VAL 7.60% 8.90% 8.90%  

MET 2.00% 6.50% 6.50%  

ILE 3.20% 6.50% 6.50%  

LEU 6.30% 11.20% 11.20%  

TYR 10.30% 5.90% 0.00%  

PHE 8.80% 5.70% 12.600%  

LIS 7.70% 8.00% 8.00%  

HIS 2.90% 2.90% 2.90%  

ARG 3.50% 7.40% 7.40%  

Notes: *Amino acid concentrations as percent of total amino acid mass   

of two non-sex-specific storage proteins reported for M. sexta larvae (Telfer and Kunkel, 

1991). 
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APPENDIX C – DO RESOURCES UNDERLIE THE DEVELOPMENTAL 

THRESHOLDS OF LIFE HISTORY TRANSITIONS? 

 

Paper is currently pending submission to Journal of Experimental Biology 
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Abstract 

 Insect metamorphosis is a complex life history transition that involves a drastic 

change in form and function from the juvenile to the adult stage of life.  During 

metamorphosis, feeding and acquisition of nutritional resources stop, though 

development proceeds rapidly.  All of the resources necessary to successfully complete 

development, and in some cases preliminarily provision offspring, must be derived from 

the juvenile stage.  As such, the onset of metamorphosis should be contingent on 

attaining appropriate resource stores; however, little is known about the ontogenetic 

factors that cause commitment to metamorphosis at the end of the juvenile stage.  Here 

we examine resource storage in the final developmental instar of M. sexta larvae reared at 

different temperatures and on diet of different qualities.  We find that fat body mass 

varies during growth of 5th instar M. sexta in response to temperature and diet quality.  

Protein, glycogen and lipid content do not vary when individuals are reared at different 

temperatures and on different diet qualities; however, caloric density of the fat bodies 

does vary in response to temperature and diet quality.  We then relate our findings to 

patterns of plasticity in the critical weight, or the body mass at which the physiological 

onset of metamorphosis occurs.   

 

Introduction  

 

 Across almost all major animal groups, maturation is physiologically controlled 

by well-described hormonal cascades that begin near the end of the juvenile period 
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(Frisch, 1991 and references therein; Paster, 1991; Fang, 1998; Davidowitz et al, 2003; 

Flari and Edwards, 2003; Nijhout et al, 2006; Stieper, 2011; Denver, 2013).  Regardless 

of the specific physiological and hormonal details, the initiation of these maturation 

hormonal cascades are often associated with the attainment of growth thresholds late in 

juvenile development, typically assessed as an invariant body size or development time 

(Benardo, 1993). Body size and development time at maturation are almost certainly 

shaped by natural selection and the optimization of life history tradeoffs (Roff 2002; 

Stearns 2002), but the internal conditions or factors that are assessed or that determine 

these critical developmental benchmarks are unresolved for most species.  It is unlikely 

that body size or development times are assessed directly, but rather correlate with 

underlying factors during development that determine the onset of maturation once 

critical thresholds have been reached (Sterns and Emlen, 1999; Sterns, 2003). 

 Resource or energetic thresholds have been hypothesized to be among the critical 

factors determining the initiation of maturation (Frisch and Revelle, 1971; Frisch 1990; 

Crump 1981). Frisch and Revelle (1971) first proposed this hypothesis to explain the 

observation that menarche in human females can be correlated with the attainment of a 

critical body size, which could represent a size at which there is a minimum amount of 

accumulated resources necessary for successful reproduction. Although this hypothesis 

has been criticized on statistical grounds (Ellison, 2001); there appears to be a 

physiological dependency between the status of resource storing fat tissues and the 

control of reproductive physiological cycles in humans (Matkovic et al., 1997; 

Kaplowitz, 2008).  Critical sizes, similar to those observed in human females, have been 
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observed in other mammals (Frisch, 1990 and references therein), amphibians (Wilbur 

and Collins, 1973), fish (Reznick, 1990), insects (Nijhout and Williams, 1974a; 1974b; 

Blakely and Goodner, 1978), and daphnid crustaceans (Ebert, 1992, 1994).  The 

recurrence of a size-dependent threshold for maturation across many different animal 

groups suggests that this hypothesis may have general applicability. However, relatively 

few studies have explicitly examined the role of resources or potential for resource 

thresholds at the initiation of maturation. 

Holometabolous insects provide a good model system for testing hypotheses 

about which factors determine the timing of maturation.  Maturation occurs in 

conjunction with metamorphosis, a discrete developmental transition from the juvenile to 

adult stage of life.  The physiological control of metamorphosis late in the juvenile period 

has been well described, specifically the hormonal signaling that controls metamorphic 

commitment at the end of the juvenile stage (Shingleton, 2011).  Thus understanding the 

factors that cause and influence the onset of metamorphic commitment in juvenile insects 

may lead to a broader understanding of the proximate causes of maturation in organisms. 

The metamorphic hormonal cascade is well known to begin at a critical weight in the 

terminal phase of growth (Nijhout and Williams, 1974; Blakely and Goodner, 1978; 

Davidowitz et al., 2003; Nijhout et al., 2006; Stieper et al. 2008; Shingleton, 2011).  At 

this critical weight, a normal time course until metamorphosis is no longer dependent on 

continued feeding, and a switch from nutritionally-dependent to nutritionally-independent 

time until metamorphosis suggests that some critical threshold of resources has been 

reached. 
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We hypothesize that the critical weight in larval insects represents the body mass 

at which a nutritional storage threshold has been attained near the end of larval 

growth.  Resource stores play a critical role in supporting and surviving metamorphosis 

because feeding stops, though development continues during the pupal stage of the life 

cycle in holometabolous insects (Hahn and Denlinger, 2007).  Attainment of a resource 

storage threshold as the critical factor determining metamorphic commitment would 

ensure that there are sufficient resources for successful metamorphosis.  Additionally, 

stored resources are a source of the nutritional reserves used in reproductive provisioning 

(Boggs, 2009), and a resource storage threshold could ensure offspring production for 

species that begin reproductive provisioning during metamorphosis.  Furthermore, 

juvenile diet is often quite distinct from adult diet, especially in holometabolous insects, 

and some of the nutritional resources necessary for reproductive provisioning can only be 

derived from the juvenile stage (O’Brien et al., 2000, 2002, 2005; Fischer et al. 2004;).  

In these instances, maturing too early would likely result in nutritional deficiencies in 

reproductive provisioning and adult survival, so maturation should be contingent on 

meeting resource storage minimums.  Finally, resource accumulation is an implicit 

function of the juvenile period in a life history context (Boggs, 2009), implying there 

must be a role for resource thresholds in the initiation of maturation more broadly. 

In larval insects, the primary tissues responsible for nutrient processing and 

storage are the fat bodies (Figure 1). These amorphous lipid-bearing tissues are 

suspended in the hemolymph between gut and epidermis (Arrese and Soulages, 

2009).  Digested materials are processed by the fat body into storage proteins and 
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trehalose that are secreted into the hemolymph and circulated throughout the body 

(Arrese and Soulages, 2009).  Excess carbohydrates are stored in the form of fatty acid 

and glycogen molecules in the fat body, and storage proteins are stored in the fat body 

immediately preceding metamorphosis (Arrese and Soulages, 2009).  It is possible that 

fat body tissues could monitor the relative storage of resources as the larval insect grows 

and communicate attainment of resource thresholds for metamorphosis.  Fat body tissues 

are known to signal nutritional condition and secrete growth factors that are necessary in 

regulating growth cycles (Colomboni et al. 2003; Henning et al. 2006; Arrese and 

Soulages, 2009).  

 In the present study, we characterize growth and content of larval fat bodies 

during metamorphic commitment in the final larval stage of the holometabolous insect 

Manduca sexta (Lepidoptera: Sphingidae) in order to examine the role that resources play 

during metamorphic commitment.  The physiological basis of metamorphic commitment 

in M. sexta has been well-described, and it is well-established that this hormonal 

signaling begins at a critical weight during growth in the final larval instar (Nijhout and 

Williams, 1974a; 1974b; D’Amico et al., 2001, Davidowitz et al., 2003; Davidowitz and 

Nijhout 2004; Nijhout et al. 2006, 2010).  The critical weight varies with environmental 

conditions such as diet and temperature (Davidowitz et al., 2003; 2004).  If a resource 

threshold is responsible for the critical weight decision, then we can make several 

predictions for how this threshold is attained in light of plasticity of the critical weight.   

The critical weight is invariant with respect to rearing temperature.  As such, the 

accumulation of fat body tissue with respect to body mass should be equal across 
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different rearing temperatures.  The critical weight is lower when diet quality is reduced 

by dilution.  In order for a resource threshold to be reached at a lower body mass, we 

would expect an increase in fat body growth with respect to body mass when diet quality 

is reduced. We test this prediction by examining resource storage as fat body mass, 

macronutrient content and caloric content during growth when M. sexta larvae are reared 

under different diet and temperature conditions.  Then we compare resource quantities 

and qualities at the critical weight at different temperatures and diet qualities. 

 

Materials and Methods 

 

Study Organism 

For all experiments, we used final instar larvae of the tobacco hornworm, 

Manduca sexta.  M. sexta are holometabolous insects that hatch at approximately 0.001g 

and grow to over 10g in body size during the larval period before undergoing 

metamorphosis to the pupal and adult forms.  Under typical laboratory conditions, this 

growth occurs in 5 instars with almost 90% of the absolute growth in body mass 

occurring in the final (5th) larval instar (Davidowitz et al., 2003, 2004).  Physiological 

commitment to metamorphosis in M. sexta has previously been reported to occur with 

attainment of a critical weight during the final larval instar.  The critical weight has 

previously been reported as 7 grams under standard laboratory conditions (D’Amico et al. 

2001; Davidowitz et al. 2003; 2004, 2012; Helm and Davidowitz, in prep.).  This critical 

weight decreases to 6.5 grams when diet quality is reduced to 60% of the standard 
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nutritional value; however, rearing temperature does not affect the critical weight 

(Davidowitz et al., 2003; 2004).   

 

Experimental Rearing Conditions 

 M. sexta larvae were reared in 35.5x22x10 cm lidded metal trays from hatching 

until sampling in the 5th instar.  Larvae were reared in cohorts with common hatching 

dates until the end of the 4th instar, at which time cohorts were subdivided into trays with 

common hatching and 5th instar dates so that age and time in the 5th instar could be 

determined during sampling.  Larvae and artificial food were suspended above the 

bottom of the tray on hardwire mesh platforms, and a paper towel was placed in the 

bottom of the tray to collect frass and prevent moisture build-up.  Trays of larvae were 

checked daily for sufficient food and to maintain hygiene. 

 

Environmental Treatments 

 We reared the M. sexta larvae under four environmental treatments.  Larvae were 

reared at one of three constant temperature treatments: 20C, 25C, or 30C.  Larvae reared 

at 25C were fed either a standard 100% quality artificial diet or a reduced 60% quality 

artificial diet (for details see Davidowitz et al., 2003), though all larvae were fed ad 

libitum.  Cohorts of larvae were reared in environmental chambers under a 16:8 day-night 

cycle and were only removed for daily maintenance or during sampling.   

 

Dissection of Fat Bodies 
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 For each environmental treatment, we sampled 80 M. sexta larvae throughout the 

growth phase of the 5th instar.  Each individual was anesthetized in a low-flow carbon 

dioxide chamber for approximately 5 min. Individuals were then dissected with a dorsal 

cut from anus to the head.  Larval gut tissue was severed and removed from the sample.  

Once the gut had been removed, dissected larvae were washed and immersed in standard 

Manduca physiological saline.  Fat body tissue was gently scraped free of the body 

tissues and collected into pre-weighed 1.5 ml Eppindorf tubes.  Fat bodies were then 

dried in a 50C drying oven until an asymptotic dry weight was reached (~2-3 weeks) and 

then weighed one final time and stored in a -80C freezer.   

 

Assay of Protein, Glycogen and Lipid Composition of Fat Bodies  

 The protein, glycogen and lipid composition of 20 fat bodies from each 

environmental treatment were determined by a series of colorimetric assays, which had 

been modified from Snell-Rood et al. (2013). 20 mg subsamples of dried fat body tissue 

were subjected to colorimetric-based chemical content analysis.  Where the total dried fat 

body mass was less than 20 mg, all the fat body tissue was assayed. .  For each 

colorimetric assay, a set of standards were used to calibrate spectrophotometer-derived 

absorbance readings with known concentrations of the target chemicals.  Bovine serum 

albumen (Thermo Scientific) dissolved into 2% Na2SO4 was used as a standard for 

protein analysis.  Trehalose (Sigma Aldritch) dissolved in a 1:2 chloroform-methanol 

solution was used as a standard for free carbohydrate analysis.  Glyogen (Sigma Aldritch) 

dissolved into DI water was used as a standard for glycogen analysis.  Linseed oil (VWR 
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Chemical) dissolved into a 1:2 chloroform-methanol solution was used as a standard for 

lipids.  Each standard solution was prepared so that the initial concentration of the 

standard was 1 mg/ml.  For each colorimetric assay, standards were serially diluted from 

this starting concentration in 0.1 mg/ml steps.   

20 fat body samples were run simultaneously with known standards for each 

colorimetric assay.  All samples were first suspended and then vortexed in 400 µl of a 2% 

Na2SO4 solution.  For protein quantification, 20 µl of this solution was subsampled and 

then diluted into 180 µl of Na2SO4 and assayed using a standard Coomassie-Bradford 

reagent assay kit (Thermo Scientific).  1 ml of Bradford reagent was added to each 

protein analysis sample and allowed to react for 10 minutes.  After the reaction was 

complete, samples were loaded into a 96 well plate and the absorbance was read at 

595nm and 490 nm with a spectrophotometer (Thermo Scientific Multiskan GO) to 

determine protein concentration.  1.5 ml of a 1:2 chloroform:methanol solution was 

added to each sample solution and vortexed.  Samples were then centrifuged for 15 min 

at 14000 rpm.  A 20 µl aliquot was subsampled into a separate test tube for lipid analysis. 

The supernatant of each sample was discarded, but the solute was kept for glycogen.  For 

glycogen analysis, solutes were re-suspended in 1 ml of DI water.  2 ml of a half strength 

anthrone reagent were added to each glycogen sample and placed into a 100C water bath 

for 10 min.  After reaction time was complete, each sample was loaded into a 96 well 

plate and absorbance was read at 625 nm using a spectrophotometer (Thermo Scientific 

Multiskan GO) to determine glycogen concentration.  For lipid assays, 20 µl aliquots 

were allowed to dry in their test tubes overnight.  Then 200 µl of concentrated sulfuric 
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acid were used to re-suspend dried lipid, and 3 ml of a phosphoric acid-vanillin reagent 

was added to each sample.  Samples were then vortexed briefly and transferred to a 96 

well plate. Absorbance was read at 525nm using a spectrophotometer (Thermo Scientific 

Multiskan GO). 

We performed a linear regression of absorbance to known concentrations of 

standards from each assay separately.  This regression was then used to estimate the 

unknown protein, glycogen and lipid concentrations of samples from their absorbance 

readings.  The mass of each chemical constituent was then back-calculated from assayed 

concentrations and used to determine the composition percentage of protein, lipid and 

glycogen in the fat body.  Percent protein, glycogen and lipid were first arcsine 

transformed and then compared as a product of body mass growth in the 5th instar and in 

response to temperature and diet quality treatments separately using standard regression 

and non-parametric comparisons of means respectively.  

 

Caloric Content of Fat Bodies  

 The caloric content of fat bodies was determined from bomb calorimetry.  20 fat 

body samples from each environmental treatment were assayed for caloric content using 

a Parr 6200 Calorimeter bomb calorimeter with a Parr 6510 water handling system.  We 

used a 1108 oxygen combustion bomb spiked with 500μL mineral oil (Ace Hardware) 

with a 1000μL BrandTech positive displacement transfer pipette. First, we analyzed the 

total caloric value and then caloric concentration (cal/g) as a product of body mass, 

temperature and diet quality using standard analysis of variance and multiple regression.  
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Scaling analysis of fat body mass 

 We analyzed dry fat body content relative to body mass using an allometric 

scaling equation, Y=b0X
b, where Y is the fat body mass, X is the body mass, b is the 

scaling exponent, and b0 is the scaling coefficient.  Dried fat body mass and body mass 

were first log-transformed to linearize the relationship between the two traits, log (Y) = b 

log (X) + log b0.  Then, standardized major axis regressions (SMA) were fit for each 

environmental treatment, and regressions were compared against one another using 

multiple comparisons and against an expected null hypothesis of isometry between the 

two traits (b=1.0) using the package “smatr” in R for Linux v. 2.15.1 (R Core Team, 

Warton et al., 2006).  So that absolute fat content could be compared between treatments, 

the linearized allometric equation was converted back into the standard allometric scaling 

equation, Y=b0X
b.  Allometric scaling analysis allows us to relate the growth of the fat 

body with whole body growth within the instar and of fat content in relation to the critical 

weight.  

 

Estimation of Fat Body Mass during Critical Weights 

We used the allometric equations describing fat body mass relative to body mass 

to predict the quantity of stored resources for the estimates of the critical weight when 

reared at different temperatures and diet qualities (see Davidowitz et al., 2004).  Sampled 

individuals from each environmental treatment were categorized as pre-critical weight 

(body mass <6.0g), at the critical weight (6.0g<body mass< 8.0) or post-critical weight 
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(bodymass > 8.0g).  We then compared the mass-specific fat body content for each of 

these groups across environmental treatments, amongst different temperature treatments, 

and between different diet qualities. Because the critical weight is invariant with respect 

to temperature (Davidowitz et al., 2003; 2004), we expect resource storage to be 

approximately equal at 7 g across different temperature treatments.  Because the critical 

weight is lower when diet quality is reduced, we expect diet quality reduction to result in 

mass-specific increases in fat body growth that cause the resource threshold to be attained 

at a smaller body mass. 

 

Results 

Fat body scaling during metamorphic commitment under different environmental 

treatments 

 Fat body mass accumulates rapidly throughout the growth period of the 5th instar 

in M. sexta larvae. There is almost no discernible fat body at the beginning of the instar 

and fat body increases exponentially as body mass increases (Table 1) (SMA across 

treatments, b=1.92, R2=0.91, P<0.0001).  Both rearing temperature and diet quality had 

an effect on the scaling relationship (SMATR multiple comparisons, r=14.97, P=0.0018).  

The highest scaling exponent was observed for larvae reared at 25C and on 60% quality 

artificial diet (SMA, b=2.07, R2=0.78, P<0.0001), which was significantly greater than 

individuals reared at 25C on 100% diet quality (SMATR multiple comparisons, r=5.72, 

P=0.02).  There were also significant differences between scaling exponents observed for 

larvae reared at different temperatures (Table 1).  The fat scaling relationship at 30C on 
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100% diet quality did not differ significantly from larvae reared at 25C on 100% diet 

quality (SMATR multiple comparisons, r=1.74, P=0.19); however, it was significantly 

higher than the relationship observed when larvae were reared at 20C on 100% quality 

diet (SMATR multiple comparisons, r=6.71, P=0.009).  The scaling relationship observed 

did not differ significantly when reared at either 20C or 25C (SMATR multiple 

comparisons, r=2.36, P=0.12). Generally, M. sexta larvae reared on low quality diet 

accumulated the most fat body in mass-specific terms when compared with individuals 

reared on high quality diet (Table 1, Figure 2).  Mass-specific fat body content also 

increased with increasing rearing temperature (Table 1, Figure 2). 

 

Protein, gylcogen and lipid content of fat body under different environmental treatments 

 Protein content of fat bodies did not change during growth for larvae reared at 

different temperatures (linear regression, b=-0.00094, t=-1.44, P=0.16) or different diet 

qualities (linear regression, b=-0.00083, t=-1.00, P=0.33) (Figure 4). Protein content was 

approximately 1.70% (+-0.14%) throughout growth.  There were no significant 

differences in protein content among different temperature treatments (Kruskal-Wallis, 

X2=0.73, P=0.70); however, there was a marginal statistical difference between different 

diet quality treatments (Kruskal-Wallace, X2=3.69, P=0.055). 

 Lipid content of the fat bodies also did not change significantly with growth for 

larvae reared at different temperatures (linear regression, b=-0.0014, t=-0.16, P=0.87) or 

different diet qualities (linear regression, b=-0.0019, t-0.33, P=0.74) (Figure 4).  Lipid 

content comprised approximately 85.6% (+-1.72%) of the fat body mass throughout 
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larval growth.  There were no significant statistical effects of either temperature 

(Kruskal-Wallis, X2=2.45, P=0.29) or diet quality (Kruskal-Wallis, X2=1.11, P=0.29) on 

lipid content of the fat bodies. 

 Glycogen content of the fat bodies did not change with body mass for individuals 

reared at either different temperatures (linear regression, b=0.0023, t=0.27, P=0.79) or 

different diet qualities (linear regression, b=0.0027, t=0.46, P=0.65) (Figure 4).  

Glycogen content comprised 12.7% (+-0.17%) of the fat body mass throughout larval 

growth.  Glycogen content was unaffected by rearing temperature (Kruskal-Wallis, 

X2=2.10, P=0.35) and diet quality (Kruskal-Wallis, X2=0.41, P=0.52). 

 

Caloric composition of fat body under different environmental treatments 

 As the mass of the fat body increased throughout the 5th instar, the caloric content 

per gram decreased by approximately 2 cal/g per mg fat body growth (linear regression, 

b=-2.23, t=-5.34, P<0.0001).  There were significant differences in the caloric value of fat 

bodies across different rearing temperatures (Figure 5A) (ANOVA, F2,57=4.221, P=0.02).  

Individuals reared at 30C had significantly higher caloric contents than individuals reared 

at 25C (Tukey HSD, P=0.018); however, no other temperature treatments significantly 

differed from one another (Figure 5A).  Individuals reared on reduced quality diet had a 

significantly higher caloric concentration than individuals reared on standard quality 

artificial diet (Figure 5B) (ANOVA, F1,38=10.91, P=0.0021).    

 

Discussion 
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A variety of non-mutually exclusive mechanisms have been proposed to explain 

the timing of metamorphic commitment in larval insects.  In Drosophilia melanogaster 

larvae, autonomous growth of the ring gland, containing both JH and 20E secreting 

tissues, has been associated with size changes that are potentially driven by changes in 

the critical weight (Mirth et al. 2005, Mirth 2007).  The ring gland may independently 

assess its development or growth benchmarks and autonomously control hormonal 

signaling that drives metamorphic commitment.  Alternatively, the development of 

imaginal discs that proliferate into adult tissues during metamorphosis may be 

responsible for the critical weight (Stieper et al. 2008, Shingleton, 2011), though the 

proliferation of some imaginal discs is inhibited until after the onset of metamorphic 

commitment (Nijhout et al. 2006).  Third, oxygen limitation that increases with larval 

growth may be a trigger for molting and metamorphosis (Callier and Nijhout 2012), 

which would suggest that metamorphic commitment occurs in response to physical 

thresholds for continued growth.  To our knowledge, however, no studies have addressed 

the role that nutritional thresholds play in metamorphic commitment, though its onset is 

well-known to be nutritionally contingent (Nijhout and Williams, 1973; Davidowitz et 

al., 2003, 2004).   

This study demonstrates that plasticity of the critical weight in response to diet 

quality is consistent with a resource threshold determining metamorphic commitment.  

The critical weight occurs at a smaller overall body size when artificial diet quality is 

reduced (Davidowitz et al., 2003, 2004).  If the critical weight is determined by a 

resource threshold, the growing larva must accumulate more fat body storage relative to 
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body mass such that it achieves this resource threshold at a smaller overall body size.  

When we lowered diet quality, we observed that there was an increase in the mass-

specific growth of the fat bodies, which would lead to this resource threshold occurring at 

a smaller body mass. 

In terms of caloric content, fat bodies contained more energetic reserves per unit 

mass when larvae were reared on reduced quality artificial diet than when reared on 

standard quality diet.  This may be a consequence of protein differences in fat body 

composition, although protein is only a small component of overall fat body composition. 

Thus, reduction in larval diet quality overall appears to increase the mass-specific 

energetic value of fat bodies as compared with larvae that had been reared on standard 

quality diet.  Because compositional changes of the fat body in response to temperature 

and diet quality were relatively minor, we argue that environmental differences in 

nutritional storage are represented more strongly by changes in the amount of fat body 

rather than its composition.   

On the other hand, our results also showed that the relative growth of fat body 

tissues is affected by rearing temperature.  The critical weight has been shown to be 

invariant across the range of rearing temperatures imposed in this experiment 

(Davidowitz et al., 2003, 2004), suggesting that the growth of the fat bodies respective of 

body mass should also be invariant.  Instead, we found that rearing temperature did affect 

the relative growth of the fat bodies.  If a resource threshold is responsible for the critical 

weight, then we would expect to see 
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It is interesting that we found relatively little effect of environmental conditions 

on the protein, glycogen, and lipid content of the fat bodies.  We did not observe 

differences in the protein, glycogen and lipid contents across different rearing 

temperatures or diet qualities.  Previous studies have reported that fat body growth and 

composition are influenced by larval nutrition (Ojeda-Avila et al., 2003); however, the 

changes in fat body composition we observed were relatively minor in comparison. One 

possible reason for this is that our diet manipulation experiments did not change the 

relative ratios of nutritive components of larval nutrition (Ojeda-Avila et al., 2003), but 

rather reduced their concentration overall by dilution with non-digestable cellulose.  The 

absolute nutritional value of the diet may have different effects on larval fat body growth 

and composition than the relative ratios of nutritive components. 

Almost all of the nutritional storage utilized during metamorphosis is accumulated 

during the 5th instar in M sexta.  Larvae at the beginning of the 5th instar contained little 

or no fat body at all, indicating that any nutritional reserves accumulated in previous 

instars were consumed during the penultimate larval molt.  During the final larval instar, 

fat bodies grow exponentially such that fat becomes a major component of the biological 

mass immediately prior to growth cessation.  In M. sexta, larval dry mass is 

approximately 20% of wet mass (Sears et al. 2012).  Gut decreases from approximately 

16% to 8% of the total body mass during 5th instar growth (Callier and Nijhout, 2012).  

Taken together, a M. sexta larva at the end of the growth period would have 

approximately 30% of its total biomass allocated to nutrient storage immediately 

preceding metamorphosis with most if not all of this fat tissue accumulated during the 5th 
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instar.  In terms of mass allocation among tissues, resource storage is of critical 

importance during this phase of the life cycle.  

Metamorphosis represents a radical change in morphology and ecology in insects 

and may not be dependent on one specific factor but rather the input and coordination of 

many developing systems and many underlying factors.  Here, we show that the growth 

and content of the larval fat bodies can explain patterns of plasticity observed in the 

critical weight when diet quality is reduced.  However, growth and content of larval fat 

bodies in response to different rearing temperatures is inconsistent with the observation 

that the critical weight is invariant with respect to temperature.  It is possible that the 

factor responsible for the critical weight can be different as environmental conditions 

vary.  In this study, altering diet quality directly affects resource threshold attainment, 

whereas altering temperature may cause some other ontogenetic factor to take primacy in 

determining when the critical weight occurs.   
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Figure 1. Fat bodies from the abdomen of 5th instar M. sexta larva.  The gut has been 

removed and the fat bodies are suspended in a Manduca physiological saline. 
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Figure 2. Fat body growth relative to body mass growth of 5th instar M. sexta larvae 

when reared at (A) 30C - 100% diet quality, (B) 25C – 100% diet quality, (C) 20C – 

100% diet quality, and (D) 25C – 60% diet quality. 
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Figure 3. Log-transformed fat body scaling (A) and absolute fat body growth (B) of M. 

sexta larvae reared at 30C (red), 25C (black) and 20C (blue).  Log-transformed fat body 

scaling (C) and absolute fat body growth (D) of M. sexta larvae reared on high (solid) 

and reduced (dashed) quality artificial diet at 25C. 
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Figure 4. Protein, lipid and glycogen content of larval fat bodies in 5th instar M. sexta 

larvae. 
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Figure 5. Caloric content (calories/gram) of 5th instar M. sexta fat bodies when reared at 

3 temperature treatments (A) or on 2 diet qualities (B). 
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Table 1. Summary of scaling analysis for the relationship between log-transformed dry 

fat body mass and whole body mass when reared at different temperatures and diet 

qualities.  Standardized major axis regression (SMA) was used to generate scaling 

parameters, and each regression was tested against a null hypothesis of isometry (b=1.0).  

Multiple comparisons were made between environmental treatments with test values and 

p values presented. 

 

 

 

 

 

 

  

Temp Diet Quality Slope Lower Upper Intercept Lower Upper R2 P r P

30C 100.00% 1.99 1.86 2.13 0.57 0.47 0.66 0.91 <0.0003 0.92 <0.0001

25C 100.00% 1.87 1.77 1.98 0.62 0.54 0.70 0.92 <0.0001 0.93 <0.0003

60.00% 2.06 1.88 2.29 0.55 0.48 0.68 0.78 <0.0004 0.86 <0.0004

20C 100.00% 1.74 1.62 1.87 0.77 0.68 0.85 0.90 <0.0005 0.88 <0.0005

Multiple Comparisons, test value to the top right and p-value to the bottom left

30C (100% ) 25C (100% ) 25C (60% ) 20C (100% )

30C (100% - 1.74 0.67 6.71

25C (100% ) 0.19 - 5.72 2.36

25C (60% ) 0.41 0.02 - 13.04

20C (100% ) 0.009 0.12 0.0003 -

Treatment 95%  CI 95%  CI Test of Isometry
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Abstract 

 Life history traits are a product of energetic allocation along ontogeny, and 

growing organisms must partition incoming resources amongst growth, storage and 

metabolism.  Life history traits should also respond plastically, and plasticity in the 

allocation between these traits may vary with environmental conditions.  In this study, we 

measure storage, growth and metabolic rate along ontogeny of 5th instar Manduca sexta 

and the relative tradeoffs between them under different temperatures and diet qualities.  

 

Introduction 

Life history traits manifest at the organismal scale as a product of differential 

allocation of resources along ontogeny (Boggs, 2009).  Developing organisms consume 

resources from their environment that are fundamentally limited.  As a consequence, 

resources must be partitioned optimally among physiological functions necessary for 

survival and reproduction. Such allocation tradeoffs are the foundation of our 

understanding of life history evolution (Kozlowski and Wiegert, 1986; Kozlowski, 1991; 

Roff, 1992; Stearns, 1992).  When resources are allocated to any one particular process, a 

physiological tradeoff arises because those resources could have been allocated to other 

traits.  Thus, both allocation and the physiological tradeoffs that arise from allocation 

serve as the basis for determining the particular life history strategy of an individual 

organism as it progresses through ontogeny. 

Most studies of allocation tradeoffs examine tradeoffs between reproduction and 

other processes (Roff 1992; Stearns 1992). However, not all tradeoffs involve 
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reproduction. Juvenile organisms utilize resources to increase their size, store them for 

future use, or consume them metabolically to support growth and maintenance.  As a 

consequence, resources must be allocated among growth, storage and metabolism along 

ontogeny prior to reproduction (Berner and Blanckenhorn, 2007).  Growth increases the 

size of the organism, which is both necessary for successful maturation and strongly 

impacts potential fecundity as an adult (cite).  Resource storage is important for surviving 

periods when ecological resources are unavailable and during periods of development 

when it is not possible to accumulate additional resources such as pupation or diapause, 

and are often used for provisioning offspring at reproduction. Metabolism is necessary to 

generate the cellular energetic resources necessary to maintain general function and to 

support growth.  Allocation among these processes will ultimately result in tradeoffs. 

Thus, growing organisms should allocation resources among these processes optimally. 

Life history traits, especially age and size at maturity, are also heavily influenced 

by the environmental conditions experienced by the developing organism (Berrigan and 

Charnov, 1994; Nylin and Gotthard, 1998; Lee and Roh, 2010).  In response to varying 

environmental conditions, organisms should alter their relative allocation to storage, 

growth and metabolic rate. This, in turn, will affect the overall tradeoffs that occur 

between these traits along ontogeny. 

In this study, we ask three questions about the nature of the tradeoffs among 

storage, growth and metabolic rate along ontogeny in larval tobacco hornworm, Manduca 

sexta.  First, how do growth, storage and metabolic rate scale along ontogeny?  Second, 

how do growth, storage and metabolic rate tradeoff along ontogeny? Finally, how does 
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environmental variability shape the scaling of, and tradeoffs among, growth, storage and 

metabolic rate?  

 

 

Methods 

General Rearing Conditions 

 For all experiments, we used Manduca sexta larvae that had been obtained from 

the laboratory colony at the University of Arizona between the summer 2011 and spring 

2013.  All M. sexta were obtained as freshly laid eggs and kept at a constant 25C until 

hatching.  At the time of hatching, larvae were randomly assigned to experimental 

treatments as described below.  Except where noted otherwise, larvae were reared in 

lidded metal trays (35.5 * 22 * 10cm ) lined with paper towels.  Larvae and artificial food 

were suspended above the bottom of the rearing trays on 6mm hardware mesh platforms 

for instars 1 through 4 and 12mm hardware mesh platforms for 5th instar.  Larvae were 

reared in cohorts with common hatching dates. Cohorts were then divided into subcohorts 

that had all entered the 5th (last) instar on the same day.  Larvae were fed ad libitum for 

all experiments.  Rearing trays were monitored and maintained daily to ensure 

availability of fresh food and for cleaning. 

 

Environmental Rearing Conditions and Sampling 

 We measured storage, metabolic rate and growth rate of M. sexta larvae 

throughout the the 5th instar when reared at one of three constant rearing temperatures 
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(30C, 25C, or 20C) and one of two diet qualities (100% or 60% quality, for details see 

Davidowitz et al. 2003, 2004).  Cohorts of larvae were reared in environmental chambers 

(VWR, model 2015) that had been set to 30C, 25C or 20C with a 16:8hr day-night 

photocycle. Mortality was very high for larvae that were reared at 20C and on 60% 

quality diet, and very few individuals successfully developed to the 5th instar.  Therefore, 

this treatment was not included in this study. 

 

Measurement and Scaling Analysis of Storage 

 We measured storage during the growth of 5th instar M. sexta by dissecting and 

weighing the fat bodies from each of the five experimental treatments. In insects, the fat 

body is the primary storage tissue.  Larvae were first weighed and then anaesthetized by 

carbon dioxide.   We then dissected and removed the gut whole before immersing the 

individual in a standard Manduca physiological saline.  Fat bodies were scraped free of 

body tissues and placed into 1.5 ml Eppindorf tubes.  Dissected fat bodies were then 

dried in a 50C drying oven and weighed until they had reached an asymptotic mass (ca. 

12 days).  

We analyzed storage during the last larval instar using an allometric approach.  

Dried fat body mass was modeled as a function of body mass with the power function 

Y=mXb, where Y is fat body mass, X is body mass, m is a scaling coefficient and b is the 

scaling exponent.  As is standard in allometric analysis, fat body mass and body mass 

were first log transformed, linearizing the power function to the form log Y = b log X + 

log m.  Type II standardized major axis regressions were fit to the data to estimate the 
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scaling coefficient and exponent for each environmental treatment using the package 

SMATR in R for Linux v. 2.15.1 (R Core Team, 2012; Warton and Weber, 2002; Warton 

et al. 2006).  We then compared the storage scaling relationships between environmental 

treatments using multiple comparisons using SMATR. 

 

Measurement and Scaling Analysis of Metabolic Rate 

 We measured metabolic rates of 5th instar M. sexta larvae by flow-through 

respirometry using a FoxBox Gas Analysis System (Sable Systems, Las Vegas, NV).  

Ambient air was scrubbed free of water and carbon dioxide by pulling the air through two 

scrubbers of silica gel and one chamber of drierite/ascarite/drierite before being passed 

through the air pump.  Air was then pushed at a rate of 150 ml/min through one of four 

30 ml respirometry chambers using a multiplexer (Sable Systems, Las Vegas, NV).  All 

chambers were kept in a Pelt-5  temperature controlled chamber (Sable Systems, Las 

Vegas, NV) and metabolic rates were measured at their rearing temperatures—either 

30C, 25C, or 20C. After passing through the respirometry chamber, additional water 

vapor was scrubbed by passing the stream through a column of magnesium perchlorate 

before being pushed into the carbon dioxide analyzer in the FoxBox Gas Analysis 

System. 

 We measured the metabolic rates of four larvae sequentially using the 

multiplexor, controlled by Expedata (Sable Systems, Las Vegas, NV).  Larvae were 

placed into respirometry chambers and then attached to the respirometry air flow for 20 

min preceding any measurement.  The metabolic rate of each individual was then 
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recorded for five min with a three min baseline between each recording.  Percent CO2 

was sampled every second and recorded using Expedata Data Analysis.  To determine 

metabolic rate in terms of VCO2, the recording for each individual was first drift-

corrected and zeroed using the baseline recordings that preceded and followed the 

recording.  Then, a 90 sec window where the CO2 recording was most stable was 

determined using tools provided in Expedata, and the average CO2 percent was 

determined for each individual. VCO2 was calculated as: 

1. VCO2 ml/hr = %CO2 * 1/100% * 150 ml/min x 60 min/hr 

 As is standard for the analysis of metabolic allometries, metabolic rate was 

modeled as a function of body mass using the power function Y=mXb, where Y is VCO2, 

X is body mass, m is the scaling coefficient and b is the scaling exponent.  Values of 

VCO2 and body mass were first log-transformed, linearizing the power function to log Y 

= b log X + log m.  Type II standardized major axis regressions were fit to the data to 

estimate both the scaling coefficient and scaling exponent using the package SMATR in 

R for Linux v. 2.15.1 (Warton and Weber, 2002; Warton et al. 2006).  Scaling exponents 

and scaling coefficients were compared across environmental treatments to ascertain 

shifts in the metabolic scaling pattern using SMATR. 

 

Measurement and Scaling Analysis of Growth 

 To measure daily growth, we individually reared a subset of M. sexta larvae from 

hatching until cessation of growth.  At hatching, each individual was placed into a 30 ml 

lidded plastic rearing cup (Solo, Urbana, IL) and assigned randomly to environmental 
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treatments (see above). At ecdysis to the 5th instar, individuals were transferred to larger 

355 ml lidded plastic cups (Solo, Urbana, IL) and were provided an excess of food.  Each 

individual was weighed approximately every 24 hours from hatching until cessation of 

growth.  Initial mass, mass at the beginning of the 5th instar, peak larval mass, 

development time until 5th instar, development time of the 5th instar, and total 

development time were calculated for each environmental treatment.  Because sample 

sizes for the growth assay were relatively small (see Table 1 for sample sizes), measures 

of growth were compared between environmental treatments using standard non-

parametric statistical tests. 

 In order to assess mass-specific growth rates, we first determined the relative 

growth rate for each individual in each day of the 5th instar.  Mass-corrected relative 

growth rates were calculated as the mass growth over a 24-hour period which was then 

divided by initial mass:  

2. RGR = masst1 - masst0 / masst0  

Exploratory analysis of relative growth rates as a function of body mass in the 5th instar 

showed that the relationship between the two variables was non-linear even after log-

transformation as is standard in scaling analysis.  So the scaling relationship of relative 

growth rate and body mass were modeled as a second-order polynomial function to 

accurately reflect mass-specific changes in relative growth rates.  The polynomial 

function describing how relative growth rate changes with body mass in the 5th instar 

was estimated for each temperature and diet quality treatment separately.  In order to test 

for differences between treatments, we modeled relative growth rate as a product of body 
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mass, diet quality, and temperature as a generalized linear mixed model using the “nlme” 

package in R for Linux (v 2.15.1).  

3. RGR = masst0
2 + masst0 + temperature + diet quality + individual 

We treated temperature and diet quality as fixed effects in our model, and body mass and 

individual as random effects.  Individual was included as a random effect to account for 

repeated measures. We tested for overall effects of rearing temperature and diet quality 

using an analysis of deviance, and post-hoc comparisons between diet quality and 

temperature were made using the “multcomp” package in R for Linux (v 2.15.1). 

 

Modeling the Tradeoffs between Storage, Growth, and Metabolic Rate 

 In order to assess the relative tradeoffs between storage, growth and metabolic 

rate for growing 5th instar M. sexta larvae, we used the estimated allometric equations 

from scaling analysis to predict the mass-specific values of storage, metabolic rate and 

growth rate among and across environmental treatments.  We used predicted mass-

specific values to compare the tradeoffs between these traits because we only measured 

one trait per individual.  Mass-specific values of storage, metabolic rate and growth were 

then plotted against one another to graphically represent the tradeoffs between traits. 

 

Results 

 

Effects of temperature and diet quality on body size and development time 
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Temperature and diet quality affect development time throughout larval growth, 

but differences in body size due to temperature and diet quality arise only in the 5th instar 

(Table 1).  There were no significant differences in body mass when newly hatched 

larvae were assigned to the various environmental treatments (Kruskal Wallis rank sum 

test, X2, P=0.85). Development time to the 5th instar was significantly prolonged for 

lower rearing temperatures and reduced diet quality (Kruskal Wallis rank sum test, 

X2=53.95, P<0.0001).  However, body size at the beginning of the 5th instar did not vary 

across different rearing temperatures or diet qualities (Kruskal Wallis rank sum test, 

X2=5.97, P=0.20). 5th instar development time was prolonged at lower rearing 

temperatures and on reduced diet quality (Kruskal Wallis, X2=48.27, P<0.0001). 

Individuals reared at lower temperatures had larger peak masses than individuals reared 

at higher temperatures, and reduction in diet quality resulted in lower peak mass at the 

end of 5th instar growth (Kruskal Wallis, X2=14.12, P=0.0069). 

 

Storage Scaling 

 We performed a scaling analysis of storage as measured by fat body mass content 

relative to body mass (Figure 1, Table 2).  Temperature had an impact on both the scaling 

exponent (SMATR test of slopes, r=6.72, P=0.035) and scaling coefficients (SMATR test 

of elevation, WALD=8.20, P=0.017) when reared on high quality diet.  Temperature 

showed no effect on the scaling exponent (SMATR test of slopes, r=0.0075, P=0.93) when 

reared on low quality diet; however, the scaling coefficient was significantly different 

(SMATR test of elevation, WALD=5.24, P=0.022).  Scaling exponents tended to increase 
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with increasing temperature (Table 2).  The scaling exponent observed for individuals 

reared at 25C did not differ significantly between individuals reared at either 30C (SMATR 

multiple comparisons, r=1.74, P=0.18) or 20C (SMATR multiple comparisons, r=2.23, 

P=0.12); however, individuals reared at 30C had a significantly higher scaling exponent 

than individuals reared at 20C (SMATR multiple comparisons, r=5.71, P=0.017).  There 

were no significant effects of diet quality on the scaling exponent (SMATR test of slope, 

r=0.12, P=0.73) or scaling coefficient (SMATR test of elevation, WALD=0.18, P=0.67) 

observed between individuals reared at 30C.  There were also no effects of diet quality on 

the scaling coefficient (SMATR test of slope, r=0.35, P=0.56), though marginal effects on 

the scaling exponent (SMATR test of elevation, WALD=2.71, P=0.10) for individuals 

reared at 25C.. 

 

Metabolic Scaling  

 We performed a scaling analysis of resting metabolic rate as a product of body 

mass for 5th instar (Figure 2, Table 3).  Across all treatments, metabolic rate scaled with 

body mass hypoallometrically (Table 3).  This was also the case for most of the 

environmental treatments except for individuals reared at 20C, which showed an 

isometric metabolic scaling relationship (Table 3).  We found no significant differences 

in the scaling exponent across different temperatures when reared on high quality diet  

(SMATR test of slope, r=3.63, P=0.16) or on reduced quality diet (SMATR test of slope, 

r=1.47, P=0.23.. However, there were significant shifts in the scaling coefficient between 

temperatures for both high quality diet (SMATR test of elevation, WALD=130.1, 
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P<0.0001) and reduced quality diet (SMATR test of elevation, WALD=5.74, P=0.017).  

Diet quality had no effect on the scaling exponents observed at 30C (SMATR test of 

slopes, r=0.37, P=0.54) or 25C (SMATR test of slopes, r=0.019, P=0.89).  Diet quality 

also had no effect on the scaling coefficient observed at 30C (SMATR test of elevation, 

WALD=0.37, P=0.54); however, there was a significant effect of diet quality on the 

scaling coefficient observed at 25C (SMATR test of elevation, WALD=7.82, P=0.005). 

There was a trend for an increasing scaling exponent as rearing temperature decreased 

(Table 3), but this was not supported statistically.  The highest metabolic rates were 

observed for individuals that had been reared at 30C, intermediate metabolic rates were 

observed for individuals that had been reared at 25C, and the lowest metabolic rates were 

observed for individuals that had been reared at 20C (Table 3).  Overall metabolic rate 

was reduced across all masses of 5th instar M. sexta when artificial diet quality was 

reduced.  Differences in scaling coefficients between environmental treatments were all 

statistically significant (P<0.05), except between individuals reared at 25C-100% and 

those reared at 30C-60% (P=0.06) or 25C-60% (P=0.76).  

 

Growth Scaling 

 We measured the relative growth rates during growth of 5th instar M. sexta across 

the five environmental treatments.  Relative growth rate scaled with body mass as a 

second order polynomial regression (Figure 3).  Rearing temperature (Analysis of 

Deviance, F2,64=8.44, P=0.0006) and diet quality (Analysis of Deviance, F1,64=33.36, 

P<0.0001) both have strong impacts on relative growth rates after accounting for the 
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polynomial relationship between relative growth and body mass and after accounting for 

repeated measures.  Individuals reared at 30C had significantly higher relative growth 

rates than individuals reared at either 25C (post-hoc multiple comparison, z=2.58, 

P=0.027) or 20C (post-hoc multiple comparison, z=3.96, P=0.00021), and individuals 

reared at 25C had significantly higher mass-specific growth rates than those reared at 

20C (post-hoc multiple comparison, z=6.09, P<0.0001).  Thus, mass-specific growth rate 

increases with increasing rearing temperature.  Reduction of diet quality results in a 

significant reduction in relative growth rates (post-hoc comparison, z=-5.78, P<0.0001). 

 

Tradeoffs between storage, metabolic rate and growth 

 Based on the body mass, we predicted the expected values of storage, metabolic 

rate and relative growth rate from the allometric regressions.  We then used these 

predicted values to plot the tradeoffs between storage, metabolic rate and growth rate to 

understand how all three traits change as body mass increases during the 5th instar and in 

response to environmental variability (Figure 4).  During initial growth in the 5th instar, 

growth rate and storage were positively correlated as both increased with body mass.  

After relative growth rate declines, the relationship flips and storage and relative growth 

rate show a negative tradeoff even across various environmental treatments (Figure 

4A,B).  Storage and metabolic rate increase continually during 5th instar growth, thus 

they are positively correlated at all body masses.  Initially metabolic rate increases more 

that storage, however, storage increases much more rapidly than metabolic rate later in 

the growth period (Figure 4C,D).  The relationship between metabolic rate and relative 
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growth rate is positive during the first half of the growth phase; however, this relationship 

flips after relative growth rate declines.  Thus, metabolic rate and relative growth rate are 

negatively correlated during the latter portion of the growth phase (Figure 4E,F). 

 

Discussion 

 Our results show that storage, metabolic rate and growth rate each scale 

differently with respect to body mass growth in 5th instar M. sexta.  Storage at the 

beginning of the instar is a relatively small aspect of whole body mass investment.  As 

the larva grows, storage grows exponentially with respect to whole body mass.  

Metabolic rate, however, scales hypoallometrically during growth.  Thus, metabolic rate 

increases with body mass though the rate of increase declines during growth.  It has been 

suggested that metabolic rates should scale isometrically during growth (Glazier, 2005); 

however, several studies with M. sexta have shown hypoallometric metabolic scaling 

during larval growth (Callier and Nijhout, 2011; Sears et al., 2012). Relative growth rate 

increases and then declines during the growth period. In absolute terms, this would 

generate a sigmoidal growth curve as is expected from other studies of M. sexta (Nijhout 

et al., 2006).  

 The particular pattern of mass-specific storage scaling was found to be influenced 

by environmental conditions.  Individuals reared at higher temperatures had higher mass-

specific storage scaling exponents than individuals reared at cooler temperatures when 

reared on standard quality artificial diet.  Warmer temperatures increase the accumulation 

of fat stores of growing M. sexta larvae.  This is somewhat unexpected, because cooler 
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temperatures would typically be experienced by larvae near the end of the growing 

season, in late summer or early fall.  In natural conditions, larvae should be preparing to 

pupate and enter diapause for the winter, and an increase in storage would be expected 

(Hahn and Denlinger, 2007).  It is possible that cool temperatures and a long day 

photoperiod  do not correlate with natural responses to diapause preparation.  Thus, 

storage scaling here would not be related to pre-diapause growth.  These particular M. 

sexta have been reared continuously in constant laboratory conditions for nearly 50 years 

and may not show typical responses to cooled temperatures.  Larvae on higher 

temperatures may detect accelerated growth and store more in mass-specific terms in 

preparation for shortened development time.  Rearing temperature may also affect the 

physiological tradeoffs between storage, metabolic rate, and growth rate, and the net 

outcome is a mass-specific reduction in storage when reared on cool temperatures.   

Reduction of larval diet quality also affects the storage scaling pattern of growing 

larvae.  Our results show that individuals reared on reduced diet quality invest more in 

storage than individuals reared on standard diet quality in mass-specific terms.  This 

could represent a compensatory response to nutritionally slowed growth.  As diet quality 

is reduced, it may be advantageous or even adaptive to store relatively more incoming 

resources at the cost of reduced growth, as stored resources are needed to survive 

pupation and metamorphosis and can be utilized during reproduction later in the life 

cycle. 

 Metabolic rate was also influenced by environmental conditions during growth of 

5th instar M. sexta.  It is well known that metabolic rate is affected by temperature, and M. 
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sexta is an ectothermic organism sensitive to environmental thermal conditions.  Cooler 

temperatures should result in an overall lower metabolic rate than warmer temperatures, 

and this is exactly the pattern described in this study.  Across temperature treatments, 

mass-specific storage scaling exponents declined with decreasing rearing temperatures, 

corresponding with increasing mass-specific metabolic scaling exponents.  There may be 

an interaction between metabolic rates and storage across environmental temperatures.  

Alternatively, this pattern may be explained by “metabolic cold adaptation,” which 

suggests that mass-specific metabolic rates could be elevated in cool conditions to 

compensate for an overall reduction in metabolism (Hodkinson, 2003).   

Our study also shows that mass-specific metabolic rates were lowered when diet 

quality was reduced, though there were no apparent trends in the metabolic scaling 

exponents.  Overall metabolic rate is likely to be reduced when there are simply less fuels 

to metabolize (Jeyasingh, 2007; Harrison and Haddad, 2011).  

Relative growth rates were expectedly influenced by rearing conditions.  

Reduction in temperature and diet quality both reduced growth rates in larval M. sexta, 

although each had unique impacts on larval mass.  Cooler rearing temperatures prolonged 

development time and resulted in larger peak larval masses than warmer rearing 

temperatures. Thus, laboratory-reared M. sexta appear to follow the Temperature Size 

Rule (Atkinson 1994).  Reduction in diet quality also prolonged development time 

slightly but resulted in smaller peak larval masses than individuals reared on standard diet 

quality.  Environmentally-induced variability in growth rates does not necessarily 

correlate with consistent changes in storage or metabolic rate.  For example, slow growth 
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rates at cooler temperatures result in less storage, but slow growth rates because of diet 

quality reduction result in greater storage.  Thus, growth rate alone cannot be taken as a 

proxy for organismal resource storage overall. 

The relationships among storage, metabolic rate and growth rate are not constant 

within the instar.  This is most likely a consequence of the fact that growth rate increases 

and then declines during the growth period.  Thus, there is no tradeoff between growth 

and storage at the beginning of the growth period, though the two traits become 

negatively correlated once mass-specific growth rate begins to decline.  From an 

allocation perspective, growth rate declines when storage dramatically increases in 

absolute terms.  This suggests that the 5th instar is temporally divided into periods where 

there is differential allocation between growth and storage.  Initially, the growing larvae 

invests in whole body growth, but growth rate is reduced and storage increased preceding 

growth cessation. 

Depending on whether metabolic rate is interpreted in mass-specific or absolute 

terms, the relationship between mass-specific growth rate and metabolic rate changes 

approximately half way through final instar growth.  Mass-specific metabolic rate 

declines with increasing size as is evident by hypoallometric scaling relationship with 

body mass.  From this viewpoint, mass-specific metabolic rate declines as relative growth 

rate increases early in the instar, but mass-specific metabolic rate and relative growth rate 

decline in tandem during the latter half of larval growth.  This would support the idea that 

a decline in growth rate is consistent with a decline in mass-specific metabolic rate 

(Callier and Nijhout, 2011; Sears et al., 2012)     
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From an alternative viewpoint, absolute metabolic rate increases with body size 

throughout growth in the final larval instar.  Thus, absolute metabolic rate increases in 

tandem with relative growth rate early in the instar; however, relative growth rate 

declines as metabolic rate increases during the latter half of the 5th instar.   

  Storage and absolute metabolic rate are positively correlated throughout growth 

of the final larval instar.  Storage scales hyperallometrically with a scaling exponent near 

2 across the environmental treatments.  Metabolic rate scales hypoallometrically with an 

exponent approximately near .92 across all environmental treatments.  Combining these 

allometric equations mathematically yields scaling exponent of approximately 0.47 for 

metabolic-storage scaling relationship.  This scaling exponent is substantially lower than 

metabolic scaling exponent for body mass and indicates that increasing storage content of 

the body drags the increase in metabolic rate during ontogeny.  Metabolism in M. sexta 

larvae has been hypothesized to be limited due to an inadequate supply of oxygen during 

growth (Callier and Nijhout, 2011).  However, this alone is unable to explain the 

ontogenetic scaling estimated in M. sexta (Callier and Nijhout, 2013).  Here, we suggest 

that changes in composition (i.e. storage content) are at least partially determining 

metabolic scaling during ontogeny.  

The life history transition between juvenile to adult in insects is mechanistically 

determined by a well-described physiological cascade occurring in the final larval instar.  

At a critical mass, juvenile hormone production is halted and cleared from the 

hemolymph (Nijhout and Williams, 1974), causing the next molting period to be 

metamorphic.  From a life history perspective, this physiological commitment should be 
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at least correlated with shifts in allocation that reflect a balance between immediate 

growth and the long term benefits of storage.  It is not surprising then that at this point a 

shift in the relative allocation to storage begins and growth is down-regulated.  Early in 

the instar, growth investment ensures that adequate size/body condition benchmarks are 

achieved and the latter half of the instar ensures that enough energetic resources are 

stored to survive metamorphosis and reproduce successfully as an adult.  Temporally 

separating growth and storage would quicken the pace of overall larval development 

because energetic resources can be primarily used for one trait or the other at any given 

developmental point rather than imposing direct competition for resources between the 

two traits simultaneously —“grow now and store later” rather than “grow and store now.”  

In a more general sense, these results show that allocative processes can shift even within 

a life history stage.   
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Figures and Tables 

Figure 1.  Storage scaling when reared at 30C-100% diet quality (A), 30C 60% diet 

quality (B), 25C 100% diet quality (C), 25C 60% diet quality (D), 20C 100% (E), and a 

comparison between estimated scaling relationships (F). 
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Figure 2. Metabolic scaling when reared at 30C-100% diet quality (A), 30C 60% diet 

quality (B), 25C 100% diet quality (C), 25C 60% diet quality (D), 20C 100% (E), and a 

comparison between estimated scaling relationships (F). 
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Figure 3.  Relative growth rate scaling when reared at 30C-100% diet quality (A), 30C 

60% diet quality (B), 25C 100% diet quality (C), 25C 60% diet quality (D), 20C 100% 

(E), and a comparison between estimated scaling relationships (F). 
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Figure 4.  Relative tradeoffs between storage, metabolic rate and growth rate for M. sexta 

reared on different temperature and diet quality treatments.  The relative tradeoff between 

storage and growth rate changes throughout the 5th instar both across treatments (A) and 

for all data combined (B).  Storage and metabolic rate show a positive tradeoff 

throughout the growth period across treatments (C) and for all data (D), though relative 

investment in storage increases as the increase in metabolic rate declines.  The relative 

tradeoff between metabolic rate and growth rate changes during 5th instar growth across 

treatments (E) and for all data (F) in a similar fashion to the tradeoff between storage and 

growth (see following page). 
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Table 1. Summary statistics of growth parameters for individuals reared on different 

temperature and diet quality treatments.  Averages are shown for each parameter and 

standard errors are reported in parentheses. 

 

 
 

  

Treatment

Temperature Diet n Initial 5
th

 Instar Peak Instars I-IV Instar V Total

30C 100% 12 0.0014 (4.3e-5) 1.23 (0.043) 9.22 (0.24) 10.21 (0.26) 3.95 (0.14) 14.16 (0.28)

60% 13 0.0014 (6.0e-5) 1.32 (0.070) 9.044 (0.29) 14.20 (1.07) 5.13 (0.17) 19.33 (1.04)

25C 100% 15 0.0014 (5.7e-5) 1.42 (0.074) 10.86 (0.55) 15.85 (0.39) 5.00 (0.20) 20.85 (0.27)

60% 14 0.0015 (7.3e-5) 1.36 (0.099) 9.53 (0.75) 17.10 (0.94) 6.30 (0.40) 23.40 (0.99)

20C 100% 15 0.0014 (9.8e-5) 1.35 (0.052) 10.89 (0.45) 24.00 (0.28) 7.08 (0.23) 31.08 (0.34)

Mass (g) Development Time (days)
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Table 2. Scaling analysis of log-transformed storage (dry fat body mass) and body mass 

for M. sexta that were reared on different temperature and diet quality treatments 

 

 
 

  

Treatment b Lower Upper m Lower Upper R2 P r P

All 1.95 1.89 2.01 0.59 0.55 0.63 0.89 <0.0001 0.91 <0.0001

30C (100%) 1.99 1.86 2.13 0.57 0.47 0.66 0.91 <0.0001 0.93 <0.0001

30C (60%) 2.07 1.88 2.29 0.55 0.42 0.68 0.78 <0.0001 0.86 <0.0001

25C (100%) 1.87 1.77 1.98 0.62 0.54 0.7 0.92 <0.0001 0.92 <0.0001

25C (60%) 2.06 1.95 2.17 0.48 0.4 0.56 0.94 <0.0001 0.95 <0.0001

20C (100%) 1.74 1.62 1.87 0.77 0.68 0.85 0.9 <0.0001 0.88 <0.0001

Notes: There were significant differences in both the scaling exponent (LogLik=16.7, P=0.0022) and scaling

 coefficients (WALD=14.45, P=0.006) estimated across various treatments.

95%  CI 95%  CI Test of Isometry
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Table 3. Scaling analysis of log-transformed metabolic rate (CO2 ml / hr) and body mass 

for M. sexta that were reared on different temperature and diet quality treatments 

 
  

Treatment b Lower Upper m Lower Upper R2 P r P

All 0.92 0.86 0.97 -0.1 -0.14 -0.06 0.47 <0.0001 -0.12 0.004

30C (100%) 0.79 0.69 0.89 0.096 0.014 0.18 0.54 <0.0001 -0.32 0.0021

30C (60%) 0.78 0.74 0.94 0.042 -0.25 0.11 0.58 <0.0001 -0.36 <0.0001

25C (100%) 0.83 0.74 0.94 -0.028 -0.1 0.045 0.66 <0.0001 -0.24 0.001

25C (60%) 0.86 0.79 0.94 -0.051 -0.1 0.0026 0.62 <0.0001 -0.24 0.001

20C (100%) 0.97 0.83 1.14 -0.33 -0.44 -0.22 0.36 <0.0001 -0.034 0.74

Notes: There were no significant differences in the scaling exponent between environmental treatments (LogLik=5.217, P=0.27); 

however, there were significant shifts in the elevation of the scaling relationships observed across environmental 

treatments (WALD=142.0, P<0.0001).

95% CI 95% CI Test of Isometry
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Table 4. Scaling analysis of log-transformed relative growth rate (masst1-masst0/masst0) 

and body mass for M. sexta reared on different temperature and diet quality treatments.  

 

 
 

Treatment X2 (SE) X (SE) Intercept R2 P

All -1.16 (0.20)**** 1.23 (0.21)**** -0.47 (0.044)**** 0.27 <0.0001

30C – 100% -1.44 (0.47)** 1.08 (0.51)* -0.37 (0.11)** 0.31 <0.0001

30C – 60% -1.72 (0.52)** 1.42 (0.55)** -0.64 (0.12)**** 0.23 0.0004

25C – 100% -1.84 (0.52)*** 1.39 (0.48)** -0.31 (0.084)*** 0.22 0.0003

25C – 60% -1.65 (0.43)*** 1.14 (0.44)* -0.44 (0.093)**** 0.31 <0.0001

20C – 100% -2.00 (0.30)**** 1.85 (0.33)**** -0.74 (0.077)**** 0.44 <0.0001

Notes: T-test of coefficient estimate, P<0.05* , P<0.01**, P<0.001***, P<0.0001****

Polynomial estimates here did not account for repeated-measures as was done when testing for

 the effects of rearing temperature and diet quality.


