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ABSTRACT 

 
 

Having an in vivo model of development that develops quickly and 

efficiently is important for investigators to elucidate the critical steps, components 

and signaling pathways involved in building a myofibril; hence a compliant in vivo 

model would provide a pivotal foundation for deciphering muscle disease 

mechanisms as well as the development of myopathy-related therapeutics. Here, 

we take advantage of a relatively quick, cost effective, and molecularly pliable 

developmental model system in the Xenopus laevis (frog) embryo and establish it 

as an in vivo model to study the roles of sarcomeric proteins during de novo 

myofibrillogenesis.  

Using the Xenopus model, we elucidated the functional roles of 

Leiomodin3 (Lmod3) and Tropomodulin 4 (Tmod4) during de novo skeletal 

myofibrillogenesis. Tmods have been demonstrated to contribute to thin filament 

length uniformity by regulating both elongation and depolymerization of actin-thin 

filaments’ pointed-ends. Lmods, which are structurally related to Tmod proteins 

also localize to actin filament pointed-ends. In situ hybridization studies 

demonstrated that of their respective families, only tmod4 and lmod3 transcripts 

were expressed at high levels in skeletal muscle from the earliest stages of 

development. When reducing their protein levels via morpholino (MO) treatment, 

thin filament regulation and sarcomere assembly were compromised. 

Surprisingly, alternate rescues (i.e., lmod3 mRNA co-injected with Tmod4 MO 

and vice versa) partially restored myofibril structure and actin-thin filament 
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organization. Thus, our results not only indicate that both Tmod4 and Lmod3 are 

critical for myofibrillogenesis during Xenopus skeletal muscle development, but 

also revealed that they may share redundant functions during skeletal muscle 

thin filament assembly. 

 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 



 
 

 

11 

 
EXPLANATION OF DISSERTATION FORMAT 

 
 

This dissertation is arranged into two chapters. Chapter 1 is an 

introduction including a review of relevant literature surrounding actin-thin 

filament associated proteins and how they contribute to actin thin filament 

assembly and regulation. Chapter 2 consists of a summary of the most important 

findings from one published (Appendix A) and one submitted (Appendix B) 

manuscript. Appendix A is a published manuscript describing the establishment 

of the Xenopus embryo as a model for studying actin-thin filament regulation 

during embryonic development. Appendix B is a submitted manuscript providing 

both proofs of concept as well as novel findings relevant to the muscle field.  

A majority of the experiments were designed, conducted and analyzed by 

me under the guidance of Drs. Carol Gregorio and Paul Krieg. A fellow graduate 

student Dan Schnurr contributed to the second manuscript (Figure 1, Appendix 

B). I wrote the first manuscript with edits by Dr. Carol Gregorio. The second 

manuscript was written with the help of both Drs. Paul Krieg and Carol Gregorio.  
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CHAPTER 1: INTRODUCTION TO SKELETAL MUSCLE THIN FILAMENT 

STRUCTURE: ASSEMBLY AND REGULATION 

 

1.1 Assembling skeletal muscle actin-thin filaments 

 

The significance of actin-thin filaments 

Actin, one of the most abundant proteins in eukaryotic cells, is the building 

block of multiple subcellular structures required for physiological functions 

ranging from hearing (i.e., stereocilium), to muscle movement (i.e., myofibril). An 

example of actin monomers being assembled into uniform, organized filamentous 

actin (F-actin) would be actin-thin filaments within the basic contractile unit of 

striated muscle, the sarcomere (Figure 1.1). The skeletal sarcomere consists of 

four filament systems, nebulin, titin, thin (actin), and thick (myosin) filaments 

(Granzier and Labeit, 2004; Littlefield and Fowler, 1998; Pappas et al., 2011; 

Sellers, 2000). These systems, along with potentially, thousands of structural and 

regulatory proteins interact with one another to facilitate the sarcomere’s ability to 

generate contractile force (Clark et al., 2002). Optimal contractile force often 

depends upon precise acto-myosin overlap where myosin heads (of the thick 

filament) oriented in a bipolar fashion, ratchet along uniform actin-thin filaments. 

Consequently, sub-optimal acto-myosin interaction resulting from thin filament 

length mis-regulation or poor thin filament assembly can severely compromise 

contractile force output and cellular function (Bang et al., 2006; Ottenheijm et al., 

2009; Pappas et al., 2008; Witt et al., 2006). How actin-thin filaments assemble 
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into precise uniform lengths while undergoing turnover without interrupting a 

sarcomere’s ability to generate contractile force is still an area of active 

investigation.  

 

Globular actin 

Although there are three major actin isotypes (α, β, and γ), the actin 

isotype group that will be discussed in this literature review is the α actin isoform 

group (i.e., cardiac, skeletal and smooth muscle). This is due to the fact that 

actin-thin filaments in striated muscle are primarily composed of any one or 

combination of α actins during and after actin-thin filament assembly.  

 

Actin filament assembly  

At the very onset of skeletal muscle myofibrillogenesis, studies have 

shown that the major myofibrillar proteins (i.e., titin, desmin, tropomyosin, 

nebulin, α-actinin, actin and myosin) are already expressed within the cytoplasm 

in a punctate and homogenous distribution (Rhee et al., 1994; Fürst et al., 1989; 

McKenna et al., 1986; Sanger et al., 1986; Wang et al., 1988). Amongst these 

sarcomeric components are globular actin monomers (G-actin).  Actin, a 42 kilo-

Dalton (kDa) polypeptide, is highly conserved throughout evolution and abundant 

in all eukaryotic cells. Actin is organized into 4 subdomains, possessing a 

divalent cation binding site (i.e., Mg2+, Ca2+),  ATP binding pocket for structural 

stability and ATPase activity (Kabsch and Vandekerckhove, 1992). These 

structural and biochemical properties allow G-actin to cycle between polymerized 
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and de-polymerized states via ATP hydrolysis during dynamic cytoskeletal 

events including myofibrillogenesis. Actin polymerization can occur from self-

assembled “actin seeds” (i.e.,  two to three actin monomers coming together), but 

the efficiency is poor. For efficient actin polymerization to occur, a special group 

of actin binding proteins called actin nucleators generate the actin seeds that are 

necessary for actin monomer recruitment, resulting in filamentous actin (F-actin).  

 

Skeletal muscle actin nucleators 

Actin nucleators form an actin seed upon which subsequent actin 

monomers bind, resulting in rapid filamentous actin (F-actin) elongation. Because 

actin filaments lack the intrinsic property to polymerize to a particular length, 

elongation continues until its critical concentration is met (i.e., equal addition and 

loss of monomers at the filaments’ ends) (Kabsch and Vandekerckhove, 1992). 

The initial muscle actin nucleator remains unknown.  Described below are the 

known muscle-specific nucleators and their respective properties. 

 

Leiomodin 

The Leiomodin family (Lmod1-3) is structurally related to the 

Tropomodulin protein family (Tmod1-4), sharing a leucine rich repeat (LRR) 

domain, two actin-binding domains and a tropomyosin-binding site (Figure 1.2). 

However, the Lmod family lacks the second tropomyosin site of Tmod(s) and 

possesses a unique C-terminal extension region (Chereau et al., 2008; Conley et 

al., 2001). Lmod2 and Lmod3 are predominantly expressed in striated muscle 
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while Lmod1 is expressed in tissues containing smooth muscle (Conley et al., 

2001; Dong et al., 1991; Nanda and Miano, 2012). During chick embryo 

development, in situ studies revealed Lmod2 to be expressed in the heart as 

early as Hamburger–Hamilton (HH) stage 14, shortly after the start of a 

heartbeat, but barely present in the developing somites (i.e., a segment of cells 

that give rise to muscle amongst other cell types) (Tsukada et al., 2010). This 

suggests that Lmod2 may not be the initial muscle nucleator during the initial 

stages of skeletal myofibril development because actin-thin filaments are already 

present to assist in contraction.  Like the Tmod family, Leiomodins (Lmod2 and 

Lmod3) also localize to the thin filament pointed-end within the sarcomere via its 

shared tropomyosin binding site, suggesting that Lmod could contribute to 

pointed-end actin dynamics (Chereau et al., 2008; Tsukada et al., 2010;). 

Although double-staining patterns along F-actin in smooth muscle tissue have 

demonstrated Lmod1 to associate with actin filaments (Conley et al., 2001), it is 

not clear whether Lmod1 associates with actin filament pointed-ends similar to its 

family members.  

Recently, Lmod2 and Lmod3 actin polymerization studies have 

demonstrated this family is a group of potent muscle-specific actin nucleators in 

vitro (Chereau et al., 2008; Tsukada et al., 2010, unpublished data).  In addition 

to the two actin binding sites shared with the Tmod family, the Lmod family also 

contains a third actin binding site, Wiskott-Aldrich syndrome protein homology 2 

domain (WH2 domain) located in its C-terminal extension (Figure 1.2). The WH2 

domain is responsible for Lmod’s nucleation activity. Both actin polymerization 
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and overexpression studies demonstrated that a truncated Lmod2 lacking its 

WH2 domain prevented actin polymerization and shortened actin filament lengths 

comparable to wild-type Tmod1 (Tsukada et al., 2010). Although Lmod1 is highly 

conserved to its family members, it may be informative for similar actin 

polymerization studies to be carried out to see if it also possesses similar 

nucleation activity.  

Interestingly, chick cardiomyocytes expressing high levels of full-length 

Lmod2 did not cause sporadic actin filament nucleation. Rather, excess Lmod2 

led to a lengthening of pre-existing actin-thin filaments from the pointed-end and 

Tmod1’s displacement (Tsukada et al., 2010). Knockdown of Lmod2 in neonatal 

rat cardiomyocytes led to myofibril disorganization and alpha-actinin puncta (i.e., 

immature or disrupted myofibrils) (Chereau et al., 2008), suggesting that the 

presence of Lmod during myofibril assembly is important.  Currently, in vivo 

studies exploring the function of the Lmod family have not been reported.  

 

CapZ 

CapZ is a striated muscle-specific heterodimeric protein consisting of an 

alpha (36kD) and beta subunit (32kD) that localizes to the sarcomere’s Z-disc 

(Casella et al., 1986). CapZ is one of the early expressing sarcomeric proteins in 

muscle (Schafer et al., 1993). Its sarcomeric localization is driven by the beta 

subunit; hence in striated muscle, the beta subunit 1 localizes CapZ to the Z-disc 

(Schafer et al., 1994).  In addition to being a barbed-end capping protein, in vitro 

actin polymerization assays demonstrated CapZ to also be a capable barbed-end 
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nucleating protein (Caldwell et al., 1989). Incubating actin monomers in Ca2+ or 

Mg2+ buffer with the addition of CapZ, significantly increased actin polymerization 

rates when compared to actin monomers alone (Caldwell et al., 1989). The 

question remains, how can a barbed-end capping protein also nucleate actin in 

muscle cells? Perhaps, its nucleation activity is regulated only to be active during 

the initial stages of myofibril assembly; ensuring that new actin-thin filaments 

polymerize with the appropriate polarity necessary for efficient contractile 

function.  

 

Formin homology domain containing protein 3 (FHOD3) 

Formin homology domain containing protein 3 (Fhod3) is a formin family 

member that has a muscle-specific isoform characterized by a CK2 

phosphorylation site downstream of its C-terminal formin homology domain (FH2) 

(Iskratsch et al., 2010). Formins nucleate actin filaments by using their two FH 

domains to stabilize actin seeds; thus resulting in actin filament elongation. 

Fhod3 is initially expressed at embryonic stage (E) 8.5 and 9.5 in mouse heart 

and somites respectively (Kan-O et al., 2012). The addition of the CK2 

phosphorylation site increases Fhod3’s stability and shuttles it from the 

cytoplasm to the Z disc (Iskratsch et al., 2010).  

Although other formin family members have been shown to be potent 

nucleators of actin, actin polymerization studies did not show FHOD3 to be a 

potent nucleator (Taniguchi et al., 2009; Zigmond, 2004). It is quite possible 

FHOD3 requires the CK2 phosphorylation and/or the presence of other unknown 
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factors for its nucleating activity. Interestingly, latrunculin studies revealed that 

FHOD3 rapidly promotes reassembly of depolymerized actin-thin filaments 

(Iskratsch et al., 2010).  

Additionally, FHOD3’s in vivo function has proven to be developmentally 

important. FHOD3-/- mice display disorganized actin-thin filaments and die at 

E11.5 with incomplete myocardial development (Kan-O et al., 2012). Still, the 

presence of actin-thin filaments in the FHOD3-/- mice suggests that the initial 

striated muscle actin nucleator(s) has yet to be discovered. 

 

Tropomodulins 1-3, but not Tropomodulin 4, possesses nucleating activity 

In mammals, there are four Tropomodulin (Tmod) isoforms, all similar in 

structure with varying expression patterns. Tmod1 is expressed in several post-

somitic cells, including striated muscle, erythrocytes, lens fiber cells and neurons 

(Conley et al., 2001; Ito et al., 1995). Tmod2 is exclusively expressed in neuronal 

tissue while Tmod3’s expression pattern is ubiquitous (Watakabe et al., 1996; 

Conley et al., 2001). Although it has been reported that Tmod4 is expressed 

during mammalian embryonic development in skeletal muscles, its timing and 

expression pattern has yet to be reported (Conley et al., 2001; Gokhin et al., 

2010).  

Tmod was first discovered as a binding partner to the F-actin stabilizing 

protein, tropomyosin, from red blood cells (Fowler, 1987). Later, Tmod was 

discovered to localize to actin-thin filaments’ pointed-end in both cardiac and 
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skeletal muscle via its two actin-binding, tropomyosin-binding domains and highly 

ordered C-terminal leucine rich repeat (LRR) region (Figure 1.2).  

Initial actin polymerization studies demonstrated Tmod1 to prevent actin 

polymerization at the pointed-end in the presence of tropomyosin (Fowler et al., 

1993; Weber et al., 1994). More recently, similar pyrene-labeled actin 

polymerization studies showed that Tmod1-3, but not Tmod4, accelerated actin 

filament polymerization in a dose-dependent manner (Yamashiro et al., 2010).  

Further in vitro studies confirmed that Tmod3-induced polymerization occurred 

from the actin filaments’ barbed-ends. Although Tmod1-3 increased actin 

polymerization rates by 3- to 5-fold, when compared to other well-known actin 

nucleators such as Arp2/3 (several thousand fold at µM) or spire (10 fold at nM), 

their nucleation ability was relatively poor (Yamashiro et al., 2010). It remains 

unclear how a pointed-end capper would nucleate actin filaments in striated 

muscle. Contrary to nucleation, overexpressing Tmod1 in cardiomyocytes forms 

a stable cap, resulting in shortening of actin-thin filament lengths (Sussman et al., 

1999). Because its nucleation ability is relatively poor, Tmods’ nucleation activity 

should be perhaps considered more of a capability rather than a functional 

contribution to myofibril assembly. 

 

Nebulin-N-WASP complex promotes actin nucleation  

Nebulin, formerly known as a molecular ruler, now known as an actin 

filament stabilizer, also promotes insulin growth factor 1 (IGF1)-induced actin 

filament polymerization when interacting with N-WASP (Takano et al., 2010). 
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Interestingly, upon IGF1 muscle cell stimulation, N-WASP localizes to the Z-disc 

via its poly-proline-nebulin’s SH3 domain interaction. Hence, this nebulin-N-

WASP complex facilitates actin filament nucleation by providing three actin 

monomer-binding sites, namely nebulin’s M182-185 modules and N-WASP’s two 

WH2 domains upon which an actin seed can form. Abolishing N-WASP’s ability 

to localize to nebulin’s SH3 domain drastically reduces the nebulin-NWASP 

complex’s actin nucleation ability in vitro and prevents EGFP-actin monomer 

recruitment to the Z-disc in muscle cell cultures (Takano et al., 2010). Since IGF1 

causes muscle hypertrophy, the nebulin-WASP complex’s nucleation activity may 

be a mechanism of how the addition of new actin filaments promotes the 

formation of new myofibrils. Additionally, nebulin’s expression occurs at the onset 

of myofibrillogenesis, hence further studies should be conducted to investigate if 

this IGF-1-induced nebulin-WASP complex facilitates actin nucleation during the 

initial stages of myofibril assembly. 

 

Models of thin filament assembly during skeletal myofibrillogenesis 

Early in muscle development, filamentous actin (F-actin) spans the entire 

muscle cell. Several immunofluorescence studies using fluorophore-conjugated 

phalloidin have shown early filamentous actin to be continuous in staining, 

resembling stress fibers previously observed in non-muscle cells. Currently, it is 

unclear how the microfilaments observed at the onset of myofibrillogenesis are 

related to mature myofibrils observed in muscle cells or whether there is no 

association between stress fiber like structures (SFLS) and myofibrils at any 
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point. Several groups believe that mature myofibrils use SFLS as templates for 

development (Dlugosz et al., 1984; Fischman, 1967; Peng et al., 1981; Wang et 

al., 1988). Ultra-structural studies illustrated continuous microfilaments spanning 

the length of myosin A bands within developing myofibrils suggesting that the 

SFLS observed were precursors to nascent myofibrils in Xenopus myotomal cells 

(Peng et al., 1981). Considering non-muscle cell studies have demonstrated 

stress fibers to consist of different actin isoforms (i.e., β or γ actin), the 

nonstriated microfilaments identified in Xenopus myotomal cells could easily be 

stress fibers and not pre-cursors to nascent myofibrils. However, α-cardiac actin, 

one of the primary actin monomers that make up actin-thin filaments within 

myofibrils is the predominant actin isoform expressed in developing Xenopus 

embryos. This suggests that the observed microfilaments may be made of α-

cardiac actin monomers and are the precursor structures from which developing 

myofibrils emerge (Mohun et al., 1983).  

Other investigators propose that mini-sarcomeres are the pre-cursors to 

mature sarcomeres during muscle development. Twenty-four hour time-lapse 

movies of live chick myotubes microinjected with GFP-α-actinin allowed 

investigators to observe growth of mini-sarcomeres into definitive mature 

sarcomeres (Sanger et al., 1986). Additionally, this model seems conserved 

across species because invertebrates also display an increase in sarcomeric 

spacing (i.e., Z-disc to Z-disc distance increase) during their myofibril 

development as actin-thin filaments increase in length (Aronson, 1961; Reedy 

and Beall, 1993). 
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Regardless of how actin-thin filaments assemble and become arranged, in 

both models, G-actin’s polymerization into filamentous actin is facilitated by an 

initial nucleator(s) that still remains to be unknown.   

 

1.2 Stabilizing actin-thin filaments within the myofibril 

Structurally, F-actin consists of two alpha helical strands that wind around 

one another (Hanson and Lowy, 1963). In muscle, in vitro studies with actin 

filaments and myosin S1 fragments revealed that the F-actin polymerizes in a 

polarized fashion (Woodrum et al., 1975). Because F-actin is highly dynamic 

(i.e., rapid exchange at filament ends), once polymerized, actin filaments 

must be stabilized in order to properly contribute to myofibril assembly. 

 

Tropomyosin 

Although there are over 18 different Tropomyosins, expressed from four 

different genes, several of which are also expressed in muscle, this review will 

only focus on the muscle α-tropomyosin (see Cooper, 2002) for reviews on 

tropomyosin).   

α-Tropomyosin (α-TM) is a coiled-coil molecule consisting of two alpha 

helices that interacts with every 7 consecutive actin monomers along the actin-

thin filament. To stabilize F-actin, in a cooperative manner, two α-TM molecules 

interact with one another in a head to tail fashion. α-TM is present in striated 

muscle as early as E8.5 in the developing mouse embryo (Blanchard et al., 

1997). In addition to strengthening the actin-thin filaments, biochemical studies 
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have shown α-TM to stabilize actin filaments by preventing cofilin 

depolymerization (see review by Kuhn and Bamburg, 2008). In fact, reducing α-

TM protein levels in C. elegans lead to an increase in actin filament 

disorganization and poor motility of C. elegans. Additionally, knocking down α-TM 

in C. elegan’s cofilin mutants (i.e., nonfunctional cofilin), did not compound actin 

filaments’ disorganization or C. elegans’ motility (Ono and Ono, 2002). Hence, in 

vivo and biochemical data suggest that cofilin and tropomyosin possess an 

antagonistic relationship where  tropomyosin protects and stabilizes actin 

filaments from cofilin-mediated disassembly. 

In vivo studies have also demonstrated alpha-tropomyosin mice die at 

E9.5. Although the northern blots exhibited 50% less RNA, the heterozygous 

alpha-tropomyosin mice were completely indistinguishable from its wild type 

littermates. The western blot analysis revealed that the heterozygous α-

tropomyosin mice expressed alpha-tropomyosin protein amounts comparable to 

wild type; hence the alpha-tropomyosin heterozygous  mice up-regulated protein 

translation from the existing RNA in order to reach normal α-tropomyosin protein 

levels (Blanchard et al., 1997). These results emphasize the significance of α-

tropomyosin maintaining actin-thin filament stabilization during muscle 

development. 

GFP- alpha-Tropomyosin overexpression and localization studies showed 

α-TM associates with the nonstriated pre-myofibrils in a “beads on a string”-like 

fashion during the initial stages of myofibril assembly (Helfman et al., 1999; 

Wang et al., 1988). Anti-α-tropomyosin antibodies revealed puncta α-
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tropomyosin distribution, eventually transitioning into mature striations 

simultaneously with nonstriated actin filaments developing organization and 

uniformity (Wang et al., 1988).  These data demonstrate that lack of initial actin-

thin filament stabilization may be one of the potential causes for alpha-TM-/- mice 

to die during the early stages of heart development.  

 

Nebulin 

In all skeletal muscle types, the giant modular protein nebulin (neb) (600-

900kDa) is expressed at early stages of development (Bang et al., 2006, and for 

more details on its structure see reviews Ottenheijm et al., 2012; Pappas et al., 

2011). In addition to several structural properties suggesting that nebulin might 

function as a molecular ruler, quantitative length measurement analysis 

demonstrated actin-thin filament lengths to correlate with the lengths of nebulin 

variants from different muscle types (Kruger et al., 1991) 

Cell culture studies with skeletal myocytes demonstrated nebulin appears 

early during myofibrillogenesis. In addition to localizing CapZ to the barbed-ends, 

it contributes to maintaining the Z-disc’s integrity during myofibril assembly (Fürst 

et al., 1989; Pappas et al., 2008; Witt et al., 2006). In accordance, an 

immunofluorescence study in mouse skeletal tissue demonstrated nebulin 

detection shortly after titin, actin and myosin co-localization with α-actinin (Fürst 

et al., 1989). Interestingly, anti-nebulin antibodies initially detected single nebulin 

striations to co-localize with α-actinin striations along actin-thin filaments. As the 

myofibrils matured, nebulin’s staining pattern then changed to a doublet striation 
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pattern once actin-thin filaments began to exhibit its striation pattern. Because of 

its change in staining pattern during myofibril assembly, the authors believed that 

nebulin assembled much slower, relative to the other filament systems (i.e., titin, 

thin and thick filaments) (Komiyama et al., 1992). Perhaps as mature actin-thin 

filaments emerge from nonstriated actin-filaments, and organize towards 

uniformity, nebulin assembles and stabilizes the organized actin-thin filaments 

within the developing myofibril.  

Although nebulin localization studies were informative, they did not directly 

test the molecular ruler hypothesis. Strikingly, nebulin knockout mice 

demonstrated nebulin to be responsible for a subset of the actin-thin filament 

population reaching length uniformity and organization. Interestingly, there was 

another subset of actin-thin filaments that exhibited short but uniform lengths 

(Bang et al., 2006; Fritz-Six et al., 2003). Immunofluorescence studies 

demonstrated that although shown to bind nebulin in vitro, several sarcomeric 

proteins (i.e., desmin, tropomyosin, actin, palladin and Tmod1) exhibited staining 

patterns comparable to wild type in Neb-/- mouse tissue samples; which 

suggests that their nebulin interaction was not necessary for their sarcomeric 

location in vivo (Bang et al., 2006).  

One potential mechanism to explain how several nebulin binding partners 

were still able to localize to the sarcomere in the absence of nebulin would be 

their affinity to bind F-actin. This mechanism coupled with the affinity of capping 

proteins for filament ends could also explain the actin-thin filament uniformity 

observed within different regions of the Neb-/- mouse muscle tissue. 
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Most recent studies have described nebulin to be more of an actin-thin 

filament stabilizer rather than an actin-thin filament length regulator. One study in 

particular illustrated in the absence of endogenous full-length nebulin, “Mini-neb” 

(lacking 18 of the nebulin super repeats but still possessing the binding domains 

within the N- and C-terminus) was able to prevent latrunculin-induced 

depolymerization of actin-thin filaments in chick skeletal myotubes (Pappas et al., 

2010). Additionally, both cell culture and muscle tissue studies showed Tmod1 to 

localize upon pointed-ends of actin-thin filaments extending beyond nebulin 

(Castillo et al., 2009; Pappas et al., 2010).  

In all, these data suggests in addition to a nebulin-dependent thin filament 

length regulation system, skeletal muscle cells possess a nebulin-independent 

length regulating system that controls elongation and de-polymerization of actin-

thin filaments’ pointed-ends. 

 

α-Actinin 

To enhance thin filament stabilization within the developing myofibril, 

capped actin-thin filaments are also cross-linked by α-actinin 2 and 3 (muscle-

specific isoforms) within the Z-disc in a zig-zag pattern in order to effectively 

transmit contractile force generated along the myofibril (Luther and Squire, 2002; 

Rowe, 1973; Stromer and Goll, 1972). α-Actinin 2 and 3 form homo-dimers in 

order to crosslink actin-thin filaments in an anti-parallel fashion. Additionally, 

while interacting with thin filaments via its C-terminal region, α-actinin stabilizes 

its Z-disc localization by N-terminal interaction with titin’s Z repeats. Lack of this 
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alpha-actinin/Z-repeat interaction results in aberrant Z-disc widening (Lin et al., 

1998).  

Because α-actinin is a F-actin crosslinking protein, observing diffuse α-

actinin puncta localizing along F-actin in a “beads on a string” pattern denotes 

the crosslinking process occurs early in myofibril development. In addition to α-

actinin aggregates, Tmod aggregates also appear, alternating with α-actinin in a 

periodic fashion along nonstriated pre-myofibrils thus suggesting that during the 

shuffling/rearrangement process, the final actin-thin filaments are capped and 

oriented in an anti-parallel manner (i.e., its barbed-end is at the Z-disc and its 

pointed-end is at the M-line).  

However, It is still unclear how mature sarcomere lengths are established. 

These α-actinin aggregates vary in their periodicity along the premature 

myofibrils during development (Almenar-Queralt et al., 1999a; McKenna et al., 

1986). As described earlier, the mini-sarcomere model suggests α-actinin 

aggregates gradually move apart to set up mature sarcomere periodicity as 

myofibrils develop (Rhee et al., 1994; Sanger et al., 1986). Another hypothesis 

promotes the model that mature sarcomeric periodicity is established at the very 

onset of myofibrillogenesis; hence there is little to no change in sarcomeric 

periodicity during myofibril maturity (McKenna et al., 1986; Wang et al., 1988). 

Again, regardless of the mechanism, α-actinin aggregates reduce their Z-disc 

width, transition into mature narrow striations via coalescence and condensation, 

eventually establishing a uniform 2µm periodicity along mature myofibrils. 
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1.3 Regulating skeletal muscle actin-thin filaments  

Polymerizing to uniform lengths optimal for muscle contraction is not an 

intrinsic property of actin. In vitro, actin monomers under the optimal ionic 

conditions will polymerize into actin filaments of varying lengths. In striated 

muscle cells, actin-thin filaments possess a Gaussian distribution of uniform 

actin-thin filament lengths; a property that results from various actin-binding 

proteins modulating and regulating actin dynamics. 

Currently, the muscle field speculates that the nonstriated patterns 

observed during early stages of myofibril development are due to either a series 

of uniform fixed-length actin-thin filaments overlapping one another or a 

population of actin-thin filaments of varying lengths. It remains unclear what the 

events are or if all players involved have been identified as far as transitioning F-

actin’s nonstriated pattern observed by fluorophore-conjugated phalloidin to 

uniform actin-thin filaments.   

Regardless of either hypothetical scenario, capping proteins Tmod1 and 

CapZ associate early with nonstriated pre-myofibrils in a “beads on a string” 

pattern (Schafer et al., 1993; Almenar-Queralt et al., 1999). Subsequently, as 

actin-thin filaments establish length uniformity, both Tmod1 and CapZ transition 

from their punctate pattern into narrow striations localized at the M-line and Z-

disc, respectively.  

In this section, I will discuss the literature revolving around several 

sarcomeric proteins that contribute, or have the potential to contribute, to actin-

thin filament length regulation.  
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CapZ 

As mentioned earlier, CapZ is a capping protein that maintains the Z-

disc’s integrity by preventing actin monomers addition to and loss from the 

barbed-ends (Casella et al., 1986, Pappas et al., 2008). Unlike non-muscle cells, 

regulating actin dynamics at the barbed-ends does not seem as significant. 

Antibodies blocking CapZ from binding the actin-thin filaments’ barbed-ends 

during myofibrillogenesis does not affect myofibril assembly, but only delays it 

(Schafer et al., 1995). Additionally, microinjected rhodamine-labeled actin 

monomers preferentially accumulate at the pointed- rather than the barbed-end 

of myofibrils in live myocytes (Littlefield et al., 2001). However, targeting of CapZ 

is still important for maintaining Z-disc integrity and barbed-end uniformity. 

Reducing the amount of CapZ localization at the Z-discs in nebulin siRNA treated 

chick myotubes lead to a loss of alignment in actin-thin filaments’ barbed-ends 

(Pappas et al., 2008).  

 

Tmods 

A vast majority of functional data detailing how the Tropomodulin family 

contributes toward actin-thin filament regulation stems from the Tmod1 isoform.  

Tmod is currently one of the most influential players involved in thin filament 

regulation during striated muscle development and maintenance. Tmod is the 

pointed-end capping protein that limits the addition or loss of actin monomers. 

Cells overexpressing Tmod1 demonstrate that excess Tmod1 reduces actin 
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incorporation at the pointed-ends, ultimately leading to actin-thin filament 

shortening (Littlefield et al., 2001). Additionally, at the in vivo level, actin-thin 

filaments in transgenic Tmod1 overexpressing (TOT) mice also showed shorter 

actin-thin filament lengths (Sussman et al., 1999).  As expected, loss of Tmod1’s 

function presents the opposite thin filament phenotype: thin filament elongation. 

Several studies demonstrate Tmod1’s presence during both development and 

maintenance of act-thin filaments to be important for actin-thin filament length 

regulation. At the molecular level, Tmod1-/- mice revealed completely mis-

regulated actin-thin filaments (Chu et al., 2003; Fritz-Six et al., 2003). In cells in 

culture, blocking Tmod1’s tropomyosin binding domain or leucine rich repeat 

region (LRR) with antibodies led to mis-regulated actin-thin filaments (Gregorio et 

al., 1995; Mudry et al., 2003). Point mutations to its tropomyosin-dependent 

actin, two tropomyosin-binding sites or highly ordered LRR compromises both its 

localization as well as capping abilities at the pointed-ends (Tsukada et al., 

2011).  These data demonstrate Tmod1 regulates pointed-end dynamics via both 

its tropomyosin and actin interactions at the pointed-end. 

Neuronal-specific Tmod2 seems to be important for behavioral development 

(Cox et al., 2003). Tmod2-/- mice were viable but exhibited increased hyper-

activity, impairment in learning and memory, and reduced levels in sensorimotor 

gating. Up-regulation of Tmod1 seemed to provide compensation to some extent. 

Surprisingly, Tmod2 and Tmod1 localization studies in neuroblastoma cells 

differentiating to neuronal cells revealed that Tmod2 was cytoplasmic and Tmod1 

was associated with actin filament bundles of the lamellipodia and growth cones 
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within extending neurites. Knockdown of Tmod2 in neurablastoma cells led to the 

increase number of neurite forming cells, neurite extensions and similar to the 

Tmod2-/- mice, an up-regulation of Tmod1. Interestingly, overexpression of 

Tmod1 had no effect on neurite extensions but did reduce the number of neurites 

formed. In conclusion, both Tmod1 and Tmod2 may have unique roles in 

negatively regulating the actin dynamics relative to neurite formation (Fath et al., 

2011). Although these data suggests that Tmod1’s compensation in the Tmod2-/- 

mice may be through a Tmod2 independent pathway, it remains unclear if Tmod1 

and Tmod2 possess any overlapping redundancy in function.  

Ubiquitously expressed Tmod3 also seems to have several functions in 

different tissue types. In murine skeletal muscle, TMOD3 appears to cap and 

stabilize cytoplasmic (nonmuscle) γ-actin filaments in the sarcoplasmic reticulum 

(Gokhin and Fowler, 2011). In endothelial cells, Tmod3 influences cell motility by 

regulating the pointed-end dynamics of lamellipodial actin filaments (Fischer et 

al., 2003). Tmod3 is expressed and localized to the ruffles and lamellipodia of 

migrating endothelial cells. Interestingly, authors were able to determine an 

inverse relationship between pointed-end capping and cell migration rates; more 

specifically, loss of Tmod3 at the pointed-ends led to increased cell migration 

rates and vice-versa. Authors also found that the amount of filamentous actin and 

free barbed-ends at the cells’ periphery was reduced in the presence of excess 

Tmod3. The opposite was observed with knockdown of Tmod3 (Fischer et al., 

2003). Consistent with the model that pointed-end disassembly is the rate-limiting 

factor for turnover of lamellipodial actin filaments in migrating cells, excess 
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Tmod3 prevents turnover of existing actin filaments by limiting pointed-end 

dynamics. This inhibits polymerization of new actin filaments and results in 

slower migratory rates. Significantly, authors were able to illustrate that Tmod3’s 

regulation of pointed-end dynamics in non-muscle cells is an important 

component of cell migration and polarization. 

Tmod4 is restricted to skeletal muscle in mammals. Tmod4 together with 

Tmod1 is believed to cap skeletal muscle actin-thin filament pointed-ends (e.g., 

Almenar-Queralt et al., 1999; Gokhin et al., 2010). Interestingly, Tmod1-/- mice 

did not exhibit structural defects in their embryonic or adult skeletal muscle. The 

authors attribute this to TMOD4 and TMOD3 replacing TMOD1 at the pointed-

ends (Gokhin et al., 2010). Additionally, although sufficient to maintain 

sarcomeric structure, optimal contractile function was compromised. This 

compromise was potentially due to a reduction in overall tropomyosin-binding 

affinity when substituting a TMOD4/TMOD1 combination for a TMOD4/TMOD3 

combination (Gokhin et al., 2010).  

Furthermore, new studies support the idea that Tmods can also contribute to 

regulating muscle contractility by enhancing actomyosin cross-bridge formation. 

In one particular study, the authors concluded that the reduced contractile force 

output observed in Tmod1-/- skeletal muscle was due to weaker interactions by 

the TMOD4/3 combination (relative to TMOD1/4 combination) with tropomyosin. 

This interaction resulted in tropomyosin inefficiently undergoing the necessary 

initial conformational changes that would facilitate optimal actomyosin cross-

bridge formation (Ochala et al., 2013). Due to the fact that TMOD family 
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members interact with different tropomyosin isoforms at the pointed-ends, these 

different Tmod-Tm interactions may potentially allow for varying enhancements 

of acto-myosin cross-bridge formations.  

Other than the sarcomere, TMOD4 has also been found to be associated 

with either the sarcoplasmic reticulum (SR) or T tubule-associated membrane 

compartment at the Z-line (Gokhin and Fowler, 2011) in skeletal muscle cells. 

The relative proportions of TMOD1 and TMOD4 are not known but may be linked 

to muscle twitch speed, with TMOD4 predominantly in fast skeletal muscle in 

chickens (Almenar-Queralt et al., 1999).  

Recently, a study reported data indicating that the functional properties of 

Tmod4 are not exclusive to skeletal muscle tissue. Tmod4 has now been 

implicated to potentially have a regulatory role in balancing cell programs 

between myogenesis and adipogenesis (Zhao et al., 2013). This particular study 

showed that porcine Tmod4 was not only highly expressed in skeletal muscle but 

was also expressed in adipose tissue and that its expression was regulated by 

both adipogenic and myogenic transcription factors (Zhao et al., 2013). 

Surprisingly, overexpressing Tmod4 promoted more 3T3-L1 cells to differentiate 

into adipose tissue (Zhao et al., 2013). Conversely, over-expressing Tmod4 in 

differentiating C2C12 cells, this slightly delayed myogenesis (Zhao et al., 2013); 

this finding was a similar result to what Kong and colleagues found when they 

trapped Tmod1 in differentiating C2C12 nuclei (Kong and Kedes, 2004). 
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Lmods 

For many years, Tropomodulin proteins were considered the sole 

regulators of pointed-end dynamics in striated muscle. With regards to pointed-

end localization, recent studies demonstrated the Leiomodins (Lmod) also 

possessed the same capabilities (Chereau et al., 2008; Tsukada et al., 2010). 

Lmod2 pointed-end association/dissociation seems to be more dynamic than 

Tmod’s according to the fluorescent recovery after photobleaching (FRAP) 

studies conducted by Skwarek-Maruszewska and colleagues (Skwarek-

Maruszewska et al., 2010). Unlike Tmods, Lmods lack a second tropomyosin-

binding domain; hence potentially explaining why Lmod2 possesses a higher 

mobile fraction (relative to Tmod1).  Truncated LMOD2 lacking its C-terminal 

extension sharing similar mobile fractions with full-length LMOD2 further 

suggests that the mobile fraction differences between LMOD and TMOD are 

second tropomyosin-binding domain dependent. Interestingly, the first 

tropomyosin site shared between TMOD1 and LMOD2 is the prominent site for 

their pointed-end localization. In fact, high amounts of LMOD2 in chick 

cardiomyocytes can dislodge TMOD1 from the pointed-ends, hence resulting in 

longer actin-thin filaments (Tsukada et al., 2010). How does Tmod1 displacement 

by Lmod2 happen when Tmod1 possesses two tropomyosin-binding sites, and 

Lmod2 only posses one binding site? Perhaps, higher intracellular LMOD2 

protein levels, and shorter half-time of fluorescence recovery may enable LMOD2 

to outcompete the slower, ‘higher affinity for tropomyosin’ TMOD1 for actin-thin 

filaments’ pointed-ends. However, studies in isolated myocytes suggest LMOD2 
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localizes to the pointed-ends leading to thin filament elongation and not capping 

(Tsukada et al., 2010).  

It is not clear if Lmod2 nucleates filaments in vivo or is a leaky pointed-end 

cap. Multiple studies place Lmod2 as a nucleator that is recruited to the end-most 

tropomyosin via its tropomyosin-binding site, and nucleates off of existing actin-

thin filaments (Tsukada et al., 2010; Skwarek-Maruszewska et al., 2010). 

Alternatively, based on the rationale for how Lmod2 can displace Tmod1, 

lengthening of existing actin-thin filaments could also occur if Lmod2 was a leaky 

cap. It’s important to note that efficient pointed-end capping seems to correlate 

with possessing two tropomyosin-binding sites In fact, point mutations changing 

I131D or Q144K in the second tropomyosin-binding site significantly reduces 

Tmod1’s localization ability to the pointed-end (Kostyukova et al., 2006; Moroz et 

al., 2013). Because LMODs lack a second tropomyosin-binding site entirely, this 

result suggests that the second tropomyosin-binding site may be the difference 

between Lmod2 being a leaky cap and potent cap. 

Latrunculin and myosin-inhibiting studies in neonatal rat cardiomyocytes 

suggest that LMOD2’s interaction with the myofibrils is both actin polymerization-

and muscle contraction-dependent, respectively. Furthermore, the authors 

conclude that LMOD2’s interaction with the myofibrils occurs through its 

association with the dynamic actin-thin filament population rather than the stable 

population via its C-terminal extension (Skwarek-Maruszewska et al., 2010). 

Currently there is a new thin filament regulation model suggesting that actin-thin 

filaments exist in two segments; a stable, nebulin associated region (proximal to 
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the Z-disc), coupled with a highly dynamic nebulin independent region (proximal 

to the M-line). According to this new model, it’s not clear how the association of 

Lmod with the more dynamic actin-thin filament population plays a role in thin 

filament organization and assembly. It’s association does parallel with the 

postulation that the highly dynamic actin filament region may be regulated with 

actin-binding proteins associated with pointed-end dynamics (Gokhin and Fowler, 

2013). This concept is also in line with our working Lmod/Tmod antagonistic 

model for thin filament regulation in cardiac muscle.  

Although in vivo functional data describing Lmod2’s role in myofibril 

assembly is lacking, in vitro work has been able to uncover some functional 

significance of Lmod2 relative to sarcomere development. LMOD2 knockdown 

studies demonstrate LMOD2 to be important for sarcomere organization during 

reassembly in rat neonatal cardiomyocytes (Chereau et al., 2008). Studies 

exploring the function of Lmod1 and Lmod3 in their respective tissues are also 

currently lacking.  

 
 Another potential thin filament regulation mechanism: myosin filaments 

One potential candidate for actin-thin filament regulation and organization 

are myosin thick filaments. Actin-thin filament dynamics seem to be sensitive to 

contraction. FRAP studies in neonatal rat cardiomyocytes demonstrated that 

when contraction was inhibited via myosin II inhibiting drugs such as blebbistatin 

or 2,3-Butanedione monoxime (BDM), actin filament dynamics were drastically 

reduced (Skwarek-Maruszewska et al., 2009). Additionally, these authors further 

illustrated that contraction is important for the reassembly of sarcomeres and 
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overall myofibril organization. Other myosin inhibiting studies using a skeletal 

muscle-specific myosin inhibitor, N-benzyl-p-toluenesulphonamide (BTS) on 

Xenopus pre-somitic mesodermal cells (PSMCs) exhibited poor myofibril 

organization and function shortly after the onset of de novo myofibrillogenesis 

(Ramachandran et al., 2003). Due to the fact that the PSMCs have yet to “turn 

on” their myogenesis program, these experiments are quite compelling and 

therefore suggest that contraction (acto-myosin interactions) is also important for 

the initial steps of myofibril assembly. 

During the onset of myofibrillogenesis, within the cytoplasm, early-

expressed myosin self-assembles into structurally mature thick filaments in 

addition to actin-thin and titin filament systems. It’s quite possible that the 

rearrangement/shuffling process suggested by Almenar-Queralt and colleagues 

could be facilitated by myosin heads ratcheting actin-thin filaments into place. 

Actin-thin filaments cross-linked by alpha-actinin in an anti-parallel orientation 

remain in place while other actin-thin filaments not cross-linked eventually 

turnover, potentially by cofilin-mediated depolymerization, (Skwarek-

Maruszewska et al., 2009). For this mechanism to be true, myosin thick filaments 

would be, by an unknown mechanism, incorporated into developing myofibrils 

containing non-striated actin-thin filaments. Ultra-structural studies have 

exhibited mature 1.6 µm thick filaments integrating within regions of actin-thin 

filaments (Fischman, 1967; Ishikawa et al., 1969). Fischman describes the initial 

merging of thin and thick filaments as poorly organized, but over time, the 
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myofilaments transition into a more registered state in conjunction with 

accumulation of Z disc material at the thin filament barbed-ends. 

Myosin knockout studies in Drosophila have also demonstrated that 

although, Z-disc, M-line, and actin filaments form and setup within developing 

myofibrils, the continuous arrays of actin-thin filaments never gained organization 

or uniformity (Beall et al., 1989). The importance of myosin’s presence was 

further illustrated by the myosin heavy chain (Mhc36B-/-) null flies’ inability to 

take flight. Although able to incorporate into the myofibrils, a majority of the actin 

thin-filaments remained nonstriated; thus suggesting contraction is necessary for 

actin thin filament organization during myofibril development. 

In this chapter, I have discussed several types of actin binding proteins 

(abp), which modulate muscle actin dynamics in a coordinated fashion for F-actin 

assembly, stabilization, length uniformity and ultimately optimal contractile force 

output.. Originally, actin filaments in muscle cells were thought to be static, but 

many abp studies have demonstrated that the actin filaments are highly dynamic 

and regulated. Interestingly, many observations of sarcomeric disorganization 

and myofibril disarray in different abp knockdown/knockout studies have 

illustrated that each abp plays unique or overlapping roles significant to muscle 

actin dynamics. It’s more likely that we will continue to discover new abps that 

contribute to sarcomere assembly and organization. For example, it is still not 

clear what abp is the initial muscle nucleator or whether there is a potential third 

player in addition to Lmod and Tmod that helps regulate pointed-end actin 

dynamics. Once discovered, in vivo models must be in place to thoroughly 
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assess how the new abp’s function contributes to skeletal muscle development 

and myofibril assembly and actin-thin filament organization. 

 1.4 Explanation of the problem 

The biological problem of how do we increase our knowledge about the 

link between muscle disease and muscle protein function is two-fold. Muscle 

weakness is a common symptom of skeletal myopathies. Several studies have 

linked actin-thin filament regulation to muscle weakness, more specifically, 

investigators have observed a correlation between reduced contractile force 

output and dysregulated actin thin filaments in nemaline myopathy patients 

(Bang et al., 2006; Gokhin et al., 2009; Granzier et al., 1991; Gregorio et al., 

1995; Ottenheijm et al., 2009; Witt et al., 2006). Although mutations in several 

sarcomeric proteins associated with actin-thin filament regulation (i.e., 

length uniformity and the ability to attain mature lengths) have been linked 

to skeletal myopathies, it remains unclear how or if the proteins 

coordinately contribute to actin-thin filament regulation. 

Secondly, the gold standard of genetically altered mice has been used to 

model these sarcomeric protein-related skeletal myopathies (nebulin, 

tropomyosin, cofilin, etc.). These models have been extremely informative, but 

remain difficult to study a protein’s function during embryonic development due to 

the embryo’s internal development (i.e., in the mother) and potential embryonic 

lethality. Therefore, identifying an in vivo developmental model that 

develops both quickly, efficiently and visibly is key for investigators to 

decipher disease mechanisms of congenital-derived myopathies.  
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Figure 1.1 the sarcomere. The myosin thick filament (green) is anchored at the 
M-line by several proteins (titin, myomesin, and myosin binding protein C, not 
shown here). The A-bands’ myosin heads ratchet along the actin-thin filaments 
(gray) to generate contractile force. Both nebulin (red) and α-tropomyosin (light 
blue) stabilize skeletal actin-thin filaments. For proper transmission of the 
contractile force and stabilization along the myofibril, the actin-thin filaments are 
cross-linked by α-actinin (gold) at the Z disc. Both Lmod (purple) and Tmod 
(orange) localize the actin-thin filaments’ pointed-ends via tropomyosin 
interactions and maintain length uniformity.  
 
 
 

 
Figure 1.2 Tmod4 and Lmod3 are similar in structure. The Leiomodin proteins 
(Lmod1-3) are structurally related to Tropomodulin (Tmod) proteins. They are 
reported to localize to the pointed-end of actin filaments and contribute to thin 
filament length regulation. Lmod and Tmod share actin-capping (A1, A2), 
tropomyosin-binding (TM1), and leucine-rich-repeat (LRR) domains. The second 
tropomyosin-binding domain (TM2) is unique to Tmod. Lmod3 contains a C-
terminal extension that consists of a proline-rich (P) and actin-binding Wiskott-
Aldrich syndrome protein homology 2 (WH2) domain.  
 

 



 
 

 

41 

 

 

CHAPTER 2: PRESENT STUDY 

2.1 Summary of major findings for published manuscript: Preparation of 

developing Xenopus muscle for sarcomeric protein localization by high-

resolution imaging (Appendix A) and submitted manuscript: Leiomodin 3 

(Lmod3) and Tropomodulin 4 (Tmod4) are critical for skeletal muscle thin 

filament assembly and have overlapping functions during Xenopus laevis 

development (Appendix B) 

 
The methods, results and conclusions for this study are presented in two 

manuscripts appended to this dissertation. The following is a summary of the 

most important findings of these studies. 

The first half of my thesis focuses on establishing Xenopus as an in vivo 

model system to study thin filament assembly and regulation during de novo 

skeletal muscle myofibrillogenesis. Since it is important to learn what the 

underpinnings are for congenital skeletal myopathies during embryonic 

development, the Xenopus laevis embryo can be an excellent model for several 

reasons; namely (1) its large size (~1mm), (2) rapid external development (in a 

petri dish within four days at room temperature), (3) its amenability to protein 

level manipulations, and (4) Xenopus orthologues’ high conservation with other 

contractile proteins across species. Therefore, coupling these highly desirable 

attributes, with simple husbandry, studying de novo myofibrillogenesis within a 

developing embryo will be both feasible and suitable for obtaining direct insights 
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into the functional significance of individual sarcomeric components during 

myofibril assembly. 

One of the documented hurdles for Xenopus immunofluorescence 

microscopy involves acquiring consistent phalloidin labeling of filamentous actin; 

especially when clearing Xenopus embryos using Murray’s clear (i.e., a solution 

that makes the yolk granules transparent). Because phalloidin is the gold 

standard by which actin-thin-filaments are analyzed, this part of my thesis 

established several approaches to visualize actin-thin filaments at several stages 

of Xenopus skeletal muscle development; namely manual removal the embryo’s 

epidermis to bypass opacity, cryosections, and a variation of “clearing” that 

preserves both antibody and phalloidin stains.  

After assessment of each approach, we concluded that the cryosection 

technique gave us the best opportunity to acquire high-resolution images of the 

various myofibrillogenesis steps within a developing embryo. This approach 

drastically reduced the autofluorescence as well as enhanced antibody/phalloidin 

tissue penetrance, thus resulting in robust and clear imaging of sarcomeric 

components within the somitic tissue.  One caveat with this approach is that the 

yolk granules are still present. Depending on the section of the embryo stained, 

as well as the age of the embryo, one may encounter yolk granules that can 

hamper image acquisition. In an attempt to remedy this issue, it may be worth 

optimizing the application of Murray’s clear to fluorescently stained cryosections 

before mounting the coverslips. This may not only mask any unwanted yolk 

granules but it may also present a higher signal to noise ratio during image 
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acquisition.  

Overall, this study describes several different approaches for preserving 

both antibody and phalloidin staining in Xenopus embryo skeletal muscle, thus 

providing options that can be used for acquiring high-resolution images to study 

sarcomeric protein localization within developing Xenopus embryos. 

The second half of this dissertation includes a study of the functional 

contributions of actin binding proteins during embryonic skeletal muscle 

development. There are a multitude of skeletal myopathy-related mutations in 

sarcomeric proteins which cause protein instability or loss of function. Modeling 

loss of function of critical sarcomeric proteins in a quick developmental model 

system can allow investigators the opportunity to learn what their functional 

contribution(s) are to myofibrillogenesis in vivo.  

In this present study, we determined the roles of Tmod4 and Lmod3 

during de novo skeletal myofibrillogenesis and also investigated if Tmod and 

Lmod protein families possessed overlapping functions. Our RNA and protein 

localization studies placed both proteins at the onset of somitogenesis and 

myofibrillogenesis, thus suggesting potential importance for the initial steps of 

skeletal muscle development. When reducing either Tmod4 or Lmod3 protein 

levels via morpholino (MO) treatment, thin filament regulation and sarcomere 

assembly were compromised, resulting in poor motility by the morpholino 

embryos. Notably, inverse rescues (i.e., lmod3 mRNA co-injected with Tmod4 

MO and vice versa) partially restored myofibril structure, actin-thin filament 

organization and swimming. Hence, our results not only indicate that both Tmod4 
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and Lmod3 are critical for myofibrillogenesis and may share redundant functions 

during Xenopus skeletal muscle development, but that the Xenopus laevis is a 

powerful model system to study the functional roles of sarcomeric proteins in 

vivo. 

 

2.2 Future Studies & Conclusions 

2.2.1 Lmod & Tmod family functional redundancies 

 

Exploring a mechanism for functional redundancy between Lmod3 and Tmod4 

In the present study our alternative rescue experiment results suggest that 

both Tmod and Lmod contribute in a similar fashion to actin-thin filament 

organization in the earlier stages of thin filament organization during myofibril 

development because they share functionally redundant domains. Because it 

was observed that Lmod3 could functionally compensate for Tmod4, thus one 

expectation would be that Myc-Lmod3 might have been recruited to the 

uncapped pointed-ends to replace Tmod4 protein in Tmod4 MO embryos. 

Mechanistically, the myotomal cell would recruit the available pointed-end 

associating proteins to help maintain myofibril organization. One experiment to 

test this hypothesis would be to submit somitic tissue homogenates (i.e., Myc-

lmod3 mRNA overexpression in a wild-type background and Myc-lmod3 mRNA 

in a Tmod4 MO null background) to centrifugation and western blot analysis 

(similar to Gokhin et al., 2010). Focusing on the myofibril fraction and cytosolic 

fraction, we would probe these fractions for Myc-Lmod3 protein and using 
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densitometry, determine if there is an enrichment of Myc-Lmod3 in the myofibril 

fraction in the absence of Tmod4 (i.e., a shift from the cytosolic fraction to the 

myofibril fraction). One would repeat the experiment for the Tmod4 rescue 

Lmod3 MO embryos. Additionally, the centrifugation process will yield several 

fractions (e.g., cytosol, myofibrils, membrane/organelles, etc.), from which we 

could determine what other structures Lmod and Tmod could potentially interact 

with in wild-type samples.  

There are caveats to this experiment. Although structural analysis and 

immunofluorescence studies have demonstrated Lmod and Tmod’s pointed-end 

localization within the sarcomere, myofibril association in this experiment does 

not distinguish between pointed-end association or ‘along the myofibril’ 

association. Second, pointed-end association for Lmod and Tmod is dynamic 

(i.e., bind the pointed-ends with an on/off rate); hence realizing a prominent shift 

between the two fractions may be difficult. Lastly, Tmod1 in the past has not 

been shown to associate with actin filaments in co-sedimentation assays, 

therefore a clear answer may be a potential problem in these tissue fractionation 

studies. Nonetheless, probing equally loaded experimental and control myofibril 

fractions for the presence of exogenous protein will reveal whether the observed 

rescues are due to recruitment of exogenous protein to myofibrils in the absence 

of the endogenous protein. 
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Exploring functional redundancies amongst Tmod and Lmod family members 

The RNA in situ studies have demonstrated that tmod4 and lmod3 are the 

predominant tmod and lmod family member expressed in Xenopus skeletal 

muscle (Figure 2.2.1E). Using this information, coupled with the ability to knock 

down their protein levels effectively via morpholino technology, investigators can 

test whether other family members are functionally redundant, both structurally 

and physiologically. This would entail expressing the other exogenous mRNA 

isoforms in the presence of a morpholino knockdowns (e.g., co-inject Tmod4 

morpholino with GFP-tmod1, 2, or 3 mRNA). Although comparative sequence 

analysis suggests that the other Tmod family members may successfully rescue 

the morpholino phenotypes, preliminary localization studies and differential 

tropomyosin binding specificities (Figure 2.2.1C) suggest that the family 

members may rescue to varying degrees of the control. Similar experiments can 

be carried out for the Lmod family (Figure 2.2.1D). 

There is little in vivo functional data available for non-muscle Lmod and 

Tmod protein isoforms. Contrary to high sequence identity within both families, 

an isoform may only assemble when interacting with its respective binding 

partner (i.e., perhaps a specific tropomyosin isoform). Data supporting this 

hypothesis described Tmod1’s hampered ability to assemble at the pointed-ends 

in chick skeletal myocytes when its 1st TM site was converted to that of Tmod3 

or Tmod4’s 1st TM site via point mutations (Moroz et al., 2013). Therefore to 

thoroughly investigate the functional similarities and differences between family 

members, a study focused on systematically replacing the skeletal isoform’s 
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(Tmod4 & Lmod3) major functional or regulatory domains with that of its family 

members would be informative (domain exchanges).  For example, exchanging 

Lmod3’s TM1 for Lmod1’s TM1 would help determine if Lmod1’s lack of 

presence at the M-line (Figure 2.2.1B) was due to its inability to recognize “its” 

tropomyosin at the pointed-end. This example is further supported by the fact 

that although there is over 50% homology between the Lmods’ TM1, biochemical 

and cell culture studies have revealed that their tropomyosin interaction is not 

only important for pointed-end assembly but can also be isoform specific 

(Kostyukova, 2007). Another domain to investigate would be the first actin-

binding domain. Comparative domain sequence analysis suggests that Lmod1’s 

1st actin binding domain (A1) is vastly different from Lmod3’s A1 site. The results 

from this domain exchange may discover that the Lmods also possess varying 

affinities for binding actin. Additionally, there seem to be differences with the C-

terminal extension as well. Actin polymerization studies with only the Lmod2 C-

terminal extension demonstrated that the basic region, poly-proline (PP) and 

Wiskott-Aldrich syndrome homology (WH2) all contributed the nuclear activity 

exuded by the C-terminal extension (Chereau et al., 2008). Lmod3 possesses 

poor sequence homology with Lmod2’s PP and WH2 domains; suggesting that 

Lmod3 may lack the elongation properties Lmod2 has demonstrated (Chereau et 

al., 2008; Tsukada et al., 2010). Although recent in vitro studies (unpublished 

data) have shown Lmod3 to be a potent actin nucleator, exchanging it’s PP and 

WH2 domains for that of Lmod2’s PP and WH2 domains and expressing it in vivo 



 
 

 

48 

may explain how functionally similar or divergent the two striated muscle-specific 

isoforms are within cardiac and skeletal muscle respectively.  

Determining the impact of post-translation modifications on a protein’s 

function is also a possibility. Using mass spectrometry analysis, our lab recently 

identified five clusters of phosphorylatable sites in the Lmod2 sequence. All five 

phosphorylation “hot spots” are upstream of a functional domain, namely the 

TM1, A1, Leucine rich region (LRR), PP and the WH2 domain (Figure 2.2.1B). 

These hot spots may modulate Lmod2’s function during cardiac muscle 

development. Sequence alignments revealed that most of the phosphorylation 

sites identified were either Lmod2 exclusive or shared with Lmod1. Thus 

exchanging those regulatory regions with that of Lmod3’s comparable regions 

may clarify why it seems that Lmod2 may be regulated differently from Lmod3.  

Similar to the Lmods, Kostyukova’s group demonstrated that Tmod’s 

affinity for tropomyosin is also isoform specific; thus determining if the TM1 sites 

among the four Tmods are functionally redundant could be tested with domain 

exchanges (Uversky et al., 2011). Domain sequence analysis between the 

Tmods also revealed a drop in sequence homology when Tmod4’s 2nd 

tropomyosin binding domain (TM2) was compared to that of Tmod2 and Tmod3’s 

TM2 domain (Figure 2.2.1A). The 2nd tropomyosin binding-site seems to very 

important for Tmod1’s pointed-end localization. Point mutation studies have 

indicated that mutations I131D or Q144K in the second tropomyosin-binding site 

significantly reduces Tmod1’s localization ability to the pointed-end (Kostyukova 

et al., 2006; Moroz et al., 2013). Because Tmod4 regulates thin filament’s 
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pointed-end dynamics, exchanging its TM2 domain with that of Tmod2 or 

Tmod3’s TM2 site would allow us to determine if the other Tmod isoforms are 

functionally similar or redundant within their respective tissues.  

The “domain exchange” approach allows for each isoform’s functional 

motif to retain its unique biochemical properties within the muscle isoform, 

allowing us to associate potential actin dynamic perturbations with the functional 

domain under study. In all, this approach can help determine whether the roles of 

Tmods and Lmods toward regulating actin dynamics are similar or different to 

their skeletal muscle isoform counterpart. 

Challenges arise with this approach if the chimeric proteins do not localize 

properly, making a negative result difficult to interpret. The inability for the 

chimera proteins to localize may be due to the domain not recognizing the 

binding partner as anticipated or because the domain exchange altered the 

protein’s overall structure, ultimately leading to protein instability. Although 

western blot analysis can determine if the full-length chimeric protein is 

expressed, ability to properly fold into the functional confirmation will still be 

unknown. Therefore one way to address the limitations of the domain-exchange 

approach is to co-express a Tmod or Lmod isoform with its isoform specific 

binding partner (e.g., Tmod3’s isoform specific tropomyosin). This approach 

would also allow investigators to test binding partner isoform specificity in vivo. 
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2.2.2 Lmod & Tmod mutant rescues 

Because the Xenopus model system allows us to model embryonic 

skeletal muscle development relatively quickly, we can test the hypothesis that 

Lmod and Tmod possess nuclear activity that is important for muscle 

development, myofibril organization and physiological function. Trapping Tmod1 

or Lmod2 in the nucleus via nuclear export signal (NES) obliteration or domain 

truncations illustrates that both proteins at one point during development shuttle 

into the nucleus (Kong and Kedes, 2004; Skwarek-Maruszewska et al., 2010). 

Although their nuclear roles are not clear, studies have reported Lmod and Tmod 

to both possess NES and nuclear localization signal (NLS) domains (Kong and 

Kedes, 2004; Skwarek-Maruszewska et al., 2010). One would first assess if 

those domains were conserved in the Xenopus orthologues. To investigate the 

significance for localizing to the nucleus, co-inject mRNA coding for Tmod4 with 

an obliterated NLS domain with Tmod4 morpholino. Using techniques applied in 

appendix B, assess if Tmod4 possesses an additional function regulating 

pointed-end dynamics that is important for embryonic skeletal muscle 

development. The same experiment could be executed for Lmod3.  

If a result such as poor muscle development were observed, 

demonstrating the endogenous proteins possesses nuclear localization at some 

point during skeletal development would be pertinent. To determine this, one 

would make nuclear protein extracts from Xenopus somitic regions similar to 

(Taylor et al., 1989) and probe for Tmod4 and Lmod3 protein. Currently, 

preliminary immunofluorescence studies have shown Tmod4, but not Lmod3, to 
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co-localize with DAPI at embryonic stages prior to myofibrillogenesis (Figure 

2.2.2; arrows). More experiments need to be done to confirm that Tmod4 does 

localize to the nucleus during development (Figure 2.2.2; arrowheads). 

 

2.2.3 Live imaging of myofibrillogenesis in Xenopus myotomal cells  

Live cell imaging is a logical but difficult approach to learn more about the 

dynamic events of a cellular process. One must simultaneously capture the 

dynamic illuminated (presence of fluorophores) cellular events while maintaining 

functionally normal, healthy cells. The inability to preserve any one of these 

variables can compromise the experiment. Live cell imaging using Xenopus 

myotomal cell cultures may provide the best opportunity for capturing the 

dynamic events involved in myofibrillogenesis because of several favorable 

characteristics. The myotomal cell cultures require minimal maintenance to 

remain in a healthy state (Figure 2.2.3). Conveniently, they are capable of 

developing at room temperature in a simple buffered physiological salt solution. 

Additionally, cells taken several stages before somitogenesis can be cultured 

after microinjections, therefore providing the opportunity to watch pre-somitic 

mesodermal cells develop into myotomal cells in the presence of excess (mRNA) 

or reduced (morpholino) protein levels. Pre-somitic mesodermal cells’ 

development into mature myotomal cells is fast (within 24-48 hours, or even 

faster depending on the culturing conditions). Furthermore, studies involving 

drugs known to manipulate contractility or actin dynamics are possible within the 
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context of a particular protein’s manipulated levels (i.e., at wild-type, 

overexpressed or knockdown amounts).  

In addition to a fast and simple cell culture system, several fluorescent 

fusion protein technologies provide the opportunity to image live cellular events 

involved in de novo myofibrillogenesis. For example, such an experiment would 

entail the following procedure; triple injection of stage one Xenopus embryos with 

fluorescent GFP- α-actinin (Z-disc marker), RFP-lifeAct (F-actin marker) and 

Tmod4 MO. Several hours later, culture the pre-somitic mesodermal cells at 

stage 15. Subsequently, using live cell imaging, identify cells exhibiting green 

and red fluorescence and monitor how well de novo myofibril assembly occurs in 

the absence of Tmod4 in less than 48 hours.  

 

2.2.4 Lmod Tmod knock-in mice 

To determine if the Lmod Tmod redundancy is conserved across species, 

generating Lmod-Tmod knock-in mice would be an ideal experiment. In both 

scenarios, one protein would be knocked into the other’s gene locus. This 

experiment would investigate if a mammalian embryo could assemble skeletal 

muscle and possibly reach birth when its skeletal muscle pointed-end associating 

proteins are all LMOD3 or TMOD4. The knock-in gene should be expressed 

under the promoter of the gene it’s replacing because this approach would be the 

best experiment to determine how functionally redundant are the two proteins 

during the initial stages of embryonic development. This approach will also test 

the hypothesis that thin filament regulation can be attained with a homogenous or 
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heterogeneous pool of pointed-end associating proteins. Anticipating survival, 

both embryos (as early as embryonic stage 8; presence of somites) and neonatal 

mice would be assessed for skeletal muscle development, sub-cellular 

sarcomeric architecture (i.e., myofibril assembly) and contractile force output.   

 

2.5.5 Conclusion 

Taking advantage of this Xenopus laevis embryos, we demonstrated that 

the thin filament associated proteins Tmod4 and Lmod3 are not only essential for 

proper embryonic skeletal muscle development but possess overlapping 

functions.  Mutations in several sarcomeric proteins have been linked to various 

human myopathies. Some of these mutations lead to protein instability or result 

in a non-functional protein. In the future, the Xenopus laevis embryo as an in vivo 

myofibrillogenesis model, can be used to study the impact of other actin-thin 

filament associated proteins and their mutations during embryonic skeletal 

muscle development.  
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Figure 2.2.1A Tmod4 functional domain sequence comparison to other Tmod 

isoforms. The domains: 1st Tropomyosin binding domain (TM1), 1st actin binding 

domain (A1), Leucine rich repeat domain with 2nd actin binding domain (LRR+A2) 
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Figure 2.2.1B Lmod3 functional domain sequence comparison to other Lmod 

family members. Red poles denote phosphorylation hotspots within Lmod2 that 

can be exchanged with Lmod3. The domains: 1st Tropomyosin binding domain 

(TM1), 1st actin binding domain (A1), Leucine rich repeat domain with 2nd actin 

binding domain (LRR+A2), poly-proline region (PP) and Wiskott Aldrich 

syndrome homology region 2 (WH2). 
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Figure 2.2.1C Tmod1-4 localization studies. Stage 34 embryos (tadpole stage) 

were fixed, sectioned and immuno-stained with antibodies against GFP and α-

actinin. GFP-Tmod1 and Tmod2 possess comparable pointed-end localization 

patterns to GFP-Tmod4. Arrowheads are pointing to the GFP-Tmod striations in 

each sample. Scale bar 5 µm. 
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Figure 2.2.1D Lmod1-3 localization studies. Stage 34 embryos (tadpole stage) 

were fixed, sectioned and immuno-stained with antibodies against GFP and α-

actinin. GFP-Lmod2 but not Lmod1 possess similar localization patterns at the 

M-line comparable to GFP-Lmod3. Scale bar 5 µm. 
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Figure 2.2.1E RNA in situ expression patterns of tmod and lmod family members 

during stage 15 and 30 of embryonic skeletal muscle development. lmod3 and 

tmod4 were both detected specifically in skeletal muscle tissue during early and 

late stages of embryonic development (d, h, l, p). Similar to cardiac actin (muscle 

marker control), tmod1, and lmod2 transcripts were detected in the developing 

heart (g, m). Both lmod3 and tmod4 exhibited no detectable transcript levels in 

the developing heart (h, p). 

  

 



 
 

 

59 

 

 

 

Figure 2.2.2 Nuclear staining for Tmod4.  Xenopus embryos were allowed to 

develop to stage 20, fixed, sectioned and stained with Texas-red phalloidin, DAPI 

and an antibody to Tmod. The arrow points to co-localization with the Tmod4 

stain and nucleus. Indicated by the arrowhead, this does not seem like a 

consistent event.  
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Figure 2.2.3 Myotomal cell culture and immunostaining. Xenopus embryos were 

allowed to develop to stage 15, somitic regions were dissected and pre-somitic 

mesodermal cells were plated in 20% Steinberg’s media. After 48 hours in 

culture, a subset of cells were imaged using bright-field microscopy (b-d). In 

these myotomal cells, the alternating banding pattern denotes their myofibrils. In 

the center are yolk granules, which dissipate during development. Another set 

was fixed, and stained for α-actinin (a).  
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Appendix A:  Preparation of developing Xenopus muscle for sarcomeric protein 
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Abstract:  
 

Mutations in several sarcomeric proteins have been linked to various 

human myopathies. Therefore, having an in vivo developmental model available 

that develops quickly and efficiently is key for investigators to elucidate the 

critical steps, components and signaling pathways involved in building a 

myofibril; this is the pivotal foundation for deciphering disease mechanisms as 

well as the development of myopathy-related therapeutics. Although striated 

muscle cell culture studies have been extremely informative in providing clues to 

both the distribution and functions of sarcomeric proteins, myocytes in vivo 

develop in an irreproducible 3D environment. Xenopus laevis (frog) embryos are 

cost effective, compliant to protein level manipulations and develop relatively 

quickly (≤ a week) in a petri dish, thus providing a powerful system for de novo 

myofibrillogenesis studies. Although fluorophore-conjugated phalloidin labeling is 

the gold standard approach for investigating actin-thin filament architecture, it is 

well documented that phalloidin-labeling can be challenging and inconsistent 

within Xenopus embryos. Therefore we highlight several techniques that can be 

utilized to preserve both antibody and fluorophore-conjugated phalloidin labeling 

within Xenopus embryos for high-resolution fluorescence microscopy.  

 

 

Keywords: Immunofluorescence microscopy, Xenopus laevis, myofibrillogenesis, 

phalloidin, sarcomere 
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1. Introduction 

The sarcomere is an ordered, semi-crystalline, macro-molecular complex 

consisting of thousands of contractile and regulatory proteins that interact with 

one another to create the smallest contractile unit of striated muscle. Sarcomeric 

and sarcomeric-associated proteins are involved in numerous cellular processes 

(e.g., calcium signaling, mechano-sensing and structural maintenance) to 

facilitate and maintain optimal acto-myosin interactions for muscle contraction. 

How the dynamic sarcomeric structure is assembled and maintained is currently 

an active area of investigation. There are a plethora of skeletal and cardiac cell 

culture studies that have demonstrated the temporal and spatial localization of 

contractile proteins. Although they have been extremely informative and have 

provided important insights to deciphering the events occurring during the stages 

of myofibrillogenesis, they fall short from providing an accurate de novo 

perspective of muscle development that a growing embryo can provide. 

Therefore, identifying models that allow for gene and/or protein manipulations 

within a developing embryo that are amenable to high resolution microscopy is 

crucial for obtaining direct insights into the functional significance of individual 

sarcomeric components during myofibril assembly.  

For more than 40 years, the Xenopus laevis (frog) embryo has been an 

excellent model for studying and imaging the dynamic steps of embryonic 

development in vivo [e.g., 1–5]. Due to the Xenopus embryos’ large size (~1mm), 

visualization of both gross morphology and subcellular structure during 
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development is relatively straightforward. Since the embryo can develop into a 

tadpole quickly (within four days at room temperature) and externally (not 

internally like its mammalian counterparts), investigators can view any stage of 

embryonic development in less than a week. These features of Xenopus 

development allow investigators to observe potential effects of a protein 

knockdown or overexpression at every developmental time point from a single 

cell to a swimming tadpole. In fact, several groups have used Xenopus embryos 

or Xenopus myotomal cell cultures to study events occurring during 

myofibrillogenesis [6-9]. In all, Xenopus laevis is not only an emerging but also 

an excellent model for assessing protein localization and function during de novo 

myofibrillogenesis in a developing embryo.   

Determining the timing and the localization of where a protein is 

expressed is an important first step to deciphering the physiological function of a 

protein. Whole mount immunofluorescence microscopy is an approach that most 

often uses combinations of unconjugated primary antibodies and fluorophore-

conjugated secondary antibodies as molecule-specific probes to localize and 

image proteins of interest within different regions of the embryo and/or at the 

subcellular level. Fluorophore-conjugated phalloidin is also frequently used to 

localize filamentous actin (F-actin) in combination with antibodies generated 

against actin-binding proteins to provide important clues to how actin-binding 

proteins may functionally associate with F-actin. Staining for the Z-line 

component alpha-actinin is often used for identifying the specific stages of 

myofibrillogenesis [e.g., 10–12]. Informative immunofluorescence studies stem 
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from acquiring clear and highly detailed images from transparent tissue samples. 

Unfortunately, tissues from Xenopus embryos are greatly pigmented and opaque 

due to the epidermis and yolk granules, respectively. In fact, younger embryos 

(stage 32 and younger) tend to have more yolk granules and thus are potentially 

more challenging with respect to unwanted autofluorescence signals. These 

features often pose challenges when acquiring images but can be overcome with 

several techniques that have been developed. Some of these approaches 

include the addition of a bleaching and/or a clearing step. Bleaching removes the 

embryo’s pigmentation, while clearing makes the embryo (including the yolk 

granules) transparent. Transparency is achieved when the embryo’s refractive 

index is matched by the mounting medium (i.e., Murray’s clear) [13]. Although 

both approaches are effective in improving image quality, they compromise 

phalloidin labeling.  

Here we discuss several different approaches for preserving both antibody 

and phalloidin staining in Xenopus embryo skeletal muscle. We highlight a 

variation of whole mount immunofluorescence staining which entails manually 

removing the epidermis of the embryo; this bypasses the bleaching step. Another 

approach is the preparation of cryosections. This method not only preserves the 

structural integrity of the myofibrils to be analyzed but also greatly increases the 

penetrance of both antibody and phalloidin into the samples. Finally, we describe 

a “clearing” technique that markedly improves microscopic analysis and 

preserves both antibody and phalloidin stains. Fortunately, as outlined above, 
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there are many options that can enhance acquisition of high-resolution images 

for the study of sarcomeric protein localization in developing Xenopus embryos. 

2. Fixation of Embryos  

Fixation of embryos is a crucial step in capturing and preserving the fine 

structural detail of a tissue sample. In the process of holding molecules and 

structures in place, fixatives can also alter or mask the target antigen, making it 

poorly or completely unrecognizable by the antibody. Therefore, it is important to 

select a fixative according to the antibody being used.  

After the Xenopus eggs are fertilized and de-jellied [i.e., removal of the 

gelatinous matrix coat of proteins and carbohydrates that surround the embryo 

via incubation in a L-cysteine solution in 0.2X Marc’s modified buffer (MMR; pH 

7.95) for 4-8 minutes], they are placed into a petri dish filled with 0.2X MMR for 

further development (see Section 2.1.1 for formula). Embryos develop between 

15–25°C (the rate of development is temperature dependent). The development 

of the embryo is monitored via the use of a stereomicroscope. Once they reach 

the desired stage, they are fixed in the solution of choice.  

There are two general types of fixatives used for immunofluorescence 

microscopy: alcohol- and aldehyde-based fixatives. In short, alcohol-based 

fixatives are “denaturing” fixatives due to their ability to reduce the solubility and 

frequently perturb the tertiary structure of proteins. Aldehyde fixatives function by 

creating covalent bonds between proteins, often preserving the tertiary structure. 

The chemistry behind each fixative type is well understood relative to their 
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antigen-alteration and fixing mechanisms of action and has been described 

previously [e.g., 13–15]. 

 

2.1. Fixation Types and Components 

There are several aldehyde- and alcohol-based fixative solutions that can 

be used to fix Xenopus embryos. Some of the aldehyde-based fixatives solutions 

are MEMPFA (MOPS/EGTA/magnesium sulfate/paraformaldehyde), 4% 

paraformaldehyde (PFA), 0.37% formaldehyde and Millonig’s fix [16–18]. 

Alcohol-based fixative solutions include 100% methanol, 1 methanol: 1 acetone, 

and Dent’s fix [19, 20]. 

Based on our experience and from others, immunofluorescence staining is 

often more effective on aldehyde-based fixed embryos than on alcohol-based 

fixed embryos. It is important to note that the ability of an antibody to recognize 

its antigen can vary between fixatives. As an example, in our hands, anti-α-

actinin antibodies and not anti-Tropomodulin antibodies are effective at 

recognizing their respective proteins in Dent’s-fixed embryos (data not shown). 

Thus, it is clear that in Dent’s fix, some epitopes are preserved while others are 

not recognizable. 

With respect to the fixatives we tested, MEMPFA was the most effective 

for antibody and phalloidin use. 0.37% formaldehyde fixed embryos exhibited 

similar results to MEMPFA; hence it is a viable alternative. Surprisingly, we 

observed that not all aldehyde-based fixatives that we tested were optimal for 

both antibody and phalloidin use. For example, Xenopus embryos fixed in 
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Millonig’s Fix, a fix specifically designed for preservation of actin filaments in sea 

urchins [18], exhibit strong phalloidin labeling but poor antibody staining. 

Phalloidin staining of alcohol-fixed embryos is well known to be poor since it 

loses its F-actin binding ability once exposed to methanol [17]. In certain 

instances, the variability in the contractile state of each sarcomere (i.e., the 

distance between Z lines) can prove to be challenging for accurate visualization 

and quantification of specific sarcomeric structures (for example, for high 

resolution of thin filament pointed-ends) hence the use of a “relaxing” buffer 

(EGTA, K+ and ATP containing buffer) can be utilized before (~30 min 

incubation) and during the fixation step.  

 

2.1.1.  Formulas for Fixatives  

Unless mentioned otherwise, fixatives should be prepared fresh before 

use. All fixatives should be prepared in a chemical fume hood while wearing 

gloves, goggles and a mask. The institution’s chemical waste disposal policies 

should be followed. 

 

i.  MEMPFA (MOPS/EGTA/magnesium sulfate/paraformaldehyde). 

4% paraformaldehyde (PFA)  

2mM EGTA 

100mM MOPS, pH 7.4 (needs to be protected from light; once yellow, should be 

discarded). 

1mM MgSO4 
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ii.  4% Paraformaldehyde  

4% PFA from an 8% stock (made from PFA prill: Electron Microscopy Sciences 

Cat#19202) 

dH2O at ~50°C 

Stir and bring PFA prill into solution with 10N NaOH. 

or 

8% PFA from a 16% aqueous solution (from Electron Microscopy Sciences 

Cat#15710) 

8% PFA can be stored in an airtight glass bottle at 4°C for ≤ two weeks.  

 

iii.  Dent’s Fix [20] 

4 methanol (100%):1 dimethyl sulfoxide (DMSO)  

 

iv.  0.37% Formaldehyde Adapted from [6] 

0.37% (w/v) formaldehyde (diluted from formalin containing 37% formaldehyde)  

80mM NaCl 

10mM EGTA 

10mM MgCl2 

10mM HEPES, pH 7.4 

 

v.  Methanol  

100% ice-cold methanol 
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vi. 1 Methanol: 1 acetone  

1 methanol (100%): 1 acetone (100%) 

 

vii.  Millonig’s Fix [18] 

3% formaldehyde (diluted from formalin containing 37% formaldehyde) 

136mM NaCl                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                   

200mM NaH2PO4, pH 7.4 

 

2.1.2. Relaxing buffer formula (adapted from [16, 21])  

100mM MOPS, pH 7.4 

1mM MgSO4 

5mM EGTA 

5mM ATP 

2.1.3. Fixation Procedure  

Materials 

Petri dishes (60X15mm) 

Glass storage vials (15x44mm)  

2ml plastic transfer pipettes  

Stereomicroscope 

 

Protocol 

1. Using a transfer pipet move embryos from 0.2X MMR in a petri dish into 
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labeled glass vials and remove excess liquid. 

2. With a transfer pipette, add fixative solution to each glass vial (substitute 

relaxing/fixative procedure if desired).  

3. Cap and allow embryos to fix at room temperature for 2-4 hours.  

4. Transfer vials to 4°C overnight.  

5. Store fixed embryos the next day (see below). Avoid over-fixing the  

           embryos (i.e., fixing embryos > 48 hours at room temperature).  

 

2.1.4. Storage of Fixed Embryos 

Traditionally, embryo storage entails transferring the fixed embryos to vials 

filled with 100% methanol at -20°C. This approach is effective at preserving 

embryos for approximately two months. Although this storage procedure is 

conducive for many antibody stains, the opportunity to stain with fluorescently-

conjugated phalloidin is lost. In order to preserve phalloidin staining, fixed 

embryos can be stored in a lower percentage fixative (1% MEMPFA) for up to a 

month at 4°C. 

 

3. Embryonic Tissue Preparation: Whole Mount and Cryosection 

Approaches 

3.1. Tissue Whole Mount Preparation 

Whole mount immunohistochemistry (IHC) typically involves staining the 

entire embryo and this approach takes at least 3 days. We discovered, however, 

that dissecting the somitic region of the embryo and removing the skin before 
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staining not only increases antibody and phalloidin penetration into the skeletal 

muscle area (somites), but also reduces the protocol to 1.5 days without 

compromising the quality of the stain.  

 

3.1.1. Somitic tissue dissecting procedure  

Somites develop in the dorso-lateral region of the Xenopus embryo. Under 

a stereomicroscope, use two pairs of forceps (one in each hand) to dissect 

somitic tissue from fixed embryos. The No. 5 forceps provide a tip that is helpful 

in pinning down the tissue. The No. 55 forceps are much sharper with a curved 

point and are useful for grasping the somite tissue and epidermis during the 

dissection process.  

 

Materials 

Positively charged (poly-lysine coated) glass slides 

Nail polish to make slide wells 

Petri dishes (60X15mm) 

Stereomicroscope 

Dissection tools: Forceps No. 5 and No. 55  

Plastic 1ml pipette tip box (i.e., humidifying chamber) 

200µl pipette and tips 

10µl pipette and tips  

 

Reagents  
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i.  Dissection Solution 

1X Marc’s Modified Ringers stock (MMR)  

0.1M NaCl 

2mM KCl 

1mM MgSO4 

2mM CaCl2 

5mM HEPES, pH 7.8 

0.1mM EDTA 

(Note this is typically diluted to 0.2X for use). 

 

ii.  Permeabilization Solution 

0.2% Triton-X100 in 1X PBS 

 

Protocol 

1. Fill a petri dish with 0.2X MMR and place a fixed embryo into the dish with 

a transfer pipette (Fig. 1a). 

2. Using both forceps, remove the head and tail region from the trunk of the 

embryo (Fig. 1b).  

3. Remove the yolky endodermal tissue by cutting just below the somites 

(Fig. 1c).  

4. Separate the somitic regions on each side of the embryo. To do this, place 

the remaining trunk of the embryo dorsal side down against the petri dish, 
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so that the somites are “up”. With forceps, split the somites apart, cutting 

through the center of the dorsal region (Fig. 1d).  

5. Pin the tissue down with the No. 5 forceps, and peel off the notochord 

(NC) and neural tube (NT) with the No. 55 forceps (Fig. 1e,f). Typically, 

one somitic side will have the notochord and neural tube attached to it. 

6. Peel the epidermis away from somites with forceps. While pinning down 

the somites with the No. 5 forceps, the epidermis is peeled away with the 

No. 55 forceps (Fig.1g); this should be done for both somite pieces. This 

process may take several attempts. Complete removal of the epidermis is 

essential since its’ high pigmentation obstructs acquisition of high-quality 

images (Fig. 4a & 4b).  

 

7. Fill the circular “slide well” with 50µl of permeabilization solution and place 

the dissected pieces of somitic tissue into the well (Fig. 1h). Slide wells 

are created earlier on glass slides by layering several coats of nail polish 

(minimum of 3) to build the walls of the well (diameter approximately 

1.5mm). Each layer is applied after the initial coat dries.  

8. Section 4.1. describes the subsequent immunostaining procedure. 

 

3.2. Tissue Cryosection Preparation 

As an alternative to whole mount staining, we have found that utilizing 

frozen sections of developing Xenopus embryos preserves outstanding structural 

details of developing muscle. Although individual sections only provide a 
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snapshot (single slice) within an embryo (in comparison to whole mounts), it does 

enhance antibody and phalloidin access. This approach also allows for the use of 

higher resolution (high numerical aperture (NA)) objectives since the working 

distance between the sample and the objective can be reduced (compared with 

whole mounts). Here, we describe a cryosection preparation optimized in our 

laboratory based on protocols described previously [22, 23].  

Embryos are fixed as described (Section 2.1.2). Although embryos that 

have been fixed for days to weeks can be used for this procedure, the staining 

quality of stored embryos is often compromised (e.g., lower signal to noise ratio) 

in comparison with samples that are processed immediately after fixation. 

Gelatin-coated coverslips need to be prepared before sectioning [24]. Once 

samples are frozen, trained personnel on a cryostat can section them. For further 

details on cryosection preparation and sectioning, see reviews by [25, 26].  

 

Materials 

2ml plastic transfer pipettes  

Positively charged (poly-lysine coated) glass slides  

Stereomicroscope 

Embryo dissection tools: Forceps No. 5 and No. 55 

Bench top liquid nitrogen container  

Metal Ladle (~4” diameter) 

Aluminum foil  

Tissue-Tek Cryomolds (25x20x5mm)  (Sakura® Finetek) 
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Delicate task wipers (e.g., most commonly used are Kimwipes from Kimberly-

Clark) 

Gelatin-coated (18x18mm) coverslips (See [24] for preparation, or commercially 

available from NeuVitro, Cat# GG-18-gelatin) 

0.5 ml micro-centrifuge tubes 

 

Reagents 

Isopentane 

Liquid nitrogen  

30% sucrose in 1X PBS  

Optimal cutting temperature (OCT) freezing medium  (Sakura® Finetek) 

 

Protocol 

1. Rinse fixed embryos with 1X PBS. Embryos can be stored in 1X PBS at 

4°C up to a week before moving on to step 2. 

2. Incubate embryos overnight in 30% sucrose/PBS at 4°C. Sucrose acts as 

a cryoprotectant. Ensure embryos sink to the bottom or assist with a quick 

shake; this indicates that the embryos are saturated with sucrose. If the 

embryos remain afloat, more time is needed in the sucrose solution. 

Typically, embryos stage 37 or younger, require two days of saturation.  

3. Set up the isopentane/liquid nitrogen ice bath. Fill container with liquid 

nitrogen. Place the ladle into the nitrogen-filled container and fill ladle with 

isopentane. Let the liquid nitrogen cool the isopentane. Ice sludge will 
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form at the bottom of the ladle indicating that the isopentane has reached 

the optimal temperature for freezing samples (Fig. 2a). Alternatively, 

isopentane can be stored at -80°C until use.  

4. Transfer 3-4 embryos onto a glass slide with a plastic transfer pipette. 

Absorb as much of the sucrose as possible with a kimwipe. Cover the 

embryos with OCT freezing medium (Fig. 2b).  

5. Place a drop of OCT medium into a labeled cryomold. Do not fill mold up. 

6. Transfer embryos from the glass slide into the cryomold with the OCT 

medium. Using forceps, gently lift the embryos one at a time and place 

them in the cryomold.  Position the embryos on their side for sagittal 

sections. Align the embryos, ensuring that they are flat against the bottom 

of the mold. Fill mold with OCT (just enough to completely cover the 

embryos) (Fig. 2c). Re-align the embryos with forceps if necessary. 

Ensure that the cryomold is bubble free (i.e., bubbles can damage tissue 

during cryosections). 

7. Freeze the samples. Immerse the cryomold with embryos into the cooled 

isopentane and hold until the OCT turns opaque (white). Hold for another 

thirty seconds to ensure the sample is completely frozen (Fig. 2d, e). 

Freeze-thaws will cause tissue damage. 

8. Store samples in aluminum foil. Allow for a quick air dry of frozen samples 

before placing them onto a piece of foil. Wrap up samples tightly (Fig. 2e). 

9. Store the aluminum foil-wrapped frozen samples. Place wrapped samples 

in a plastic bag.  Remove as much air as possible from the storage bag. 
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Store at -80°C (Fig. 2f). 

 

10. Section samples in cryostat. Have a trained person generate ~5 µm thick 

sections and “melt” them onto gelatin-coated coverslips.  

11. Store sections in 1X PBS at 4° C, until ready for staining.  For longer 

storage, keep sections well wrapped in foil in an airtight container at -80°C 

until use. For immunostaining of cryosections, see Section 4.2.  

 

4. Immunostaining 

Antibody stains not only provide important information about the 

localization of endogenous proteins but also can be used to monitor the 

localization of exogenous proteins produced in the embryo by mRNA injection. 

Most importantly, deliberate alterations in protein levels may result in 

perturbations of sarcomere structure, leading to important clues about a protein’s 

function that can be assessed by immunofluorescence staining. Fortunately, 

several groups engaged in deciphering the roles of sarcomeric proteins during 

striated muscle development have demonstrated that many antibodies raised 

against human, chicken or mouse sarcomeric proteins robustly recognize 

Xenopus orthologues due to the high conservation of contractile proteins across 

species [6-9, 27-36]. See Table 1 for a list of commercial anti-sarcomeric protein 

antibodies that recognize Xenopus skeletal muscle proteins. It is worth noting 

that antibodies raised against “cardiac-specific” isoforms (i.e., α-cardiac actin) 

may recognize a similar antigen in skeletal muscle. For example, anti-α-cardiac 
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actin antibodies (clone Ac1-20.4.2 from Sigma-Aldrich) effectively recognize the 

actin-thin filaments in Xenopus skeletal myotomal cells.  

 

Immunofluorescence staining approaches allow investigators the ability to detect 

and gather information on multiple target antigens within a cell and/or tissues. 

Fluorescently conjugated-secondary antibodies are one of many ways to 

visualize a target protein. Described below is a straightforward “single” stain. 

However, most often double or triple localization of different molecules is 

required; these approaches take advantage of the wide range of fluorophores 

available as well as the different species that antibodies are generated in. The 

protocols provided below can be adapted seamlessly for multiple stain 

approaches. Specifically, multiple labeling can be done sequentially or in 

combination (e.g., mixing the primary antibodies).  

Note that primary and secondary antibodies have to be carefully titrated 

since each lot can differ with respect to its concentration and fluorophore 

coupling efficiency. Additionally, “secondary alone” control samples (i.e., samples 

where the primary antibodies are not used) should be performed to determine 

optimal working concentrations; that is, dilutions that do not result in nonspecific 

“background” signals. 

Fluorescently-conjugated phalloidin can also be added to any of the 

staining protocols listed below. Note, most vendors distribute fluorophore-

conjugated phalloidin in a lyophilized form with instructions to re-suspend and 

store the lyophilized product in 100% methanol. Therefore to achieve optimal 
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actin-filament staining, it is important to evaporate off the methanol before 

diluting the phalloidin. Dilute stock in wash buffer to a final concentration of 0.001 

unit/µl for whole mounts and 0.0005 unit/µl for sections. 

From our experience, the staining patterns demonstrated by fluorophore-

conjugated phalloidins on Xenopus somitic tissue prepared in whole mount is 

often dependent upon how the sample was prepared. In dissected somitic tissue, 

phalloidin exhibit either a staining pattern that spans the entire actin-thin filament 

or a staining pattern that is devoid of detectable staining within the I band (on 

each side of the Z-disc) (Fig. 4). Interestingly with sections, fluorophore-

conjugated phalloidins consistently stain the length of the actin-thin filaments, 

likely due to better accessibility (Fig. 5j-l).  

 

4.1. Whole Mount Immunostaining Protocol 

The approach described here is a cost effective way to do whole mount 

immunostaining on Xenopus embryo tissues. The entire immunostaining 

procedure is carried out in a slide well (Fig. 1h). To prevent the tissue from drying 

out during overnight incubations, slide wells are placed into a humidifying 

chamber constructed from a 1ml pipette tip box with a cover that is filled (half-

way) with water. The slide wells are placed on top of the tip rack with tissue 

samples inside the wells (Fig. 3a).  

As mentioned above, fluorophore-conjugated phalloidin can be added to 

this protocol, following any wash step. If the phalloidin stain does not appear to 

be optimal, transfer tissue samples into 0.5ml micro-centrifuge tubes filled with 
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100µl of the diluted phalloidin solution. Wrap tubes in aluminum foil to protect 

from the light and rotate on a neutator for two hours. Afterwards, remove tissue 

samples from each tube and place back into the slide wells for washes.  

 

Materials 

Charged slides with nail polish wells (described above)  

1ml pipette tip box (humidifying chamber) 

200µl pipette and tips 

Forceps 

Coverslips (18x18mm) 

Stereoscope 

 

Solutions 

i. Permeabilization solution 

0.2% Triton-X100 in 1X PBS 

 

ii. Blocking solution 

2% BSA plus 1% normal donkey serum in 1X PBS 

 

iii. Wash solution 

0.02% Triton-X 100 in 1X PBS 

 

iv. Antibody solutions 
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Dilute primary antibodies (see Table 1) or secondary fluorescently-conjugated 

antibodies in blocking solution.  

 

v. Mounting medium specialized for immunofluorescence microscopy (e.g., 

Aqua-Poly/Mount from Polysciences, Inc.) 

 

Protocol 

1. Permeabilization. This is a continuation from step 8 of 3.1.1 (somitic tissue 

dissecting procedure). Incubate in permeabilization solution for at least 

one hour at room temperature. 

2. Blocking. Remove permeabilization solution and add blocking solution 

(50µl) to each well. Block for at least 2 hours at room temperature. If 

nonspecific background is a problem, the samples can be blocked initially 

at 37°C for 30min, prior to the 2 hour room temperature incubation. This 

step is used to prevent non-specific binding of antibodies by binding to any 

“sticky” parts of the cells/tissue that are being stained.  

3. Primary Antibody. Remove as much blocking solution from the wells as 

possible to prevent dilution of the subsequent primary antibodies. Add 

50µl of the diluted primary antibodies to each well. Close humidifying 

chamber to prevent samples from drying out and incubate overnight at 

4°C. If time is limited, immunofluorescence staining can be successful with 

a one-hour incubation in primary antibody; this is a viable option for 

antibodies with high affinity and/or when the antigen is abundant.  
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4. First Wash. Rinse tissue of excess primary antibodies with five 50µl 

washes, each for 5 minutes. Be careful when adding and removing liquid 

from the wells. If not, tissue will be lost. 

5. Secondary Antibody. Remove as much washing solution as possible and 

add 50µl of the secondary antibody solution to each well. Close humidifier 

and cover samples to prevent exposure to light. Incubate tissue for at least 

45 minutes at room temperature.  

6. Second wash. Wash as described for First Wash.  

7. Continue protocol or go to 4.1.1 for Clearing Procedure. 

8. Preparation for Mounting of Stained Tissue. Place a glass slide on the 

platform of the stereomicroscope. Adjust the light source to best view the 

tissue. Using a 200µl pipette, transfer the tissue to the center of the slide. 

At this stage, remove any remaining epidermis with forceps. Gently shear 

apart the somitic tissue with the forceps. This flattens the tissue to be 

viewed and thus, enhances imaging of myofibrils. Remove as much wash 

buffer as possible as to not dilute the mounting medium (i.e., this will 

cause premature fading of the fluorescent signal). Rinse tissue with dH2O 

to clear of excessive salts from wash buffer (i.e., this will reduce 

background when imaging).  

9. Final Mounting Steps. Place ~4 drops of mounting media in close 

proximity, surrounding the stained tissue. Gently place the coverslip on top 

of the tissue. Once the coverslip has been laid down, with forceps tap the 
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four corners of the coverslip. This approach removes air bubbles and 

keeps the tissue centered under the coverslip. Dry the mounted slides 

away from light. For long-term storage, place slides at 4°C in the dark.   

 

4.1.1. Clearing Procedure 

As mentioned above, it is difficult to acquire clear images from Xenopus 

embryos due to the abundance of yolk granules that auto-fluoresce. 

Implementing a clearing step before imaging can alleviate this problem. The 

clearing protocol includes dehydrating the tissue after staining, with a series of 

alcohol washes. Methanol is often the method of choice (over other alcohols) 

since there is little or no shrinkage of the tissue; however, the ability to stain with 

phalloidin is compromised. Isopropanol can replace methanol, and if done quickly, 

phalloidin labeling is preserved [17]. The unfortunate tradeoff of using 

isopropanol is that there is significant tissue shrinkage.  

 

Materials 

2ml Plastic transfer pipette  

Positive charged (poly-lysine coated) glass slides  

Stereomicroscope 

Coverslips (18X18mm) 

10µl and 200µl pipettes and tips 

1.5ml microcentrifuge tube rack 

Aluminum foil  
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Self-sealing film (e.g., Parafilm® M) 

Kimwipes 

Permanent Marker 

Solutions 

Alcohol Dilution Series (these can be stored and reused) 

100% 95% 85% 70%, 50%, and 25% methanol (or isopropanol)  

Clearing solution  

1 benzyl alcohol: 2 benzyl benzoate (BABB): protect from light and make fresh 

each time. BABB is highly corrosive and toxic.  

 

Protocol 

1. Create wells for alcohol dehydration. Place a piece of parafilm on top 

of a 1.5 ml plastic tube rack and tape it in place (Fig. 3c,d). Use 

fingers to press the parafilm into the holes of the tube rack (do not 

break the parafilm). This will create “wells”. If necessary, leave empty 

wells between the alcohol solutions to prevent inadvertent mixing.  

2. Dehydration. Each incubation is 15 seconds long. Transfer between 

wells using a 200µl pipette. The series is as follows: 25%, 50%, 70%, 

85%, 95%, 100% and 100%. Ensure all water is extracted from the 

tissue. If there is residual water, it will mix with the subsequent 

clearing solution (see below) and create a precipitate that renders the 

tissue opaque. 

3. Transfer dehydrated tissue. With a 200µl pipette, transfer tissue to a 
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marked area on a prepared charged slide under a stereomicroscope. 

Remove excess 100% isopropanol from the tissue. To prepare the 

slide, prepare draw a circle to designate the location for the tissue to 

be placed.  

4. Clear the tissue. Add 2-5µl of BABB to the tissue and incubate for 5 

min. Repeat three times with fresh BABB solution. Watch the tissue 

“disappear”. The circle helps with identifying the location of the tissue 

once it becomes transparent. Finally, add 5-10µl of BABB to the tissue 

for mounting.  

5. Place a coverslip onto the tissue. Remove excess BABB surrounding 

coverslip with a kimwipe. Seal the coverslip with nail polish. Let 

mounted slides air dry away from light. 

  

4.2. Cryosection Immunostaining Protocol 

The immunostaining approach for cryosections follows a similar protocol 

as for whole mount staining: the solutions are the same, while some different 

materials are used. Unlike the whole mount approach, cryosections have 

increased tissue and antigen accessibility; therefore antibodies can be used 

more dilute and for shorter incubation times. For example, the anti-sarcomeric α-

actinin antibody (Sigma-Aldrich) is used at a dilution factor of 1:3000 with an 

overnight incubation period when conducting whole mount immunofluorescence 

staining. Conversely with staining sections, the anti-α-actinin antibody works well 

at 1:6000 with an incubation time of one hour.  
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As with whole mount staining, fluorescently-conjugated phalloidin can be 

added or substituted into the protocol. Specifically, add 50µl of diluted phalloidin 

solution onto the coverslip and incubate for two hours at room temperature. 

Cover the humidifying chamber to protect coverslips from light. 

 

Materials  

Standard 6-well cell culture plate, non-treated, flat-bottom with lid 

200µl pipette and 1ml pipette with tips 

Forceps 

Humidifying chamber (container with lid)  

Rubber stoppers  (flanged rubber stoppers for vaccine bottles) (Plasticoid Corp: 

Cat#20190) 

beaker  

Filter paper (0.34mm) 

Parafilm 

Kimwipes 

Slides 

Mounting Medium for Fluorescence Microscopy 

Light Box 

 

Solutions 

Same as described above for Whole Mount staining without Clearing 
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1. Permeabilization. Place one coverslip (section facing up) into each well 

of a 6 well culture dish with forceps. Gently fill wells with 2 ml of 

permeabilization solution. Incubate for 15 minutes at room temperature 

on a light box (i.e., this step photo-bleaches the tissue, often reducing 

autofluorescence from the tissue, particularly the yolk granules). Check 

and make sure coverslips do not float to the top (sections will dry out 

and compromise image quality if not submerged). If they float up, poke 

down with forceps. 

2. Blocking. Remove permeabilization buffer and add 2ml of blocking 

solution to each well. Incubate for 45 minutes at room temperature on 

a light box. 

3. Primary antibody. Set up the humid chamber (Fig. 3b). Place filter 

paper into a plastic container (humid chamber) and wet it completely 

with water (pour off excess water). Place the rubber stoppers on top of 

the wet filter paper. The wet filter paper holds the rubber stoppers in 

place. With a pair of forceps, remove the coverslip from the well, 

remove excess blocking buffer by touching a corner of the coverslip on 

a kimwipe and place the coverslip face-up on top of a rubber stopper. 

Note, care must be taken to assure that sections remain on coverslips 

during the staining procedure.  
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Add 50µl of primary antibody solution onto the coverslip. Incubate for 

one hour at room temperature (or overnight at 4°C). For overnight 

incubations, parafilm the humidifier to prevent sections from drying out. 

4. First wash. Remove primary antibody by touching edge of coverslip to 

a Kimwipe. Place the coverslips back into 6-well cell culture dish for 

washing steps. Wash with 2ml of wash buffer, 3 times for 5 minutes 

each. 

5. Secondary Antibody. Transfer the coverslip from the six well plate to 

the rubber stoppers in the humid chamber. Remove excess wash 

buffer and place the coverslip on top of the rubber stopper. Add 50µl of 

the secondary antibody solution onto each coverslip. Cover 

humidifying chamber to protect coverslips from light. Incubate 45 

minutes at room temperature.  

6. Second wash. Remove secondary antibody by touching edge of 

coverslip to a Kimwipe. Wash as described for First Wash. 

7. Rinse coverslip several times in beaker filled with dH2O. Remove 

excess dH2O from the coverslip with a Kimwipe. 

8. Place a glass slide onto the platform of the stereomicroscope. Add a 

single drop of mounting medium onto the slide. Work quickly to prevent 

mounting medium from drying. Drying reduces the medium’s spreading 

ability and will prevent complete immersion of the tissue. 

9. Place coverslip, section down, onto mounting medium drop. Gently 

press the coverslip against the glass slide with the back-end of the 
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forceps to ensure equal spreading of the mounting medium around the 

sample and to remove trapped air. Let mounted slides air dry away 

from light. 

 

5. Results 

Traditionally, bleaching and clearing approaches have been useful in 

optimizing immunofluorescence imaging of Xenopus embryos. The methods we 

describe here illustrate different approaches investigators can utilize for optimal 

imaging of proteins and filamentous actin structures within Xenopus somitic 

tissue. If removing the epidermis is done correctly (Fig. 1h), the whole mount 

dissection yields intact tissue and clear visualization of sarcomeric components 

[e.g., α-actinin and phalloidin (Fig. 5d,e)]. If the epidermis is not removed properly, 

it will obstruct viewing of the myofibrils within the somitic tissue (Fig. 5a,b). The 

presence of abundant yolk granules can also be detrimental for imaging of the 

myofibrils. This is especially true for stage 32 and younger embryos, where large 

numbers of yolk granules can block the visualization of subcellular structures and 

add to the autofluorescent background (Fig. 5e). Clearing tissue with an 

isopropanol dehydration/BABB protocol after immunofluorescence staining 

effectively masks yolk granules, and preserves phalloidin labeling (Fig. 5g,h). 

Unfortunately, somitic tissue undergoes shrinkage after the isopropanol/BABB 

process therefore compromising quantitative analysis of any subcellular structure. 

Of the plethora of protocols tested by our laboratory, we found that generating 

Xenopus embryo cryosections was the best approach for optimal imaging of 
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developing muscle tissue. Because the cryosection technique yields a ~5µm 

section of the embryo, the amount of autofluorescence from other structures is 

greatly reduced. This advantage along with the enhancement of tissue 

penetrance results in robust and clear imaging of sarcomeric components within 

the somitic tissue (e.g., Fig. 5j,k).  

Although this article focuses primarily on studying myofibril assembly in 

developing skeletal muscle tissue, these techniques can affectively be applied to 

studying myofibril assembly during heart development. However, while many 

cardiac studies in Xenopus have primarily focused on elucidating the molecular 

network leading to cardiac induction or capturing the morphological 

transformation of the myocardial tube into a three-chambered heart [e.g., 9, 37-

38], there is great potential for assessing the temporal and spatial localization of 

sarcomeric proteins at the subcellular level [9, 39].  

 

6. Concluding Remarks 

One of the most fascinating examples of cytoskeletal assembly is the 

sarcomere; perhaps the most highly ordered macromolecular structure in 

eukaryotic cells. When striated muscle cells differentiate, thousands of structural 

and regulatory molecules assemble to the precision of single molecules. In the 

last several decades, significant progress has been made in understanding the 

complex process involved in discerning the steps and specific molecules required 

for myofibrillogenesis. Initial investigations stemmed from remarkable, in-depth 

electron microscopy studies that allowed investigators to visually identify the 
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stages involved in myofibrillogenesis, without the identification of most molecules 

involved [e.g., 40-42]. These findings were followed by a plethora of 

immunofluorescence and biochemical studies in isolated myocytes (from rat, 

mouse, chick and frog) and various model organisms 

including Drosophila melanogaster, zebra fish, C. elegans as well as the gold 

standard of many laboratories, genetically altered mice. With these studies 

providing an important framework for understanding the molecular players 

involved in myofibrillogenesis and the Xenopus laevis embryo in place as an in 

vivo developmental model of de novo myofibril assembly, the field is now poised 

to investigate the mechanisms by which perturbations in specific sarcomeric 

components lead to the development of human myopathies. The optimized 

protocols for preparing embryonic Xenopus somitic tissue, phalloidin labeling and 

immunofluorescence staining for high resolution imaging presented in this 

publication lay a solid foundation for these mechanistic, disease-related 

investigations in the Xenopus embryo. 

  

Acknowledgements 

We thank members of the Gregorio and Krieg laboratories for thoughtful 

discussions on the techniques presented here, especially Daniel Schnurr and 

Candace Myers. CCG would also like to thank Elizabeth Repasky (Roswell Park 

Cancer Center, Buffalo, NY) for developing the original frozen section 

immunofluorescence staining protocol that we adapted for staining Xenopus 

embryos. PAK is supported by the Sarver Heart Center and by the NIH grant 



 
 

 

100 

HL093694. CCG is supported by NIH grants HL108625 and HL083146. CUN is 

supported by More Graduate Education at Mountain States Alliance 

(MGE@MSA) and Western Alliance to Expand Student Opportunities (WAESO). 

 
 
References 

 
[1] L. Muntz, Myogenesis in the trunk and leg during development of the 
tadpole of Xenopus laevis (Daudin 1802), J. Embryol. Exp. Morph. 33 
(1975) 757–774. 
 
[2] J. Boucaut, D. Thierry, Fibronectin in early amphibian embryos, Cell 
Tissue Res. 234 (1983) 135–145. 
 
[3] F. Fagotto, B.M. Gumbiner, Beta-catenin localization during Xenopus 
embryogenesis: accumulation at tissue and somite boundaries, 
Development 120 (1994) 3667–3679. 
 
[4] A. Schohl, F. Fagotto, Beta-catenin, MAPK and Smad signaling during 
early Xenopus development, Development 129 (2000) 37–52. 
 
[5] E.K. Kieserman, C. Lee, R.S. Gray, T.J. Park, J.B. Wallingford, High-
magnification in vivo imaging of Xenopus embryos for cell and 
developmental biology, Cold Spring Harbor Protocols 5 (2010) pdb-
prot5426. 

 
[6] H. Li, J.D. Cook, M. Terry, N.C. Spitzer, M.B. Ferrari, Calcium 
transients regulate patterned actin assembly during myofibrillogenesis, 
Dev. Dyn. 229 (2004) 231–242. 
 
[7] N.R. Campbell, S.P. Podugu, M.B. Ferrari, Spatiotemporal 
characterization of short versus long duration calcium transients in 
embryonic muscle and their role in myofibrillogenesis, Dev. Biol. 292 
(2006) 253–264. 
 
[8] T.J Geach, L.B. Zimmerman, Paralysis and delayed Z-disc formation in 
the Xenopus tropicalis unc45b mutant dicky ticker, BMC Dev. Biol. 10 
(2010) 75. 
 
[9] S.J. Kolker, U. Tajchman, D.L. Weeks, Confocal imaging of early heart 
development in Xenopus laevis, Dev. Biol. 218 (2000) 64–73. 
 



 
 

 

101 

[10] S.M. Wang, M.L. Greaser, E. Schultz, J.C. Bulinski, J.J. Lin, J.L. 
Lessard, Studies on cardiac myofibrillogenesis with antibodies to titin, 
actin, tropomyosin, and myosin, J. Cell Biol. 107 (1988) 1075–1083. 
 
[11] R. Dukhee, J.M. Sanger, J.W. Sanger, The premyofibril: evidence for 
its role in myofibrillogenesis, Cell Motil. Cytoskel. 28 (2005) 1–24. 
 
[12] T. Schultheiss, Z. X. Lin, M. H. Lu, J. Murray, D. A. Fischman, K. 
Weber, T. Masaki, M. Imamura, H. Holtzer, Differential distribution of 
subsets of myofibrillar proteins in cardiac nonstriated and striated 
myofibrils, J. Cell Biol. 110 (1990) 1159–1172.  

 
[13] M.W. Klymkowsky, J. Hanken, Whole mount staining in Xenopus and 
other vertebrates, in: B.K. Kay and H.B. Peng (Eds.), Methods in Cell 
Biology 36, Academic Press Inc., San Diego, 1991, pp. 419–441. 
 
[14] D. French, J.T. Edsall, The reactions of formaldehyde with amino 
acids and proteins, in: M.L. Anson and J.T. Edsall (Eds.), Advances in 
Protein Chemistry 2, Academic Press Inc., New York, 1945, pp. 277–335. 

 
[15] A.G.E Pearse, Histochemistry: theoretical and applied, Am. J. Med. 
Sci. 241 (1961) 136. 
 
[16] H.L. Sive, R.M. Grainger, R.M. Harland, Early development of 
Xenopus laevis: a laboratory manual, Cold Spring Harbor Laboratory 
Press, 2000. 
 
[17] L. Strickland, G. Dassow, J. Ellenberg, V. Foe, P. Lenart, D. Burgess, 
A. Charles, G.A.W. Ettensohn, M.W. Gary, Light Microscopy of 
Echinoderm Embryos, in: C.A. Ettensohn, G.A. Wray, and G.M. Wessel 
(Eds.), Methods in Cell Biology 74, Elsevier Academic Press Inc., San 
Diego, 2004, pp. 371–409. 
 
[18] G. Millonig, A study on the formation and structure of the sea urchin 
spicule, J. Submicrosc. Cytol 2 (1970) 157–165. 
 
[19] M.W. Klymkowsky, L.A. Maynell, A.G. Polson, Polar asymmetry in the 
organization of the cortical cytokeratin system of Xenopus laevis oocytes 
and embryos, Development 100 (1987) 543–557. 
 
[20] J.A. Dent, A.G. Polson, M.W. Klymkowsky, A whole-mount 
immunocytochemical analysis of the expression of the intermediate 
filament protein vimentin in Xenopus, Development 105 (1989) 61–74. 
 



 
 

 

102 

[21] D. Gokhin, N. Kim, S. Lewis, H.R. Hoenecke, D.D. D’Lima, V.M. 
Fowler, Thin-filament length correlates with fiber type in human skeletal 
muscle, Am. J. Physiol. Cell 302 (2012) 555–565. 
 
[22] D. Brown, S.N. Martz, O. Binder, S.C. Goetz, B.M.J. Price, J.C. Smith, 
F.L. Conlon, Tbx5 and Tbx20 act synergistically to control vertebrate heart 
morphogenesis, Development 132 (2005) 553–563. 
 
[23] A.H. Fischer, K.A. Jacobson, J. Rose, R. Zeller, Cryosectioning 
Tissues, Cold Spring Harbor Protocols 8 (2008) pdb-prot4991. 

 
[24] A.H. Fischer, K.A. Jacobson, J. Rose, and R. Zeller, Preparation of 
slides and coverslips for microscopy, Cold Spring Harbor Protocols 5 
(2008) pdb-prot4988. 
 
[25] P. Webster, The production of cryosections through fixed and 
cryoprotected biological material and their use in immunocytochemistry, 
in: N. Hajibagheri (Eds.), Methods in Molecular Biology 117, Humana 
Press Inc., Totowa, NJ, 1999, pp. 49–76. 
 
[26] K.T. Tokuyasu, A technique for ultracryotomy of cell suspensions and 
tissues, J. Cell Biol. 57 (1973) 551–565. 
 
[27] A.E. Vernon, A. Philpott, A single cdk inhibitor, p27Xic1, functions 
beyond cell cycle regulation to promote muscle differentiation in Xenopus, 
Development 130 (2003) 71–83.  
 
[28] L.M. Schwartz, B.K. Kay, Differential expression of the Ca2+ -binding 
protein parvalbumin during myogenesis in Xenopus laevis, Dev. Biol. 128 
(1988) 441–452.  

 
[29] Y. Lee, and J.P. Saint-Jeannet, Cardiac neural crest is dispensable 
for outflow tract septation in Xenopus, Development 138 (2011) 2025–
2034.  

 
[30] S. Sugita, T. Adachi, Y. Ueki, M. Sato, A novel method for measuring 
tension generated in stress fibers by applying external forces, Biophys. J. 
101 (2011) 53–60.  

 
[31] J.C. Hocking, C.L. Hehr, G. Bertolesi, H. Funakoshi, T. Nakamura, S. 
McFarlane, LIMK1 acts downstream of BMP signaling in developing retinal 
ganglion cell axons but not dendrites, Dev. Biol. 330 (2009) 273–285.  

 
[32] R.B. Cary, M.W. Klymkowsky, Desmin organization during the 
differentiation of the dorsal myotome in Xenopus laevis, Differentiation 56 
(1994) 31–38.  



 
 

 

103 

 
[33] T. Sadikot, C. Hammond, M.B. Ferrari, Distinct roles for telethonin N‐
versus C‐terminus in sarcomere assembly and maintenance, Dev. Dyn. 
239 (2010) 1124–1135.  

 
[34] R.E. Mudry, C.N. Perry, M. Richards, V.M. Fowler, C.C. Gregorio, The 
interaction of tropomodulin with tropomyosin stabilizes thin filaments in 
cardiac myocytes, J. Cell. Biol. 162 (2003) 1057–1068.  

 
[35] C.T. Pappas, N. Bhattacharya, J.A. Cooper, C.C. Gregorio, Nebulin 
interacts with Cap Z and regulates thin filament architecture within the Z-
disc, Mol. Biol. Cell 19 (2008) 1837–1847.  

 
[36] A. Nishikawa, H. Hayashi, Spatial, temporal and hormonal regulation 
of programmed muscle cell death during metamorphosis of the frog 
Xenopus laevis, Differentiation 59 (1995) 207–214.  

 
[37] T.J. Mohun, L.M. Leong, W.J. Weninger, D.B. Sparrow, The 
Morphology of Heart Development in Xenopus laevis, Dev. Biol. 218 
(2000) 74–88. 
 
[38] E. Kaltenbrun, P. Tandon, N.M. Amin, L. Waldron, C. Showell, F.L. 
Conlon, Xenopus: an emerging model for studying congenital heart 
disease, Birth Defects Res. A Clin. Mol. Teratol. 91, (2011) 495–510. 
 
[39] S.J. Smith, P. Ataliotis, S. Kotecha, N.Towers, D.B. Sparrow, T.J. 
Mohun. The MLC1v gene provides a transgenic marker of myocardium 
formation within developing chambers of the Xenopus heart, Dev. Dyn. 
232 (2005) 1003–1012. 
 
[40] A.E. Raworth, F.A. Pepe, Ultrastructure of developing muscle cells in 
the chick embryo, Am. J. Anat. 116 (1965) 115–147. 
 
[41] B.H. Peng, J.J. Wolosewick, P. Cheng, The development of myofibrils 
in cultured muscle cells: a whole-mount and thin-section electron 
microscopic study, Dev. Biol. 88 (1981) 121–136. 
 
[42] D.A. Fischman, An electron microscope study of myofibril formation in 
embryonic chick skeletal muscle, J. Cell Biol. 32 (1967) 557–575. 
 
 
 
 
 
 

 



 
 

 

104 

Figure Legends 

Figure 1. Somitic tissue dissecting procedure. The fixed stage 40 embryo is 

placed into a petri dish (a). With forceps, both the head (H) and tail (T) are 

removed (b). The yolk-filled belly region is separated from the somitic tissue (S) 

(c). The somites are split into two pieces (d). One somitic side will have the 

neural tube (NT) and notochord (NC) still attached and both structures are 

removed with forceps (e, f). The epidermis is peeled away from the somitic 

regions (g). The somitic tissue (S) is placed into a well formed from nail polish for 

immunostaining (h). 

Figure 2. Cryosection preparation. A liquid nitrogen bath setup with an 

isopentane filled ladle (a). 4-5 embryos are cleared of all residual sucrose 

solution and covered with OCT freezing medium (b). The embryos are 

transferred to, and aligned in a cryomold (c) and then immersed into the 

isopentane bath (d) until they turn opaque (e). Samples are quickly allowed to dry, 

wrapped in aluminum foil and stored (e, f). 

Figure 3. Setup for whole-mount immunohistochemistry (IHC), cryosection 

IHC and BABB preparation. For whole-mount IHC, the entire procedure is 

executed in a nail polish slide well (a). For cryosection IHC, sections on 

coverslips are incubated on rubber stoppers in a moist covered chamber  (b). For 

BABB preparation of the somitic tissue, the isopropanol washes are carried out in 

parafilm wells (c, d).  
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Figure 4. Two different phalloidin staining patterns are observed in somitic 

tissue. Fluorescently-labeled phalloidin can exhibit two distinct staining patterns 

in the Xenopus muscle cells. Green arrows point to the Z-disc (Z) and the blue 

arrows point to the M-line (M) (c, d, g, h). For whole-mounts, phalloidin exhibits a 

staining pattern that spans the length of the actin-thin filament (b, d). Phalloidin 

will also exhibit a staining pattern that spans the length of the actin-thin filament 

except for a region within the I-band in close proximity to the Z-disc (f, h). With 

cryosections, fluorophore-conjugated phalloidins consistently stain the entire 

actin-thin filaments (Fig. 5, j-l). Scale bar is 5 µm. 

Figure 5. Comparison of stains from whole-mount, cryosection and BABB 

approaches. When the epidermis is left on the whole-mount tissue, it obstructs 

the observation of myofibrils/sarcomeric proteins (a-c). Whole-mounts free of the 

epidermis exhibit staining for sarcomeric proteins (d-f) but yolk granules remain 

visible and obstruct subcellular structures (e, arrow). After staining, clearing 

somitic tissue with BABB masks yolk platelets; phalloidin labeling is preserved (g-

i). Cryosections are superior for staining of actin filaments and sarcomeric 

proteins (j-l). Scale bar is 5 µm. 

Table 1. Some primary antibodies against sarcomeric proteins that cross-

react with Xenopus orthologues.  In most cases the concentrations of the 

antibodies are not given, thus only the working dilutions for whole mount IHC are 

provided. 
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Figure 1. 
 

 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 



 
 

 

107 

Figure 2. 
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Figure 3. 
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110 

 
 
 
Figure 5. 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 



 
 

 

111 

Table 1. 
 
 

Table 1 
 

Antibody Species Supplier & 
Catalog No# 

Final 
Dilution Reference 

Anti-α-actinin EA-53 Mouse 
monoclonal Sigma A7811 1:200 [33] 

Anti-α-cardiac actin 
Ac1-20.4.2 

Mouse 
monoclonal 

American Research 
Products 03-61075 1:400 [34] 

Anti-pan α-actin Rabbit 
polyclonal Sigma A 2103 1:200 [35] 

Anti-actin 5C5 Mouse 
monoclonal Sigma A2172 1:500 [27] 

Anti-α-skeletal actin 
JLA20 

Mouse 
monoclonal 

Developmental 
Studies Hybridoma 

Bank 
unknown [28] 

Anti-α-tropomyosin 
TM311 

Mouse 
monoclonal  Sigma T 2780 1:200 [36] 

Anti-tropomyosin CH1 Mouse 
monoclonal 

Developmental 
Studies Hybridoma 

Bank 
1:50 [9] 

Anti-leiomodin Rabbit 
polyclonal 

Proteintech 14948-
1-AP 1:400  

Anti-titin 9D10 Mouse 
monoclonal 

Developmental 
Studies Hybridoma 

Bank 
unknown [6] 

Anti-myosin F59 Mouse 
monoclonal 

Developmental 
Studies Hybridoma 

Bank 
1:50 [6] 

Anti-myosin MF20 Mouse 
monoclonal 

Developmental 
Studies Hybridoma 

Bank 
1:1 [29] 

Anti-myosin IIa  
56-396-5 

Mouse 
monoclonal 

Developmental 
Studies Hybridoma 

Bank 
1:300 [30] 

Anti-cofilin2 Rabbit 
polyclonal Millipore 07-300 1:300 [31] 

Anti-phospho cofilin1 Rabbit 
polyclonal 

Santa Cruz SC-
12912-R 1:3000 [31] 

Anti-phospho cofilin2 Rabbit 
polyclonal Abcam AB14134 1:300 [31] 

Anti-desmin DB-E-5 Mouse 
monoclonal Millipore MAB3430 1:200 [32] 

Anti-cardiac troponin T 
CT3 

Mouse 
monoclonal 

Developmental 
Studies Hybridoma 

Bank 
1:10 [9] 

Anti-capZ 1E5.25 Rabbit 
polyclonal 

Developmental 
Studies Hybridoma 

Bank 
unknown [6] 

 



 
 

 

112 

 

Leiomodin 3 and Tropomodulin 4 are critical for skeletal muscle 
myofibrillogenesis and share redundant functions. 
 

Chinedu U. Nworu, Daniel Schnurr, Carol C. Gregorio and Paul A. Krieg 

 

Department of Cellular and Molecular Medicine and the Sarver Heart Center 

Molecular Cardiovascular Research Program, The University of Arizona, Tucson, 

AZ 85724 

This manuscript will be submitted to the Journal of Cell Biology 

 

 

 

 

 

 

 

 

 

 

 

 

Key words: Tmod4, Lmod3, skeletal muscle myofibrillogenesis, Xenopus 

 

 



 
 

 

113 

Abstract:  

To generate optimal force for efficient muscle contraction, actin-thin filament 

lengths must be closely regulated. Capping proteins such as Tropomodulin 

(Tmod1-4) contributes to thin filament length uniformity by regulating both 

elongation and depolymerization of the filaments’ pointed-ends. Leiomodins 

(Lmod1-3), which are structurally related to Tmod proteins also localize to actin 

filament pointed-ends. This study aims to determine the role of Tmod4 and 

Lmod3 during de novo skeletal myofibrillogenesis and to investigate if Tmod and 

Lmod protein families possess overlapping functions in Xenopus laevis embryos. 

In situ hybridization studies demonstrated that of their respective families, only 

tmod4 and lmod3 transcripts were expressed at high levels in skeletal muscle 

from the earliest stages of development and when reducing their protein levels 

via morpholino (MO) treatment, thin filament regulation and sarcomere assembly 

were compromised. Surprisingly, alternative rescues (i.e., lmod3 mRNA co-

injected with Tmod4 MO and vice versa) partially restored myofibril structure and 

actin-thin filament organization. Thus, our results not only indicate that both 

Tmod4 and Lmod3 are critical for myofibrillogenesis during Xenopus skeletal 

muscle development, but reveal that they may share redundant functions during 

skeletal muscle thin filament assembly. 
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Introduction 

Optimal contractile force of striated muscle is dependent upon the acto-

myosin overlap where bipolar myosin heads (of the thick filament) ratchet along 

uniform actin-thin filaments. Consequently, poor acto-myosin interactions 

resulting from actin-thin filament length mis-regulation severely compromises 

contractile force output and cellular function (e.g., (Bang et al., 2006; Gokhin et 

al., 2009; Granzier et al., 1991; Gregorio et al., 1995; Ottenheijm et al., 2009; 

Witt et al., 2006). How actin-thin filaments assemble and maintain precise 

uniform lengths at the level of single molecules while undergoing dynamic 

turnover remains an area of active investigation.  

A handful of proteins have been implicated in the regulation of thin 

filament lengths with the most prominent being the actin filament capping protein, 

Tropomodulin1 (Tmod1). In mammals, there are four Tmod isoforms, all similar in 

structure with varying expression patterns. Tmod1 the most highly studied of the 

isoforms is expressed in several post-somitic cells including striated muscle, 

erythrocytes, lens fiber cells and neurons (for a recent review see: Yamashiro et 

al., 2012). Tmod1 with the aid of tropomyosin (TM) binds to and limits the 

exchange of actin monomers at the pointed-end of the actin filaments in striated 

muscle (Weber et al., 1994). Tmod1’s localization and capping ability stems from 

its two actin-binding, two tropomyosin-binding and a highly ordered C-terminal 

leucine rich repeat (LRR) region (Figure 1A). Several studies including antibody 

inhibition, domain truncations, or point mutations within the mentioned domains 

affects Tmod’s capping and/or localization ability (Gregorio et al., 1995; 
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Kostyukova et al., 2006; Mudry et al., 2003; Tsukada et al., 2010). Over-

expression of Tmod1 reduces the addition of actin monomers to the pointed-end, 

resulting in shortening of actin-thin filament lengths (Littlefield et al., 2001; 

Sussman et al., 1999). Conversely, knocking down Tmod1 or preventing it from 

interacting with the terminal tropomyosin leads to abnormally long thin filaments 

in primary myocyte cultures (Gregorio et al., 1995; Mudry et al., 2003; Sussman 

et al., 1998).  

In vivo studies have demonstrated Tmod1’s importance for cardiac 

development and myofibril assembly. Tmod1-/- mice die at E9.5-10.5, presenting 

altered cardiac looping, yolk sac vasculogenesis, chamber formation, 

myofibrillogenesis and circulation (Chu et al., 2003; Fritz-Six et al., 2003). The 

primary defect in Tmod1-/- embryos stems from the myocardium since 

cardiomyocyte-specific expression of Tmod1 rescues the pathological 

phenotypes observed (McKeown et al., 2008).  

Interestingly, Tmod1-/- mice did not exhibit structural defects in their 

embryonic or adult skeletal muscle myofibrils (Gokhin et al., 2010). Tmod4’s 

expression is restricted to skeletal muscle in mammals. TMOD4, together with 

TMOD1 is believed to cap skeletal muscle thin filament pointed-ends (e.g., 

(Almenar-Queralt et al., 1999a; Gokhin et al., 2010). The authors attribute the 

lack of any detectable structural phenotype to TMOD4 and TMOD3 replacing 

TMOD1 at the pointed-ends (Gokhin et al., 2010). Furthermore, although 

sufficient to maintain sarcomeric structure, optimal contractile function was 

compromised; potentially due to a reduction in overall tropomyosin-binding 



 
 

 

116 

affinity when substituting the original TMOD4/TMOD1 combination for a 

compensating TMOD4/TMOD3 combination (Gokhin et al., 2010). Furthermore, 

new studies concluded that the reduced contractile force output observed in 

Tmod1-/- skeletal muscle was due to weaker interactions by the TMOD4/3 

combination (relative to TMOD1/4 combination) with tropomyosin hence; 

resulting in tropomyosin inefficiently undergoing the necessary initial 

conformational changes that would facilitate optimal actomyosin cross-bridge 

formation (Ochala et al., 2013). 

In addition to the sarcomere, Tmod4 has also been found to be associated 

with either the sarcoplasmic reticulum (SR) or T tubule associated membrane 

compartment at the Z-line (Gokhin and Fowler, 2011). The relative proportions of 

TMOD1 and TMOD4 are not known but may be linked to muscle twitch speed, 

with Tmod4 predominantly in fast skeletal muscle in chickens and Xenopus 

embryos (Almenar-Queralt et al., 1999b; Chanoine and Hardy, 2003). Tmod2 is 

exclusively expressed in neuronal tissue and plays a role in regulating the 

number of neurite forming cells and extensions (Conley et al., 2001; Cox et al., 

2003; Fath et al., 2011; Watakabe et al., 1996). Although Tmod3’s expression is 

considered to be ubiquitous, it remains associated with actin filament dynamics 

within different cell types. For example, Tmod3 influences cell motility by 

regulating the pointed-end dynamics of lamellipodial actin filaments in endothelial 

cells (Fischer et al., 2003) and appears to cap and stabilize cytoplasmic 

(nonmuscle) γ-actin filaments at the sarcoplasmic reticulum in murine skeletal 

muscle cells (Gokhin and Fowler).  
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Although Leiomodins (Lmod) were first described as human 64 auto-

antigen D1 in several Graves disease patients (Dong et al., 1991), insights to the 

functional properties of this larger, Tmod related family member were not 

revealed until recently (Chereau et al., 2008; Tsukada et al., 2010). There are 

three Lmod family members. Lmod1 transcripts are expressed in smooth muscle, 

while Lmod2 and Lmod3 transcripts are restricted to striated muscle (Conley et 

al., 2001; Dong et al., 1991; Nanda and Miano, 2012). During chick embryo 

development, in situ studies revealed Lmod2 to also be expressed in the heart as 

early as HH14, shortly after start of a heartbeat. It is detected in the somites at 

~HH17, albeit at apparently low levels (Tsukada et al., 2010). Structurally, two-

thirds of the Lmod family is similar to that the Tmods. However, the Lmod family 

lacks the second tropomyosin site and possesses a proline-rich region and third 

actin-binding site within its C-terminal extension (Figure 1A, Conley et al., 2001; 

Chereau et al., 2008). The third actin-binding site imparts a novel function to the 

Lmods; they robustly nucleate actin filament formation in vitro (Chereau et al., 

2008). Functionally, LMOD2 knockdown studies demonstrate LMOD2 to be 

important for sarcomere organization during myofibril reassembly in rat neonatal 

cardiomyocytes (Chereau et al., 2008). 

In spite the fact that in vitro assays suggest that it does not act as an actin 

filament capping protein, Lmod2 localizes to the pointed-end of the actin filament. 

In fact, when its unique C-terminal extension is removed, the truncated protein 

functions as a capping protein revealing that its’ C-terminal tail prevents Lmod2 

from capping actin filament ends (Tsukada et al., 2010). We also discovered that 



 
 

 

118 

overexpression of LMOD2 in cultured rat cardiomyocytes results in elongation of 

the actin filament and loss of TMOD1 at the end of the filament (Tsukada et al., 

2010). This was the first report of a mammalian pointed-end actin filament 

elongation factor in any mammalian cell type. Additionally, fluorescence recovery 

after photobleaching (FRAP) analysis revealed Lmod2 to be a more dynamic 

pointed-end associating protein than Tmod1 (Skwarek-Maruszewska et al., 

2010). Based on these observations, we proposed that Lmod2 is an antagonist of 

Tmod1, and is required for thin filaments to reach their mature lengths (Tsukada 

et al., 2010). 

Currently, it is unclear what Tmod4 and Lmod3’s functional contributions 

are to embryonic striated muscle development. In this study we set out to 

determine the in vivo roles of Tmod4 and Lmod3 during de novo skeletal muscle 

development in Xenopus laevis embryos. For over 40 years, the Xenopus laevis 

embryo has served as an excellent model for imaging the dynamic steps of 

embryonic development in vivo e.g., (Boucaut and Darribere, 1983; Fagotto and 

Gumbiner, 1994; Kieserman et al., 2010; Muntz, 1975; Schohl and Fagotto, 

2002). The Xenopus embryo possesses several advantages, namely a large size 

(~1mm), amenability to protein level manipulations, and rapid external 

development (for review: Nworu et al., 2013). Hence, all of these advantages, 

including cross-species homology allow for visualizing protein knockdown or 

overexpression effects at both the gross anatomical and subcellular level during 

any stage of Xenopus embryonic development.  
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In this manuscript, we demonstrate that tmod4 and lmod3 are the 

predominant transcripts in Xenopus skeletal muscle; both display expression 

patterns preceding the start of somitogenesis and myofibrillogenesis. Reducing 

the protein levels of Tmod4 or Lmod3 via morpholino (MO) approaches 

compromises both thin filament regulation and sarcomere development. 

Unexpectedly because of the different biochemical properties of Lmod and Tmod 

family members in vitro (i.e., Tmod1 acts as a capper and Lmod2 acts as a 

nucleator), we observed that Lmod3 and Tmod4 can compensate both 

structurally and functionally for each other in the context of live embryos. 

Specifically, “alternate” rescues (i.e., lmod3 mRNA co-injected with Tmod4 MO 

and tmod4 mRNA co-injected with Lmod3 MO) partially restored actin-thin 

filament organization, myofibril structure and swimming ability. Together, our data 

show that Tmod4 and Lmod3 are critical players for normal Xenopus laevis 

skeletal muscle development, and that these proteins share redundant functions 

during skeletal muscle myofibrillogenesis. 
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Results 

Tmod4 and Lmod3 transcripts are expressed during all stages of myofibril 

assembly. 

Using information from DNA sequence databases, we have identified all 

genes of the tmod (tmod1-4) and lmod (lmod1-3) families of Xenopus laevis.  

Both primary sequence conservation and syntenic organization allow 

unambiguous identification of the Xenopus tmod and lmod genes with the 

orthologous mammalian genes.  Previous work by others demonstrated the 

structural similarity between the Tmod and Lmod families of proteins (Fig. 1A), 

including two conserved actin-binding domains (A1 and A2).  However, there are 

significant differences between the family members including the absence of the 

second tropomyosin-binding site (TM2) and the presence of an additional actin-

binding domain (A3) in a C-terminal extension found only in the Lmod proteins.  

Using in situ hybridization we determined the tissue-specific expression 

patterns of the tmod and lmod gene families in the Xenopus embryo (Fig. 1).  

These were compared to the pattern of cardiac actin, actna1 (Fig. 1B), which is a 

highly specific marker of striated muscle (Mohun et al., 1983).  Examination of 

lmod1-3 gene expression patterns (Fig. 1C-E) showed that lmod1 is expressed 

very weakly in developing somites (skeletal muscle) while lmod2 is expressed 

weakly in the early developing heart.  In contrast, lmod3 is expressed very 

strongly in the skeletal muscle but is absent from the heart (Fig. 1E).  For the 

tmod gene family, expression of tmod1 is visible in the early heart and weak in 

skeletal muscle, while the staining pattern for tmod2 and tmod3 is generally 
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diffuse and consistent with non-specific background staining.  Transcripts for 

tmod4 are highly abundant in skeletal muscle but not in the developing cardiac 

muscle (Fig. 1I).  Importantly for the subsequent experiments in this report, 

tmod4 and lmod3 are expressed at high levels in developing skeletal muscle 

tissues, while the other family members are expressed at low or undetectable 

levels. 

 

Tmod4 and Lmod3 localize and assemble in the M-line region during de 

novo myofibrillogenesis. 

Our studies are directed towards understanding the roles of Tmod4 and 

Lmod3 proteins during initial assembly of the skeletal muscle sarcomere.  To 

better characterize the experimental model, we examined expression and sub-

cellular localization of Tmod4 and Lmod3 proteins during early skeletal muscle 

development (Fig. 2).  Analysis was performed at three developmental stages 

centered on the time that myofibrillogenesis first occurs within Xenopus somite 

tissue.  First we characterized localization of Tmod4 (Fig. 2A-L).  At the earliest 

time point analyzed (st20), organized sarcomeres were not visible. Phalloidin 

staining detected nonstriated filamentous actin (i.e., filaments of equal or different 

lengths that are not aligned) and staining for the prominent Z-disc marker α-

actinin detected isolated dot-like puncta; these observations are identical to what 

is described during myofibrillogenesis in other well described organisms 

(Almenar-Queralt et al., 1999, Fischer et al., 1967 and for reviews see: Gregorio 

and Antin, 2000).  Although expressed, at this stage, the localization of Tmod4 is 
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also not organized (compare Fig. 2C and 2K).  Effectively identical observations 

were made for Lmod3 protein at the equivalent stage, with Lmod3 staining 

appearing as apparently randomly distributed aggregates with no clear 

organization (Fig. 2O).  We next examined somite tissue approximately 5 hours 

later, at the time of the earliest detectable sarcomere formation in Xenopus (st24, 

Huang and Hockaday, 1988).  At this stage, some nascent sarcomeres (often 

referred to as “Z-bodies” or “I-Z-I like structures”: Rhee et al.,1994) were visible 

with phalloidin staining (Fig. 2E).  While most α-actinin staining appeared 

punctate, some narrow, regularly spaced striations were visible in the same 

regions exhibiting striated phalloidin staining (arrowheads, Fig. 2F).  The regions 

of myogenic tissue containing organized α-actinin and F-actin showed the 

presence of Tmod4 at the M-line region of the nascent sarcomere (arrows, Fig. 

2G,H).  Once again, the pattern of Lmod3 staining was nearly identical to that 

observed for Tmod4, with narrow, but clearly visible striations of Lmod3 staining 

at nascent M-lines (Fig. 2S,T). [Note, at this sarcomere length, staining at thin 

filament pointed-ends is resolved as a single band, rather than as a doublet 

representing molecules from both sides of the sarcomere]. Finally, we examined 

sarcomere assembly in skeletal muscle of tailbud embryos (st32), approximately 

15 hours after the first sarcomeres are detected.  In these embryos, highly 

organized myofibrils were visible throughout the somites (Fig. 2I-L).  Both Tmod4 

(Fig. 2K,L) and Lmod3 (Fig. 2W, X) were observed at the M-lines of mature 

sarcomeres.  Based on these observations, we conclude that both Tmod4 and 

Lmod3 proteins are present in Xenopus myogenic tissue at the earliest stages of 
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myofibrillogenesis and are localized in close proximity to the M-line as early as 

sarcomeres are observed.   

 

Depletion of Tmod4 disrupts sarcomere assembly 

  Tmod1-/- mice studies have placed Tmod4 as a sufficient compensatory 

Tmod isoform to promote skeletal muscle sarcomeric development and structure 

in the absence of Tmod1. However, because of several Tmods present in 

mammalian skeletal muscle, it remains unclear if the skeletal muscle specific 

Tmod4 is the required Tmod isoform for proper skeletal muscle development and 

myofibril assembly. To address this issue we used an antisense morpholino (MO) 

to specifically ablate Tmod4 protein expression during early Xenopus 

development.  Embryos injected with Tmod4 MO or control MO were allowed to 

develop until the tailbud stage, when they were fixed for immunofluorescence 

deconvolution staining or processed for Western blot analysis.  While Western 

blots demonstrated that Tmod4 levels were reduced dramatically (>80%) by the 

MO treatment compared to controls (Figs. 3B), the treated embryos  showed 

remarkably normal external appearance at st32 (Fig. 3A).  Immunofluorescence 

deconvolution microscopy was used to examine the localization of Z disc, thin 

filament, thick filament and titin proteins on frozen sections of control (Fig. 3C-F) 

and Tmod4 knockdown (Fig. 3H-J) somite tissue of st32 embryos. Assays were 

carried out at st34 because highly-ordered sarcomeres are present throughout 

the trunk region of wild-type embryos by this stage of development (Fig. 2I-L, U-

X). Control embryos exhibited well-organized Z-discs marked by α-actinin, well-
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organized, thin filaments, and Tmod4 staining (Fig. 3C).  In contrast, near 

complete disruption of myofibrils was observed in the somites from the Tmod4 

knockdown embryos (Fig. 3G).  Specifically, α-actinin was organized as isolated 

puncta or in irregular striations, while phalloidin staining showed no regular 

pattern. Titin and thick filament proteins (as marked by staining for titin Z1Z2 and 

myosin) were also perturbed (compare Figs. L and P, M and O).  To address the 

possibility that sarcomeres formed in knockdown embryos and then were 

disrupted (i.e., Tmod4 might be required for myofibril maintenance), time course 

studies were performed. These experiments revealed that sarcomeres never 

assembled in Tmod4-depleted embryos, even at the earliest stages of 

development (data not shown).   

In order to confirm that the lack of sarcomere structure was due to loss of 

Tmod4 and not a non-specific effect of MO-treatment, we carried out rescue 

experiments.  As a preliminary control, we introduced mRNA encoding GFP-

Tmod4 into untreated embryos and demonstrated that it localized to the 

appropriate position at the M-line, indistinguishable from the location of the 

endogenous Tmod4 protein (Fig. S1).  To directly test whether the addition of 

Tmod4 could rescue myofibril structure in Tmod4 MO treated embryos, we 

introduced mRNA encoding GFP-Tmod4 into the embryo together with the 

Tmod4 MO (Figs. 3S-V).  Examination of the resulting somites showed that 

addition of GFP-Tmod4 protein effectively restored overall myofibril assembly as 

assessed by observation of striated α-actinin, F-actin,  titin and myosin 

organization (Figs. 3S-3Z). Additionally, DDcon analysis demonstrated actin-thin 
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filament length regulation in Tmod4 rescued embryos  (TF: 0.84 ± 0.05, SL: 2.08 

± 0.13) exhibited thin filament (TF) and sarcomere lengths (SL) comparable to 

control embryos (TF: 0.85 ± 0.01, SL: 2.05 ± 0.07, Table 1). In view of the 

success of the rescue studies, we conclude that specific ablation of Tmod4 was 

responsible for the loss of sarcomere assembly.  From multiple experiments we 

determined that addition of GFP-Tmod4 produced a 13-fold increase in 

organized sarcomere structure compared to the Tmod4 depleted embryos (Fig. 

Aa). Taken together these studies demonstrate that Tmod4 is essential for de 

novo myofibril assembly in developing skeletal muscle tissue in vivo.  

 

Depletion of Lmod3 disrupts sarcomere assembly 

We carried out a similar series of experiments examining the role of lmod3 

during embryonic skeletal muscle development.  First we demonstrated that 

addition of a sequence-specific Lmod3 MO effectively depleted Lmod3 

expression (~90%) in embryonic muscle tissue while having little detectable 

effect on overall embryonic development (Figs. 4B and 4A respectively). 

Immunofluorescence staining of somite tissue from tailbud stage embryos 

depleted of Lmod3, revealed a complete absence of organized sarcomeres 

compared to controls (Fig. 4C-R).  As previously observed for Tmod4 depletion 

(Figs. 3H, I), α-actinin localization was punctate and phalloidin staining was non-

striated (i.e., no clear repeating organization of actin filaments) (Fig. 4H, I).  The 

organization of titin and myosin was also disordered (Fig. 4P, Q). Additionally, 

Lmod3 MO embryos also possess regions with sarcomeric structure that exhibit 
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shorter actin-thin filaments (TF: 0.75 ± 0.07, SL: 1.95± 0.16, Table 1).  Disruption 

of myofibril assembly and actin-thin filament shortening caused by Lmod3 

depletion was efficiently rescued by expression of Myc-tagged Lmod3 protein 

(Fig. 4S-Z). The effective rescue demonstrates that the absence of sarcomere 

structure is due specifically to Lmod3 depletion.  Data from multiple experiments 

showed that addition of myc-lmod3 mRNA resulted in a 3-fold increase in 

organized sarcomere structure compared to embryos treated with Lmod3 MO 

alone (Fig.4I). DDcon analysis demonstrated actin-thin filament length regulation 

in Lmod3 rescued embryos  (TF: 0.83 ± 0.03, SL: 2.01 ± 0.09) exhibited TF and 

SL significantly longer than that of Lmod3 MO embryos (TF: 0.75 ± 0.07, SL: 

1.95 ± 0.16, Table 1). These results demonstrate that Lmod3 protein plays an 

essential role during the initial stages of myofibril assembly in embryonic skeletal 

muscle.  

 

Tmod4 and Lmod3 exhibit functional equivalence during sarcomere 

assembly. 

The Tmod and Lmod protein families share many structural domains (Fig. 

1A) and phylogenetic analysis places Tmod and Lmod within a single larger 

protein family (Conley et al., 2001; and for a recent review see: Yashimori et al. 

2012). Furthermore, immunofluorescence staining suggests that the Lmod3 and 

Tmod4 proteins are located at similar or identical positions within the sarcomere, 

at or near the pointed-end of the actin thin filament (Fig. 2K, W and Tsukada et 

al., 2010).  However, in vitro assays demonstrate that Lmod and Tmod lengthen 
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and shorten actin-thin filaments respectively (Tsukada et al., 2010), suggesting 

although both proteins being structurally similar, potentially regulate actin-thin 

filaments differently, in vivo.    

In view of the similarities, we sought to determine whether Tmod4 and 

Lmod3 proteins might share functional properties during myofibril assembly in 

embryonic muscle.  To test this idea, we attempted to rescue sarcomere 

formation in Tmod4-depleted muscle, by expression of myc-Lmod3 protein. Note, 

with the respect to the design of this experiment, the level of endogenous Lmod3 

protein is not altered by Tmod4 MO treatment, so the result of adding myc-lmod3 

is to raise the total amount of Lmod3 protein present during sarcomere formation.  

When skeletal muscle was examined in embryos treated with Tmod4 MO plus 

the expression of myc-lmod3, we observed a striking rescue of sarcomere 

structure.  While Tmod4 depleted embryos showed very little thin filament 

structure when stained with phalloidin (Fig. 5A), embryos supplemented with 

myc-Lmod3 protein showed a striking, regular striated (i.e., organized) staining 

pattern with distinct M-line gaps (Fig. 5E).  Antibody staining showed that, as 

expected following Tmod4 depletion, endogenous Tmod4 protein was not 

detectable in the M-line region (Fig. 5G), but myc-Lmod3 protein was observed at 

this location (Fig. 5F).  Assembly of other sarcomere proteins including myosin 

was also restored following addition of myc-Lmod3 protein (Fig. 5I-L). Results 

from analysis of four different experiments are summarized in Fig. 5Y.  Based on 

an overall analysis of sarcomere structure visualized by phalloidin staining, 

addition of myc-lmod3, results in a 5.6-fold increase and rescued actin-thin 
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filament regulation (TF: 86 ± 0.04, SL: 2.05 ± 0.07), rescue of assembly, 

compared to samples treated with Tmod4 MO alone).  These results indicate that 

Lmod3 protein is sufficient to facilitate myofibril assembly in embryonic skeletal 

muscle, in the near absence of Tmod4.   

We next determined whether it was possible to rescue Lmod3 depletion 

(Fig. 5M-P) by addition of GFP-Tmod4 (Fig. 5Q-X).  Similar to the Lmod3 recue 

Tmod4 knockdown described above, the addition of GFP-Tmod4 is sufficient to 

rescue sarcomere structure in Lmod3-depleted skeletal muscle.  Furthermore, 

triple antibody staining revealed the presence of GFP-Tmod4 protein, but not 

endogenous Lmod3 protein, at the region of the M-line when organized thin 

filament structure was evident.  Analysis of multiple experimental samples 

showed that addition of GFP-Tmod4 resulted in a 2.9-fold increase in sarcomere 

structure compared to embryos treated with Lmod3 MO alone.  Although there 

was an increase in sarcomeric structural organization, TF and SL lengths for 

Tmod4 rescue Lmod3 embryos (TF: 0.74± 0.04, SL: 1.99 ± 0.08) and Lmod3 MO 

embryos remained the same (TF: 0.75 ± 0.07, SL: 1.95 ± 0.16). These results 

indicate that the addition of Tmod4 protein is sufficient to rescue skeletal muscle 

myofibril assembly in embryos deficient of Lmod3.  

 

Embryo motility assays reveal functional equivalence of Tmod4 and Lmod3  

To address if partial structural recovery at the sub-cellular level translated 

to improved physiological function, motility assessments using a quality index-

scoring matrix (0-5) developed by Ferarri and colleagues (Sadikot et al., 2010) 
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were conducted. Stage 34 embryos were scored on a scale of 0-5 for their 

response to an external stimulus (poking with forceps). This assay revealed that 

Tmod4 depleted embryos expressing Lmod3, and Lmod3 depleted embryos 

expressing Tmod4 display improved motility when compared with their respective 

morpholino-treated embryos (Fig. 6).  
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Discussion 

Lmod and Tmod co-exist at the M-line from early stages of 

myofibrillogenesis. 

Here we use Xenopus embryos to explore the functions of the Tmod and 

Lmod family of actin filament regulatory proteins during de novo skeletal 

myofibrillogenesis.  Our results indicate the Tmod4 and Lmod3 share similar 

structural and functional roles during the initial assembly of the embryonic 

sarcomere. This result was unexpected based on the significant differences in 

domain structure of the two proteins (e.g., presence of a WH2-containing C-

terminal extension in Lmod), as well as in vitro and cell culture studies on other 

Lmod and Tmod family members which demonstrated different localizations, 

assembly patterns and functional properties of the molecules (e.g., Lmod2 is 

actin filament nucleator and an elongation factor, Tmod1 is a capper: see 

Introduction).  

The presence of all tmod and lmod genes were analyzed in the developing 

Xenopus embryo. These experiments show that only tmod4 and lmod3 are 

expressed at high levels in skeletal muscle (Fig. 1), suggesting that these 

isoforms are the most relevant during myofibril assembly.  Our discovery of 

tmod4 and lmod3 being co-expressed in early skeletal myofibrillogenesis is 

different from what was observed in cardiac myocytes, where tmod1 expression 

significantly precedes lmod2 expression (Tsukada et al., 2010).  
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During Xenopus development, sarcomere structure is first detected in 

developing skeletal muscle tissue of the stage 24 somites (Muntz 1975).  Our 

studies are consistent with previous reports, which have shown that sarcomeres 

are not visible in st20 embryos (Fig. 2A-D, M-P), and thin and immature 

myofibrils are detected approximately 5 hours later in st24 embryos (e.g., Huang 

and Hockaday 1988).  Tmod4 and Lmod3 are distributed in a punctate pattern at 

these early stages. This observation of Tmod4 is consistent with a previous study 

that showed Tmod (sk-Tmod) to associate with developing nonstriated, immature 

myofibrils in cultured chick skeletal myotubes (Almenar-Queralt et al., 1999). At 

st24 both Tmod4 and Lmod3 proteins can be detected at the M-line region in the 

nascent myofibrils.  At later developmental stages, mature myofibrils are present 

throughout the skeletal muscle of the embryo’s trunk and both Tmod4 and 

Lmod3 localization persists in the M-line region. Until this study, the localization 

of Lmod3 during embryonic striated muscle development was unknown. We 

conclude from these studies that Tmod4 and Lmod3 occupy a position at or near 

thin filament pointed-ends early in skeletal myofibrillogenesis, before mature 

myofibrils are formed and then remain at this location in mature myofibrils 

suggesting that both proteins have roles during both assembly and maintenance 

of sarcomeres.  

  Prior studies have demonstrated Lmod2 and Tmod1 to localize differently 

within myofibrils in cultured chick cardiac myocytes: specifically, Lmod2 is only 

found associated with mature myofibrils as two broader bands, which appeared 

more separated from M-lines than Tmod1 (Skwarek-Maruszewska et al., 2010). 
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We did not observe differential localization patterns or differences in the timing of 

assembly for Lmod3 and Tmod4, rather both proteins localized similarly during all 

stages of myofibril assembly. Overexpressed Tmod4 and Lmod3 individually or 

together in Xenopus embryos did not appear to compete for each other’s 

localization (Fig. S1-S2); this was unexpected based on experiments in chick 

primary cardiac myocytes where overexpression of Lmod2 lead to displacement 

of Tmod1 from thin filament pointed-ends (Tsukada et al., 2010). While our 

observations suggest that Tmod4 and Lmod3 co-exist at the actin-thin filament 

pointed-ends, it is still not clear if they localize to the same or different actin thin 

filament pointed-ends. According to a model proposed by Kostyukova and 

colleagues, Tmod caps thin-filament ends by interacting with two tropomyosin 

molecules via its two tropomyosin binding sites (Kostyukova et al., 2006). To 

date, no reports have been published on the association with Lmod with actin 

filament pointed-ends. Although it has been reported that Lmod-tropomyosin and 

Tmod-tropomyosin interactions are isoform specific (Kostyukova et al., 2006; 

Kostyukova 2007). Interestingly, during Xenopus skeletal muscle development 

there are several tropomyosin muscle isoforms expressed after gastrulation, 

namely tropomyosin alpha 2, alpha 7, beta 4 and beta 5 (Hardy et al., 1992, 

1998). Hence, it’s quite possible that the tropomyosin composition of the thin 

filaments could influence preferential association of Tmods or Lmods to specific 

thin filament pointed-ends. 

When expressing GFP-Tmod4 or Myc-Lmod3 protein, we also did not 

observe thin filament length changes as a result of their overexpression during 
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embryonic development. This suggests that Tmod4 and Lmod3 do not have roles 

in length specification during early skeletal myofibril assembly.  Although unlikely 

since we injected up to 1.2ng of mRNA, it’s possible that the mRNA levels 

injected did not generate the high enough protein levels required to promote 

length-changing affects in vivo. 

 

Tmod4 and not Tmod1 is essential for skeletal muscle development and 

motility. 

Although RNA in situ studies of stage 15 and 20 embryos indicated that 

Tmod4 could be playing a significant role at the onset of somitogenesis and 

myofibrillogenesis, Tmod4 MO embryos were able to form normal somites, 

indicating Tmod4 to specifically play a role in myofibril assembly. 

Loss of Tmod4 led to thin filament mis-regulation, poor myofibril formation 

and aggregates of sarcomeric proteins (Fig. 3G-J, O-R). The effect of Tmod4 

knockdown in skeletal muscle is consistent with the previously reported 

disruption of sarcomere structure reported in the hearts of Tmod1-/- mice similar 

to the Tmod1 knockout mice (Chu et al., 2003; Fritz-Six et al., 2003). In some 

regions of the embryo, partial sarcomere structure could be recognized but in the 

most severely affected regions, sarcomere structure was absent.  We are unable 

to determine whether the partial structure was due to incomplete knockdown of 

Tmod4 protein in these regions, partial rescue by other Tmod isoforms (e.g., 

tmod1, Fig1F) or whether sarcomere assembly is possible in the absence of 

Tmod4 protein. Relatively low levels of tmod1 full-length transcripts were also 
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detected in the stage 34 tadpole. Previously, it has been proposed that in Tmod1 

knockout mice, that Tmod1 was dispensable for proper skeletal muscle 

development because with TMOD4 and TMOD3 replacing TMOD1, thin filament 

assembly and maintenance occurred normally during myofibrillogenesis (Gokhin 

et al., 2010). Surprisingly, Tmod1 could not compensate for the absence of 

Tmod4 when embryos were injected with Tmod4 morpholinos. Nonetheless, 

reintroducing exogenous tmod4 mRNA into Tmod4 morpholino embryos restored 

thin filament organization, myofibril assembly and the embryo’s ability to swim. 

Our results demonstrate, for the first time, that Tmod4 is crucial for successful 

sarcomere assembly in embryonic skeletal muscle.  

 

Lmod3 is also essential for skeletal muscle development and motility. 

We carried out equivalent studies to determine whether lmod3 has an 

essential function during skeletal myofibrillogenesis.  Similar to tmod4, lmod3’s 

early expression seems to only be important for myofibrillogenesis and not 

somitogenesis. Lmod3 MO studies, demonstrated regions of severe myofibril 

disorganization throughout the embryo’s musculature. These results are similar 

to the Lmod2 knockdown studies (Chereau et al., 2008). Occasionally, regions of 

normal myofibrils were observed but exhibited significantly shorter actin-thin 

filament lengths (Table 1). Observing shorter filaments correlated with prior 

studies demonstrating that excess Lmod2 in chick cardiomyocytes cause actin-

thin filament lengthening (Tsukada et al., 2010). Interestingly, reduced Lmod3 

also compromises the Xenopus tadpoles’ swimming ability. Self-rescue 
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experiments restore myofibril organization, including actin-thin filaments 

becoming significantly longer than actin-thin filaments of Lmod3 morpholino 

embryos (Table 1).  At the physiology level, the Lmod3-rescued embryos were 

able to also significantly increase their swimming activity. These studies 

demonstrate, for the first time, that the function of an Lmod family protein is 

essential for myofibrillogenesis. 

 

Alternate rescue experiments reveal functional redundancies between 

Lmod3 and Tmod4.  

Because Tmod and Lmod possess different biochemical properties (i.e., 

TMOD1 acts as a capper and LMOD2 acts as a nucleator and as an elongation 

factor) it was surprising to observe that the addition of excess Lmod3 was able to 

partially rescue the Tmod4 morpholino-treated embryos and vice versa.  These 

studies raise the question of the respective functions of Lmod3 and Tmod4 

during sarcomere assembly.  We can propose two broadly different models. In 

the first, Lmod3 and Tmod4 proteins play unique roles during sarcomere 

formation.  For example, a defined ratio of the two proteins with no overlapping 

functions may be required to regulate thin filament length within parameters 

consistent with myofibrillogenesis.  In the second model, Lmod3 and Tmod4 may 

perform broadly similar functions during myofibrillogenesis.  In this case, the 

most important factor might be an appropriate amount of total (Lmod plus Tmod) 

protein.  This second model is consistent with the observation that Tmod and 

Lmod proteins are members of the same larger family and share many of the 
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same functional domains (approximately, two-thirds of the Lmod sequence 

resembles that of Tmod (Conley et al., 2001). 

 To address this issue we should revisit the relative amounts of Lmod3 

and Tmod4 proteins during normal myofibrillogenesis and during the different 

experimental manipulations.  As we show using fluorescent microscopy, both 

Lmod3 and Tmod4 proteins can be detected at the M-line region, as early as any 

sarcomere structures are present.  While we do not know the stoichiometry of the 

two proteins at this time, they are clearly present at a concentration that 

facilitates myofibril formation.  When Tmod4 protein is specifically reduced, 

Lmod3 protein is likely to be present at normal levels.  However, these levels are 

not compatible with efficient sarcomere formation, either because Tmod4 has a 

unique function or because the total amount of Lmod3 plus Tmod4 is no longer 

sufficient.  A precisely equivalent situation applies when Lmod3 protein levels are 

reduced and sarcomere structure is severely disrupted.  Either Lmod3 is required 

for a unique function, or the total amount of Lmod3 plus Tmod4 is inadequate for 

efficient sarcomere formation.    

We believe that the results of the “alternate” rescue studies allow us to 

distinguish between the two models presented above.  When Tmod4 was 

specifically reduced, Lmod3 levels were unchanged, but sarcomere assembly 

was severely disrupted.  However, addition of more Lmod3 protein, by 

expression of exogenous myc-Lmod3 protein, was sufficient to rescue sarcomere 

assembly and structure.  In this situation, effectively all of the critical total of 

Lmod3 plus Tmod4 protein was provided by Lmod3.  Similarly, Lmod3 depletion 
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could be rescued by increasing the levels of Tmod4 protein, in the form of 

exogenous GFP-Tmod4 protein.  While previous studies have shown that Lmod 

and Tmod proteins possess distinct properties and work in competition to fine 

tune the length of thin filaments, our studies suggest that efficient sarcomere 

formation can occur providing that sufficient amounts of either protein are 

present.  

 In this case, the similarities in protein structure between the Lmod and 

Tmod families are more important than the differences.  This interpretation is 

consistent with studies of myofibril formation in cardiac muscle.  Previous studies 

have shown that Lmod2 transcripts are undetectable in developing chick cardiac 

tissue until after myofibrillogenesis has occurred and the heart is beating 

(Tsukada et al., 2010).  This observation strongly implies that the presence of 

Tmod1 alone is sufficient for myofibril assembly in the heart. Furthermore, point 

mutation and domain analysis of Tmod1 and Lmod2 support that both proteins 

possess overlapping functions. High levels of Lmod2 lacking its extension (1-

342) can shorten thin filament lengths similar to Tmod1.  This result suggests 

that Lmod2 possess Tmod1-like functions within its structure. Additionally, taking 

a closer look at the leucine rich repeat (LRR) region; several studies have shown 

that this shared domain between all Tmod and Lmod family members is 

important for Tmod1’s localization and capping ability (Gregorio et al., 1995; 

Tsukada et al., 2011). 
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Our studies also make a link between myofibril organization and functional 

activity at the physiological level. In both alternative rescue experiments, the 

swimming ability of the tadpoles was partially rescued.  Although there can be 

many interpretations, in the context of acto-myosin preservation, we predict that 

an increased presence of regulated actin-thin filaments maintains proper acto-

myosin interactions sufficient enough to promote efficient swimming. 
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Materials and methods 

Preparation of in situ probes and mRNAs 

For in situ hybridization studies, clones for Lmod1-3, and Tmod1-4 were 

obtained from Open biosystems/Thermo scientific (Thermo scientific, Pittsburgh 

PA; IM Clone No# Tmod1; 6874337, Tmod2; 7606904, Tmod3; 7689916, 

Tmod4; 3396511, Lmod1; 7866366, Lmod2; 7733245, Lmod3; 7850238), 

sequence verified, linearized and transcribed with the T7 polymerase 

(MEGAscript kit; Ambion/Life Technologies, Carlsbad, CA). Whole mount in situ 

hybridization was carried out using digoxigenin-labeled probes according to 

Harland, 1991. For mRNA synthesis, the full length Lmod3 coding region 

(NM_001079212) was amplified from clone 7850238, and Tmod4’s coding region 

(NM_001016737) was amplified from Xenopus tropicalis cDNA with Pfu 

polymerase (Finnzymes/Thermo scientific, Pittsburgh PA) using primers (Tmod4: 

forward primer 5’ 

GATATCATGTCCTATCAAAAAGAACTTGAGAAGTACCGGGAC-3’, reverse 

primer 5’-ACTAGTTTAGACCTTCTTCTGCTTGCGACG-3’, Lmod3: forward 

primer 5’-ATGTCACATAAGTCACAAGACTCCGACCCAGAGGAGCTG-3’, 

reverse primer 5’-CGCACTAGTTCATTCAACGTCTTCATCCAACGACTTC -3’). 

Both Lmod3 and Tmod4 coding regions were cloned into pBluescript II SK+ 

(Stratagene/Agilent Technologies, Santa Clara, CA) with 5’ EcoRV and 3’ Spe1 

restriction sites, and using blue/white screening, sub-cloned into a pT7/TS Myc or 

GFP N-terminal tagged vector respectively. For mRNA synthesis, both constructs 

were sequence verified, linearized and transcribed with the T7 polymerase 
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(mMESSAGE mMACHINE kit; Ambion/Life Technologies). The constructs were 

engineered to possess a codon mismatch in the first 5-6 codons after the ATG 

start site (highlighted in bold). This approach ensured that the morpholinos could 

not target the constructs during rescue experiments. 

 

Microinjections and embryological manipulation 

For all studies, morpholino (MO), mRNA or a combination were injected 

into the mesolateral region of one cell embryos in 0.2X MMR containing 6% 

Ficoll, allowed to recover in 0.2X MMR containing 2% Ficoll, transferred to 0.2X 

MMR and later assayed at stage 34 (tailbud stage). Embryos were staged 

according to Nieuwkoop and Faber (1994). For MO studies, preparation of MOs 

was performed as previously described  (Garriock et al., 2005). Briefly, MOs 

were stored in 50mM of HEPES, pH 8.0, diluted in water, and heated for 10 min 

at 65°C before injections. Lmod3 and Tmod4 translation blocking antisense MOs 

(Lmod3 MO A 5’-CTTGGTCGGAACCCTGGGACATTAT-‘3 and Lmod3 MO B 5’-

AGGTTTTTTATTGGCAGGTTCCGCA-‘3 and Tmod4 MO 5’-

AGCTCCTTCTGGTAAGACATGTTGG-‘3) were targeted to sequences in the 5’ 

ATG start region of Lmod3 and Tmod4 transcripts respectively. For MO 

knockdown experiments, 37.5ng of Tmod4 MO, or 50ng total of Lmod3 MO1 and 

MO2 (25ng each) were injected into the mesolateral region of one cell staged 

embryos. For MO control experiments, a mismatch MyHC 6 MO was used, since 

this morpholino was determined to have no effect on the embryos (unpublished 

data). For localization studies, 300pg of Myc-Lmod3 and GFP-Tmod4 mRNAs 
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encoding full length Myc-Lmod3 and GFP-Tmod4 were microinjected into the 

mesolateral region of one cell staged embryos. For Lmod3 and Tmod4 self-

rescue studies, both MO (described above) and its corresponding mRNA (900pg) 

were co-injected.  

 

 External stimulus response analysis 

External stimulus response analysis was performed on control and 

experimental embryos similar to what was previously described (Sadikot et al. 

2010). Briefly, stage 34 embryos were scored on a scale of 0-5 for their response 

to an external stimulus. 0 corresponds to no movement, 1 corresponds to 

twitching in place, 2 corresponds to 3-5 big twitch-type movement in place, 3 

corresponds to very little forward movement, 4 corresponds to slow swimming 

with or without an external stimulus and 5 corresponds to robust spontaneous 

reaction or swimming with or without an external stimulus.  Total embryo counts 

were control: 40, Myc-Lmod3: 35, GFP-Tmod4: 35, Lmod3 MO: 30, Tmod4 MO, 

35; Lmod3 self-rescue: 12, Tmod4 self rescue: 24, Lmod3 alternate rescue: 13, 

and Tmod4 alternate rescue: 32. Psi square analysis was used to test 

significance (Excel; Microsoft). 

Western blot analysis 

Xenopus lysate preparation was adapted from Vaughn et al., 2011. Briefly, 

20 stage 34 embryos were rinsed in PBS with HALT protease (Thermo scientific, 

1:100) and phosphatase inhibitors (2mM NaF and 2mM NaVO3), then lysed in 

200µl of homogenization buffer (250mM sucrose, 10mM HEPES ph7.8, 1mM 
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EGTA, 2mM MgCl2, 0.1% Triton X-100, protease and phosphatase inhibitors) 

using a plastic pestle dounce. Lysates were centrifuged at 13,400 x g at 4°C to 

separate out debris and yolk. The supernant was retained and centrifuged again 

to remove residual lipids and boiled in 3X SDS sample buffer at a 1:1 ratio. The 

protein concentration of the lysates was quantified using a BCA assay 

(Pierce/Thermo scientific, Rockford, IL).  Lanes of 8 or 10% acrylamide gels were 

loaded with 15µg of lysate, electrophoresed and transferred onto nitrocellulose 

membranes (Whatman, Kent, United Kingdom). BCA assays, Ponceau S staining 

and probing of a loading control (e.g., GAPDH) verified equivalent protein 

loading. Western blots were performed as previously described (Bliss et al., 

2013) using rabbit polyclonal anti-Tmod1 (1:1,000), rabbit polyclonal anti-Lmod3 

(1:1,000; Proteintech, Chicago, IL), monoclonal anti-GFP (1:3,000; Covance, 

Dedham, MA), monoclonal anti-GAPDH (1:30,000; Sigma-Aldrich, St. Louis, MO) 

and monoclonal anti-Myc (1:1000, Upstate Biotechnology/Millipore, Billerica, MA, 

clone 9E10) antibodies. Blots were visualized and densitometry was performed 

using a G:Box Chemi system (Syngene, Frederick, MD). 

 

Immunofluorescence microscopy 

Embryos were prepared for cryosections and immunohistochemistry as 

previously described (Webster, 1999, Brown et al., 2005, Fischer et al., 2003). 

Briefly, stage 34 embryos were fixed and incubated in 30% sucrose/phosphate-

buffered saline (PBS) at 4°C for 2 days. The fixed embryos were rinsed in PBS, 

embedded in optimal cutting temperature freezing medium (OCT) (Sakura 
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Finetek, Torrance, CA), sectioned using a cryotome (Thermo Scientific) and 

melted on gelatin-coated coverslips. Sections were permeabilized with 0.2% 

TritonX-100/PBS, blocked with 2% bovine serum albumin plus 1% normal 

donkey serum/PBS and incubated with primary antibodies for 1 hour.  Primary 

antibodies used were rabbit polyclonal anti-titin (Z1Z2, 1:800), monoclonal anti-α-

actinin (1:9,000; EA-53, Sigma-Aldrich), monoclonal anti-myosin F59 (1:50; 

provided by F. Stockdale, Stanford University, Stanford, CA), rabbit polyclonal 

anti-GFP [1:300; Abcam (Cambridge, United Kingdom)]; monoclonal anti-GFP 

(1:300; Invitrogen, Carlsbad, CA), rabbit polyclonal anti-Myc (1:300; EMD 

Millipore; this antibody was used to enhance the signal of the Myc-Lmod3), 

monoclonal anti-Myc (1:300; Upstate biotechnology/EMD Millipore, clone 9E10), 

polyclonal anti-Tmod (E-Tmod; 0.005 µg/µl), and polyclonal anti-Lmod3 antibody 

(1:300; Proteintech). Sections were washed with 0.02% TritonX-100/PBS for 15 

min and incubated with secondary antibodies. Secondary antibodies used were 

Alexa Fluor 488- conjugated goat anti-mouse IgG (1:500; Molecular 

Probes/Invitrogen, Eugene, OR), Alexa Fluor 488-conjugated goat anti-rabbit IgG 

(1:500; Molecular Probes/Invitrogen), Cy5-conjugated goat anti-mouse IgG 

(1:500; Jackson ImmunoResearch Laboratories, West Grove, PA), and Cy5-

conjugated donkey anti-rabbit IgG (1:500; Jackson ImmunoResearch 

Laboratories). Texas Red-conjugated phalloidin (1:400; Invitrogen) was used to 

mark F-actin. Sections were washed with 0.02% TritonX-100/PBS for 15 min, 

rinsed in H2O and mounted onto slides with Aqua Poly/Mount (Polysciences, 

Inc., Warrington, PA). The sections were imaged on a Deltavision RT system 
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(Applied Precision, Issaquah, WA) with an inverted microscope (IX70; Olympus), 

a 100× NA 1.3 objective, and a charge-coupled device camera (CoolSNAP HQ; 

Photometrics, Tucson, AZ) using SoftWoRx 3.5.1 software (Applied Precision). 

The images were then deconvolved and processed using Photoshop CS (Adobe, 

San Jose, CA). 

 

Structural analysis and length measurements 

3-4 embryos per experimental group were used for structural analysis. 

Analysis was performed using ImageJ 1.42q software (National Institutes of 

Health, Bethesda, Maryland). Staining for sarcomeric α-actinin was used to 

identify sarcomeres. The H-zones within the identified sarcomeres were analyzed 

for the presence or absence of gaps in phalloidin staining, counted and 

categorized into M-line gaps or no M-line gaps. To rule out the potential of 

contracted myofibrils contributing to the results, embryos were fixed in relaxing 

solution. Psi square analysis was done to test significance. 4 separate 

experiments were analyzed. 

For length measurements, filamentous actin was stained with phalloidin 

and imaged, using deconvolution microscopy. Thin filament and sarcomere 

lengths were measured using the DDcon plugin for ImageJ 1.42q software 

(Gokhin et al., 2010). A student t test was done to test for significance.  
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Figure Legends 
 

Figure 1. Tropomodulin 4 & Leiomodin 3 share similar structure and 

skeletal muscle developmental expression patterns. (A) Leiomodin proteins 

(Lmod1-3) are structurally related to Tropomodulin (Tmod1-4). Lmod3 and 

Tmod4 share actin-capping (A1, A2), tropomyosin-binding (TM1), and leucine-

rich repeat (LRR) domains. Alignments illustrate 60%-70% sequence similarity 

between their overlapping domains. Lmod3 lacks the second tropomyosin-

binding domain (TM2) but contains a C-terminal extension that consists of a 

proline-rich (P) and an actin-binding Wiskott-Aldrich syndrome protein homology 

2 (WH2) domain. lmod3 and tmod4 transcripts were both detected specifically in 

skeletal muscle tissue during embryonic development by in situ hybridization 

analysis (E, I). Although tmod1 transcripts were also detected in the skeletal 

muscle, its levels were low relative to tmod4 transcripts (F). Similar to cardiac 

actin (muscle marker control), tmod1, lmod1, and lmod2 transcripts were 

detected in the developing heart (C, D, F). Both lmod3 and tmod4 exhibited no 

detectable transcript levels in the developing heart (E, I).  

 

Figure 2.  Thin filament regulation during Xenopus laevis skeletal 

myofibrillogenesis. Tmod4 and Lmod3 localize to the M-line as actin-thin 

filaments become uniform in length. Xenopus embryos developed to stages 20, 

24 and 34, were stained with Texas-red conjugated phalloidin and antibodies to 

α-actinin and Tmod4 or Lmod3. At stage 20, α-actinin aggregates were detected 

throughout the tissue, occasionally localized in an irregular, yet periodic manner 
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along continuous actin filaments (A, B, M, N). Both Lmod3 and Tmod4 

demonstrated a diffuse staining pattern (C, O). At late stage 24, pre-myofibrils 

were thin, with α-actinin aggregates in register (Z-discs from adjacent myofibrils 

are aligned) along continuous filamentous actin (E, F, Q, R). Both Lmod3 and 

Tmod4 puncta were observed in a periodic fashion along maturing myofibrils (g, 

s) (Rhee et al., 1994). By stage 34, most myofibrils were aligned with one 

another and possessed uniform length thin filaments with clear M-line gaps. α-

Actinin aggregates have coalesced, and condensed into bright Z-band striations 

at the Z-disc (i, j, u, v). Both Lmod3 and Tmod4 appeared in broad striations at 

the M-line (k, w). Scale bar= 5µm. 

 

Figure 3. Tmod4 is an essential sarcomeric component for actin-thin 

filament organization and de novo skeletal myofibril assembly. (A) 

Comparative analysis of control MO (a) and Tmod4 MO (b) bright-field images 

demonstrated no obvious morphological differences observed between the two 

embryos. Western blots demonstrated that the Tmod4 MO effectively blocked the 

translation of Tmod4 protein (B). Anti-Tmod antibodies detected both 

endogenous and exogenous GFP-Tmod4 protein (B). Loss of Tmod4 results in 

disruption of actin-thin filament organization (C-J). Xenopus embryos 

microinjected at the one-cell stage with Tmod4 MO and allowed to develop to 

stage 34 were fixed, sectioned and triple stained with Texas-red phalloidin, Tmod 

and α-actinin antibodies. While Tmod4 and α-actinin localized at the M-line and 

Z-disc, respectively, in control embryos (D, E), loss of Tmod4-disrupted 



 
 

 

153 

organization of both F-actin and α-actinin (H, I, J). Other sarcomeric components, 

myosin A-bands and titin also exhibit structural perturbations (K-R). In control 

embryos, antibodies to the N-terminal region of titin (Z1Z2) and the myosin heads 

(F59) displayed periodic and organized assembly of titin and myosin A-bands 

respectively (L, M). In Tmod4 MO embryos, both titin and myosin filaments lost 

their periodicity, exhibited filament disorganization and abnormal aggregate 

accumulations (P, O). The addition of tmod4 mRNA rescues Tmod4 MO treated 

embryos (S-V). One-cell stage Xenopus embryos were co-microinjected with 

Tmod4 MO and mRNA, allowed to develop to stage 34, fixed, sectioned and 

triple stained with Texas-red phalloidin and GFP and α-actinin antibodies. In the 

presence of exogenous tmod4, F-actin, α-actinin, myosin and titin were able to 

properly assemble (S-Z). The addition of tmod4 mRNA improves sarcomeric 

structure in Tmod4 MO treated embryos as indicated by the presence of M-line 

gaps (Aa). Tmod4 MO embryos possessed a high level of myofibril 

disorganization when compared to control MO treated embryos. On average, the 

addition of exogenous tmod4 increased M-line gap observations by ~13 times 

when compared to the Tmod4 MO embryos. Scale bar= 5µm. 

 

Figure 4. Lmod3 is an essential sarcomeric component for actin-thin 

filament organization and de novo skeletal myofibril assembly. Comparative 

analysis of control MO and Lmod3 MO bright-field images demonstrated Lmod3 

MO embryos maintained normal morphology (A). Westerns blot analysis showed 

that the Lmod3 MO effectively blocked the translation of Lmod3 protein (B). 
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Antibodies to Lmod3 detected both endogenous and exogenous Myc-Lmod3 

protein (B). Xenopus embryos microinjected at the one-cell stage with Lmod3 

MO and developed to stage 34 were fixed, sectioned and triple stained with 

Texas-red phalloidin, Lmod3 and α-actinin antibodies. Lmod3 and α-actinin 

localized to the M-line and Z-disc, respectively, within control embryos (D, E). 

Loss of Lmod3 led to disrupted F-actin and α-actinin organization (C-J). Other 

sarcomeric components, myosin A-bands and titin also exhibit structural 

perturbations (K-R). In control embryos, antibodies to the N-terminal region of 

titin (Z1Z2) and the myosin heads (F59) displayed periodic and organized 

assembly of titin and myosin proteins (L, M). In Lmod3 MO embryos, both titin 

and myosin filaments exhibited irregular localization within the myofibrils, 

disorganization and abnormal aggregate accumulations (P, Q). The addition of 

lmod3 mRNA rescues Lmod3 MO treated embryos (S-V). Xenopus embryos 

microinjected at the one-cell stage with Lmod3 MO and Myc-lmod3 mRNA, were 

allowed to develop to stage 34, fixed, sectioned and triple stained with Texas-red 

phalloidin and antibodies to Myc and α-actinin. In the presence of exogenous 

Myc-Lmod3, F-actin, α-actinin, myosin and titin were able to properly assemble 

(S-Z). The addition of lmod3 mRNA also improves sarcomeric structure in Lmod3 

MO treated embryos (Aa). The H-zones within sarcomeres were analyzed for the 

presence or absence of M-line gaps. On average, the addition of exogenous 

Lmod3 increased M-line gap observations by 3 times when compared to the 

Lmod3 MO embryos. Scale bar= 5µm. 
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Figure 5. Lmod3 and Tmod4 can partially rescue the Tmod4 MO and Lmod3 

MO embryos’ phenotypes, respectively. Xenopus embryos co-microinjected at 

the one cell stage with Tmod4 MO and Myc-lmod3 mRNA, allowed to develop to 

stage 34, fixed, sectioned and triple stained with Texas-red phalloidin and 

antibodies to Tmod, α-actinin or myosin and Myc. In the absence of Tmod4 and 

the presence exogenous Lmod3, organized α-actinin, F-actin and myosin 

structures were observed in a periodic fashion (E-L). Tmod4 partially rescues 

Lmod3 MO embryos’ phenotype. Tmod4 rescue Lmod3 embryos demonstrated 

in the absence of Lmod3 and the presence exogenous Tmod4, organized α-

actinin, F-actin and myosin structures were also observed in a periodic fashion 

(Q-X). On average, the addition of exogenous Lmod3 increased M-line gap 

observations within Tmod4 MO embryos by 5.6 times (Y) while the increase was 

2.9 times more for Lmod3 MO embryos expressing GFP-Tmod4 (Z). Scale bar= 

5µm. 

 

Figure 6. Lmod3 and Tmod4 can partially rescue the Tmod4 MO and Lmod3 

MO embryos’ responsiveness to an external stimulus, respectively.  (A) At 

the one cell stage, embryos were injected with control MO, mod4 MO, Tmod4 

MO + mRNA (self-rescue), Tmod4 MO + Myc-lmod3 mRNA (alternate-rescue), 

Lmod3 MO, Lmod3 MO + mRNA (self-rescue), or Lmod3 MO + GFP-tmod4 

mRNA (alternate-rescue). Embryos were allowed to develop to stage 34 and 

then scored on a qualitative index scale of 0-5 for their response to an external 

stimulus. The average score depicted how well an embryo could respond to an 
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external stimulus. Tmod4 and Lmod3 self-rescues significantly improved their 

ability to respond relative to their respective MO alone controls by 9 and 3.1 

times, respectively. To a lesser extent, Lmod3 rescue Tmod4 (L res T) and 

Tmod4 rescue Lmod3 (T res L) embryos also exhibited improvement in 

movement when compared to controls, 1.6 and 5 times, respectively.  
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Supplementary Figure legends 

S1. Excess GFP-Tmod4 does not alter Lmod3’s localization at the pointed-

ends in vivo.  Xenopus embryos microinjected at the one-cell stage with 900pg 

of GFP-Tmod4 mRNA were fixed, sectioned and triple stained with Texas-red 

phalloidin, Lmod3 and GFP antibodies at stage 34. Endogenous Lmod3 localized 

to the M-line in the presence of Excess GFP-Tmod4 protein. 

 

S2. Excess Myc-Lmod3 does not alter Tmod4’s localization at the pointed-

ends in vivo. Xenopus embryos microinjected at the one-cell stage with 900pg 

of Myc-lmod3 mRNA were fixed, sectioned and triple stained with Texas-red 

phalloidin, Tmod and Myc antibodies at stage 34. Endogenous Tmod localized to 

the M-line in the presence of Excess Myc-Lmod3 protein. 

 

S3. Thin filament and sarcomere lengths in rescue embryos demonstrate 

some restoration of thin filament regulation.  At the one cell stage, embryos 

were injected with Tmod4 MO, Tmod4 MO + mRNA (self-rescue), or Tmod4 MO 

+ Myc-lmod3 mRNA (alternate-rescue). They were then fixed, sectioned and 

stained with Texas-red conjugated phalloidin, and antibodies to α-actinin, Tmod, 

GFP or Myc. N of myofibrils from 4-5 Xenopus embryos per experimental group 

were measured for thin filament (from the Z-line to the M-line) and sarcomere 

lengths. Excess Lmod3 or Tmod4 do not alter lengths when compared to control.  

*** means significance of >0.005. Tmod4 rescue Tmod4 (TF: 0.86 ± 0.05) and 
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Lmod3 rescue Tmod4 (TF: 86 ± 0.04) embryos exhibited thin filament lengths 

(TF) similar to that of control morpholino embryos (TF: 0.85±0.01). Tmod4 rescue 

Tmod4 embryos’ (SL: 2.12 ± 0.13) and Lmod3 rescue Tmod4 embryos’ 

sarcomere lengths (SL: 2.05 ± 0.07) were also comparable to control morpholino 

embryos (SL: 2.05 ± 0.04). Lmod3 rescue Lmod3 (TF: 0.83 ± 0.03, SL: 2.01 ± 

0.09) embryos exhibited longer thin filament and sarcomere lengths than Lmod3 

MO embryo (TF: 0.75 ± 0.07, SL: 1.95± 0.16). Alternate rescue (TF: 0.74± 0.04, 

SL: 1.99 ± 0.08) embryos demonstrated similar thin filament and sarcomere 

lengths to Lmod3 MO embryos. 

 

S4. Lmod3 only assembles at the M-line of Tmod4 MO myofibrils with 

discernible M-line gaps. One-cell embryos were microinjected with Tmod4 MO 

and at stage 34 were fixed, sectioned and triple stained with Texas-red 

phalloidin, Lmod3 and α-actinin antibodies. Endogenous Lmod3 only localized at 

the M-line when M-line gaps were present. 

 

S5. Tmod4 assembles at the M-line of Lmod3 MO myofibrils that have 

discernible M-line gaps. Xenopus embryos microinjected at the one-cell stage 

with Lmod3 MO were developed to stage 34, fixed, sectioned and triple stained 

with Texas-red phalloidin, Tmod and α-actinin antibodies. Endogenous Tmod4 

only localized at the M-line when M-line gaps were present 
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Figure 1. 
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Figure 2. 
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Figure 3. 
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Figure 4. 
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Figure 5. 
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Figure 6. 
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Supplementary Figure 1 (S1) 
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Supplementary Figure 2 (S2)
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Supplementary Figure 3 (S3) Table 1. 
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Supplementary Figure 4 (S4) 
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Supplementary Figure 5 (S5) 
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Supplementary Figure 6 (S6) 

 

 
  


