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iv Abstract: 
 
Improving food safety and food security is imperative to adequately feed a growing population 

that is expected to exceed 9 billion people by 2050. Mushroom cultivation provides unique 

opportunities to take advantage of underutilized resources and produce high-quality food from 

otherwise inedible or unsafe food sources. Pleurotus ostreatus is a ligninolytic and 

biotechnologically relevant fungus that can be cultivated on a diverse array of lignocellulosic 

byproducts. Prosopis spp. are abundant in the Sonoran Desert and broadly distributed in semi-

arid to arid regions around the globe. Prosopis spp. legumes (pods), and approximately 25% of 

all commonly cultivated crops, are susceptible to aflatoxin contamination, a highly carcinogenic 

and potentially lethal mycotoxin. This work aimed to (1) identify novel lignocellulosic 

byproducts from the Sonoran Desert for use as substrate materials in Pleurotus ostreatus (oyster 

mushroom) cultivation; (2) evaluate the safety of mushrooms cultivated on plant products that 

are contaminated with aflatoxin; and (3) measure the amount of aflatoxin that is degraded by P. 

ostreatus after the contaminated products have been colonized by the fungus. Prosopis spp. pods 

were identified as suitable substrate component for P. ostreatus production by conducting yield 

evaluations and finding that the biological efficiency increased with increasing percentages of 

pods. No detectable quantity of aflatoxin could be measured in mushrooms that were cultivated 

on maize that was naturally contaminated with aflatoxin B1 at concentrations up to 2500 ng g-1. 

P. ostreatus degraded AFB1 by >85% in maize with initial concentrations of 2500 ng g-1 AFB1 in 

repeated experiments. Thus, the cultivation of P. ostreatus on aflatoxin-contaminated products 

may be a viable method to produce a safe and high quality food from an otherwise unsafe food 

source, and may double as a means to reduce the aflatoxin concentration in contaminated plant 

products to levels that are acceptable for use as livestock feed.  
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Chapter I: Comparative analysis of the yield and nutrition of Pleurotus 
ostreatus (oyster mushroom) cultivated on Prosopis spp. products 
 

1.1  Introduction: 
 
1.1.1 Prosopis 
 
1.1.1.1 Distribution and overview 
 
The genus Prosopis L. (Fabaceae) is comprised of approximately 45 species that play important 

ecological roles in many arid and semi-arid regions around the world, as well as in limited 

subhumid tropical zones. The majority of members that have been historically associated with 

this genus are native to South America (34), with the remaining species native to North America 

(9), Southwest Asia (3), and Africa (1)1. Phylogenetic analyses using multiple molecular markers 

suggest that this group is not monophyletic, and it is evident that the taxonomy requires further 

refinement2. The remarkable hardiness of Prosopis spp. has made them preferred candidates for 

afforestation efforts, and as a means to reduce desertification of marginal lands1. As such, they 

have been introduced to non-native regions of Africa, Asia, North and South America, and 

Australia with mixed success1. 

 

Prosopis spp. are distributed broadly in North America, and are particularly common throughout 

the Sonoran desert, which is an ecoregion that covers areas of southeastern California, 

northwestern Mexico including the northeastern region of the Baja peninsula, and a large portion 

of southern Arizona3,4. The distribution of Prosopis spp. in the United States, where the common 

botanical name is mesquite, is concentrated in the southwest, but extends from the west coast of 

California to as far east and north as Missouri, with distribution and density becoming sparser 

toward the north and east (Fig 1, Appendix III)3. The map in Fig. 1 shows the distribution of 
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Prosopis spp. in the United States including the U.S. portion of Sonoran Desert. Mesquite tree 

stands in the Sonoran desert can be very dense and they are frequently the dominant tree cover 

over large swaths of land in this area5,6. Prosopis spp. grow especially well in alluvial soils with 

sandy textures where their deep root architecture provides them with a distinct competitive 

advantage against other tree species7. 

 
1.1.1.2 Prosopis: old friend or invasive foe? 
 
The same traits that allow Prosopis spp. to survive xeric, saline, alkaline and nutrient-poor 

conditions often give them a competitive advantage in areas where they are introduced, and have 

led to them becoming invasive and abhorred in areas such as South Africa, Australia and non-

native regions of the United States. The deep root architecture and heavy seed load of Prosopis 

spp. make them obstinate to eradication efforts7,1. Perceptions of mesquite trees in the 

southwestern U.S. typify the dichotomous feelings toward this genus around the globe: mesquite 

trees dominate the plains and bajadas of the Sonoran desert where they are generally well 

regarded and support a cottage industry of mesquite flour and honey for human consumption25; 

whereas their unwarranted encroachment upon rangelands and crop fields in some areas of 

Arizona, Texas and a few mid-west states has resulted in Prosopis being the most represented 

genus on the nation’s federal noxious weed list26.  

 
1.1.1.3 Control measures for invasive Prosopis spp. 
 
Numerous control measures have been employed in different parts of the world to reduce the 

invasiveness of these resilient trees including biocontrol with seed-feeding bruchid beetles27, 

chemical control28, mechanical control29, prescribed burning30, and intensive utilization of wood 

and pods from the trees1. Of these control strategies, the chemical and mechanical approaches are 
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often too expensive or unavailable for use on large and dense tree stands in rural areas. 

Prescribed burning is an effective and relatively cheap method of control, but it does not take 

advantage of the potential resources provided by the trees. Bruchid beetles can destroy the 

viability of seeds, but the introduction of exotic species to control other exotic species is 

obviously precarious. The strategic utilization of wood and pods from these trees appears to be 

an efficient and practical strategy in their control. In fact, several Prosopis spp. were brought to 

near extinction in areas of Central America and South America at times when their products 

were more heavily relied upon, and there are current examples of successful management 

strategies that have led to the development of superior Prosopis varieties and also take advantage 

of these resources1.  

 
1.1.1.4 Prosopis spp. products as a human resource 
 
Humans have recognized the multi-purpose utility of Prosopis spp. since at least as early as 6500 

BCE8. Prosopis trees produce copious edible pods (production often reaches 50 kg tree-1 year-1) 

that can be consumed by wildlife, livestock or humans1. The trees provide quality wood for 

construction and fuel9,1; improve soils via associations with N-fixing rhizobia, deposition of 

litter, and reduced erosion10; are used as low maintenance ornamentals that provide shade in 

urban areas11; provide bee forage for the production of honey and wax12; produce gum that can 

be used to make dyes and adhesives13; and supply other products historically used for tanning 

animal hides (tannins)14, making ropes (root fibers)15, and preparing traditional medicines15,16. 

Meal made from grinding the pods has been found to be acceptable fodder for ruminants, poultry 

and fish at rates ranging from 15-60% of the diet17-19, although adverse effects have been 

reported for some animals when the inclusion rate exceeds 50%20. As a human food, the pods 

can be milled into flour that is highly nutritious, containing approximately 16% protein, 13% 
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sugars, 50% dietary fiber, and relatively little fat21. Moreover, the pods of mesquite trees do not 

dehisce, a favorable trait for long-term storage under the proper conditions22,1. However, these 

pods are highly susceptible to aflatoxin contamination with increased moisture and insect 

damage after they fall to the ground67.  

 

The multi-purpose utility of Prosopis spp. has resulted in the trees being revered by some 

cultures, however, they are considered by researchers to be an under-utilized resource in areas 

where people view the trees as more of a nuisance than an asset23,24. The thorniness of many 

Prosopis spp. is one of the main nuisances cited by locals. The tendency of shrub varieties to 

coalesce as thickets is also a known deterrent to using their resources in some areas. Both of 

these issues highlight the importance of active management strategies that improve tree varieties 

and enhance the opportunity to use resources provided by the plants1. 

 
 
1.1.2 Pleurotus ostreatus 
 
1.1.2.1 Overview 
 
Pleurotus ostreatus (Fr.) Kummer, commonly referred to as the oyster mushroom, is an 

important ligninolytic fungus that causes white-rot of hardwood trees from several genera. P. 

ostreatus belongs to the monophyletic Pleurotaceae family within the order Agaricales31. This 

edible fungus is saprotrophic and plays a key role as a primary decomposer of dead trees in the 

forests that it inhabits. Nearly all organisms capable of decomposing lignin are fungi that belong 

to phylum Basidiomycota, and the members that can degrade this recalcitrant compound require 

extensive enzymatic toolkits32 that appear to be ancestral to agaricomycetes (i.e. fungi in sub-

phlyum Agaricomycotina)33. Enzymes (e.g. class II peroxidases, P450 monooxygenases, and 
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laccases) that P. ostreatus and other ligninolytic fungi use to degrade lignin have garnered them 

considerable attention for their potential in diverse biotechnological applications34-38. The 

biological plasticity and vigor of the fungus makes this species particularly amenable to 

cultivation in varied settings, and P. ostreatus is a logical selection for novice mushroom 

cultivators because it is relatively easy to grow compared to other gourmet mushrooms that are 

commercially available. 

 
1.1.2.2 Distribution 
 
The distribution of P. ostreatus is cosmopolitan throughout temperate forests of the northern 

hemisphere including, Europe, Asia, and North America. In addition, the presence of P. 

ostreatus has been confirmed in South America, and there are unconfirmed reports of it 

occurring in Africa and Australasia39. Distinct genotypes of this fungus once believed to 

represent independent species (e.g Pleurotus columbinus, Pleurotus florida, Pleurotus salignus, 

and Pleurutos spodoleucus) are now known to be morphotypes, ecotypes, or misnomers of P. 

ostreatus39. The misidentification of this fungus is understandable as there is great diversity 

within this species, both in terms of morphology and the ecological niches that it occupies. To 

illustrate the diversity that can occur within a restricted geographic range, 15 unique individuals 

were isolated from a single log in the Duke Forest as determined by vegetative incompatibility 

assays40. 

 
1.1.2.3 Waste reduction and product improvement 
 
The degradative capacity of P. ostreatus can be harnessed to produce valuable products from 

materials that would otherwise be considered waste, or to improve existing products in which 

some limiting component can be degraded by the fungus. The cultivation of P. ostreatus can be 
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accomplished using an array of lignocellulosic materials as substrate including agroindustrial 

byproducts such as cereal straws, corn stover, sugarcane bagasse, cotton waste, coffee pulp, 

tomato pomace, apple pomace, woody vegetation, seed hulls, spent beer grains, viticulture waste, 

waste paper and cardboard, palm products, soybean roughage, peanut shells, banana leaves, etc51- 

58. Lignin impedes the digestibility of lignocellulosic byproducts consumed by livestock, and 

studies using P. ostreatus to treat some of these products have shown that this process improves 

digestibility, and can enhance the nutritive value of feed for several animals59. The above 

findings suggest that there is a largely untapped potential to vertically integrate the production of 

oyster mushrooms and other edible ligninolytic fungi with existing agricultural systems, and 

support the idea that this would improve the overall sustainability of such industries. 

 
1.1.2.4 Nutrition & health related to mushroom consumption 
 
Oyster mushrooms are among the most widely-cultivated and most sought-after mushrooms in 

the world41,42. The nutritional benefits of mushrooms have long been appreciated in the 

traditional medicine of many cultures, and oyster mushrooms have recently been studied for their 

anti-cancer effects43-46, hypoglycemic activity47, and anti-cholesterol potential48,49. Indeed, P. 

ostreatus is known to produce lovastatin, one of the leading pharmaceuticals prescribed to lower 

cholesterol, in its basidiocarps50. The fruiting bodies of P. ostreatus, similar to other edible 

mushrooms, are low in fat, high in fiber, rich in vitamins and minerals, and present a full 

complement of amino acids that make the mushrooms a complete protein source (USDA 

National Nutrient Database for Standard Reference Release 27). 

 
 
1.1.2.5 Market overview 
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Mushrooms and truffles are a valuable commodity worldwide; and market data indicate that the 

mushroom industry has tremendous room for growth in the United States. China currently 

dominates global mushroom production and worldwide production trends mirror those of 

China’s over the past five decades (Fig 2, Appendix IV)60. Statistics from 2011 show that despite 

the large gap in production between China and all other mushroom-producing countries, China 

was only the third greatest exporter behind Poland and the Netherlands (Fig 3 A, Appendix 

IV)60. In the same year, the U.S. was the ninth largest exporter (Fig 3 A, Appendix IV); the 

fourth largest importer behind the United Kingdom, Germany, and France (Fig 3 B, Appendix 

IV); and had a net exportation deficit of $74,356,000 (Fig 3 C, Appendix IV)60. Canada was the 

most important trade partner for the U.S. in terms of export and import volume (lbs.) and value 

($US) (Fig 4 A, B, C and D, Appendix IV)61. 

 
The mushroom industry in the U.S. is highly competitive with other agricultural commodities 

intended for human consumption. The production value of Agaricus mushrooms (i.e. button, 

portabello, crimini, etc.) exceeded one billion dollars in 2012, and their total production value 

was only surpassed by ten crops including grapes, almonds, potatoes, apples, oranges, 

strawberries, tomatoes, lettuce, sweet corn, and pistachios (Fig 5 A, Appendix IV)62-64. However, 

the production quantity (Fig 5 B, Appendix IV), and area (Fig 5 C, Appendix IV) required for 

Agaricus mushrooms to be competitive with other products are exceeded by most major crops62-

64. A Relative Agricultural Value Index (RAVI) was generated by calculating the production 

value (US$) of each crop in terms of the production quantity (lbs.) and area (ft.2) required to 

reach that value (Eq. 1), in order to assess the relative value of all major crops in the U.S. for 

which each of these data were available. Using this measurement on U.S. data from 2011-2012, 

it can be seen that mushrooms have the highest RAVI values out of all major crops, and that 
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those of gourmet mushrooms (i.e. shiitake, oyster and other mushrooms) are even greater than 

that of Agaricus mushrooms (Fig 5 D, Appendix IV)62-64. The RAVI values for gourmet 

mushrooms illustrate the potential to improve their competitiveness in the market. 

 

The opportunity to increase gourmet mushroom production in the U.S. is not only evidenced by 

their value compared to other crops, but also by the current geographic concentration of 

mushroom production, and the small market share that gourmet varieties hold. Pennsylvania 

accounted for 62% of mushroom volume (Fig 6 A, Appendix IV), and 48% of mushroom sales 

(Fig 6 B, Appendix IV) in the U.S in 2011-201262,63. During this same period, California was the 

next largest producer in the nation, accounting for 14% of volume (Fig 6 A, Appendix IV) and 

20% of sales (Fig 6 B, Appendix IV). The dominance of Pennsylvania in the mushroom industry 

is largely due to historical reasons65, not because mushroom production is limited by growth 

conditions in other regions. The market is dominated by production and sales of Agaricus 

mushrooms; however, gourmet mushroom varieties earn producers more on a per weight basis 

(Fig 6 C and D, Appendix IV). Gourmet mushrooms, most of which are white- or brown-rot 

fungi, are also more flexible in the type of lignocellulosic byproducts that can be used as 

substrate materials, and thus, should be able to be incorporated into existing mushroom 

production systems with little resource competition. 

 
1.1.3 Study motivation 
 
It is widely understood that the human population will exceed 9 billion by 2050, and that 

adequately feeding this many people will require new and improved methods of food 

production66. The cultivation of mushrooms presents a situation in which certain components 

(e.g. proteins and sugars) of inedible materials (e.g. wood, cereal straws, paper waste, etc) can be 
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converted into safe and nutritious food sources for humans. Lignin and cellulose are the two 

most abundant biopolymers on Earth, and fungi, some of which produce edible fruiting bodies, 

are uniquely evolved to utilize these structural polysaccharides. Mushroom production is also 

well-suited for urban and vertical farming applications: production systems have been 

implemented in unused buildings and storage containers; “waste” products that frequently end up 

in landfills can be diverted to become substrate materials; and the minimal light requirements of 

mushrooms allow for stacked production systems that are incredibly space-efficient. Thus, 

gourmet mushroom cultivation may prove to be one of the many sustainable methods of food 

production needed to address current and future food security issues. 

 

This work was conducted in the context of (1) there being an abundant supply of mesquite trees 

in the Sonoran Desert and other areas where the tress are distributed; (2) the understanding that 

pods from these trees are not safe for human consumption once they have fallen to the ground 

due to potential aflatoxin contamination67; and (3) having a general goal to support an emerging 

gourmet mushroom industry by identifying cheap and under-utilized resources as substrates for 

production. Furthermore, several previous studies have demonstrated a substrate composition-

dependence of the nutritional qualities of P. ostreatus mushrooms68-70, and this work aimed to 

identify similar effects via the addition of a novel substrate material. The specific aims of this 

study were to (1) evaluate the yield characteristics of P. ostreatus cultivated on substrates 

composed of varying percentages of Prosopis spp. products, and to (2) analyze the nutrition 

response of mushrooms grown on substrates with increasing percentages of mesquite pods. 

 

1.2  Materials & Methods: 
 

1.2.1 Culture and propagation material 
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A commercial, dikaryotic strain of P. ostreatus var. columbinus (“Blue Oyster”) was obtained 

from Fungi Perfecti, LLC (Olympia, WA) for use in this study. The culture was maintained in 

water vouchers at 4 ºC until required for experiments. Cultures were grown out on malt yeast 

peptone agar (MYPA) consisting of 7 g L-1 malt extract, 0.5 g L-1 yeast extract, 1 g L-1 peptone 

and 15 g L-1 agar at room temperature (~23 ºC) for 10 days in 100 mm x 15 mm Petri dishes 

before use for spawn inoculation. All media reagents used were Difco™ brand (Becton, 

Dickinson and Company, Franklin Lakes, NJ). Barley (Hordeum vulgare) and pearl millet 

(Pennisetum glaucum) seed used for spawn production, as well as wheat straw used in the 

composition of substrate, were purchased from a local feed store. Mesquite legumes (pods), 

primarily from four Prosopis spp. (P. alba, P. chilensis, P. glandulosa and P. velutina), were 

collected off of the ground underneath trees growing on the University of Arizona campus and 

the immediate surrounding area during the late spring of 2013. All pods were sorted to remove 

rocks and other debris, chopped into ≤ 5 cm pieces using a Yard Machines MTD Briggs & 

Stratton 6.5 hp 3-way System Chipper Shredder (MTD, Valley City, OH), and homogenized by 

thoroughly mixing the processed pods with a shovel. Wheat straw was shredded into ≤ 10 cm 

pieces using an electric Black & Decker High Performance LeafHog (Black & Decker, New 

Britain, CT). Chipped mesquite wood used as a substrate material in this study was kindly 

provided by a local sawmill and custom furniture company (King Mesquite, Tucson, AZ). 

Individual Prosopis spp. constituting the mix of chipped wood received from this company were 

unable to be identified due to the pre-processed nature of the material. All materials that were to 

be used as substrate components were stored in 30 gallon plastic containers at room temperature 

until required for experiments. 
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1.2.2 Spawn preparation 
 
Spawn was produced by adding 50 g (dry weight) each barley and Pearl millet seed to wide-

mouth quart jars. 1 g calcium sulfate dihydrate (gypsum) and 100 ml deionized water were added 

to each jar containing the dry grain. In the following order, each jar was fitted with a lid 

containing 5 half-inch holes, a 4 inch x 4 inch piece of Tyvek (Dupont, Wilmington, DE), and 

the appropriate sized threaded ring. Jars containing all materials were initially autoclaved at 121 

ºC and 15 psi for 15 minutes to break the seed coat and allow the seeds to imbibe the available 

water. Jars were allowed to cool and then mixed thoroughly by shaking until the contents were 

homogenized. Jars containing the moisturized spawn material were then autoclaved a second 

time at 121 ºC and 15 psi for 60 minutes to sterilize the grain. The autoclaved material was 

allowed to cool overnight prior to inoculation. Each spawn jar was inoculated with ¼ of a fully 

colonized MYPA dish under sterile conditions, mixed by shaking until homogenized, and 

incubated for 10 days at 27 ºC before being used to inoculate substrate. 

 
1.2.3 Substrate preparation 
 
Substrate used for the cultivation of P. ostreatus was prepared so that a total of 500 g (dry 

weight) of material was used for each replicate of every treatment. The amount of material 

required to make all replicates (i.e. 1500 g for 3 replicates or 3000 g for 6 replicates) for each 

treatment was added to individual burlap sacks, which were then tied, submerged, and left to 

soak in tap water for 18 hours. Bags were removed from the water, placed on grates resting over 

sinks, and allowed to drain for 6 hours until the material had reached field capacity (note that 

field capacity can be defined as the amount of moisture retained in a substrate after excess water 

has been removed). The moisturized substrate material was re-weighed, and the difference in 

weight was used to calculate the moisture content of each unique substrate mix. The total wet 
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weight of the material was divided equally to make each replicate (500 g dry weight) and added 

into individual 8" x 5" x 18.75" polypropylene mushroom cultivation bags fitted with 0.5 µm 

filter patches for gas exchange. Bags were closed with twist-ties and autoclaved at 121 ºC and 15 

psi for 120 minutes to sterilize the substrate. Sterile substrate was allowed to cool overnight prior 

to inoculation. 100g (dry weight of grain) of fully colonized, 10-day-old spawn was used to 

inoculate each 500 g bag of substrate. Inoculated substrate bags were mixed so that grain 

inoculum was evenly distributed, and bags were incubated at 27 ºC for 21 days (two-component 

substrate experiments) or 28 days (three-component substrate experiments). 

 
1.2.4 Fructification and harvest 
 
1.2.4.1 Fructification parameters 
 
Fully colonized substrate bags were cut so that there were 8 total 3 cm x 3 cm X-shaped slices, 

with 4 holes on each broad side of the bag and those holes each 3" apart from their adjacent 

holes. Treatment bags were randomly assigned to pre-designated positions within a 3-tiered 

fruiting chamber using a random number generator function within a spreadsheet application. 

Fructification was accomplished by maintaining fruiting chamber conditions at relative humidity 

≥ 90%, temperature at ~20 ºC, and CO2 < 600 ppm. Relative humidity was controlled using an 

Image® digital air humidity control controller WH8040 (Shenzen Willhi Electronics Co., 

Limited, Shenzhen, China) connected to a custom-fabricated ventilation and ultrasonic 

humidification unit. Environmental conditions of the fruiting chamber were monitored daily 

using an Extech CO250 portable indoor air quality CO2 meter/datalogger (Extech Instruments 

Corporation, Nashua, NH).  

 
1.2.4.2 Harvest criteria 
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Basidiocarps were harvested when most of the fruiting bodies of a cluster were between 5-10 cm 

in diameter at their broadest measurement and still slightly convex (outer rim of pileus 

downturned). Mushrooms harvested from an individual replicate ≥ 5 days after the previous 

harvest were considered to be a unique “flush”. Flushes typically occurred 7-14 days apart. The 

stipes of mushroom clusters were trimmed so that no substrate material remained attached. Only 

marketable mushrooms, loosely defined as any specimens meeting a subjective and qualitative 

visual assessment that would qualify the product to be sold in a retail market and appear 

palatable enough to be readily purchased by potential customers (i.e. not discolored, severely 

damaged, or irregularly developed), were kept for further analysis. 

 
1.2.5 Yield evaluations 
 
Yield evaluations were conducted to evaluate the usefulness of mesquite tree products used as 

substrate materials for the cultivation of P. ostreatus. The fresh weights of mushrooms were 

collected from up to three flushes that were grown on substrates composed of different 

combinations of mesquite pods, mesquite wood, and wheat straw (three-component evaluations), 

or mesquite pods and wheat straw only (two-component evaluations). Biological efficiency (BE) 

was determined using yield data and the substrates were evaluated based on their composition. 

 
1.2.5.1 Three-component yield evaluations 
 
Three-component yield evaluations were conducted using mesquite pods, mesquite wood, and 

wheat straw with composition percentages at 16.6%, 33.3%, 50%, or 66.6% (rounded to 17%, 

33%, 50%, and 67%, respectively, for use in figures herein) in all possible combinations adding 

to 100% (see Table 1, Appendix II). Thus, three-component yield evaluations included 10 unique 
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treatment groups (substrate mixes). Three biological replicates of each three-component 

treatment group were used for these experiments (N = 30). Three-component yield evaluations 

were duplicated. All bags used for mushroom production were randomly placed in pre-

designated positions in a three-tiered fruiting chamber for each experiment. The wet weight and 

moisture content of all basidiocarps were recorded. Biological efficiency percentage was 

calculated by dividing the wet weight of basidiocarps by the dry weight of substrate materials 

and multiplying that figure by 100 (see Eq. 2 in Appendix I). 

 
1.2.5.2 Two-component yield evaluations 
 
Two-component yield evaluations were conducted using mesquite pods and wheat straw at 0%, 

20%, 40%, 60%, 80%, or 100% in all possible combinations adding to 100% (see Table 2, 

Appendix II), except that bags containing 100% mesquite pods were not included based on pilot 

study data (not included) that demonstrated P. ostreatus could not fully colonize the dense and 

sticky substrate matrix of this material within the period of time allotted for colonization in these 

experiments. Thus, two-component yield evaluations included 5 unique treatment groups. Six 

biological replicates of each two-component substrate mix were used (N = 30).  Two-component 

yield evaluations were duplicated (60 bags total). All bags used for mushroom production were 

randomly placed in pre-designated positions in a three-tiered fruiting chamber for each 

experiment. The wet weight and moisture content of all basidiocarps were recorded. Biological 

efficiency percentage was calculated by dividing the wet weight of basidiocarps by the dry 

weight of substrate materials and multiplying that figure by 100 (see Eq. 2 in Appendix I).  

 
1.2.6 Nutritional Analyses 
 
1.2.6.1 Overview 
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Nutritional analyses were conducted to evaluate the protein, lipid, and ash content of P. ostreatus 

basidiocarps cultivated on substrates with increasing percentages of mesquite pods (from the 

two-component substrate mixes described above). 

 
1.2.6.2 Protein content determination 
 
Total protein of basidiocarps was determined using a modified version of the Kjeldahl method, 

which is the method preferred by the association of analytical communities (AOAC) to quantify 

crude protein based on the amount of nitrogen in organic compounds71. 0.5-1.0 g samples of 

basidiocarps were digested with 15 ml of sulfuric acid (Fisher Scientific, Waltham, MA) in a 

digestion flask containing 5 boiling stones and 2 crushed catalyst tablets (potassium 

sulfate/copper sulfate blend) (Fisher Scientific, Waltham, MA). The contents of the digestion 

flask were slowly brought to a boil and allowed to boil until the samples were completely 

digested. A trapping flask containing 50 ml of 4% boric acid and 5 drops of Bromocresol Green-

Methyl Red color indicating solution (Ricca, Arlingon, TX) was prepared as the digestion flask 

cooled (approximately 10 minutes). Deionized water (250 ml) was added to the digestion flask 

and all contents of the digestion flask were transferred to a distillation flask. 50 ml of 50% NaOH 

(Ricca, Arlingon, TX) was carefully added to the distillation flask and quickly covered with 

parafilm to prevent the escape of ammonia gas. The trapping and distillation flasks were placed 

on the distillation unit immediately after adding the 50% NaOH and heated at high temperature 

until 100-125 ml of distillate were collected in the trapping flask. The trapping flask was 

removed from the apparatus and placed on a stir plate with a magnetic stir bar added to the flask. 

The distillate was titrated with 0.2M HCl (Ricca, Arlingon, TX) until a color change from blue to 

pink was observed. The volume of 0.2M HCl was recorded and used to calculate the protein 
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content of basidiocarps using Eq. 3 in Appendix I. A nitrogen-to-protein conversion factor of 

6.25 was used in the calculation of protein content in accordance with the protocol used for raw 

oyster mushrooms (11987) in the USDA National Nutrient Database for Standard Reference 

Release 27. 

 
1.2.6.3 Lipid content determination 
 
Lipids were extracted from 2 g basidiocarp samples in a Soxhlet extraction apparatus using 125 

ml ethyl ether (Fisher Scientific E138-1, Waltham, MA) as a solvent and refluxed for 90 

minutes. The sample was collected and the apparatus was washed with 20 ml solvent to ensure 

that the entire lipid sample was collected. ~75% of the solvent was evaporated at 80 ºC in a 

chemical fume hood and the sample was transferred to a pre-weighed beaker. The remainder of 

the solvent was allowed to evaporate, the final weight recorded, and the difference used to 

determine the percentage of lipids from each mushroom sample using Eq. 4 in Appendix I. 

 
1.2.6.4 Ash content determination 
 
Ash content was determined by placing 2 gram samples of basidiocarps in a pre-weighed 

crucible, and placing the crucible with sample in a furnace (Barnstead/Thermolyne 1400, 

Dubuque, IA) for ~1 hour until the entire sample turned to ash. The final weight was recorded 

and the difference was used to determine the ash content using Eq. 5 in Appendix I. 

 
1.2.7 Data analyses 
 
One-way analysis of variance (ANOVA) tests were conducted for yield and nutrition data. If 

significant differences were detected by ANOVA at the 95% confidence level, paired t-tests were 

performed to compare the means of data, and connecting letter reports were generated based on 
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the results of these tests. Means that showed significant difference by the paired t-tests alone 

were not considered to be truly significant. A linear regression model was used to assess trends 

of bivariate data, and a 95% confidence level was used to measure significant correlations among 

these data. Correlations were deemed strong if R2 values exceeded 0.60, moderate from 0.20-

0.59, and weak if they were below 0.20. Multivariate correlation analyses were conducted to 

measure correlations between and among individual flushes and the total BE (from the three-

component yield evaluations), and between and among nutritional data and the total BE (from 

the two-component system). Outliers were assessed by the T2, Mahalanobis, and Jackknife 

distances methods, and were only considered to be true outliers if they were found to be outliers 

by all three of these methods. All statistical analyses were conducted using JMP Statistical 

Discovery Software v10.0 (SAS, Cary, NC). 

 

1.3 Results 
 
1.3.1 Yield evaluations 
 
1.3.1.1 Three-component yield evaluations 
 
In general, substrates with the greatest percentages of mesquite pods had significantly higher 

BEs, whereas those with the greatest rates of mesquite wood resulted in lower BEs. Substrates 

including 67% mesquite pods had average BEs of 97.9% (Fig 7 A, Appendix V) and 69.2% (Fig 

7 B, Appendix V) in repeated experiments, respectively; whereas substrates with only 17% pods 

had average BEs of 52.5%, 48.2%, 43.9% and 41.6% in the first experiment (Fig 7 A, Appendix 

V), and 33.8%, 32.2%, 25.5% and 19.1% in the second experiment (Fig 7 B, Appendix V). The 

lowest BEs from each experiment resulted from substrates containing the highest percentage of 
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mesquite wood and the lowest percentage of pods (41.6% and 19.1%, respectively) (Fig 7 A and 

B, Appendix V).  

 

Yields were significantly (P < 0.0001) and positively correlated (R2 = 0.58 and 0.69, 

respectively) with increasing percentages of mesquite pods in both experiments (Fig 8 A and D, 

Appendix V). In contrast, yield was significantly (P < 0.001 and P = 0.03, respectively), 

moderately (R2 = 0.34 and 0.31, respectively) and negatively correlated with increasing 

percentages of mesquite wood in repeated experiments (Fig 8 B and E, Appendix V). The 

percentage of wheat straw did not have any influence on yields in either experiment (Fig 8 C and 

F, Appendix V). No interaction effects between the three substrate components were detected in 

these analyses. 

 

The first and second flushes significantly (P < 0.0001) contributed to the total BE in both 

experiments, while the third flush was only significantly correlated, and a moderate predictor (P 

= 0.037 and R2 = 0.38), of the total BE in the first of two experiments (Fig 9 A & B, Appendix 

V). Significant differences based on substrate composition were only observed in the first flush 

of both experiments, and overall differences in the total BE of both experiments closely followed 

those differences (Fig 9 A and B, Appendix V). In the second experiment, yields from the first 

flush were significantly (P = 0.04) correlated with yields from the second flush, and yields from 

the second flush were significantly (P = 0.03) correlated with yields from the third flush, 

although there was no correlation between yields from the first and third flushes (Fig 9 B, 

Appendix V). No correlations between any of the three flushes were observed in the first of these 

experiments (Fig 9 A, Appendix V). Taken together, the data from the three-component yield 
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evaluations demonstrated that (1) increasing percentages of mesquite pods resulted in greater 

yields of P. ostreatus; (2) mesquite wood appeared to inhibit mushroom yields; and (3) that 

nearly all differences in yield could be observed in the first flush of production when substrates 

were composed of the three lignocellulosic materials used in this study. 

 
1.3.1.2 Two-component yield evaluations 
 
Yields of P. ostreatus grown on substrates composed only of mesquite pods and wheat straw 

were evaluated after it was found that mesquite wood might be limiting mushroom production. 

BEs were assessed from substrates containing increasing percentages of pods to see if the two-

component mixture followed the same trend as was observed from the three-component 

experiments. First flush BEs from substrates containing 0%, 20%, 40%, 60% and 80% mesquite 

pods measured 49.9%, 55.5%, 63.0%, 77.7%, and 81.1% in the first experiment (Fig 10 A, 

Appendix VI), and 63.1%, 81.0%, 69.6%, 86.2%, and 88.0% in the second experiment (Fig 10 B, 

Appendix VI), respectively. No second or third flush data were collected for these experiments 

based on the lack of significant difference between the treatment groups for those flushes in the 

three-component experiments described above. As expected, substrates at the highest 

percentages of mesquite pods resulted in significantly (P < 0.002 and P < 0.01, respectively) 

higher BEs than those at the lowest rates in both experiments (Fig 10 A and B, Appendix VI).  

 

Accordingly, there was a significant (P < 0.0001 and P = 0.013, respectively) and moderately 

supported (R2 = 0.41 and 0.22, respectively) trend of greater yields with increasing percentages 

of mesquite pods using the two-component system in repeated experiments (Fig 10 A and B, 

Appendix VI). These data confirmed the results observed from the three-component evaluations 
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regarding the effect on mushroom yields when increasing percentages of mesquite pods are used 

in the substrate. 

 
1.3.2 Nutritional analyses 
 
The data resulting from these experiments were compared to standard reference data listed for 

raw oyster mushrooms in the USDA National Nutrient Database for Standard Reference Release 

27 (USDA NDB) (http://ndb.nal.usda.gov/ndb). The average moisture content of all mushroom 

samples from duplicated experiments in this study was 92.6% ± 0.12 (data not shown), which is 

higher than the values reported by the USDA NDB (89.18% ± 0.593, N = 11). The substrate 

composition(s) used to produce the oyster mushrooms that were analyzed for the USDA NDB 

was not reported, nor were the conditions in which the mushrooms were fruited or stored before 

analysis. 

 
1.3.2.1 Protein content 
 
The average protein content of raw (wet weight) mushroom samples from all treatment groups 

was 2.87% ± 0.05 in the first experiment and 2.53% ± 0.13 in the second experiment. These data 

are slightly lower, but comparable with values for raw oyster mushrooms provided by the USDA 

NDB (3.31% ± 0.322, N = 5). No significant differences of protein content were observed 

between different treatment groups, nor were any significant trends detected, in the first of the 

duplicated experiments (Fig 11 A, Appendix VII). Protein content in mushrooms from substrates 

with an 80% composition of mesquite pods were significantly (P = 0.013 and P < 0.001, 

respectively) higher than those containing 0% or 20% pods, and mushrooms from substrates 

containing either 60% or 40% pods were significantly (P = 0.025 and P = 0.03, respectively) 

higher than those containing 20% pods in the second of these experiments (Fig 11 B, Appendix 
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VII). A significant (P < 0.001) and moderately supported (R2 = 0.37) trend showing greater 

protein content with increasing percentages of pods was found in the second of the duplicated 

experiments (Fig 13 B, Appendix VII). The maximum (4.3%) and minimum (1.55%) protein 

contents observed from individual samples in this study demonstrate a similar range (2.75%) of 

protein content values compared to those reported by the USDA NDB (max = 4.86%, min = 

2.37%, range = 2.49%).  

 
1.3.2.2 Lipid content  
 
Mushroom samples from the two-component substrate experiments were analyzed to quantify 

their lipid content and to determine if the amount of lipids in mushrooms was influenced by the 

amount of mesquite pods incorporated into the substrates that they were grown on. No 

significant differences between mushrooms from different treatment groups were observed in 

either experiment (Fig 13 A and B, Appendix VII). A significant (P < 0.01) and positive 

correlation of lipid content with increasing percentages of pods was detected in the second of the 

repeated experiments, but only 23% of the variance could be explained by the linear regression 

model used in these studies (Fig 13 B, Appendix VII). The lipid content of mushrooms from this 

duplicated experiment averaged 0.25% ± 0.02; whereas values reported for raw oyster 

mushrooms by the USDA NDB are 0.41% ± 0.062 (N = 5).  

 
1.3.2.3 Ash content 
 
The average ash content of mushrooms from the two-component experiments described above 

were measured as a proxy of the total quantity of minerals in the samples, and were assessed to 

see if these values were dependent on the composition of the substrates used to produce the 

mushrooms. Significant differences in the ash content of mushrooms from different treatment 
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groups were observed in both of the duplicated experiments; although the treatment groups with 

the greatest ash contents were inconsistent in these two experiments. Mushrooms produced from 

substrates containing 0% mesquite pods had significantly (P = 0.005, P = 0.007 and P = 0.004) 

more ash than mushrooms produced from substrates containing 40%, 60%, or 80% pods, 

respectively in the first experiment (Fig 12 A, Appendix VII). In contrast, mushrooms produced 

from substrates containing 80% mesquite pods had significantly (P = 0.002) more ash than 

mushrooms produced from substrates containing 0% pods in the second experiment (Fig 12 B, 

Appendix VII). Adding to this inconsistency, the ash content of mushrooms produced from 

substrates containing 20% mesquite pods was significantly (P < 0.001, P = 0.042 and P = 0.013) 

greater than mushrooms from substrates containing 0%, 40%, or 60% pods, respectively, in the 

second experiment (Fig 12 B, Appendix VII). 

 

A significant (P = 0.001), negative, and moderately supported (R2 = 0.33) correlation of ash 

content with increasing percentages of pods in the substrate was observed in the first experiment. 

The opposite trend was observed in the second of these experiments, although this was neither 

significant (P = 0.12) nor strongly supported (R2 = 0.09). The average ash content of all 

mushroom samples from both experiments was 0.55% ± 0.03. The average ash content of raw 

oyster mushrooms reported by the USDA NDB is 1.01% ± 0.11 (N = 5).  

 

1.4 Discussion 
 
1.4.1 Prosopis spp. pods are useful for the production of P. ostreatus 
 
The results from this work indicate that mesquite bean pods are a suitable substrate component 

for gourmet mushroom production. The biological efficiency of oyster mushrooms produced on 

substrate containing increasing percentages of mesquite pods was predictably greater than those 
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with lower percentages. Maximal production of oyster mushrooms consistently occurred at the 

highest percentages (up to 80%) of pods in both the three-component and two-component 

experiments. Mesquites pods are a much denser and compact nutrient source than cereal straws, 

which makes the benefit of including pods as a substrate material two-fold: (1) more mushrooms 

can be produced from pods than wheat straw on a gram-for-gram basis; and (2) a greater weight 

of pods can fit into any given volume compared to straw. The data from this work should prove 

to be valuable for current and future mushroom producers that have access to abundant supplies 

of Prosopis spp. products near them. 

 
1.4.2 Mesquite wood may inhibit P. ostreatus basidiocarp yields  
 
The biological efficiency of oyster mushroom production was consistently at its lowest when 

percentages of mesquite wood were at their highest. This result was unexpected as hardwoods 

(e.g. alder, poplar, oak, etc.) are used successfully as substrate materials in many gourmet 

mushroom production systems. There are several plausible explanations for the findings in this 

work: (1) the quality (e.g. age, sugar content, etc.) of mesquite wood used in this study was not 

suitable for mushroom production; (2) antifungal extractives of mesquite wood72 inhibited 

mushroom production; or (3) the wood may have already been colonized by another organism 

that produced secondary metabolites with inhibitory action against P. ostreatus. It is 

recommended that mesquite wood of known ages be tested for their usefulness as a substrate 

material for P. ostreatus and other gourmet mushroom species. Moreover, wood from other 

trees, such as the fast-growing Parkinsonia spp. (Fabaceae), commonly referred to as Palo 

Verde, should be explored for their utility in mushroom production systems. 

 
1.4.3 Percent composition of mesquite pods in P. ostreatus substrate has a limited influence on 

the nutritional quality of oyster mushrooms 
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Nutritional analyses conducted on mushrooms from the two-component (pods and straw) 

treatment groups used in this study revealed that, in general, increasing percentages of pods had 

a limited effect on the nutrient status of P. ostreatus mushrooms. The protein content of oyster 

mushrooms was unaffected in one experiment, but significantly increased in the repeat of that 

experiment, as more pods were included in the substrate mixture. The latter of these findings are 

in accordance with previous reports of a substrate-dependent relationship regarding the protein 

content of oyster mushrooms. Three research groups have found that the protein content of P. 

ostreatus mushrooms was significantly greater than mushrooms produced on cereal straws when 

soybean byproducts were used as a substrate component68-70. Dundar, Acay and Yildiz (2009) 

observed the largest differences in the protein content of mushrooms grown on soybean stalks 

out of the three studies: up to a 57.5% increase in their work compared to 21% and 16% 

increases in the others. The largest observed difference between the means of any two treatment 

groups in this study was 49.5%, close to the effect observed by Dundar, Acay and Yildiz (2009). 

However, the difference between these same two treatment groups was only 4.2% in a duplicated 

experiment. These results highlight the importance of replicating experiments and demonstrate 

that the protein content of oyster mushrooms can vary from sample to sample independent of the 

substrate material used. Moreover, environmental conditions can alter the moisture content of 

mushrooms and influence the percent composition of nutrients per fresh weight of mushrooms. 

Thus, it is advisable to evaluate protein composition of oyster mushrooms on a dry weight basis. 

 

Investigations into the lipid and ash content of mushrooms produced from substrates with 

increasing percentages of mesquite pods suggested that these properties are minimally influenced 

by the composition of the substrate materials. The ash content of mushrooms was inconsistent 
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and did not follow any predictable trend. These data here are not in accordance with those 

observed by the three studies mentioned above, each of which found that ash was significantly 

higher in mushrooms produced on soybean stalks. The lipid content of mushrooms produced on 

substrates with the highest percentage of pods was never significantly different than those 

resulting from the lowest rate of pod incorporation. The absence of an effect on the lipid content 

of mushrooms in this work is in accordance with the differentiating reports in the studies 

employing soybean stalks. Overall, the lipid and ash content data are similar to that of the protein 

content, in that all of these nutritional characteristics appear to be quite variable. 

 
1.4.4 Can gourmet mushroom production aid in the control of invasive Prosopis spp.? 
 
The heavy seed load of Prosopis spp. is one of the contributing factors to their invasiveness, and 

reducing the quantity of viable seeds may be a plausible means to limit the spread of the trees. 

Using these legumes for the production of gourmet mushrooms is one way to reduce this seed 

load. Mushroom production has proven to be a profitable business, and it is logical that profit 

margin could be increased by obtaining cheap or free substrate materials such as mesquite 

legumes. Although this practice is not likely to be effective as a sole means to control the 

invasiveness of mesquite trees, it could be considered as a viable component of a comprehensive 

management strategy to prevent the spread of new trees. 

 
1.4.5 Harnessing P. ostreatus to improve Prosopis spp. products 
 
Mesquite legumes have been used as a livestock feed source in many areas where the trees grow, 

and the inclusion rates of pods in the diet of different animals have been investigated in several 

studies with promising results. However, alkaloids from the pods have been implicated as the 

causal agents of intoxication, neuromuscular disturbances and gliosis (Tabosa et al., 2006; Silva 
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et al., 2007)73,74, a condition that is associated with several diseases of the central nervous 

system. Poisoning by mesquite pods resulted in the starvation and death of cattle in Brazil75. It 

should be investigated if the presence of these alkaloids could be reduced after the pods have 

been colonized by P. ostreatus. 

 

Göhl (1982) noted that livestock poisonings were reported when pods were consumed after 

exposure to rain76. Interestingly, it was found that aflatoxins, a set of highly carcinogenic 

mycotoxin produced by several Aspergillus spp., in mesquite legumes from the Sonoran desert 

increased significantly after rain exposure67. Aflatoxin is known to cause weight loss and death 

in livestock animals that receive contaminated feed, and it is plausible that this is what led to the 

poisoning of livestock reported by Göhl (1982). Laccase and Mn-peroxidase enzymes from P. 

ostreatus have some degradative activity toward pure aflatoxin in bench-top laboratory studies77-

79. Future work should be undertaken to address the potential of P. ostreatus to degrade aflatoxin 

in plant material that has become naturally contaminated, and perhaps more importantly, to 

investigate whether or not P. ostreatus mushrooms produced on aflatoxin-contaminated 

materials are safe for human consumption. 

 
1.4.6 Conclusion 
 
This work demonstrated the utility of Prosopis spp. pods in the production of P. ostreatus 

mushrooms and showed that some nutritional qualities of the mushrooms were either slightly 

improved or unaffected by increasing percentages of the pods. Data from this study suggest that 

mesquite wood is not well-suited for oyster mushroom production. These findings may help 

guide the decisions of gourmet mushroom producers in the Sonoran desert and elsewhere where 

mushroom cultivation and Prosopis spp. co-occur. 
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Chapter II: Evaluating the degradation of aflatoxin b1 in a naturally 
contaminated substrate by Pleurotus ostreatus using solid-state fermentation: 
potential mechanisms to salvage nutrition from aflatoxin-contaminated 
products 

 
2.1 Introduction 

2.1.1 Aflatoxin 

2.1.1.1 Overview 

Aflatoxins are highly carcinogenic secondary metabolites produced by several members of 

Aspergillus section Flavi. These mycotoxins contaminate many agriculturally important crops 

and are responsible for causing adverse health conditions in humans and other animals including 

growth retardation1-10, immune suppression10-14, hepatocellular carcinoma (HCC)15-21, and 

death22-25. Aflatoxin B1 is the most prevalent, potent, and well-studied of the aflatoxin molecules. 

Aspergillus flavus and Aspergillus parasiticus are the most important aflatoxin-producing fungi, 

both of which act as opportunistic plant pathogens with broad host ranges26. Crops in their pre-

harvest stage are most susceptible to aflatoxin contamination in warm and dry areas, and spikes 

in contamination rates are common during drought conditions, following insect damage, or as a 

result of other stresses26, 27. Aflatoxin contamination is also positively correlated with increased 

moisture availability and insect damage when these fungi are living saprotrophically28, making 

these vital factors for safe post-harvest storage conditions29, 30.   

 

Aflatoxins are tightly regulated in the U.S. and European Union (EU), and the control measures 

in these areas have minimized aflatoxin-related health issues and made the economic 

consequences of contamination the primary concern. The maximum allowable aflatoxin 

concentration in foods intended for human consumption is 20 ng g-1 (ppb) in the U.S., and 2 ng 
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g-1 of aflatoxin B1 (4 ng g-1 for total aflatoxins) in the EU. Feeds for non-dairy livestock in the 

U.S. are permitted to have aflatoxin concentrations ranging from 20-300 ng g-1 depending on the 

life stage of the animal. The maximum contamination level of feed intended for dairy animals is 

restricted to 20 ng g-1. Portions of aflatoxin B1 ingested by dairy animals are converted to 

aflatoxin M1 in the rumen and subsequently transferred into milk. As such, aflatoxin M1 in milk 

is regulated at 0.5 ng g-1 in the U.S. and 0.05 ng g-1 in the EU. The strict regulation of aflatoxins 

leads to serious economic losses for producers in developed nations because agricultural 

products exceeding the various contamination thresholds are either devalued, or in the most 

extreme cases, must be destroyed at the producer’s expense. Conservative estimates regarding 

the cost of mycotoxin regulation in the U.S range from $500 million to $1.5 billion per year 

including those associated with research, testing, insurance and losses31.  

 

Efficient regulation of mycotoxins is lacking in many developing nations where aflatoxin-related 

health problems are at their most severe. Approximately 4.5 billion people in developing nations, 

especially those in Sub-Saharan Africa, and South and Southeast Asia, are chronically exposed 

to aflatoxins in their diet32. Efforts to control aflatoxin exposure in these areas are complicated 

for several reasons: (1) the infrastructure required for aflatoxin regulation in developed countries 

is not in place in most developing nations; (2) the costs associated with testing and 

decontamination are not economically feasible for most producers; (3) the technologies required 

to test or decontaminate are often inaccessible to farmers in rural areas; and (4) many of the 

producers in high-exposure areas are subsistence farmers who rely on their products for daily 

sustenance32-34. The latter of these reasons is particularly difficult to control in a socially 

justifiable manner34. Regulation in developing countries is further complicated by the fact that 
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aflatoxin contamination levels are impossible to assess accurately on a visual basis, and 

contaminated crops may not draw suspicion if they appear to be of the same quality as 

uncontaminated crops33. Elevated exposure rates in areas with poor regulation are strongly 

correlated with increased rates of HCC15-21. HCC causes the third most cancer deaths globally, 

and 82% of these cases occur in the high exposure areas of Southeast Asia and sub-Saharan 

Africa35, 36. Furthermore, the immunosuppressive activity of aflatoxins is thought to exacerbate 

other health issues such as hepatitis B (HBV) and hepatitis C (HCV)37-40, HIV/AIDS32, 

respiratory infections41, 42 and other dietary deficiencies32, 43.  

 

2.1.1.2 Mechanisms of aflatoxin mutagenesis 

Aflatoxin B1 (AFB1) is the most carcinogenic substance that occurs naturally, and the 

mechanisms of its genotoxicity have been studied in great detail since its discovery just over five 

decades ago44-47. Lilly (1965) and Dolimpio (1968) were the first to describe chromosomal 

aberrations (i.e. breakages, gaps, deletions, and fragments) induced by aflatoxins48, 49. Several 

early studies suggested that aflatoxin may act directly on DNA (i.e. genotoxic)50-54, and work to 

elucidate the structure-activity relationships of the various aflatoxins suggested that the lactone 

ring, the 8,9 double bond in the terminal furan ring (deemed 2,3 in early work), and the 

metabolically-activated 8,9 epoxide were important for this interaction55-59. AFB1 was then 

proven to bond covalently with DNA60. The major DNA adduct was identified a few years later 

through in vitro and in vivo studies, demonstrating that AFB1 preferentially binds with guanine 

residues61, 62. Tumors from patients with HCC living in areas of high aflatoxin exposure revealed 

specific G → T transversions in the third position of codon 249 from the p53 tumor suppressor 

gene that resulted in a switch from arginine to serine in the p53 protein63-68, which supported 
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earlier findings that suggested this activity69, 70. Cytochrome P450 enzymes were shown to 

metabolically activate AFB1 to AFB1-8,9-epoxide71,72. This highly reactive intermediate form 

specifically binds to the N7 atom of deoxyguanosine to form the 8,9-dihydro-8-(N7-guanyl)-9-

hydroxyaflatoxin B1 (AFB1-N7-Gua) adduct61-62, which can then form the AFB1-

formamidopyrimidine (AFB1-FAPY) adduct following depurination under physiological 

conditions73. These adducts block the function of high-fidelity DNA polymerases, causing 

specialized translesion synthesis (TLS) polymerases to be activated by cells to bypass these 

damaged sites74. The lack of proofreading activity by TLS polymerases is what ultimately leads 

to the G → T base substitutions associated with aflatoxin-induced mutagensis74. 

 

2.1.1.3 Alternative forms of aflatoxin 

Aflatoxins that are not metabolically activated can undergo a variety of chemical transformations 

that render them less toxic. AFB1 can be hydroxylated to form aflatoxin Q1 (AFQ1)
75 or aflatoxin 

M1 (AFM1)
76. Aflatoxin B2 (AFB2) undergoes a similar transformation to form aflatoxin M2 

(AFM2)
76. Aflatoxin P1 (AFP1) is a demethylated metabolite of AFB1

77. AFB1 and AFQ1 can be 

reduced to form aflatoxicol (AFL)78, 79 or aflatoxicol H1 (AFLH1)
80; and aflatoxin M1 can be 

reduced to form aflatoxicol M1 (AFLM1)
81. Acid treatment of AFB1 or aflatoxin G1 (AFG1) leads 

to the formation of aflatoxin B2a (AFB2a) and aflatoxin G2a (AFG2a), respectively, by way of 

monohydroxylation82,83. AFB1 is the most mutagenic of all the aflatoxins followed by AFL, 

AFG1, AFM1, AFLH1, AFQ1, AFB2, AFP1, aflatoxin G2 (AFG2), AFB2a, and AFG2a
56. Aflatoxin 

D1 (AFD1) has been identified as a degradation product from the ammoniation of AFB1 and is up 

to 4 orders of magnitude less mutagenic than the compound from which it was derived84, 85.  
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2.1.1.4 Aspergillus section Flavi 

Members of Aspergillus section Flavi are ubiquitous in soils from hot arid to cool temperate 

regions. The distribution and community structure of the species and multitudinous strains in the 

group are highly complex and strongly influenced by anthropogenic activities. Delimitation of 

species in section Flavi is difficult, but at least 22 species are currently recognized, 13 of which 

are thought to be aflatoxin-producing86-89. Multiple species, and strains from the same species, 

can co-occur in the same location, and community structures are influenced by climatic 

conditions, agriculturally-dependent nutrient fluxes, and cultural practices90. The great diversity 

observed within the species of this group has been attributed to a possible parasexual or a cryptic 

sexual phase, of which the latter has recently gained traction with the description of Petromyces 

flavus, the putative teleomorph of A. flavus91, 92. However, population analyses do not suggest 

that sexual recombination events are a major contributing factor to this diversity. 

 

A. flavus is the most common species from section Flavi in terms of distribution, and it is the 

most important in economic and health-related contexts93. Distinct lineages of A. flavus occur in 

North America compared to those found in Africa and other old-world regions94, 95. Whereas the 

less prevalent A. parasiticus produces B and G toxins in new and old world locations, A. flavus 

produces B and G toxins in its old world range, but only B toxins in North America93. Vegetative 

compatibility groups have been established in several studies and demonstrate an immense 

amount of diversity amongst A. flavus strains even within extremely restricted geographic 

regions96-98. Grossly, A. flavus can be grouped into two morphotypes, the L and S strains: L 

strains are named for their formation of few large sclerotia (> 400 µm) and display a wide range 

of toxin production, whereas S strains produce many small sclerotia (< 400 µm) and produce 
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greater quantities of aflatoxin than L strains on average99. Atoxigenic strains of A. flavus, the 

majority of which are L morphotypes, are commonly found in populations with toxigenic strains 

and are known to reduce toxin production via competitive exclusion99-102. The mechanism(s) of 

competitive exclusion is not fully understood, but competition for nutrient resources103 and the 

requirement of physical contact104 have been proposed to play roles in this phenomenon. 

Regardless of the underlying mechanism, the dramatic reduction in aflatoxin concentration that 

can be achieved via competitive exclusion has garnered atoxigenic strains of A. flavus worldwide 

attention for their use as biocontrol agents105-109. 

 

As a plant pathogenic agent, A. flavus has a broad host range, but is weak and opportunistic. 

Notable diseases caused by A. flavus are an ear rot of maize, yellow mold of peanut seedlings 

(also called aflaroot), and boll rot of cotton93. Abiotic stress and insect damage are strongly 

associated with increased pathogenesis and aflatoxin production by A. flavus in all of its known 

plant hosts110-114; although the fungus is capable of entering various plants via openings in 

flowers, seeds, pods, stems or roots115-118. Opportunistic entry may partially explain the extreme 

differences of aflatoxin concentration that can be observed between independent samples taken 

within inches of each other from an individual plant26.  

 

Physical damage is rarely a concern of A. flavus infections, and knowledge of the fungus’ 

etiology is almost always aimed toward reducing aflatoxin contamination33. Methods employed 

to reduce aflatoxin contamination include selecting for resistant varieties, adjusting cultural 

practices to reduce abiotic stresses or physical damage, using pesticides or transgenic crops to 

minimize insect damage, and biocontrol via competitive exclusion93. The latter strategy has been 
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successful at reducing pre-harvest aflatoxin contamination in repeated greenhouse and field trials 

by up to 90%, and the technology offers some post-harvest protection because atoxigenic strains 

are not limited in their ability to colonize plants105-109. Commercial products taking advantage of 

atoxigenic strains are currently available and are being used to prevent aflatoxin contamination 

in several countries33,93. 

 

2.1.1.5 Biosynthesis and secretion of aflatoxin 

Elucidation of environmental conditions, genetic control, and specific steps of the biochemical 

pathways leading to the formation of aflatoxins is pivotal for the development of efficient control 

strategies, and the biosynthesis of aflatoxins has been studied extensively. Aflatoxins are 

polyketide-derived secondary metabolites that undergo complex oxidative rearrangements 

involving more than 25 steps that are controlled by approximately 30 clustered genes to form a 

difuranocumarin structure119-121. Aflatoxin production is dependent on nutrient conditions and 

can be altered by changing the pH, salinity, or using specific carbon and nitrogen sources122. 

Water activity and temperature influence aflatoxin production individually and in 

combination122. Aflatoxin yields are also strongly and positively correlated with conidiation, and 

there is some evidence that aflatoxin biosynthesis is tied to sclerotial production as both are 

regulated by veA122. Aflatoxin biosynthesis is transcriptionally activated by aflR, which encodes 

for a Gal-4-type DNA-binding protein that acts specifically on the promoter of the structural 

genes123. Several other genes located in the aflatoxin biosynthesis pathway including aflS, aflT, 

aflV (cypX), aflW (moxY), aflX (ordB), and aflY (hypA) play putative roles as transcriptional 

regulators or structural genes123. 
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Aflatoxin biosynthesis begins with a hexanoyl substrate that is acetate-derived and formed via 

addition of acetyl units by two fatty acid synthases, Fas-1 and Fas-2124-128.  Norsolorinic acid 

anthrone (NAA) is formed from iterative extensions by a type I polyketide synthase PksA129, 130. 

NAA is oxidized to form norsolorinic acid (NA) by HypC, a 17-kDa monooxygenase131. NA is 

converted to averantin (AVN) through dehydration by a reductase enzyme controlled by the nor-

1 gene132. AVN is then oxidized to 5’-hydroxyaverantin (HAVN) by a cytochrome P450 

monooxygenase encoded by avnA133. HAVN is eventually dehydrated to averufin (AVF), with 

the possibility of an intermediate step in which HAVN is converted to oxoaverantin (OAVN) or 

averufanin (AVNN) by an alcohol dehydrogenase controlled by adhA134-136. AVF is oxidized to 

versiconal hemiacetal acetate (VHA) by avfA137. VHA is acted upon by an esterase controlled by 

the estA gene to form verisconal (VAL)138. The bisfuran ring of aflatoxin is closed when VAL is 

converted to versicolorin B (VERB) by VERB synthase (vbs)139-141.  

 

The first major split in the pathway occurs at the transition from VERB to either of the two 

molecules that can be derived from it. The bisfuran ring of VERB can be desaturated to form 

versicolorin A (VERA) by verB, which ultimately leads to the formation of AFB1 and AFG1; or 

VERB can be converted via an unidentified mechanism to dimethyldihydrosterigmatocystin 

(DMDHST), which leads to the formation of AFB2 and AFG2
142-145. The AFB1 and AFG1 

counterpart to DMDHST is dimethylsterigmatocystin (DMST) which is formed via the actions of 

ver-1 and verA146-149.  

 

The reactions following the divergence in the pathway are nearly identical for both routes until 

the B and G toxins are differentiated. O-methyltransferase B acts upon DMST or DMDHST to 
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form sterigmatocystin (ST) or dihydrosterigmatocystin (DHST), respectively137, 144, 150. ST and 

DHST get converted by O-methyltransferase A to form O-methylsterigmatocystin (OMST) and 

dihydro-O-methylsterigmatocystin (DHOMST), respectively; which are the penultimate steps 

leading to the formation of AFB1 or AFG1, and AFB2 or AFG2, respectively. The final steps 

leading to the different B and G toxins are not fully elucidated, but current evidence supports the 

role of an NADPH-dependent monooxygenase controlled by ordA, and two cytochrome P450 

monooxygenases encoded by ord-1 and cypA, respectively, to perform the final reactions151-156. 

 

In-depth knowledge of the aflatoxin biosynthetic pathway has shed light on the genetic basis of 

atoxigenicity, and the evolutionary history of section Flavi. Ehrlich and Cotty (2004) pinpointed 

a nucleotide polymorphism in a polyketide synthase gene (pksA) as the cause of atoxigenicity in 

all members of the VCG that contains the commercially-relevant biocontrol strain AF36157. 

Chang, Horn, and Dorner (2005) showed that various atoxigenic strains have diverse deletion 

patterns ranging from small deletions to loss of the entire aflatoxin biosynthesis gene cluster158. 

This research group also demonstrated that all members within a VCG share identical deletion 

patterns, but that different VCGs may also share those same patterns158. The industrially 

important species A. oryzae is closely related to A. flavus but does not produce aflatoxins, which 

has been attributed to deletions in its aflatoxin gene cluster159. Geiser et al. (2000), by analyzing 

homologies in the aflatoxin gene cluster, showed that there are divergent lineages within A. 

flavus of which one group (group I) has lost the ability to synthesize G toxins and includes both 

S and L morphotypes, and that the other group (group II) can produce B and G toxins but only 

includes S morphotypes160. Intriguingly, only one isolate falling into group II has ever been 
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detected in North America, but it does not produce detectable levels of G toxins and may 

represent an intermediate form160. 

 

Investigations into the secretion of aflatoxin have not been studied as intensively as the 

biosynthetic pathway, but recent evidence supports the idea that aflatoxin is secreted via vesicle-

mediated exocytosis. The “blast” model proposed by Chanda et al. (2010) suggests that 

aflatoxigenic vesicles (aflatoxisomes), in which aflatoxins are synthesized, are released from a 

tethering complex by activation of veA, move toward and fuse to the inner surface of the plasma 

membrane, and blast aflatoxin into the extracellular space following evagination161. The blast 

model is supported by evidence from live cell microscopy and gene disruption experiments, but 

the possibility of either shuttle- or pump-mediated exocytosis cannot be ruled out at the 

moment161, 162. 

 

2.1.1.6 Decontamination of aflatoxins 

Although prevention should be the goal of any disease management or hazard control strategy, 

the ubiquity and diversity of aflatoxin-producing species all but guarantees that some level 

aflatoxin contamination will persist. Thus, detoxification technologies have been developed and 

should continue to be optimized. Decontamination strategies should seek to: (1) destroy all of the 

aflatoxins in contaminated materials; (2) kill the organism and destroy any propagules that could 

lead to further contamination; (3) leave the crop free of any toxic breakdown products or 

products that will revert to their toxic form; (4) maintain as much of the integrity and usefulness 

of the agricultural product as possible; (5) minimize negative environmental impacts; and (6) be 

economically feasible and accessible to producers in high exposure areas. Chemical, physical 
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and biological methods of decontamination are currently used or being investigated for use to 

reduce aflatoxins in food and feed. 

 

2.1.1.6.1 Chemical Decontamination of Aflatoxins 

The most effective and commonly employed decontamination technology is ammoniation. 

Ammoniation can be conducted with gaseous or liquid ammonia and its efficacy is dependent on 

temperature, pressure, moisture content of the contaminated product, and duration of the 

treatment163. Conducted under optimal conditions, ammoniation is >99% effective at destroying 

aflatoxin in naturally contaminated plant products, but can be much less effective if the process 

is not carried out properly163. The required treatment time may be only 60 minutes under high 

temperature and pressure, but can be as long as 3-6 weeks under ambient conditions164. 

Ammoniation is proposed to act by hydrolyzing and opening the lactone ring of aflatoxins, 

aminating the 11 position of the carboxyl group (this prevents the ring from recyclizing), and 

decarboxylating the resulting β-keto acid to form AFD1 and an unnamed compound that has a 

molecular weight of 206165. Cucullu et al. (1976) found that less AFD1 was produced with 

increased temperature during ammoniation treatment165. Despite the possibility of a reactive 

epoxide forming on the terminal furan ring of these degradation products, they have not been 

found to be significantly mutagenic in in vitro or in vivo experiments166-169. However, 

ammoniation has not been approved by the U.S. Federal Drug Administration (FDA) as an 

accepted mode of decontamination; perhaps due to lingering concerns about safety (anhydrous 

ammonia is highly explosive) and environmental impacts170-173, or variation in reports regarding 

the mutagenicity of AFD1
166, 170, 174. Ammoniation is also expensive, difficult to access and rarely 

used by farmers in high exposure areas where detoxification technologies are needed most. 
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Other chemical decontamination methods include treatment by ozonation (ozonolysis), sodium 

bisulfite, and calcium hydroxide, each of which present potential benefits and drawbacks 

compared to ammoniation and other technologies. Ozonation is the second most common 

chemical method used to reduce aflatoxin. This process is considered to be cheaper, safer and 

more environmentally-innocuous than ammoniation. Ozonation is thought to act upon the 

reactive epoxide-forming 8,9 double bond175. Any degradation process that exclusively targets 

the 8,9 double bond is unable to react with AFB2, AFG2, AFM2, AFB2a, or AFG2a because they 

have a single bond at that position. This makes the “2” and “2a” aflatoxins less mutagenic, but 

more resistant to degradation than AFB1 and most of the other “1” forms. The amount of AFB1 

degradation reached by ozonation is lower than that achieved via ammoniation, and residual 

mutagenicity has been observed175, 176.  

 

Sodium bisulfite is a common food additive that has some activity toward aflatoxin. Treatment 

with sodium bisulfite results in the formation of a novel compound, aflatoxin B1S, by addition of 

a sodium sulfonate group at the 15 position of aflatoxin177. Sodium bisulfite is a relatively 

inefficient degrader of aflatoxins, though, and may be better suited as a means to prevent 

accumulation of the toxins during storage conditions178. Calcium hydroxide (lime) is used in the 

Mexican traditional nixtamalization process to make tortillas from maize, and can degrade 

aflatoxin by >90% under the proper conditions179. Calcium hydroxide seems to act on the lactone 

ring, but must not add functional groups or degrade the molecule any further because 

degradation products are prone to reversion under acidic conditions and remain potent180. 
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2.1.1.6.2 Physical Decontamination of Aflatoxins 

Physical methods used to reduce aflatoxin contamination include separation of contaminated 

products, heat treatment, and sorption technologies. Aflatoxins are thermostable and attempts to 

degrade them at normal cooking temperatures have been ineffective. Aflatoxin can become 

highly concentrated in certain plant parts while being absent in others. Thus, it is possible to 

remove a significant portion of aflatoxin by separating products that are heavily colonized by 

fungi that appear to be aflatoxin producers. However, contamination levels cannot be assessed 

accurately on a visual basis, so it is nearly impossible to guarantee the removal of all aflatoxin 

from a contaminated crop26. Sorption technologies using phyllosilicate clays are the most 

promising of the physical detoxification methods for their apparent efficacy and ease of use. 

NovaSil is a commercially available sorption product that is administered dietarily to livestock 

and can reduce the formation of DNA adducts, which are used as biomarkers for aflatoxicosis181. 

NovaSil also seems to be safe for human consumption without disrupting key nutrient levels, but 

additional research is needed before its use in humans is widely-adopted181.  The binding 

mechanism(s) of clays on aflatoxin hasn’t been fully elucidated and it is possible that binding 

may be reversible under certain conditions or that the strength of bonds could vary based on the 

type of clay used182. 

 

2.1.1.6.3 Biological Decontamination of Aflatoxins 

Biological methods of decontamination present possible advantages to chemical processes: they 

are less likely to be detrimental to the environment, and are assumed to be cheaper and more 

accessible because the microorganisms used in these technologies can be maintained in culture 

indefinitely. However, biological entities are inherently variable and implementation of 
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bioremediation technologies may require specialized knowledge. As such, organisms used for 

these technologies must be carefully selected, and the protocol used to implement the technology 

should be tractable. Bacteria and fungi, as well as the enzymes that they produce, have been 

investigated for their ability to adsorb, biotransform, or biodegrade aflatoxin. Mutagenic 

potential is reduced when aflatoxins are biotransformed through metabolic processes, and many 

microorganisms secrete enzymes that catalyze similar reactions (e.g. cytochrome P450 

monooxygenases). Organisms and enzymes studied for their potential to degrade aflatoxin are 

often selected because of their capacity to degrade other recalcitrant molecules. The lactone ring 

of aflatoxins is easily hydrolyzed, and many microorganisms secrete hydrolytic enzymes that are 

likely able to open the ring structure. However, very few studies involving the biodegradation of 

aflatoxins have identified specific degradation products, whether those products revert under 

acidic conditions, or if the process is equally effective for pure aflatoxin and naturally 

contaminated products; these data are critical for an aflatoxin detoxification technology to be 

successfully implemented. 

 

Bacteria have been studied for their ability to bind and biodegrade aflatoxin. Lactic acid bacteria 

(LAB) have generated interest for the ability of their cells to bind aflatoxin183-188. However, 

binding by LAB is easily reversible and the toxins remain potent183, 186.  Supernatants and cell-

free extracts from bacteria including Flavobacterium aurantiacum, Rhodococcus erythropolis, 

Stenotrophomonas maltophilia, Myxococcus fulvus, and Bacillus subtilus have been investigated 

for their potential to degrade AFB1, and have resulted in degradation percentages ranging from 

14.3% to 84.8% after they were added to AFB1 solutions for 72 hours under varying 

conditions189-193. Interestingly, Guan et al. (2008) found that the degradation percentage of AFB1 
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achieved by S. maltophilia decreased from 72 to 90 hours, suggesting that degradation products 

may have been reverting to AFB1
191. Guan et al. (2010) later conducted the only study involving 

bacterial degradation of AFB1 that was able to identify structural characteristics of breakdown 

products; their data suggested that Myxococcus fulvus supernatant was able to open the lactone 

ring of AFB1 and potentially modify a methyl group. Cell-free extracts from a strain of 

Mycobacterium fluoranthenivorans that was isolated from polycyclic aromatic hydrocarbon 

(PAH) contaminated soil have been the most effective process using bacteria to degrade AFB1 to 

date. Two independent studies have demonstrated that M. fluoranthenivorans cell-free extracts 

can degrade AFB1 >99% within 72 hours. Cell-free extracts include intracellular solutes, so it is 

unclear if these bacteria could degrade aflatoxin in a fermentation process without being lysed. 

None of the studies using bacteria to degrade AFB1 have included experiments to test for 

reversion under acidic conditions, and all of the experiments have used pure AFB1 rather than 

naturally contaminated plant material.  

 

Fungi and fungal products have been investigated for their capacity to degrade, biotransform, 

bind, and inhibit the biosynthesis of aflatoxins. Early studies showed that several fungi were able 

to reduce AFB1 to AFL (deemed aflatoxin R0)
196-198.  An atoxigenic Aspergillus flavus strain and 

an unidentified Rhizopus sp. were found to interconvert AFB1 and AFL199. A biotransformation 

was accidentally discovered when an unknown Rhizopus sp. contaminating an Aspergillus 

culture was found to convert AFG1 to AFB3 (deemed “AF-1” and also known as parasiticol)200. It 

was later shown that several known Rhizopus spp. and other filamentous fungi could transform 

AFG1 to AFB3 after prolonged culturing201, 202. The yeast Saccharomyces cerevisiae has recently 

been researched for its ability to reduce the toxicity of contaminated food products via binding, 
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but this work has been mostly inconclusive with only moderate improvements in animal feeding 

studies and a maximum of 53% of the aflatoxin being bound203-204. Binding was also found to be 

pH dependent and it is thought to be reversible as was shown with bacteria. The above fungal-

mediated approaches provide some insight into the range of activities that fungi can have on 

aflatoxin, but are unlikely to yield any useful detoxification applications. 

 

The most promising fungal-mediated applications for reducing aflatoxins involve the use of 

ligninolytic (white-rot) fungi and the enzymes that they produce. The ligninolytic fungus, 

Armillaria tabescens, is a forest pathogen that causes root rot and also produces edible “honey” 

mushrooms. Liu et al. (1998) found that concentrated enzyme preparations from cell-free 

extracts of A. tabescens could completely degrade aflatoxin in solutions at 5,000 ng g-1 (16 µM) 

concentrations, and that treated AFB1 samples were not mutagenic205. The same study found that 

this multienzyme preparation could degrade aflatoxin in solutions of 12,500 ng g-1 (40 µM), 

25,000 ng g-1 (80 µM), 50,000 ng g-1 (160 µM), and 100,000 ng g-1 (320 µM) by 67%, 43%, 

19.5% and 7.5%, respectively, although details about the duration of the treatment were not 

included205. Extracellular concentrates from Trametest versicolor almost completely inhibited the 

biosynthesis of all aflatoxins when added to A. parasiticus cultures by disrupting the aflatoxin 

biosynthesis genes, norA and aflR206. 

 

Ligninolytic fungi that produce extraceullular laccases have been shown to be useful in reducing 

AFB1 concentrations. To identify fungi with the potential to degrade aflatoxin, Motomura et al. 

(2003) screened nineteen species including A. tabescens, T. versicolor, and several other white-

rot and brown-rot fungi by testing their ability to decolorize five dyes207. Of the fungi screened, 
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only Trametes versicolor and Pleurotus ostreatus had activity, and only P. ostreatus had strong 

activity207. The supernatant and an unidentified extracellular enzyme purified by DEAE-

sepharose and phenyl-sepharose methods each reduced the fluorescence of aflatoxin B1 

substantially in a qualitative measurement207. The lactone ring is thought to give aflatoxins their 

fluorescent properties, so the researchers attributed the loss in fluorescence to the degradation of 

the lactone structure and speculated that the enzyme responsible for the degradation was not Mn-

peroxidase (MnP) because of its large size (90 kDa) compared to a known P. ostreatus 

peroxidase (71 kDa)207. Alberts et al. (2009) screened forty-nine strains of fungi for their ability 

to degrade the recalcitrant dye, Poly R-478, and found that P. ostreatus and three other 

ligninolytic fungi were highly effective208. Supernatant from P. ostreatus and a Peniophora sp. 

displayed the highest laccase activities of the four fungi208. Unconcentrated and concentrated 

supernatant from P. ostreatus grown in liquid minimal salt medium degraded AFB1 by 35.9% 

and 76%, respectively, after incubation for 72 hours208. Pure laccase at increasing activities 

increased the degradation and decreased the mutagenicity of AFB1, with 87.34% degradation 

occurring at the highest activity level used (1 U ml-1)208.  

 

Mn-peroxidase (MnP) enzymes secreted by ligninolytic fungi are also effective at reducing AFB1 

concentrations. AFB1 was degraded by 86% after 48 hours in a solution containing 5 nkat of an 

MnP enzyme from Phanerochaete sordida209. Mutagenicity was reduced by 69.2% when treated 

with 20 nkat MnP from P. sordida209. High-resolution electrospray ionization mass spectrometry 

(HR-ESI-MS) and proton nuclear magnetic resonance (1H-NMR) spectroscopy were used to 

investigate the degradation products from this study and found that Mn-peroxidase from P. 

sordida oxidized AFB1 to AFB1-8,9-epoxide, which was hydrolyzed to AFB1-8,9-dihydrodiol209. 
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Later, a purified MnP from P. ostreatus used at an activity of 1.5 U ml-1 degraded AFB1 by 90% 

after incubation for 48 hours210. Degradation products from this study were not identified210. 

Recently, two strains of P. ostreatus were grown on rice straw spiked with different 

concentrations of AFB1. The maximum degradation reached by P. ostreatus was 91.76% when 

an initial concentration of 500 ng g-1 was used, and degradation capacity was found to increase in 

the presence of CuSO4 and several surfactants211. The percentage of degradation was found to 

decrease substantially when rice straw was spiked with AFB1 at 10,000 ng g-1 and 15,000 ng g-1, 

respectively211.  

 

There are several gaps in the literature regarding fungal-mediated approaches to degrade 

aflatoxins before they can become viable detoxification methods. Similar to the studies 

employing bacteria, none of the studies using fungal-mediated approaches have included 

experiments to test for reversion under acidic conditions. All of the experiments to date have 

used pure AFB1 in aqueous solutions rather than naturally contaminated plant material, and very 

few have examined the degradation of aflatoxins other than AFB1. Moreover, several of the more 

successful applications required the extraction and subsequent concentration or purification of 

enzymes. This process is not feasible in most high exposure areas because it is expensive and 

requires specialized knowledge and equipment. 

 

2.1.2 Pleurotus ostreatus 

2.1.2.1 Overview 

Pleurotus ostreatus (the oyster mushroom) is a ligninolytic fungus and is the second most-

cultivated mushroom in the world212. It is a gourmet mushroom that can be easily grown using a 
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diverse array of agroindustrial byproducts as substrate materials213-221. Spent substrate resulting 

from oyster mushroom production may be used as feed for several livestock animals222-229. In 

addition to its utility as a human food and animal feed source, this versatile fungus has been 

employed to remediate environmental contaminants including polycyclic aromatic hydrocarbons 

(PAHs)230-245, textile dyes231-259, pesticides and herbicides260-264, explosives265,266, endocrine 

disrupting chemicals267-269, and other organopollutants270-274. P. ostreatus has also been 

investigated for use in biofuel275, biopulping276 and biobleaching277 applications. Consortia of 

non-specific enzymes with high redox potentials such as class II peroxidases and laccases work 

in combination with mediators, carbohydrate binding molecules, and various hydrolytic enzymes 

to determine the ligninolytic potential of P. ostreatus and other wood decaying fungi. The 

enzymatic toolkit of P. ostreatus gives the fungus broad ligninolytic and cellulolytic activity. As 

such, P. ostreatus is not the preferred option for applications requiring selective lignin 

degradation (i.e. lignocellulosic conversion for biofuel), but it is a strong candidate for 

technologies requiring non-specific degradation. Furthermore, P. ostreatus is unique among 

ligninolytic fungi that are biotechnologically-relevant for its dual role as a high-quality food 

source. 

 

2.1.2.2 Oyster mushroom production and use as a food source 

P. ostreatus and other oyster mushrooms are logical choices for cultivators because they are 

relatively easy to grow and they are highly competitive with other agricultural products (see 

Chapter 1, Section 1.1.2.5 and Appendix IV). Oyster mushrooms have been cultivated on an 

expansive array of lignocellulosic agricultural byproducts and new materials are frequently being 

investigated for their ability to support production278-285. Obtaining a steady stream of cheap 
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substrate materials helps to reduce overhead, increase profitability, and has the added benefit of 

reducing waste. P. ostreatus grows preferentially on hardwoods in nature, as well as in 

cultivation settings when woody substrates are used. Other oyster mushrooms such as Pleurotus 

pulmonarius are better adapted for coniferous substrates. Oyster mushrooms are grown outdoors 

on inoculated stumps and logs that can support fruiting for several years in certain climate 

regimes. Warm and cool weather strains of mushrooms have been developed to help cultivators 

maximize their production potential depending on local conditions. The pink oyster mushroom, 

Pleurotus djamor, is a vigorous tropical species that can produce fruiting bodies at temperatures 

>35 ºC. Most oyster mushroom production takes place in controlled environment agricultural 

systems where temperature, relative humidity, and CO2 concentrations can be regulated. 

Mushrooms can be grown in diverse settings due to their extremely low light and space 

requirements. For example, an approximately 1,000 ft.2 oyster mushroom fruiting facility with a 

five-tiered production layout at the University of Arizona Controlled Environmental Agricultural 

Center supports production year round using a single incandescent light bulb and a pad and fan 

evaporative cooling system. This relatively small production facility is capable of producing 

>100 lbs of oyster mushrooms on a bi-weekly basis. 

 

Mushroom production can be achieved using a variety of techniques but several components are 

required for every production system including (1) culture maintenance, (2) spawn production, 

(3) bulk substrate preparation and inoculation, (4) substrate colonization (“spawn run”), and (5) 

fructification and harvesting. Proper culture maintenance is critical for mushroom production 

systems to maintain genetic stability and to ensure that there is enough inoculum for spawn 

production. Oyster mushroom spawn is typically produced using grain that has been soaked, 
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drained to field capacity, sterilized by autoclaving, allowed to cool, and inoculated under sterile 

conditions with mycelium from Petri dishes or liquid broths. Spawn is used to inoculate bulk 

substrates after the grain has become completely colonized (typically after 7-10 days). Substrates 

are prepared using one or several lignocellulosic materials that are moisturized to field capacity 

and either sterilized via autoclaving, or pasteurized using a variety of methods. Substrate is 

inoculated with spawn and thoroughly mixed to allow for even colonization. Substrate is allowed 

to colonize in the dark for approximately 3-4 weeks at 25-30 ºC. Fructification of fully colonized 

substrate material is induced by reducing CO2 concentrations to below 1,000 ppm, and 

maintaining relative humidity at 90-99% and temperatures at 20-25º. The first “flush” of oyster 

mushrooms is typically harvested 7-10 days after fructification is initiated. Several flushes of 

mushrooms separated by approximately 5-10 days each can be supported depending on the 

substrate composition. The first flush often produces 50-80% of the total yield and lower yields 

are expected with each subsequent flush. The spent substrate material can be composted or used 

for a variety of other purposes. 

 

The fruiting bodies of P. ostreatus, similar to other edible mushrooms, are low in fat, high in 

fiber, rich in vitamins and minerals, and present a full complement of amino acids that make the 

mushrooms a complete protein source (USDA National Nutrient Database for Standard 

Reference Release 27). The “nutraceutical” benefits of mushrooms have long been appreciated in 

the traditional medicine of many cultures, and oyster mushrooms have recently been studied for 

their anti-cancer effects286-289, hypoglycemic activity290, and anti-cholesterol potential291, 292. 

Indeed, P. ostreatus is known to produce lovastatin, one of the leading pharmaceuticals 

prescribed to lower cholesterol, in its basidiocarps293.  
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Spent substrate of oyster mushrooms has been investigated for its use as a feed for various 

livestock animals and it has been shown that the lignocellulosic materials that have been 

colonized by P. ostreatus are typically improved compared to the same non-colonized materials. 

Silanikove et al. (1988) first took note that cotton and wheat straws colonized by P. ostreatus 

contained higher percentages of crude protein and ash, but less indigestible fibers than untreated 

straws222. Wheat straw colonized by P. ostreatus contained significantly more crude protein, 

metabolizing energy, percent organic matter digestibility, and short chain fatty acids than non-

colonized wheat straw223. However, Adamović et al. (1998) found that daily weight gain of cattle 

decreased with increasing percentages of P. ostreatus spent compost in their diet and that the 

cattle refused the feed at rates greater than 17%224. In contrast to these findings, Oh et al. (2010) 

showed that replacing rice straw by up to 40% with P. ostreatus or Pleurotus eryngii spent 

substrate had no significant effect on weight gain225, and Fazaeli et al. (2002) found that weight 

gain of lactating cows significantly increased using 30% inclusion rates of P. ostreatus treated 

wheat straw compared to the same quantity of untreated wheat straw226. Milk production of the 

lactating cows was also found to increase, while the concentrations of lactose, solids, and milk 

protein all decreased in cows fed P. ostreatus-treated wheat straw226. Azevedo et al. (2009) did 

not report a significant effect when P. pulmonarius (P. sajor-caju) spent substrate was fed to 

broiler chicks227, but a more recent study found that inclusion of materials colonized by P. 

ostreatus in the diet of broiler chickens at 10 g kg-1 increased their body mass by 57% and 28% 

at 21 and 42 days, respectively228. Interestingly, Yogeswari et al. (2012) found that including 

powdered P. pulmonarius (P. sajor-caju) in the diets of broiler chickens that were given feed 

contaminated with 1,000 ng g-1 aflatoxin provided a dose dependent hepatoprotective effect229. 
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2.1.2.3 Ligninolysis 

Lignin is the second most abundant carbohydrate on Earth294. The abundance of lignin is only 

exceeded by cellulose, making lignocellulosic materials the largest feedstock of renewable 

resources295. As a major constituent of plants’ secondary cell walls, lignin plays important roles 

in water conductivity and protection against plant pathogens and insect invaders296. Lignin is a 

large, complex and hydrophobic molecule that cross-links with cellulose and hemicellulose to 

provide the structural support required for plants to grow vertically296. These characteristics 

make lignin one the most recalcitrant compounds to degrade. Select basidiomycete fungi are 

among the rare organisms that can degrade lignin by employing diverse consortia of phenol-

oxidizing enzymes297,298. Intriguingly, similar enzymes were employed by plants to biosynthesize 

lignin 150-200 million years before fungi developed the tools to degrade it. This lag time 

included the Carboniferous period, during which vast stores of preserved lignin gave rise to coal 

reserves299. 

 

Wood decaying fungi have historically been categorized as “white-rot” or “brown-rot” based on 

their ability or inability to degrade lignin, respectively; but increased insight regarding the 

diversity of strategies employed by fungi to decay wood has proven that this scheme is 

unsatisfactory300, 301. Wood-decaying fungi that are unable to directly degrade lignin do not 

possess any class II peroxidases such as lignin peroxidases (LiPs), Mn-dependent peroxidases 

(MnPs), and versatile peroxidases (VPs)299, 300. Most fungi that can directly degrade lignin 

possess one or several versions of these peroxidases and laccases. However, some fungi do not 

carry peroxidases or laccases, but have increased copies of lytic polysaccharide monooxygenases 
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(LPMOs) and are capable of depolymerizing lignin300. The model ligninolytic fungus, 

Phanerochaete chyrsosporium, possesses LiPs but not laccases302; P. ostreatus has laccases and 

other class II peroxidases but not LiPs; and Botryobasidium botryosum has neither laccases nor 

any class II peroxidases but is thought to degrade lignin via an expansive set of LPMOs300. 

 

The precise mechanisms of ligninolysis in nature are difficult to discern both due to the 

complexity of lignin molecules and the diverse strategies that fungi use to degrade the obstinate 

polymer. Lignins in different wood types (i.e. softwoods and hardwoods) are composed of 

unique sets of guaiacyl (G), and syringyl (S) units coupled together by at least six bond types to 

form large multimeric structures303. The primary cell wall components that lignin is linked with 

must be degraded with various cellulolytic enzymes to gain access to different portions of the 

molecule. Ligninolytic enzymes are too large to directly contact the lignin molecule in planta 

and require various mediators to shuttle electrons303,304. Also, individual lignin-degrading fungi 

have varying levels of substrate specificity, lignin selectivity, and possess unique sets of 

enzymes that are differentially induced and have widely different activity maxima305-309. The 

increased availability of fungal genomes has helped to shed light on these differences and 

subsequent work should provide further insight regarding the specific mechanisms of 

ligninolysis by individual fungi on different natural substrates. 

 

P. ostreatus possesses ten laccases sensu stricto310, six MnPs306, and three VPs306 that are 

thought to be important for the fungus’ ability to degrade lignin and have become relevant for 

multiple biotechnological applications. Additionally, the fungus has four dye-decolorizing 

peroxidases (DyPs) and 3 heme-thiolate peroxidases306, of which the DyPs have generated 
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interest for the remediation of wastewater effluent. MnPs are heme-peroxidases that require a 

peroxide intermediate to oxidize Mn2+ to Mn3+, the latter of which diffuses to attack bonds in 

lignin or other compounds311. VPs act similarly to LiPs, both of which require peroxide 

intermediates, but VPs can oxidize Mn2+, phenols, or veratryl alcohol (the substrate of LiP)312. 

Laccases are multi-copper oxidoreductases that reduce O2 to H2O by coupling the reaction to 

four single-electron oxidations of phenolic and non-phenolic substrates, of which the latter 

substrate type requires one of several mediator systems303, 311, 313. MnPs and VPs have higher 

redox potentials than laccases, but are dependent on other enzymes to constantly generate 

peroxides that can have adverse effects for certain applications. The fact that laccase doesn’t 

require a peroxide intermediate, and the reactions that they catalyse result in an H2O end product, 

make this enzyme well-suited for green chemistry and bioremediation applications315. 

 

2.1.2.4 Solid-state fermentation 

Solid-state fermentation (SSF) is a process by which an organism is grown on a natural (i.e. 

lignocellulosic) or synthetic matrix of solid materials with minimal free water. SSF systems are 

designed to approximate the terrestrial environments that most fungi are adapted to316. In 

general, SSF is thought to render a greater quantity of enzymes and other secondary metabolites 

at less cost than those produced in submerged fermentation systems (SmF)317, 318. Indeed, 

ligninolytic enzymes produced by P. ostreatus are induced by lignocellulosic materials310 and 

their activities are less variable when they are produced by SSF systems308. However, SmF 

systems are used more often to produce enzymes for biotechnological purposes for two primary 

reasons: (1) SmF systems are easier to scale-up because heat and radical oxygen gradients are 

more easily controlled in large vats of liquid media than large quantities of lignocellulosic 
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materials; and (2) enzymes can be extracted more readily from liquid than they can from SSF 

substrates. Mushroom production takes advantage of SSF and is not limited by these two factors 

because typical production schemes use relatively small units of lignocellulosic materials and the 

enzymes are used in situ to convert lignocellulosic biomass into fungal biomass that ultimately 

supports the formation of fruiting bodies. Moreover, it is probable that ligninolytic enzymes 

produced in SSF systems are subsequently degraded by proteases and their components reused as 

has been described for feedback loops of soil enzymes319, 320 

 

2.1.3 Study motivation 

Only one previous study has investigated aflatoxin translocation from contaminated substrates to 

mushrooms321. Mattoni et al. (1972) spiked substrates used for the production of Agaricus 

mushrooms and did not detect any aflatoxin in the fruiting bodies. However, this study used very 

low concentrations of aflatoxin (7.5-22.5 ng g-1), most of which was found to be degraded 

following the microbially-driven composting process that is commonly used for Agaricus 

production. Importantly, oyster mushrooms and almost all other gourmet species are not 

coprophilous and their production requires the use of sterilized or pasteurized substrates that 

have not been composted. Thus, any aflatoxin in contaminated substrate materials used for 

gourmet mushroom production will persist through heat treatments and remain in the substrate. 

Long-distance trafficking by fungi is a well-established phenomenon322-327 and P. ostreatus has 

specifically been shown to rapidly translocate organic and inorganic materials328 and 

bioaccumulate several heavy metals in their basidiocarps329, 330. 
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The present study resulted from previous work showing that yields were improved by including 

Prosopis spp. pods in substrates for mushroom production; and the understanding that these pods 

are highly susceptible to aflatoxin contamination28. Two primary questions arose concerning the 

use of pods as a substrate for oyster mushroom production: (1) are oyster mushrooms cultivated 

on aflatoxin-contaminated materials safe for human consumption i.e. is aflatoxin detected in the 

fruiting bodies? (2) To what extent is aflatoxin degraded by P. ostreatus in the substrate matrix? 

The second question prompted investigations as to whether the extent of degradation was 

dependent on the genotype of P. ostreatus or the initial concentration of aflatoxin contamination; 

what extent breakdown products might revert under simulated conditions of the human stomach 

(i.e. pH 2 and 37 ºC); and how mutagenic the degradation products are after treatment with P. 

ostreatus. This bioremediation strategy was viewed as a potential “two birds, one stone” 

approach to salvage some of the nutritive value of crops contaminated with aflatoxin for human 

consumption, as well as reduce the toxicity of contaminated materials to an acceptable level for 

use as livestock fodder.  

 

2.2 Materials & Methods 

2.2.1 Culture and propagation material 

P. ostreatus var. columbinus (“Blue Oyster”) and P. ostreatus (“Pearl Oyster”) were obtained 

from Fungi Perfecti, LLC (Olympia, WA); and P. ostreatus (N001) was obtained from the 

Spanish Type Culture Collection (CECT; Paterna, Spain) for use in this study. All three 

genotypes are commercial and dikaryotic.  All cultures were maintained in water vouchers at 4 

ºC until required for experiments. Cultures were grown out on malt yeast peptone agar (MYPA) 

consisting of 7 g L-1 malt extract, 0.5 g L-1 yeast extract, 1 g L-1 peptone and 15 g L-1 agar at 
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room temperature (~23 ºC) for 10 days in 100 mm x 15 mm Petri dishes before use for substrate 

inoculation. All media reagents used were Difco brand (Becton, Dickinson and Company, 

Franklin Lakes, NJ). A. flavus (AF13) was kindly provided by Dr. Peter Cotty, USDA-ARS, 

School of Plant Sciences, University of Arizona. AF13 was grown for spore production on 5-2 

Agar331 consisting of 20 g L-1 Bacto™ agar (Becton, Dickinson and Company, Franklin Lakes, 

NJ) and 50 ml L-1 V8™ Juice (CSC Brands, L.P., Camden, NJ) adjusted to pH 6.0 for 7 days at 

31 ºC. Conidia were harvested from AF13 cultures after 7 days of growth with moistened sterile 

swabs, dispensed into sterile water, enumerated with an Orbeco Hellige TB300 IR Turbidimeter 

(Orbeco Hellige Inc., Sarasota, FL), diluted to 1.5 10  conidia ml-1, and used on the same day 

to inoculate maize for aflatoxin production. Two 50 lb. bags of Nature’s Match™ whole corn 

(maize) (Land O’ Lakes Purina Feed LLC, Shoreview, Minnesota) were purchased from a local 

feed store. Maize was homogenized with a modified cement mixer and stored at room 

temperature in a 30 gallon container. Three 50 g subsamples of maize were taken to establish 

baseline levels of aflatoxin contamination (see section 2.2.3), and found to have < 5 ppb 

aflatoxins. Baseline moisture content (MC) was measured using a Mettler Toledo HB43 Halogen 

Moisture Analyzer (moisture balance) (Mettler-Toledo International Inc., Columbus, OH).  

 

2.2.2 Aflatoxin production 

Maize was added to 15 quart size mason jars at 150 g jar-1, and adjusted to 20% MC by adding 

DI H2O and placing the jars (fitted with a 4.25” diameter PVC sleeve) on a 9 Deck Wheaton® 

Modular Cell Production Roller Apparatus (bottle roller) (Wheaton Industries Inc., Millville, NJ) 

overnight. Maize at 20% MC was autoclaved for 60 minutes at 121 ºC and 15 psi, and allowed to 

cool to room temperature. The sterilized maize was inoculated with 105 conidia g-1 by addition of 
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1 ml of 1.5 10  conidia ml-1 spore suspension, and brought to 30% MC by addition of sterile 

DI H2O and placed on the bottle roller for 6 hours to evenly distribute conidia and moisture.  

Inoculated jars were fitted with pre-sterilized lids containing seven ½” holes, synthetic filter 

discs, and threaded rings, in that order, and incubated at 31 ºC for 7 days with jars tilted just 

above a horizontal position. Jars were removed from the incubator after 7 days and autoclaved 

for 30 minutes at 121 ºC and 15 psi to kill the AF13 culture. Autoclaved jars were allowed to 

equilibrate to room temperature in a chemical fume hood. Lids were removed from jars and each 

jar was fitted with 4 layers of Kimwipes (Kimberly-Clark Worldwide, Inc., Roswell, GA) held in 

place by rubber bands. These jars were placed in a horizontal airflow oven (VWR International 

LLC, Radnor, PA) set at 45 ºC for 7 days until the aflatoxin-contaminated maize was dried to 

completeness. Aflatoxin contaminated maize was homogenized using a Bunn® G3 Coffee Mill 

(Bunn, Springfield, Illinois) in a chemical fume hood, quantitated (see section 2.2.3), and stored 

at -20 ºC until use for substrate preparation.  

 

2.2.3 Aflatoxin quantitation 

2.2.3.1 Lateral flow immunochromatography 

Baseline aflatoxin levels of maize  and 10x concentrated basidiocarp samples were quantitated 

using the Neogen® Reveal® Q+  test kit and AccuScan Pro Reader (Neogen Corp., Lansing, MI) 

per manufacturer instructions. Briefly, a 1:5 w/v ratio of ground sample (10 g for maize and 1 g 

for basidiocarps) to 65% EtOH was shaken vigorously, allowed to settle, and filtered through 

Whatman No. 1 filter paper. 100 µl of sample extract was added to 500 µl of sample diluent in a 

sample cup; the test strip was placed in the sample cup and allowed to develop for 6 minutes; the 

developed test strip was immediately placed in the cartridge; and the cartridge with test strip 
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were immediately placed in the reader for quantitation. Readings for samples that were 

concentrated by 10x were divided by 10 to obtain the aflatoxin concentration. Note that the 

manufacturer reports that this method has minimum and maximum thresholds of 2 and 150 ppb, 

respectively, but the Grain Inspection, Packers and Stockyards Administration (GIPSA) has 

determined that this method is accurate to a minimum threshold of 5 ppb. Aflatoxin 

concentrations determined to be under 5 ppb are reported as < 5 ppb per GIPSA standards for 

this work. 

 

A subset of basidiocarp samples from treatment groups containing the greatest concentration of 

AFB1 (2,500 ng g-1) used in this study, in addition to control basidiocarp samples, were 

concentrated 10x (see section 2.2.3.3) and re-quantitated via lateral flow 

immunochromatography. The immunochromatographic assay was chosen because of excess 

noise observed in all 100x concentrated basidiocarp samples measured fluorometrically, 

presumably due to increased lipids or other basidiocarp-specific compounds. 

 

2.2.3.2 Thin layer chromatography and fluorometric measurement 

Aflatoxin was quantified following thin layer chromatography (TLC) via fluorometric 

measurement with a CAMAG TLC Scanner 3 densitometer (CAMAG Scientific, Inc., 

Wilmington, NC)332, 333. Aflatoxins from 10 g dried maize and substrate samples were extracted 

with 50 ml of 70% MeOH in an Eberbach blender for 15 seconds each. Samples were kept in the 

dark and allowed to settle before spotting onto TLC plates. Aflatoxins from 1 g dried basidiocarp 

samples were extracted with 5 ml of 70% MeOH for approximately 24 hours in the dark on an 

orbital shaker set at 150 RPM. 4 µl of each extract and an analytical standard aflatoxin mix 
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(Supelco 46300-U; Sigma-Aldrich Corp., St. Louis, MO) were spotted in duplicate onto Merck 

TLC Silica gel 60G F254 20 x 20 cm glassplates (EMD Millipore, Billerica, MA). TLC plates 

were developed in 96:3:1 ether:MeOH:H2O, allowed to evaporate in a chemical fume hood, 

quickly checked for presence/absence of aflatoxins, and quantitated by fluorometric 

measurement at 365 nm wavelength. Limits of detection for this method were established using a 

½ log dilution series of AFB1 (Sigma-Aldrich Corp., St. Louis, MO) and the lower limit of 

detection was found to be approximately 250 ng g-1 using automatic detection settings (i.e. no 

manual readings of apparent peaks) for the parameters of this study. All maize and substrate 

samples that fell below the established detection limit were concentrated 100x (see section 

2.2.3.3) and re-quantitated fluorometrically.  

 

2.2.3.3 Liquid-liquid extraction and concentration 

When aflatoxins were undetectable or detectable but under the established lower limit of 

detection, liquid-liquid extraction of samples were performed and subsequently concentrated. 50 

ml of filtrate from the maize and substrate extraction procedure outlined in section 2.2.3.2 and 

100 ml of purified DI water were added to a separatory funnel fitted with a stopcock. 25 ml of 

methylene chloride (Fisher Scientific, Waltham, MA) was added to the separatory funnel in a 

chemical fume hood and gently shaken and intermittently vented. The phases were allowed to 

separate and the organic phase was passed through 20 g of Tracepure® anhydrous sodium sulfate 

(EMD Millipore, Billerica, MA) held in a fluted Whatman No. 1 filter paper to remove any 

residual water and collected in a beaker. Another 25 ml of methylene chloride was added and the 

process was repeated until the second organic phase was collected in the beaker. The anhydrous 

sodium sulfate and filter paper were washed with approximately 5 ml of methylene chloride to 
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ensure all aflatoxins were collected in the beaker. The same procedure was followed for 

basidiocarp samples except that an additional 45 ml of 70% MeOH was added to the existing 

sample so that a total of 50 ml was used for extraction following the same extraction procedure 

for basidiocarps as outlined in section 2.2.3.2; and this filtrate was used for the liquid-liquid 

extraction.  All samples were allowed to evaporate in the dark in a chemical fume hood until they 

could be transferred to smaller vials (beakers were washed twice with methylene chloride to 

ensure that all aflatoxins were collected in the vials). The samples in the vials were allowed to 

evaporate to completeness in the dark in a chemical fume hood. Each maize and substrate sample 

was re-dissolved in 500 µl methylene chloride upon quantitation per the procedure outlined in 

section 2.2.3.2. Basidiocarp samples were re-dissolved in 5 ml 65% EtOH and quantitated per 

the procedure outlined in 2.2.3.1. 

 

2.2.4 Substrate preparation 

Maize that was uncontaminated (< 5 ppb) or contaminated (25, 250, or 2500 ppb) with aflatoxin 

was used as a control or as substrate material for the growth and fructification of three genotypes 

of P. ostreatus. The contaminated maize was mixed with uncontaminated maize (assumed to be 

0 ppb for calculations) to yield a total of 100 g of maize for each treatment with aflatoxin 

concentrations of 25, 250, and 2500 ng g-1, respectively. Control samples of 100 g 

uncontaminated maize (deemed 0 ppb for tables and figures herein) were also prepared. All 

substrates were added into pint size mason jars, and adjusted to approximately 45% MC by 

adding DI water and placing the jars on a bottle roller overnight. All contents of the jars were 

transferred to 4” x 3” x 18” high density polypropylene bags containing a 0.5 µm filter patch, 

fitted with a piece of cotton in the opening of the bag, closed with twist-ties, and autoclaved for 
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90 minutes at 31 ºC and 15 psi. All bags were allowed to equilibrate to room temperature and 

either mock inoculated with ten 6 mm diameter sterile agar plugs or inoculated with ten 6 mm 

agar plugs of N001, Pearl, or Blue genotypes, respectively, under sterile conditions. Thus, there 

were 16 treatment groups including positive and negative controls (see Table 3, Appendix VIII). 

5 biological replicates were used for each treatment group (N = 80). An additional 20 bags 

containing uncontaminated maize, with 5 bags each that were either mock inoculated, or 

inoculated with one of the three P. ostreatus genotypes, were prepared and used for moisture 

content analyses, and spike and recovery tests throughout this study. All experiments were 

duplicated. 

  

2.2.5 Colonization and fructification 

All replicates from all treatment groups were incubated at 25 ºC for 21 days, and subsequently 

placed in a fruiting chamber for up to 25 days at 90-99% RH, < 600 ppm CO2, and room 

temperature until basidiocarps were ready for harvest (see Chapter 1, section 1.2.4.2). All 

replicates from all treatment groups were randomly placed for the colonization and fructification 

phases. Colonization rates were tracked using a colonization score chart ranging from 0-6 for 

colonization percentages of < 1, 1-10, 11-25, 26-75, 76-90, 91-99, and > 99%, respectively (see 

Table 4, Appendix VIII). All bags that were inoculated with one of the P. ostreatus genotypes 

were sliced upon being placed in the fruiting chamber. Bags that were mock inoculated were not 

sliced to prevent contamination, but were kept in the fruiting chamber until after all basidiocarps 

were harvested. Days until harvest (DUH) were tracked based on the number of days post slicing 

required before harvesting to assess if basidiocarp formation was inhibited by aflatoxin or other 

A. flavus products. Fresh weights of basidiocarps were measured immediately after being 
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harvested and data were expressed as biological efficiency based on Eq. 2 in Appendix I. All 

samples including basidiocarps, and inoculated and mock inoculated substrates, were stored in 

sealable plastic bags at -20 ºC until they were removed to be dried to completeness at 45 ºC. The 

dried samples were again stored at -20 ºC until analyzed. Note that several samples from the first 

of two experiments were not properly vented for 3 days due to an attempt to minimize potential 

aflatoxin exposure, and required additional time to completely dry after the problem was 

recognized. Whereas the oven described in section 2.2.2 was used to dry samples from the first 

of two experiments, a VWR 1410 vacuum oven (VWR International LLC, Radnor, PA) set at 45 

ºC and -10 kPa was placed in a chemical fume and used to dry samples from the second 

experiment.  

 

2.2.6 Acid reversion assay 

A subset of substrate samples from treatment groups containing the greatest concentration of 

AFB1 used in this study, in addition to uncontaminated control substrate samples, were subjected 

to conditions approximating physiological conditions of the human stomach, and re-quantitated 

fluorometrically (see section 2.2.3.2) to assess the extent of chemical reversion to AFB1. A 

modified version of the procedure used by Weng et al. (1994) was used for this assay, whereby 

20 ml of 0.2 M HCl was added to each ground 10 g substrate sample in sterile soil dilution 

bottles and maintained at 37 ºC for two hours in a water bath163. Samples were dried in the dark 

for 48 hours at 45 ºC and -10 kPa in a vacuum oven placed in a chemical fume hood. All samples 

were extracted per the procedure outlined in section 2.2.3.2 except that samples were already 

ground with a Retsch GM100 Grindomix knife mill (Verder Scientific, Haan, Germany) and 

were vortexed for 15 seconds each rather being blended with an Eberbach blender. All samples 
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except for uninoculated negative control samples with an initial high aflatoxin concentration 

(these samples did not need to be concentrated for detection) were concentrated 100x per the 

procedure outlined in section 2.2.3.3 and quantitated fluorometrically. Data were expressed as 

percent degradation relative to control samples before and after being subjected to acid reversion. 

 

2.2.7 Salmonella typhimurium (Ames) mutagenicity assay 

The plate-incorporation version of the Salmonella mutagenicity assay with metabolic activation 

was used as a proxy to measure the carcinogenicity of degradation products resulting from 

treatment with P. ostreatus334-336. The Salmonella typhimurium tester strain TA1535 (Molecular 

Toxicology Inc., Boone, NC) was used in this study because it has a -G-G-G- DNA target and is 

susceptible to base substitutions such as those that aflatoxin B1 specifically induces337, 70. Vogel-

Bonner salts (VB salts) medium E (50x) containing 10 g L-1 MgSO4·H2O; 100 g L-1 citric acid 

monohydrate; 500 g L-1 anhydrous, dibasic K2HPO4; and 175 g L-1 Na2NH2PO4·4H2O was 

purchased from Moltox (Molecular Toxicology Inc., Boone, NC) for use in glucose minimal agar 

(GM agar) plates. Glucose solution (10% v/v) was prepared using 100 g L-1 dextrose. GM agar 

was used a bottom agar in 100 x 15 mm Petri dishes and contained 15 g L-1 agar; 20 ml L-1 50x 

VB salts; and 50 ml 10% v/v glucose solution. GM agar requires that water and agar are 

autoclaved together, but that the other components are autoclaved independently and all 

components are added together once solutions are cooled to 65 ºC, and swirled thoroughly prior 

to dispensing 20 ml GM agar per plate. A 0.5 mM histidine/biotin solution was prepared 

containing 124 mg L-1 ᴅ-Biotin and 96 mg L-1 ʟ-histidine·HCl for use in a top agar. Top agar was 

prepared containing 6 g L-1 agar, 6 g L-1 NaCl, and 100 ml L-1 0.5 mM histidine/biotin solution. 

Top agar was melted and kept molten at 48 ºC throughout procedure. Nutrient broth was 
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prepared using 25 g L-1 Thermo Scientific™ Oxoid™ nutrient broth #2 (Thermo Fisher 

Scientific, Waltham, MA)  for growing the tester strain overnight to a titer of approximately 109 

cells ml-1 as determined by an OD600 reading of approximately 2.0. Mutazyme™ 10% S-9 

metabolic activation mix (Molecular Toxicology Inc., Boone, NC) was reconstituted with sterile 

cold water upon use per manufacturer instructions.  

 

The procedure entailed adding 500 µl S-9 mix, 100 µl of 10x concentrated substrate filtrate 

dissolved in 70% MeOH, and 100 µl of 109 cell ml-1 TA1535 into molten top agar, quickly 

vortexing, adding the mixture evenly to the GM bottom agar, and letting solidify. A subset of 

substrate samples from P. ostreatus treated and mock inoculated groups containing the greatest 

concentration of AFB1 (2,500 ng g-1) used in the degradation experiments, in addition to 

uncontaminated control substrate samples, were used for this assay. A ½ log serial dilution of 

pure AFB1 in 70% MeOH ranging from 10,000 ng g-1 to 10 ng g-1 was used as a reference. 

Controls containing only 70% MeOH and S-9 metabolic mix without aflatoxin were also used. 

Samples from both runs of the duplicated degradation experiment were assayed concurrently and 

compared to a single set of control samples. Three biological and three technical replicates were 

used for every treatment and control group. Colonies were enumerated using OpenCFU 

software338. Data were expressed as the number of revertant colony forming units (CFUs). 

 

2.2.8 Safety and cross-contamination considerations 

Aflatoxin is extremely toxic and should be handled with care for the protection of one’s self and 

others working in the same environment. As such, aflatoxin was only worked with in a chemical 

fume hood or biological safety cabinet II, and with the proper personal protective equipment. All 
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materials that did or could have come in contact with aflatoxin were either submerged in, or 

surface sterilized with, a ≥ 10% bleach solution for ≥ 20 minutes without exception. Gloves were 

also changed, and tools such as scalpels used to slice substrate bags were bleached and rinsed, 

between samples to avoid cross contamination.  

 

2.2.9 Data analyses 

Normality of data was assessed using the Shapiro-Wilk goodness-of-fit test. One-way anaylsis of 

variance (ANOVA) tests were conducted for colonization rate, yield, degradation percentage, 

and acid reversion data. If significant differences were detected by ANOVA at the 95% 

confidence level, paired t-tests were performed to compare the means of data, and connecting 

letter reports were generated based on the results of these tests. Means that showed significant 

difference by the paired t-tests alone were not considered to be truly significant.  Outliers were 

assessed by the T2, Mahalanobis, and Jackknife distances methods, and were only considered to 

be true outliers if they were outliers by all three of these methods. All statistical analyses were 

conducted using JMP Statistical Discovery Software v10.0 (SAS, Cary, NC). 

 

2.3 Results 

2.3.1 P. ostreatus vegetative growth is not inhibited in the presence of aflatoxin 

Examining 16 different genotype-AFB1 concentration combinations, there were some 

differences in the colonization rates of substrates, but no consistent trend was observed based on 

contamination rates or P. ostreatus genotype (Fig. 14 A and B, Appendix IX). For example, the 

average slope (m) of N001 growing on uncontaminated substrates was greater than N001 

growing on 2500 ng g-1 AFB1-contaminated maize in the first experiment, but equivalent in the 
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second experiment; whereas Blue oyster colonized 2500 ng g-1 AFB1-contaminated maize 

significantly faster than the same genotype on uncontaminated maize in the second experiment, 

but was equivalent in the first (Fig. 14 A and B, Appendix IX). The vegetative mycelia of P. 

ostreatus appeared tighter and denser with less aerial mycelium on substrates containing 2500 ng 

g-1 AFB1 compared to uncontaminated maize, which consistently resulted in mycelial growth 

that appeared to be more fluffy and spread more sparsely across larger areas of the substrate (Fig 

15, Appendix IX). This phenotypic variation did not correlate with differences in the overall 

colonization rate, although some of the replicates growing on highly contaminated maize did 

seem delayed in their first few days of growth (Fig 15, Appendix IX). Neither AFB1 

concentration nor P. ostreatus genotype significantly affected colonization rates when data from 

individual treatment groups were analyzed together in terms of AFB1 concentration or genotype 

(Fig. 16 A, B, C and D, Appendix IX). Accordingly, the mean number of days post inoculation 

(dpi) required for complete (>99%) colonization of substrate materials differed between some 

genotype-AFB1 concentration combinations (Fig 17 A and B, Appendix IX), but was statistically 

equivalent between all genotypes and concentrations of AFB1-contaminated and uncontaminated 

substrate materials when grouped together (Fig 18 A, B, C and D, Appendix IX).  

 

2.3.2 Yield characteristics of P. ostreatus cultivated on aflatoxin-contaminated maize 

N001 grown on 2500 ng g-1 AFB1-contaminated maize required fewer days until harvest (DUH) 

than the same genotype growing on uncontaminated maize in repeated experiments (Fig 19 A 

and B, Appendix X). There was little difference in DUH required for Pearl and Blue genotypes 

across the different concentrations of AFB1 (Fig 19 A and B, Appendix X). AFB1 concentration 

alone did not explain the variation in DUH (Fig 20 A and B, Appendix X). The genotype of P. 
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ostreatus was responsible for differences in DUH, but the directionality of these differences was 

not consistent across repeated experiments (Fig 20 C and D, Appendix X). Similar to 

colonization rates, biological efficiencies (BEs) of some genotype-AFB1 concentration 

combinations differed from others, but trends were not consistent in repeated experiments (Fig 

21, Appendix X). The BE of P. ostreatus was greater when grown on 2500 ng g-1 AFB1-

contaminated maize compared to substrates contaminated at 250 ng g-1, but equivalent to 

uncontaminated and 25 ng g-1 AFB1-contaminated substrates in the first of two experiments (Fig 

22 A, Appendix X). However, no aflatoxin contamination-dependent differences of BE were 

observed in the duplicated experiment (Fig 22 B, Appendix X). N001 and Pearl had significantly 

better BEs than Blue in the first experiment (Fig 22 C, Appendix X), but all genotypes had 

equivalent BEs in the second run of the experiment (Fig 22 D, Appendix X). No deformation of 

P. ostreatus basidiocarps was observed (Fig 23, Appendix X). Importantly, concentrated (10x 

and/or 100x) extracts from all mushrooms were below the detection limits for aflatoxins used in 

this study (data not shown) (see sections 2.2.3.1 and 2.2.3.2). 

 

2.3.3 P. ostreatus degrades aflatoxin B1 in naturally contaminated maize 

P. ostreatus significantly degraded aflatoxin in nearly all genotype-AFB1 concentration 

combinations (Fig 24 A and B, Appendix XI). Only N001 at 25 ng g-1 in the first experiment (Fig 

24 A, Appendix XI), and Pearl at 250 ng g-1 in the repeated experiment (Fig 24 B, Appendix XI), 

did not demonstrate significant AFB1 degradation compared to control samples (note that AFB1 

was naturally attenuated in all control samples over the approximately 6 week study period). The 

Blue genotype was the most consistent at degrading AFB1 across different concentrations in 

repeated experiments (Fig 25 C and D, Appendix XI), and treatment with Blue resulted in >90% 
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degradation in samples that started at 2500 ng g-1 (Fig 24 A and B, Appendix XI). N001 and 

Pearl were less consistent degraders than Blue, but these genotypes still degraded AFB1 in maize 

that had an initial concentration of 2500 ng g-1 by >80% in both experiments (Fig 24 A and B, 

Appendix XI). In general, AFB1 was degraded more effectively and consistently in samples that 

had the greatest initial aflatoxin concentration (Fig 25 A and B, Appendix XI). For instance, 

AFB1 in samples that started at 2500 ng g-1 was degraded by 91.5% and 87.6%, and degradation 

ranged from 89.8% to 96.1% and 76.1% to 96.2%, in the first and second experiment, 

respectively (Fig 25 A and B, Appendix XI). Whereas, AFB1 from samples that started at 25 ng 

g-1 was degraded by an average of 61.0% and 80.8%, and ranged from -6.4% (i.e. more AFB1 

was recovered from a single treated sample compared to the control sample) to 100% and 44.9% 

to 100%, in the first and second experiment, respectively (Fig 25 A and B, Appendix XI). Taking 

weighted averages, total AFB1 was degraded 89% compared to control samples and 95% 

compared to the initial AFB1 concentration in the first experiment, and 84% compared to control 

samples and 94% compared to the initial AFB1 concentration in the second experiment (data not 

shown). In raw numbers, the weighted average (i.e. if all AFB1-contaminated maize samples 

were homogenized) of the initial AFB1 concentration was 925 ng g-1 in each experiment, which 

was reduced to weighted averages of 46 ng g-1 and 52 ng g-1 in the first and second experiment, 

respectively. 

 

2.3.4 AFB1 reverts minimally 

Significant reversion of AFB1 under acidic conditions at 37 ºC only occurred for degradation 

products resulting from treatment with N001, and only in the first of two experiments (Fig 26 A, 

Appendix XII). In this case, the average degradation percentage resulting from treatment with 
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N001 fell from 91.5% to 80.8% (Fig 26 A, Appendix XII). Breakdown products did not 

significantly revert to AFB1 in any other instance through repeated experiments (Fig 26 A and B, 

Appendix XII). The degradation percentage of samples treated by Pearl and Blue in the first 

experiment was 88.4% and 94.3% before acid treatment, and 90% and 88.8% after acid 

treatment, respectively (Fig 26 A, Appendix XII). In the second experiment, degradation 

percentage changed from 84.1%, 84.2%, and 94.4% to 80.4%, 91.33%, and 99% for N001, Pearl 

and Blue genotypes, respectively (Fig 26 B, Appendix XII). 

 

2.3.5 Mutagenicity is reduced when aflatoxin-contaminated maize is treated with P. ostreatus 

Using pure AFB1 dissolved in 70% MeOH, the number of Salmonella CFUs that reverted from 

his- to his+ increased in a concentration-dependent manner from 0 ng g-1 (70% MeOH only) to 

10,000 ng g-1 (Fig 27 A, Appendix XIII). Extracts from untreated (mock inoculated) samples that 

had an initial AFB1 concentration of 2500 ng g-1 resulted in an average of 456 ± 21 revertant 

CFUs (Fig 26). Samples treated with N001, Pearl or Blue P. ostreatus genotypes resulted in 26.2 

± 1.9, 29.8 ± 1.7, and 17.2 ± 1.7 revertant CFUs respectively (Fig 27 B, Appendix XIII). Extracts 

from uncontaminated (0 ppb) maize samples and 70% MeOH without AFB1 added resulted in 15 

± 1.9 and 20.3 ± 4.3 revertant CFUs, respectively (Fig 27 B, Appendix XIII). Fig 27 C shows 

representative plates from each treated and control sample group. 

 

2.4 Discussion 

2.4.1 Detection of aflatoxin in oyster mushrooms grown on aflatoxin-contaminated substrates 

Aflatoxin contamination poses a serious health risk to humans, especially subsistence farmers in 

high exposure areas1-6, 11-13, 15-25. This study revealed that no detectable quantity of aflatoxin 
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could be measured from the basidiocarps of P. ostreatus grown on an aflatoxin-contaminated 

substrate, suggesting that P. ostreatus could be used to produce safe and nutritious food from an 

otherwise unsafe food source by converting some of the nutritive value of aflatoxin-

contaminated plant products into mushrooms. This information may prove useful in regions 

where conventional decontamination methods are unavailable or unattainable, and where it is 

unreasonable to expect people to destroy food that is needed for sustenance. Gourmet 

mushrooms, such as those produced by P. ostreatus, are value-added products that regularly 

fetch larger sums of money on a per weight basis than the lignocellulosic materials they are 

produced from, especially if it is known that the plant materials are contaminated with aflatoxin.  

 

2.4.2 P. ostreatus growth is not impeded in naturally contaminated substrate 

In this study, maize that was naturally contaminated with aflatoxin was used as a substrate for P. 

ostreatus in a growth process mirroring standard commercial production systems. Although 

maize kernels alone are a poor substrate for oyster mushroom production, the presence of 

aflatoxin-contaminated material, regardless of aflatoxin concentration, did not inhibit vegetative 

growth, basidiocarp formation, or overall yield of P. ostreatus. This means that aflatoxin-

contaminated materials could be incorporated into existing P. ostreatus production systems 

without disrupting status quo, as is occasionally done for the production of Agaricus mushrooms. 

Yields would be expected to be greater, and initial aflatoxin concentrations could be reduced, by 

adding other lignocellulosic materials into the substrate such as cereal straws. Only one previous 

study has investigated the possibility of aflatoxin translocation into Agaricus mushrooms. 

However, the production of Agaricus mushrooms differs significantly from oyster mushrooms: 

Agaricus substrates undergo a multi-phase composting process that is microbe-rich before being 
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pasteurized, whereas P. ostreatus substrates are directly sterilized or pasteurized without being 

modified by other microorganisms. It cannot be stressed enough that laborers must wear proper 

protective equipment to minimize aflatoxin exposure risks if one desires to use such materials in 

their production process.  

 

2.4.3 Incorporating contaminated materials into P. ostreatus production is a practical method 

to reduce aflatoxin. 

2.4.3.1 P. ostreatus degrades AFB1 in naturally contaminated plant materials 

P. ostreatus significantly reduced aflatoxin in naturally contaminated maize throughout this 

study. Using naturally contaminated products is important to assess the utility of biological 

degradation methods. A. flavus produces at least one secondary metabolite, aspergillic acid, 

which has antibacterial and antifungal activities339. Antibiotic compounds may disrupt the ability 

of an organism to degrade aflatoxin in naturally contaminated materials even if it is able to 

degrade pure AFB1. Moreover, A. flavus, which is equipped with plant cell wall-degrading 

enzymes, may secrete aflatoxin within the structural cell walls of plants. Thus, aflatoxin in 

naturally contaminated plant material is likely to be less accessible to degradative enzymes than 

pure aflatoxin. To date, pure aflatoxin has been used in nearly all biological degradation studies. 

P. ostreatus and other organisms that degrade lignocellulosic materials are likely to be more 

effective at degrading aflatoxin in naturally contaminated materials than organisms that cannot 

degrade plant cell wall components. 

 

2.4.3.2 Solid-state fermentation is the most appropriate biological decontamination process 
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Apart from aflatoxin M1 in milk, all other aflatoxins are rendered in a solid matrix of plant 

material. Assessing the ability of an organism to degrade pure aflatoxin in an aqueous solution 

may be an effective method to screen for aflatoxin degraders, but it does not approximate how 

that organism will perform in a real-world application. This study demonstrated that P. ostreatus 

is effective at degrading AFB1 in naturally contaminated plant material. SSF systems are difficult 

to scale-up and it is more challenging to extract secondary metabolites from SSF than SmF 

systems316-318. Both of the above limitations discourage the use of SSF in large-scale commercial 

applications. However, mushroom production is an ideal SSF system for degradation because (1) 

production schemes commonly employ small, modular units that are easy to work with and 

dispose of; (2) the enzymes required for degradation do not need to be extracted because they are 

used in situ; (3) degradative enzymes are continually produced from the vegetative mycelium 

(extracted enzymes may only function for a few days before they lose activity); and (4) the 

degradation process results in value-added products (i.e. mushrooms and livestock feed).  

 

2.4.4 Economic losses could be reduced by diverting aflatoxin-contaminated materials to 

oyster mushroom production  

Products that exceed certain regulatory thresholds for aflatoxin contamination, such as cotton in 

Arizona, are not permitted to cross state borders for commerce or decontamination. Products 

may be sold at a reduced price for livestock feed if the aflatoxin concentration falls below 

specified regulatory limits. However, producers of livestock are often wary of aflatoxin-

contaminated products and will not buy them. Furthermore, producers of crops that exceed the 

maximum allowable aflatoxin concentration for livestock feed are forced to plow under the 

entire crop and frequently suffer serious economic losses31. Aflatoxin-contaminated cottonseed 
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meal is commonly used for Agaricus production. However, approximately 75% mushroom 

production in the U.S. is heavily concentrated in Pennsylvania (~60%) and California (~15%)340, 

so this economic safety net is not available when interstate transport is prohibited. It may be 

mutually beneficial for producers of crops that are susceptible to aflatoxin contamination and 

local gourmet mushroom producers to negotiate discounted rates for crops that are not suitable 

for other purposes. 

 

2.4.5 Laccase is impaired in monokaryons derived from N001   

PC9 and PC15 are monokaryotic strains of P. ostreatus derived from N001, which is a 

heterozygous dikaryon, via a de-dikaryotization process (i.e. they were protoplasted and 

separated). PC9 and PC15 are the reference genomes for P. ostreatus and several recent studies 

have been aimed at identifying the genomic architecture and transcriptional regulation of their 

ligninolytic enzymes. In one such study, PC15 did not demonstrate laccase activity in certain 

culture conditions309. One of the ten sensu stricto laccases, lacc8, is absent in PC9, but present in 

PC15310. Castanera et al. (2013) showed that dikaryons demonstrate superior laccase activity 

compared to the monokaryons derived from them310, but it remains unclear how the laccase 

activity of N001 compares to other dikaryotic genotypes of P. ostreatus that have the full 

complement of laccase genes. The variability of aflatoxin degradation exhibited by N001 in this 

study may be attributable to the absence of lacc8 in PC9 or impairments in activity in PC15. 

 

2.4.6 Conclusion 

Commercially viable aflatoxin decontamination processes must consistently and effectively 

eliminate aflatoxin >99%. P. ostreatus significantly degraded aflatoxin in repeated experiments, 
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but the extent and variability of degradation observed in this study suggests that this method is 

not reliable enough to be employed commercially. The Salmonella mutagenicity assay used in 

this work suggests that the mutagenicity of breakdown products resulting from treatment with P. 

ostreatus is greatly reduced. However, degradation products resulting from treatment with P. 

ostreatus must still be identified. Although AFB1 is not completely degraded by P. ostreatus, 

AFB1 in contaminated materials that had initial concentrations of 2500 ng g-1 was consistently 

degraded to levels that are permissible for livestock feed in the U.S. (approximately 60 to 130 ng 

g-1) (Fig 24 A and B, Appendix XI). Moreover, aflatoxin could not be detected in mushrooms 

grown on naturally contaminated substrate. Thus, growing P. ostreatus in an SSF system that 

incorporates aflatoxin-contaminated materials may be an effective method to more safely feed 

livestock compared to non-treated feed materials, and salvage nutrition for humans via livestock 

and mushroom production.  
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Appendix I – Chapter 1 Equations 

Eq. 1 Relative Agricultural Value Index (RAVI) 
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Eq. 2 Calculation of biological efficiency % 
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Eq. 3 Protein content quantification 
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Eq. 4 Lipid content quantification 
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Eq. 5 Ash content quantification 
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Appendix II – Chapter 1 Tables 
 
Table 1 Three-component substrate treatment groups for yield evaluations 

Treatment # Mesquite Pod % Mesquite Wood % Wheat Straw % Total % 
1 66.6 16.6 16.6 100 
2 50.0 33.3 16.6 100 
3 50.0 16.6 33.3 100 
4 33.3 50.0 16.6 100 
5 33.3 33.3 33.3 100 
6 33.3 16.6 50.0 100 
7 16.6 66.6 16.6 100 
8 16.6 50.0 33.3 100 
9 16.6 33.3 50.0 100 
10 16.6 16.6 66.6 100 

 
 

 

Table 2 Two-component substrate treatment groups for yield evaluations and nutritional analyses 

Treatment # Mesquite Pod % Wheat Straw % Total % 
1 0 100 100 
2 20 80 100 
3 40 60 100 
4 60 40 100 
5 80 20 100 
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Appendix III – U.S. Prosopis distribution figure 
 
Fig 1 Prosopis distribution in the United States and occurrence in the Sonoran Desert 

Prosopis distribution data gathered from USDA NRCS Plants Database. Sonoran Desert ecoregion map overlay modified from the 
U.S. Department of the Interior BLM Rapid Ecological Assessment. Note that Prosopis distribution and the Sonoran Desert extend 
into Mexico (data not shown). 
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Appendix IV – Mushroom market data figures 

Fig 2 Worldwide mushroom production trends from 1961-2012 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Data gathered from FAOSTAT. 
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Fig 3 Export and import statistics for the most important countries involved in mushroom trading for 2011 
 
 
 
 

 
 

 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
A) Top 10 mushroom exporting countries in 2011. B) Top 10 mushroom importing countries in 2011. C) Net exportation of countries 
that are included in either the top 10 mushroom exporting or importing figures. All data gathered from FAOSTAT. 

A) B) 

C) 
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Fig 4 Top mushroom and truffle trade partners with the U.S. in 2011 

 
 
 

 
 
 

 

 
 

A) Top 10 countries that the U.S. exports mushrooms and truffles to in terms of quantity. B) Top 10 countries that the U.S. exports 
mushrooms and truffles to in terms of value. C ) Top 10 countries that the U.S. exports mushrooms and truffles to in terms of quantity. 
D) Top 10 countries that the U.S. exports mushrooms and truffles to in terms of value. All data gathered from FAOSTAT detailed 
trade matrix. 

A) B) 

C) D) 
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Fig 5 Summary statistics for major crops in the U.S. in 2012 
 
 
 
 
 

 
 
 

 
 

 
 
 

 
 

 
 
 
 
 
 
 
 
 
 
 
Fig 5 A) Production value of major crops in the U.S. in 2012. Data gathered from USDA ERS and NASS 
 

A) 
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Fig 5 B) Production quantity of major crops in the U.S. in 2012. Data gathered from USDA ERS and NASS 

 

B) 
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Fig 5 C) Production area of major crops in the U.S. in 2012. Data gathered from USDA ERS and NASS 
 
 

C) 
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Fig 5 D) Relative agricultural index data of major crops in the U.S. in 2012 based on Eq. 1, Appendix I. Data gathered from USDA 
ERS and NASS. 

D) 
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Fig 6 Share of mushroom production and sales in the U.S. by crop and state in 2011-2012 

 
 

 

 
 
 

Fig 6 A) The share of mushroom production (lbs) by state in the U.S. in 2011-2012. B) The share of mushroom sales (US$) by 
state in the U.S. in 2011-2012. A) and B) From darkest to lightest, states are other, California, Pennsylvania, and Washington. C) 
The share of mushroom production (lbs) by crop in the U.S. in 2011-2012. B) The share of mushroom sales (US$) by crop in the 
U.S. in 2011-2012. C) and D) From darkest to lightest, crops are Agaricus, oyster, shiitake, and other. Data gathered from USDA 
ERS and NASS. 

A) B) 

D) 
C) 
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Appendix V – Three-component yield evaluation figures 

Fig 7 Biological efficiency of P. ostreatus mushrooms cultivated on substrates composed of mesquite pods, 
mesquite wood and wheat straw 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
.  

 

A) 

Figure continued on next page 
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Fig 7 A) and B) Data is from the first and second three-component experiment, respectively. The stacked black, dark grey and light 
grey bars show biological efficiency data from the first, second, and third flushes, respectively. Lowercase letters inside of bars that 
are not connected indicate significant differences within respective flushes. Uppercase letters above bars that are not connected 
indicate significant differences in total biological efficiency. Error bars represent the standard error of each flush. 
  

B) 
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Fig 8 Biological efficiency trends by percentage of substrate components 

Fig 8 Box plots show biological efficiency data for oyster mushrooms grown on substrates composed of increasing percentages of 
different materials. Lower whiskers are the minimum values. The bottom, middle and top bars are the 1st quartile, median, and 3rd 
quartile, respectively. Top whiskers are the maximum values. Black diamonds show means. A linear trend line is fitted to the data, 
with R2 and P values labeled in the bottom right corner. A), B), and C) are from the first run of a duplicated experiment. D), E), and F) 
are from the second run of a duplicated experiment. A) and D) are biological efficiencies based on increasing rates of pods. B) and E) 
are biological efficiencies based on increasing rates of wood. C) and F) are biological efficiencies based on increasing rates of straw.

A) B) C) 

D) E) F) 
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Fig 9 Correlations between individual flushes and the total biological efficiency of P. ostreatus mushrooms 
cultivated on mesquite pods, mesquite wood and wheat straw 

 
 

 
 
Fig 9 A) and B) Data are correlations between biological efficiencies from three flushes and the total biological efficiency (BE%) of 
three-component substrates. Correlations are considered significant at P ≤ 0.05. A) Data from the first of two experiments. B) Data 
from the second of two experiments. 
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Appendix VI – Two-component yield evaluation figures 

Fig 10 Biological efficiency of P. ostreatus cultivated on mesquite pods and wheat straw 

 
 
 

 
Fig 10 A) and B) Box plots represent biological efficiency data for oyster mushrooms grown on substrates composed of increasing 
percentages of mesquite pods. Lower whiskers are the minimum values. The bottom, middle and top bars are the 1st quartile, median, 
and 3rd quartile, respectively. Top whiskers are the maximum values. Black diamonds show means. A linear trend line is fitted to the 
data, with R2 and P values labeled in the bottom right corner. Treatment groups not connected by the same letter are significantly 
different at the 95% confidence level. A) Data from the first run of a duplicated experiment. B) Data from the second run of a 
duplicated experiment. 

 
 

A) B) 
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Appendix VII – Nutritional Analysis figures 

Fig 11 Protein content of P. ostreatus mushrooms cultivated on substrates with increasing percentages of mesquite 
pods 

 

 

 

 

 
 

 
Fig 11 A) and B) Box plots represent protein content of oyster mushrooms grown on substrates composed of increasing percentages of 
mesquite pods. Lower whiskers are the minimum values. The bottom, middle and top bars are the 1st quartile, median, and 3rd quartile, 
respectively. Top whiskers are the maximum values. Black diamonds show means. A linear trend line is fitted to the data, with R2 and 
P values labeled in the bottom right corner. Treatment groups not connected by the same letter are significantly different at the 95% 
confidence level. A) Data from the first run of a duplicated experiment. B) Data from the second run of a duplicated experiment. 
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Fig 12 Ash content of P. ostreatus mushrooms cultivated on substrates with increasing percentages of mesquite 
pods 

 
 

Box plots represent the ash content of oyster mushrooms grown on substrates composed of increasing percentages of mesquite pods. 
Lower whiskers are the minimum values. The bottom, middle and top bars are the 1st quartile, median, and 3rd quartile, respectively. 
Top whiskers are the maximum values. Black diamonds show means. A linear trend line is fitted to the data, with R2 and P values 
labeled in the bottom right corner. Treatment groups not connected by the same letter are significantly different at the 95% confidence 
level. A) Data from the first run of a duplicated experiment. B) Data from the second run of a duplicated experiment. 
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Fig 13 Lipid content of P. ostreatus mushrooms cultivated on substrates with increasing percentages of mesquite 
pods 

 
 
 
 

 
 

 
 

 
 

 
 
 
 
 
 
Box plots represent the lipid content of oyster mushrooms grown on substrates composed of increasing percentages of mesquite pods. 
Lower whiskers are the minimum values. The bottom, middle and top bars are the 1st quartile, median, and 3rd quartile, respectively. 
Top whiskers are the maximum values. Black diamonds show means. A linear trend line is fitted to the data, with R2 and P values 
labeled in the bottom right corner. Treatment groups not connected by the same letter are significantly different at the 95% confidence 
level. A) Data from the first run of a duplicated experiment. B) Data from the second run of a duplicated experiment. 
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Appendix VIII – Chapter 2 Tables 
 
Table 3 Treatment groups 
 

Treatment 
# 

Treatment Name 
Initial AFB1 Concentration 

(ng g-1) 
P. ostreatus 
Genotype 

1 Null Mock 0 None 
2 Null N001 0 N001 
3 Null Pearl 0 Pearl 
4 Null Blue 0 Blue 
5 Low Mock 25 None 
6 Low N001 25 N001 
7 Low Pearl 25 Pearl 
8 Low Blue 25 Blue 
9 Mid Mock 250 None 
10 Mid N001 250 N001 
11 Mid Pearl 250 Pearl 
12 Mid Blue 250 Blue 
13 Hi Mock 2500 None 
14 Hi N001 2500 N001 
15 Hi Pearl 2500 Pearl 
16 Hi Blue 2500 Blue 

 
 
Table 4 Colonization score key 
 

Colonization 
Score 

Colonization Range 
(%) 

0 < 1 
1 1-10 
2 11-25 
3 26-75 
4 76-90 
5 91-99 
6 > 99 
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Appendix IX – P. ostreatus colonization of aflatoxin-contaminated material figures 
Fig 14 Colonization rates of P. ostreatus from individual genotype-AFB1 concentration combinations 

 
 
  

A) B) 

Fig. 14 A) and B) Grey, white and black circles show the mean colonization score of each P. ostreatus genotype (N001, Pearl and Blue, 
respectively) growing on uncontaminated maize or aflatoxin-contaminated maize at 0 ng g-1, 25 ng g-1, 250 ng g-1, and 2500 ng g-1 AFB1, 
respectively, at each day post inoculation for 18 days. A colonization score of 6 indicates complete colonization. Dashed lines show the 
average rate of growth and the slope (m) of each line ± the standard error is displayed below and to the right within the same block. A) and B) 
are the first and second runs of a duplicated experiment, respectively.  Whiskers on circles are the standard error of colonization scores for 
each time point. Data not connected by the same letter are significantly different (p < 0.05). 
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Fig 15 Progression of P. ostreatus colonization on uncontaminated and highly contaminated maize 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 Fig. 15 Photographs of each P. ostreatus genotype (N001, Pearl and Blue) growing on uncontaminated maize or maize contaminated with 

aflatoxin at 2500 ng g-1 after 3, 6, 9, and 12 days of growth (days post inoculation).  
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Fig 16 Colonization rates of P. ostreatus based on AFB1 concentration and genotypes 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
  

A) B) 

C) D) 

Fig. 18 A) and B) White, light grey, dark grey and black bars are the average rate of growth (slope) (left Y axis) of all genotypes (combined) 
on uncontaminated (0 ng g-1) or aflatoxin-contaminated maize at 25 ng g-1, 250 ng g-1, and 2500 ng g-1 AFB1, respectively. Dashed, light grey, 
dark grey and black lines are the average colonization scores (right Y axis) up to 11 days post inoculation on maize at  0 ng g-1, 25 ng g-1, 250 
ng g-1, and 2500 ng g-1 AFB1, respectively. A) and B) are the first and second runs of a duplicated experiment, respectively. C) and D) Light 
grey, white and black bars are the average rate of growth (slope) (left Y axis) of each P. ostreatus genotype (N001, Pearl and Blue, 
respectively) on all substrates (uncontaminated and contaminated combined). Light grey, dashed and black lines are the average colonization 
scores (right Y axis) up to 11 days post inoculation for N001, Pearl and Blue genotypes, respectively. C) and D) are the first and second runs 
of a duplicated experiment, respectively. For all, whiskers on bars are the standard error. No data were significantly different (p > 0.05). 
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Fig 17 Days post inoculation required for P. ostreatus from individual genotype-AFB1 concentration combinations 
to completely colonize substrate 

 

  

A) 

Figure continued on next page 
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B) 

Fig. 17 A) and B) are the number of days post inoculation required for each P. ostreatus genotype to completely colonize uncontaminated 
maize or aflatoxin-contaminated maize at each concentration used in this study. White, light grey, dark grey and black bars are for substrates 
containing 0 ng g-1, 25 ng g-1, 250 ng g-1, and 2500 ng g-1 AFB1, respectively. A) and B) are the first and second runs of a duplicated 
experiment, respectively.  Whiskers are the standard error. Data not connected by the same letter are significantly different (p < 0.05). 



165 
 

Fig 18 Days post inoculation required for complete colonization of substrate based on AFB1 concentration and P. 
ostreatus genotypes 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
  

A) B) 

C) D) 

Fig. 18 A) and B) are number of days post inoculation required for each P. ostreatus genotype at all aflatoxin concentrations combined to 
completely colonize maize. Light grey, white and black bars are N001, Pearl and Blue genotypes, respectively. A) and B) are the first and 
second runs of a duplicated experiment, respectively. C) and D) are the number of days post inoculation required for all genotypes combined 
to completely colonize uncontaminated maize or maize at each concentration of aflatoxin contamination. White, light grey, dark grey and 
black bars are for substrates at 0 ng g-1, 25 ng g-1, 250 ng g-1, and 2500 ng g-1 AFB1, respectively. C) and D) are the first and second runs of a 
duplicated experiment, respectively. For all, whiskers are the standard error. No data were significantly different (p > 0.05). 
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Figure continued on next page 

Appendix X – Yield characteristics of P. ostreatus cultivated on aflatoxin-contaminated maize figures 
Fig 19 Days until harvest required for P. ostreatus genotypes grown on increasing concentrations of AFB1 

contaminated substrate 
  A) 
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B) 

Fig. 19 A) and B) are the number of days until harvest (days post slicing) required for each P. ostreatus genotype on uncontaminated maize 
and maize at each concentration of aflatoxin contamination used in this study. White, light grey, dark grey and black bars are for substrates at 
0 ng g-1, 25 ng g-1, 250 ng g-1, and 2500 ng g-1 AFB1, respectively. A) and B) are the first and second runs of a duplicated experiment, 
respectively.  Whiskers are the standard error. Data not connected by the same letter are significantly different (p < 0.05). 
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Fig 20 Days until harvest required for P. ostreatus based on AFB1 concentration and genotype 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 

 
 
 

 
 
 

A) B) 

C) D) 

Fig. 20 A) and B) are the number of days until harvest (days post slicing) required for all genotypes (combined) cultivated on uncontaminated 
maize and maize at each concentration of aflatoxin contamination. White, light grey, dark grey and black bars are for substrates at 0 ng g-1, 25 
ng g-1, 250 ng g-1, and 2500 ng g-1 AFB1, respectively. A) and B) are the first and second runs of a duplicated experiment, respectively. C) and 
D) are number of days until harvest required for each P. ostreatus genotype at all aflatoxin concentrations combined. Light grey, white and 
black bars are N001, Pearl and Blue genotypes, respectively. C) and D) are the first and second runs of a duplicated experiment, respectively. 
For all, whiskers are the standard error and data not connected by the same letter are significantly different (p < 0.05). 
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Fig 21 Biological efficiency of P. ostreatus genotypes cultivated on increasing concentrations of AFB1-
contaminated substrates 

 
  

A) 

Figure continued on next page 
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B) 

Fig. 21 A) and B) are the biological efficiencies of each P. ostreatus genotype on uncontaminated maize and maize at each concentration of 
aflatoxin contamination used in this study. White, light grey, dark grey and black bars are for substrates at 0 ng g-1, 25 ng g-1, 250 ng g-1, and 
2500 ng g-1 AFB1, respectively. A) and B) are the first and second runs of a duplicated experiment, respectively.  Whiskers are the standard 
error. Data not connected by the same letter are significantly different (p < 0.05). 
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Fig. 22 A) and B) are the biological efficiencies of all genotypes combined grown on uncontaminated maize and maize at each concentration 
of aflatoxin contamination. White, light grey, dark grey and black bars are for substrates at 0 ng g-1, 25 ng g-1, 250 ng g-1, and 2500 ng g-1 
AFB1, respectively. A) and B) are the first and second runs of a duplicated experiment, respectively. C) and D) are the biological efficiencies 
of each P. ostreatus genotype at all aflatoxin concentrations combined. Light grey, white and black bars are N001, Pearl and Blue genotypes, 
respectively. C) and D) are the first and second runs of a duplicated experiment, respectively. For all, whiskers are the standard error and data 
not connected by the same letter are significantly different (p < 0.05). 

Fig 22 Biological efficiency of P. ostreatus based on AFB1 concentration and genotype 
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Fig 23 Pearl oyster mushrooms cultivated on uncontaminated and aflatoxin-contaminated maize 
  

Fig. 23 Photographs of Pearl oyster mushrooms fruiting from uncontaminated (0 ppb) or aflatoxin-contaminated substrates at 25 ng g-1 (25 
ppb), 250 ng g-1 (250 ppb) and 2500 ng g-1 (2500 ppb). 
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Appendix XI Degradation of aflatoxin B1 by P. ostreatus 
Figure 24 Degradation of aflatoxin B1 from naturally contaminated maize by three genotypes of P. ostreatus 
 

  
 

A) 

Figure continued on next page 
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B) 

Fig. 24. A) and B) Box plots show the percent of AFB1 degraded (left Y axis) by 3 genotypes of P. ostreatus (N001, Pearl & Blue) when 
grown on uncontaminated (0 ng/g) or naturally contaminated maize at 25, 250 & 2500 ng g-1 AFB1, respectively. Bars show AFB1 
concentrations (right Y axis) of treated (N001, Pearl & Blue) or untreated (mock) substrate samples after duration of experiment. Genotypes 
and initial AFB1 concentrations are indicated on the X axis. Mock inoculated (mock) samples served as controls. Keys at Y axes show the 
colors/patterns associated with each initial AFB1 concentration. Whiskers on box plots are the minimum and maximum values; diamonds are 
means; and boxes show the Q1, median and Q3 of values. Data represented by box plots not connected by the same letter are significantly 
different (p ≤ 0.05). Whiskers on bars are standard errors. Asterisks above bars show significant difference (p ≤ 0.05) of treated values 
compared to controls of the same initial AFB1 concentration. A) and B) are the first and second runs of a duplicated experiment, respectively. 
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Fig 25 Degradation of aflatoxin B1 by concentration and P. ostreatus genotype 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

A) B) 

C) D) 

Initial AFB1 Conc. (ng/g) Initial AFB1 Conc. (ng/g) 

Fig. 24. A) and B) Box plots show the percent of AFB1 degraded by all genotypes of P. ostreatus (N001, Pearl & Blue) combined when grown 
on uncontaminated maize or naturally contaminated maize at 25, 250 & 2500 ng g-1 AFB1, respectively, relative to control samples (mock 
inoculated) after the duration of the experiment. Light grey, dark grey and black boxes are for substrates at 25, 250 & 2500 ng g-1 AFB1, 
respectively. A) and B) are the first and second runs of a duplicated experiment, respectively. C) and D) Light grey, white and black box plots 
show the percent of AFB1 degraded by N001, Pearl and Blue genotypes, respectively, on all substrates (contaminated and uncontaminated 
combined). C) and D) are the first and second runs of a duplicated experiment, respectively. For all, whiskers on box plots are the minimum 
and maximum values; diamonds are means; and boxes show the Q1, median and Q3 of values. Data represented by box plots not connected 
by the same letter are significantly different (p ≤ 0.05).  
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Appendix XII Acid reversion test figures 
Fig 26 P. ostreatus breakdown products show minimal reversion to AFB1 after subjection to acidic conditions 
 
 

 
 
 
  

A) B) 

Fig 26 A) and B) Dot plots showing the percent of AFB1 degraded before and after being subjected to pH 2 conditions at 37 ºC. Diamonds are 
values before acid treatment. Circles are values after acid treatment. Grey, white & black shapes are for N001, Pearl & Blue genotypes, 
respectively. Whiskers are standard errors. Asterisks indicate a significant difference (p ≤ 0.05) between before and after samples of the same 
genotype. A) and B) are the first and second runs of a duplicated experiment. 
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Appendix XIII Salmonella typhimurium mutagenicity assay figures 
Fig 27 Aflatoxin contaminated maize is less mutagenic after treatment with P. ostreatus 
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Figure continued on next page 
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C) 

Fig 27 A) Number of revertant S. typhimurium CFUs when exposed to pure AFB1 at concentrations ranging from 0 ng g-1 to 10,000 ng g-1 on 
a ½ log scale. Darker shades of grey indicate increased AFB1 concentrations. B) Number of revertant CFUs when exposed to the solvent 
without AFB1 (MeOH), or extracts from untreated (mock) and treated (N001, Pearl and Blue) substrates with initial AFB1 concentrations of 
2500 ng g-1, and from uncontaminated (0 ppb) substrates. 0 ppb in A) is the same data as MeOH in B). Whiskers show standard errors. C) 
Photographs of representative plates showing CFUs on control and treated plates. On first and second row of plates, the number indicates the 
concentration of pure AFB1 dissolved in 70% MeOH (no AFB1 was added to “MeOH”). On bottom row, the number (e.g. 2,500 ppb) indicates 
the initial AFB1 concentration of the substrate, and the type of treatment (N001, Pearl and Blue) or control (mock) is shown below the. 


