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ABSTRACT 

Analyte-membrane and analyte-membrane receptor interactions are related to 

drug absorption through transmembrane diffusion and cellular signal transduction, 

respectively. Therefore, the study of these interactions plays key roles in new drug 

development. Membrane-based chromatography using artificial phospholipid vesicles 

as stationary phases provides a high-throughput approach to screen analyte-

membrane interactions. Additionally, by incorporating membrane receptors into the 

vesicle stationary phases, analyte-membrane receptor interactions can be studied. 

However, the inherent instability of artificial phospholipid vesicles limits their 

application. This work has explored the utilization of polymerized phospholipid 

vesicles in developing highly stable separation and sensing platforms based on 

analyte-membrane or analyte-membrane receptor interactions. The processes of 

vesicle polymerization using polymerizable lipids and polymer scaffolding are also 

characterized and optimized. 

 In order to improve the stability of stationary phases in membrane-based 

chromatography, polymerized phospholipid vesicles made of polymerizable bis-

SorbPC lipids were covalently immobilized on the inner wall of silica capillaries to 

serve as stationary phases. The polymerized vesicle stationary phases showed 

enhanced stability against drying/rehydration and shear forces compared to non-

polymerizable counterparts. Aliphatic amines were separated using the polymerized 

vesicle stationary phases based on their different interactions with the vesicle 

membranes in both open-tubular capillary liquid chromatography (CLC) and capillary 

electrochromatography (CEC) formats. This application broadens the range of 
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membrane-based stationary phases to include polymerized phospholipid vesicles, 

which provide enhanced stability. 

 Biosensors that detect ligands based on ligand-receptor interactions using 

artificial phospholipid vesicles generally do not allow ligand identification. A pull-

down assay was developed using novel silica core-polymerized vesicle shell particles 

combined with MALDI-MS for the simultaneous detection and identification of 

peptide/protein ligands that bind to membrane receptors. The polymerized vesicle 

shell survived MS vacuum conditions and showed higher stability against organic 

solvent treatment compared to non-polymerizable counterparts. As a proof of 

concept, cholera toxin binding subunit (CTB) was successfully detected using 

ganglioside GM1-functionalized core-shell particles. The assay has the potential to 

differentiate among multiple ligands that bind to the same receptor and identify 

unknown ligands in a complex ligand mixture. 

 In addition to using polymerizable lipids, polymer scaffolding is also used to 

stabilize phospholipid vesicles, although the formation of polymer scaffolds in 

nanometer-sized vesicles is difficult to characterize. Polymer scaffolds were 

successfully synthesized inside vesicles composed of non-polymerizable DOPC lipids 

(100-200 nm in diameter), by doping small molecule linear monomers and cross-

linkers into the vesicle lamellar region followed by photochemical initiation. It was 

found that DOPC vesicles containing polymer scaffolds formed by different linear 

monomers showed similar stability against surfactant treatment. This study adds new 

insights to the current understanding and characterization of the polymer scaffolding 

process. 
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CHAPTER 1 INTRODUCTION 

1.1 SCREENING OF ANALYTE-MEMBRANE AND ANALYTE-

MEMBRANE RECEPTOR INTERACTIONS 

The study of analyte-biological membrane interactions has become more 

important in the bioanalytical field due to their importance in drug development. 

There are two major types of interactions that are of particular interest: the interaction 

of analytes with the lipid bilayer composing the membrane; and, the interaction of 

analytes with receptor molecules that are embedded in the membrane. 

The interaction of molecules with lipid bilayers is related to drug absorption. 

Lipophilicity, an estimate of the partitioning property of a molecule into a lipid 

bilayer, is coarsely related to the transmembrane diffusion of the molecule.1-3 For 

many orally administered drugs, absorption through the intestinal cell membrane by 

transmembrane diffusion is the first step for drug function. Therefore, screening for 

membrane permeability is an important step in the early stages of drug development. 

Membrane permeability is typically measured by testing the transport of a drug 

through a monolayer of Caco-2 cells, a human colon epithelial cancer cell line used as 

a model of human intestinal epithelial cells.4-6 

The interaction of molecules with membrane receptors is involved in many 

key physiological or pathological activities. For example, many bacterial toxins or 

viruses recognize and bind with glycolipid receptors on the host cell membrane to 

start an infection.7 Another type of membrane receptor is transmembrane protein 

(TMP) receptors, among which G-protein coupled receptors (GPCRs) are a major 

category. GPCRs act as signal transducers that convert extracellular stimuli, e.g. 
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binding with a ligand molecule, into an intracellular response, which in turn leads to a 

specific function such as neuronal firing, ion transport across cell membrane, 

homeostasis regulation, and cell division/proliferation.8,9 GPCRs have become major 

drug targets and it is estimated that one-third to half of current drugs on the market 

act on GPCRs.10,11 Therefore, screening for ligand molecules that can bind with 

specific GPCRs and regulate GPCR function has become a major effort in the 

pharmaceutical industry. Typically, screening is carried out using cell-based 

functional assays in which a downstream signaling event triggered by specific GPCR-

ligand binding is monitored,12 such as guanine nucleotide exchange,13 intracellular 

Ca2+ or cyclic adenosine monophosphate (cAMP) concentration change.14-16 

The cell-based assays are useful in evaluating membrane permeability of 

drugs and in ligand screening against target receptors. However, they require pre-

separation of individual compounds and only one compound is applied to each cell 

sample in a single measurement, which is inconvenient when screening complex 

combinatorial libraries of drug candidates. In addition, complicated signaling events 

that happen inside the cells can affect the accuracy of functional ligand screening 

results, leading to low signal-to-noise ratios and high rates of false positives and false 

negatives.12,17-19 

Cellular membrane affinity chromatography has been developed as an 

alternative strategy for high-throughput screening of analyte-membrane receptor 

interactions.20-23 In this approach, cellular membrane fragments with an 

overexpressed receptor are immobilized in separation columns, serving as stationary 

phases. This approach does not involve cellular signaling events. The retention of 



 30 

analytes in the column is based on their different interactions with the immobilized 

receptor. The affinity of analytes to the target receptor can be determined by frontal 

chromatography analysis.20 Moreover, a mixture of analytes can be separated 

simultaneously in zonal chromatography, without pre-separation of individual analyte, 

which makes cellular membrane affinity chromatography more efficient than 

functional assays in preliminary screening of ligand-receptor interactions.23  

Some drawbacks of cellular membrane affinity chromatography are that it 

requires tedious and expensive cell culture steps. Furthermore, the heterogeneity in 

cell surface composition, both in lipid composition and in receptor expression can 

affect the specificity of ligand screening against a target receptor. Replacing cellular 

membranes with artificial phospholipid membranes may provide a solution to 

overcome many of these limitations. 

Artificial phospholipid vesicles (liposomes), which are closed, hollow 

spherical lipid bilayer assemblies, have been developed as a simplified model for cell 

membranes due to structural similarity.24 Vesicles are self-assembled by synthetic or 

natural phospholipid molecules. Therefore, the lipid composition of vesicles can be 

easily controlled. Moreover, membrane proteins can be incorporated into the lipid 

bilayer of vesicles, which makes specific analysis for a target membrane protein 

feasible.25,26 Additional functionalities such as fluorescent labeling and surface 

attachment can be added to the vesicles by encapsulating water-soluble materials 

inside vesicles or using various commercially available head group-modified lipids.27  

Artificial phospholipid vesicles have been immobilized in separation columns 

to serve as stationary phases in membrane-based chromatography, to evaluate drug-
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membrane interactions.28-30 Also, stationary phases made of vesicles with 

incorporated membrane receptors have allowed study of ligand-membrane receptor 

interactions.31 Compared to cellular membrane affinity chromatography, utilization of 

artificial phospholipid vesicles should provide improved specificity due to a precise 

control of membrane composition and receptor identity. In addition, artificial 

phospholipid vesicles have been developed into biosensors based on known ligand-

receptor binding interactions.32-34 A detailed introduction of artificial phospholipid 

vesicles and their applications is provided in the next section. 
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1.2 ARTIFICIAL PHOSPHOLIPID VESICLES AND THEIR APPLICATIONS 

IN SEPARATION AND BIOSENSING 

1.2.1 Phospholipid structure 

Lipids are a class of molecules with highly diversified structures that are 

generally insoluble in water and soluble in non-polar organic solvents. In the human 

body, there are about 1000 different major lipid species, plus numerous minor ones. 

They serve as energy sources, membrane bilayer components, the matrix for many 

catalytic processes, anti-oxidants, signaling molecules, etc.35 Among these, 

glycerophospholipids, especially diacylglycerophospholipids, are the major lipid 

component in most eukaryotic and prokaryotic membranes, except for 

archaebacteria.36 

As shown in Figure 1.1, the general structure of diacylglycerophospholipids 

contains a glycerol backbone. Two fatty acids (R1 and R2) are attached to the sn1 and 

sn2 hydroxyl groups by acyl bonds (sn = stereospecific numbering). A hydrophilic 

group (R3) is attached to a phosphate group esterified on the sn 3 position.36,37 R1 and 

R2 are typically referred to as the hydrophobic tails, and R3 is the hydrophilic/polar 

head group. The chemical composition of R1, R2 and R3 is highly variable in both 

naturally occurring lipids and in synthetic lipids, leading to a broad range of 

diacylglycerophospholipids. In the work described in Chapters 2 through 4, the major 

phospholipids used are diacylglycerophospholipids. 
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Figure 1.1: General structure of diacylglycerophospholipids. R1 and R2 are fatty acid 
tails attached to sn1 and sn2 position of the glycerol backbone through acyl bonds. R3 
is the hydrophilic head group attached to the phosphate on the sn3 position. 

 

The fatty acid tails of the phospholipids usually contain an even number of 

carbons, with chain lengths ranging from 4 to 36 carbons. In biological membranes, 

the chain length usually varies from 14 to 24 carbons. In natural phospholipids, the 

fatty acids can be saturated or unsaturated with up to 6 double bonds. The double 

bonds are mostly in the cis form and never conjugated. The structure of the fatty acid 

can be represented in the format N:MΔXY. N stands for the number of carbon atoms, 

and M stands for the number of double bonds. X and Y represent the position and 

stereochemistry of the double bonds. When there is no Y, the double bond is in the cis 

form and when Y = t, the double bond is in the trans form. Some of the fatty acids 

most commonly composing phospholipids in mammalian membranes include 

palmitic acid (16:0), stearic acid (18:0), oleic acid (18:1Δ9) and linoleic acid 

(18:2Δ9,12)35 (Figure 1.2).  
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Figure 1.2: Chemical structure and abbreviation of palmitic acid, stearic acid, oleic 
acid, and linoleic acid. The abbreviation follows the format of N:MΔXY (N: the 
number of carbon atoms; M: the number of double bonds; X: position of the double 
bonds; Y: stereochemistry of the double bonds. When there is no Y, the double bond 
is in the cis form and when Y = t, the double bond is in the trans form). 

 

The various head groups of the phospholipids are usually derivatives of the 

phosphate group attached on the sn3 position of the glycerol backbone. Figure 1.3 

shows some diacylglycerophospholipid structures with naturally occurring head 

groups, where 1,2-diacyl-sn-glycero-3-phosphoric acid, also called phosphatidic acid 

(PA), is the diacylglycerophospholipid with the simplest head group, a phosphoric 

acid. PA is involved in the biosynthesis of most of the glycerophospholipids.38 The 

term “phosphatidyl” stands for “1,2-diacyl-sn-glycero-3-phospho-” in the 

abbreviation of most diacylglycerophospholipids.36 Phosphatidylcholine (PC) and 

phosphatidylethanolamine (PE) are the major phospholipids in mammalian and 

bacterial membranes, respectively. Phosphatidylserine (PS) and phosphatidylinositol 

(PI) are minor phospholipids components of eukaryotic membranes.38 The actual 

weight percent of each lipid in total membrane lipid differs in different cell types.  
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Figure 1.3: Structures of diacylglycerophospholipids with common naturally 
occurring head groups: phosphatidic acid (PA), phosphatidylcholine (PC) 
phosphatidylethanolamine (PE), phosphatidylserine (PS) and phosphatidylinositol 
(PI). 
 

Aside from naturally present phospholipids, various synthetic phospholipids 

with modifications in the lipid head groups or lipid tails are commercially available, 

with head group-modified lipids being more abundant. The modifications bring in 

functional groups such as fluorophores, chelators, biotin, polyethylene glycol (PEG), 

etc. These functionalities broaden the application of phospholipids. 
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1.2.2 Lipid mesophases  

 Lipids are amphiphilic molecules containing both hydrophilic and 

hydrophobic regions in their molecular structure. Their water solubility is low and 

once their concentration in aqueous solution exceeds a specific value called the 

critical micellar concentration (CMC), they will self-assemble into different 

polymorphic and mesomorphic phases.39 The CMC for membrane-forming lipids is 

about 10-8 mol/L.40 In the mesophases, lipid molecules assemble into the most 

thermodynamically favored configuration. The specific mesophase that a lipid 

assembly adopts depends on temperature, pressure, pH, ionic strength, degree of 

hydration, and the structure of the lipid molecule.39,41 A simplified generalization 

called the critical packing parameter (P) has been used to predict the mesophase of a 

lipid assembly based on the shape of the lipid molecule. Critical packing parameter is 

defined for a given lipid molecule as V/A0L, where V is the volume of the 

hydrocarbon region of the lipid, A0 is the cross-section area of the lipid head group, 

and L is the maximum length of the alkyl chain.41,42 As shown in Figure 1.4, when P 

< 1/2, the molecular shape of the lipid is like an inverted cone, and the preferred 

mesophase of the lipid assembly will be spherical micelles (P < 1/3) or cylindrical 

micelles (1/3 < P < 1/2). When 1/2 < P < 1, the molecular shape of the lipid is 

cylindrical, and the lipid assembly will be in the bilayer format. When P > 1, the lipid 

molecule is like a cone, and the mesophase will be hexagonal.41,42 
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Figure 1.4: Relationship between critical packing parameter (P), molecular shape, 
and preferable mesophase of different lipid molecules. Figure redrawn according to 
Ref. 42. 
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The research described in this dissertation utilizes bilayer-based lipid 

structures to develop artificial separation and sensing platforms mimicking biological 

membranes. Bilayers are the dominant lipid organization under physiological 

conditions. The critical packing parameters of PC lipids are generally in the range of 

1/2~1 and PC lipids tend to form bilayers.42 Therefore; PC is the major type of lipid 

used in the work described in this dissertation. 

Lipid bilayers of biological membranes generally exist in two different 

subphases, more often in the lamellar liquid-crystalline phase and less often in the 

lamellar gel phase.39 The gel phase is characterized by tight, rigid and highly ordered 

lipid packing and restricted motion of lipid molecules, while the liquid-crystalline 

phase is loosely packed, relatively disordered and shows increased rates of intra- and 

intermolecular motion of lipid molecules. Once transitioned from the gel phase to the 

liquid-crystalline phase, the lipid bilayer usually exhibits a lateral expansion and a 

decrease in bilayer thickness.39 Phase transition of biological membranes affect 

membrane fluidity and membrane elasticity, which in turn affect the insertion, 

aggregation and diffusion of membrane proteins.43 Except for the gel to liquid-

crystalline transition, biological membranes typically do not show transitions within 

the gel phase, while artificial lipid bilayers can have several different states within the 

gel phase. The number of different gel phase states and specific property of each state 

depend on the chemical structure of the hydrocarbon chains of different lipids.39,44 A 

number of factors can affect the phase transition of lipid bilayers, such as 

temperature, pressure, pH and ionic strength. Among these, temperature-dependent 

phase change is most extensively studied. Once heated, lipid bilayers can transform 
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from the gel phase to the liquid-crystalline phase. The temperature at which this 

transition happens is called the main phase transition temperature or melting 

temperature (Tm). Tm varies greatly with lipid structure, ranging from -17 °C to +70 

°C.39 Two of the major lipids used in the work described in this dissertation, 1,2-

dioleoy-sn-glycero-3-phosphocholine (DOPC) and 1,2-bis[10-(2’,4’-

hexadieoyloxy)decanoyl]-sn-glycero-2-phosphocholine (bis-SorbPC), have Tm values 

of -17 °C and 35 °C, respectively.107,174 Because different lipids have different Tm 

values, temperature control is needed when using lipid bilayers for the desired 

membrane property. For example, Tm needs to be considered when forming lipid 

bilayer vesicles as introduced in the next section. 

 

1.2.3 Lipid vesicles (liposomes) 

 Lipid vesicles, or liposomes, are spherical particles formed by closed lipid 

bilayers encapsulating an aqueous medium inside the bilayers. Lipid molecules inside 

the bilayer are organized in such a way that the hydrophilic head groups of both the 

lipid leaflets face the interior and exterior aqueous environment, while the 

hydrophobic tails are embedded inside the bilayer and face each other. Vesicles are 

primarily categorized by the number of bilayers and by diameter. As shown in Figure 

1.5, multilamellar vesicles (MLV) contain more than one lipid bilayers, one 

encapsulating another. MLVs are made by rehydrating a thin film of dried lipids with 

an aqueous solution at a temperature above the Tm of the lipid.45 With agitation such 

as shaking or vortexing, MLVs form by self-assembly of the lipid molecules and have 

broad size ranges. Unilamellar vesicles contain only a single bilayer, and can be 
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categorized by diameter into small unilamellar vesicles (SUV), large unilamellar 

vesicles (LUV) and giant unilamellar vesicles (GUV). SUVs typically have sizes 

ranging from 20-100 nm and can be prepared by sonication of MLV suspensions.45 

SUVs are unstable due to molecular packing constraints caused by high curvature, 

and can fuse together into larger vesicles or fuse onto substrate surfaces to form 

supported lipid bilayers.46-48 LUVs are 100 nm to 1 µm in diameter. LUVs with 

defined sizes can be produced by repetitively freezing (below Tm) and thawing (above 

Tm) an MLV suspension followed by a process called extrusion, where the vesicle 

suspension is forced through a membrane with defined pore sizes.49-51 The extrusion 

process needs to be carried out above the Tm of the lipid. GUVs are larger than 1 µm, 

and can be prepared by electroformation and solvent evaporation methods.52-54 LUVs 

are used in the study of this dissertation because they have higher surface 

area/volume ratio than GUVs and higher stability than SUVs, which makes them 

better candidates as stationary phases in chromatography separations. 
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Figure 1.5: Schematic representation of multilamellar vesicles (MLV), small 
unilamellar vesicles (SUV), large unilamellar vesicles (LUV) and giant unilamellar 
vesicles (GUV), as well as their typical diameters (d). 

 

1.2.4 Application of artificial phospholipid vesicles in separation 

 Artificial phospholipid vesicles have been used as stationary phases in 

different formats of membrane-based chromatography, including immobilized 

liposome chromatography (ILC), electrokinetic capillary chromatography (EKCC), 

and capillary electrochromatography (CEC).28,29,55,56 Analytes are separated in 

membrane-based chromatography based on their different partitioning interactions 

within the vesicle stationary phases. In addition, stationary phases made of vesicles 
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with incorporated membrane receptors have allowed the study of ligand-membrane 

receptor interactions.31 

1.2.4.1 ILC 

 In ILC, vesicles are immobilized in gel beads (e.g. Sepharose) through 

different strategies. For example, gel beads can be swelled in a vesicle solution. Then, 

the mixture is frozen and thawed. After this process, the vesicle size is increased to 

dimensions that fit tightly in the gel matrix, so the vesicles are sterically immobilized 

within the gel beads.57-60 Alternatively, avidin can be coupled to CNBr or 

chloroformate-activated gel beads first. Then, vesicles doped with a biotin-labeled 

lipid are immobilized within the gel beads through avidin-biotin binding.28,61-64 

Alternatively, gel beads can be derivatized by alkyl chains (e.g. octyls), which can 

insert into the vesicle bilayer and immobilize the vesicles within the beads.65 In other 

cases, vesicles doped with NH2-labeled lipids can be covalently bound with CNBr, N-

hydroxysuccinimide, tresyl, or chloroformate-activated gel beads.66  

 After immobilization of the vesicles, the gel beads are packed into a column 

for liquid chromatographic separation of drug molecules, based on differential 

partitioning interactions of the drug molecules within the vesicle membranes (Figure 

1.6).  
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Figure 1.6: Schematic representation of an ILC column. Vesicles are immobilized in 
gel beads, which are packed in a separation column. 
 

Capacity factors can be calculated for each drug in the chromatographic runs. 

The capacity factors are normalized with the amount of lipids to obtain the specific 

capacity factor, ks’, in order to compare between runs in columns containing different 

amount of lipids.57 A correlation has been established between log ks’ and the 

logarithm of apparent permeability coefficients through epithelial cell monolayers, as 

well as the absorption of orally administered drugs in humans.58,59 Thus drug-

membrane interactions evaluated by ILC can potentially be used for the prediction of 

drug absorption. 

 Additionally, ILC has been carried out using vesicles functionalized with 

human red cell glucose transporters, to evaluate the interactions between the glucose 

transporter with D- and L-glucose as well as the transport inhibitor cytochalasin B.31 

This demonstrates the feasibility of using ILC in the study of ligand-membrane 

receptor interactions. 
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1.2.4.2 EKCC 

 Lipid vesicle EKCC or liposome EKCC (LEKCC) is a natural step forward 

from the widely applied micellar EKCC. In LEKCC, vesicles are dispersed in the 

background electrolyte solution and serve as a pesudostationary phase.29 Analytes are 

separated in LEKCC due to both differential electrophoretic migrations under an 

electric field and differential partitioning within the vesicles. Depending on the 

charge states of the capillary surface and the vesicles, LEKCC has many different 

separation modes. Figure 1.7 shows two common separation modes utilized in 

LEKCC.  
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Figure 1.7: Schematic representation of two separation modes in LEKCC. In (a), the 
capillary wall is modified so that EOF mobility is negligible. Zwitterionic vesicles are 
used, and the mobility of the vesicle is also negligible. Both positively and 
negatively-charged analytes can be separated, although the schematic only shows the 
separation for negatively-charged analytes. In (b), a bare capillary is used, so EOF 
migrates from the anode to the cathode. Negatively-charged vesicles migrate towards 
the anode. Positively-charged, negatively-charged and neutral analytes can all be 
separated in this mode. (µEOF: EOF mobility; µvesicle: electrophoretic mobility of 
vesicles; µpositive, µnegative and µneutral: electrophoretic mobility of positively-charged, 
negatively-charged and neutral analytes, respectively) The net mobility of an analyte 
is determined by its electrophoretic mobility, the EOF mobility and the partitioning 
interaction of the analyte within the vesicles. 
  

 

 

a 

b 
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Zhang et al. adopted the separation mode shown in Figure 1.7a for the 

separation of negatively-charged drugs.67 The silica surface of the capillary was 

coated with polyacrylamide, making the mobility of the electroosmotic flow (EOF) 

negligible. Vesicles composed of zwitterionic lipids (Egg PC) with negligible 

electrophoretic mobility were added to the background electrolyte solution. When 

negatively-charged drugs were introduced into the system, they migrated through the 

capillary towards the anode under the applied electric field and interacted with the 

vesicles. From the migration time of the drugs with or without vesicles, specific 

capacity factors ks’ can be calculated similarly as in ILC, to evaluate partitioning 

within the vesicles. This approach can also be used to separate positively-charged 

analytes. However, since there is no EOF, it cannot be used to separate neutral 

analytes. Figure 1.7b shows a more broadly applied separation mode,68-76 in which 

unmodified silica capillaries are used and the EOF migrates from the anode to the 

cathode. Analytes, regardless of charge state, all migrate towards the cathode because 

the EOF mobility is typically higher than the electrophoretic mobilities of the 

analytes. Vesicles are composed of mixtures of zwitterionic PC lipids and negatively-

charged lipids such as PS, making the vesicles negatively-charged overall.29 During 

separation, the vesicles migrate towards the anode. Since the vesicles and the analytes 

migrate in opposite directions, partitioning within the vesicles retards the net mobility 

of the analytes towards the cathode. Retention factors and partition coefficients have 

been calculated for analytes between the aqueous buffer and the vesicle membrane to 

evaluate analyte-membrane interactions.68-71 This separation mode can be applied to 

both charged and neutral analytes, and a correlation has been established between 
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calculated capacity factor in LEKCC and drug absorption in human for a number of 

drugs.71 

1.2.4.3 CEC 

 Similar to EKCC, CEC can be considered a hybrid technology of liquid 

chromatography (LC) and capillary electrophoresis (CE). However, in CEC, vesicles 

are immobilized on the inner wall of silica capillaries to serve as stationary phases, 

rather than dispersed in the background electrolyte solution (Figure 1.8). Analytes are 

separated by electrophoretic mobility and by partitioning interactions within the 

vesicles. In CEC, the EOF is usually suppressed because the negatively-charged silica 

surface of the capillary is coated with zwitterionic or slightly negatively-charged 

vesicles.30,77 Both neutral and charged analytes can be separated in vesicle-based 

CEC.30,77-85 
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Figure 1.8: Schematic representation of vesicle-based CEC separation. Vesicles are 
immobilized on the capillary wall, so EOF mobility is usually suppressed. Note that 
in this figure, the EOF mobility is still higher than the electrophoretic mobility of the 
analytes. However, depending on the vesicle coverage of the capillary surface, EOF 
mobility can also be close or lower than the electrophoretic mobility of the analytes. 
Positively-charged, negatively-charged and neutral analytes can all be separated in 
CEC. (µEOF: EOF mobility; µpositive, µnegative and µneutral: electrophoretic mobility of 
positively-charged, negatively-charged and neutral analytes, respectively) The net 
mobility of an analyte is determined by its electrophoretic mobility, the EOF mobility 
and the partitioning interaction of the analyte within the vesicles. 
 

 Several strategies have been developed to immobilize lipid vesicles on the 

inner wall of silica capillaries. For example, vesicles have been physically adsorbed 

on a bare silica capillary surface.77-81 However, there is a high probability that 

vesicles may fuse on bare silica surfaces and lose their integrity. Also, the vesicle 

coating generated by physical adsorption has low stability, leading to lipid aggregate 

peaks in the electropherograms or change of EOF up to 500%.77,78 To improve vesicle 

coating stability, different linking strategies have been used including: (1) adsorbing 

negatively charged vesicles (PC/PS mixture) to positively-charged polymer-coated 

capillary surface;82 (2) binding vesicles doped with biotinylated lipids to avidin-

functionalized capillary surface;83 and, (3) covalently linking vesicles doped with 
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NH2-labeled lipids to iminoaldehyde-modified or sulfonate-modified capillary 

surfaces.30,84,85 The %RSD of EOF mobility is usually within 10% in the capillaries 

with covalently attached vesicles, showing improved coating stability compared to 

the physical adsorption method.30,84,85 Similarly, as in the ILC and EKCC separations, 

capacity factors of analytes can be calculated in the CEC separations30,81,84,85 and have 

been correlated with drug absorption in human.30 

CE generally has higher separation efficiency than LC, therefore, in 

comparison, EKCC and CEC methods should provide more efficient separations than 

ILC. ILC and CEC both require immobilization of vesicles, which often require extra 

reaction steps for preparation of the separation columns. EKCC generally does not 

require column preparation, however, the heterogeneity of vesicle samples and 

scattering from vesicles have been shown to affect analyte detection.67 In addition, 

since vesicles are free-floating in the background solution in EKCC, it would be 

difficult to couple EKCC to mass spectrometry detectors for the identification of 

analytes. In general, long-term utilization of all types of membrane-based 

chromatography using artificial phospholipid vesicles is limited by the stability of 

vesicles, which is affected by factors including storage time, storage temperature, pH 

of storage solution.55 

 
 

1.2.5 Application of vesicles in biosensors  

In addition to the potential for use in ligand-receptor screening techniques, 

artificial phospholipid vesicles have also been developed into biosensors that employ 

known ligand-receptor binding interactions.32-34 These sensors typically utilize 
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glycolipid receptor-functionalized vesicles in a sandwich immunoassay platform for 

the detection of bacterial toxins that specifically bind to the receptor. As shown in 

Figure 1.9, the target bacterial toxin is first captured by an anti-toxin antibody 

immobilized on a substrate surface. Then, the captured toxin is allowed to bind to the 

receptor-functionalized vesicles to form a sandwich complex. Signal transduction for 

the binding event is realized through reporter molecules that are either embedded in 

the vesicle bilayer32 or encapsulated inside the vesicles.33,34 The capability of each 

vesicle to carry tens of thousands of reporter molecules provides high signal 

amplification for each binding event, improving the detection sensitivity. 

 

 

 

 

 

 

 

 

 
 
 
Figure 1.9: Schematic of vesicle-based sensors for the detection of bacterial toxins 
using a sandwich immunoassay platform.  
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In the vesicle-based sandwich immunoassays, reporter molecules that are 

embedded in the vesicle bilayer can be fluorescently-labeled phospholipids that allow 

fluorescence detection.32 Alternatively, NH2-labeled phospholipids doped in the 

bilayer can be covalently attached to horse radishperoxidase (HRP) for signal 

transduction using catalytic reactions. The HRP is not embedded but closely-

associated with the bilayer. In one study, cholera toxin (CT) was captured by anti-CT 

antibody and then bound to Ganglioside GM1 (glycolipid receptor for CT) and HRP-

functionalized vesicles. The HRP catalyzed the oxidation of 4-chloronaphthol by 

H2O2 forming an insoluble product, which was detected by a quartz crystal 

microbalance.86 In another similar study, the HRP catalyzed the oxidation of luminol 

by H2O2 and allowed chemiluminescence detection.87 The limit of detection (LOD) 

for CT reached 10-13 - 10-14 mol/L, or pg/mL range using the HRP-functionalized 

vesicles.   

 Reporter molecules encapsulated inside the vesicles include fluorescent 

dyes,33,34,88-90 electrochemically active species, and DNA. For example, a fluorescent 

dye, sulforhodamine B (SRB) has been encapsulated inside GM1-functionalized 

vesicles at self-quenching concentrations. After the formation of the sandwich 

complex due to the presence of CT, SRB was released by lysis of the vesicles using 

detergents. The fluorescence of SRB was recovered due to dilution and was detected 

in both microtiter plate and flow injection formats, with LOD for CT reaching 10-18 

mol/L.34 Alternatively, DNA molecules have been encapsulated in vesicles and 

amplified by polymerase chain reaction (PCR), and encapsulation of 
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electrochemically active potassium ferrocyanide has allowed voltammetry detection 

of the binding event between CT and GM1.91,92 

 In addition to the sandwich immunoassays, some other sensing platforms have 

also been developed. For example, GM1-functionalized vesicles have been 

immobilized on a substrate surface, and the binding of CT to the vesicles was 

monitored by surface plasmon resonance (SPR).93 In other study, fluorescein-labeled 

GM1 was incorporated into vesicles, and the multivalent binding of GM1 to CT 

brought fluorescein-labeled GM1 molecules in close proximity, leading to the self-

quenching of fluorescein to make a “turn-off” sensor.94 

 It is noticed that the vesicle-based sensors is seldom coupled to mass 

spectrometry detection for the identification of target analytes. This is probably due to 

the low stability of artificial phospholipid vesicles in the vacuum condition, which 

could cause vesicle degradation and high background of lipid aggregate peaks in the 

resulting mass spectra, hindering analyte identification. 
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1.3 POLYMERIZATION OF PHOSPHOLIPID VESICLES 

Although useful for various separation and sensing applications discussed 

previously, artificial phospholipid vesicles are unstable over time, when going 

through air-water transfers or dried, in the presence of surfactants or organic solvents, 

or when exposed to membrane-rich biological environment.95,96 This is because 

vesicle structures are assembled together through relatively weak non-covalent 

interactions between adjacent lipid molecules. This instability may cause vesicle 

stationary phase loss in chromatography applications,19,97 prevent the use and storage 

of vesicle-based sensors in dry state,98 or result in the leakage of encapsulated content 

when vesicles fuse with biological membranes if used in membrane-rich 

environment.96 

Polymerization inside phospholipid bilayers has been developed as a strategy 

to stabilize bilayers and vesicles. Common approaches for making polymer-stabilized 

bilayers include using synthetic polymerizable lipids,99-100 or growing polymer 

scaffolds from hydrophobic monomers inside bilayers formed by non-polymerizable 

lipids.101-103 

 

1.3.1 Polymerizable lipids 

 Polymerizable lipids are a class of synthetic lipid molecules with 

polymerizable functional groups covalently incorporated into the lipid structure. 

Figure 1.10 shows the structure of some common polymerizable functional groups 

that have been incorporated into bilayer-forming amphiphiles (including lipids), 

namely styryl, diacetylenyl, dienoyl, sorbyl, acryloyl, methacryloyl and lipoyl 
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groups.100,104,105 All of the listed functional groups can be polymerized in the liquid-

crystalline phase, except for the diacetylenyl groups, which are only polymerized 

efficiently in the gel phase.100,106  

       

 

 

 

 

 
 
 
Figure 1.10: Common polymerizable functional groups that have been incorporated 
into bilayer-forming amphiphiles (including lipids). Reprinted with the permission 
from Ref. 100. Copyright 1998 American Chemical Society. 
 

Polymerizable functional groups can be attached in the lipid head group or 

different regions in the lipid tail (terminus, middle or close to the glycerol 

backbone).104 Diacylglycerophospholipids can be functionalized on one or both of the 

lipid tails. Sorbyl- and dienoyl- functionalized lipids are used in the work described in 

this dissertation. Figure 1.11 shows structures of common sorbyl- and dienoyl- 

functionalized lipids. 
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Figure 1.11: Structure of common sorbyl- and dienoyl- functionalized lipids (mono-: 
one functional group; bis-: two functional groups; Sorb: sorbyl; Den: dienoyl). Note 
that the carbon chain length of the lipid tails may vary from 12 to over 20.107 
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1.3.2 Factors affecting the polymerization of polymerizable lipids  

The reactivity of the monomeric lipid is dependent on the chemical structure 

of the monomer, the method of initiation, and the monomer over initiator ratio.107 

Each of these factors is explained in detail below. 

 Cross-linking in lipid polymerization is highly dependent on the monomer 

structure. Mono-functionalized lipids form linear polymers, while bis-functionalized 

lipids that have a polymerizable group on each lipid tail form cross-linked polymer 

networks (Figure 1.12).100 In a mixture of mono- and bis-functionalized lipids, the 

mole percent of the bis-functionalized lipids needs to reach a specific threshold for 

cross-linking to happen. For SorbPC, this mole ratio is 30%; while for DenPC, only 

10% of the bis-functionalized lipid is needed for cross-linking.100,108,109 SorbPC has 

lower cross-linking efficiency since the reactive group of SorbPC is at the lipid tail 

terminus and thus has higher conformational freedom. This freedom in motion leads 

to macrocyclization, which competes with cross-linking. For DenPC, the 

conformational freedom of the reactive groups is low because they are closer to the 

glycerol backbone100,108,109 

 Cross-linked polymers change bilayer properties more significantly than linear 

polymers. Bilayer permeability to encapsulated aqueous markers decreased by 2-5 

fold due to linear polymer formation but two orders of magnitude due to 

crosslinking.110,111 Lateral diffusion of bilayer component is also restricted by cross-

linking.112 On the other hand, the chemical stability of vesicles is increased by cross-

linking. Cross-linked vesicles survived treatments with organic solvent or 

surfactant.109,113,114 
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Figure 1.12: Schematic representation of the formation of linear polymers by mono-
substituted lipids and the formation of cross-linked polymers by bis-substituted lipids. 
(Pzn: polymerization) Reprinted with the permission from Ref. 100. Copyright 1998 
American Chemical Society. 
 

Polymerization of polymerizable lipids within vesicles can be initiated by 

direct UV irradiation (254 nm)107 or addition of thermal or redox free radical 

initiators.109 Common thermal initiators include the hydrophobic compound 2,2’-

azobisisobutyronitrile (AIBN) and the hydrophilic compound 2,2’-azobis(2-

amidinopropane) dihydrochloride (AAPD). These compounds decompose once 

heated and generate radical species to initiate the polymerization of lipid monomers. 

AIBN has been used to polymerize bis-SorbPC vesicles because the reactive group of 

bis-SorbPC is at the hydrophobic lipid tail terminus.109 Bis-DenPC vesicles can be 

polymerized by either AAPD or AIBN, because the diene group on sn2 chain is 

exposed to the aqueous phase and the diene group on sn1 chain is further down inside 

the bilayer lamellar region.115,116 Redox initiators are salt pairs that undergo redox 

reactions when mixed and produce free radicals. K2S2O8 and NaHSO3 is a common 

redox pair and their reactions are given in Scheme 1.1.117 

Mono-substituted Lipids 

Bis-substituted Lipids 

Linear Polymers 

Cross-linked Polymers 

Pzn 

Pzn 
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S2O8
2- + HSO3

-              HSO3* + SO4*- +SO4
2-             (1.1) 

SO4*- +H2O             HSO4
- + OH*- 

 The degree of polymerization (Xn), which is the average number of monomer 

units per polymer chain, is higher in thermal or redox-initiated (Xn =50-300) 

polymerization, compared to photopolymerization (Xn=5-10).107 Thus, thermal or 

redox polymerization generates larger polymers and therefore more stable vesicles. 

However, the temperature required for thermal initiation (≥ 60 °C) can be detrimental 

to membrane protein functionalization if the protein is incorporated into vesicles 

before polymerization. Also, the byproduct HSO4
- in the redox initiation reaction 

shown in Scheme 1.1 decreases solution pH, which can also negatively affect protein 

function. A study has shown that replacing K2S2O8  with (NH4)2S2O8  can maintain a 

neutral pH after redox reaction and could be beneficial for membrane protein 

functionalization.97  

Except for the initiation method, Xn is also dependent on the relative amount 

of monomers and initiators used. Specifically, at high percent conversion from 

monomers to polymers, Xn is proportional to [M]2 and [I]-1, where [M] is the initial 

monomer concentration and [I] is the initial initiator concentration. Here each 

polymerizable group is considered as a monomer.100,107,118 

 

1.3.3 Polymer scaffolding 

 Polymer scaffolding has been developed as an alternative strategy to stabilize 

vesicles, in addition to polymerizable lipids, which could be difficult and expensive to 

synthesize. The general process of polymer scaffolding begins with the formation of 
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vesicles with non-polymerizable surfactants or lipids, followed by doping of 

hydrophobic, reactive small molecule monomers, cross-linkers and initiators into the 

lamellar region of the vesicles. Then, under certain initiation conditions, the 

polymerization reaction among the monomers and cross-linkers is induced, which 

results in the formation of a cross-linking polymer scaffold within the vesicle bilayer, 

mechanically stabilizing the vesicle structure.102,103,119,120 

 Polymer scaffolds have been synthesized in vesicles composed of bilayer-

forming surfactants (e.g. dioctadecyldimethylammonium bromide, DDAB),101,103,121 

phospholipids (e.g. 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine, POPC),122-126 

as well as mixtures of cationic surfactant (e.g. cetyltrimethylammonium 

toluenesulfonate, CTAT) and anionic surfactant (e.g. sodium 

dodecylbenzenesulfonate, SDBS).127,128 Linear monomers with only one 

polymerizable group such as n-butylmethacrylate (BMA) or styrene form linear 

polymer chains. Cross-linkers with two polymerizable groups such as ethylene glycol 

dimethacrylate (EGDMA) or divinylbenzene (DVB) can link between different 

polymer chains. With a combination of linear monomers and cross-linkers, a 

complete and cross-linked polymer scaffold is expected to form inside the bilayer of 

the templating vesicle (Figure 1.13). Polymerizations have been initiated with thermal 

(e.g. AIBN),101,102 redox (e.g. K2S2O8)103,121 or photoinitiators (e.g. Irgacure 907).123-

126 
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Figure 1.13: Structure of BMA, EGDMA and their polymerization product. BMA 
forms linear polymer chains while EGDMA links between different polymer chains. 
 

After the formation of polymers inside the vesicle bilayer, a fluorescence 

guest molecule (pyrene) showed a decreased lateral mobility within the bilayer,101 and 

a paramagnetic probe showed a decreased diffusion rate across the bilayer.103 Figure 

1.14 shows the scanning electron microscopy (SEM) images of polymer scaffolds 

formed in giant vesicles after removing the templating vesicles and after drying. Clear 

hollow sphere structures are observed in the images. It was also observed that 

polymer scaffolds contracted in size after removing the templating vesicles, and the 

degree of contraction depended on the cross-linking density, which is the molar ratio 

of cross-linkers over monomers.102 
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Figure 1.14: SEM images of an intact (a) and a semispherical fragment of (b) 
polymer scaffold formed in giant vesicles, after removing the templating vesicle and 
after drying. Scale bar corresponds to 50 µm. Reprinted with the permission from ref. 
102. Copyright 1998 American Chemical Society. 
 

While formation of micrometer-sized polymer scaffolds is readily proved, 

characterization of nanometer-sized polymer scaffolds is less explicit. Some debates 

exist on whether and how polymer scaffolds can be formed in nanometer-sized 

vesicles, which is introduced in detail in Chapter 4. 

 

1.3.4 Application of polymerized lipid bilayers and vesicles 

 The application of polymerized lipid bilayers and vesicles in separation and 

biosensing is briefly introduced here.  

 Polymerized lipid bilayers formed by polymerizable lipids have been used as 

capillary coatings in CE separations to reduce the non-specific adsorption of cationic 

analytes (e.g. amines, proteins) to the capillary wall.129,130 Additionally, the 

polymerized bilayer coatings have been used in non-aqueous CE (NACE) separations 

due to their enhanced stability against organic solvents.129 Spatially-defined, 

chemically-functionalized micrometer-sized patterning has been developed inside 

a b 
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silica capillaries using polymerized lipid bilayers, which has the potential to be used 

in multi-component and high-throughput chemical sensing and screening.131,132 Also, 

silica microspheres coated with polymerized lipid bilayers have been packed in a 

column for frontal chromatography analysis of several drugs, which is the first 

application using polymerized lipid bilayers as stationary phases in membrane-based 

chromatography.97 Membrane receptor-functionalized stationary phases composed of 

polymerized lipid bilayers haven’t been reported, but several membrane proteins 

(including GPCRs and ion channels) have been reconstituted into polymerized lipid 

bilayers and maintained their function, which shows the potential of using membrane 

receptor-functionalized polymerized lipid bilayers as stationary phases in membrane-

based chromatography for ligand screening.122,133-135 Additionally, glycolipid 

receptors have been incorporated into planar supported lipid bilayers (PSLB) made of 

polymerizable lipids. The PSLB successfully captured bacterial toxins that 

specifically bind to the receptors. Matrix-assisted laser desorption/ionization-mass 

spectrometry (MALDI-MS) was utilized to directly detect and identify the bound 

toxins on the PSLB.136,137 This platform may be used as a generic approach for the 

detection and identification of protein ligands for membrane receptors. 

 There hasn’t been any report on the utilization of intact polymerized lipid 

vesicles as stationary phases in membrane-based chromatography. Sensors for O2, 

pH, human IgG, E. coli, streptolysin O, and DNA have been developed using 

polymerized vesicles made of polymerizable lipids or non-polymerizable lipids 

stabilized with polymer scaffolds.126,138-142 Within these, sensors based on membrane 

receptor-ligand interactions are very few. In one application, an E. coli sensor was 
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developed by incorporating glycolipid receptor into vesicles made of a mixture of a 

non-polymerizable phospholipid DMPC and a fatty acid containing a polymerizable 

diacetylene group. When E. coli binds to the glycolipid receptor, the polymer-

containing vesicles showed a blue to red color shift due to orientation or molecular 

stress alterations in the polymer backbone caused by the E. coli binding.140 
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1.4 DISSERTATION OVERVIEW 

 The long-term goal of the research in this dissertation is to develop membrane 

receptor-functionalized, highly stable stationary phases using polymerized 

phospholipid vesicles for high-throughput ligand screening. Towards this goal, the 

work described in this dissertation specifically explores the utilization of polymerized 

phospholipid vesicles in separation and sensing based on analyte-membrane or 

analyte-membrane receptor interactions. The process of vesicle polymerization using 

both polymerizable lipids and polymer scaffolds is also characterized and optimized. 

 Chapter 2 describes the development of stationary phases using polymerized 

phospholipid vesicles composed of polymerizable lipids, for the separation of drug 

analog compounds based on their different interactions with the vesicle membrane. 

Conditions for vesicle polymerization were optimized. The stability of the resulting 

stationary phases was characterized. The separation performance of the stationary 

phases was evaluated in open-tubular CEC and CLC separations of aliphatic amines. 

 In Chapter 3, a novel pull-down assay was developed using silica core-

polymerized phospholipid vesicle shell particles combined with MALDI-MS, for the 

detection and identification of protein/peptide ligands that bind to membrane 

receptors. The core-shell particles were assembled and characterized. The stability of 

the vesicle shell was evaluated. Finally, the core-shell particles were functionalized 

with a glycolipid receptor and used in a proof-of-concept detection of a bacterial 

toxin that binds to the receptor. 

 In Chapter 4, the polymer scaffolding approach for the stabilization of vesicles 

formed by non-polymerizable lipids was investigated. The polymer scaffolding 
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process was characterized in detail to determine whether polymer scaffolds were 

formed in nanometer-sized vesicles. Also, the effect of using different linear 

monomers on vesicle polymerization was evaluated. 

 Chapter 5 summarizes the work and provides future directions for the 

development of membrane receptor-functionalized stationary phases using 

polymerized phospholipid vesicles based on the foundations built in Chapters 2-4. 
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CHAPTER 2. DEVELOPMENT OF POLYMERIZED PHOSPHOLIPID 

VESICLE COATINGS AS STATIONARY PHASES IN BOTH OPEN 

TUBULAR CAPILLARY LIQUID CHROMATOGRAPHY (CLC) AND 

CAPILLARY ELECTROCHROMATOGRAPHY (CEC) SEPARATIONS 

2.1 INTRODUCTION 

Biological membranes, primarily composed of phospholipid bilayers, are the 

natural barriers that isolate the interior of cells from the extracellular environment. 

Many orally administered drugs are absorbed by passive diffusion across the lipid 

bilayer of intestinal cell membranes.28 Therefore, the study of drug-membrane 

interactions is important in early drug screening processes. Lipophilicity, an estimate 

of the capability of a drug to partition within the lipid bilayer, correlates with passive 

transmembrane diffusion.2,3 Lipophilicity is most often evaluated as the n-

octanol/water partition coefficient; however, it does not take into consideration the 

ionizability of the lipid head groups within the bilayer.143  

Membrane-based chromatography has been developed as a high-throughput 

platform to provide a more realistic measure of drug-membrane interactions. In 

membrane-based chromatography, artificial phospholipid membranes or cellular 

membranes serve as stationary phases. Drugs are separated by their different 

interaction with the membrane stationary phases. Partition parameters, such as 

capacity factors, can be measured for drugs between the lipid membrane and the 

aqueous phase.28,29,143  

In addition to evaluating drug-membrane interactions, membrane-based 

chromatography can also be used to study ligand- transmembrane protein (TMP) 
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interactions. TMPs, especially G-protein coupled receptors (GPCRs), are important 

signaling molecules that are embedded in cellular membranes. They regulate cellular 

function by transducing extracellular stimuli (e.g. ligand binding) to intracellular 

response (e.g. neuronal firing).9,10 TMPs are major drug targets;11 screening for 

ligands that can bind to specific TMPs and regulate their function is a major effort in 

pharmaceutical industry. Binding constants between ligands and TMPs have been 

determined, and complex mixtures have been screened against target TMPs using 

membrane-based chromatography, using TMP-functionalized membrane stationary 

phases,20,21,31 by incorporating target TMPs into artificial lipid vesicles or using 

cellular membrane vesicles from cells that over-express the target TMPs. 

Common types of membrane-based chromatography include immobilized 

artificial membrane (IAM) chromatography,143 immobilized liposome 

chromatography (ILC),28 electrokinetic capillary chromatography (EKCC) using lipid 

vesicles as pseudo-stationary phases,29 and capillary electrochromatography (CEC) 

using lipid membranes as stationary phases.29 In IAM, a monolayer of phospholipids 

is immobilized on a solid support (e.g. silica particles) through covalent reaction 

between the lipid tails and the functionalized silica surface. The lipid-coated particles 

are packed into columns for chromatographic applications.143-145 Despite the 

usefulness of IAM, a lipid monolayer doesn’t fully resemble the lipid bilayer of 

biological membranes. ILC, liposome EKCC and CEC are lipid bilayer-based 

chromatography methods. In ILC, artificial lipid vesicles or cellular membrane 

vesicles are immobilized on solid supports through steric, hydrophobic, avidin-biotin, 

or covalent interactions,28,57,146 to serve as stationary phases. Liposome EKCC and 
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CEC combine the high efficiency of CE separation and the resolving power of 

differential analyte interactions with the liposomes (lipid vesicles).29 In EKCC, 

vesicles are dispersed in the background electrolyte solution as pseudo-stationary 

phases;67,147 while in CEC, vesicles are immobilized on the capillary wall as 

stationary phases.30,84,85 

One disadvantage of the membrane-based stationary phases, especially lipid 

vesicle-based stationary phases composed of lipid bilayers, is the limited stability. 

Lipid bilayers are held together by non-covalent interactions between adjacent lipid 

molecules, which are relatively weak interactions, and can easily be disrupted by 

common physical and chemical insults such as shear forces, drying, exposure to 

organic solvents, etc. The limited stability of lipid bilayers may lead to loss of the 

stationary phase in chromatographic separations, in which exposure to air bubbles and 

high shear forces are common.19,95,97 

Polymerizable lipids provide one strategy to improve the stability of 

phospholipid bilayers. Synthetic lipid molecules have been produced that contain 

polymerizable functional groups in the lipid head or tail regions. After self-assembly 

into lipid bilayers, polymerizable lipids can react with adjacent molecules under 

certain initiation conditions and form lipid polymers within the bilayers.99 After 

polymerization, substrate-supported lipid bilayers formed by polymerizable lipids 

showed enhanced stability against drying, exposure to organic solvent or 

surfactant.95,148 Polymerized lipid vesicles also survive the treatment of excess 

surfactant.109 In addition, TMPs (e.g. rhodopsin) have been incorporated into 

polymerized lipid bilayers and retained their function.133-135 This indicates that 
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polymerized lipid bilayers may be a promising stationary phase material in 

membrane-based chromatography for drug-membrane or drug-TMP interaction 

studies, due to increased stability and TMP function preservation. 

Polymerized lipid bilayers have been formed on silica capillary walls and used 

as a coating to reduce non-specific adsorption in small molecule and protein 

separations.129,130 Spatially defined, chemically functionalized micro-patterns were 

also developed inside silica capillaries using polymer lipid membranes.131,132 

Recently, a packed capillary column was prepared with silica microspheres coated 

with polymerized lipid bilayers, to study drug-membrane interactions by frontal 

analysis,97 representing the first time that polymerizable lipids were used as stationary 

phases in membrane-based chromatography. The polymerized lipid bilayer coatings 

were stable enough to survive the high shear force generated by the high pressure 

during the column packing process; while non-polymerizable lipid bilayer coatings 

were removed during packing. Several drugs showed retention in the polymer lipid 

membrane stationary phases. If this strategy is to be extended to TMP-

functionalization, the small distance (~1 nm) between the lipid bilayer and the 

underlying silica substrate surface might be a hindrance, since some TMPs protrude 

more than 1 nm beyond the bilayer to fold into their proper configurations.149,155 A 

coating made of intact lipid vesicles tethered on the substrate surface by a spacer 

linker would provide more room for TMP insertion and also more surface area as a 

stationary phase, compared to a single bilayer coating. In this work, we immobilized 

intact NH2-labeled polymerized lipid vesicles on the inner wall of sulfonate-modified 

silica capillaries through covalent reaction. We evaluated the stability of the 
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polymerized lipid vesicle coatings, as compared to non-polymerizable vesicle 

coatings. We demonstrated the separation of analytes with different lipophilicity in 

both open tubular CLC and CEC formats with the immobilized polymerized vesicle 

coatings as stationary phases. 
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2.2 EXPERIMENTAL 

2.2.1 Materials  

 1,2-dioleoy-sn-glycero-3-phosphocholine (DOPC), 1,2-distearoyl-sn-glycero-

3-phosphoethanolamine-N-[amino(polyethylene glycol)-2000] (ammonium salt) 

(DSPE-PEG(2000)-NH2) and 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-

(lissamine rhodamine B sulfonyl) (ammonium salt) (rhodamine-DOPE) were 

purchased from Avanti Polar Lipids (Alabaster, AL). 1,2-bis[10-(2’,4’-

hexadieoyloxy)decanoyl]-sn-glycero-2-phosphocholine (bis-SorbPC) was synthesized 

and purified according to previous protocols.97,156 1,2-bis(2,4-dioctadecadienoyl)-sn-

glycero-3-phosphocholine (bis-DenPC) was synthesized according to Dorn et al.110 5-

(aminomethyl)fluorescein, hydrochloride (AF) and dextran-tetramethylrhodamine 

(MW 10,000 and 40,000) were purchased from Invitrogen Molecular Probes (Eugene, 

OR). Fluorescein, (3-glycidyloxypropyl)trimethoxysilane (GPTMS), 2,2,2-

trifluoroethanesulfonyl chloride (tresyl chloride), 2,2’-azobisisobutyronitrile (AIBN), 

Sepharose CL-4B, allylamine, n-butylamine, n-hexylamine, Triton X-100, 4-(2-

Hydroxyethyl)piperazine-1-ethanesulfonic acid (HEPES), Trizma HCl (Tris), 

KH2PO4 and Na2B4O7⋅10H2O were purchased from Sigma Aldrich (St. Louis, MO). 

AIBN was recrystallized from MeOH before use. Dry toluene, dry pyridine, and 

fluorescein isothiocyanate (FITC) were purchased from Acros Organics (NJ). Dry 

acetone was either purchased from Acros Organics or prepared in lab as described in 

section 2.2.2.1. Toluene, (NH4)2S2O8 and NaOH were purchased from Mallinckrodt 

Baker (Paris, KY). HNO3 and Na2HPO4 were purchased from Avantor Performance 

Materials (Center Valley, PA). NaHSO3 was from MP Biomedicals (Solon, OH). 
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Acetone was from Fisher Scientific (Fair Lawn, NJ). Dimethyl sulfoxide (DMSO) 

was from VWR. All other chemicals were from EMD. H2O was purified with a 

Barnstead EASYpure UV/UF system. All buffers were filtered through 0.2 µm 

membranes.   

 

2.2.2 Sulfonate-modification of glass cover slides and silica capillaries 

2.2.2.1 Sulfonate-modification of glass cover slides 

Procedures for sulfonate modification of glass cover slides were modified 

from references 150 and 151. Glass cover slides (No. 1.5, 22 × 22 mm, VWR, Radnor, 

PA) were incubated with 5% HCl (70 rpm) for 1 hour to remove non-binding metal 

ions and washed with H2O. Then slides were incubated with Piranha solution (7:3 

(v/v) concentrated H2SO4: 30% H2O2 in H2O) for 30 min and washed with H2O, 

acetone and blown dry. Dried slides were baked above 150 °C for more than 2 hours 

under vacuum. Then the slides were put into a mixture of 80 mL dry toluene, 1.6 mL 

GPTMS (2% silane v/v) and 40.8 µL triethylamine. The mixture was refluxed 

overnight at 120~130 °C in a N2 environment. Slides were then washed with toluene, 

acetone, and H2O. At this point, slides were epoxide-modified. After that, slides were 

heated in 10 mM H2SO4 at 90 °C for 1 hour, washed with H2O, acetone and blown 

dry. At this point, slides were diol-modified. To make dry acetone, acetone was 

shaken with Drierite (W.A. Hammond Drierite Company) at 25 g/L at 250 rpm for 

several hours. Then the supernatant was decanted into a distillation flask and distilled 

from fresh Drierite at 10 g/L. Diol slides were immersed in a mixture of 60 mL dry 

acetone and 260 µL dry pyridine. With shaking, 180 µL tresyl chloride was slowly 
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added into the mixture. The slides were incubated with the mixture (70 rpm) for ~35 

min at room temperature. After that, slides were washed sequentially with acetone, 

50:50 (v/v) of acetone:5 mM HCl, 1 mM HCl, H2O, acetone and blown dry. At this 

point, slides were considered sulfonate-modified and were stored dry. 

2.2.2.2 Sulfonate modification of silica capillaries 

Procedures for silica capillary modification were similar to those for glass 

cover slides. Capillaries (25 µm i.d.; 360 µm o.d.; Polymicro Technologies, Phoenix, 

AZ) were first rinsed with 1M HNO3, H2O, acetone sequentially and baked on a hot 

plate at ~150 °C for 30 min under continuous N2 flow. After drying, windows were 

made on the capillary wall by burning off the polyimide coatings. Then capillaries 

were filled with 2% or 20% (v/v) GPTMS in dry toluene solution mentioned 

previously in section 2.2.2.1. The volume ratio of GPTMS/triethylamine was kept 

constant. The capillary ends were sealed with Teflon tape and capillaries were heated 

in an oven at 110 °C overnight. Capillaries were washed with toluene, acetone, and 

H2O. After that, capillaries were filled with 10 mM H2SO4 and heated at 90 °C in an 

oven for 1 hour, with ends sealed with Teflon tape. Then capillaries were washed 

with H2O then acetone and blown dry. Diol-modified capillaries were washed with 

dry acetone. Then a mixture of tresyl chloride and dry pyridine in dry acetone 

(volume ratio of each component same as described in section 2.2.2.1) was pumped 

through the capillary for ~35 min at room temperature. Finally, capillaries were 

washed, dried and stored similarly as described in section 2.2.2.1. 
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2.2.3 Evaluation of the amine-reactivity of sulfonate-modified surfaces  

2.2.3.1 Amine-reactivity of sulfonate-modified glass cover slides 

Amine-reactivity of sulfonate surfaces was tested by reacting with 5-

(aminomethyl)fluorescein, hydrochloride (AF). Sulfonate-modified glass slides were 

incubated with 1.26 mM AF in PBS, pH 7.4 (137 mM NaCl, 2.7 mM KCl, 8 mM 

Na2HPO4, and 2 mM KH2PO4), or in 20 mM phosphate pH 7.4-8.0, or in 25 mM 

HEPES, pH 7.4-8.0, for more than 3 hours. Then the surface was incubated with 5-10 

mM Tris in corresponding buffer for more than 1 hour to scavenge the unreacted 

sulfonate groups. After that, the surface was washed five times with H2O or 

corresponding buffer, and finally immersed in corresponding buffer for fluorescence 

imaging. Images were acquired by a Nikon Eclipse TE300 Quantum inverted 

microscope and a 40×/1.30 N.A. oil objective, with B-2E/C filter cube (Ex: 480/30 

nm; Em: 535/40 nm). The microscope was equipped with a Quantix 57 back-

illuminated CCD camera (Roper Scientific, Tucson, AZ). MetaVue software 

(Universal Imaging, Downingtown, PA) was used to collect the images and Image J 

software was used to analyze the images. 

2.2.3.2 Amine-reactivity of sulfonate-modified silica capillaries 

Sulfonate-modified capillaries (20% silane, 4.0 cm long with a 0.5 cm 

window in the middle) were rinsed with 20 mM phosphate, pH 7.4 by a syringe pump 

(Sage, model M361, Thermo Orion) to wet the inner wall surface. Then 1 mM AF in 

20 mM phosphate, pH 8.0 was pumped into the capillary and this solution was 

incubated with the capillary surface for 3 hours under gravity-induced flow. After 

that, 5 mM Tris in 20 mM phosphate, pH 8.0 was pumped into the capillary and 
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incubated with the capillary for 1 hour under gravity-induced flow, to scavenge 

unreacted sulfonate groups. Finally, capillaries were washed with 20 mM phosphate, 

pH 7.4 on syringe pump before fluorescence imaging. Imaging conditions were 

similar to those described in section 2.2.3.1, except that a LWD 40×/N.A. 0.55 air 

objective was used. 

 

2.2.4 Preparation and characterization of DOPC/NH2, polybis-sorbPC/NH2 and 

polybis-DenPC/NH2 vesicles 

2.2.4.1 Preparation of DOPC/NH2 vesicles 

DOPC lipid was mixed with 0.5% or 1% mole of DSPE-PEG(2000)-NH2. 

Solvent was evaporated by an Ar stream and the lipid mixture was lyophilized 

(FreeZone6, Labconco, Kansas City, MO) for more than 4 hours. The dried lipid 

mixture was rehydrated in PBS, pH 7.4 or in 20 mM phosphate, pH 7.4 or in 25 mM 

HEPES, pH 7.4, to a lipid concentration of 2.5-10 mg/mL. The solution was warmed 

in a 42 °C water bath and vortexed to suspend all the dried lipids into the solution. 

Then the solution went through 10 cycles of freeze-thaw-vortex using a freezing bath 

of dry ice/isopropanol and thawing bath of 42 °C water bath. Then the solution was 

extruded 21 times through one 800 nm or two stacked 200 nm Nucleopore 

polycarbonate membranes, using a Hamilton syringe miniextruder (Avanti Polar 

Lipids, Birmingham, AL). After extrusion, the vesicle solution was stored at room 

temperature until use. 
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2.2.4.2 Preparation of polybis-sorbPC/NH2 and polybis-DenPC/NH2 vesicles 

2.2.4.2.1 Redox polymerization 

Procedures were adapted from a previous report.97 Bis-sorbPC lipid was 

mixed with 0.5% mole of DSPE-PEG(2000)-NH2 and the mixture was dried as 

described in section 2.2.4.1. Dried lipids were rehydrated in PBS, pH 7.4 to a lipid 

concentration of 2 mg/mL. Freeze-thaw and extrusion processes were similar as in 

section 2.2.4.1, except that all extrusions were carried out with two stacked 200 nm 

Nucleopore polycarbonate membranes and on a hot plate, above the main phase 

transition temperature (Tm) of bis-sorbPC, which is 35 °C.107 NaHSO3 and 

(NH4)2S2O8 were dissolved separately in degassed H2O to concentrations of ~0.6 M. 

Extruded vesicles were mixed with appropriate amount of PBS buffer, and the 

solution was bubbled by a slight stream of Ar gas for 5 min. Then an appropriate 

amount of NaHSO3 and (NH4)2S2O8 solution were added into the vesicle solution. 

The final concentration of bis-sorbPC lipid in the mixture was 0.5 mg/mL and molar 

ratio of bis-sorbPC : NaHSO3 : (NH4)2S2O8 = 1 : 300 : 300 or 1 : 30 : 30. The mixture 

was incubated at 35 °C for 3 hours for polymerization. 

2.2.4.2.2 Thermal polymerization 

Procedures were adapted from a previous report.109 Bis-sorbPC lipid was 

mixed with 0.5% or 1% mole of DSPE-PEG(2000)-NH2 and a proper amount of 

freshly made 1 mg/mL AIBN in benzene to make molar ratio of bis-sorbPC : AIBN = 

10 : 1 or 2.5 : 1 or 1 : 1 (monomer : initiator = 20 : 1 or 5 : 1 or 2 : 1). The mixture 

was dried as described in section 2.2.4.1. Then dried lipids were rehydrated in 

degassed 20 mM phosphate, pH 7.4 or 25 mM HEPES, pH 7.4, to a lipid 
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concentration of 5 mg/mL. Freeze-thaw and extrusion processes were similar as 

described in section 2.2.4.2.1. After extrusion, the vesicle solution was bubbled with a 

slight stream of Ar for 5 min and heated at 65 °C overnight in an Ar environment. 

2.2.4.2.3 Photo-thermal polymerization 

Bis-sorbPC lipid was mixed with 1% mole of DSPE-PEG(2000)-NH2 and a 

proper amount of freshly made 1 mg/mL AIBN in benzene to make molar ratio of 

bis-sorbPC : AIBN = 5 : 1 (monomer : initiator = 10 : 1). The mixture was dried as 

described in section 2.2.4.1. Then dried lipids were rehydrated in degassed 20 mM 

phosphate, pH 7.4, to a lipid concentration of 1 – 2.5 mg/mL. The vesicle solution 

container was filled with Ar or N2. Freeze-thaw and extrusion processes were similar 

as in section 2.2.4.2.1. After extrusion, vesicle solution was diluted with degassed 

buffer if needed. Then the vesicle solution was put into a quartz cuvet and the empty 

space in the cuvet was filled with Ar. The cuvet was placed into a metal cuvet holder, 

for which the temperature was maintained at 40 °C with a water circulator. The 

vesicle solution was exposed to 5, 10, 15, 30 min UV irradiation (150 W lab-built Xe 

arc lamp using a PEK Model 704 power supply, Sunnyvale, CA) with a water IR 

filter and a focusing lens. The solution was stirred constantly during UV irradiation 

and lipid concentration was 0.5 – 2.5 mg/mL in the solution. 

Polybis-DenPC/NH2 vesicles were made by the photo-thermal polymerization 

method, just changing bis-sorbPC to bis-DenPC. 

2.2.4.3 Fluorescence labeling of vesicles 

Vesicles sometimes need to be fluorescently labeled for imaging. Labeling 

was carried out in two ways, a) doping with 0.5% mole of rhodamine-DOPE lipid 
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into the lipid mixture before lyophilization; or b) encapsulation of dextran-

tetramethylrhodamine (M.W. 10,000 or 40,000) inside the vesicles. Encapsulation 

was done by rehydrating dried lipid mixture in a buffer containing dissolved dextran-

tetramethylrhodamine and using this buffer as the dispersant in the freeze-thaw and 

extrusion processes. After extrusion, unencapsulated dextran-tetramethylrhodamine 

was separated with the vesicles by size exclusion chromatography (Sepharose CL-4B 

column). 

2.2.4.4 Size determination of vesicles by dynamic light scattering (DLS) and 

testing vesicle stability by adding Triton X-100 

 DLS measurements of vesicle size were carried out using a Malvern Zetasizer 

Nano-ZS (Worcestershire, United Kingdom) at a lipid concentration of 0.1 mg/mL 

with a backscattering angle of 173 °. Three measurements were made for each sample 

at 25 °C. Results were represented as mean ± standard deviation. When excess Triton 

X-100 was added into the vesicle solution, the mole ratio of Triton X-100/lipid was 

6/1 for thermally polymerized vesicles and 10/1 for photo-thermal polymerized 

vesicles. 

 

2.2.5 Evaluation of vesicle tethering on sulfonate-modified glass cover slides 

Rhodamine-DOPE labeled, DOPC and DOPC/NH2 (0.5% mole NH2) vesicles 

extruded from 800 nm filters were incubated with bare and sulfonate-modified glass 

cover slides for more than 3 hours with gentle shaking. Lipid concentration was 0.05 

mg/mL in PBS, pH 7.4. Then the glass surfaces were scavenged by incubating with 

10 mM Tris in PBS, pH 7.4 for more than 1 hour with gentle shaking. After that, the 
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surfaces were washed with PBS, then immersed in PBS and subjected to fluorescence 

imaging. In the whole process, the surfaces were never exposed to air. Imaging 

conditions were similar as described in section 2.2.3.1, except that G-2E/C filter cube 

was used (Ex: 540/25 nm; Em: 620/60 nm). 

 

2.2.6 Fluorescence recovery after photobleaching (FRAP) evaluation of vesicle 

mobility on vesicle-coated glass cover slides 

Rhodamine-DOPE labeled, DOPC/NH2 (0.5% mole NH2) vesicles were 

extruded using 800 nm membranes.  Bare and sulfonate-modified glass cover slides 

were coated with the vesicles, scavenged and washed as described in section 2.2.5.  

An area of a few micrometers in diameter on the vesicle-coated surface was 

photobleached by a 95 mW, 0.5 s laser pulse (488 nm Ar+ laser, Coherent, innova 

70). After photobleaching, fluorescence recovery was monitored by taking 

fluorescence images of the surface once every 1.1 s, for more than 600 s. Images were 

acquired using a Nikon Eclipse TE2000-U inverted microscope equipped with a 

TE/CCD-512TK/1 camera (Princeton instruments), operated by WinSpec/32 

software. A 20×/N.A. 0.45 air objective and filters of Ex 535/40 nm and Em 610/80 

nm were used.  

 

2.2.7 Comparing vesicle coating stability against drying/rehydration on glass 

cover slides 

Sulfonate-modified glass cover slides were coated with vesicles (0.5% mole 

NH2 , extruded using 200 nm membranes) at a lipid concentration of 1 mg/mL in 20 
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mM phosphate, pH 7.4-8.0,  for more than 3 hours with gentle shaking. Then the 

glass surfaces were scavenged by incubating with 5 mM Tris in 20 mM phosphate, 

pH 8.0 for more than 1 hour with gentle shaking. After that, the surfaces were washed 

with H2O, then immersed in H2O and subjected to fluorescence imaging. Up to this 

step, the surfaces were never exposed to air. After imaging, the surfaces were dried, 

then washed with and immersed in H2O, and imaged again, to evaluate the extent to 

which vesicle coatings were retained after drying/rehydration. Imaging conditions 

were similar as in section 2.2.3.1, except that G-2E/C filter cube was used (Ex: 

540/25 nm; Em: 620/60 nm). 

 

2.2.8 Evaluation of vesicle coating stability against drying/rehydration on silica 

capillary walls 

DOPC/NH2 and thermally polymerized bis-sorbPC/NH2 vesicles (200 nm 

filtered; 0.5% mole NH2) were fluorescently labeled with dextran-

tetramethylrhodamine (M.W. 40,000). Sulfonate-modified capillaries (2% silane, total 

length Lt 6.5 cm, detection length Ld 3.0 cm, i.d. 25 µm, o.d. 360 µm) were rinsed 

with 25 mM HEPES, pH 7.4 and then filled with vesicle solutions (1 mg/mL lipid 

concentration in 25 mM HEPES, pH 7.4). Capillaries were incubated with vesicle 

solutions for more than 3 hours under gravity-induced flow and imaged. Then the 

capillaries were dried by flushing with air at 0.5 µL/min for 10 min on a syringe 

pump (Fusion 200, Chemyx, Stafford, TX), refilled with HEPES buffer and imaged 

again. Imaging conditions were similar as in section 2.2.3.1, except that G-2E/C filter 



 81 

cube (Ex: 540/25 nm; Em: 620/60 nm) and a LWD 40×/N.A. 0.55 air objective was 

used. 

2.2.9 Evaluation of vesicle coating stability against shear forces on silica 

capillary walls 

Rhodamine-DOPE labeled DOPC/NH2 and thermally polymerized bis-

sorbPC/NH2 vesicles (200 nm filtered; 1% NH2) were prepared. Sulfonate-modified 

capillaries (20% silane, Lt 6.0 cm, Ld 3.0 cm, i.d. 25 µm, o.d. 360 µm) were rinsed 

with 20 mM phosphate, pH 7.4 and then filled with vesicle solutions (2.5 mg/mL 

lipid concentration in 20 mM phosphate, pH 7.4-8.0). The capillaries were incubated 

with the vesicle solutions for more than 3 hours under gravity-induced flow and 

imaged. Then the capillaries were rinsed with 20 mM phosphate, pH 7.4 by a 

Micropro Syringe Pumping System (Eldex, Napa, CA) at 10, 20, 30, 50, 70, 100, and 

120 nL/min for 10 min at each flow rate and imaged after each flow rate rinsing. 

Imaging conditions were similar as in section 2.2.3.1, except that G-2E/C filter cube 

(Ex: 540/25 nm; Em: 620/60 nm) and a LWD 40×/N.A. 0.55 air objective was used. 

 

2.2.10 Labeling aliphatic amines with FITC 

 Allylamine, n-butylamine and n-hexylamine were dissolved in 20 mM borate, 

pH 9.5 to make 1 mM solutions. Then for each amine, 100 µL of the amine solution, 

200 µL of 1 mM FITC in acetone and 100 µL of the borate buffer were mixed and 

incubated overnight in the dark at room temperature with shaking. 
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2.2.11 Separation of FITC-labeled aliphatic amines using vesicle-coated 

capillaries by capillary electrochromatography – laser induced fluorescence 

detection (CEC-LIF) 

 Sulfonate-modified capillaries (20% silane, Lt 41 cm, Ld 30 cm, i.d. 25 µm, 

o.d. 360 µm) were coated with DOPC/NH2 and thermally polymerized bis-

sorbPC/NH2 vesicles (200 nm filtered; 1% mole NH2) similarly as described in 

section 2.2.9. After vesicle coating, the capillary surface was scavenged by rinsing 

with 5 mM Tris in 20 mM phosphate, pH 8.0 under gravity-induced flow for enough 

time to rinse three column volumes and another hour to further the reaction. Then the 

capillary was rinsed with 20 mM phosphate, pH 7.4 by gravity-induced flow for three 

column volumes and stored horizontally with both ends immersed in pH 7.4 buffer. 

Before CEC separation, capillaries were rinsed with running buffer under gravity-

induced flow for three column volumes daily. 

 For bare capillary, the capillaries were rinsed with 0.1 M HCl, H2O, 0.1 M 

NaOH, H2O and running buffer sequentially before separation. For the sulfonate-

modified capillary, the capillaries were rinsed with 20 mM phosphate, pH 7.4 first 

and then filled with 5 mM Tris in 20 mM phosphate, pH 8.0. The capillaries were 

incubated with the Tris-containing buffer under gravity-induced flow for more than 

one hour to scavenge the surface. Finally, the capillaries were filled with running 

buffer before separation. 

 CEC instrumentation was built in lab. Electric fields (~732 V cm-1) were 

applied by a 30 KV power supply (CZE-1000, Spellman). Positive polarity was used 

in bare capillary separations, and negative polarity was used in sulfonate-modified 
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and vesicle-coated capillary separations. Samples were injected hydrodynamically by 

raising the inlet of the capillary 20 cm higher than the outlet for 5 s. A 488 nm Ar+ 

laser (INNOVA 70C Series, Coherent, Santa Clara, CA) was used for excitation and 

emitted light was passed through a 535/40 nm filter before entering a PMT. Signal 

was collected with a lab-built A/D converter and software written in LabVIEW 

(National Instruments). Running buffer was 20 mM phosphate, pH 7.4 for all 

separations. Samples were filtered through 0.22 µm PVDF filters and diluted with 

running buffer before injections. 

 

2.2.12 EOF measurements 

 The EOF in bare capillaries was measured by injecting 20% DMSO as a 

neutral marker and detecting with UV absorbance spectrometry (Model 500 Detector, 

ChromTech, Apple Valley, MN). This method failed to measure EOF in vesicle-

coated capillaries due to huge UV absorbance fluctuation. When using LIF detection, 

it was difficult to identify a neutral EOF marker that was both fluorescent and didn’t 

partition within the vesicle stationary phase. Therefore, EOF in vesicle-coated 

capillaries was measured with a current-monitoring method.152 Briefly, the capillary 

was filled with the running buffer (20 mM phosphate, pH 7.4). Then one end of the 

capillary was immersed in 95% of running buffer and the other end was immersed in 

100% running buffer. A high voltage of +30 KV was applied onto the 95% buffer 

end, and the 100% buffer end was grounded. The current inside the capillary was 

amplified by a Keithley 428 current amplifier and monitored continuously by a lab-

built A/D converter and software written in LabVIEW.  EOF migrated from the +30 
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KV end to the grounded end. So the 100% buffer inside the capillary would be 

replaced with the 95% buffer gradually. And the current inside the capillary would 

decrease and finally plateau once the capillary was filled with the 95% buffer. tm was 

the time it took for the current to reach plateau. And EOF velocity was calculated by 

dividing the total length of the capillary (Lt) by tm. This process is illustrated in Figure 

2.1. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 
 
 
Figure 2.1: EOF measurement using current monitoring method. Experimental set-up 
(a) and theoretical current vs. time trace (b). 
 

a 

b 
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2.2.13 Separation of FITC-labeled aliphatic amines using vesicle-coated 

capillaries by capillary liquid chromatography – laser induced fluorescence 

detection (CLC-LIF) 

 Sulfonate-modified capillaries (20% silane, Lt 58 cm, Ld 47 cm, i.d. 25 µm, 

o.d. 360 µm) were coated with DOPC/NH2 and photo-thermal polymerized bis-

sorbPC/NH2 vesicles (200 nm filtered; 1% mole NH2) similarly as described in 

section 2.2.9. After vesicle coating, the capillary surface was scavenged by rinsing 

with 5 mM Tris in 20 mM phosphate, pH 8.0 using a nanoLC pump (Micropro 

Syringe Pumping System, Eldex, Napa, CA) at 50 nL/min for three column volumes. 

Then the capillary was incubated with the Tris-containing buffer for one hour under 

gravity-induced flow to further the reaction. After that, the capillary was rinsed with 

20 mM phosphate, pH 7.4 using the nanoLC pump at 50 nL/min for three column 

volumes, and stored horizontally with both ends immersed in the pH 7.4 buffer. 

Before CLC separation, capillaries were rinsed with running buffer using the nanoLC 

pump at 50 nL/min for three column volumes daily.  

 Separation of FITC-amines was also carried out in a bare capillary. The 

capillary was rinsed with 1 M HNO3, H2O, and acetone sequentially then air-dried. 

Then the capillary was rinsed with 5 mM Tris in 20 mM phosphate, pH 8.0. This was 

to mimic the vesicle-coated capillaries after surface scavenge. The capillary was 

rinsed with running buffer using nanoLC pump for three column volumes before 

separation. 

 CLC-LIF instrumentation was built in lab. A NanoLC pump was used for 

generating flow in the capillary. The pump flow rate (250 nL/min) was split 1:4 with 
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a MicroTee (P-775, IDEX). So the flow rate in the separation column was 1/5 of the 

pump flow rate. The sample loop volume was 29 nL. A 488 nm Ar+ laser (Model 

177-G12, Spectra-Physics, Mountain View, CA) was used for excitation and emitted 

light was passed through a 525/20 nm filter before entering a PMT. Signal was 

amplified with a low-noise current preamplifier (Model SR 570, Stanford Research 

Systems) and collected with an A/D converter (NI USB-6221, National Instruments) 

and software written in LabVIEW (Nathional Instruments). The mobile phase was 20 

mM phosphate, pH 7.4 for all separations. Samples were filtered through 0.22 µm 

PVDF filters and diluted with mobile phase before injections. 
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2.3 RESULTS AND DISCUSSION 

2.3.1 Sulfonate modification and vesicle tethering 

In order to tether phospholipid vesicles onto a glass/silica substrate surface, 

the covalent reaction between sulfonate groups and primary amines was utilized.150 

Sulfonates are good leaving groups in organic nucleophilic substitution reactions. 

When NH2-labeled vesicles are applied onto sulfonate-modified glass/silica surfaces, 

the electron-rich N atom in the –NH2 group will attack the α-carbon of the sulfonate 

group. The sulfonate group will leave and the vesicles will be covalently linked on 

the modified surface. The advantage of this coupling reaction is that it can be carried 

out in aqueous solution at neutral pH, and is therefore very compatible with 

biological-related samples, such as phospholipid vesicles and potentially TMPs.150,151 

The process of sulfonate modification and vesicle tethering is illustrated in Figure 2.2. 
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Figure 2.2: Process of sulfonate modification of glass/silica substrate surfaces and 
tethering of NH2-labeled vesicles by covalent reaction. (The vesicle size is not to 
scale.) 
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Before tethering vesicles, we first tested whether the sulfonate-modification 

was successful both on glass cover slide surfaces and on the inner wall of silica 

capillaries. Sulfonate-modified surfaces should be amine-reactive, which was verified 

by reaction with the fluorophore 5-(aminomethyl)fluorescein, hydrochloride (AF). 

Figure 2.3 shows the fluorescence intensity measurements of bare and sulfonate-

modified glass cover slides, after incubating with AF and fluorescein (F) and after 

washing away unreacted dyes. When the dye lacked a primary amine (F w/ bare glass 

and F w/ sulfonate glass) or when the surface was not sulfonate-modified (AF w/ bare 

glass), the fluorescence intensities were near background. Only AF w/ sulfonate-

modified glass slide showed significantly higher fluorescence intensity, ca. four times 

that of the background.  These results indicated that the sulfonate-modified surface 

was amine-reactive and the modification on glass cover slides was successful. 
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Figure 2.3: Fluorescence intensity measurements of bare and sulfonate-modified 
glass cover slides, after incubating with AF and F, and after washing away unreacted 
dyes. Fluorescence intensity of AF w/ sulfonate-modified glass was set to 1, and all 
other intensity values were normalized against it. (Ex: 480/30 nm; Em: 535/40 nm) 
 

The amine reactivity of sulfonate-modified silica capillaries was also tested. 

Figure 2.4 shows fluorescence images of bare and sulfonate-modified capillaries after 

incubating with AF and after washing. The bare capillary did not exhibit any 

fluorescence due to removal of AF in the washing step. However, the sulfonate-

modified capillary showed significantly higher fluorescence due to the linked AF. 

This result indicates that the sulfonate-modification was also successful on the inner 

wall of silica capillaries. 
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Figure 2.4: Fluorescence images of bare (a) and sulfonate-modified (b) silica 
capillaries (i.d. 25 µm, o.d. 360 µm) after incubating with AF and after washing. (Ex: 
480/30 nm; Em: 535/40 nm) 
 

After demonstrating successful sulfonate modification on glass/silica 

substrates, we tested vesicle tethering on sulfonate-modified glass cover slides. 

Previously, soybean PC/DMPE vesicles have been immobilized on sulfonate-

modified silica surfaces through the amine-sulfonate reaction.30 However, the 

properties of the vesicle-coated surfaces were not characterized in detail to confirm 

the immobilization of the vesicles. In this experiment, rhodamine-DOPE doped 

DOPC (DOPC/Rhod) and DOPC/NH2 (DOPC/Rhod/NH2) vesicles extruded using 

800 nm membranes were tethered onto sulfonate-modified glass cover slides. DLS 

measurements showed that the majority of these vesicles have diameters of ca. 200 

nm, with a small fraction of vesicles having diameters exceeding 1 µm (contributing 

< 5% total scattering intensity). Figure 2.5 shows the fluorescence images of bare and 

sulfonate-modified glass cover slides after incubating with different vesicles and after 

washing away the un-tethered vesicles. 
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Figure 2.5: Fluorescence images of bare and sulfonate-modified glass cover slides 
after incubating with different vesicles and after washing away the un-tethered 
vesicles. (Ex: 540/25 nm; Em: 620/60 nm) 
 

DOPC/Rhod and DOPC/Rhod/NH2 vesicles on bare glass surfaces showed 

low and uniform fluorescence intensities. The fluorescence is uniform because fluidic 

lipid bilayers formed on bare glass surfaces due to vesicle fusion. DOPC/Rhod 

vesicles on sulfonate-modified glass surfaces showed low but dotted fluorescence, 

indicating some vesicles were non-specifically adsorbed or tethered on the surface, 

even though the vesicles were not NH2-labeled. The tethering might be caused by 

reaction between the doped rhodamine-DOPE and sulfonate groups on the surface, 

Buffer w/ bare glass DOPC/Rhod vesicles  
w/ bare glass 

DOPC/Rhod/NH2 vesicles 
w/ bare glass 

DOPC/Rhod vesicles  
w/ sulfonate-modified 
glass 

DOPC/Rhod/NH2 vesicles  
w/ sulfonate- 
modified glass 
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because rhodamine also contains reactive, electron-rich atoms. However, 

DOPC/Rhod/NH2 vesicles showed significantly higher fluorescence intensity than 

DOPC/Rhod vesicles on sulfonate-modified surfaces, which indicated that the 

reactivity provided by the rhodamine groups was negligible compared to that 

provided by the –NH2 groups. The –NH2 functionality was introduced into the DOPC 

vesicles by doping DSPE-PEG(2000)-NH2, which means that there was a 2000 M.W. 

PEG linker between the –NH2 group and the vesicle surface. The M.W. of one PEG 

unit is 44, and each PEG unit has an extended length of ca. 0.43 nm (one C-C bond 

and two C-O bonds). So the 2000 M.W. PEG linker has an extended length of ca. 20 

nm. This means the –NH2 group is protruding the vesicle surface by at least a few 

nanometers. Therefore, in the DOPC/Rhod/NH2 vesicles, the –NH2 groups have 

higher probability to react with the sulfonate surface than the rhodamine groups, and 

the tethering should be mostly provided by the –NH2 groups.  

 

2.3.2 Characterization of vesicle-coated glass surfaces using FRAP 

The purpose of the FRAP experiments was to evaluate the diffusion properties 

of the lipids on glass surfaces, in order to further confirm the immobilization of 

vesicles on sulfonate-modified surfaces. Rhodamine-DOPE labeled, DOPC/NH2 

(DOPC/Rhod/NH2) vesicles (~200 nm in diameter) were incubated with both bare 

and sulfonate-modified glass surfaces. After washing away unbound vesicles, a small 

area (a few micrometers in diameter) on the surfaces was photobleached by a short 

laser pulse. In Figure 2.6 a, it can be seen that the fluorescence recovered on bare 

glass surface. Figure 2.6 b shows the intensity ratio of bleached/unbleached area 
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returned back to ~1 within 200 s, indicating almost complete recovery, and therefore 

free diffusion of the lipid molecules. In contrast, fluorescence recovery was not 

observed on the sulfonate-modified glass slide during the time frame of the 

experiment (~500 s) (Figure 2.6 c and d). This means that lipids were not diffusing on 

the sulfonate-modified glass surface.  
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Figure 2.6: Fluorescence images of DOPC/Rhod/NH2 vesicle-coated bare (a) and 
sulfonate-modified (c) glass surfaces at different time after photobleaching, as well as 
the fluorescence intensity ratio of bleached area/unbleached area vs. time after 
photobleaching for bare (b) and sulfonate-modified (d) glass surfaces. The dark spot 
indicated by the arrow was the photobleached area. (Ex: 535/40 nm; Em: 610/80 nm) 
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On bare glass surface, fluorescence recovery happened because lipid vesicles 

fused into a highly fluidic lipid bilayer. When a small area of the fluorescent lipid 

bilayer-coated surface was photobleached, the fluorescent lipid molecules outside of 

the bleached area diffused into the bleached area after photobleaching, which led to 

fluorescence recovery (Figure 2.7a). In contrast, no fluorescence recovery was 

observed on the sulfonate-modified glass slide because vesicles were covalently 

linked on the surface and could not diffuse. (Figure 2.7b). If the vesicles fused on the 

sulfonate-modified glass surface and formed a bilayer, the lower leaflet of the lipid 

bilayer would be linked on the surface, and partial fluorescence recovery should be 

observed due to the diffusion of lipids in the upper leaflet. However, Figure 2.7b did 

not show any obvious fluorescence recovery, indicating that the vesicles most likely 

remained intact and did not fuse. Therefore, the FRAP results confirmed that 

sulfonate-modification allows tethering of NH2-labeled lipid vesicles on modified 

surfaces and prevents vesicle fusion. 
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Figure 2.7: Fluorescence recovered on bare glass surface due to vesicle fusion into a 
highly fluidic lipid bilayer (a). Fluorescence didn’t recover on sulfonate-modified 
glass surface because vesicles were immobilized on the surface and remained intact 
(b). 
 

2.3.3 Polymerization of bis-sorbPC/NH2 vesicles 

Polymerization of bis-sorbPC vesicles has been studied previously.107,109 

However, new issues were encountered such as vesicle degradation during 

polymerization, and vesicle aggregation during storage, which were not reported 

before. Therefore, different polymerization methods were compared and conditions 

were optimized for this application.  

2.3.3.1 Redox polymerization 

 Bis-sorbPC lipid bilayers coated on silica microspheres have been 

polymerized using redox initiators at a mole ratio of bis-sorbPC : NaHSO3 : 

a 

b 
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(NH4)2S2O8 = 1 : 300 : 300.97 However, when this ratio was applied to bis-

sorbPC/NH2 lipid vesicle polymerization, it was found that the vesicles probably 

degraded during the polymerization process. First, the vesicle solution looked slightly 

opaque before polymerization due to the scattering from the vesicles. After 

polymerization, the vesicle solution lost its opacity and became completely clear, 

which indicates significant decrease of vesicle scattering. Secondly, as shown in 

Table 2.1, DLS measurements of polymerized bis-sorbPC/NH2 vesicles showed that 

except for a vesicle population (diameter between 100-200 nm), there was also a 

small-sized population (diameter between 10-20 nm) present in the vesicle solution. 

The vesicle population contributed more than 90% of total scattering intensity, while 

the small-sized population contributed to less than 5%. However, since scattering 

intensity increases exponentially with particle size, the number percent of the small-

sized population should be very high in the solution. This was demonstrated by the 

number-weighted mean diameter of the vesicle solution, which was only 20-30 nm. 

This means majority of the vesicles degraded into smaller particles during 

polymerization. The reason why vesicles degraded might be that added initiator 

concentration was too high, which caused huge osmolarity difference inside and 

outside of the vesicles and led to lipid bilayer disassembly. This was not a problem 

for previous bis-sorbPC lipid bilayer polymerization because in that case the lipid 

bilayer was supported by silica microspheres.97 In order to reduce the osmolarity 

difference inside and outside the vesicles, the initiator concentration was reduced to 1 

: 30 : 30. However, the vesicle solution still turned completely clear after 

polymerization. And the majority of vesicles were degraded into small particles 
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(Table 2.1). Due to this complication, redox polymerization was not used in later 

studies. 

 
Table 2.1: Size and percent scattering intensity measurement of each size population 
in redox polymerized bis-sorbPC/NH2 vesicles by DLS  
 1 : 300 : 300a 1 : 30 : 30a 
Peak 1 mean diameter (nm) 119 ± 4 176 ± 17 
Peak 1 % Scattering  97% ± 3% 91% ± 4% 
Peak 2 mean diameter (nm) 16 ± 0 19 ± 2 
Peak 2 % Scattering  3% ± 3% 5% ± 4% 
Number-weighted mean 
diameter (nm) 

22 ± 18 27 ± 20 

(a 1 : 300 : 300 and 1 : 30 : 30 refer to the molar ratio of  
bis-sorbPC : NaHSO3 : (NH4)2S2O8) 
 

2.3.3.2 Thermal polymerization 

After extrusion, unpolymerized (UP) bis-sorbPC /NH2 vesicles typically show 

aggregation and membrane fusion into larger vesicles if stored at room temperature 

(bis-sorbPC Tm 35 °C),107 which is reflected by an increase in solution opacity first 

and then lipid precipitation. This process can happen within several hours. After 

overnight storage at room temperature, UP bis-sorbPC /NH2 vesicle solution typically 

shows a lipid pellet precipitated at the bottom of the solution. After overnight 

polymerization with heating, the polymerized (P), [Monomer] : [Initiator] ([M] : [I]) 

of 20 : 1, 5 : 1, and 2 : 1 sample solutions all remained uniform, without precipitation. 

The 20 : 1 sample solution exhibited similar opacity as before polymerization. The 5 : 

1 sample solution was slightly less opaque and the 2 : 1 sample solution was almost 

clear. This indicated possible vesicle degradation in the 2 : 1 sample.  

In order to compare the vesicle stability, a surfactant, Triton X-100 was added 

into all UP and P vesicle samples. Excess surfactants can solubilize vesicles into 
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small mixed micelles. Polymerization can improve vesicle stability and help vesicles 

survive excess surfactants and remain intact.109 Table 2.2 shows the size 

measurements of vesicles before and after adding Triton X-100. All UP vesicles at 

different [M] : [I] ratios showed high polydispersity index (PdI) values (> 0.3) before 

adding surfactant, indicating broad size distributions. Sometimes a very large-sized 

population (4-5 µm in diameter) was present. These results were caused by membrane 

fusion and aggregation when storing UP bis-sorbPC/NH2 vesicles below the Tm of 

bis-sorbPC, as mentioned previously. After adding excess surfactant, the UP vesicles 

were all divided into two populations, one with a diameter of 150-250 nm which was 

remaining vesicles; the other with a diameter of ~ 10 nm which was lipid/surfactant 

mixed micelles.  

The P 2 : 1 sample showed a small-sized population (27 ± 3 nm) along with 

the vesicle population (165 ± 4 nm) before adding any surfactant. Also, the number-

weighted mean diameter of this sample was only 21 ± 2 nm. This suggests that the 

majority of the vesicles degraded into small particles during polymerization, which 

corresponds to the turbidity observation after polymerization for the 2 : 1 sample. 

AIBN initiators were pre-partitioned into the vesicle bilayers, so it would not create 

osmolarity difference across the bilayer as in the redox initiator case. It is unknown 

why vesicles degraded at this high initiator concentration, but [M] : [I] = 2 : 1 was 

determined not suitable for bis-sorbPC/NH2 vesicle polymerization. 

The P 20 : 1 sample did not show a small-sized population before adding 

excess surfactant, demonstrating that vesicles were not degraded during 

polymerization. After adding excess surfactant, the P 20 : 1 sample was divided into 
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two populations, a larger vesicle population and a smaller micelle population, similar 

as the UP 20 : 1 sample. Also, after adding excess surfactant, the scattering intensity 

percentage from the remaining vesicle population did not show significant difference 

between the UP and P samples, indicating the percent of remaining vesicles was 

similar for the UP and P samples after adding excess surfactant. Therefore, 

polymerization at [M] : [I] = 20 : 1 did not provide higher stability to the bis-

sorbPC/NH2 vesicles against surfactant. 

 Results of the 5 : 1 sample were mostly similar to that of the 20 : 1 sample. 

However, after adding excess surfactant, the P sample showed a higher scattering 

intensity percentage from the remaining vesicle population compared to the UP 

sample, meaning more vesicles survived surfactant treatment in the P sample 

compared to the UP sample. Therefore, polymerization at [M] : [I] = 5 : 1 provided 

some stability to the bis-sorbPC/NH2 vesicles against surfactant. Although the 

stability improvement against surfactants was not large, thermal polymerization at 

[M] : [I] = 5 : 1 was used in later experiments for preparing polymerized bis-

sorbPC/NH2 vesicle coatings on sulfonate-modified surfaces. Excess surfactants were 

extremely harsh treatments to vesicles, and the vesicle coatings will never experience 

this treatment in chromatographic separations. Therefore, the vesicle stability 

provided by thermal polymerization at [M] : [I] = 5 : 1 should be sufficient for 

chromatographic applications. 

 Lipid precipitation was also observed when thermally polymerized vesicle 

solution was stored at room temperature for more than one day. Therefore, vesicles 
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were immobilized on sulfonate-modified surfaces and excess vesicles were rinsed 

away immediately following polymerization. 



 
  Table 2.2: Size measurement of UP and P (thermal) bis-sorbPC/NH2 vesicles before and after adding excess Triton X-100 

 
 
 
 
 

 Polydispersity 
Index (PdI) 

Peak 1 
mean diameter 

(nm) 

Peak 1 
% Scattering 

Intensity 

Peak 2 
mean diameter 

(nm) 

Peak 2 
% Scattering 

Intensity 

[M] : [I] =  
20 : 1 

UP 0.334 ± 0.035 149 ± 11 100%   
UP + Triton 1.000 ± 0.000 168 ± 18 69% ± 1% 10 ± 0 31% ± 1% 

P 0.103 ± 0.017 172 ± 4    
P + Triton 0.993 ± 0.009 154 ± 5 71% ± 1% 10 ± 0 29% ± 1% 

[M] : [I] =  
5 : 1 

UP 0.354 ± 0.047 173 ± 4 90% ± 9% 4119 ± 324 10% ± 9% 
UP + Triton 1.000 ± 0.000 254 ± 6 71% ± 1% 11 ± 0 28% ± 0% 

P 0.085 ± 0.028 173 ± 3 100%   
P + Triton 0.823 ± 0.153 159 ± 4 76% ± 0% 10 ± 0 24% ± 0% 

[M] : [I] =  
2 : 1 

UP 0.350 ± 0.030 166 ± 10 97 ± 5% 5202 2% ± 3% 
UP + Triton 0.975 ± 0.022 209 ± 20 65% ± 2% 10 ± 0 34% ± 1% 

P 0.272 ± 0.010 165 ± 4 92% ± 1% 27 ± 3 8% ± 1% 
P + Triton 1.000 ± 0.000 256 ± 30 82% ± 2% 9 ± 0 16% ± 1% 
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2.3.3.3 Photo-thermal polymerization 

 Lipid precipitation was still an issue for thermally polymerized (60 °C) bis-

sorbPC/NH2 vesicles. Therefore, thermally polymerized vesicles cannot be stored 

more than one day at room temperature before use. In order to solve this problem, 

photo-thermal polymerization was investigated, where vesicles were polymerized at a 

lower temperature (40 °C) but assisted with UV irradiation. UP and P vesicles were 

compared in terms of onset time for vesicle aggregation/fusion when stored at room 

temperature. Figure 2.8a shows three consecutive size measurements for UP bis-

sorbPC vesicles immediately following extrusion, though 10 min was required to 

finish the three measurements. Aggregation/fusion of the vesicles happened quickly 

within the 10 min, which was demonstrated by progressive broadening of vesicle size 

distribution and appearance of multiple size populations. Figure 2.8b shows three 

consecutive size measurements of 30 min photo-thermal polymerized bis-sorbPC 

vesicles immediately after UV irradiation. Within the 10 min, the vesicles remained 

mono-dispersed and no difference in vesicle size distribution was observed, which 

means no aggregation/membrane fusion happened, indicating higher stability of the P 

vesicles compared to UP vesicles. 
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Figure 2.8: Size measurement of UP vesicles immediately following extrusion (a) 
and photo-thermal P vesicles immediately after polymerization (b). Red, green and 
blue traces are three consecutive measurements acquired within 10 min for each 
sample. 
 

In another experiment, the bis-sorbPC vesicles were doped with 0.5% mole of 

DSPE-PEG(2000)-NH2 and labeled with rhodamine-DOPE (bis-sorbPC/Rhod/NH2). 

The UV irradiation time was varied in order to determine the shortest time needed to 

polymerize the vesicles and whether the UV irradiation caused significant 

photobleaching of the vesicles. UP vesicles, 5 min, 10 min, 15 min and 30 min 

polymerized vesicles were diluted to a lipid concentration of 0.0125 mg/mL 
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immediately after UV irradiation. Each vesicle sample solution was dispensed on 

glass cover slides and observed under the fluorescence microscope. Figure 2.9a 

shows representative fluorescence images of UP vesicles (0 min UV) and P vesicles 

irradiated with UV light for different amounts of time. UP vesicles showed severe 

aggregation/fusion. With increasing UV irradiation time, the vesicle solution looked 

more uniform. Vesicles did not show visible aggregation when irradiated for longer 

than 15 min by UV light. 
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Figure 2.9: Representative fluorescence images of UP bis-sorbPC/Rhod/NH2 vesicles 
(0 min UV) and photo-thermal polymerized bis-sorbPC/Rhod/NH2 vesicles irradiated 
with UV light for different amounts of time (a). Fluorescence intensity measurement 
of each vesicle sample (b). The vesicles were dispensed on glass cover slides for 
these measurements. (Ex: 540/25 nm; Em: 620/60 nm) 

 

Figure 2.9b shows that fluorescence intensity of vesicle solutions did not 

decrease with increasing UV irradiation time, indicating no significant 

photobleaching. In contrast, the vesicle solution with no or shorter UV irradiation 

showed lower average fluorescence intensity due to vesicle aggregation/fusion. 
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The size of UP vesicles and P vesicles (5 min, 10 min, 15 min and 30 min) 

was measured by DLS after 4 hours room temperature storage, to evaluate the 

vesicles’ stability against aggregation/fusion. For each vesicle sample, size was also 

measured before and after adding excess Triton X-100, to compare vesicle stability 

against surfactant. The results are listed in Table 2.3. After 4 hours storage at room 

temperature, UP vesicles (0 min UV), 5 min and 10 min P vesicle samples all showed 

high PdI values (>0.4) and more than one sized population including a large-sized 

aggregation population (several micrometers in diameter). The 15 min and 30 min P 

vesicle samples remained mono-dispersed and with low PdI values (<0.2), indicating 

no aggregation/fusion happened. These results correspond with images shown in 

Figure 2.9a. After adding excess surfactant into all the vesicle samples, it was found 

that the scattering intensity percentage from the remaining vesicles did not increase 

with polymerization, indicating photo-thermal P vesicles were not more stable than 

UP vesicles against surfactant. However, as mentioned previously, vesicle coatings 

will never be treated with excess surfactant in chromatographic separations. And the 

fact that 15 min and 30 min UV irradiation prevented vesicle aggregation/fusion does 

indicate an improvement in stability compared to UP vesicles. This improvement is 

likely sufficient for chromatographic applications. 

 



Table 2.3: Size measurement of UP bis-sorbPC/Rhod/NH2 vesicles (0 min UV), and 5 min, 10 min, 15 min and 30 min  
photo-thermal polymerized bis-sorbPC/Rhod/NH2 vesicles, after stored at room temperature for 4 hours, before and after  
adding excess Triton X-100. 

 Polydispersity 
Index (PdI) 

Peak 1 
mean diameter 

(nm) 

Peak 1 
% Scattering 

Intensity 

Peak 2 
mean diameter 

(nm) 

Peak 2 
% Scattering 

Intensity 
0 min UV 0.796 ± 0.127 3815 ± 360 76% ± 1% 400 ± 24 24% ± 1% 
Above + 
Triton 

0.559 ± 0.004 11 ± 0 62% ± 1% 292 ± 41 35% ± 4% 

5 min UV 0.424 ± 0.009 172 ± 6 74% ± 3% 2315 ± 408 26% ± 3% 
Above + 
Triton 

0.625 ± 0.022 12 ± 0 57% ± 1% 308 ± 33 41% ± 2% 

10 min UV 0.408 ± 0.021 135 ± 2 83% ± 3% 3726 ± 401 15% ± 4% 
Above + 
Triton 

0.461 ± 0.027 10 ± 0 70% ± 3% 188 ± 3 27% ± 3% 

15 min UV 0.132 ± 0.014 137 ± 2 100%   
Above + 
Triton 

0.477 ± 0.012 11 ± 0 68% ± 0% 221 ± 13 30% ± 0% 

30 min UV 0.140 ± 0.011 134 ± 2 100%   
Above + 
Triton 

0.446 ± 0.081 10 ± 0 69% ± 3% 186 ± 7 27% ± 3% 
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The size of 15 min and 30 min polymerized vesicles was measured again by DLS 

after 5 days of room temperature storage. The results are shown in Table 2.4. The 15 

min P vesicle sample showed a slight increase in PdI value and small amount of 

aggregation, compared to results in Table 2.3. The 30 min P vesicle sample remained 

mono-dispersed, without aggregation.  

 

Table 2.4: Size measurement of 15 min and 30 min photo-thermal polymerized  
bis-sorbPC/Rhod/NH2 vesicles, after stored at room temperature for 5 days 
 15 min UV 30 min UV 
Polydispersity Index (PdI) 0.205 ± 0.058 0.157 ± 0.009 
Peak 1 mean diameter (nm) 145 ± 7 151 ± 5 
Peak 1 % Scattering Intensity 99% ± 1% 100% 
Peak 2 mean diameter (nm) 5284 ± 155  
Peak 2 % Scattering Intensity 1% ± 1%  

 

 Figure 2.10 shows images of UP vesicles and 30 min photo-thermal P vesicles 

after 5 days of room temperature storage. Pink lipid pellets were observed in the UP 

vesicle solution due to vesicle aggregation and lipid precipitation; while vesicles were 

still uniformly dispersed in solution for the 30 min P sample.  
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Figure 2.10: Images of UP (a) and 30 min photo-thermal P (b) bis-sorbPC/Rhod/NH2 
vesicles after 5 days of room temperature storage 
 

 The size of the 30 min polymerized vesicles was measured again by DLS after 

6 months room temperature storage. The results are shown in Table 2.5. The vesicle 

solution maintained relatively low PdI value with a small amount of aggregation. The 

vesicle solution showed no visible precipitation, indicating enhanced stability. 

Therefore, 30 min photo-thermal polymerization was also used in later experiments to 

prepare polymerized vesicle-coated capillaries. 

 

Table 2.5: Size measurement of 30 min photo-thermal polymerized  
bis-sorbPC/Rhod/NH2 vesicles, after stored at room temperature for 6 months. Size 
measurement on day 1 was listed for comparison. 

 

 

 

 

 

 After 6 months On day 1 
Polydispersity Index (PdI) 0.206 ± 0.016 0.140 ± 0.011 
Peak 1 mean diameter (nm) 148 ± 4 134 ± 2 
Peak 1 %Scattering Intensity 98% ± 1% 100% 
Peak 2 mean diameter (nm) 4921 ± 94  
Peak 2 %Scattering Intensity 2% ± 1%  

a b 
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2.3.4 Comparing vesicle coating stability against drying/rehydration 

 Non-polymerizable phospholipid vesicles are assembled through the non-

covalent interactions between adjacent lipid molecules. These interactions are 

relatively weak and the vesicle structure can easily be disrupted by going through air-

water transfers. Therefore, non-polymerizable vesicle coatings may be destroyed by 

common conditions encountered in chromatographic separations, such as air bubbles. 

Here, the effect of polymerization on vesicle coating stability against 

drying/rehydration was evaluated. 

 We prepared different vesicle samples, including DOPC/Rhod/NH2 vesicles 

without or with thermal polymerization treatments (UP DOPC and P DOPC, 

respectively), unpolymerized bis-sorbPC/Rhod/NH2 vesicles (UP bis-sorbPC), 

thermally polymerized bis-sorbPC/Rhod/NH2 vesicles at [M] : [I] of 5 : 1 or 2 : 1 (P 5 

: 1 bis-sorbPC and P 2 : 1 bis-sorbPC, respectively), and finally thermally 

polymerized bis-sorbPC/Rhod vesicles at [M] : [I] of 5 : 1 (P 5 : 1 bis-sorbPC no 

NH2). Sulfonate-modified glass cover slides were coated with each different vesicle 

sample and the vesicle coatings were subjected to drying/rehydration. Since all 

vesicle samples were labeled by rhodamine-DOPE, we can measure the fluorescence 

intensity of the vesicle-coated surfaces before and after drying/rehydration to evaluate 

how much vesicle coatings were retained after the treatment. 
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Figure 2.11: Fluorescence intensity measurement of sulfonate-modified glass cover 
slides coated with different vesicle samples, before and after drying/rehydration. (Ex: 
540/25 nm; Em: 620/60 nm) 

 

As shown in Figure 2.11, after drying-rehydration, the fluorescence intensity 

of UP DOPC and UP bis-sorbPC vesicle-coated surfaces decreased dramatically, 

indicating removal of almost all vesicle coatings. The same was observed for P 

DOPC vesicle-coated surface. Although the vesicles were exposed to thermal 

polymerization conditions (doping of AIBN and heating), DOPC lipids were non-

polymerizable and therefore the vesicles could not be stabilized by polymerization. 

More than 80% of fluorescence intensity was retained on the P 5 : 1 bis-sorbPC 

vesicle coated-surface after drying/rehydration, meaning the majority of vesicle 

coatings survived the treatment due to improved stability. The P 2 : 1 bis-sorbPC 
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vesicle-coated surface only retained half of the fluorescence intensity after 

drying/rehydration, probably due to vesicle degradation during polymerization at this 

[M] : [I] mole ratio, as discussed in section 2.3.3.2. The P 5 : 1 bis-sorbPC no NH2 

vesicle coating was also mostly removed by drying/rehydration. The remaining 

fluorescence intensity likely came from vesicles linked on the surface through the 

reaction between rhodamine-DOPE and sulfonate groups. But as discussed in section 

2.3.1, when DSPE-PEG(2000)-NH2 and rhodamine-DOPE were both doped into 

vesicles, the amount of rhodamine-DOPE that can react with the sulfonate-modified 

surfaces is negligible compared to DSPE-PEG(2000)-NH2. Overall, the above results 

demonstrate that thermal polymerization at [M] : [I] of 5 : 1 increased the stability of 

bis-sorbPC/NH2 vesicle coatings against drying/rehydration, compared to 

unpolymerized bis-sorbPC/NH2 and non-polymerizable DOPC/NH2 vesicle coatings. 

 A similar comparison of vesicle coating stability was also carried out in silica 

capillaries. DOPC/NH2 and thermally polymerized bis-sorbPC/NH2 vesicles were 

coated on the inner wall of sulfonate-modified silica capillaries. Dextran-

tetramethylrhodamine (M.W. 40,000) was encapsulated in both vesicle samples for 

visualization using a fluorescence microscope. In Figure 2.12, it can be seen that 

DOPC/NH2 vesicle coating was mostly stripped off the capillary surface after drying-

rehydration, and the remaining vesicle coating became very non-uniform. The 

polybis-sorbPC/NH2 vesicle coating mostly survived the treatment and remained 

uniform. 
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Figure 2.12: Fluorescence images of sulfonate-modified silica capillaries coated with 
DOPC/NH2 vesicles before (a) and after (b) drying-rehydration and thermally 
polymerized bis-sorbPC/NH2 vesicles before (c) and after (d) drying-rehydration. 
(Fluorescence intensity scale range for a and b: 40-850; for c and d: 40-450) 
 

2.3.5 Comparing vesicle coating stability against shear forces 

 Shear force generated by liquid flow is another common insult for vesicle 

coatings in chromatographic separations. The stability of different vesicle coatings 

against shear forces was tested. Sulfonate-modified silica capillaries coated with 

DOPC/Rhod/NH2 or thermally polymerized bis-sorbPC/Rhod/NH2 vesicles were 

rinsed with buffer at different flow rates (0-120 nL/min). After rinsing at each flow 

rate for 10 min, the fluorescence intensity of the capillaries was measured, to monitor 

the amount of remaining vesicle coating. As shown in Figure 2.13, after rinsing at 20 

nL/min (4 cm/min linear flow rate), the fluorescence intensity of the 

DOPC/Rhod/NH2 vesicle-coated capillary dropped to 40% of the original value, while 

the polybis-sorbPC/Rhod/NH2 vesicle-coated capillary maintained 90% of its 

fluorescence intensity. At this point, the capillaries have been rinsed for ~10 column 

volumes total. From 0 to 50 nL/min (10 cm/min linear flow rate), the remaining 

a b 

c d 
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fluorescence intensity of the polybis-sorbPC/Rhod/NH2 vesicle-coated capillary was 

significantly higher than that of the DOPC/Rhod/NH2 vesicle-coated capillary. After 

rinsing at 50 nL/min, the capillaries have been flushed for ~37 column volumes total. 

These results demonstrate that polymerized bis-sorbPC/NH2 vesicle coatings are 

more stable against shear forces compared to non-polymerizable DOPC/NH2 vesicle 

coatings. 

 

 

 

 

 

 

 

 

Figure 2.13: Fluorescence intensity measurement of DOPC/NH2 and thermally 
polymerized bis-sorbPC/NH2 vesicle-coated capillaries (i.d. 25 µm, o.d. 360 µm) after 
rinsing at different flow rates. Vesicles were doped with rhodamine-DOPE for 
visualization. Fluorescence intensity of capillaries at 0 nL/min was set to 1, against 
which other fluorescence intensities were normalized. (Ex: 540/25 nm; Em: 620/60 
nm) 
 

The tested flow rates were relatively low (nL/min range). However, compared 

to previous studies in open tubular liquid chromatography separations using narrow 

i.d. capillaries, the tested flow rates were in a reasonable range.153,154 In addition, the 

polybis-SorbPC/NH2 vesicles were linked on sulfonate-modified capillary surfaces 

through the doped DSPE-PEG(2000)-NH2 lipid, and this lipid is not directly 
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polymerized into the lipid vesicle matrix. Using a linker lipid that can both react with 

the sulfonate-modified surface and polymerize with adjacent lipids (e.g. NH2-labeled 

bis-SorbPC) will further enhance the vesicle coating stability against shear forces. 

This experiment not only provided a comparison of vesicle coating stability against 

shear forces, but also defined a useful flow rate range to be used in later liquid 

chromatography separations. 

 

2.3.6 CLC-LIF separations 

 Allylamine (A), n-butylamine (B) and n-hexylamine (H) were chosen as 

model analytes to test the separation performance of polymerized vesicle-coated 

capillaries in open tubular CLC format. The analytes’ structures and n-octanol/water 

partition coefficients are shown in Figure 2.14. Narrow i.d. capillaries (25 µm) were 

used to facilitate the analytes’ interaction with the vesicle stationary phases on 

capillary walls. All analytes were labeled with FITC for LIF detection. 

 

 

 

 

 

Figure 2.14: Chemical structures of allylamine (A), n-butylamine (B) and n-
hexylamine (H) and the associated n-octanol/water partition coefficients 
 

 Chromatograms of FITC-labeled A, B, H, and excess free FITC (F) in 

different capillaries are shown in Figure 2.15. 
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Figure 2.15: Chromatograms of FITC-labeled A, B, H and excess free fluorescein (F) 
in bare (a), photo-thermal polymerized bis-sorbPC/NH2 vesicle-coated (b), 
DOPC/NH2 vesicle-coated (c) and photo-thermal polymerized bis-DenPC/NH2 
vesicle-coated (d) capillaries by CLC-LIF separation. Capillary dimensions: i.d. 25 
µm, o.d. 360 µm, Lt 58 cm, Ld 47 cm; Elution buffer: 20 mM phosphate pH 7.4; Flow 
rate: 50 nL/min; Ex: 488 nm, Em: 525/20 nm; In bare capillary: each amine 10 nM; 
In other capillaries: each amine 50 nM 
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FITC-labeled A, B, H and F all co-eluted in bare silica capillary (Figure 

2.15a), while they can be separated in polybis-sorbPC/NH2 vesicle-coated capillary 

due to their different interactions with the vesicle stationary phases (Figure 2.15b). It 

was noticed that the resolution between FITC-labeled A, B and F was limited. This is 

primarily because the partition coefficients of A and B between the lipid phase and 

the aqueous phase (approximated by their log Pow values shown in Figure 2.14) are 

much smaller compared to that of FITC (log Pow: 5.0). Therefore, the partition 

coefficients of FITC-labeled A and B would be very close to that of FITC itself, 

which lead to limited resolution of FITC-labeled A, B and F in the polybis-

sorbPC/NH2 vesicle-coated capillary. This problem may be solved by coupling the 

separation column with mass spectrometry detection, so that we can avoid the use of 

bulky fluorescent labels which can change analytes’ partition properties. Another 

reason for the limited resolution might be that cross-linking of the lipid tails partially 

hindered analytes’ partition with the lipid bilayers. A control separation of the same 

analytes was carried out in a DOPC/NH2 vesicle-coated capillary (Figure 2.15c). In 

this case the lipid bilayers were not cross-linked, and we did observe better resolution 

of the analytes compared to the polybis-sorbPC/NH2 vesicle coated capillary.  

In order to further test this hypothesis, we separated the same analytes in 

polybis-DenPC/NH2 vesicle-coated capillary. The polymerizable functionalities of 

bis-sorbPC are near the lipid tails, while for bis-DenPC, the polymerizable 

functionalities are near the lipid head group (see Figure 1.11). For polybis-

DenPC/NH2 vesicles, cross-linking near the lipid head groups will further hinder 

analytes’ partition within the lipid bilayers, compared to polybis-sorbPC/NH2 vesicles 
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(Figure 2.16). The separation results matched with our hypothesis. The analytes’ 

resolution was lower in polybis-DenPC/NH2 vesicle-coated capillary than in polybis-

sorbPC/NH2 vesicle-coated capillary (Figure 2.15d). 

 

 

Figure 2.16: Schematic representation of DOPC, polybis-sorbPC, and polybis-
DenPC bilayers. 
 

Due to poor resolution, polybis-DenPC/NH2 vesicle-coated capillary will not 

be further studied. Although polybis-sorbPC/NH2 vesicle-coated capillary did not 

provide resolution as high as DOPC/NH2 vesicle-coated capillary, its stationary phase 

stability might be higher due to polymerization. Separation reproducibility was 

compared between polybis-sorbPC/NH2 and DOPC/NH2 vesicle-coated capillaries. 

Table 2.6 shows the elution time of different analytes from repetitive injections and 

%RSD of elution time using the two types of capillaries within one day. %RSDs of 

elution time were slightly lower in polybis-sorbPC/NH2 vesicle-coated capillary than 

DOPC/NH2 vesicle-coated capillary, indicating slightly higher stability of stationary 

phases. 

 

 

 

DOPC bilayer Polybis-sorbPC bilayer Polybis-DenPC bilayer 
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Table 2.6: Elution time (s) of analytes in polybis-sorbPC/NH2 and DOPC/NH2 
vesicle-coated capillaries with CLC-LIF separation (n≥3) 
 Polybis-SorbPC/NH2 

vesicle-coated 
DOPC/NH2 

vesicle-coated 
FITC-A 381 ± 6 (1.7%) 384 ± 26 (6.6%) 
FITC-B 436 ± 9 (2.0%) 534 ± 11 (2.0%) 
FITC-H 1145 ± 48 (4.2%) 2564 ± 137 (5.4%) 
F 413 ± 8 (1.9%) 438 ± 16 (3.5%) 

(Data in parentheses are %RSDs) 
 

The day-to-day reproducibility of separations in the polybis-sorbPC/NH2 and 

DOPC/NH2 vesicle-coated capillaries was also compared. The results are shown in 

Table 2.7. The day-to-day reproducibility in the two different types of capillaries was 

similar. 

 

Table 2.7: Difference in elution time of analytes in polybis-sorbPC/NH2 and 
DOPC/NH2 vesicle-coated capillaries before and after overnight storage of the 
column at room temperature (n≥3) 
 Polybis-SorbPC/NH2 

vesicle-coated 
DOPC/NH2 

vesicle-coated 
FITC-A 6.2% ± 3.2% 6.9% ± 7.2% 
FITC-B 6.4% ± 3.3% 7.0% ± 2.3% 
FITC-H 9.2% ± 4.3% 10.4% ± 5.7% 
F 6.6% ± 3.3% 5.9% ± 4.3% 

 
 Overall, in CLC-LIF separations, photo-thermal polymerized bis-sorbPC/NH2 

vesicle stationary phases showed slightly lower resolution but slightly higher 

stability, compared to non-polymerizable DOPC/NH2 vesicle stationary phases. In the 

future, hybrid polybis-SorbPC/DOPC vesicle stationary phases can be developed to 

find a balance between stability and resolution. 

 

 

 



 122 

2.3.7 CEC-LIF separations 

 FITC-labeled aliphatic amines were also separated in a polybis-sorbPC/NH2 

vesicle-coated capillary in CEC-LIF format. A representative electropherogram is 

shown in Figure 2.17a. CEC-LIF provided better separation efficiency than CLC-LIF. 

A representative electropherogram of the same analytes separated in a bare capillary 

is shown in Figure 2.17b.  

CEC-LIF separation of the FITC-amines was also carried out in a DOPC/NH2 

vesicle-coated capillary. The separation reproducibility was compared between 

polybis-sorbPC/NH2 and DOPC/NH2 vesicle-coated capillaries. Table 2.8 shows the 

migration time of different analytes from repetitive injections and %RSD using the 

two types of capillaries within one day. The separation reproducibility was 

significantly higher in the polybis-sorbPC/NH2 vesicle coated capillary demonstrated 

by the significantly lower %RSDs of analytes’ migration times, compared to results 

in the DOPC/NH2 vesicle-coated capillary. 
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Figure 2.17: Electropherograms of FITC-labeled A, B, H and excess free fluorescein 
(F) in thermally polymerized bis-sorbPC/NH2 vesicle-coated (a), and bare (b) 
capillaries by CEC-LIF separation. Capillary dimensions: i.d. 25 µm, o.d. 360 µm, Lt 
41 cm, Ld 30 cm; Background electrolyte: 20 mM phosphate pH 7.4; Ex: 488 nm, 
Em: 535/40 nm. For polybis-sorbPC/NH2 vesicle-coated capillary: Separation voltage 
– 30 KV; A 155 nM, B and H each 100 nM. For bare capillary: Separation voltage 
+30 KV; A 78 nM, B and H each 50 nM 
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Table 2.8: Migration time (s) of analytes in polybis-sorbPC/NH2 and DOPC/NH2 
vesicle-coated capillaries with CEC-LIF separation (n≥3) 
 Polybis-SorbPC/NH2 

vesicle-coated 
DOPC/NH2 

vesicle-coated 
FITC-A 173 ± 0 (0.2%) 167 ± 6 (3.9%) 
FITC-B 204 ± 0 (0.1%) 220 ± 8 (3.9%) 
FITC-H 476 ± 2 (0.3%) 792 ± 30 (3.8%) 
F 172 ± 1 (0.3%) 175 ± 7 (3.9%) 
�Data in parentheses are %RSDs) 
 

The day-to-day reproducibility of separations in the polybis-sorbPC/NH2 and 

DOPC/NH2 vesicle-coated capillaries was also compared. The results are shown in 

Table 2.9. The day-to-day reproducibility in the polybis-sorbPC/NH2 vesicle-coated 

capillary was lower than in the DOPC/NH2 vesicle-coated capillary. The reason might 

be that the polybis-sorbPC/NH2 vesicle coatings used in the CEC-LIF separations 

were made by thermal polymerization. It was mentioned in section 2.3.3.2 that 

thermally polymerized bis-sorbPC/NH2 vesicles would still show aggregation/fusion 

after storage at room temperature for more than one day. Using photo-thermal 

polymerization to prepare polybis-sorbPC/NH2 vesicle coatings may improve day-to-

day separation reproducibility in the future. 

 

Table 2.9: Difference in migration time of analytes in polybis-sorbPC/NH2 and 
DOPC/NH2 vesicle-coated capillaries before and after overnight storage of the 
column at room temperature (n≥3) 
 Polybis-SorbPC/NH2 

vesicle-coated 
DOPC/NH2 

vesicle-coated 
FITC-A 7.2% ± 2.4% 3.6% ± 3.6% 
FITC-B 11.2% ± 2.2% 6.8% ± 3.9% 
FITC-H 28.7% ± 1.3% 15.8% ± 4.0% 
F 10.0% ± 2.4% 6.8% ± 4.4% 
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2.3.8 Calculation of analytes’ capacity factors in CLC and CEC separations 

In order to evaluate the feasibility of using the vesicle-based chromatography 

separations to measure analytes’ partitioning within the lipid bilayers, capacity factors 

(k’) of each analyte were calculated in both CLC and CEC separations. 

Capacity factor k’ can be calculated by Equation (Eq.) 2.1. 

k’ = !!!!!!!!
  (2.1) 

(tr: analyte’s retention time; 

t0: time taken for a non-partitioning species to be detected) 

Since it is difficult to find an analyte that is both fluorescent and does not 

partition with the lipids, t0 is calculated rather than measured in both CLC and CEC 

separations. 

In CLC separation, t0 can be calculated by dividing the effective column 

volume and the dead volume by the volume flow rate of the mobile phase. Results of 

tr, t0 and k’ for each analyte in CLC separations are listed in Table 2.10. 

 

Table 2.10: Measurement and calculation of tr, t0 and k’ in CLC separation using 
photo-thermal polymerized bis-sorbPC/NH2 vesicle-coated capillary 
 FITC-A FITC-B FITC-H 
tr (s) 381 ± 6 436 ± 9 1145 ± 48 
t0 (s) 316 316 316 
k’* 0.21 0.38 2.6 

(*In the k’ calculation, propagation of error from tr is not considered.) 

 

In CEC separation, the calculation of t0 is more complicated. The schematic of 

FITC-amine separation in a polybis-sorbPC/NH2 vesicle-coated capillary using CEC 

is shown in Figure 2.18.  
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Figure 2.18: Schematic of FITC-amine separation in a polybis-sorbPC/NH2 vesicle-
coated capillary using CEC. 

 

In polybis-SorbPC/NH2 vesicle-coated capillaries, analytes were only detected 

when -30 kV was applied with detection at the anode side. In Figure 2.18, vEOF-vesicle 

stands for the velocity of electroosmotic flow (EOF) in a polybis-SorbPC/NH2 

vesicle-coated capillary, and vEOF-vesicle was from the anode to the cathode. vep-vesicle 

stands for the electrophoretic velocity of an analyte in a polybis-SorbPC/NH2 vesicle-

coated capillary. vep-vesicle was towards the anode since all FITC-amines were 

negatively-charged. If there was partition of analytes within the vesicle stationary 

phase, the analytes’ movement towards the detector (anode side) would be retarded, 

which could be considered as a virtual velocity towards the cathode caused by 

partitioning (vp). 

In CEC separation, t0 is calculated by Eq. 2.2. 

t0 = Ld/vno-p  (2.2) 

(vno-p : apparent velocity of an analyte assuming it does not partition within the 

vesicles; 

Ld: Length of capillary from the inlet to the detection window) 
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As shown in Figure 2.18, if assuming no partition, vp equals zero. Therefore, 

vno-p can be calculated by Eq. 2.3. 

vno-p = vep-vesicle -  vEOF-vesicle  = E × µep-vesicle – E × µEOF-vesicle  (2.3) 

(E: electric field strength; 

µep-vesicle: electrophoretic mobility of an analyte in a vesicle-coated capillary; 

µEOF-vesicle: EOF mobility in a vesicle-coated capillary) 

 In order to solve for vno-p based on Eq. 2.3, E can be experimentally 

determined by V/Lt, where V is the separation voltage and Lt is the total length of the 

capillary. µep-vesicle and µEOF-vesicle need to be determined further. 

   In order to determine µEOF-vesicle, the current monitoring method described in 

section 2.2.12 was used. In the actual experiment, the current signal inside the 

capillary was amplified and converted to a voltage signal. Figure 2.19a shows the 

voltage signal vs. time trace when introducing 95% of 20 mM phosphate, pH 7.4 

buffer into a polybis-sorbPC/NH2 vesicle-coated capillary filled with 100% buffer by 

EOF. No obvious signal change or plateau was observed in more than 600 s. This 

means the 95% buffer was entering the capillary very slowly, indicative of very low 

EOF velocity, if not zero. In contrast, voltage signal amplitude decreased linearly and 

reached plateau within 200 s when introducing 95% buffer into a bare capillary filled 

with 100% buffer by EOF (Figure 2.19b). Because the EOF was very small in a 

polybis-sorbPC/NH2 vesicle-coated capillary, µEOF-vesicle is considered negligible 

compared to µep-vesicle. And Eq. 2.3 is simplified to Eq. 2.4. 

vno-p = E × µep-vesicle   (2.4) 
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Figure 2.19: Voltage (converted from current) signal vs. time trace when introducing 
95% of 20 mM phosphate, pH 7.4 buffer into a thermally polymerized bis-
sorbPC/NH2 vesicle-coated capillary filled with 100% buffer by EOF (a). Voltage 
applied across the capillary: +30 KV; Capillary dimensions: i.d. 25 µm, o.d. 360 µm, 
Lt 41 cm. And results of the same experiment carried out in a bare capillary (b). 
Capillary dimensions: i.d. 12 µm, o.d. 360 µm, Lt 48 cm. 

 

a 

b 
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An analyte’s electrophoretic mobility in a vesicle-coated capillary (µep-vesicle) is 

the same as that in a bare capillary (µep-bare), because the same background electrolyte 

was used. So µep-vesicle can be determined by determining µep-bare from FITC-amine 

separations in a bare capillary.  

Schematic of FITC-amine separation in a bare capillary using CEC is shown 

in Figure 2.20.  

 

 

 

 

 

Figure 2.20: Schematic of FITC-amine separation in a bare capillary using CEC. 
 

In bare capillaries, analytes were detected when +30 kV was applied with 

detection at the cathode side. In Figure 2.20, vEOF-bare stands for the velocity of EOF 

in a bare capillary, and vEOF-bare was from the anode to the cathode. vep-bare stands for 

the electrophoretic velocity of an analyte in a bare capillary. vep-bare was towards the 

anode since all analytes were negatively-charged. Because vEOF-bare was larger than 

vep-bare, the analytes would eventually migrate towards the cathode and be detected at 

the cathode side. 

According to Figure 2.20, the net velocity of an analyte in a bare capillary 

separation (vnet-bare) can be calculated by Eq. 2.5. Then, by dividing both sides of Eq. 

2.5 by E, Eq. 2.6 can be obtained. 
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vnet-bare = vEOF-bare – vep-bare   (2.5) 

µnet-bare = µEOF-bare – µep-bare   (2.6) 

 

µep-bare can be calculated from Eq. 2.6 by determining µnet-bare and µEOF-bare first. 

µnet-bare of each FITC-amine was determined experimentally by  

vnet-bare / E. Then, µEOF-bare was determined by vEOF-bare / E, and vEOF-bare was determined 

by injecting 20% DMSO and detecting with UV absorbance spectrometry as 

described in section 2.2.12. Results of µnet-bare and µep-bare for each analyte, as well as 

µEOF-bare are shown in Table 2.11.  

 

Table 2.11: Results of µnet-bare and µep-bare for each analyte as well as µEOF-bare in bare 
capillary separations (cm2s-1V-1) 
 FITC-A FITC-B FITC-H 
µnet-bare  (4.28 ± 0.02) × 10-4 (4.39 ± 0.02) × 10-4 (4.50 ± 0.02) × 10-4 
µEOF-bare   (6.99 ± 0.03) × 10-4 (6.99 ± 0.03) × 10-4 (6.99 ± 0.03) × 10-4 
µep-bare (2.71 ± 0.04) × 10-4 (2.60 ± 0.03) × 10-4 (2.49 ± 0.03) × 10-4 

 

µep-vesicle is the same as µep-bare. And from Equation 2.4, vno-p , velocity of an 

analyte assuming no partitioning within the vesicles, can be calculated. Then, from 

Equation 2.2, t0, time taken for an analyte to be detected assuming no partitioning, 

can be calculated. Finally, combining retention time (tr ), which is migration time (tm) 

in CEC separation, and Equation 2.1, k’ can be calculated in CEC separations using 

the polybis-sorbPC/NH2 vesicle-coated capillary. The results are shown in Table 

2.12. 
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Table 2.12: Measurement and calculation of tr (tm), t0 and k’ in CEC separation using 
thermally polymerized bis-sorbPC/NH2 vesicle-coated capillary 
 FITC-A FITC-B FITC-H 
tr (tm) (s) 173 ± 0 204 ± 0 476 ± 2 
t0 (s) 152 158 165 
k’* 0.14 0.29 1.9 

(*In the k’ calculation, propagation of error from tr is not considered.) 

Comparing k’ values in CLC separations (Table 2.10) and k’ values in CEC 

separations (Table 2.12), the absolute values differ because the amount of vesicle 

stationary phases is different in capillaries used in the two different types of 

separations. However, the relative ratios of k’ values are similar in CLC and CEC 

separations (Table 2.13).  

In addition, the capacity factor (k’) is related to partition coefficient (K) of an 

analyte as shown in Eq. 2.7. 

k’ = K × !!!!  (2.7) 

(K: partition coefficient of an analyte between stationary phase and mobile phase; 

Vs: volume of stationary phase; 

Vm: volume of mobile phase) 

When comparing among different analytes, ! !!!! is a constant. So the relative 

ratios of k’ are also the relative ratios of K for the different analytes (FITC-amines). 

Obtaining similar K ratios using two different separation formats demonstrates that 

the vesicle-based chromatography separations can be used to evaluate analytes’ 

relative partitioning within lipid bilayers.  
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Table 2.13: Relative ratios of k’ and K of the FITC-amines in CLC and CEC 
separations (the k’ and K of FITC-A was set to 1.0) 
 FITC-A FITC-B FITC-H 
CLC 1.0 1.8 12 
CEC  1.0 2.1 14 
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2.4 CONCLUSIONS 

 Sulfonate modification of glass/silica substrate surface allowed covalent 

tethering of NH2-labeled phospholipid vesicles and prevented vesicle fusion. A 

polymerizable lipid, bis-sorbPC, was used to prepare polymerized lipid vesicles for 

improved stability. Overnight thermal polymerization at [M] : [I] = 5 : 1 and 30 min 

photo-thermal polymerization at [M] : [I] = 10 : 1 were determined to be optimized 

conditions for polymerizing bis-sorbPC/NH2 vesicles. The polymerized vesicles were 

coated on sulfonate-modified silica capillaries for use as stationary phases. Polybis-

sorbPC/NH2 vesicle coatings were more stable than non-polymerizable DOPC/NH2 

vesicle coatings against drying/rehydration and shear forces, which are common 

conditions encountered in chromatographic separations. FITC-labeled aliphatic 

amines were successfully separated in polybis-sorbPC/NH2 vesicle-coated capillaries 

based on their different lipophilicity in both CLC-LIF and CEC-LIF formats. CEC 

separations had higher resolution by combining the resolving power of analytes’ 

different electrophoretic mobilities and their different interaction with the vesicle 

stationary phase. Both CLC and CEC separations can be used to compare analytes’ 

relative partition coefficients between the vesicle phases and the aqueous phases, with 

similar results. Separations in polybis-sorbPC/NH2 vesicle-coated capillaries showed 

higher reproducibility within a day than in DOPC/NH2 vesicle coated capillaries. This 

is the first time that intact polymerized lipid vesicles are used as stationary phases in 

membrane-based chromatography. The polybis-sorbPC/NH2 vesicle stationary phases 

may potentially be functionalized with TMPs and used in high-throughput drug 

screening against target TMPs.  
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CHAPTER 3. DEVELOPMENT OF A NOVEL PULL-DOWN ASSAY USING 

SILICA CORE-POLYMERIZED PHOSPHOLIPID VESICLE SHELL 

PARTICLES FOR THE DETECTION AND IDENTIFICATION OF 

PEPTIDE/PROTEIN LIGANDS FOR MEMBRANE RECEPTORS 

3.1 INTRODUCTION 

Binding interactions between peptide/protein ligands and membrane receptors 

play key roles in many important physiological processes. Glycolipids are one type of 

membrane receptors, which are formed by glycoside linkage between 

oligosaccharides and lipid molecules. The lipid moiety is embedded in the cell 

membrane and the oligosaccharide moiety is exposed on the membrane surface for 

ligand binding. Many infectious diseases start with a bacterial toxin protein or surface 

protein binding to glycolipids on the host cell membrane.7 TMP receptors (especially 

GPCRs) are another type of membrane receptor for peptide/protein ligands. Binding 

between endogenous peptide ligands and GPCRs expressed in the gastrointestinal 

tract modulates key functions such as motility regulation and enzyme secretion.157 

Development of techniques to detect and identify peptide/protein ligands that bind to 

membrane receptors is beneficial in many aspects, for example, in biosensor 

development for glycolipid-targeting protein pathogens, or in drug screening against 

membrane receptors.  

Cell-based functional assays are commonly used to screen ligands for GPCRs. 

In these assays, a downstream signaling event triggered by ligand binding with the 

target GPCR is monitored, e.g. intracellular Ca2+ or cyclic adenosine monophosphate 

(cAMP) assays.12 However, these assays are indirect measurements of ligand binding 
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and can be hindered by complicated cellular signaling events. They often suffer from 

low signal-to-noise ratios and high rates of false positives and false negatives.18,19 

Direct binding-based assays do not involve downstream signaling events. 

Radiolabeled or fluorescent-labeled ligands have been used to measure ligands’ 

affinity towards target receptors and their association/dissociation rates. But these 

assays are primarily limited by the availability of labeled ligands.17 Surface Plasmon 

Resonance (SPR) spectroscopy is a label-free technique and has been used to study 

binding interactions between peptide ligands and membrane receptors.158 SPR has 

been used to detect cholera toxin (a bacterial protein toxin) using binding interactions 

between the toxin and its glycolipid receptor, ganglioside GM1.159,160 Despite the 

advantages of SPR methods, they cannot identify which ligand binds to a target 

receptor in a complex ligand mixture. SPR coupled to mass spectrometry (SPR-MS) 

is capable of detecting binding interactions and identifying the bound analyte 

simultaneously. This is realized by either direct on-chip MS detection of the bound 

analyte, or elution of the bound analyte followed by MS analysis.161 However, up to 

now, most SPR-MS analyses were developed for antibody-antigen interactions.162,163 

The difficulty of using this approach in ligand identification for membrane receptors 

may reside in the instability of the lipid membrane that is used to accommodate the 

receptors. The membrane may be disassembled under MS vacuum conditions or 

during the elution process, leading to high background of lipid aggregates in the 

resulting mass spectra, hindering ligand identification. 

Recently, direct label-free MS analysis of protein ligands bound to membrane 

receptors was realized using matrix-assisted laser desorption/ionization-mass 
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spectrometry (MALDI-MS) with polymerized planar supported lipid bilayers (poly-

PSLBs).136,137 PSLBs were first formed on silicon wafers using a polymerizable lipid, 

bis-sorbPC, which has a reactive sorbyl group in each of its lipid tails. Upon exposure 

to UV irradiation, bis-sorbPC lipid molecules formed lipid polymers inside the 

bilayer. Poly-PSLBs were stable against drying, exposure to organic solvent or 

surfactant.95,148 Glycolipid receptors were incorporated into poly-PSLBs and bacterial 

protein toxins were allowed to bind with their corresponding receptors. After rinsing 

off unbound toxins, the silicon wafer, on which the poly-PSLB was formed, was 

mounted onto a MALDI plate. Multiple bacterial toxins were detected and identified 

simultaneously based on their unique molecular masses.137 The poly-PSLB was stable 

enough to withstand the MALDI matrices and vacuum conditions. 

In this study, a novel pull-down assay platform for label-free detection and 

identification of peptide/protein ligands for membrane receptors was developed using 

the polymerizable lipid, bis-sorbPC. Silica core-polymerized phospholipid vesicle 

shell particles were assembled by covalently attaching polymerized bis-sorbPC 

vesicles doped with DSPE-PEG(2000)-NH2 lipid to sulfonate-modified silica 

particles. As shown in Figure 3.1, the core-shell particles can be functionalized with 

membrane receptors and then incubated with a mixture of ligand candidates to allow 

specific ligand-receptor binding. After that, the bound ligands can be separated from 

the unbound ligands by centrifuging the particles. Then the particles can be directly 

subjected to MALDI-MS analysis to detect and identify the bound ligand.  

Compared to the previous poly-PSLB platform, the major advantage of using 

the silica core-vesicle shell particles is the potential for the incorporation of various 
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membrane receptors, including TMPs. In the poly-PSLB platform, the distance 

between the PSLB and the underlying silicon wafer is only about 1 nm,155 which can 

prevent proper insertion of TMPs. Many TMP receptors need to protrude the lipid 

bilayer more than 1 nm to properly fold and function.149 In the silica core-vesicle 

shell particle platform, only a fraction of the vesicle bilayer is attached to the silica 

surface, and the majority of the vesicle bilayer is accessible to TMP insertion without 

any spatial hindrance. Furthermore, even at the surface attachment point, the PEG 

linker (M.W. 2000) between the vesicles and the silica surface has an extended length 

of ~20 nm (see section 2.3.1 for calculation), and thus allows enough space for 

incorporation of TMP receptors. Additionally, the silica core-vesicle shell particles 

can provide higher membrane surface area than the poly-PSLB platform, and will 

theoretically lead to higher sensitivity in ligand detection. 

Here, we confirmed the successful assembly of the core-shell particles and 

evaluated the stability of the polymerized vesicle shell, as compared to that of the 

non-polymerizable vesicle shell. As a proof of concept, Cholera toxin binding subunit 

(CTB) was successfully detected on core-shell particles functionalized with 

ganglioside GM1, the glycolipid receptor for Cholera toxin. 

 

 

 

 

 

 



 138 

 

 

 

 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 3.1: Schematic representation of the pull-down assay using the silica core-
polymerized phospholipid vesicle shell particles for the detection and identification of 
peptide/protein ligands for membrane receptors 
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3.2 EXPERIMENTAL 

3.2.1 Materials 

1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1,2-distearoyl-sn-glycero-

3-phosphoethanolamine-N-[amino(polyethylene glycol)-2000] (ammonium salt) 

(DSPE-PEG(2000)-NH2) and GM1 ganglioside were purchased from Avanti Polar 

Lipids (Alabaster, AL). GM1 powder was dissolved in HPLC grade MeOH to make 1 

mg/mL stock solution before use. 5-(aminomethyl)fluorescein, hydrochloride (AF) 

and (N-(3-triethylammoniumpropyl)-4-(4-(dibutylamino)styryl) pyridinium 

dibromide (FM1-43) were purchased from Molecular Probes (Eugene, OR). Cholera 

Toxin B subunit (CTB), fluorescein, (3-glycidyloxypropyl)trimethoxysilane 

(GPTMS), 2,2,2-trifluoroethanesulfonyl chloride (tresyl chloride), 2,2’-

azobisisobutyronitrile (AIBN), Trizma HCl (Tris), and KH2PO4 were purchased from 

Sigma Aldrich (St. Louis, MO). The 0.5 mg commercial CTB powder was dissolved 

in 1 mL H2O to make a stock solution. The solution was kept at pH 7.5 and contains 

0.025 M Tris, 0.1 M NaCl, 1.5 mM NaN3 and 0.5 mM sodium EDTA. The salts were 

contained in the CTB powder. AIBN was recrystallized from MeOH before use. Dry 

toluene and dry pyridine were purchased from Acros Organics (NJ). Dry acetone was 

either purchased from Acros Organics or prepared in lab as described in section 

2.2.2.1. Toluene was purchased from Mallinckrodt Baker (Paris, KY). Na2HPO4 was 

purchased from Avantor Performance Materials (Center Valley, PA). Acetone was 

from Fisher Scientific (Fair Lawn, NJ). All other chemicals were from EMD. H2O 

was purified with a Barnstead EASYpure UV/UF system. All buffers were filtered 

through 0.2 µm membranes.   
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3.2.2 Sulfonate modification of silica particles 

Approximately 40 mg of 1 µm or 5 µm diameter silica particles 

(PolySciences, Inc., Warrington, PA) were suspended in 20 mL of 5% HCl and 

stirred for 1 hour to remove non-binding metal ions. The particles were spun down at 

4500 G × 10 min and the supernatant was discarded. The particles were then washed 

with H2O followed by acetone for three times each. Each wash was done by 

resuspending the particles first, and then spinning them down at 16000 G × 3 min and 

discarding the supernatant. After washing, 4 mg of particles were dried to serve as 

bare silica particle sample. The remaining particles were dried with a stream of N2 

and baked above 150 °C for 4 hours under vacuum. After baking, particles were re-

suspended in a mixture of 30 mL dry toluene, 0.6 mL GPTMS, and 15.3 µL of 

triethylamine (2% silane, v/v), or a mixture of 24 mL dry toluene, 6 mL GPTMS and 

153 µL triethylamine (20% silane, v/v). The mixture was refluxed overnight at 

120~130 °C in a N2 environment with constant stirring of the particles. Particles were 

then washed with toluene followed by acetone for three times each and dried with a 

N2 stream. At this point, the particles were epoxide-modified.  

Epoxide-modified particles were resuspended in 20-30 mL of 10 mM H2SO4 

and heated at 90 °C for 1 hour with stirring. The particles were washed with H2O 

followed by acetone for three times each and dried. At this point, the particles were 

diol-modified. 

Diol-modified particles were washed with dry acetone three times. Then the 

particles were resuspended in a mixture of 3 or 6 mL dry acetone and 26 µL dry 

pyridine. With shaking, 18 µL tresyl chloride was added into the mixture slowly. The 
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mixture was stirred at room temperature for 15-30 min. The particles were then 

washed sequentially with acetone, 50:50 (v/v) of acetone:5 mM HCl, 1 mM HCl, H2O 

and acetone for at least twice each. Finally the particles were dried with a N2 stream 

and stored dry. The particles were sulfonate-modified at this point. 

 

3.2.3 Evaluation of the amine-reactivity of sulfonate-modified silica particles 

 A 0.5 mg mass of bare or sulfonate-modified 5 µm silica particles (2% silane), 

were resuspended in 500 µL of 20 mM phosphate buffer, pH 8.0 containing 1.26 mM 

fluorescein (F) or 1.26 mM 5-(aminomethyl)fluorescein, hydrochloride (AF). The 

particle suspensions were incubated at low velocity in a rotary flask for more than 3 

hours under yellow light. Then the particles were pelleted and the supernatant was 

discarded. The particles were resuspended in 500 µL of 20 mM phosphate, 5 mM Tris, 

pH 8.0. The suspensions were incubated for 1 hour to scavenge unreacted sulfonate 

groups. After that, the particles were centrifuged and washed with H2O three times 

(16000 G × 3 min each time) and resuspended in H2O. A portion of the particles was 

directly imaged using fluorescence microscopy. The rest of the particles were washed 

with MeOH three times, resuspended in H2O and imaged. Imaging conditions were 

similar as described in section 2.2.3.1. 

 

3.2.4 Preparation of DOPC/NH2, polybis-sorbPC/NH2 and polybis-

sorbPC/NH2/GM1 vesicles 

 DOPC/NH2 vesicles were made similarly to those described in section 2.2.4.1. 

Vesicles were prepared in 20 mM phosphate, pH 7.4 and at 5 mg/mL lipid 
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concentration. Vesicle solutions were extruded through two stacked 200 nm 

membranes. 

 Polybis-sorbPC/NH2 vesicles were prepared by thermal polymerization, 

similarly as described in section 2.2.4.2.2. The molar ratio of bis-sorbPC : AIBN = 5 : 

1 or 2.5 : 1 ([M] : [I] = 10 : 1 or 5 : 1). Vesicles were made in He-degassed 20 mM 

phosphate, pH 7.4. 

 Polybis-sorbPC/NH2/GM1 vesicles were prepared similar to polybis-

sorbPC/NH2 vesicles. The molar ratio of each component in the vesicles was bis-

sorbPC : GM1 : DSPE-PEG(2000)-NH2 = 95 : 5 : 1, and the molar ratio of bis-

sorbPC : AIBN = 2.5 : 1 ([M] : [I] = 5 : 1). GM1 was mixed into the lipid mixture 

before the formation of vesicles. 

 

3.2.5 Tethering vesicles on sulfonate-modified particles and fluorescence imaging 

of the silica core-vesicle shell particles 

 A 2 mg mass of bare or sulfonate-modified silica particles (5 µm diameter, 2% 

silane) was suspended in 20 mM phosphate, pH 8.0. Then, 0.5 mg (lipid mass) 

DOPC/NH2 or polybis-sorbPC/NH2 vesicles prepared in 20 mM phosphate, pH 7.4 

were mixed with the particle suspension. The final volume of the mixture was 400 µL, 

pH 7.4-8.0, with a particle concentration of 5 mg/mL and a lipid concentration of 1.25 

mg/mL. The particle-vesicle suspension was transfered into a small centrifuge tube, 

eliminating any empty spaces to avoid air bubbles. The tube was placed on a low 

velocity rotary wheel for more than 3 hours for the particle-vesicle reaction. Then the 

particles were spun down in the tube and the supernatant was discarded. The particles 
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were resuspended in 400 µL of 20 mM phosphate, 5 mM Tris, pH 8.0, and the 

suspension was incubated as previously described for more than 1 hour to scavenge 

the unreacted sulfonate surface. The particles were spun down and washed three 

times with 20 mM phosphate, pH 7.4 by centrifugation, and finally resuspended in the 

same buffer. All particle centrifugation was carried out at 7 G × 5 min, to reduce 

vesicle coating loss caused by shear forces during centrifugation. A portion from each 

particle suspension was stained with 100 nM FM1-43 in 20 mM phosphate, pH 7.4 

for 15 min by incubating the mixture as previously described. Fluorescence images of 

the particles were acquired under similar conditions as described in section 2.2.3.1, 

except that the filters used were Ex: 480/30 nm and Em: 605/55 nm.  

 

3.2.6 Zeta potential measurement of bare, sulfonate-modified and vesicle-coated 

particles 

 Bare silica particles (1 µm diameter) and sulfonate-modified silica particles (1 

µm diameter, 20% silane) were suspended in 20 mM phosphate, pH 7.4 to a particle 

concentration of 0.1 mg/mL for zeta potential measurement.  

 1.2 mg of sulfonate-modified silica particles (1 µm diameter, 20% silane) 

were suspended in 20 mM phosphate, pH 7.4. Then 1 mg (lipid mass) polybis-

sorbPC/NH2 vesicles prepared in the same buffer was mixed with the particle 

suspension. The final volume of the mixture was 400 µL, with a particle 

concentration of 3 mg/mL and a lipid concentration of 2.5 mg/mL. The particles were 

incubated with the vesicles similarly as in section 3.2.5. Then, a portion of the 

suspension was diluted with 20 mM phosphate, pH 7.4 to a particle concentration of 
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0.1 mg/mL for zeta potential measurement. The remaining particles were surface-

scavenged as described in section 3.2.5 and washed three times with 20 mM 

phosphate, pH 7.4 by centrifugation at 29 G × 5 min. A higher centrifugal force was 

required to spin down the 1 µm diameter particles, compared to 5 µm diameter 

particles. Finally, the particles were diluted with 20 mM phosphate, pH 7.4 to a 

particle concentration of 0.1 mg/mL for zeta potential measurement.  

 Zeta potential measurements were performed out using a Malvern Zetasizer 

Nano-ZS (Worcestershire, United Kingdom). Three measurements were acquired for 

each particle sample at 25 °C, with a 60 s delay between measurements. The 

Smoluchowski model was used to calculate zeta potentials. Results were represented 

as mean ± standard deviation. 

 

3.2.7 Comparison of vesicle coating stability against MeOH using flow cytometry 

 Sulfonate-modified silica particles (5 µm diameter, 2% silane) were coated 

with DOPC/NH2 vesicles or polybis-sorbPC/NH2 vesicles, and surface-scavenged, 

similarly as described in section 3.2.5. Then, a portion of the particles was washed 

three times with 20 mM phosphate, pH 7.4. Another portion of the particles was 

washed with MeOH once and then with 20 mM phosphate, pH 7.4 once. After 

washing, both portions of the particles were re-suspended in 20 mM phosphate, pH 

7.4 and stained with FM1-43 as described in section 3.2.5 before performing flow 

cytometry measurement. 

 Flow cytometry was carried out using a BD FACScanto II flow cytometer 

(BD Biosciences, San Jose, CA). FM1-43 fluorescence was excited with a 488 nm 
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laser and detected through a 585 ± 21 nm emission filter. The particle population of 

interest was defined based on a side scatter (SSC) versus forward scatter (FSC) plot. 

The same gating of SSC and FSC was applied to every particle sample. 5,000-10,000 

events were measured within the particle population of interest for each sample. Data 

was acquired and analyzed with BD FACSDiva 8.0 software. Results of FM1-43 

fluorescence intensity per particle were represented as mean ± standard deviation.  

 

3.2.8 Detection of CTB bound on polybis-sorbPC/NH2/GM1 vesicle-coated 

particles using MALDI-MS 

 A 4 mg mass of sulfonate-modified silica particles (5 µm diameter, 2% silane) 

were suspended in 20 mM phosphate, pH 8.0. Then 1 mg (lipid mass) polybis-

sorbPC/NH2/GM1 or polybis-sorbPC/NH2 vesicles prepared in 20 mM phosphate, pH 

7.4 were mixed with the particle suspension. The final volume of the mixture was 400 

µL, pH 7.4-8.0, with a particle concentration of 10 mg/mL and a lipid concentration 

of 2.5 mg/mL. Particle-vesicle incubation and particle surface scavenging were 

carried out similarly as in section 3.2.5. Then each particle sample was washed three 

times with 20 mM phosphate, pH 7.4 and then suspended in the same buffer. 114 µL 

of CTB stock solution (~42 µM) was added to the particle suspension. The final 

volume of the mixture was 425 µL and CTB concentration was ~11 µM. Particles 

were incubated with CTB similarly as described in section 3.2.5 for 1 hour, then 

washed three times with 20 mM phosphate, pH 7.4 and suspended in 200 µL of the 

same buffer. 
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Half of the particle suspension was desalted by centrifuging through a 

Nanosep 3K omega spin tube (Pall Corporation, Ann Arbor, MI) and resuspending in 

H2O twice. After desalting, particles were resuspended in 50 µL of H2O and stored at 

4 °C before MS analysis. These were the particle samples.  

The other half of the particle suspension was spun down and resuspended in 

50 µL of 20 mM phosphate, pH 7.4. The particles were spun down and the 

supernatant was collected as the washed sample. Then the particles were resuspended 

in 50 µL of 20 mM phosphate, pH 7.4 containing 3 M KCl. The particles were spun 

down again and the supernatant was collected as the eluted sample. Both the washed 

sample and the eluted sample were desalted by repetitively centrifuging through 

Nanosep 3K omega spin tubes and resuspending in H2O. After desalting, both 

samples were stored at -20 °C before MS analysis. 

Each sample (particle sample, washed sample, and eluted sample) was 

warmed to room temperature. 1 µL from each sample was mixed with 1 µL of 

saturated α-cyano-4-hydroxycinnamic acid in H2O and the mixture was spotted on a 

MALDI steel target plate. The spots were crystallized under ambient conditions. MS 

analysis was carried out using a Bruker UltraFlex III MALDI-TOF-TOF mass 

spectrometer, equipped with a 337 nm N2 laser. Analyte ions were accelerated at 25 

kV and detected in positive, linear mode. The signal was a sum of 2000 laser shots on 

each sample spot. Data was analyzed by Compass for FlexSeries 1.3. 
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3.3 RESULTS AND DISCUSSION 

3.3.1 Amine-reactivity of sulfonate-modified silica particles 

 Sulfonate-modified silica particles should be NH2 reactive. The NH2 reactivity 

of the particles was tested by reacting with NH2-labeled fluorescent dye, 5-

(aminomethyl)fluorescein, hydrochloride (AF). Bare or sulfonate-modified silica 

particles were incubated with AF or fluorescein (F). Then the particles were washed 

with H2O and MeOH sequentially. Figure 3.2 shows the fluorescence images of the 

particles after H2O wash and MeOH wash. The fluorescence intensity was very low 

when particles were not sulfonate-modified (bare particles with F or AF), or when the 

fluorescent dye was not NH2-labeled (sulfonate-modified particles with F). Bright 

fluorescence was observed for the sulfonate-modified particles with AF sample, both 

after H2O wash and MeOH wash, indicating AF being covalently linked on the 

sulfonate-modified particles. These results demonstrate that the sulfonate-modified 

particles were NH2-reactive and the modification was successful. 
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Figure 3.2: Fluorescence images of 5 µm diameter bare and sulfonate-modified silica 
particles incubated with F or AF, and washed with H2O and MeOH. (Ex: 480/30 nm; 
Em: 535/40 nm 
 

3.3.2 Characterization of silica core-vesicle shell particles by zeta potential 

measurement 

 The zeta potential of bare, sulfonate-modified and vesicle-coated silica 

particles was measured to evaluate the modification/coating process via changes in 

surface charge of the particles. As shown in Figure 3.3, the surface charge of bare 

silica particles should be negative due to the dissociation of the silanol groups. After 

sulfonate-modification, the surface charge should decrease because sulfonate groups 

are neutral. But the surface charge may not be zero because the sulfonate coverage 

may not be 100% and there may be some free silanol groups on the particle surface. 

After tethering the phospholipid vesicles, the surface charge of the particles should 

further decrease because more free silanol groups will be shielded by the bulky (~150 
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nm in diameter), zwitterionic lipid vesicles. The zeta potential of the particles should 

reflect the aforementioned change in surface charge. 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.3: Schematic representation of bare, sulfonate-modified and polybis-
sorbPC/NH2 vesicle-coated silica particle surfaces (the vesicle size is not to scale.) 
 

Figure 3.4 shows the zeta potential results of bare particles, sulfonate-

modified particles, and polybis-sorbPC/NH2 vesicle-coated particles before and after 

removing excess vesicles. Zeta potentials of all particles are negative and exhibited a 

decreasing trend in absolute values from bare, sulfonate-modified, to vesicle-coated 

particles, as expected. The zeta potential of vesicle-coated particles before removing 

excess vesicles is close to zero, indicating high percent coverage of vesicles on the 

particle surface. This sample is a mixture of vesicle-coated particles and free vesicles. 

However, only one zeta potential population was observed, which means that the zeta 
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potential of the vesicle-coated particles is the same as that of the vesicles. After 

washing away excess vesicles by several centrifugation-resuspension cycles, the zeta 

potential of the vesicle-coated particles increased slightly, indicating that a small 

amount of vesicle coating was lost during the washing steps. 1 µm diameter particles 

were used in these zeta potential measurements to prevent particle settling during the 

measurement. A relatively high centrifugal force (29 G) was required to spin down 

the small particles during the washing steps. In the pull-down experiment, 5 µm 

diameter particles were used and only 7 G was needed to spin them down. Therefore, 

the shear forces generated by centrifugal washes of the 5 µm diameter particles 

should cause minimum loss of vesicle coating on the particle surfaces. 

The zeta potential measurement results suggest that NH2-labeled phospholipid 

vesicles have been tethered on sulfonate-modified silica particles. 
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Figure 3.4: Zeta potential measurement of 1 µm diameter bare particles, sulfonate-
modified particles, and polybis-sorbPC/NH2 vesicle-coated particles before and after 
removing excess vesicles (n = 3). 
 

3.3.3 Characterization of silica core-vesicle shell particles by fluorescence 

imaging 

 In addition to zeta potential measurements, fluorescence imaging was also 

used as an alternative approach to determine whether NH2-labeled phospholipid 

vesicles were tethered on sulfonate-modified silica particles. Bare or sulfonate-

modified particles were incubated with buffer only, DOPC/NH2 vesicles, or polybis-

sorbPC/NH2 vesicles. After vesicle incubation, the un-reacted sulfonate surface was 

scavenged with Tris and the particles were washed several times to remove free 

vesicles. Lipid vesicles tethered on the particles were stained with FM1-43, a 

lipophilic styryl dye that is barely fluorescent when in aqueous solution but becomes 
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highly fluorescent when inserted into lipid bilayers.164 Figure 3.5 shows 

representative fluorescence images of different particle samples after FM1-43 

staining. 
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Figure 3.5: Fluorescence images of 5 µm diameter bare or sulfonate-modified silica 
particles incubated with buffer only, DOPC/NH2 vesicles or polybis-sorbPC/NH2 
vesicles and after washing. Lipid membranes were stained with FM1-43. (Ex: 480/30 
nm; Em: 605/55 nm). 
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As shown in Figure 3.5, bare particles incubated with buffer only do not show 

any fluorescence from FM1-43 because of the absence of lipid membranes. Bare 

particles incubated with either DOPC/NH2 or polybis-sorbPC/NH2 vesicles show 

bright fluorescence with good focus. This is because DOPC/NH2 and not fully 

polymerized bis-sorbPC/NH2 vesicles have fused on the bare silica particle surface 

and formed a complete lipid bilayer (Figure 3.6 a). These 5 µm diameter particles 

fully covered with fluorescent lipid bilayers are well-resolved under the fluorescence 

microscope. The amount of lipids used in each sample was ~100 times of that needed 

to fully cover the bare silica particle surface with lipid bilayers. Although not all 

vesicles would fuse on the particle surface, especially the polybis-sorbPC/NH2 

vesicles, there should still be sufficient lipids to cover the bare silica particle surfaces 

as fused lipid bilayers.  

Sulfonate-modified particles incubated with buffer only show low 

fluorescence with good focus, despite the absence of lipid vesicles. This indicates that 

some FM1-43 probably adsorbed on the sulfonate surface. Sulfonate-modified 

particles incubated with DOPC/NH2 or polybis-sorbPC/NH2 vesicles show lower 

fluorescence intensity compared to bare particles, but the particle images do not have 

good focus. Sulfonate modification on glass/silica surfaces prevents vesicle fusion 

into lipid bilayers, which was previously demonstrated by the FRAP experiments in 

section 2.3.2. Therefore, the fluorescence observed on the sulfonate-modified 

particles incubated with DOPC/NH2 or polybis-sorbPC/NH2 vesicles comes from 

individual vesicles covalently linked on the particle surface. If the sulfonate-modified 

particles are fully covered by vesicles, the total surface area of lipid membranes on 
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the vesicle-coated particles is ~ 4 times of that on the bilayer-coated particles. 

However, as shown in Figure 3.5, the observed fluorescence intensity of the vesicle-

coated particles is lower than that of the bilayer-coated particles. One reason may be 

that the sulfonate-modified particles were not fully covered by vesicles, and another 

reason may be that the vesicle-coated particles couldn’t be focused well. The amount 

of lipid used in each sample was ~30 times of that needed to fully cover the sulfonate-

modified particle surface with vesicles, assuming all vesicles were 150 nm in 

diameter. However, the final vesicle coverage depends on the efficiency of each 

particle modification step, including the diol-modification, sulfonate-modification 

and vesicle coating, and it was unlikely to reach 100% modification in every step. 

Therefore, it is likely that the vesicles did not fully cover the particle surface. So the 

fluorescence image of a vesicle-coated particle was actually the image of a cluster of 

vesicles that are separated from each other (Figure 3.6 b). The vesicle size (~150 nm 

in diameter) is below the resolution of light microscopes and thus disallowing proper 

focusing as compared to full bilayer formation on the bare particle surface. Another 

possible reason why vesicle-coated particles could not be well-focused is that the 

vesicle coating might change the overall density of the particles, making them more 

difficult to settle down during fluorescence imaging. Nonetheless, the fluorescence 

imaging results support the tethering of NH2-labeled phospholipid vesicles on 

sulfonate-modified particles. 

 

 

 



 156 

 

 

 

 

 

 

Figure 3.6: Vesicles fused on bare particle surface and formed a complete lipid 
bilayer (a). Vesicles stayed intact and were covalently linked on sulfonate-modified 
particle surface (b). The red color represents FM1-43 staining. 
 

3.3.4 Evaluating vesicle coating stability against organic solvent  

 Vesicle coating stability against organic solvent was compared between 

polybis-sorbPC/NH2 and non-polymerizable DOPC/NH2 vesicles. In the proposed 

pull-down assay, sulfonate-modified particles will be coated with receptor-

functionalized lipid vesicles. After ligand binding to the receptors, detection of the 

bound ligand can be carried out in two ways. One way is to directly expose the 

particles with bound ligand to MALDI-MS analysis. In this approach, the particles 

need to be mixed with the MALDI matrix solution, which sometimes contains 

organic solvent. If direct detection does not work, the other way is to elute the bound 

ligand from the silica core-vesicle shell particles using high ionic strength buffers or 

organic solvent before MS detection. In either way, it is better if the vesicle coatings 

can survive organic solvent treatment and do not dissolve. Otherwise the resulting 

mass spectrum may contain high background from lipid aggregates.  

DOPC/NH2 or polybis-sorbPC/NH2 vesicle-coated particles were divided into 

two parts. One part was washed with buffer only and the other part was washed with 

a b 
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MeOH. After washing, the two parts of particles were resuspended in buffer and the 

vesicle coatings were stained with FM1-43. Flow cytometry was used to measure the 

fluorescence intensity of individual particles in different particle samples and 

compare the amount of vesicle coatings on the particles with and without MeOH rinse. 

Figure 3.7 shows the average fluorescence intensity per particle in a population of 

more than 5000 particles for each sample. For DOPC/NH2 vesicle-coated particles, 

the fluorescence intensity per particle with MeOH rinse is less than half of that 

without MeOH rinse, indicating that most of the DOPC/NH2 vesicle coatings were 

removed by the MeOH wash. In contrast, for polybis-sorbPC/NH2 vesicle-coated 

particles, the fluorescence intensity per particle with MeOH rinse is more than half of 

that without MeOH rinse, indicating that most of the vesicle coatings survived the 

treatment. Large error bars were observed for each sample measurement; however, 

the number of measurement was also large (n > 5000 for each sample). Students’ t-

test reveals that the difference in fluorescence intensity per particle between particles 

with and without MeOH rinse is significant for both DOPC/NH2 and polybis-

sorbPC/NH2 vesicle-coated particles. Therefore, the comparison made among 

different samples is valid. The results show that polybis-sorbPC/NH2 vesicle coatings 

are more stable than non-polymerizable DOPC/NH2 vesicle coatings against MeOH. 
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Figure 3.7: Flow cytometry measurement of average fluorescence intensity per 
particle for DOPC/NH2 and polybis-sorbPC/NH2 vesicle-coated particles, without or 
with MeOH rinse, and stained with FM1-43 (n > 5000). Fluorescence intensity of 
particles without MeOH rinse was set to 1, and fluorescence intensity of particles 
with MeOH rinse was normalized against it. tcal: calculated t value; t (99.9%): t-table 
value at 99.9% confidence level. 
 

3.3.5 MALDI-MS detection of CTB on GM1-functionalized silica core-vesicle 

shell particles 

 CTB and GM1 were chosen as a proof-of-concept ligand and receptor pair to 

test the feasibility of using the pull-down assay to detect and identify ligands bound to 

membrane receptors. Polybis-sorbPC/NH2/GM1 and polybis-sorbPC/NH2 vesicle-

coated particles were incubated with 11 µM CTB separately. The amount of CTB 

added was twice of that needed to bind to all GM1 receptors on the particles, 

assuming 100% vesicle coverage on the particles and one to one CTB-GM1 binding. 

In reality, the particles may not be 100% covered with vesicles and each CTB can 

bind up to 5 GM1.165 Therefore, the amount of CTB added is likely to saturate all 
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GM1 binding sites on the particles. After incubation, the unbound CTB was washed 

away. Then, each particle sample was divided into two parts. One part was directly 

subjected to MALDI-MS analysis. The other part was washed with buffer again and 

the bound ligand was eluted with 3 M KCl. Both the washed solution and eluted 

solution were collected for MALDI-MS analysis. CTB was successfully detected 

directly on polybis-sorbPC/NH2/GM1 vesicle-coated particles, and no lipid aggregate 

peaks was observed in the m/z range of interest (Figure 3.8 top), indicating that CTB 

was captured by the particles and the vesicle coating on the particles probably 

survived the MALDI matrices and vacuum detection conditions. Also, the laser 

energy in MALDI was able to disrupt binding between CTB and GM1. In addition, 

CTB was not detected on polybis-sorbPC/NH2 vesicle-coated particles without GM1 

(Figure 3.8 bottom). This means that the CTB detected from the GM1-functionalized 

particles were due to specific binding of CTB to GM1, rather than non-specifically 

adsorbed on the particle surface. On the other hand, CTB was not detected in either 

the washed solution or eluted solution, for particles with or without GM1, suggesting 

that 3 M KCl was not able to elute bound CTB from the particle surface. Since CTB 

can be directly detected on the particles, there is no need to further optimize the 

elution conditions. 
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Figure 3.8: MALDI-TOF-MS spectra obtained with polybis-sorbPC/NH2/GM1 
vesicle-coated particles (top) and polybis-sorbPC/NH2 vesicle-coated particles 
(bottom), after incubating with CTB and after washing away unbound CTB.  
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3.4 CONCLUSIONS AND FUTURE DIRECTIONS 

 Silica core-polymerized phospholipid vesicle shell particles were assembled 

by covalently tethering NH2-labeled polybis-sorbPC vesicles on sulfonate-modified 

silica particles. The vesicle coatings were confirmed by zeta potential measurements 

and fluorescence imaging of the core-shell particles. The polybis-sorbPC/NH2 vesicle 

coatings were more stable against organic solvent rinses, compared to non-

polymerizable DOPC/NH2 vesicle coatings. The polybis-sorbPC/NH2 vesicle coatings 

also survived centrifugation washes of the particles and MS vacuum conditions, 

indicating good stability. CTB was successfully detected by MALDI-MS on polybis-

sorbPC/NH2/GM1 vesicle-coated particles, demonstrating the feasibility of using the 

silica core-vesicle shell particle platform for novel pull-down assays, to detect and 

identify peptide/protein ligands that bind to membrane receptors. Future directions 

include determining the detection limit of CTB using this method and also detecting 

CTB in a more complex sample matrix, such as biological fluids. 
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CHAPTER 4 INVESTIGATION OF THE POLYMER SCAFFOLDING 

APPROACH FOR THE STABILIZATION OF PHOSPHOLIPID VESICLES 

FORMED BY NON-POLYMERIZABLE LIPIDS 

4.1 INTRODUCTION 

Artificial phospholipid vesicles or liposomes are hollow spheres composed of 

a closed phospholipid bilayer. Due to structural similarity, phospholipid bilayers are 

frequently used as a simplified model for cell membranes. For example, lipid vesicles 

have been used as stationary phases in membrane-based chromatography to evaluate 

drug-membrane interactions.28,29 Also, the capability of encapsulating water-soluble 

materials, versatility in surface functionalization, and biocompatibility, increase the 

applicability of phospholipid vesicles in drug delivery, cosmetics, biosensors and 

nanoreactors.50 Lipid bilayers, the structural basis of vesicles, are held together by 

non-covalent interactions between adjacent lipid molecules and are therefore 

intrinsically unstable and can disassemble once exposed to common physical and 

chemical insults such as drying, exposure to organic solvents or surfactants.95  

Different strategies have been developed to stabilize lipid vesicles through 

polymerization, including utilizing polymerizable lipids,100,109 surface grafting of 

hydrophilic polymers96 and polymer scaffolding.122,125,126 Polymerizable lipids are 

synthetic lipid molecules that carry reactive groups in the lipid head, glycerol 

backbone or lipid tail regions. Once initiated under certain conditions (e.g. UV 

irradiation), each polymerizable lipid molecule can react with adjacent molecules in a 

lipid bilayer and form lipid polymers. Polymerized supported lipid bilayers are stable 

against drying, exposure to organic solvent or surfactant.95,148 Polymerized lipid 
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vesicles also survived surfactant treatment.109 Although polymerizable lipids yield 

highly stable vesicles, the cross-linking of lipid molecules can decrease the lateral 

mobility of lipids in the bilayer, which can affect the proper function of certain 

membrane receptors in applications where receptor incorporation into the vesicles is 

needed.122 Additionally, polymerizable lipids require specialized and delicate 

synthesis. Surface grafting of hydrophilic polymers is another approach to stabilize 

vesicle structures. In this approach, hydrophilic polymers (e.g. PEG) are covalently 

attached to lipid molecules composing the vesicles. Therefore, the vesicle surface is 

coated and protected by a polymer layer. Polymer grafting has prolonged the blood 

circulation time of vesicles.96 However, the polymer coating does change the surface 

property of the vesicles and may cover important surface functionality of the vesicles 

(e.g. membrane receptors).  

Polymer scaffolding is a relatively simple and generic approach for vesicle 

stabilization. In this appoach, vesicles are formed by commercially available, non-

polymerizable lipids or surfactants. Then hydrophobic, reactive small molecules are 

doped into the lamellar region of the vesicles. These small molecules typically 

include a linear monomer (e.g styrene, butyl methacrylate), a cross-linker (e.g. 

divinylbenzene, ethylene glycol dimethacrylate), and an initiator. Under certain 

initiation conditions (e.g. UV irradiation), the initiator molecule decomposes and 

generates free radicals to induce the polymerization reaction of the linear monomers 

and cross-linkers, which results in the formation of a cross-linked polymer scaffold 

within the vesicle lamellar region.101,102 The vesicle structure is mechanically 

stabilized by the polymer scaffold. Compared to polymerizable lipids and polymer 
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grafting approaches, polymer scaffolding does not require synthesis of special lipid 

molecules or change the surface property of the vesicles.  

Early attempts in polymer scaffolding demonstrated the formation of 

polymers inside the vesicle bilayer by measuring the decrease of guest molecules’ 

diffusion both laterally within the bilayer and across the bilayer, or by monitoring the 

consumption of doped momomers.101,103,121 Later, SEM images of polymer scaffolds 

formed within giant vesicles (several hundred micrometers in diameter) clearly 

showed the hollow sphere structures. Also, a significant contraction was observed for 

the polymer scaffolds after removal of the templating vesicles by adding excess 

surfactant.102,119 In recent years, polymer scaffold-stabilized vesicles in the nanometer 

size range received higher interest due to potential application in drug delivery, 

medical diagnostics and intracellular sensing. However, the characterization of these 

nanometer-sized materials is less explicit. Debates still exist in whether polymer 

scaffolds can be formed inside nanometer-sized vesicles and how to form them. Some 

studies following the exact procedures of “forming vesicle – doping monomer – 

polymerization” only obtained one or several polymer beads embedded within the 

bilayer of each templating vesicle, leading to the so-called parachute or necklace 

vesicle-polymer hybrid morphologies, rather than uniform polymer scaffolds.166-168 

The authors concluded that the formation of polymer loci instead of scaffolds was due 

to nanoscopic phase separation between the polymer and the templating vesicle 

bilayer. Other studies following a different procedure of “mixing lipid and monomer 

– forming vesicle – polymerization” obtained polymer scaffolds inside the templating 

vesicles, and the polymer scaffolds did not contract after removal of the lipids or 
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surfactants.123,124 It was even concluded that polymer scaffolds could only be formed 

when mixing the monomers with the lipids before forming vesicles, and if the 

vesicles were formed first, the monomers could not insert into the bilayers.123 

To better understand the polymer scaffolding process, we investigated the 

formation of polymer scaffolds in nanometer-sized vesicles composed of non-

polymerizable phospholipids, using the traditional approach of “forming vesicle – 

doping monomer – polymerization”. The whole process was characterized in detail. 

Previously studies have been done to evaluate how different linear monomers and 

cross-linkers partition into lipid vesicle bilayers.169,170,172 Here different linear 

monomers were used in the polymerization process, and the effect of different linear 

monomers on the properties of the polymer scaffold-stabilized vesicles was also 

evaluated. 
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4.2 EXPERIMENTAL 

4.2.1 Materials 

1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1, 2-dilauroyl-sn-glycero-

3-phosphocholine (DLPC) and 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-

(lissamine rhodamine B sulfonyl) (ammonium salt) (rhodamine-DOPE) were 

purchased from Avanti Polar Lipids (Alabaster, AL). Irgacure 907, ethylene glycol 

dimethacrylate (EGDMA), carboxyfluorescein (CF), Triton X-100, and KH2PO4 were 

purchased from Sigma Aldrich (St. Louis, MO). Aluminium oxide neutral 50-200 µm 

was purchased from Acros Organics (NJ). Na2HPO4 was purchased from Avantor 

Performance Materials (Center Valley, PA). N-butyl methacrylate (BMA) was from 

Alfa Aesar (Ward Hill, MA). N-hexyl methacrylate (HMA) was from MP 

Biomedicals (Solon, OH). N-octyl methacrylate (OMA) was from Polysciences, Inc. 

(Warrington, PA). Methacrylic acid benzyl ester (BenzylMA) was from TCI America 

(Portland, OR). Sephadex G-50 Fine beads were purchased from Amersham 

Biosciences (Uppsala, Sweden). All other chemicals were from EMD. H2O was 

purified with a Barnstead EASYpure UV/UF system. All buffers were filtered 

through 0.2 µm membranes.   

 

4.2.2 General procedure for making polymer scaffold-stabilized vesicles 

 Ten milligram of DOPC was dried with a stream of Ar and lyophilized 

(FreeZone6, Labconco, Kansas City, MO) for more than 4 hours. The dried lipids 

were rehydrated in 1 mL of PBS buffer, pH 7.4 (137 mM NaCl, 2.7 mM KCl, 8 mM 

Na2HPO4, and 2 mM KH2PO4). The mixture was vortexed to suspend all dried lipids 
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into solution. Then the mixture went through 10 cycles of freeze-thaw-vortex. 

Freezing bath was dry ice/isopropanol and thawing bath was 37 °C water bath. Then 

the solution was extruded 21 times through two stacked 200 nm Nucleopore 

polycarbonate membranes, using a Hamilton syringe miniextruder (Avanti Polar 

Lipids, Birmingham, AL). After extrusion, the vesicle solution was diluted with PBS, 

pH 7.4 to a total volume of 5 mL (lipid concentration 2 mg/mL).  

 A 30 µL aliquot of 10 mg/mL Irgacure 907 in MeOH was placed into a clean 

glass vial. The MeOH was evaporated with a stream of Ar and further dried under 

vacuum for 10 min. The extruded vesicle solution was added to the vial containing 

Irgacure 907. The mixture was stirred for 30 – 60 min. Then 2.00 µL EGDMA and 

2.40 µL BMA (inhibitor removed by passing through a column packed with 

aluminium oxide neutral 50-200 µm) were added into the vesicle solution. The 

mixture was stirred overnight in the dark at room temperature for the monomer, 

cross-linker and photoinitiator to partition into the vesicle bilayer. Preparation of 

Irgacure 907 solution, and removal of inhibitor from EGDMA and BMA were carried 

out under UV free, yellow light. The molar ratio of each component in the mixture 

was: 

DOPC : Irgacure 907 : EGDMA : BMA = 100 : 8.5 : 82 : 116 

 After overnight partition, a portion of the vesicle solution was taken as the 

unpolymerized (UP) sample. The rest of the vesicle solution was transferred into a 

quartz cuvet and degassed by bubbling with a slight stream of Ar for 10 min. Then 

the vesicle solution was irradiated with UV light from a 100 W Hg arc lamp 

(Newport, Model 60025 lamp housing and Model 69907 power supply) for 30 – 60 
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min at room temperature (20-25 °C). A UV bandpass filter (Edmund U-330) and a 

water IR filter were placed between the lamp and the sample cuvette. The vesicle 

solution was stirred constantly during UV irradiation. The UV irradiated sample was 

the polymerized (P) sample. 

 

4.2.3 Carboxyfluorescein (CF) release assay 

 Ten milligram of DOPC was mixed with 0.5% mole of rhodamine-DOPE. 

The lipid mixture was dried as described in section 4.2.2. The dried lipids were 

rehydrated in 1 mL PBS, pH 7.4 containing 100 mM CF. The mixture was vortexed 

to suspend all the dried lipids. The mixture was incubated in a 37 °C water bath for 2 

min and then vortexted for 30 s. This process was repeated for a total length of 30 

min, to facilitate the encapsulation of CF into the interior of vesicles. After that, the 

freeze-thaw-vortex cycles and extrusion were carried out as described in section 

4.2.2. After extrusion, unencapsulated CF was separated from the vesicles by size 

exclusion chromatography (SEC) using a column packed with Sephadex G-50 fine 

beads. The elution buffer was PBS, pH 7.4. The collected vesicle solution from SEC 

was orange in color because the vesicles were labeled with red rhodamine-DOPE 

lipids and encapsulated with brown self-quenching CF. The vesicle solution was 

diluted with PBS, pH 7.4 to a total volume of 5 mL, and the lipid concentration was 2 

mg/mL assuming no lipid loss in the SEC process. A small portion from the vesicle 

solution (containing 0.1 mg lipid) was set aside for future fluorescence measurement.  

 The rest of the vesicle solution was incubated with Irgacure 907, EGDMA and 

BMA as described in section 4.2.2. After overnight partition, the UP vesicles were 
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subjected to SEC again to remove any CF that might have leaked out from the 

vesicles during the monomer doping process. A small portion (containing 0.1 mg 

lipid) was taken from the UP vesicles, both before and after SEC, for future 

fluorescence measurement. 

 For the fluorescence measurement, each vesicle sample (containing 0.1 mg 

lipid) was diluted to 3 mL with PBS, pH 7.4. The fluorescence intensity of each 

diluted sample was measured using a PTI fluorimeter. The wavelengths for excitation 

and emission were 492 nm and 518 nm, respectively. The bandpass of both the 

excitation and emission monochromator slits was set to 0.5 nm. The integration time 

was set to 1 s. After the measurement, 60 µL of 20 mM Triton X-100 in H2O was 

added into each vesicle sample, to make [Triton X-100]/[lipid] = 9.4. Each sample 

was mixed well and the fluorescence intensity was measured again under the same 

conditions. 

 

 4.2.4 Centrifugation analysis 

 Ten milligram of DLPC was mixed with 0.5% mole rhodamine-DOPE. The 

mixed lipids were made into polymer scaffold-stabilized vesicles similarly as 

described in section 4.2.2. The only difference was the amount of each component 

used. In this experiment, 38 µL of 10 mg/mL Irgacure 907 in MeOH, 2.48 µL 

EGDMA and 2.96 µL BMA were used. This was to keep the molar ratio of each 

component the same as in section 4.2.2, since DLPC has a different molecular weight 

compared to DOPC. After polymerization, 1 mL of UP and P samples was taken and 

centrifuged at 16000 G × 30 min. Another 1 mL P sample was taken and 200 mM 
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Triton X-100 in H2O was added into the sample to make [Triton X-100]/[lipid] = 10. 

The sample was mixed well and also centrifuged at 16000 G × 30 min. The 

appearance of all samples was observed both before and after centrifugation. 

 

4.2.5 Size measurement by dynamic light scattering (DLS) 

 Ten milligram of DOPC was made into polymer scaffold-stabilized vesicles 

similarly as described in section 4.2.2. The only difference was that PBS buffer was 

replaced by H2O at all steps. The size of vesicles just after extrusion, UP and P 

vesicles was measured by DLS.  

 In another experiment, 10 mg DOPC was made into polymer scaffold-

stabilized vesicles in PBS, pH 7.4 exactly as described in section 4.2.2, with 2.00 µL 

EGDMA and 2.40 µL BMA. This sample was called the original EGDMA sample. 

Another two samples were prepared similarly but one with 1.00 µL EGDMA and the 

other with 0.5 µL EGDMA. These two samples were called the half EGDMA sample 

and quarter EGDMA sample, respectively. The size of vesicles just after extrusion, 

UP and P vesicles both before and after adding excess Triton X-100, was measured 

for original, half and quarter EGDMA samples. The molar ratio of Triton X-100 over 

lipid equaled 6.3 for UP vesicles and 9.4 for P vesicles when excess Triton X-100 

was added.  

 The DLS measurement of vesicle size was carried out using a Malvern 

Zetasizer Nano-ZS (Worcestershire, United Kingdom) at a lipid concentration of 0.1 

or 0.2 mg/mL with a backscattering angle of 173 °. The vesicle dispersant was PBS in 

the DLS measurement if the vesicles were prepared in PBS, and the dispersant was 
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H2O if the vesicles were prepared in H2O. Three measurements were made for each 

sample at 25 °C. The obtained results were represented as mean ± standard deviation. 

 

4.2.6 Transmission electron microscopy (TEM) measurement 

 Ten milligram of DOPC was made into polymer scaffold-stabilized vesicles 

similarly as described in section 4.2.2. The only difference was that 0.67 µL EGDMA 

and 1.13 µL BMA was used. So the molar ratio of each component in the mixture 

was: 

DOPC : Irgacure 907 : EGDMA : BMA = 100 : 8.5 : 28 : 57.  

 A portion from both UP and P samples (2 mg/mL lipid) was diluted 50 times 

with H2O to obtain a lipid concentration of 0.04 mg/mL. Another portion of the P 

sample was mixed with appropriate amount of 200 mM Triton X-100 to make [Triton 

X-100]/[lipid] = 9.4. The sample was mixed well and also diluted 50 times with H2O 

to obtain a lipid concentration of 0.04 mg/mL. Dilution with H2O was necessary to 

reduce the concentration of PBS buffer, since uranyl acetate will be used as the 

negative staining reagent, and uranyl ions precipitate with phosphate ions in PBS 

buffer, which interferes with imaging. 5 µL of each diluted sample (UP, P and 

P+Triton) was put on a 300 mesh copper grid covered with carbon membrane 

(Electron Microscopy Sciences, Hatfield, PA). The sample was allowed to sit on the 

membrane for 5 min for adsorption. Then extra liquid was wicked away by a piece of 

filter paper from the opposite side of the membrane. After that, 5 µL of 1% uranyl 

acetate was added on the membrane. Extra liquid was wicked away after 10 s. Then, 

another 5 µL of 1% uranyl acetate was added on the membrane and extra liquid was 
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wicked away after 50 s. The sample-adsorbed grids were allowed to dry at room 

temperature before TEM measurement. TEM images were taken by a Tecnai Spirit 

transmission electron microscope operated at 80-100 KV.   

 

4.2.7 Apparent absorbance (turbidimetry) measurements 

 Ten milligram of DOPC was made into polymer scaffold-stabilized vesicles 

similarly as described in section 4.2.6. 1 mL of UP or P sample (2 mg/mL lipid) was 

diluted to 3 mL total volume with PBS, pH 7.4. The apparent absorbance at 633 nm 

of the vesicle solution was measured with a HITACHI U-3000 spectrophotometer. 

Then 200 mM Triton X-100 in H2O was added into the vesicle solution at 20 µL 

spikes. After each spike, the solution was mixed well and the apparent absorbance at 

633 nm was measured. 

 

4.2.8 Evaluation of different linear monomers 

 Ten milligram of DLPC was made into polymer scaffold-stabilized vesicles 

similarly as described in section 4.2.4, with 2.48 µL EGDMA and 2.96 µL BMA. The 

only difference was that the vesicles were not labeled with rhodamine-DOPE. 

Another three samples were prepared similarly, but the 2.96 µL BMA was replaced 

with 3.68 µL HMA, 4.20 µL OMA, or 3.16 µL BenzylMA, respectively. Therefore, in 

every sample, the molar ratio of each component was kept constant as: 

DOPC : Irgacure 907 : EGDMA : BMA (HMA, OMA or BenzylMA) = 100 : 8.5 : 82 

: 116. 
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 For each sample, the apparent absorbance of UP and P vesicle solutions was 

monitored when spiked with Triton X-100, as described in section 4.2.7. Also, size of 

P vesicles after adding excess Triton X-100 ([Triton X-100]/[lipid] = 10) was 

measured for each sample by DLS, as described in section 4.2.5.  
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4.3 RESULTS AND DISCUSSION 

4.3.1 CF release assay 

 The general process of forming polymer scaffolds within vesicle bilayers was 

described in section 4.1. Figure 4.1 illustrates this process and shows the structure of 

some compounds used in this study.  

 

 

 

 

 

 

 

 

 

 
Figure 4.1: Schematic representation of the formation of polymer scaffolds within 
the vesicle bilayer. 
 

As shown in Figure 4.1, vesicles (diameter 100-200 nm) were formed with 

non-polymerizable DOPC or DLPC lipids. These two lipids behaved similarly in all 

steps of the polymerization process and in all different measurements, except that the 

amount of carboxyfluorescein (CF) encapsulated in DOPC vesicles was much higher 

than that encapsulated in DLPC vesicles for unknown reasons. BMA, EGDMA and 

Irgacure 907 were doped into the lamellar region of the vesicles by stirring. BMA is a 

linear monomer, which has only one polymerizable group. So BMA could only form 
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linear polymer chains. EGDMA has two polymerizable groups and can cross-link 

between different linear polymer chains. The purpose of using a combination of BMA 

and EGDMA is to form a complete and highly cross-linked polymer scaffold within 

the vesicle bilayer, which mechanically supports the vesicle structure.  Irgacure 907 is 

a photoinitiator that decomposes under UV irradiation and generates free radicals to 

initiate the polymerization reactions between BMA and EGDMA. 

 The first step in the polymer scaffold formation process is the partition of 

monomers into the vesicle bilayer. Previously, concerns that stirring of monomers 

with vesicles may disrupt the vesicle structure have been expressed,103 while other 

studies stated that monomers could not insert into the lipid bilayers after the 

formation of vesicles. In order to obtain a better understanding of the monomer 

doping process, a CF release assay was carried out. CF has long been used as a probe 

for leakage in vesicle systems due to its concentration-dependent self-quenching 

property.171 At concentrations higher than 10 mM, CF fluorescence starts to drop 

rapidly. Therefore, when high concentration CF is encapsulated inside vesicles 

dispersed in a solution, the fluorescence intensity is low due to CF self-quenching. If 

the vesicles leak or are broken, encapsulated CF will be released into solution, diluted 

to a lower concentration and an increase in CF fluorescence will be observed.  

 In this experiment, 100 mM CF was encapsulated inside DOPC vesicles. After 

extrusion, unencapsulated CF was separated from the vesicles using SEC. The 

vesicles were doped with BMA, EGDMA and Irgacure 907. After monomer doping, 

the vesicles were subjected to SEC again to remove leaked CF. A small portion of the 

vesicles (containing 0.1 mg lipid) was taken at each step and subjected to excess 
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surfactant (Triton X-100) treatment. The fluorescence intensity of CF was measured 

both before and after addition of surfactants. As shown in Figure 4.2, fluorescence 

intensity of vesicles just after extrusion and SEC was relatively low due to CF self-

quenching, but dramatically increased after the addition of surfactants due to vesicles 

being solubilized and the encapsulated CF being released and diluted. However, after 

the partitioning of monomers, the CF fluorescence intensity from the UP vesicles was 

already high before the addition of surfactants, and did not increase significantly after 

the addition of surfactants. This indicates that CF already leaked out during the 

monomer partition process. After removing the leaked out monomers from the UP 

vesicles, the CF fluorescence dropped significantly, and did not increase after the 

addition of surfactants. This confirms that majority of CF had leaked out from the 

vesicles during monomer partition, and the remaining CF was already at a low 

concentration without self-quenching. 
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Figure 4.2: Fluorescence intensity measurement of CF-encapsulated DOPC vesicles 
just after extrusion and SEC, after monomer doping before SEC, and after monomer 
doping after SEC, both before and after adding excess Triton X-100. Ex: 492 nm; 
Em: 518 nm 
 

The CF release assay results show that the monomer doping process caused 

leakage of encapsulated CF from the vesicles. This clearly indicates interaction 

between the monomers and vesicle bilayers. However, further investigation is needed 

to determine whether the CF leakage was caused by vesicle break-up or temporary 

pores formed in the bilayers during monomer insertion. 

 

4.3.2 Centrifugation analysis 

 Centrifugation was carried out to monomer-doped UP and P vesicles, as well 

as P vesicles with excess surfactant, to evaluate the property change of the vesicles at 

each different step. Vesicles were labeled with rhodamine-DOPE for visualization 

purposes. As shown in Figure 4.3 a, after centrifugation at 16000 G for 30 min, the 

UP vesicle solution remained uniformly pink, indicating that the majority of the 
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vesicles could not be pelleted. There was a very tiny pink liquid pellet, which could 

be small amounts of larger vesicles or vesicle aggregates. For P vesicle solution, after 

centrifugation, there was a large pink solid pellet and the supernatant was almost 

colorless (Figure 4.3 b). This indicates that the formed polymers were spun down and 

were associated with the lipids since the pellet was pink. Also, the polymer-lipid 

assemblies either had larger size or higher density compared to UP vesicles, making 

them easier to pellet than UP vesicles. Another sample was prepared by mixing P 

vesicles with excess surfactant first. Then, the mixture was centrifuged. As shown in 

Figure 4.3 c, the supernatant was pink, indicating lipids were extracted from the 

polymers by excess surfactant. There was a very small pink solid pellet, which is 

likely the polymers still associated with some lipids. 

 

 

 

 

 

 

 

Figure 4.3: Images of monomer doped UP (a) and P (b) DLPC vesicles, and P DLPC 
vesicles mixed with excess Triton X-100 (c), after centrifugation. Vesicles were 
labeled with rhodamine-DOPE. 
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Summarizing results from CF release assay and centrifugation analysis, it can 

be concluded that monomers interacted with vesicle bilayers during the monomer 

doping process and caused release of encapsulated CF. After UV irradiation, some 

polymer structures were formed and the polymers were associated with the lipids. 

There are two major possibilities. One possibility is that the vesicles were lysed up 

during the monomer doping process and the dispersed monomer droplets in solution 

were coated with a monolayer of lipids. After polymerization, polymer beads were 

formed with a monolayer of lipid coating (Figure 4.4 a). The other possibility is that 

the monomers partitioned into the vesicle bilayer during the monomer doping 

process. After polymerization, either a complete polymer scaffold (Figure 4.4 b) or 

several polymer beads (Figure 4.4 c) were formed inside the vesicle bilayer, 

depending on the solubility of the polymer within the liquid bilayer. Further analysis 

by DLS was carried out to differentiate between these possibilities, which is 

explained in the next section. 
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Figure 4.4: Schematic representation of possible pathways in the monomer doping 
and polymerization processes. Possible products of the whole process could be a 
mixture of vesicles and lipid-coated polymer beads (a), vesicles with a complete 
polymer scaffold in the bilayer (b) or vesicles with one or several polymer beads in 
the bilayer (c). 
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4.3.3 DLS size measurement 

 The size of the vesicles was monitored by DLS at different steps in the 

polymerization process. Table 4.1 shows the size of vesicles immediately after 

extrusion, after monomer doping but before polymerization (UP) and after 

polymerization (P). The polymerization process and DLS measurement were carried 

out in H2O and in PBS buffer, pH 7.4. Figure 4.5 shows the scattering intensity-based 

size distribution of the vesicle samples corresponding to Table 4.1. 

 

Table 4.1: Average diameter (nm) of vesicles immediately after extrusion, UP and P 
vesicles, prepared and measured in H2O and in PBS, pH 7.4 
 In H2O In PBS 
Immediately after 
extrusion 

210 ± 5 
(0.113 ± 0.053) 

146 ± 1 
(0.107 ± 0.013) 

UP 198 ± 10 
(0.136 ± 0.009) 

150 ± 2 
(0.087 ± 0.005) 

P 211 ± 1 
(0.030 ± 0.007) 

286 ± 8 
(0.105 ± 0.017) 

Numbers in parentheses are polydispersity indices (PdI) 
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Figure 4.5: Percent scattering intensity-based size distribution of vesicles 
immediately after extrusion, UP and P vesicles, prepared and measured in H2O (a) 
and in PBS, pH 7.4 (b) 
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From Table 4.1 and Figure 4.5, it can be seen that vesicles maintained roughly 

the same average size and a monodispersed population (PdI ≈ 0.1) before and after 

monomer doping, both in H2O and in PBS buffer. This indicates that vesicles were 

not completely lysed during the monomer doping process, because if vesicles were 

destroyed and formed lipid-coated monomer droplets during monomer doping, as 

shown in Figure 4.4, it is unlikely that they would maintain a monodispersed 

population and the same average size as the vesicles immediately after extrusion. 

Therefore, monomer partitioning into vesicle bilayers is more likely during the 

monomer doping process.  

After polymerization, according to Table 4.1, the vesicles maintained the 

same size when prepared and measured in H2O but showed a two-fold size increase 

upon polymerization when prepared and measured in PBS buffer. There are several 

possibilities for the observed size increase in PBS buffer. First, after polymerization, 

the monomers could react with each other, altering their arrangement inside the lipid 

bilayer to be more rigid and leading to an expansion of the polymer scaffold to a size 

larger than the templating vesicle. Expansion of the polymer scaffold would also 

cause expansion of the vesicle. However, the diameter of the vesicles increased 

almost two fold according to Table 4.1 (150 nm to 286 nm), corresponding to a four 

fold increase in the surface area of the vesicles. If this were the case, there would be 

large voids between adjacent lipid molecules, exposing the hydrophobic tails to 

aqueous buffer, which is not thermodynamically favored. So enlarged vesicles cannot 

be stable structures in an aqueous environment. The second possibility is that during 

polymerization, some polymers may grow and eventually protrude from the vesicle 
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bilayer. These hydrophobic polymers on the vesicle surface can cause vesicle 

aggregation. Thus, the increased size observed after polymerization might be the size 

of an aggregate of several vesicles. However, if aggregation were the case, it is hard 

to explain why aggregation didn’t happen when vesicles were prepared in H2O and 

measured in H2O. Based on these analyses, the probability of vesicle enlargement or 

aggregation after polymerization was low. The most likely possibility is a density 

change of the vesicles before and after polymerization, rather than a size change. 

Results of the centrifugation analysis in section 4.3.2 show that monomer-doped UP 

vesicles can not be spun down while P vesicles can, which indicates that P vesicles 

might have a higher density than UP vesicles, no matter that the polymers are 

complete polymer scaffolds (Figure 4.4 b) or several polymer beads (Figure 4.4 c) in 

the vesicle bilayers. DLS measures diffusion velocity of particles in solution and uses 

the diffusion velocity to calculate hydrodynamic diameter, which is the diameter of a 

hard sphere that diffuses at the same velocity as the particle being measured. Fast-

diffusing particles correspond to smaller size, while slow-diffusing particles 

correspond to larger size. P vesicles have a higher density and thus diffuse slower 

than UP vesicles, which can lead to an artificially large calculated size. The effect of 

density on diffusion speed and calculated size was not obvious when H2O was the 

dispersant. However, when the dispersant was PBS buffer, which has a higher 

viscosity than H2O (0.904 cP vs. 0.887 cP), the diffusion velocity of particles might 

be further affected by density, leading to a dramatically larger calculated size. 

 In summary of the above analysis, monomers partitioned into the vesicle 

bilayers during the monomer doping process. The P vesicles might have a higher 
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density than UP vesicles. The resulting polymer inside the vesicle bilayer may be 

composed of a complete polymer scaffold (Figure 4.4 b) or several polymer beads 

(Figure 4.4 c), though further investigation is necessay. 

 In another experiment, we studied the effect of different total monomer+cross-

linker amount and different cross-linking density on the properties of the resulting 

polymer-lipid assembly. Three samples were prepared in PBS buffer under the same 

conditions except for the amount of EGDMA. The molar ratio of each component in 

each sample was: 

DOPC : Irgacure 907 : EGDMA : BMA = 100 : 8.5 : 82 : 116 (original EGDMA) 

DOPC : Irgacure 907 : EGDMA : BMA = 100 : 8.5 : 41 : 116 (half EGDMA) 

DOPC : Irgacure 907 : EGDMA : BMA = 100 : 8.5 : 20 : 116 (quarter EGDMA) 

The original EGDMA sample has the highest total amount of monomer+cross-linker 

and the highest cross-linker/monomer ratio, which leads to the highest cross-linking 

density. The quarter EGDMA sample has the lowest total amount of monomer+cross-

linker and the lowest cross-linking density. Size of vesicles immediately after 

extrusion, monomer-doped UP and P vesicles both before and after adding excess 

surfactant was measured in PBS buffer for each sample. The results are listed in 

Table 4.2. 

 



Table 4.2: Average diameter (nm) of vesicles immediately after extrusion, UP and P vesicles before and after adding excess 
surfactant, for original EGDMA, half EGDMA and quarter EGDMA samples 
 Original EGDMA Half EGDMA Quarter EGDMA 
Immediately after 
extrusion 

146 ± 1 
(0.107) 

143 ± 2 
(0.083) 

145 ± 3 
(0.110) 

UP (after monomer 
doping) 

150 ± 2 
(0.087) 

145 ± 2 
(0.097) 

146 ± 2 
(0.101) 

UP + Triton X-100  
[Triton]/[lipid]=6.3 

14 ± 0 (62%) 
205 ± 15 (38%) 

(0.529) 

13 ± 0 (56%) 
224 ± 18 (44%) 

(0.603) 

13 ± 0 (59%) 
195 ± 7 (41%) 

(0.561) 
P 286 ± 8 

(0.105) 
205 ± 3 
(0.093) 

179 ± 2 
(0.099) 

P + Triton X-100 
[Triton]/[lipid]=9.4 

289 ± 15 (99%) 
 

(0.266) 

304 ± 2 (99%) 
 

(0.367) 

352 ± 8 (92%) 
10 ± 0 (8%) 

(0.554) 
Numbers in black parentheses are the average %scattering intensity from the corresponding size population. If without a black 
parenthesis, the %scattering intensity from the corresponding size population is 100%. 
Numbers in red parentheses are the average polydispersity indices (PdI) of the corresponding sample 
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 According to Table 4.2, for all samples (original EGDMA, half EGDMA and 

quarter EGDMA), the vesicles remained a monodispersed population (PdI ≈ 0.1) and 

the same average size before and after monomer doping, which confirms that the 

vesicles remained intact during the monomer doping process. After addition of excess 

surfactant to the UP vesicles, two populations were observed for all samples. 

Surfactants can extract lipids from the vesicles and disassemble the vesicle structures 

into surfactant/lipid mixed micelles. Therefore, the small-sized population was the 

mixed micelles and the large-sized population was the remaining vesicles. The 

scattering intensity of each vesicle is much higher than that of each micelle. However, 

the total percent scattering intensity from the micelle population was higher than that 

from the vesicle population. So the number of micelles was much higher than the 

number of vesicles, indicating that the majority of the UP vesicles were disassembled 

by the surfactants. 

 For all samples, P vesicles showed an apparent larger size than UP vesicles. 

The measured P vesicle size follows the order of original EGDMA > half EGDMA > 

quarter EGDMA. According to previous analysis, this means the P vesicle density 

follows the order of original EGDMA > half EGDMA > quarter EGDMA. The trend 

is as expected, because the total monomer+cross-linker amount and thus total 

polymer amount follows the same trend. The higher the amount of polymers inside 

the vesicle bilayer, the higher the density of the P vesicles. The data also suggests 

again that vesicle aggregation is less likely the reason for the apparent size increase of 

P vesicles. If two vesicles aggregate together, the three-dimensional diameter of the 

aggregate (d3-D) can be calculated according to Figure 4.6.  
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Figure 4.6: Schematic representation of the three-dimensional diameter (d3-D) of a 
two-vesicle aggregate when the connection between the centers of the two vesicles is 
at an angle θ with the d3-D. 
 

 As shown in Figure 4.6, if the vesicles have a diameter of d2-D, d3-D can be 

calculated by Eq. 4.1.  

d3-D = d2-D + d2-D × cos θ  (Eq. 4.1) 

 When θ changes from 0 to π/2, d3-D can be calculated by Eq. 4.2. 

d3-D = !!
!

(!!!! + !!!!×!"#$)!"
!
!
!  ≈ 1.64 d2-D  (Eq. 4.2) 

 When the angle θ changes from π/2 to π, π to 3π/2 and 3π/2 to 2π, the d3-D can 

be calculated similarly as in Eq. 4.2, and the results are all 1.64 d2-D. Therefore, the 

overall d3-D of a two-vesicle aggregate is 1.64 d2-D.  

The diameter (d2-D) of UP vesicles was ~150 nm. So the d3-D of a two-vesicle 

aggregate should be 1.64 d2-D, which was ~246 nm. The average diameters of P 

vesicles for the half EGDMA and quarter EGDMA samples were both higher than 

150 nm and lower than 246 nm. This suggests that if aggregation happened, the P 
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vesicles for these two samples were a mixture of single vesicles and two-vesicle 

aggregates, and there should be two size populations. However, the P vesicles for 

both the half EGDMA and quarter EGDMA samples showed a monodispersed 

population (PdI < 0.1). So the data demonstrates again that the apparent size increase 

of vesicles after polymerization was less likely caused by vesicle aggregation. 

 After adding excess surfactant to the P vesicles, lipids should be mostly 

extracted from the polymer structures, based on the centrifugation analysis results in 

section 4.3.2. The original EGDMA and half EGDMA samples only show one large-

sized population with excess surfactant. This population should be the polymer 

particles, either polymer scaffolds (Figure 4.4 b) or polymer beads (Figure 4.4 c). The 

mixed micelles were also present in the solution, but their scattering intensity was too 

low compared to that from the polymer particles and thus could not be detected by the 

DLS instrument. The quarter EGDMA sample showed two populations after adding 

excess surfactant, similarly as the UP vesicles, indicating that the number of stable 

polymer particles was low compared to the original EGDMA and half EGDMA 

samples. This is as expected since the quarter EGDMA sample has the least amount 

of monomer+cross-linker. Relative size can not be compared for the same P sample 

before and after adding excess surfactant, because the presence of the surfactants 

changes the viscosity of the solution and therefore affects size calculation. However, 

relative size can be compared among different P samples, when they were all added 

with excess surfactant. The size of the polymer particles after extraction of lipids by 

surfactants follows the order of original EGDMA < half EGDMA < quarter EGDMA.  
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If the polymer particles are polymer scaffolds (Figure 4.4 b), the size of the 

polymer scaffolds should be similar among different samples because they were 

formed in vesicles with the same size, but the thickness of the polymer scaffold 

would be different due to different amount of monomer+cross-linker (Figure 4.7 a). 

After extraction of lipids by surfactants, the hydrophobic, hollow polymer scaffolds 

would contract in aqueous solution. The higher the cross-linking density, the greater 

the degree of contraction will be.102 So the degree of contraction will follow the order 

of original EGDMA > half EGDMA > quarter EGDMA. As a result, the size of 

polymer scaffolds after contraction will follow the order of original EGDMA < half 

EGDMA < quarter EGDMA, which matches with the experimental results.  

If the polymer particles are polymer beads (Figure 4.4 c), their size will follow 

the order of original EGDMA > half EGDMA > quarter EGDMA, due to the amount 

of monomer+cross-linker used (Figure 4.7 b). After extraction of lipids by 

surfactants, the polymer beads will not contract significantly since they are hard 

spheres. So their size will still follow the order of original EGDMA > half EGDMA > 

quarter EGDMA, which doesn’t match with the experimental results.  

In summary of the DLS results and analysis, monomers partitioned into 

vesicle bilayers during the monomer doping process, and the vesicles remained intact 

during this process. After polymerization, polymer scaffolds formed inside the vesicle 

bilayers.    
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Figure 4.7: Schematic representation of formation of polymer scaffolds (a) and 
polymer beads (b) in the original EGDMA, half EGDMA and quarter EGDMA 
vesicle samples 
 

4.3.4 TEM imaging 

 TEM images of monomer-doped UP and P DOPC vesicles prepared in PBS 

buffer were acquired. Samples were negatively stained with uranyl acetate to increase 

contrast. As shown in Figure 4.8a, UP vesicles were not observed in the TEM image. 

UP vesicles are held together by non-covalent interactions between adjacent lipid 

molecules and between lipids and doped-in monomers. These interactions were easily 

disrupted by drying of the vesicle solution and vacuum condition of TEM imaging.  
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Figure 4.8: Representative TEM images of monomer-doped UP (a) and P (b) 
vesicles, as well as P vesicles with excess Triton X-100 (c) 
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Figure 4.8b shows the TEM image of P vesicles. Spherical particles with 

diameters of 50-100 nm were observed. This size is much smaller than the templating 

vesicle size measured by DLS (~150 nm). Therefore, it is hypothesized that once the 

P vesicles entered the TEM vacuum environment, the lipids surrounding the polymer 

scaffolds were extracted by the high vacuum, leaving only the polymer scaffolds in 

the dry state, and the hydrophobic, hollow polymer scaffolds contracted and formed 

the spherical particles observed in the TEM images. To test the hypothesis, excess 

surfactant was added to P vesicles to extract the lipids from the polymer scaffolds 

first, and then the sample was imaged with TEM. Similar spherical particles were 

observed as the P vesicles without excess surfactant (Figure 4.8c). This demonstrates 

that the particles observed in the TEM image of the P vesicles were possibly polymer 

scaffolds lacking the templating lipids. To better observe the P vesicles with the 

polymer scaffolds, cryo-EM should be carried out, where the sample does not need to 

be dried and the vesicles can maintain their fully-hydrated configuration. 

Nevertheless, the TEM results support the formation of polymer scaffolds inside the P 

vesicles.  

 

4.3.5 Apparent absorbance (turbidimetry) measurement 

 The apparent absorbance at 633 nm of both the UP and P DOPC vesicle 

solutions was monitored when Triton X-100 was spiked into the vesicle solutions to 

better ascertain vesicle concentration. Since components of vesicles have no 

absorbance at 633 nm, the measured absorbance was an indication of scattering due to 

the presence of vesicles. A higher scattering intensity from the vesicles corresponds 
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to a higher absorbance value. Therefore, this experiment measures scattering from the 

UP and P vesicles when surfactant was spiked into the vesicle solutions. Figure 4.9 

shows the plot of apparent absorbance at 633 nm of UP and P vesicle solutions as a 

function of the molar ratio of added surfactant over lipid. 

 

 

 

 

 

 

 

 
Figure 4.9: Apparent absorbance at 633 nm of UP (blue diamond) and P (red square) 
vesicle solutions as a function of the molar ratio of added Triton X-100 over DOPC 
lipid. 

 

As shown in Figure 4.9, the apparent absorbance, or scattering, of the UP 

vesicle solution slightly increased after the first spike of the surfactant, Triton X-100, 

due to insertion of Triton X-100 into the vesicle bilayer leading to the enlargement of 

the vesicle structure and higher scattering. When [Triton X-100]/[DOPC] exceeded 3, 

apparent absorbance dropped to near zero and remained constant with more addition 

of the surfactant, due to vesicle expansion to an extent where they were no longer 

stable. Then the vesicles would disassemble and form lipid/surfactant mixed micelles. 

According to previous DLS measurement, the size of the micelles was much smaller 
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than that of the vesicles. So the micelles exhibited very low scattering intensity, 

resulting in apparent absorbance close to zero. 

The P vesicle solution showed higher apparent absorbance than the UP vesicle 

solution before adding surfactant. This is due to the polymer scaffolds inside the P 

vesicles increasing the net refractive index and in turn scattering intensity. After 

adding Triton X-100 into the P vesicle solution, the initial increase in apparent 

absorbance noticed for the UP vesicles was not observed. However, a continuous 

decrease of apparent absorbance was seen until [Triton X-100]/[DOPC] exceeded 3, 

where the apparent absorbance dropped to the lowest level, but not zero, and 

remained that level with more addition of the surfactant. It is unknown whether the 

surfactants first inserted into the vesicle bilayers, but the decrease in apparent 

absorbance should be caused by extraction of lipids from the polymer scaffolds by the 

surfactants. Then, without the lipids, the hydrophobic, hollow polymer scaffolds 

contracted in aqueous solution, leading to lower scattering and thus lower apparent 

absorbance. When [Triton X-100]/[DOPC] exceeded 3, all lipids were extracted from 

the polymer scaffolds, and the apparent absorbance didn’t decrease further. The 

remaining apparent absorbance was caused by scattering of the contracted polymer 

scaffolds.  

The apparent absorbance measurement results also confirm the formation of 

polymer scaffolds inside vesicle bilayers. 
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4.3.6 Evaluation of different linear monomers 

 In this experiment, different linear monomers combined with the same cross-

linker EGDMA were used to form polymer scaffolds inside DLPC vesicles. These 

linear monomers, namely n-butyl methacrylate (BMA), n-hexyl methacrylate (HMA), 

n-octyl methacrylate (OMA) and methacrylic acid benzyl ester (BenzylMA), possess 

different carbon chain length and functional groups (aliphatic vs. aromatic), so they 

will partition differently into the vesicle bilayers, and perhaps form polymer scaffolds 

with different properties. Figure 4.10 shows the chemical structures of the different 

linear monomers and their n-octanol/H2O partition coefficients (log Pow). Log Pow of 

OMA was not available, but it is expected to be higher than that of HMA. 

 

 

 

  

 

 

 

 

 

 

 

Figure 4.10: Chemical structure and log Pow of BMA, HMA, OMA and BenzylMA 
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Apparent absorbance of UP and P vesicles was measured when Triton X-100 

was spiked into the vesicle solutions, for samples prepared with different linear 

monomers. The aim of this experiment was to compare the interaction between the 

vesicles and the polymer scaffolds formed within the vesicles using different linear 

monomers. The hypothesis was that if a monomer could more efficiently partition 

into the vesicle bilayers, the polymer scaffolds formed with this monomer should 

better intercalate with the lipids and better hold the vesicle structure together against 

extraction of lipids by surfactants. So it will take more surfactants to extract lipids 

from this polymer scaffold.  

Figure 4.11 shows the apparent absorbance measurement results. All UP and 

P vesicles showed an initial increase in apparent absorbance with the addition of 

small amount of surfactant, indicating surfactant insertion into the vesicle bilayers. 

And then with more addition of the surfactant, apparent absorbance of UP vesicles 

dropped to zero, meaning all UP vesicles were solubilized into mixed micelles. 

Apparent absorbance of all P vesicles did not drop to zero, indicating the formation of 

polymer scaffolds using all different linear monomers. However, apparent absorbance 

of all P vesicles dropped to the lowest level at [Triton X-100]/[DLPC] ≈ 2.5. So the 

lipids were extracted from the polymer scaffolds with the same amount of surfactant 

for all different samples. This means the stability of the vesicles containing polymer 

scaffolds formed with different linear monomers against excess surfactant was similar. 

 

 

 



 

 198 

 

 

 

 

 

 

 

 

 

 

  

 

 

 

 

 

 

 

 

Figure 4.11: Apparent absorbance at 633 nm of UP (blue diamond) and P (red square) 
vesicle solutions as a function of the molar ratio of added Triton X-100 over DLPC 
lipid, for samples prepared with different linear monomers. 
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 It was observed that after extracting lipids from the polymer scaffolds, the 

apparent absorbance, or scattering, from the remaining polymer scaffolds followed 

the order of: BMA < HMA < OMA < BenzylMA. It was first hypothesized that this 

trend was caused by the different size of the polymer scaffolds after removing the 

lipids. Table 4.3 shows the DLS size measurement of the P vesicles prepared with 

different linear monomers, after adding excess surfactant. The size of the polymer 

scaffolds formed by BMA, HMA and OMA does follow the aforementioned trend, 

but that formed by BenzylMA doesn’t. The polymer scaffolds should be the same size 

when formed in the vesicle bilayers because the size of the templating vesicles was 

approximately the same. The fact that the polymer scaffolds showed difference in size 

after removal of the templating vesicles indicates that they contracted to different 

extents in the aqueous solution. Larger polymer scaffolds (e.g. that formed with OMA) 

results from less contraction, which may be due to higher rigidity. However, it needs 

to be mentioned that the size measurement could be affected by the different density 

of the different materials. On the other hand, the refractive indices of the different 

linear monomers were compared (Table 4.3). And the refractive indices follow the 

order of: BMA < HMA < OMA < BenzylMA. Therefore, the increasing trend of 

scattering from polymer scaffolds formed by BMA, HMA, OMA and BenzylMA 

after removal of lipids was likely caused by a combination of difference in rigidity of 

the polymer scaffolds and difference in refractive index of the materials. 
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Table 4.3: DLS measurement of the diameter of polymer scaffolds formed by 
different linear monomers, after extracting the lipids with excess surfactant, and 
refractive index of the monomers 
 Diameter of polymer 

scaffold (nm) 
Refractive index 

BMA 443 ± 64 1.423 
HMA 557 ± 72 1.432 
OMA 562 ± 58 1.437 
BenzylMA 473 ± 51 1.512 
 

 In summary, polymer scaffolds were successfully formed in DOPC vesicles 

using EGDMA and different linear monomers. The vesicles containing different 

polymer scaffolds showed similar stability against the harsh treatment of excess 

surfactant. However, the different polymer scaffolds possibly have different rigidity, 

which might provide differential mechanical stability to the vesicles against milder 

insults such as shear forces. 
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4.4 CONCLUSIONS 

Polymer scaffolds were formed within the lipid bilayer of vesicles composed 

of non-polymerizable phospholipids, by doping hydrophobic small molecule 

monomers, cross-linkers and photoinitiators into the vesicle lamellar region, followed 

by UV-initiated polymerization. The monomer doping process caused release of 

encapsulated cargo of the vesicles, but did not cause vesicle disassembly. Formation 

of polymer scaffolds was supported by centrifugation analysis, DLS measurement, 

TEM imaging and apparent absorbance measurement of the vesicle samples at 

different steps of the polymerization process. Polymer scaffolds were successfully 

formed inside vesicles using the cross-linker EGDMA and different linear monomers. 

The vesicles containing different polymer scaffolds showed similar stability against 

the harsh treatment of excess surfactant but may potentially exhibit different stability 

against milder insults such as shear forces. This study provides useful strategies for 

the characterization of polymer scaffold formation in nanometer-sized lipid vesicles 

and the evaluation of the stability of vesicles containing polymer scaffolds, which add 

to the current understanding of the polymer scaffolding process. 
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CHAPTER 5 SUMMARY AND FUTURE DIRECTIONS 

5.1 SUMMARY 

Analyte-membrane and analyte-membrane receptor interactions are related to 

drug absorption through transmembrane diffusion and cellular signal transduction, 

respectively. Therefore, the study of these interactions plays key roles in new drug 

development. Membrane-based chromatography using artificial phospholipid vesicles 

as stationary phases provides a high-throughput approach to screen analyte-

membrane interactions. Additionally, by incorporating membrane receptors into the 

vesicle stationary phases, analyte-membrane receptor interactions can be studied. The 

utilization of artificial phospholipid vesicles and incorporated membrane receptors 

ensures the precise control of membrane composition and receptor identity, thus 

should provide improved specificity compared to traditional cell-based assays or 

cellular membrane affinity chromatography methods. However, the instability to 

common physical and chemical insults (e.g. drying, exposure to organic solvent, 

surfactant) limits the application of phospholipid vesicles, leading to possible loss of 

stationary phases due to air bubbles or shear forces generated during the separation 

processes, which can affect reproducibility of the analysis.  

In this work, polymerization inside vesicle bilayers was investigated as a 

strategy to stabilize the vesicle structure. Two major strategies to prepare polymerized 

vesicles, polymerizable lipids and polymer scaffolding inside vesicle bilayers, were 

investigated. Polymerized lipid bilayers and vesicles have shown higher stability than 

non-polymerizable counterparts against drying, exposure to organic solvent or 

surfactant. 
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 In order to improve the stability of stationary phases in membrane-based 

chromatography, intact polymerized phospholipid vesicles made of polymerizable 

bis-SorbPC lipids were synthesized and covalently immobilized on the inner wall of 

silica capillaries to serve as stationary phases in open-tubular chromatography 

separations. Although the polymerization of bis-SorbPC vesicles has been studied 

previously, polymerization conditions were optimized in detail due to newly 

encountered issues, such as vesicle degradation during polymerization and vesicle 

aggregation during storage. Redox initiation using NaHSO3 and (NH4)2S2O8 induced 

bis-SorbPC vesicle degradation during polymerization. Thermal initiation at 60 °C 

using AIBN at a monomer/initiator molar ratio of 5/1 produced polymerized bis-

SorbPC vesicles that showed enhanced stability in excess surfactant, which is a very 

harsh treatment to lipid assemblies. However, thermally polymerized bis-SorbPC 

vesicles showed aggregation when stored at room temperature for more than one day, 

probably due to vesicle fusion. Thermal initiation at a lower temperature (40 °C) 

assisted with UV irradiation produced polymerized bis-SorbPC vesicles that could 

withstand room temperature storage for up to 6 months with negligible aggregation, 

although the stability of the photo-thermal polymerized vesicles was lower against 

excess surfactant when compared to the thermally polymerized vesicles. Thermally 

and photo-thermal polymerized bis-SorbPC vesicles were both used to make 

stationary phases in silica capillaries.  

Doping of an NH2-PEG-labled lipid in the bis-SorbPC vesicles allowed 

covalent tethering of the vesicles on sulfonate-modified silica capillary walls. The 

polymerized bis-SorbPC vesicle coatings were more stable than unpolymerized bis-
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SorbPC or non-polymerizable DOPC vesicle coatings against drying/rehydration or 

shear forces. FITC-labeled aliphatic amines with different lipophilicity were 

separated in polybis-SorbPC vesicle-coated capillaries in both open-tubular CLC-LIF 

and CEC-LIF formats. Retention factors of different analytes followed the same ratios 

in CLC and CEC separations, confirming the applicability of using the polybis-

SorbPC vesicle stationary phases to evaluate analyte-membrane interactions. 

Separations carried out in the polybis-SorbPC vesicle-coated capillary showed higher 

reproducibility than the non-polymerizable DOPC vesicle-coated capillary within a 

day, indicating the polybis-SorbPC vesicle stationary phases possess a higher 

stability. This was the first application of polymerized phospholipid vesicles as 

stationary phases in membrane-based chromatography. The current limitation of the 

polymerized vesicle stationary phases is that they provide lower resolution compared 

to non-polymerizable vesicle stationary phases. A possible reason for the decreased 

resolution is that the cross-linking within the vesicle bilayers partially hindered the 

partitioning of analytes within the membrane. This limitation could be solved by 

making vesicle stationary phases with a mixture of polymerizable and non-

polymerizable lipids, finding a balance between stability and resolution. 

 Artificial phospholipid vesicles have also been used to develop biosensors 

based on known ligand-receptor binding interactions. Typically, receptor-

functionalized vesicles bind to the target analyte (ligand), and the binding event is 

transduced into a measurable signal (e.g. fluorescence, electrochemical, etc). These 

sensors are useful in detection of the target ligand but do not allow identification. If 

multiple ligands bind to the same receptor, the sensors cannot differentiate which 
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ligand is present. In addition, the sensors cannot be used to identify unknown ligands 

in a complex mixture.  

In order to overcome these limitations, a novel pull-down assay was 

developed using silica core-polymerized vesicle shell particles for the detection and 

identification of peptide/protein ligands that bind to membrane receptors. In this 

approach, the ligands can be captured by receptors incorporated in the membrane 

bilayer of the polymerized bis-SorbPC vesicles. Then, bound ligands are separated 

from the sample matrix by centrifuging the core-shell particles. The bound ligands 

can be detected and identified by directly exposing the core-shell particles to 

MALDI-MS. Zeta potential measurements and fluorescence imaging proved the 

successful assembling of the novel core-shell particles. The polybis-SorbPC vesicle 

shell were more stable against organic solvent treatment compared to non-

polymerizable DOPC vesicle shell, demonstrating the feasibility of mixing the silica 

core-polybis-SorbPC vesicle shell particles with organic MALDI matrix without 

dissolving the vesicle shell. As a proof-of-concept, cholera toxin binding subunit 

(CTB) was successfully detected using GM1-functionalized core-shell particles with 

MALDI-MS. The pull-down process can separate bound ligands from unbound 

ligands and the MS can identify bound ligands. Thus, the assay has the potential to 

differentiate among multiple ligands that bind to the same receptor and identify 

unknown ligands in a complex ligand mixture. 

 Polymerizable bis-SorbPC lipids were used in the membrane-based 

chromatography and the pull-down assay described above. However, bis-SorbPC 

lipids are not commercially available and require delicate and expensive synthesis 
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procedures. Polymer scaffolding is an alternative approach to stabilize phospholipid 

vesicles by doping small molecule monomers and cross-linkers into the lamellar 

region of vesicles formed by non-polymerizable lipids. Upon initiation, the monomers 

and cross-linkers can form a cross-linking polymer scaffold inside the vesicle bilayer, 

mechanically stabilizing the vesicle structure. Components needed for polymer 

scaffolding are all readily available, compared to polymerizable lipids. However, the 

formation of polymer scaffolds in nanometer-sized vesicles is difficult to 

characterize. Currently, there is ongoing debate on whether or how polymer scaffolds 

can be formed in nanometer-sized vesicles.  

In Chapter 4, the polymer scaffolding approach was investigated using 100-

200 nm diameter DOPC vesicles, BMA and EGDMA as the linear monomer and 

cross-linker, and Irgacure 907 as the photoinitiator. Centrifugation analysis, DLS size 

measurement, TEM imaging and turbidimetry measurement all proved the formation 

of polymers inside the vesicles. The most probable configuration of the polymers is 

hollow polymer scaffolds, rather than hard polymer beads, according to the analysis 

of the DLS results. Cryo-TEM imaging could be used to further confirm the polymer 

scaffold structure. Polymer scaffolds were formed inside DOPC vesicles using 

EGDMA and linear monomers that partition differently into the vesicle bilayer, 

namely BMA, HMA, OMA and BenzylMA. Same amount of surfactant was needed 

to extract lipids out of the polymer scaffolds formed by the different linear 

monomers, indicating the stability of vesicles containing different polymer scaffolds 

is similar against excess surfactant. However, excess surfactant is a very rare 

condition when polymerized vesicles are used in membrane-based chromatography or 
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biosensor applications. Thus, the stability of vesicles containing different polymer 

scaffolds should be tested against milder but more common insults such as air 

bubbles, shear forces and organic solvents.  

 The work in this dissertation demonstrates the applicability of polymerized 

phospholipid vesicles in the development of more stable membrane-based stationary 

phases in the study of analyte-membrane interactions, and sensing platforms that can 

detect and identify ligands that bind to a glycolipid receptor. Combined with previous 

findings that membrane proteins can be inserted into polymerized lipid bilayers and 

maintain their function, it can be envisioned that polymerized lipid vesicles 

functionalized with membrane protein receptors can be used to develop highly stable 

stationary phases for specific and high-throughput ligand screening. 
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5.2 FUTURE DIRECTIONS 

5.2.1 Stationary phases using hybrid vesicles formed with a mixture of 

polymerizable and non-polymerizable lipids or polymer scaffold-stabilized 

vesicles 

 As described in Chapter 2, stationary phases made of polybis-SorbPC vesicles 

provided higher stability but lower resolution than non-polymerizable DOPC vesicles, 

likely due to cross-linking of bis-SorbPC lipids partially hindering analyte 

partitioning. Therefore, it will be a natural step to combine the stability provided by 

polybis-SorbPC lipids and the resolution provided by DOPC lipids using hybrid 

polybis-SorbPC/DOPC vesicles. Previous studies have shown that PSLBs formed 

with a mixture of polybis-SorbPC and a non-polymerizable lipid 1,2-diphytanoyl-sn-

glycero-3-phosphocholine (DPhPC) exhibited nanometer-sized domains formed by 

each lipid due to phase segregation.173 Therefore, it is possible that domains may also 

form in a hybrid polybis-SorbPC/DOPC vesicle. Domains of the cross-linked polybis-

SorbPC can help stabilize the vesicle, while domains of DOPC can help with better 

analyte partitioning. Specifically, the stability against air-drying and shear forces, as 

well as separation performance (reproducibility and resolution) will be compared 

among stationary phases formed by the hybrid vesicles, 100% polymerized and 100% 

non-polymerizable vesicles. 

 Alternatively, polymer scaffold-stabilized DOPC vesicles can be tested as 

stationary phases. In polybis-SorbPC vesicles, the lipids are directly cross-linked; 

while in polymer scaffold-stabilized DOPC vesicles, the lipids are just intercalated 

with the polymer scaffolds but not cross-linked with the polymers and it is possible 
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that the partitioning of analytes will be less hindered. Meanwhile, the polymer 

scaffolds should provide enhanced stability to the vesicle stationary phases. 

 

5.2.2 Vesicle-based thin layer chromatography (TLC)  

 Polybis-sorbPC vesicle coatings are stable against drying, as demonstrated in 

Chapter 2. Therefore, they may be developed into a stationary phase for simple and 

fast evaluation of relative analyte-membrane interactions, using a format similar to 

TLC (Figure 5.1). Concentrated analyte solution can be spotted on a dry TLC plate 

with polybis-SorbPC vesicle coatings. Then, the plate can be placed into a chamber 

containing an aqueous solution. With the solution migrating through the TLC plate by 

capillary action, different analytes will travel different distances based on their 

different partitioning interactions with the vesicles. Like in normal TLC experiments, 

analytes may be detected under a UV lamp or using iodine staining, and Rf values can 

be calculated to evaluate the retention of analytes on the vesicle stationary phases. 

Immobilization of the polybis-sorbPC vesicles on TLC plates can be realized through 

the same NH2-sulfonate reaction described in Chapter 2 by doping NH2-labeled lipids 

into polybis-SorbPC vesicles and sulfonate-modifying the TLC plates. Silica TLC 

plates can be diol-modified and then sulfonate-modified exactly as described in 

Chapter 2. Alternatively, commercially available cellulose TLC plates can be 

modified with sulfonate groups by a one step reaction with tresyl chloride in dry 

acetone and dry pyridine, since cellulose is a polysaccharide and has many hydroxyl 

groups. The proposed vesicle-based TLC can provide fast and simple evaluation of 

analyte-membrane interactions.  
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Figure 5.1: Schematic representation of the polymerized lipid vesicle-based thin 
layer chromatography, for fast and simple evaluation of analyte-membrane 
interactions. 
 

5.2.3 Sensing devices using lateral flow assays 

 As an extension to the vesicle-based TLC, receptor-functionalized, 

polymerized lipid vesicles may be immobilized on TLC plates for the detection of 

ligands that bind to the receptors, using lateral flow assays (Figure 5.2). The assays 

can be carried out in simple “dip-in” formats. When one end of the vesicle-

immobilized strip is dipped into the sample solution, the target analyte (the ligand) 

will move through the strip with the sample solution due to capillary action and bind 

to the receptors on the vesicles. The detection of the bound ligands can be carried out 

in two ways. One way is to dip the strip into a solution containing secondary vesicles, 

which are polymerized lipid vesicles functionalized with the same receptors or 

antibodies that bind to the target ligand (Figure 5.2a). Thus, the secondary vesicles 

will form immuno sandwich complexes with the target ligand and the vesicles 

immobilized on the test strip. The secondary vesicles contain reporter molecules such 

as encapsulated dyes or fluorescent lipids for visual, colorimetric or fluorescence 

detection. Another way to detect the bound ligand is to mount the test strip on 

MALDI plates for MALDI-MS analysis or directly subject the test strip to ambient 

Analyte spots 
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MS analysis (Figure 5.2b). This assay may be used in fast detection of bacterial toxins 

in environmental or food samples, with glycolipid receptor-functionalized vesicles 

immobilized on the test strips. 

 

 

 

 

 

 

 

 

 

Figure 5.2: Schematic representation of sensing devices using lateral flow assays. 
The target analyte (ligand) can be captured by receptor-functionalized, polymerized 
lipid vesicles that are immobilized on the test strip. The detection of bound ligand can 
be carried out using either secondary vesicles containing reporter molecules (a) or 
direct MALDI-MS or ambient MS analysis (b). 
 

5.2.4 Expansion of the application of the pull-down assay using silica core- 

polymerized vesicle shell particles 

 The pull-down assay described in Chapter 3 may be used to identify unknown 

ligands from a mixture of ligand candidates. The feasibility could be demonstrated by 

exposing the silica core-vesicle shell particles functionalized with a target glycolipid 

receptor to a mixture of synthetic peptides. The bound peptides could be identified by 

different molecular weight combined with fingerprint spectra of peptide fragments 

obtained by on-plate tryptic digestion, according to a previous study.137  

a 

b 
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Small molecule ligand (e.g. M.W. < 500) identification can be difficult for 

MALDI-MS because the ligand spectra may be covered by MALDI matrix spectra in 

the low mass range. Therefore, for the identification of small molecule ligands, after 

isolating bound ligands by centrifuging the core-shell particles, the bound ligands can 

be eluted by buffers with high ionic strength or extreme pH values, or organic 

solvents. The eluted ligand solution can be desalted and subjected to ESI-MS for 

identification. The stability of the vesicle coatings needs to be tested against these 

elution conditions to ensure the eluted ligand solution does not contain high amount 

of dissolved lipids, which could hinder ligand identification by MS. 

Except for glycolipid receptors, the core-shell particles may also be 

functionalized with membrane protein receptors, for the identification of ligands that 

specifically bind to the membrane protein receptors. Receptor functionalization can 

be realized by incorporating purified membrane protein receptors into the 

polymerized vesicle membranes, or attaching cellular membrane vesicles containing 

overexpressed target receptors onto the sulfonate particles. Primary amines from the 

cellular membrane surface (e.g. from lipid head groups or surface proteins) may react 

with the sulfonate groups on the particle surface for covalent tethering. The cellular 

membrane vesicles can be stabilized by polymer scaffoding. 

 

5.2.5 Further characterization of the properties of DOPC vesicles stabilized with 

polymer scaffolds formed with different linear monomers 

 In Chapter 5, it was found that DOPC vesicles containing polymer scaffolds 

formed by different linear monomers showed similar stability against excess 
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surfactant. However, excess surfactant is a very harsh treatment for lipid assemblies 

and hardly encountered in membrane-based chromatography separations or sensing 

applications. Therefore, the stability of DOPC vesicles containing polymer scaffolds 

formed by EGDMA and BMA, HMA, OMA or BenzylMA will be tested against air 

bubbles, organic solvents and shear forces. For the stability test against air bubbles, 

the polymerized vesicle solution using different linear monomers can be bubbled by a 

stream of N2 for ~15 min. The apparent absorbance at 633 nm of the vesicle solution 

can be measured before and after N2 bubbling. If there is a decrease in apparent 

absorbance, it might indicate vesicle degradation. Size distribution of the vesicle 

solution will also be measured by DLS before and after N2 bubbling. Average size 

change or size distribution change may also indicate vesicle degradation. For the 

stability test against organic solvent, the polymerized vesicles can be washed with 

buffer containing different percentages of organic solvents by centrifugation, since it 

was found that the polymerized vesicles can be centrifuged down in Chapter 5. 

Again, the apparent absorbance and size distribution of the vesicle solutions will be 

monitored before and after organic solvent treatment. For the stability test against 

shear forces, the same strategy used in Chapter 5 can be applied. Vesicles containing 

different polymer scaffolds can be doped with an NH2-labeled lipid and attached to 

sulfonate-modified silica capillary walls. The vesicles should also be fluorescently 

labeled by doping of a fluorescent lipid. Then, the fluorescence intensity of the 

vesicle-coated capillaries will be monitored while rinsing the capillary using buffer at 

different flow rates, to determine how much vesicle coatings were retained after 

rinsing at each flow rate.  



 

 214 

 The effect of polymer scaffolds formed with different linear monomers on the 

fluidity of the vesicle bilayers will also be investigated, because the bilayer fluidity 

affects the insertion, aggregation and diffusion of membrane proteins.43 Membrane 

fluidity will be evaluated by measuring the diffusion property of a guest molecule, 

pyrene, in the vesicle bilayer. Pyrene is a polycyclic aromatic hydrocarbon molecule, 

with its excited monomer (P*) fluorescing at 390 nm. If the excited monomer diffuses 

and combines with another ground state monomer, an excited dimer (P2*) forms, 

which fluoresces at 480 nm.101 Previously, it was found that the fluorescence ratio of 

P2*/P* decreased in a DDAB bilayer upon the formation of a polymer scaffold in the 

vesicle bilayer using DVB. This was because the polymer scaffold restricted the 

diffusion of pyrene in the DDAB bilayer, indicating decreased membrane fluidity.101 

Here, the fluorescence ratio of P2*/P* will be measured for bare DOPC vesicles, as 

well as DOPC vesicles containing polymer scaffolds formed with different linear 

monomers, to evaluate how membrane fluidity is affected by different polymer 

scaffolds. The information obtained can be used to guide the incorporation of 

membrane protein receptors into the polymer scaffold-stabilized vesicles, for the 

development of membrane receptor-functionalized stationary phases or biosensors. 

 

5.2.6 Development of receptor-functionalized, highly stable stationary phases for 

high-throughput ligand screening 

 The long-term goal of the work in this dissertation is to develop receptor-

functionalized, highly stable stationary phases using polymerized artificial 

phospholipid vesicles for high-throughput ligand screening. As shown in Figure 5.3, 
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there are two proposed formats for the ligand screening platform. The open tubular 

stationary phase developed in Chapter 2 can be functionalized with membrane 

receptors by incorporating the target receptor into the bilayer of the polymerized 

phospholipid vesicles. Ligands can be screened in open-tubular CLC or CEC 

separations. Alternatively, the silica core-polymerized vesicle shell particles 

developed in Chapter 3 can also be functionalized with the target receptor and packed 

into a separation column for LC separation of the ligands. In either format, multiple 

ligands in a complex mixture can be screened simultaneously in a single separation 

based on their different interactions with the target receptor. The incorporation of the 

target receptor into the polymerized vesicles needs to be optimized, in terms of the 

timing of incorporation (before or after polymerization). If the receptors are to be 

incorporated into the vesicles before polymerization, it needs to be determined which 

initiation method maintains the function of the receptors most. The incorporated 

receptor function can be evaluated by binding with known ligands. Finally, the 

separation columns will be coupled to MS detection for the identification of ligands. 
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Figure 5.3: Schematic representation of the high-throughput ligand screening 
platforms using receptor-functionalized, highly stable stationary phases made of 
polymerized artificial phospholipid vesicles, in both open-tubular and packed column 
separation formats 
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