
Urbanization and Grazing Impact on Mesquite
Phyllosphere and Soil Microbial Communities

Item Type text; Electronic Thesis

Authors Cleavenger, Sydney Paige

Citation Cleavenger, Sydney Paige. (2022). Urbanization and Grazing
Impact on Mesquite Phyllosphere and Soil Microbial Communities
(Master's thesis, University of Arizona, Tucson, USA).

Publisher The University of Arizona.

Rights Copyright © is held by the author. Digital access to this material
is made possible by the University Libraries, University of Arizona.
Further transmission, reproduction, presentation (such as public
display or performance) of protected items is prohibited except
with permission of the author.

Download date 24/05/2023 21:18:27

Item License http://rightsstatements.org/vocab/InC/1.0/

Link to Item http://hdl.handle.net/10150/663256

http://rightsstatements.org/vocab/InC/1.0/
http://hdl.handle.net/10150/663256


 

 

URBANIZATION AND GRAZING IMPACT ON MESQUITE PHYLLOSPHERE AND SOIL MICROBIAL 

COMMUNITIES 

 

by 

 

Sydney Cleavenger 

 

 
Copyright © Sydney Cleavenger 2021 

 
 

A Thesis Submitted to the Faculty of the 

 

DEPARTMENT OF ENVIRONMENTAL SCIENCE 

 

In Partial Fulfillment of the Requirements 

For the Degree of  

 

MASTER OF SCIENCE 

 

In the Graduate College of 

 

THE UNIVERSITY OF ARIZONA  

 

2022 

 

 

 



 2 

 

 
 

 

 

 

2 
 

 

 
THE UNIVERSITY OF ARIZONA 

GRADUATE COLLEGE 
 

As members of the 0DVWHU¶V�&RPPLWWHH, we certify that we have read the thesis 
prepared by:                  
titled: 
             
             
and recommend that it be accepted as fulfilling the thesis requirement for the 0DVWHU¶V�'HJUHH. 
 
 
                                _________________________________________________________________ Date: ____________ 

  
  
  
  
                                _________________________________________________________________ Date: ____________ 

  
  
  
  
                                _________________________________________________________________ Date: ____________ 

  
  
  
  
Final approval and acceptance of this thesis LV�FRQWLQJHQW�XSRQ�WKH�FDQGLGDWH¶V�VXEPLVVLRQ�RI�WKH�
final copies of the thesis to the Graduate College.   
 
I hereby certify that I have read this thesis prepared under my direction and recommend that it be 
accepted as fulfilling the 0DVWHU¶V requirement. 
 
 
 
                                _________________________________________________________________ Date: ____________ 

  
  
  
  
  
  
  
  
  

�4�) 4��' �1 )" -

'OEHUW�(DUEHU´Q

'OEHUW�(DUEHU´Q

� +�-/( )/�*!��)1$-*)( )/�'���$ )� 

�#�$-

��)�ррѶ�спсс

��)�ррѶ�спсс
�'� -/���-� -ù)

�'� -/���-� -ù)

'OLFMD�(DEVW�1RVWHFND
�'$�%�����./Ҋ�*./ �&�

��)�ррѶ�спсс

0RVHSK�(ODQNLQVKLS
��)�рсѶ�спсс

�*. +#��'�)&$).#$+



 3 

ACKNOWLEDGEMENTS 

I would like to take this opportunity to thank my faculty advisor and committee chair, Dr. Albert 

Barberán for his guidance throughout my undergraduate and graduate studies. Thank you to 

Dr. Joseph Blankinship and Dr. Alicja Babst-Kostecka for their insightful feedback and their role 

as members of my defense committee. Additionally, I would like to express my sincerest 

gratitude to Dr. Yongjian Chen and Dr. Gabriele Schiro for their extensive help and guidance 

with my research and being exemplary role models. Thank you to everyone in the Barberán lab 

for their endless encouragement and helpful advice. I am tremendously grateful to everyone 

that has helped me achieve this great accomplishment.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 4 

TABLE OF CONTENTS 

LIST OF FIGURES/ TABLES ....................................................................................................... 5 

ABSTRACT ............................................................................................................................... 6 

1. INTRODUCTION ............................................................................................................... 6 

2. MATERIALS AND METHODS ........................................................................................... 11 

2.1. Study sites ............................................................................................................................... 11 

2.2. Sampling ................................................................................................................................. 13 

2.3. Soil chemical analyses ............................................................................................................. 14 

2.4. Molecular analyses .................................................................................................................. 15 

2.5. Sequence processing ............................................................................................................... 15 

2.6. Statistical Analyses .................................................................................................................. 16 

3. RESULTS ........................................................................................................................ 17 

3.1. General description ................................................................................................................. 17 

3.2. Effect of sample type on microbial richness, diversity, and community composition ............... 18 

3.3. Effect of location on microbial richness, diversity, and community composition ...................... 20 

3.4. Effect of land use on the relative abundance of inferred soil functional groups ....................... 24 

3.5. Effect of land use on the relative abundance of inferred phyllosphere functional groups ........ 25 

4. DISCUSSION .................................................................................................................. 26 

4.1. Changes in the soil microbial richness and composition across land use types ......................... 27 

4.2. Changes in the phyllosphere microbial richness and composition across land use types .......... 29 

4.3. Changes in the proportion of functional groups across land use types ..................................... 30 

5. CONCLUSION ................................................................................................................. 31 

REFERENCES ......................................................................................................................... 33 
 

 

 

 
 
 
 



 5 

LIST OF FIGURES/ TABLES 

Figure 1. Map of sampled areas………………………………………………………………………………………….……12 

Figure 2. Pasture boundaries of SRER………………………………………………………………………………………13 

Figure 3. Collecting soil samples from the base of mesquite tree……………………………………….……14 

Table 1. Average soil physicochemical properties……………………………………………………………..…….18 

Figure 4. Overall phyllosphere and soil microbial richness and Shannon diversity…………..………19 

Figure 5. Microbial community dissimilarity NMDS ordination plot (sample type)…………..………20 

Figure 6. Bacterial/archaeal richness and Shannon diversity across locations………………………….21 

Figure 7. Fungal richness and Shannon diversity across locations…………………………………………….22 

Figure 8. Bacterial/archaeal NMDS ordination plot (location).…………………………………………………23 

Figure 9. Fungal NMDS ordination plot (location)………………………………………………………………….…23 

Figure 10. SourceTracker soil and phyllosphere plot………………………………………………………………..24 

Figure 11. Functional differences in soil samples (location)……………………………………………………..25 

Figure 12. Functional differences in phyllosphere samples (location)………………………………………26 

 

 

 

 

 

 

 

 

 

 

 

 



 6 

ABSTRACT 

Dryland degradation driven by human activities, particularly associated with urban and grazing 

land use types, has been shown to result in an overall loss of biodiversity above and below the 

soil surface. The modification of microbial community dynamics by these degrading processes 

can result in ecosystem changes that could potentially lead to the proliferation of invasive 

species, changes in biogeochemical cycling, and injury soil and plant health. This study attempts 

to investigate the impacts of urban and grazing land use types on the soil and phyllosphere 

microbiome associated with velvet mesquite (Prosopis velutina). The goal of this research was 

to analyze differences in the above and belowground microbiomes that are specific to urban or 

grazing land use types to potentially identify microbial trends associated with land degrading 

processes. Soil and phyllosphere samples were collected from three land use types including 

natural, urban, and grazing (light and heavy pressures). Soil bacterial/archaeal communities did 

not demonstrate significant differences across locations, but soil fungal richness and diversity 

was significantly lower in urban locations. However, urban phyllosphere exhibited greater 

average microbial richness and Shannon diversity than natural or grazing locations. Heavy 

grazing pressure resulted in lower soil fungal diversity, but fungal richness was not significantly 

different between grazing pressures. Inferred microbial functional group proportions showed 

that urban soils had the lowest average proportion of nitrogen fixers and cellulolytic 

microorganisms, but the greatest average proportion of fungal plant pathogens. Light grazing 

pressure exhibited a significantly greater proportion of soil arbuscular mycorrhizal fungi. The 

phyllosphere of urban locations had the greatest average proportion of nitrogen fixers and 

locations with heavy grazing pressure demonstrated the greatest proportion of phyllosphere 

fungal plant pathogens and cellulolytic microorganisms. 

1. INTRODUCTION 

Because drylands constitute 41% of the world’s terrestrial land surface, they have considerable 

influence in regulating Earth’s biogeochemical cycles and ecosystem services (EMG 2011). 

Dryland ecosystems are among the most vulnerable terrestrial biomes to disturbances that can 

stem from the effects of global change and land use changes (Hoover et al. 2020). Limited water 
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availability and restricted plant growth in arid environments results in low soil organic matter 

and slows the soil weathering processes that releases nutrients from soil minerals (Sindelar 

2015). This scarcity of resources can prolong dryland ecosystem recovery rates after ecological 

disturbances that can be naturally occurring or induced by human activities (Steven et al. 2021).  

The exposure of drylands to human-induced pressures is projected to increase (IPCC 2014), which 

can potentially produce irreversible regime shifts involving persistent alterations to vegetation 

or soil properties (Bestelmeyer et al. 2015). Different land use types like urban and grazing are 

also known to alter soil biogeochemical properties which can create changes in ecosystem 

functioning and services (Lewis et al. 2014), of which many are driven by chemical and energy 

transformations performed by soil microorganisms (Gill et al. 2020). 

Soil microbial communities are crucial to maintaining dryland soil functions and 

ecosystem services where vegetation cover is low because microbes provide ecosystem functions 

that would otherwise be provided by plants in ecosystems with greater vegetative cover 

(Blankinship et al. 2016; Steven et al. 2021). For instance, soil microorganisms are responsible for 

creating soil structure that facilitates water infiltration and structural stability, as well as 

providing necessary growing conditions for plants by cycling nutrients (Barrios 2007). Plant 

growth also relies on the aboveground microbiome, the phyllosphere, that occurs on plant 

surfaces (Vorholt 2012). Phyllosphere microorganisms provide essential functions for ecosystem 

health such as disease prevention and growth promotion for the colonized plant (Rastogi et al. 

2013). These microorganisms are the combined product of various inoculum sources and are 

subject to high variability due to the inherently open nature of the environment (Bao et al. 2020). 

Studies of the effect of land use on phyllosphere microbial communities has mainly focused on 

differences between urban and rural land use types (Sivakumar et al. 2020; Perreault & Laforest-

Lapointe 2021). To my knowledge, no study has investigated the effect of grazing on the 

phyllosphere microbiome, likely due to the lack of direct relationship between grazing and the 

above-ground microbiome.  

Land use is known to influence soil microbial community composition and functioning 

(Hall et al. 2009; Lüneberg et al. 2018). Typically, a large portion of urban land surface area 

consists of impervious sealed surfaces like asphalt and concrete and a smaller portion is made up 
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of spatially fragmented soil surfaces (McKinney 2006). Increased cover of impervious surfaces 

combined with other urban stressors like compaction and pollution can shape the urban soil 

microbiome by excluding poorly adapted soil microorganisms and filtering them out of the 

regional species pool (Gill et al. 2020). Urban environments have been shown to have similar 

ecological communities, meaning that spatially separate urban habitats tend to exhibit similar, 

urban-adapted species (McKinney 2006). Soil microbial communities demonstrate a comparable 

trend of homogenization that has been documented for macro-organisms in an urban 

environment, but responses have differed among taxonomic domains (Schmidt et al. 2017; Chen 

et al. 2021). Previous studies have reported that urbanization could influence soil microbial 

composition and function, particularly soil bacteria (Stephanou et al. 2021). As the global human 

population grows, urbanization is similarly projected to increase (UN 2018) leading to further 

modification of land required to support human demands for resources (Hall et al. 2009).  

Globally, livestock grazing systems cover more land surface than any other land use and 

dryland biomes support the majority (78%) of the global grazing area (Asner et al. 2004). Likely 

the most pervasive soil-degrading process in drylands is overgrazing which can lead to shrub 

encroachment and decreased vascular plant cover, resulting in increased soil erosion (Condon et 

al. 2019; Zhang et al. 2019). Controlled grazing is an effective method of ecological restoration, 

but overgrazing has been shown to cause significant land degradation resulting in a rapid decline 

in plant species diversity, productivity, and soil carbon (C) stock (Zhou et al. 2011). Urban and 

grazing land use comprise a majority of managed lands in Arizona (USDA 2019) and the projected 

expansion of both land use types underscores the significance of land use as a threat to dryland 

structure, stability, and functioning (Stehfest et al. 2019). 

Plant growth in desert soils is mainly limited by the lack of water and available soil 

nitrogen which can be lost due to soil physicochemical transformations like ammonia 

volatilization, nitrification, denitrification, and wind erosion (Peterjohn & Schlesinger 1990). 

However, nitrogenous emissions produced in human-dominated landscapes have increased N 

inputs to ecosystems, which may lessen N limitation in arid soils (McCrackin et al. 2008). Reactive 

N is becoming increasingly abundant in the atmosphere, water, and soil with growing rates of 

fossil fuel combustion and use of N-based fertilizers (Verma & Sagar 2020). This input of N is 
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concentrated in urban environments which may result in changes to the structure and function 

of these ecosystems (Verma & Sagar 2020). Grazing land has similarly been shown to alter N soil 

dynamics, specifically nitrate N (NO3-N) was significantly lower in grazing areas than non-grazing 

areas likely due to reduced biomass of aboveground vegetation (Xie et al. 2021). However, 

findings from a different grazing study showed that controlled grazing led to noticeable increases 

in soil C and N stocks which was strongly associated with increased plant species richness, 

vegetation cover, and biomass production (Zhou et al. 2010). Higher plant species richness has 

been shown to significantly increase microbial community biomass and N mineralization and 

therefore N availability, suggesting that soil microbial richness is influenced by land use and 

ecosystem function is influenced by plant-microbe interactions (Zak et al. 2003 as cited in Zhou 

et al. 2010).  

Soil microbial communities play a vital role in plant survival and ecosystem function by 

increasing the spatial and temporal access to scarce resources like water and nitrogen that can 

easily be lost from the vicinity without immediate intervention (Collins et al. 2008). Plants native 

to the U.S. Southwest are uniquely adapted to acquire water and nutrients where they are 

typically limited due to specific adaptations and interactions with other soil biota (Ward 2016). 

The mesquite tree (genus Prosopis) is a common shrub/small tree of the arid Southwest that 

exerts profound influence on neighboring vegetation and soil by providing vegetative cover, 

nourishment, as well as soil N (Fredrickson et al. 2006). There are over 40 species of mesquite 

species, but the two most common species of mesquite in the southwestern U.S. are the honey 

mesquite (P. glandulosa) and velvet mesquite (P. velutina). The honey mesquite is mainly found 

in Texas, New Mexico, and northern Mexico while the velvet mesquite is mainly found in 

southern Arizona (Ansley et al. 1997). Outside of its native environment, the mesquite tree is 

considered to be an invasive species primarily affecting grasslands, and mesquite encroachment 

can be facilitated by climate change, overgrazing, and reduction in fire frequency (Brown & 

Archer 1989). 

Plants can create a unique soil environment, specifically in the rhizosphere which is 

commonly described as the region of soil on or directly adjacent to plant roots in which the 

chemistry and microbiology is influenced by the plant’s root exudates. As a leguminous plant, 
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mesquite trees have rhizosphere bacteria such as Rhizobium that fix atmospheric N, generating 

inorganic forms of N that are available for plant-uptake (Zahran 1999). Additionally, plant growth-

promoting rhizobacteria reduce the effects of drought stress through the production of enzymes 

and metabolites that directly influence nutrient uptake and plant growth (Rubin et al. 2017). In 

drylands, soil N is cycled within a fungal loop that links N-limited plants with N-fixing biological 

crusts (Rudgers et al. 2018). This joined above- belowground system can limit N losses by 

enhancing microbial N retention (Collins et al. 2008).  

The diversity and composition of both, soil and phyllosphere microorganisms has been 

found to influence ecosystem productivity as well as each other (Perreault & Laforest-Lapointe 

2021). The soil associated with the roots of the mesquite tree typically has greater nutrient 

content and greater microbial biomass (Philippot et al. 2013). This region can also show evidence 

of factors affecting plant health due to changes in microbial community composition resulting 

from interactions between soil microorganisms and the plant (Gundale & Kardol 2021). The 

interplay between the soil microbiome and phyllosphere microbiome is denoted by the 

phenomena of plant soil feedbacks in which the plant influences soil biotic and abiotic 

parameters, which impacts the plant’s growth and survival (Bever 1994). External factors that 

can affect plant health include environmental stressors like soil compaction, pollution, and 

erosion (Ravi et al. 2010). These stressors can result in changes to the above and belowground 

microbial community and these microbial characteristics may be illustrative of ecosystem health 

(Perreault & Laforest-Lapointe 2021). Land use type influences soil physicochemical 

characteristics, which in turn shape the structure and diversity of soil microbial communities 

(Lüneberg et al. 2018). Phyllosphere microbial community composition has also been shown to 

differ across land use types (Smets et al. 2016).  

In this study, I investigated the impact of unmanaged (henceforth referred to as 

“natural”), urban, and grazing land use on the root-associated soil and phyllosphere microbial 

communities of mesquite trees. I hypothesized that 1) land use type would have a greater effect 

on community composition in the phyllosphere than in the in root-associated soil because the 

phyllosphere microbiome is more subject to frequent environmental changes. Further, 2) soil in 

natural land use types would exhibit more functionally diverse soil microbial communities than 
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urban soils due to less homogenous resource availability. Finally, heavily grazed soils would have 

lower proportions of soil arbuscular mycorrhizal fungi (AMF) because of lower plant diversity and 

vegetation cover, and 4) urban soils will have a greater proportion of soil microorganisms 

associated with N fixers due to greater N deposition. 

2. MATERIALS AND METHODS 

2.1. Study sites 

The soil and phyllosphere samples were collected from six locations in the arid US Southwest – 

in or near Tucson, Arizona, USA that correspond to different land use types (i.e., natural, urban, 

and grazing; Figure 1). Sabino Canyon in the Coronado National Forest (32°18'51.0"N 

110°49'10.7"W) and Catalina State Park (32° 25' 34.7"N 110° 54' 19.5"W) are classified as natural 

protected areas (elev. 837.71 m and 830.26 m, respectively).  The University of Arizona campus 

(32°13'51.5"N 110°57'10.9"W) and Reid Park (32°12'34.0"N 110°55'16.6"W) are classified as 

urban land use types with sparse, manicured vegetation (elev. 740.95 m and 758.84 m, 

respectively). Two locations in the Santa Rita Experimental Range are classified as grazing land 

use types with the heavy grazing site located in pasture 12E (31°49'29.8"N 110°55'53.0"W) and 

the light grazing site located in pasture 8 (31°46'02.5"N 110°50'45.3"W) (Figure 2). Santa Rita 1 

(SRER 1) corresponds to heavy grazing and Santa Rita 2 (SRER 2) corresponds to light grazing 

(elev. 978.49 m and 1295.59 m, respectively). The SRER 1 pasture is 2,562 acres with a herd size 

of 436 grazing for a period of 8 days, and the grazing period ending three months prior to the 

date of sampling (SRER 2019). The SRER 2 pasture is 815 acres with a herd size of 77 grazing for 

a period of 64 days, and the grazing period ending approximately 9 months prior to sampling.  

 Natural and grazing locations had similar species of vegetation, both with a variety of 

native species including velvet mesquite (P. velutina), blue palo verde (Parkinsonia florida), 

saguaro (Carnegiea gigantea), cholla (genus Opuntia), and creosote bush (Larrea tridentata) 

(https://aznps.com/floras/southern-arizona/). However, the Santa Rita Experimental Range has 

more vegetation cover by perennial grasses like grama grass (genus Bouteloua) 

(https://www.fs.usda.gov/treesearch/pubs/5606). Vegetation in urban locations also included 

common species native to the Southwest, but generally had more exotic species like cork oak 
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(Quercus suber), eucalyptus (Eucalyptus microtheca), mulberry (Morus alba), and walnut (genus 

Juglans) (https://arboretum.arizona.edu/). 

Soil series classification and supporting information was acquired through Web Soil 

Survey (WSS), a national cooperative database operated by the USDA Natural Resources 

Conservation Service (NRCS)( https://websoilsurvey.sc.egov.usda.gov/). There is no recorded soil 

survey data for the Coronado National Forest, including Sabino Canyon, but the bordering soils 

generally consist of shallow well-drained soils formed in slope alluvium, residuum, and colluvium, 

like Lampshire series (10 – 20% clay) and Lehmans series (35 – 60% clay) (USDA 2003). The 

sampling area within Sabino Canyon is located adjacent to an ephemeral stream, so soil type 

would likely be similar to alluvium. The Catalina State Park location consists of deep, well-drained 

soils classified as Sasabe-Caralampi complex soils consisting of 45% Sasabe sandy loam and 30% 

Caralampi extremely gravelly sandy loam. The heavy grazing location (SRER 1) in the Santa 

Experimental Range is comprised of coarse-loamy, mixed soils classified as Anthony series, a very 

deep well-drained soil formed by stratified alluvium, and the light grazing location (SRER 2) has 

Lampshire-Chiricahua association soils, defined as a very cobbly loam. Reid Park has very deep, 

well-drained soils formed in mixed alluvium, classified as Mohave series as well as urban land. 

The University of Arizona soils are classified as Cave series consisting of very shallow, well-drained 

loamy soils formed in mixed alluvium. 

 
Figure 1. Map of sampled areas (Tucson, AZ) generated with ArcGIS (https://www.arcgis.com/). 
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Figure 2. Pasture boundaries of Santa Rita Experimental Range 2018-2019 for large herds 

(pasture 12E) and small herds (Pasture 8) (SRER 2019). 

2.2. Sampling 

Ten soil samples, five designated for molecular analyses and five designated for physicochemical 

analyses, and five accompanying phyllosphere samples were collected from each site for a total 

of 60 soil samples and 30 phyllosphere samples. Soil and phyllosphere samples were collected 

from during late October and early November of 2019. Composite samples of the mesquite 

phyllosphere were collected from the same species (P. velutina). Mesquite trees sampled from 

urban locations were substantially wider and taller than those sampled from natural and grazing 

locations. Soil samples were collected within the mesquite root system at a depth of 10 cm, 

adjacent to the base of the tree using a trowel to remove surface soil and a sterile scoop spatula 

to collect samples (Figure 3). Phyllosphere samples were collected by cutting 10-15 leaves 
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(approx. 100 g) off the outer branches of the mesquite tree approximately 1.5 m from the soil 

surface. Both soil and phyllosphere samples were individually placed in sterile Whirl-Pack plastic 

bags, stored on ice, and immediately transported to the University of Arizona laboratory. The 

samples were stored in -80 °C freezer until molecular analyses were performed.  

 

 
Figure 3. Collecting soil samples from the base of mesquite tree. 

2.3. Soil chemical analyses 

To obtain an overview of soil chemical properties across locations, pH, electrical conductivity 

(EC), as well as C and N content was measured for each soil sample. Soil was sieved to 2 mm and 

air-dried overnight. Soil pH was measured with a 1:1 (w/v) soil to deionized H2O using a FiveEasy 

Plus pH meter (METTLER TOLEDO, Columbus, OH, USA) in combination with an accumet Single-

Junction pH electrode (Fisherbrand, Waltham, MA, USA). Soil EC was measured using a 1:5 (W/v) 

soil to deionized H2O ratio using a FiveEasy Plus pH meter combined with a Cond probe LE703 

(METTLER TOLEDO, Columbus, OH, USA). To measure soil C and N concentrations, the samples 

were oven dried at 105˚C, manually grinded with a mortar and pestle, and weighed at 1 g for 

combustion analysis using an Elementar Vario Max Cube (Elementar Americas, Ronkonkoma, NY).  



 15 

2.4. Molecular analyses 

Soil genomic DNA was extracted from samples using the Qiagen DNeasy PowerLyzer PowerSoil 

Kit according to the manufacturers’ instructions. Bacterial and archaeal communities were 

analyzed through PCR amplification of the V4 hypervariable region of the 16S rRNA gene using 

the 515-F (GTGCCAGCMGCCGCGGTAA) and 806-R (GGACTACHVGGGTWTCTAAT) primer pair 

(Caporaso et al. 2012). For fungal communities, PCR amplification of the first internal transcribed 

spacer (ITS1) region of the rRNA operon was performed using the ITS1-F 

(CTTGGTCATTTAGAGGAAGTAA) and ITS2 (GCTGCGTTCTTCATCGATGC) primer pair (Schoch et al. 

2012). The primers included Illumina adapters with the reverse primers having an error-

correcting 12-bp barcode specific to each sample to allow for demultiplexing. Negative controls 

were included to detect potential contamination. PCR products were cleaned using an UltraClean 

PCR Clean-Up Kit, and fluorescently quantified using the Quant-iT PicoGreen dsDNA Assay Kit. 

Purified PCR products were pooled in equimolar concentrations and sequenced on a 2 x 150 bp 

Illumina MiSeq platform.  

Phyllosphere microbial cells were collected from leaflet surfaces using methods detailed 

by Kembel et al. (2014). For each sample, the leaves were agitated for 5 min in a 1:50 diluted 

wash solution [1 M Tris·HCl, 0.5 M Na EDTA, and 1.2% CTAB] (Kadivar & Stapleton 2003 as cited 

in Kembel et al. 2014) and pelleted via centrifugation at 4,000 x g for 20 min. The supernatant 

was removed, and DNA was isolated using the same procedures applied to soil samples with the 

Qiagen DNeasy PowerLyzer PowerSoil Kit according to the manufacturers’ instructions. The same 

PCR amplification procedures, primer pairs, and sequencing methods used for soil samples were 

applied to phyllosphere samples. Sequencing runs for soil and phyllosphere were conducted at 

the Microbiome Core, Steele Children Research Center at the University of Arizona. 

2.5. Sequence processing 

Raw reads were demultiplexed using idemp (https://github.com/yhwu/idemp) and processed 

using DADA2 (Callahan et al. 2016) to assemble reads into error-corrected amplicon sequence 

variants. DADA2 can resolve exact biological sequences by assembling reads into error-corrected 

amplicon sequence variants (phylotypes hereafter). The DADA2 pipeline included quality 



 16 

filtering, modeling of error rate, dereplication, phylotype inference, merging of paired-end reads, 

chimera removal, construction of phylotype count table, and taxonomy assignment. Before 

quality filtering, cutadapt (Martin 2011) was used to remove primer sequences in ITS reads due 

to length variation in the ITS region. During quality filtering, the 16S reads were truncated to the 

same length, however, ITS reads were not trimmed due to the potential for the truncation length 

to exceed ITS variant lengths. The 16S and ITS reads were assigned taxonomic identities using the 

RDP classifier (Wang et al. 2007) with a confidence threshold of 0.5, trained on the SILVA nr 

version 132 database (Quast et al. 2013) for bacteria/archaea and the UNITE database 

(Abarenkov et al. 2010) for fungi. Phylotypes that were present in the negative controls and 

variants without a domain classification or classified as mitochondria, chloroplasts, or Eukaryota 

were removed. Samples with less than 10,000 sequences were also removed and the sequence 

counts were normalized using cumulative-sum scaling (Paulson et al. 2013). The putative 

functions of bacterial/archaeal phylotypes were inferred using FAPROTAX (Louca et al. 2016) and 

putative fungal guilds were inferred using FUNGuild (Nguyen et al. 2016). Fungal phylotypes with 

a “highly probably” or “probable” confidence ranking assigned to a single guild were retained. 

2.6. Statistical Analyses 

Statistical analyses were implemented in R using the vegan, lme4, lmerTest, car, and agricolae 

packages. To determine the effect of sample type (soil or phyllosphere) on richness and Shannon 

diversity of bacteria/archaea and fungi, linear-mixed effects models were used. Soil and 

phyllosphere samples were classified as fixed effects and location was classified as random 

effects. To analyze the effect of sample type on Bray-Curtis dissimilarity, permutational 

multivariate analysis of variance (PERMANOVA) was used with permutation restricted within 

location. Community composition was visualized using non-metric multidimensional scaling 

(NMDS) to compare community dissimilarity of soil and phyllosphere samples. To determine the 

effect of location on compare and Shannon diversity of bacteria/archaea and fungi among sample 

sites, analysis of variance (ANOVA) was performed followed by a post-hoc Tukey’s honestly 

significant difference (HSD) test for soil and phyllosphere samples, separately. To analyze the 

effect of location on Bray-Curtis dissimilarity, permutational multivariate analysis of variance 
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(PERMANOVA) was performed. Additionally, using the SourceTracker package in R, the 

proportion of phyllosphere microorganisms coming from the associated soil microbiome was 

estimated (Knights et al. 2011). The SourceTracker package is a Bayesian approach used to 

identify sources and sink environments in marker-gene and functional metagenomic studies. The 

approach models contamination of a sink community by source communities and directly 

estimates the proportion of sink taxa from a known source environment. In this study, the 

phyllosphere is classified as the sink environment and soil is classified as the source environment 

to estimate the proportion of phyllosphere taxa coming from soil. To assess the effect of land use 

on the relative abundance of inferred functional groups, we used Kruskal-Wallis tests corrected 

with the Benjamini-Hochberg method (Benjamini & Hochberg 1995). 

 

3. RESULTS 

3.1. General description  

Soil physicochemical properties including pH, total C, total N, and C/N ratio were significantly 

different across sampling sites (locations hereafter). Soil EC was not significantly different across 

locations (ANOVA, F = 1.97, p = 0.12). The average soil pH of urban land use types was higher 

than soils from natural or grazing land use types (ANOVA, F = 13.33, p < 0.001). Urban land use 

types also exhibited the greatest range of soil EC and the greatest average C/N ratio (ANOVA, F = 

6.56, p < 0.001) for all land use types. The light grazing location, Santa Rita 2 (SRER 2), exhibited 

the greatest average C and N content (ANOVA, F = 10.46, p < 0.001; F = 9.61, p < 0.001, 

respectively) (Table 1).  

There were 9,206 unique bacterial/archaeal phylotypes and 3,007 unique fungal 

phylotypes detected across the 30 soil samples. On average, 698 bacterial/archaeal phylotypes 

and 221 fungal phylotypes were detected per soil sample, ranging from 193-972 for 

bacteria/archaea and 68-358 for fungi (Figure 4). At the class level, soil bacterial/archaeal 

communities were dominated by Actinobacteria (44.99%), Proteobacteria (23.26%), 

Acidobacteria (7.68%), and Chloroflexi (4.70%). Additionally, soil fungal communities were 
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dominated by Ascomycota (17.14%), Basidiomycota (17.14%), Mortierellomycota (16.57%), 

Chytridiomycota (12.57%), Glomeromycota (10.29%), and Rozellomycota (8.57%).  

For phyllosphere samples, there were 5,844 unique bacterial/archaeal phylotypes and 

3,766 unique fungal phylotypes detected across the 30 samples. An average of 418 

bacterial/archaeal phylotypes and 302 fungal phylotypes were detected per phyllosphere 

sample, ranging from 77-758 for bacteria/archaea and 113-11,382 for fungi (Figure 4). 

Phyllosphere bacterial/archaeal communities were dominated by Proteobacteria (42.64%), 

Actinobacteria (36.15%), Firmicutes (7.51%), and Bacteroidetes (7.31%). The phyllosphere fungal 

communities were dominated by Ascomycota (34.09%), Basidiomycota (34.09%), 

Mortierellomycota (13.64%), Chytridiomycota (9.09%), and Mucoromycota (3.41%). 

 

Table 1. Average soil physicochemical properties 

 Natural Grazing Urban 

 
Catalina State 

Park 
Sabino 
Canyon Santa Rita 1 Santa Rita 2 University of 

Arizona Reid Park 

pH 5.77 (0.75) 5.89 (0.51) 5.69 (0.39) 5.5 (0.39) 7.56 (0.57) 7.12 (0.46) 

EC (mS/m) 126.51 (92.22) 96.77 (57.77) 55.43 (29.94) 177.49 (88.15) 251.14 (222.51) 360.78 (349.81) 

Total N (%) 0.16 (0.08) 0.21 (0.09) 0.11 (0.02) 0.54 (0.24) 0.16 (0.04) 0.17 (0.05) 

Total C (%) 1.86 (1.01) 2.51 (1.16) 1.29 (0.31) 6.76 (2.88) 2.13 (0.57) 2.4 (0.38) 

C/N ratio 11.52 (0.64) 11.82 (0.78) 11.47 (0.76) 12.51 (0.28) 13.17 (1.16) 14.8 (2.11) 

Note: n = 5 for each location. SD in parentheses. EC = electrical conductivity. 

3.2. Effect of sample type on microbial richness, diversity, and community composition 

Phyllosphere samples generally exhibited higher fungal richness than soil samples, while soil 

samples had higher bacterial/archaeal richness than phyllosphere samples. Sample type (i.e., 

phyllosphere or soil sample) explained 37.9% of the variability in bacterial/archaeal richness and 

17.2% of the variability in fungal richness (linear mixed-effects: F = 41.964, p < 0.001; F = 12.227, 

p = 0.0091, respectively). Sample type did not have a significant effect on phyllosphere fungal 

Shannon’s diversity, explaining only 1.2 % of the variability (linear mixed-effects: F = 0.8124, p = 

0.3715). However, sample type explained 27.8% of the variability in bacterial/archaeal Shannon’s 

diversity (linear mixed-effects: F = 26.229, p < 0.001) (Figure 4). 
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Both bacterial/archaeal and fungal community composition was different between 

phyllosphere and soil samples. For bacteria/archaea, sample type explained 19.9% of the 

variation in community dissimilarity (PERMANOVA, F = 14.398, p = 0.001). For fungi, sample type 

explained 21.6% of variation in community dissimilarity (PERMANOVA, F = 15.934, p = 0.001) 

(Figure 5).  

 
Figure 4. Overall phyllosphere and soil bacterial/archaeal richness and Shannon diversity (top); 

overall phyllosphere and soil/bacterial fungal richness and Shannon diversity (bottom). 
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Figure 5. Bacterial/archaeal (left) and fungal community dissimilarity (right) (Bray-Curtis) non-

metric multidimensional scaling (NMDS) ordination plot for soil and phyllosphere samples 

(stress = 0.10 and 0.09, respectively). 

3.3. Effect of location on microbial richness, diversity, and community composition 

Overall, location had a greater effect on phyllosphere bacterial/archaeal richness and diversity 

than soil bacteria/archaeal richness and diversity (Figure 6). Location did not have a significant 

effect on soil bacterial/archaeal richness or diversity (ANOVA, F = 0.492, p = 0.779; F = 0.747, p = 

0.597, respectively), but phyllosphere bacterial/archaeal richness and diversity was significantly 

affected by location (ANOVA, F = 7.075, p < 0.001; F = 4.178, p = 0.007, respectively) (Figure 6). 

Fungal richness and diversity were significantly affected by location for both phyllosphere and 

soil samples (Figure 7). Soil fungal richness and diversity was significantly affected by location 

(ANOVA, F = 10.195, p < 0.001; F = 4.901, p = 0.003, respectively) (Figure 7). Location also 

significantly affected phyllosphere fungal richness and diversity (ANOVA, F = 10.261, p < 0.001; F 

= 4.730, p = 0.004, respectively) (Figure 7). 

Bacteria/archaeal and fungal communities had different overall composition across 

locations for both sample types. Overall, location had a greater effect on community dissimilarity 

for phyllosphere samples than soil samples. Location explained more variability in phyllosphere 

bacterial/archaeal community dissimilarity (50.5%) than soil bacterial/archaeal community 



 21 

dissimilarity (33.7%) (PERMANOVA, F = 4.895, p = 0.001; F = 2.438, p = 0.001, respectively). 

Location explained more variability in phyllosphere fungal community dissimilarity (57.2%) than 

soil fungal community dissimilarity (37.5%) (PERMANOVA, F = 4.138, p = 0.001; F = 2.879, p = 

0.001). Grazing and natural land use types displayed greater community similarity to each other 

than with urban land use types, particularly in soil samples. Additionally, soils from urban land 

use types show a higher degree of variability than natural or grazing land use types while urban 

phyllosphere communities display a lower degree of variation (Figure 8 and Figure 9). Urban land 

use types exhibited the largest estimated proportion of the phyllosphere (i.e., sink environment) 

microbiome coming from soil (source environment) (Figure 10).  

 
Figure 6. Bacterial/archaeal richness (top) and Shannon diversity (bottom) for phyllosphere and 

soil samples across locations. Different letters indicate significant differences (p < 0.05) based on 
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Dunn’s test. Different colors indicate land use types; green = natural, red = grazing, and blue = 

urban.   

 

 
Figure 7. Fungal richness (top) and Shannon diversity (bottom) for phyllosphere and soil samples 

across locations. Different letters indicate significant differences (p < 0.05) based on Dunn’s test. 

Different colors indicate land use types; green = natural, red = grazing, and blue = urban. 
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Figure 8. Bacterial/archaeal non-metric multidimensional scaling (NMDS) ordination plot for 

phyllosphere (left) and soil (right) community dissimilarity across locations (stress = 0.09 and 

0.12, respectively). 

 

 
Figure 9. Fungal non-metric multidimensional scaling (NMDS) ordination plot for phyllosphere 

(left) and soil (right) community dissimilarity across locations (stress = 0.10 and 0.13, 

respectively). 
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Figure 10. Estimated proportion of phyllosphere (sink) bacterial/archaeal and fungal 

microbiome coming from soil (source) generated using SourceTracker. Different colors indicate 

land use types; green = natural, red = grazing, and blue = urban. 

3.4. Effect of land use on the relative abundance of inferred soil functional groups 

The four plots shown on the right side of Figure 11 and Figure 12 were chosen because the 

functional groups showed statistically significant differences across locations. There are more 

than four significantly different functional groups for soil and phyllosphere samples, but these 

four were chosen based on their relevance to this study. Locations exhibited similar trends within 

land use types for soil functional group proportions, suggesting land use type had an influence 

on the relative abundance of certain soil functional groups. Natural land use types exhibited the 

lowest overall proportion of arbuscular mycorrhizal fungi (AMF) (mainly Rhizophagus sp.) (x2 = 

15.61, padj = 0.03) and both natural locations exhibited similar proportions of significant 

functional groups. Grazing land use types exhibited the greatest proportion of soil 

microorganisms associated with N fixation (mainly Bradyrhizobium sp.) (x2 = 17.10, padj = 0.02). 

Soil AMF was more abundant on average in the light grazing location (SRER 2) than the heavy 

grazing location (SRER 1). The relative abundance of arbuscular mycorrhizal fungi was also very 

different between urban locations, with the University of Arizona soils exhibiting the greater 
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abundance of fungal plant pathogens (mainly Curvularia sp. and Limonomyces sp.) (x2 = 14.84, 

padj = 0.03) among land use types (Figure 11). 

 

 
Figure 11. Functional differences in soil samples across land use types (left). Significant (p < 

0.05) functional groups based on Kruskal–Wallis test with p-value corrected by Benjamini–

Hochberg method for soil samples across locations (right). 
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statistically significant) between locations within the land use type. Specifically, Sabino Canyon 

exhibited a greater proportion of phyllosphere N fixers than the other natural location, Catalina 

State Park, and the light grazing site (SRER 2) exhibited a greater proportion of phyllosphere N 

fixers than the heavy grazing site (SRER 1). Overall, the relative abundance of N fixers was higher 

in urban locations. The relative abundance of both, cellulolytic organisms (mainly Thermobifida 
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sp. and Dyadobacter sp.) (x2 = 10.20, padj = 0.13) and fungal plant pathogens (mainly Curvularia 

sp. and Limonomyces sp.) (x2 = 17,20, padj = 0.02) was greater (although not statistically 

significant for cellulolytic microorganisms) in the phyllosphere of SRER 1 than SRER 2. Natural 

land use types exhibited the lowest proportion of phyllosphere fungal plant pathogens among 

land use types. The urban locations, Reid Park and the University of Arizona, generally exhibited 

similar proportions of significant functional groups. Urban land use types had the greatest 

relative abundance of N fixers, with both locations showing similar proportions. Contrastingly, 

arbuscular mycorrhizal fungi (x2 = 5, padj = 0.44) was detected in only one phyllosphere sample 

from Reid Park but was absent from all other phyllosphere samples across locations (Figure 12). 

 

 
Figure 12. Functional differences in phyllosphere samples across land use types (left). Functional 

groups based on Kruskal–Wallis test with p-values corrected by Benjamini–Hochberg for 

phyllosphere samples across locations (right). 

4. DISCUSSION 

Comparing trends of soil and phyllosphere microbial richness, diversity, and composition across 
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microbiomes as well as their influence on each other. Urban and grazing land use types are not 

only distinct in appearance, but they have been shown to influence soil physicochemical 
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characteristics, as well as the structure and diversity of soil microbial communities (Lüneberg et 

al. 2018). Site-specific pressures can result in changes to the above and belowground microbial 

community and these microbial characteristics may be illustrative of ecosystem health (Perreault 

& Laforest-Lapointe 2021). Investigating the effects of land use on these particular microsites 

may be a crucial step in assessing and restoring ecosystem functions and services.  

4.1. Changes in the soil microbial richness and composition across land use types 

We did not observe statistically significant trends in soil bacterial/archaeal richness or diversity 

across land use types, but soil fungal richness and diversity changed. Previous studies have 

reported similar findings for soil microbial richness in urban locations (Chen et al. 2021; Schmidt 

et al. 2017). Soil fungal richness and diversity was significantly lower in urban locations compared 

to grazing or natural locations, which supports the findings of a previous urbanization study 

(Tedersoo et al. 2012). Urban habitats can have lower soil fungal biomass compared to outlying 

desert soils that may partially be due to N-fertilization as well as greater accumulation of 

recalcitrant organic matter possibly due to alteration of polyphenol availability in urban 

environments (Hall et al. 2009). Soil fungal richness can be directly or indirectly influenced by 

environmental characteristics of a given land use type, but one of the main influencing factors in 

soil fungal richness is plant species richness and diversity (McKinney 2006). Urban soils are 

associated with lower plant species richness and diversity, and similarly lower primary 

productivity than natural soils (Buyantuyev & Wu 2017). Higher soil salinity exhibited in both 

urban locations (Table 1) may have also had a large influence on the lower fungal richness and 

diversity. Highly saline soils have been shown to significantly decrease the abundance of plant 

saprotrophs and litter saprotrophs and regulate the diversity of soil fungal communities and 

ecological function (Yang & Sun 2020). The average soil fungal diversity was significantly greater 

in lightly grazed soils than heavily grazed soils. This trend is reflected in previous grazing studies 

(Xie et al. 2021; Cline et al. 2017) and could be explained by the effect of grazing on soil properties 

which can alter the competitive interactions between dominant microbes and releasing or 

suppressing less abundant microbes (Eldridge et al. 2017). Specifically, studies have shown that 

higher soil C content can promote the growth of dominant taxa, thereby suppressing the growth 
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of subordinate taxa through competitive exclusion and reducing species richness (Bastida et al. 

2021). Heavily grazed soils (SRER 1) had lower C content than lightly grazed or natural locations, 

likely due to aboveground vegetation removal and lower plant species diversity, both of which 

are associated with decreased fungal diversity (Naylor et al. 2020). 

The greater clustering of bacterial/archaeal communities in different land use types based 

on Bray-Curtis dissimilarity indicates that land use type has a greater influence on soil community 

composition than it does on richness or diversity. Urban land use types were different from 

grazing or natural land use types, which may be partially attributed to the design and 

management of urban environments and their compositionally distinct soil microbiomes (Gill et 

al. 2020). Because urban environments are designed and maintained differently, community 

dissimilarity compared between sites is likely to be greater for urban land use types than natural 

land use types. This variability is similarly demonstrated by urban soil chemical characteristics.  

Variation in soil chemical properties has been shown to be a driving factor in soil microbial 

diversity and community composition (Tedersoo et al. 2012). Previous studies have 

demonstrated that bacterial and archaeal as well as fungal community composition are highly 

correlated with pH, percent organic matter, and organic C (Schmidt et al. 2017). The standard 

deviation for each measured soil chemical parameter is considerably greater for urban locations 

than natural or grazing locations. This trend is similarly exhibited by the greater soil microbial 

community dissimilarity in urban soils. Further, certain soil chemical properties like organic 

carbon, total N, and total S concentrations are increasingly hindered with increasing grazing 

intensity (Steffens et al. 2008). This trend is also reflected in the difference in average total C and 

total N between the heavy grazing site and the light grazing site. The lower C and N content 

demonstrated by the heavily grazed soil may also be impacted by a loss of biological soil crusts 

(biocrusts). Biocrusts are essential for maintaining desert ecosystem functions including nutrient 

cycling and soil stabilization (Belnap 2003), but grazing induced stressors can result in a loss of 

biocrust that is sometimes irreversible (Condon et al. 2019). Soil microbial community 

composition and structure can be positively or negatively affected by grazing (Randall et al. 2019), 

along with soil physicochemical properties (Steffens et al. 2008) and soil nutrient cycling (Liu et 

al. 2018), depending on grazing intensity.  
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4.2. Changes in the phyllosphere microbial richness and composition across land use types 

Overall, land use exhibited a greater effect on phyllosphere microbial richness, diversity, and 

community composition than the soil microbiome. The disparate magnitude of land use impact 

on soil versus phyllosphere microbial communities can be partially explained by the physical 

characteristics of the respective microbiomes.  

The average phyllosphere bacterial/archaeal richness and diversity was greatest in urban 

land use types. Similarly, the average phyllosphere fungal richness was greater in urban land use 

types compared to that of natural land use types. These findings are consistent with a study of 

urbanization effect on oak phyllosphere microbial communities (Smets et al. 2016). Greater 

phyllosphere microbial richness and diversity in urban land use types can be driven by increased 

particulate matter caused by heavy traffic pollution (Imperato et al. 2019). Higher concentration 

of atmospheric pollutants can enrich leaf surfaces with micro- and macronutrients which can 

potentially alter phyllosphere microbial dynamics (Perreault & Laforest-Lapointe 2021). 

In this study, the average phyllosphere fungal richness and diversity was greater in the 

light grazing location (SRER 2) than the heavy grazing location (SRER 1). This trend could be driven 

by differences in host population dynamics, spatial isolation, stand size, nutrient availability, as 

well as abundance of residual plant debris (Jumpponen & Jones 2009). Because the light grazing 

location had more vegetation than the heavy grazing location, it would similarly have more 

residual plant debris that can provide a source of fungal propagules (Jumpponen & Jones 2009). 

The soil microbiome may also influence the phyllosphere microbial diversity through the 

transmission of airborne soil particles (Bao et al. 2020), but the environment selects for microbes 

that can successfully colonize and grow on leaf surfaces (Sivakumar et al. 2020). Given the 

dynamic and open nature of the phyllosphere microbiome, it would be expected that 

environmental factors that drive soil microbial diversity would similarly shape the microbiome of 

leaf surfaces. This possibility was confirmed by the distinct pattern of community similarity within 

respective land use types exhibited by phyllosphere bacterial/archaeal and fungal communities 

(Figure 10). These findings are also consistent with previous studies of the phyllosphere 

microbiome across urban and rural land use types (Perreault & Laforest-Lapointe 2021).  
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 Phyllosphere microbial community composition significantly influenced by land use type 

and to a greater extent than soil community composition, which may be attributed to the 

exposure of the phyllosphere epiphytes to frequent changes in atmospheric temperature, light, 

UV radiation, and heterogenous nutrient availability (Sivakumar et al. 2020). Fungal communities 

in the phyllosphere demonstrated differences in both, community composition across land use 

types and locations, suggesting that fungal communities are more influenced by site-specific 

characteristics than phyllosphere bacteria/archaeal communities. 

4.3. Changes in the proportion of functional groups across land use types 

Unique environmental characteristics of urban habitats like increased atmospheric N deposition, 

higher pH, and elevated atmospheric CO2 concentration can influence the primary functions of 

the soil microbiome (Asabere et al. 2018; Peay et al. 2016). A recent study reported that N 

addition to soil significantly decreased the relative abundance of Rhizobium under elevated 

atmospheric CO2 treatment (Liu et al. 2021). Urban locations also exhibited the lowest proportion 

of cellulolytic microorganisms, which may be partially due to lower plant litter inputs in urban 

habitats (Chen et al. 2020). Soils from both urban locations generally exhibited similar 

proportions of functional groups, but the soil from the University of Arizona had the greatest 

proportion of AMF while soil from Reid Park had one of the lowest average proportions of AMF. 

The difference in proportions of AMF between urban locations suggests that land management 

practices may have greater influence on the relative abundance of AMF than land use type. 

Differences in land management practices like fertilization or irrigation, and other environmental 

characteristics may be a better predictor of the relative abundance of AMF (Chen et al. 2021). 

The lower proportion of AMF in Reid Park soils could also be attributed to the high levels of soil 

salinity. Soil salinity has been shown to show a negative correlation with AMF abundance, spore 

count, and colonization (Krishnamoorthy et al. 2014), so the difference in AMF proportions 

between the two urban locations may be driven by the greater soil salinity at Reid Park. Urban 

soils also exhibited the greatest proportion of fungal plant pathogens, which could be related to 

the low fungal diversity in urban locations. Microbial diversity has been identified as a key factor 

in preventing diseases in plants and can even been implemented as a biomarker for plant 
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protection (Berg et al. 2017). Grazing locations had significantly different proportions of AMF, 

suggesting the higher grazing pressure may decrease the relative abundance of AMF. A 2018 

study found that grazing can potentially alter soil function directly by altering soil properties via 

animal trampling and manure deposition or indirectly by altering plant productivity and 

community composition, particularly removal of vegetation (Yang et al. 2018).  

 The relative abundance of phyllosphere microbial functional groups is influenced by many 

factors including host plant characteristics, soil microbial and physicochemical characteristics, 

land management, and land use type (Vorholt 2012). Significant phyllosphere functional groups 

in urban locations generally exhibited similar patterns of relative abundance for N fixers and 

fungal plant pathogens. In contrast to the urban soils, having the lowest relative abundance of N 

fixers, the urban phyllosphere had the greatest proportion of N fixers. The greater relative 

abundance of N fixers in the phyllosphere could be linked to the greater atmospheric N 

concentration in urban locations (Sivakumar et al. 2020). For grazing land use types, the 

proportion of cellulolytic microorganisms and fungal plant pathogens in the phyllosphere of the 

heavy grazing location (SRER 1) was significantly greater than that of the light grazing location 

(SRER 2). This could potentially be driven by the transmission of surrounding soil microorganisms 

by aerosols, insects, or soil particles (Bao et al. 2020). Transmission (or potential contamination) 

could also potentially explain the presence of AMF in a single phyllosphere sample from Reid 

Park, while AMF was absent from all other phyllosphere samples across all locations. Because 

AMF is normally found in soil, associated with plant roots, it is very unlikely to colonize leaf 

surfaces and it could be presumed that its presence is due to recent transmission of airborne soil 

particles. Overall, the relative abundance of these phyllosphere functional groups demonstrated 

greater differences between locations rather than land use type, indicating that the phyllosphere 

microbiome is more influenced by site-specific characteristics than land use alone. 

5. CONCLUSION 

The results of this study indicate that pressures resulting from urban and grazing land uses 

produce changes to the soil and phyllosphere microbiome that are associated with land 

degradation. When compared to soil chemical parameters, the trends in microbial richness, 

diversity, and the relative abundance of functional groups can illustrate a more holistic view of 



 32 

ecosystem health. Microbial diversity, particularly in the soil, has cascading effects on the rest 

of the environment that are well demonstrated by the significantly greater proportion of fungal 

plant pathogens in urban soil associated with lower fungal diversity. The phyllosphere 

microbiome was more closely associated with site-specific characteristics rather than land use 

type, indicating that it is more prone to frequent environmental changes. Based on these 

results, future studies of dryland ecosystem health and plant soil feedbacks related to land use 

types should investigate endophytic phyllosphere microorganisms. Additionally, whole genome 

sequencing of the urban rhizosphere may be able to better identify plant responses to 

environmental conditions and improve our understanding of human impact on ecosystem 

health and its influence on plant soil feedbacks. 
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